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Chapter 1: Mechanisms for Reactions 1 
 
When a heterolytic reaction is studied as a model for the same reaction or a homologous reaction  
 that is catalyzed by an enzyme, it is usually assumed that the most relevant model reaction is 
 the one that proceeds in aqueous solution. 
 
Transfer of a Hydron 4 

Water is both an acid and a base. 4 

There are differences between the transfer of a hydron that occurs in the   5  
active site of an enzyme and the transfer of a hydron that occurs in solution. 

The observed rate constants, kF and kR, for the transfer of a hydron in solution  7  
provide insight into the differences in the abilities of various types of acids to provide hydrons   
and of various types of bases to remove hydrons. 

For hydron transfers in solution that are not significantly exergonic,  9  
the behavior of the rate constants is a function of the encounter-controlled rate constant    
and of the difference in values of pKa between the acid and the conjugate acid of the base. 

The observed rate constant for the transfer of a hydron between a particular acid 9  
and a particular base in solution provides a limit for the expected rate constant for   
the transfer of a hydron between the same acid and the same base during a chemical   
reaction in the active site of an enzyme. 

Two other types of hydron transfer that often take place in enzymatic reactions 10  
occur much more slowly in solution. 

The rates for the transfers of hydrons to or from carbon atoms in solution are slow. 11 

The intramolecular transfer of a hydron can be appreciated in the context of the 13  
intermolecular transfers that have been the subject so far. 

Suggested Reading 13 

 
Nucleophilic Substitution 14  

As is the transfer of a hydron, a nucleophilic substitution is the transfer of an 14  
electrophile between two lone pairs of electrons. 

A leaving group is the atom or group of atoms that dissociates from the rest 16  
of the electrophile during a nucleophilic substitution. 

If the leaving group in a nucleophilic substitution at carbon is improved 17  
sufficiently that it leaves from the carbon before any nucleophile collides   
with the carbon, it leaves behind a carbenium ion as an intermediate in   
a dissociative nucleophilic substitution.An oxocarbenium ion is a distinct type of carbenium ion. 18  
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A concerted nucleophilic substitution proceeding through a single concerted 23  
transition state and a dissociative nucleophilic substitution proceeding   
through an unassociated, fully intermediate carbenium ion or oxocarbenium   
ion are two extremes of a continuous spectrum of mechanism. 

One of the traditional distinctions between the two extremes of mechanism 25  
for nucleophilic substitution is the molecularity of the observed rate. 

A determination of the degree to which the bond between the carbon and the 26  
nucleophile has been formed and the degree to which the bond between the   
carbon and the leaving group has been broken in the transition state for a   
nucleophilic substitution can be made from linear free energy relationships.  

Another of the traditional distinctions between the two extremes of mechanism 29  
for nucleophilic substitution is the stereochemistry of the reaction.  

In reactions involving the addition of a nucleophile to an oxocarbenium ion, 30  
the oxygen atom has a substituent attached to it in addition to the electrophilic carbon. 

Suggested Reading 31  

 
Nucleophilic Addition and Nucleophilic Substitution at a Carbonyl Carbon 31  

The compounds that can be formed by a nucleophilic addition at a carbonyl 31  
carbon or the carbon of an imine are hemiacetals, hemiketals, acetals, ketals,                             
thiohemiacetals, thiohemiketals, and hemiaminals.  

Table 1-1: Derivatives of Acetaldehyde or Acetone as Examples of Carbonyl Compounds 32  

Nucleophilic additions to carbonyl groups are susceptible to catalysis by acids and bases. 34  

The susceptibility of a particular carbonyl group to addition can be evaluated 35  
by referring to its standard free energy of hydration. 

Table 1-2: Standard Free Energies of Hydration of Selected Aldehydes and Ketones at 25 °C 36 

Nucleophilic substitutions at a carbonyl carbon are reactions in which the 38  
oxygen of a carbonyl group, the nitrogen of an imine, or the sulfur of a thiocarbonyl   
group is replaced by the oxygen, nitrogen, or sulfur of a nucleophile. 

Suggested Reading 38  

 
Nucleophilic Substitution at an Acyl Group 39 

Most nucleophilic substitutions at acyl groups proceed through a tetrahedral intermediate. 39 

The molecular details of the formation and dissociation of a tetrahedral intermediate 40  
are homologous to those for the formation and dissociation of an adduct to a carbonyl group. 

The identity of the leaving group from a tetrahedral intermediate, and hence 42  
the acyl derivative that is the product, is usually determined both by hydronation of the   
leaving group and by the by the magnitude of the push provided by the different heteroatoms. 

Nucleophilic substitutions at acyl groups can be catalyzed either by acids or by bases. 43  

In a nucleophilic substitution at an acyl group that passes through a tetrahedral intermediate, 45   
there are always at least two steps: combination of the acyl derivative and nucleophile    
to create the tetrahedral intermediate and expulsion of the leaving group to create the products. 

There are nucleophilic substitutions at acyl groups that do not seem 47  
to have a tetrahedral intermediate in their mechanism. 

As in any nucleophilic substitution, in the nucleophilic substitution at an acyl group, 50  
the s bond to the leaving group is broken and a s bond to the nucleophile is formed.   
Again, it is a matter of timing. 
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Table 1-3: Standard Free Energies of Hydrolysis of Selected Acyl Derivatives at 25 °C 52  

Biochemically relevant acyl derivatives can be arranged in order of their 52  
standard free energies of hydrolysis, DGªhydro. 

When all four of the bonds to a carbon, single bonds or double bonds, are to 54  
heteroatoms, that carbon is in a derivative of carbonic acid. 

Suggested Reading 54  

 
Nucleophilic Substitution at Phosphorus 54  

Derivatives of phosphoric acid are susceptible to nucleophilic substitution 54  
on phosphorus, just as derivatives of carboxylic acids are susceptible to   
nucleophilic substitution on carbon. 

Associative nucleophilic substitutions at phosphoryl groups are reactions 55  
that proceed through intermediate pentaoxyphosphoranes. 

Dissociative nucleophilic substitutions at phosphoryl groups proceed 60  
through intermediate monomeric metaphosphates. 

Between the two extremes of formation of an intermediate pentaoxyphosphorane 62  
and release of free unassociated monomeric metaphosphate are mechanisms   
in which the formation of the bond to the nucleophile and the disintegration   
of the bond to the leaving group are concerted. 

As with any other type of nucleophilic substitution, the reaction coordinate and 64  
the transition state of each nucleophilic substitution at phosphorus falls   
at a particular point in a continuous spectrum of mechanisms. 

Metallic cations can accelerate nucleophilic substitutions at phosphorus in solution. 65 

Nucleophilic substitutions at phosphorus catalyzed by the active sites 66  
of enzymes have the same spectrum of mechanisms: those with intermediate   
pentaoxyphosphoranes, those with intermediate monomeric metaphosphates,   
and those with concerted mechanisms with no intermediate and a single transition state. 

Suggested Reading 67  

 
Formal Hydride Transfer 67  

Each carbon in a metabolite serves as a representative of 67  
one of the five oxidation states of carbon. 

In enzymatic reactions that change oxidation states, the oxidation–reductions 68  
connecting the oxidation state of an alcohol with the carbonyl oxidation state   
and the carbonyl oxidation state with the acyl oxidation state   
often involve the formal transfer of a hydride. 

A hydride ion never exists as a free hydride ion, just as a hydron never exists as a free hydron. 69 

There are several terms that classify molecules, other than substrates, associating with an enzyme. 71 

The positive formal charge on the nitrogen of the nicotinamide ring in NAD+ 72   
causes the 2, 4, and 6 positions on the ring to be electrophilic. 

Upon the reduction of NAD+ by addition of a hydride ion to carbon 4, 73  
the aromatic p molecular orbital system is broken. 

The substrate from which a hydride is to be removed by NAD+ 73  
almost always has at least one lone pair of electrons on an oxygen or a   
nitrogen that can provide push to the leaving hydride. 
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For a reduction accomplished by NADH of an isolated, unconjugated carbonyl group 74  
or acyl group in one direction, or for an oxidation accomplished by NAD+   
of an isolated, unconjugated alcohol or hemiacetal in the other direction,   
the transition state is formed by mixing all nine p atomic orbitals of the nicotinamide ring,   
the s atomic orbital of the hydrogen, and the p atomic orbitals of the carbonyl   
or acyl group that is either the reactant in the reduction or the product in the oxidation. 

When the electrophilic carbon in the oxidized form of a substrate is located 79  
in a conjugated portion of the substrate for a particular enzyme,   
the planar p molecular orbital system of that substrate often forms   
a parallel stack with the p molecular orbital system of the nicotinamide ring   
when it is bound in the active site of the enzyme responsible for the oxidation–reduction. 

There is a more reasonable mechanistic explanation for the common observation 82  
of the stacking by an active site of a nicotinamide upon the p molecular orbital system   
of an extended linear, conjugated system within the substrate or upon   
a carbonyl group, an acyl group, or an unsaturated ring within the substrate. 

Suggested Reading 84  

 
One-Carbon Chemistry 85 

An equivalent of formaldehyde is carried as the iminium ion on nitrogen 5 of tetrahydrofolate 86  
or, more stably, as the gem-diamine in N5,N10 methylenetetrahydrofolate. 

When they are adducts of tetrahydrofolate, the equivalents of formaldehyde and formic acid are 87  
interconverted by an oxidation–reduction involving formal hydride transfer. 

The enzymatically catalyzed reactions involving adducts of tetrahydrofolate 88  
with the equivalent of either formic acid or formaldehyde have mechanisms   
that avoid the formation of free formic acid or free formaldehyde. 

Suggested Reading 90  

 
Enolates, Enols, and Enamines 90  

The hydrogen on a carbon immediately adjacent to a carbonyl group 90  
or an acyl group is acidic because the electronegative oxygen   
two atoms away from that carbon can support the excess electron density of the conjugate base. 

The enolate of a carbonyl compound or acyl compound 92  
can be hydronated on oxygen to form the enol tautomer. 

The acidity of a hydron on the a carbon adjacent to a carbonyl  93  
or acyl group in the keto tautomer varies as the substituents attached to   
the carbonyl or acyl carbon, or to the a carbon itself, are changed. 

It is possible to acidify a hydron on a carbon adjacent to a carbonyl group 95  
further by converting the carbonyl group into an iminium. 

The enol tautomer can be produced from the keto tautomer of an aldehyde 96  
or a ketone in an acid-catalyzed reaction or base-catalyzed reaction. 

Carbon–carbon bonds are usually made or broken biochemically 97  
by the nucleophilic addition of an enolate ion or an enamine to a carbonyl group   
or by the nucleophilic substitution of a heteroatom at an acyl group by an enolate ion or an enamine. 

Enolate ions, enols, enamines, and enethiols are intermediates 98  
in carboxylations and decarboxylations. 
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Enol tautomers are intermediates in the isomerizations 101  
of a-hydroxy ketones or a-hydroxy aldehydes. 

Suggested Reading 102  

 
Elimination–Addition 102  

In an elimination–addition, an acid or electrophile and a base or nucleophile 102  
are removed from two adjacent carbons or two carbons separated by one or more double bonds   
to produce a double bond or an additional double bond or an acid or electrophile   
and a base or nucleophile are added to a carbon–carbon double bond or   
the two ends of a conjugated set of double bonds. 

Some elimination–additions proceed through an intermediate carbenium ion 102  
and others proceed through an intermediate carbanion but the majority are probably   
somewhere on a spectrum between these extremes. 

The isomerization of olefins can proceed through either 104  
an intermediate carbenium ion or an intermediate carbanion. 

An elimination–addition passing through an intermediate carbocation 106  
and an elimination–addition passing through an intermediate carbanion   
are two extremes of a spectrum of mechanism, and each concerted   
elimination–addition occupies a position in this spectrum between these two extremes.  

The stereochemistry of a concerted elimination–addition is determined mainly by steric effects.             108  

The rate of an elimination that occurs adjacent to the carbonyl group of a ketone 109  
or aldehyde, and that proceeds through an intermediate enolate under catalysis   
by a base, can be enhanced by conversion of the ketone or aldehyde to an imine. 

An addition to a carbon–carbon double bond conjugated to a carbonyl, imino, or acyl group 110  
in which a nucleophile adds to the carbon in the double bond peripheral to   
and a hydron or electrophile adds to the carbon distal to the carbonyl, imino, or acyl group   
is a commonly encountered reaction. 

Suggested Reading 110 

 
Biotin 111  

Biotin participates in carboxylations. 111  

The N,N¢-dialkylurea is the catalytic center of biotin, and the central intermediate 113  
in all reactions involving biotin is N3-carboxybiotin. 

In an active site catalyzing the transfer of the carboxy group from N3-carboxybiotin 116  
to an acceptor, the carboxy group is transferred to an enol or enolate. 

Suggested Reading 117  

 
Electrophilic Aromatic Substitution 118  

There are a number of electrophilic aromatic substitutions catalyzed by enzymes. 118  

Suggested Reading 121  

 
Pericyclic Reactions 121  

A pericyclic reaction is a rearrangement of covalent bonds that proceeds 121  
in a concerted manner through one transition state. 
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A pericyclic reaction is a concerted reorganization of bonding that takes place through 122  
an aromatic transition state that is a cyclic array of overlapping atomic orbitals.    

There are instances of enzymatically catalyzed pericyclic reactions. 124  

The assignment of a pericyclic reaction as the mechanism of an enzyme 127  
in the absence of direct evidence for such an involvement results from its irresistibility,   
but in many cases, this may be wishful thinking. 

Suggested Reading 129  

Problems 1-1 to 1-11 129  

References 132  

 
Chapter 2: Prosthetic  Catalysis 154 
 
Prosthetic groups exist because they effect chemical transformations   
beyond those that can be accomplished by the unmodified side chains of the amino acids. 
 
 
Pyridoxal 5¢-Phosphate 155  

Pyridoxal 5¢-phosphate, when acting as a prosthetic group, is usually 155  
bound covalently to the resting enzyme as an internal pyridoximine with one of its lysines. 

Almost all the substrates upon which the internal pyridoximines 158  
of pyridoxal 5¢-phosphate within active sites act prosthetically are primary amines,   
and the first step in every one of these reactions catalyzed by pyridoxal 5¢-phosphate   
is to form the external pyridoximine between the nitrogen of that primary amine   
of the substrate and the 4¢ imino carbon of the internal pyridoximine. 

When the primary amine of a substrate is coupled as the external pyridoximine 161  
of pyridoxal 5¢-phosphate and the pyridinio nitrogen 1 of the external pyridoximine   
is hydronated, the three s bonds on the carbon of the substrate a to the iminium nitrogen   
become susceptible to heterolytic dissociation. 

Each of the steps in which an electrophile dissociates from the carbon 167  
immediately adjacent to the iminium nitrogen in an external pyridoximine   
produces a quinonoid intermediate that is electron-rich and capable of push. 

The product resulting from an elimination of a leaving group from the b carbon 171  
of a quinonoid intermediate is the external pyridoximine of a 2-aminoacrylate. 

In many of the enzymatic reactions in which a quinonoid intermediate is formed 172  
from a prosthetic pyridoxal 5¢-phosphate, rather than exploiting its electron density   
to push a leaving group from the b carbon, the next step is to exploit its basicity   
by adding a hydron to carbon 4¢ to form the N-(5¢-phosphopyridoxyl)imine. 

An N-(5¢-phosphopyridoxyl)imine within an active site can be readily hydrolyzed 174  
to the corresponding aldehyde or ketone and pyridoxamine 5¢-phosphate. 

Just as electron density is withdrawn from any one of the s bonds on the a carbon 176  
of an external pyridoximine, the iminium in an N-(5¢-phosphopyridoxyl)iminium   
withdraws electron density from any one of the s bonds on the b carbon of the substrate   
and promotes the dissociation of an electrophile from that b carbon. 

When an electrophile dissociates from the b carbon of an N-(5¢-phosphopyridoxyl)iminium  177  
as a result of electron withdrawal by the adjacent iminium,    
an N-(5¢-phosphopyridoxyl)enamine is formed. 
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With N-(5¢-phosphopyridoxyl)-1-carboxy-2-propen-1-imine and its conjugate base, 179  
the quinonoid intermediate of ethenyl glycine, extension of the p molecular orbital system   
of the pyridoxal 5¢-phosphate into an a amino acid reaches its extreme. 

There are peculiar variations on this common theme for the mechanism 180  
of the reactions catalyzed by pyridoxal 5¢-phosphate. 

A prosthetic group that provides a catalytic capacity similar to that of pyridoxal 5¢-phosphate 182  
is a covalently attached N-pyruvoyl group. 

Suggested Reading 182  

Problems 2-1 to 2-10 182  

 
Thiamine Diphosphate 185  

The first step in the enzymatic reactions catalyzed by thiamine diphosphate is 186  
removal of the hydron on carbon 2 to form the ylide of thiamine. 

The ylide of thiamine diphosphate reacts with an aldehyde or a ketone 189  
to form the product of an addition to a carbonyl. 

Because it resembles the cationic nitrogen in an iminium, the cationic nitrogen 190  
in the N,N-dialkylthioimidoester in the thiazolio ring of an adduct   
between thiamine and a carbonyl group withdraws electron density from the s bonds   
around the former carbonyl carbon and promotes the dissociation of an incipient electrophile. 

The a-hydroxy enamine that is the immediate product of dissociation 194  
of the electrophile from the adduct between thiamine diphosphate and an aldehyde or ketone   
is nucleophilic at its a carbon. 

Because of its electron excess, the a-hydroxy enamine that incorporates a thiazole 195  
is basic and nucleophilic at its a carbon. 

The puzzle is to define the roles of the 4¢-amino group of the 4¢-aminopyrimidine 197  
in these steps. 

In a few of the reactions that rely on a prosthetic thiamine diphosphate, 198  
the excess electron density of an a-hydroxy enamine that incorporates   
thiamine diphosphate provides push to expand the p molecular orbital system   
further out onto and beyond the b carbon of the aldehyde or ketone that was the reactant. 

There are enzymatic reactions in which adducts of thiamine diphosphate are oxidized or reduced. 199  

Suggested Reading 204  

Problems 2-11 to 2-16 204  

 
3,5-Dihydro-5-methylidene-4H-imidazol-4-one 204  

3,5-Dihydro-5-methylidene-4H-imidazol-4 one is a strong electrophile 206  
at its methylene carbon because addition of a nucleophile, for example a primary amine,   
to that carbon gives an aromatic product. 

There is another mechanism that avoids the former problem by avoiding 207  
an adduct with the amino group of the substrate and solves the latter problem   
by directly acidifying the b carbon. 

Suggested Reading 209  
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Flavin 209  

The various flavins have, as their catalytically active portion, 209  
a 7,8-dimethylisoalloxazine substituted at nitrogen 10. 

There are three stable oxidation states of flavin that differ sequentially by two one-electron steps.  210  

A reduced molecule and an oxidized molecule, such as oxidized flavin and reduced flavin, 214  
that can be interconverted by subtracting or adding only electrons and hydrons are a redox couple. 

The pH of the solution has a significant effect on the reduction potential 219  
of a redox couple that has acidic or basic positions in its structure. 

When flavin is in a protein, the midpoint reduction potential for the two-electron reduction 223  
of oxidized flavin to reduced flavin, the one-electron reduction of oxidized flavin   
to flavin semiquinone, or the one-electron reduction of flavin semiquinone   
to reduced flavin is controlled, in part, by the acid–bases and the donors and acceptors   
in hydrogen bonds that surround the flavin. 

Table 2-1: Reduction Potentials of Flavin in the Active Sites of Enzymes 225  

When a molecule of flavin is bound to a molecule of protein, its semiquinone radical 226  
is often stabilized by the protein.   

Table 2-2: One-Electron Reduction Potentials in Flavoproteins Stabilizing the Flavin Semiquinone 227  

Each of the oxidation–reductions catalyzed by the flavins on flavoenzymes 228  
can usually be divided into two half-reactions, each exclusive to a redox couple. 

There are a few enzymatic reactions in which flavin is not used as a redox couple. 229  

Because of the existence of the semiquinone, flavin can be both a one-electron oxidant 231  
and reductant and a two-electron oxidant and reductant, an ability that is essential   
to its dramatic versatility but a fact that obscures the exact mechanism of its participation   
in a particular oxidation–reduction. 

Many of the two-electron reductants oxidized by flavin are nucleophiles, 231  
and the products of the oxidations are electrophiles that are reduced in the reverse direction. 

A sulfanyl group is a nucleophile that is often oxidized by a prosthetic flavin. 235  

An amino group is a nucleophile that can be oxidized by a prosthetic flavin. 239  

In many reactions, either enzymatic or nonenzymatic, in which flavin oxidizes 239  
a reactant with an acidic carbon adjacent to a carbonyl or an acyl group,   
the enolate of the reactant is an intermediate. 

There is evidence for many enzymes using flavin as an oxidant or a reductant 242  
that the mechanisms proceed by direct transfer of a hydride rather than   
either formation of a nucleophilic adduct or two one-electron transfers. 

In the crystallographic molecular models of the complexes between many flavoenzymes 244  
that catalyze formal transfers of hydride ions from carbon and their nominal substrates,   
the carbon on the nominal substrate from which the equivalent of a hydride is removed   
is often found immediately adjacent to nitrogen 5 of the flavin and points   
its carbon–hydrogen bond at nitrogen 5. 

In contrast to the frequent examples of orientations of substrates as expected 245  
for a direct in-line transfer of a hydride, there are instances in which   
a p molecular orbital system in a substrate is stacked upon the isoalloxazine.

The ability of a flavin to exist as the stable semiquinone permits it to connect  250  
a two-electron oxidation–reduction to two successive transfers of single electrons. 

Suggested Reading 251  

Problems 2-17 to 2-22 251  
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One-Electron Transfer 253  

 A prosthetic group capable of participating in transfer of single electrons is 253  
a redox couple the two members of which differ from each other by only one electron. 

There are a set of redox couples that transfer single electrons by forming stable organic radicals. 253  

There are prosthetic redox couples that transfer single electrons 258  
by the one-electron reduction or oxidation of the ion of a transition metal. 

Iron-sulfur clusters are arrays of iron ions, sulfide ions, and sulfido groups of cysteines. 259 

A heme is a visibly colored prosthetic group, always surrounded by protein, 271  
that takes on many roles in one-electron transfer. 

The biochemical standard reduction potentials of the iron ions in the hemes involved 276  
in one-electron oxidation–reduction span the range from -550 to +450 mV. 

Copper is the second most common transition metal 277  
participating in biochemical one-electron transfers. 

The biochemical standard reduction potentials that have been noted above 283  
for the various prosthetic groups participating in the transfer of single electrons   
are usually ascertained by potentiometric titration or cyclic voltammetry. 

The prosthetic groups that are one-electron redox couples are incorporated into 288  
electron-transferring coenzymes and enzymes that catalyze oxidation–reductions,   
and they transfer electrons between or within these enzymes. 

The small electron-transferring coenzymes use prosthetic flavins, 289  
prosthetic iron–sulfur clusters, prosthetic hemes, and prosthetic copper ions   
as carriers of single electrons. 

There are a number of enzymes, both soluble in the aqueous phases within a cell 290  
and embedded in cellular membranes, that catalyze the oxidation or reduction   
of a particular substrate and the subsequent reduction or oxidation, respectively,   
of one of the small electron-transferring coenzymes by passing single electrons   
among prosthetic groups within themselves. 

The large membrane-spanning enzymes that catalyze transfers of electrons 294  
in the electron transport chains in bacterial cells, mitochondria, chromatophores,   
and chloroplasts differ from these water-soluble enzymes of oxidation–reduction   
because each membrane-spanning enzyme is able to conserve a portion   
of the free energy of its respective exergonic transfer of an electron. 

In the chromatophores of most photosynthetic bacteria, the ubiquinol oxidized to ubiquinone 304  
by quinol—cytochrome-c reductase is the product of  reduction of ubiquinone   
by a photosynthetic reaction center, and the reduced cytochrome c or   
high-potential [4Fe-4S] iron protein produced by quinol—cytochrome-c reductase   
is oxidized by a photosynthetic reaction center. 

Bacterial photosynthesis is a cyclic process. 313  

In the chloroplasts of plants and in the membranes of cyanobacteria, 314  
photosynthesis is catalyzed by photosystem II and photosystem I. 

In many of the membrane-spanning enzymes catalyzing the transfer of electrons 317  
and in many of the water soluble enzymes catalyzing oxidation–reductions that proceed   
by the transfer of single electrons, there are chains of prosthetic groups   
that perform one-electron transfers and move electrons over considerable distances.

During a one-electron oxidation–reduction between two redox couples 318  
separated from each other in a protein, an unaccompanied electron can transfer   
through unadulterated protein over a considerable distance (1.5-2.5 nm). 
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The dependence on the distance between donor and acceptor of the rate constant 324  
for transfer of an electron through protein has been extensively measured. 

Side chains of aromatic amino acids such as tryptophan and tyrosine can act 329  
as intermediate relay stations through which a hole for an electron is relayed   
within a protein by hopping from one to the next. 

Other than a few instances, such as reaction centers and deoxyribodipyrimidine photo-lyase 333  
and perhaps cytochrome-c oxidase, the rate constants of normal intramolecular electron transfers   
between prosthetic groups within enzymes are usually between 10 s-1 and 105 s-1. 

Transfer of an electron can occur between subunits of a protein, 333  
between domains in a protein, or between prosthetic groups on different molecules of protein. 

Suggested Reading 337  

Problems 2-23 to 2-25 337  

 
Migration of Electronic Excitation 337  

The photon responsible for excitation of an electron in a photosynthetic reaction center 337  
is almost never absorbed directly from the ambient light by the special pair;   
instead it is absorbed nearby by an array of accessory light-harvesting prosthetic groups.  

Although the reaction centers in different classes of photosynthetic organisms 339  
are the same, the antennae associated with these reaction centers are   
wildly diverse from class to class in the identity of the prosthetic groups, their number,   
their distribution, and the mechanism for migration and capture of the excited electrons. 

The physical explanation for absorption of the photon by the arrays 344  
of light-harvesting prosthetic groups in an antenna and migration of   
the resulting electronic excitation among them is not entirely clear. 

Suggested Reading 347  

Problem 2-26 347  

 
Photoisomerization 348  

There are several prosthetic groups in which a particular double bond is isomerized 348  
from the initial E or Z conformation to the opposite conformation   
as a result of absorption of a photon of light. 

Suggested Reading 351  

 
Oxides and Hydrides of Hydrogen, Nitrogen, Oxygen, and Sulfur 352 

Molecular nitrogen is diatomic and has 10 valence electrons, and molecular oxygen is 352  
diatomic and has 12 valence electrons. 

There are flavoenzymes that use molecular oxygen as a general oxidant to reoxidize 356  
reduced flavin produced during  oxidations of their respective nominal reactants. 

There are many monooxygenases that use flavin as a prosthetic group 358  
in the monooxygenation of a substrate by molecular oxygen. 

Menaquinones and phylloquinones are both 2-alkyl-3-methyl-1,4-naphthoquinones, 365  
and 2-alkyl-3-methyl-1,4-naphthoquinones are vitamins K. 
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Aside from enzymes using flavin and vitamin K as prosthetic groups and coenzymes, 367  
almost all  of the enzymes that use molecular oxygen, molecular nitrogen,   
molecular hydrogen, superoxide radical anion, hydrogen peroxide, oxides of nitrogen,    
oxides of sulfur, and carbon monoxide as substrates have transition metals   
such as iron, copper, nickel, manganese, and molybdenum as prosthetic cations. 

There are a number of enzymatic reactions in which hydrogen peroxide is a substrate 370  
and a heme is the prosthetic group and in which the hydrogen peroxide oxidizes   
the iron in the heme to a high-valent state. 

Hemoperoxidases use hydrogen peroxide or an alkyl hydroperoxide as a reactant 375  
to produce prosthetic oxoiron(IV) porphyrin· + or oxoiron(IV) porphyrin from their ferric hemes. 

Ferrous hemes in hemoproteins such as hemoglobin and myoglobin 382  
form reversible complexes with molecular oxygen. 

Proteins containing hemes P450 comprise a family of enzymes 387  
in which a complex between molecular oxygen and ferroheme can be reduced   
by one electron to peroxyiron(III) porphyrin or hydroperoxyiron(III) porphyrin.  

Cytochrome-c oxidase catalyzes the complete reduction of molecular oxygen 394  
by a mechanism that is similar to the mechanism of an enzyme containing a heme P450. 

Oxides of nitrogen are substrates for enzymes that use the same prosthetic groups 397  
that service the various oxides of oxygen. 

Nitric-oxide synthase contains a heme P450 that catalyzes 403  
two successive monooxygenations, one at a guanidinio nitrogen   
and the next at the carbonate carbon of the hydroxylated guanidinio group. 

A number of enzymes that react with the oxides of oxygen have 407  
nonheme iron ions as prosthetic groups. 

The same coordination of an iron ion by two imidazolyl groups and a carboxylate oxygen is used 414  
by oxidases and oxygenases that require two electrons from the electron-transferring coenzymes, 
¬-ascorbate or (6R)-5,6,7,8-tetrahydrobiopterin, or 2-oxoglutarate, a cosubstrate, to accomplish   
the oxidation or oxygenation of their respective nominal substrates   
through high-valent intermediates. 

There are a number of oxygenases that obtain the two electrons necessary 419  
for their oxygenations one at a time from a reduced Rieske [2Fe-2S] iron-sulfur cluster. 

There are dinuclear  clusters of prosthetic iron ions that bind molecular oxygen 420  
and use it to perform oxidations. 

Unlike those in diiron oxygenases, the diiron clusters found in hydrogenases 426  
have two m-sulfido groups instead of m-oxo groups. 

The ligands to the iron ions in a diiron hydrogenase and the ligands to the iron ion 430  
in a nickel–iron hydrogenase are cyanide ions and carbon monoxides. 

The enzyme responsible for oxidizing carbon monoxide to carbon dioxide 431  
is anaerobic carbon monoxide dehydrogenase. 

There are mononuclear, prosthetic copper ions and dinuclear, trinuclear, 433  
and tetranuclear clusters of prosthetic copper ions that catalyze reactions   
in which the oxides of oxygen and the oxides of nitrogen are substrates. 

Manganese ions are found in enzymes that perform oxidation–reductions 440  
of the oxides and hydrides of hydrogen, oxygen, nitrogen, carbon, and sulfur.

The prosthetic cluster of four manganese ions in photosytem II of green plants 441  
and cyanobacteria is responsible for producing molecular oxygen from two molecules of water. 
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Molybdenum ions are used prosthetically in active sites to perform oxidation–reductions 447  
in which single atoms of oxygen are reduced or oxidized, while coreactants are oxidized or reduced. 

Nitrogenase catalyzes a reduction that converts molecular nitrogen to two ammonium ions. 457  

In addition to the vanadium nitrogenases, there are chloride peroxidases 464  
and bromide peroxidases that use vanadium as a mononuclear metallic ion in their active sites. 

Suggested Reading 466  

Problems 2-27 to 2-35 466  

 
1,2-Benzoquinones 467  

 There are several different 1,2-benzoquinones that act as electrophiles in enzymatic reactions. 467  

The mechanism of oxidation of primary amines to aldehydes is homologous 468  
to the one for conversion of secondary amines to ketones catalyzed by pyridoxal 5A-phosphate.  

The mechanisms for oxidations of alcohols catalyzed by enzymes 473  
that use pyrroloquinoline quinone as a prosthetic group may or may not differ significantly   
from the mechanisms of the enzymes that use 2,4,5 trihydroxyphenylalanylquinone,   
lysine tyrosylquinone, tryptophan tryptophylquinone, and cysteine tryptophylquinone. 

Suggested Reading 476  

Problems 2-36 and 2-37 476  

 
Selenocysteine 477  

The selanyl group in a selenol such as selenocysteine offers several advantages over 477  
its closest relative, the sulfanyl group in a thiol such as cysteine, as well as a few disadvantages. 

Suggested Reading 483  

Problems 2-38 to 2-40 483  

 
Cobalamins 483  

Alkylcobalamins such as methylcobalamin, unlike alkylmagnesium compounds such as 486  
methylmagnesium chloride, are electrophilic rather than nucleophilic at carbon. 

Cob(I)alamin is a strong nucleophile. 488  

The majority of the enzymatic reactions in which adenosylcobalamin participates 490  
as a prosthetic group can be written as variations on a common enzymatic theme   
that is completely different from that of the direct, concerted nucleophilic substitutions   
in which methylcobalamin participates. 

Table 2-3: Substituents Migrating in Reactions Catalyzed by Adenosylcobalamin 490  

In the currently accepted mechanism for the isomerizations catalyzed by 492  
adenosylcobalamin, the first step is the homolytic cleavage   
of the carbon–cobalt bond of the adenosylcobalamin to yield   
5¢-deoxy-5¢-adenosyl radical and cob(II)alamin.

There are a number of nonenzymatic rearangements that mimic the rearrangements 496  
that occur in the active sites containing prosthetic cobalamins. 

Suggested Reading 500 

Problems 2-41 to 2-46 501  

References 502  
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Chapter 3: Association of Substrates with the Active Site 640 
 
The Reaction or Reactions Catalyzed 640  

Before the mechanism of a particular enzyme can be studied kinetically, a stoichiometric 640  
and complete chemical equation must be established for the chemical reaction that it catalyzes. 

Suggested Reading  647  

Problems 3-1 to 3-4 647  

 
Steady-State Kinetics 647  

There are certain facts about the catalysis performed by an enzyme 647  
in an experimental situation and definitions of the parameters   
controlling the observations that are fundamental to a discussion of steady-state kinetics. 

Kinetic Mechanisms for One Reactant 657  

Observation 657  

Explanation 657  

To understand what the kinetic constants in a kinetic mechanism 658  
and a rate equation represent, the difference between an elementary reaction   
and a composite reaction and the difference between elementary rate constants   
and composite rate constants must be understood. 

Kinetic Mechanisms for Two Reactants: Converging Double Reciprocals 663  

Observation 663  

Explanation 666  

Because over the period of time in which initial rates are measured, 668  
the initial concentrations of the reactants are constant, any kinetic mechanism   
used to derive a rate equation for an initial rate of an enzymatic reaction can be treated   
as a sequence of steps, the individual rate constants of the forward and reverse reactions   
of which are both simple first-order rate constants and pseudo-first-order rate constants. 

Table 3-1: Combinations of Rate Constants in the Kinetic Mechanism for Steady-State 669  
Random Bimolecular Association of Substrates that Define the Apparent Rate Constants   
in the Steady-State Kinetic Equation for Random Bimolecular Association.   

Kinetic Mechanisms for Two Reactants: Double Reciprocals Intersecting at the Axis of Ordinate 670  

Observation 670  

Explanation 671  

Kinetic Mechanisms for Two Reactants: Double Reciprocals Parallel to Each Other 671  

Observation 671  

Explanation 673  

The kinetic constants governing the observed behavior of an enzymatic reaction 675  
in themselves have meaning. 

The initial rate of an enzymatic reaction is decreased by the addition 676  
of particular compounds to the solution that inhibit its activity, and an examination   
of the effect of such inhibitors on the initial rate of the enzymatic reaction   
can provide useful information about the kinetic mechanism.
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Inhibition of Enzymatic Reactions: Definition of Types 677  

Observation 677  

It should be emphasized that the definitions of competitive, uncompetitive, noncompetitive, 686   
and mixed inhibition and the designations of these types of inhibition are based    
entirely on observed behavior and do not involve any explanation of the observed behavior. 

Explanation 686  

The patterns of inhibition of an enzymatic reaction that has two or more reactants 688  
can provide evidence for the order in which the reactants associate with the active site. 

The observation of mixed inhibition is usually uninformative 694  
about the order of addition of reactants, but not always. 

 The association of a reactant frequently increases or decreases the affinity 696  
of the active site for an inhibitor, so mixed inhibition is often observed. 

The use of products of an enzymatic reaction as inhibitors can clarify 697  
the order in which reactants associate with an enzyme and are required   
to determine the order in which products dissociate from an enzyme. 

Table 3-2: Some Patterns of Product Inhibition 698  

Inhibition of Enzymatic Reactions: Product Inhibition 699  

Observation 699  

Explanation 699  

Inhibition of Enzymatic Reactions: Reactant Inhibition 708  

Observation 708  

Explanation 709  

In addition to dead-end inhibition, product inhibition, and reactant inhibition, 711  
the trapping of a radioisotopically labeled reactant provides another observation   
in a determination of the order in which reactants associate with an enzyme. 

The kinetics of any enzymatic reaction in which there are more than two reactants 712  
can be simplified to the kinetics of a reaction with two reactants by adding   
saturating concentrations of the other reactants to the solution. 

Table 3-3: Pattern of Product Inhibitions 716  
of S-Adenosylmethionine:tRNA Ribosyltransferase Isomerase from E. coli 

The foregoing discussion has substantiated two features of steady-state kinetics. 716  

Suggested Reading 717  

Problems 3-5 to 3-17 717  

 
Binding 723  

To perform a direct determination of the binding of a ligand to a protein, simultaneous 725  
measurements at equilibrium must be made of the molar concentration of bound ligand,   
[ST·L]eq, and the molar concentration of free ligand, [L]eq, in several samples   
of known protein concentration, Cprot, at a number of different concentrations of free ligand. 

Any physical or chemical property of the protein or of the ligand that changes 730  
upon the formation of a complex between a site and a ligand can be used to determine   
a value for the dissociation constant of the ligand.

There are three regimes in which the binding of a ligand can be quantified 736  
by monitoring a physical property. 
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The dissociation constant for ligand L, the physical properties of which are unaffected 740  
by its association with a site ST, can be still be determined if it competes for site ST   
with ligand M, the physical properties of which are affected by its association with site ST. 

There are many situations in which the concentration of sites for binding a ligand 741  
present in a biological preparation is too low for the methods described so far to be applied. 

There is a direct connection between a dissociation constant KdL and the rate constants 743  
governing the kinetics of the association of the ligand, k1, and dissociation of the complex k-1. 

There is significant confusion between the Michaelis constant for reactant A 744  
in an enzymatic reaction, KmA, and the dissociation constant for the binding of reactant A   
to the active site, KdA. 

Numerical values of the dissociation constants measured for complexes 745  
between enzymes and substrates, between enzymes and competitive inhibitors,   
or between proteins and ligands have a number of uses. 

Table 3-4: Dissociation Constants for the Binding of Reactants to Acetylcholinesterase 746  

Table 3-5: Michaelis Constants for Derivatives of ∂-Glucose as Reactants for Hexokinase 747  

Measurements of the binding of a substrate to an enzyme in the absence 747  
of its cosubstrates are often used to confirm or to reject kinetic mechanisms that propose   
a particular order in which the reactants bind to that active site during enzymatic catalysis. 

Suggested Reading 749  

Problems 3-18 to 3-22 749 

 
Molecularity and Approximation 751  

The relative positions of the nuclei in space at the col, the point of highest potential energy, 752  
comprise the transition state. 

One of the more remarkable advantages of enzymatically catalyzed reactions 754  
is the increase in rate accomplished by the enzyme. 

Intramolecular, nonenzymatic chemical reactions often occur at rates much greater 754  
than those of equivalent intermolecular reactions. 

Both entropy of molecularity and entropy of rotational restraint 757   
are major contributors to the acceleration achieved by an enzyme. 

The almost exclusive contributor to the acceleration in rate accomplished 759  
by an enzyme is its ability to assemble reactants, prosthetic groups, and   
catalytic acids and bases within its active site firmly in the proper orientation.   
Consequently, the question of acceleration becomes moot. It follows that an active site,   
to the best of its abilities, must avoid hindering the reaction. 

Weakening the grip of the active site on its reactants can cause decreases in the catalytic constant. 760  

Table 3-6: Effect of Changes in the Structure of the Reactant on 761  
the Kinetic Parameters of Thermoslysin   

The ability of an enzyme to hold its reactant in a firm grip and orient the reactants 762  
is often used to prevent undesirable side reactions from occurring.

Suggested Reading 764  

Problem 3-23 764 
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Strain 765  

The ability to constrain a reactant in a conformation more similar 765  
to the transition state than the ground state is not an exclusive property of enzymes.  

Enzymatic active sites pull on covalent bonds to decrease their strength. 770  

An active site is able to bend a covalent bond as well as stretch one. 771 

Active sites force two atoms between which a covalent bond is to be formed 773  
into closer proximity than the sum of their van der Waals radii. 

The standard free energy that accomplishes strain within an active site is provided 774  
by noncovalent interactions between the active site and the reactants. 

Another way to present the effects of binding upon the rate of an enzymatic reaction 776  
is a more general approach not confined simply to a consideration of noncovalent forces. 

It has been a widely accepted custom to quantify the catalytic proficiency of an enzyme 777  
as the rate constant k0 (KmAKmBº)-1. 

If a transition state has to be bound more tightly to an active site than the substrates, 778  
it should be possible to design molecules the structures of which resemble   
the structures of the respective transition states and to demonstrate that   
they bind to the enzyme far more tightly than do the substrates.  

Table 3-7: Analogues for Transition States and Intermediates of High Energy 780  

The existence of a particular inhibitor that binds tightly and noncovalently 783  
to a particular enzyme is often used as an argument in favor of a transition state   
or a particular intermediate in the mechanism of the enzyme. 

A compound thought to be the actual intermediate of high energy in 784  
an enzymatic reaction can sometimes be synthesized. 

Correlations between the dissociation constants of analogues for 784  
intermediates of high energy and the rate constants Km k0

-1  can provide   
information about both analogues and intermediates in the enzymatic reaction. 

Such correlations can be evidence that the standard free energies of dissociation 786  
for particular functional groups on substrates, even those distant from the site of catalysis,   
are being used by an active site to lower the standard free energy of the transition state   
relative to that of the ground state. 

If an active site catalyzes a reaction by binding the transition state 789  
or an intermediate of high energy more tightly than it does the substrates,   
an immunoglobulin raised against an analogue for either a transition state   
or an intermediate of high energy, because it would bind the corresponding transition state   
or intermediate of high energy tightly, should catalyze the corresponding reaction. 

The standard free energy of dissociation of the substrates can be exploited 789   
by an enzyme to alter the difference in standard free energy between   
reactants and products while they are bound at the active site. 

Suggested Reading 790  

Problems 3-24 to 3-29 790  

.
Crystallographic Studies of Active Sites 793  

Crystals of an enzyme, the active site of which is occupied by one or more substrates 795  
or inhibitors of interest that were not present in the initial crystals,   
can be prepared in at least two ways. 
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An active site or binding site that is unoccupied by substrates or ligands 796  
is filled with molecules of water. 

The final crystallographic molecular model of the occupied active site, 800  
in which the protein is positioned by the refinement itself and the substrates,   
inhibitors, or other ligands are positioned by the omit map, is used to draw conclusions   
about the mechanism of the enzymatic reaction. 

At times, one of the substrates in a formally unimolecular reaction is used as a ligand 805  
in crystallographic studies even though it is continuously transformed in the crystal by the enzyme. 

The equilibrium mixture of substrates in the active site of an enzyme that has 806  
two reactants and two products and catalyzes a bimolecular reaction   
can be observed crystallographically. 

When neither a complex between an enzyme and an equilibrium mixture of substrates 809  
nor one between the enzyme and the set of substrates favored by   
the equilibrium as it occurs on the active site can be crystallized, it is often possible   
to produce a complex closely resembling the natural complex   
by using an almost identical but inactive analogue in place of one of the substrates. 

The most informative ligands that can be chosen for crystallographic studies 816  
of the active site of an enzyme are analogues of transition states   
or analogues for intermediates of high energy. 

The goal of the approaches discussed so far is to obtain experimentally 820  
a single accurate crystallographic molecular model in which   
details of the catalytic mechanism are unveiled. 

There are computational approaches to creating a molecular model 820  
of the fully occupied active site. 

A series of crystallographic molecular models of strategically designed complexes 824  
between an enzyme and various ligands can represent the complete sequence of events   
in its catalytic cycle. 

The structure of the active site itself; the conformations, orientations, and positions 825  
of the substrates, analogues of substrates, and analogues of transition states   
and intermediates of high energy within an active site; and the distances among their atoms   
and atoms of the active site are the only facts revealed by a crystallographic molecular model. 

 Most of the hydrogen bonds that are formed between an enzyme and its substrates 825  
and other ligands occupying the active site are participants in networks of hydrogen bonds   
that ensnare those substrates and ligands. 

The role of ionic interactions in the formation of complexes between substrates 834  
and active sites is difficult to assess. 

The manifestation of the hydrophobic effect in a crystallographic molecular model 838  
is less apparent than the hydrogen bonds and ionic interactions. 

In the crystallographic molecular model of a complex between an enzyme 841  
and its substrates or inhibitors, distortions of a reactant by the active site   
in the direction of the transition state can often be observed. 

Far and away the most reliable way to control a chemical reaction is to use 841  
a steric effect, and this fact has not been overlooked in the evolution of active sites. 

One way to consider the steric effects exerted by an active site is to imagine 843  
that the active site is a more or less rigid mold into which a substrate must insert   
by adopting a conformation complementary to the mold. 
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The orientation of substrates and intermediates accomplished by the more or less rigid mold 854  
comprising an active site is the exploitation by natural selection   
of the principle of least nuclear motion. 

The active site must accommodate both the reactants 856  
and the products of the enzymatic reaction. 

The crystallographic molecular models of complexes between an enzyme 861  
and its substrates, prosthetic groups, or inhibitors define the boundary of the active site   
within which the reactants associate and at which they are converted to products. 

Suggested Reading 865  

Problems 3-30 to 3-36 865  

 
Physical Measurements of Complexes between Enzymes and Ligands 868  

Infrared spectroscopy is used to monitor changes in vibrational modes 868  
in a substrate or the analogue of a substrate when it associates with an active site. 

Ultraviolet and visible absorption spectra are used to examine the environment 875  
of chromophores on substrates or inhibitors when they are bound to active sites. 

Nuclear magnetic resonance is used to examine the environment experienced 876  
by a nucleus of nonzero spin such as carbon-13, nitrogen-15, or fluorine-19   
that has been incorporated into a substrate or an inhibitor when it is bound to an active site. 

Suggested Reading 881  

Problem 3-37 881  

 
Induced Fit 881  

From crystallographic molecular models, it has become apparent that 881  
the active sites of enzymes display a spectrum of structural responses   
to the association of substrates. 

Table 3-8: Rotations of Domains about an Axis during Closure of Active Sites 891  

 Any change in the conformation of an enzyme that is thermodynamically linked 893  
to the association of its substrates is an induced fit. 

Induced fit can be used to improve the specificity of an enzyme 894  
only at the expense of its catalytic efficiency. 

In solution, the closing of a loop of polypeptide or the closing of domains over 897  
an active site is a dynamic process, and particular rate constants   
govern these conformational changes. 

Suggested Reading 898  

 
Association of Reactants and Dissociation of Products 898  

There are a number of enzymes in which the active site is deeply buried in the protein, 900  
and access for substrates is afforded by a tunnel passing into the protein from the solution.  

Because there is no such thing as a bare hydron in solution, for enzymes 904  
that have a hydron as one of their stoichiometric reactants or products, there must be   
one or several lone pairs of electrons responsible for shuttling a hydron into or out of the active site. 
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While in some instances the rate constant of association of a reactant is so fast 908  
that it is equal to that expected for encounter control, the second-order rate constants   
for associations of reactants with the active site of an enzyme usually have values   
that are less than the rate constant predicted for an encounter-controlled reaction   
between a small molecule and a macromolecule by 1-3 orders of magnitude. 

The rate of dissociation of a product from the active site is often slow enough to be 910  
the rate-limiting step in an enzymatically catalyzed reaction. 

The effects of  microviscosity of the solution on the observed steady-state 911  
catalytic constant k0 and the specificity constant kA for reactant A can be used   
to distinguish microscopic rate constants for the association and dissociation of reactant A   
and for the dissociation of product Z in the underlying kinetic mechanism   
from those rate constants for the chemical transformations that occur within the active site. 

Now that you are familiar with the molecular details of noncovalent interactions 915  
between substrates and active sites, it becomes possible for you to imagine the steps   
in the dissociation of a product. 

A large number of enzymes have substrates that are not solutes 921  
in free solution in an aqueous phase. 

Suggested Reading 924  

Problems 3-38 to 3-40 924  

 
Transfer of Substrates among Active Sites 925  

In many multienzymatic complexes, substrates or portions of substrates 925  
are transferred as covalent adducts between active sites   
on the same multienzymatic complex without being released into the cytoplasm as free solutes. 

Most multienzymatic complexes do not transfer a substrate or a portion of a substrate 938  
between their active sites in the form of a covalent adduct. 

There are many multienzymatic complexes, albeit probably the minority, in which 941  
intermediate substrates are channeled within the protein between active sites in the complex. 

Many enzymes catalyze reactions that have homopolymers as their reactants, 953  
and some of these enzymes have active sites that perform successive reactions   
on successive segments of the polymer without dissociating from it. 

In most enzymes that catalyze processive reactions, at least five monomers 956  
in the intact polymer occupy consecutive subsites adjacent to the catalytic site   
within the active site at which the specific addition or subtraction of a monomer is catalyzed. 

The transcription of DNA into RNA is accomplished by DNA-directed RNA polymerases. 959  
These enzymes perform a sequence of induced fits and processive transfers of reactants   
within their active sites that represent perhaps the most complicated example   
of reactants associating with and products dissociating from the active site of an enzyme. 

Suggested Reading 966  

References 966  

 
Chapter 4: Transfer of Hydrons 1037 
 
Hydron transfers are involved in almost all biochemical reactions,   
and reactions homologous to those that occur in particular active sites   
can often be studied in free, aqueous solution.  
 
 



xxiii	
	
General Acid Catalysis and General Base Catalysis 1037   

The chemical mechanism for a reaction in free solution homologous to one catalyzed 1037  
in an active site usually requires that one or more hydrons be provided   
for one or more existing or incipient lone pairs of electrons   
and that one or more hydrons be removed from one or more pairs of electrons. 

The observed behavior of the rate of a particular reaction as a function of pH 1044  
and the concentration of general acids and bases is the basis for descriptions   
of the participation of hydron transfers in the mechanism of that reaction. 

The Brønsted relation for general acid–base catalysis is a function that relates 1050  
the rate constants or common logarithms of the rate constants for general acid catalysis   
by a series of general acids to the acid dissociation constants or values of pKa   
for the catalysts or that relates the rate constants or common logarithms of the rate constants   
for general base catalysis to the acid dissociation constants or the values of pKa   
for the conjugate acids of the catalysts.  

A common feature of enzymatic active sites is that donors and acceptors 1055   
for hydrogen bonds to a reactant often become catalytic acids and catalytic bases,   
respectively, as the reaction progresses.  

After reactants have bound and, in the process, have displaced waters of hydration 1056  
within the empty site, the active site has become, by and large, anhydrous.  

Another feature of the transfer of a hydron between a substrate and 1059  
a catalytic acid–base in an active site is its intramolecularity. 

Suggested Reading 1063  

Problems 4-1 to 4-7 1063  

 
Enzymatic pH–Rate Profiles 1067  

Rates of most enzymatic reactions are functions of pH. 1067    

As with all kinetic measurements, the observations, the mathematical equations 1074  
used to describe those observations, and the curves fit to the data with these equations   
must be clearly distinguished from chemical explanations of the behavior   
and the kinetic mechanisms derived from those explanations.  

The ambiguity of reverse hydronation must be taken into account before 1078  
the assignment of particular acid–bases to the observed values of pKa and   
the assignment of their roles in the enzymatic reaction can be designated.  

The most straightforward acid dissociation constants in a pH-rate profile to assign 1081  
are acid dissociation constants of the free reactants. 

When the reactant does not have an acid dissociation constant equal to 1083  
an apparent acid dissociation constant governing the behavior of its specificity constant,   
it is usually assumed that the observed acid dissociation constant in a pH–rate profile   
is that for an acid–base in the active site of the enzyme.   

Contrary to the assumption that was made earlier to simplify 1088  
the discussion of pH-rate profiles, the acid–bases in an active site   
often do not titrate independently of each other.  

It seems that most active sites perturb values of pKa for their catalytic acid–bases. 1094  

Apparent values of pKa observed in a pH-rate profile of a steady-state rate constant 1096  
are often not registering the pKa of any acid–base in the active site.   

The state of hydronation of acid–bases in a site on a protein with which a ligand associates 1101  
will usually affect the observed dissociation constant for that ligand.   
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Suggested Reading 1104  

Problems 4-8 to 4-10 1104  

 

Site-Directed Mutation 1105  

Site-directed mutation is another method that can be used to assign 1105  
a particular amino acid to a pKa governing a pH-rate profile.  

There are many paradigmatic examples of a decrease in a steady-state rate constant 1111  
above an apparent pKa or a decrease in a steady-state rate constant   
below an apparent pKa being lost upon mutation of a catalytic acid or a catalytic base,   
respectively, in the active site of an enzyme.   

If the pH-rate profile for the common logarithm of one of the steady-state rate constants 1112  
of an enzyme is a straightforward sum of the contributions of the catalytic acid–bases   
catalyzing a reaction within the active site of the native enzyme, then the contribution   
of a particular catalytic acid–base to that pH-rate profile should be represented   
by the difference between the pH-rate profiles for the wild type and for a mutant   
in which that catalytic acid–base has been removed. 

Suggested Reading 1116  

Problem 4-11 1116  

 
Kinetic Isotope Effects 1117  

A kinetic isotope effect is a change in a rate constant produced by substitution  1117  
of the isotope of one or more atoms in a reactant for another isotope. 

Again, as always, a distinction should be made between observation and explanation.  1120  

The effect of an intrinsic kinetic isotope effect on the steady-state rate constants 1122  
can be defined in terms of the commitment forward and the commitment in reverse. 

The Swain–Schaad relation provides another equation that can be used 1126  
to dissect contributions of the various steps in a kinetic mechanism   
to the observed kinetic isotope effects on the steady-state rate constants   
and to obtain values for the intrinsic kinetic isotope effects on the step   
in which the bond that is isotopically substituted is broken and re-formed. 

Any alteration in the active site that decreases the rate constants 1128  
for the microscopic step in which hydrogen is transferred will increase the magnitude   
of the effects of the intrinsic, primary deuterium kinetic isotope effect   
on the primary deuterium or tritium kinetic isotope effects on the catalytic constant   
and the specificity constant for isotopically substituted reactant. 

The semiclassical explanation for an intrinsic, primary deuterium kinetic isotope effect 1129  
is based on an examination of vibrational energy levels.   

Quantum mechanical tunneling is a result of the uncertainty principle. 1132 

Primary kinetic isotope effects result from isotopic substitutions 1136  
of the heavier atoms that are within the second row.   

Solvent kinetic isotope effects are the effects on the rate of a reaction 1137  
that result when another isotopic form of the solvent is substituted   
for the naturally occurring isotopic form. 
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In addition to identifying steps in a kinetic mechanism in which a hydrogen is transferred, 1140  
primary deuterium kinetic isotope effects can be used to determine   
the regiochemistry or stereochemistry of a transfer of a hydrogen catalyzed by an enzyme. 

Suggested Reading 1140  

Problems 4-12 to 4-15 1141  

Stereochemistry 1144  

Enzymes usually catalyze reactions in which only one enantiomer or diastereomer 1144  
of each reactant is converted into only one enantiomer or diastereomer of each product. 

A prochiral molecule is a molecule that is achiral but that could become chiral 1147  
by a single substitution or addition. 

An elucidation of the stereochemistry of an enzymatic reaction that removes 1149  
a stereoheterotopic hydron from a prochiral methylene carbon or that adds   
a stereoheterotopic hydron to a trigonal, prochiral carbon to produce   
a prochiral methylene carbon provides information about the relative positions   
of catalytic acids and bases within the active site. 

An assessment of the stereochemical outcome of an enzymatic reaction 1160  
in which stereospecifically deuterated reactants are used or   
stereospecifically deuterated products are formed is usually made   
by nuclear magnetic resonance spectroscopy, optical rotation,   
circular dichroism, or mass spectrometry. 

Determination of the stereoheterotopic preference of an active site can be used to identify 1163   
in a crystallographic molecular model the catalytic acid–base or prosthetic group responsible for    
removing a stereoheterotopic hydrogen or for adding a hydrogen to a prochiral carbon. 

One of the most sophisticated stereochemical tools to study the orientation 1172  
of catalytic acid–bases within an active site has been chiral methyl groups. 

The wide use of enantiomeric [2H,3H]acetate, in which three otherwise identical 1179  
hydrogen atoms are distinguished by using the three isotopes protium, deuterium, and tritium,   
inspired the synthesis and use of chiral phospho groups in which three otherwise identical   
oxygen atoms are distinguished by using the three isotopes oxygen-16, oxygen-17, and oxygen-18. 

Suggested Reading 1183  

Problems 4-16 to 4-27 1184  

 
Labeling of Active Sites 1192  

An active-site label is a reagent that has been designed to associate specifically, 1192  
noncovalently, and in a defined orientation within the active site of a particular enzyme   
at the location normally occupied by a substrate and then modify covalently   
a particular catalytic acid–base or particular side chain   
that participates in association of a substrate with the active site. 

There are several criteria that should be met before a reagent 1196  
synthesized as an active-site label can be designated as capable   
of modifying the enzyme while it is bound in place of a substrate within the active site. 

A determination of the position of the modified amino acid 1206  
in the sequence of amino acids for an enzyme connects the results of active-site labeling   
to the structure of the protein. 

The catalytic roles of the acid–bases of particular amino acids 1209  
the conjugate bases of which are modified by electrophilic active-site labels   
are verified crystallographically. 



xxvi	
	

Although they are designed to label the active sites of enzymes and 1210  
they inactivate those enzymes in reactions satisfying the criteria of active-site labeling,   
there are apparent active-site labels that do not actually modify catalytic amino acids   
or even amino acids in the active site of an enzyme. 

A mechanism-based label is an active-site label that must be chemically altered at the active site, 1211  
in a reaction resembling the reaction normally catalyzed by the enzyme,   
before it can modify a catalytic acid–base or side chain in the active site. 

Bases performing catalytic roles in the active sites of enzymes often display 1220  
exceptional nucleophilicity and react readily with an unexceptional and undirected electrophile   
that should otherwise react nonspecifically with every nucleophilic amino acid in the protein. 

It is usually difficult to decide whether the residual enzymatic activity 1224  
present after modification of an enzyme represents the modified enzyme itself   
or enzyme that is as yet unmodified. 

An affinity label is a compound that contains a reactive center and that is designed 1224  
to resemble the substrate of an enzyme or ligand for a protein so closely   
that it will bind specifically to the active site or binding site, and while it is bound    
the reactive center will covalently modify an amino acid in or near the site. 

Table 4-1: Affinity Labels 1228  

Suggested Reading 1229  

Problems 4-28 to 4-35 1230  

 
Catalytic Acid–Bases in Crystallographic Molecular Models 1237  

The active site must be occupied by an informative set of ligands 1238  
that identifies the catalytic acid–bases responsible for the hydron transfers   
necessary for the enzymatic reaction. 

Active sites use composite acid–bases. 1257 

The positions of basic lone pairs of electrons and acidic hydrons are revealed 1261  
by the orientations of catalytic bases and catalytic acids on side chains of the amino acids,   
respectively, relative to hydrons to be removed from a substrate   
and lone pairs of electrons to be hydronated on a substrate. 

The present set of crystallographic molecular models of informative complexes 1262  
has identified the types of catalytic acid–bases used for particular types of hydron transfer. 

The many nucleophilic substitutions at phosphorus catalyzed by enzymes 1273  
almost always involve the transfer of a phospho group from one oxygen to another oxygen,   
and a catalytic acid must be provided to hydronate the weakly acidic oxygen that is leaving,   
and a catalytic base must be provided to remove a hydron   
from the weakly basic hydroxy group while it is adding as a nucleophile.

The slowest and most difficult hydron to remove or add is a hydron on carbon. 1278  

In crystallographic molecular models of complexes between enzymes and substrates 1287  
or analogues of intermediates in an enzymatic reaction, there are many instances   
of hydrogen bonds between two heteroatoms that are shorter than expected. 

Electrostatic catalysis is enhancement of the rate of a reaction that results 1289  
from the electrostatic field created by the formal elementary charge   
of  one or several nearby functional groups. 

Suggested Reading 1290  

Problems 4-36 to 4-37 1290  
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Metalloenzymes 1291 

A limited set of metallic cations is incorporated into proteins as prosthetic groups 1291  
or transient occupants of their active sites and participate in their function.  

Table 4-2: Acid Dissociation Constants for Aquo Complexes of Metallic Cations 1292  

Table 4-3: Effective Ionic Radii of Metallic Cations Used by Enzymes as Lewis Acids 1294  

The divalent metallic cations used as Lewis acids in the active sites of enzymes 1295  
each have particular properties. 

Table 4-4: Free Concentrations of Metallic Cations in Cytoplasm 1297  

Table 4-5: Rates of Exchange of Water Bound in an Inner-Sphere Complex of a Metallic Cation at 25 ªC 1303  

One might imagine that there would be little doubt as to which of the metallic dications 1310  
are incorporated into a particular metalloenzyme to fulfill its particular role   
when the enzyme is in the cytoplasm, the solution in which it has evolved,   
but unfortunately, in many instances it is difficult, if not impossible,   
to ascertain this seemingly simple fact. 

Now that the chemical characteristics of the individual metallic dications 1313  
and the difficulty of determining the cytoplasmic actor in many instances have been discussed,   
the roles of the metallic dications incorporated into an active site   
or into the protein surrounding the active site can be described. 

In addition to acting as Lewis acids, metallic dications or dinuclear clusters can catalyze 1328  
reactions by approximating a nucleophile and the electrophile   
to which it is to add in a nucleophilic substitution at carbon. 

Metallic dications are used as Lewis acids in nucleophilic substitutions at phosphorus. 1330  

CO-Methylating acetyl-CoA synthase is a metalloenzyme responsible 1336  
for fixing carbon monoxide in the form of acetyl-SCoA. 

A few enzymes have metallic trications as Lewis acid catalysts in their active sites. 1340  

Suggested Reading 1342  

Problems 4-38 to 4-47 1342  

References 1346  

 
Chapter 5: Intermediates in Enzymatic Reactions 1420 
 
Almost all chemical reactions catalyzed by enzymes pass through two or more transition states and    
one or more intermediates after the complete set of substrates has been assembled in the active site.    
 
Chemical and Crystallographic Identification of Covalent Intermediates 1425   

If a covalent intermediate between an amino acid in the active site and 1425  
a portion of a reactant or portions of two reactants is formed during the overall enzymatic reaction,   
the enzyme itself is transiently and covalently modified during its normal reaction. 

Covalent acyl intermediates in enzymatic nucleophilic substitutions are common. 1426   

Covalent intermediates of derivatives of carbonic acid are formed during enzymatic reactions. 1428   

Esters of the carboxy groups on aspartates and glutamates in active sites are used 1429  
as covalent intermediates in enzymatic nucleophilic substitutions.

Because a hydron a to a thioester is significantly more acidic than a hydron a to an ester, 1432  
covalent S-acylcysteinyl intermediates are often used as precursors to the respective a-enolates. 

Thiohemiacetals are covalent intermediates in enzymatic oxidation–reductions. 1435  
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Phosphate esters, phosphoanhydrides, or phosphoramidates of amino acids 1437  
are covalent intermediates in the active sites of enzymes that perform   
nucleophilic substitutions at phosphorus. 

Lysyliminiums are covalent intermediates in enzymatic aldol condensations, 1441  
Claisen condensations, dehydrations, and decarboxylations. 

Addition of the sulfido group of a cysteine to the b carbon in an a,b-unsaturated carbonyl 1446  
or acyl derivative produces in one step a covalently bound enolate. 

There are several enzymes that have mixed disulfides between cysteines in their active sites 1453  
and sulfanyl groups in their respective substrates as covalent intermediates in their reactions. 

 

Suggested Reading 1454  

Problems 5-1 to 5-8 1454  

 
Chemical and Crystallographic Identification of Diamagnetic, Noncovalent Intermediates 1459  

There are instances in which a stable noncovalent intermediate is present 1459  
in an active site at a high enough concentration to be isolated directly   
and identified chemically or crystallographically. 

If the equilibrium in the active site is such that insignificant concentrations of 1463  
a noncovalent intermediate accumulate or can be caused to accumulate,   
other strategies must be applied. 

Another approach to its chemical identification is to synthesize a noncovalent intermediate, 1466  
if it is stable enough to be synthesized, and show that the synthetic compound   
is converted by the enzyme into its usual substrates. 

Analogues for intermediates of high energy can be used as evidence for the existence 1468  
of that intermediate in an enzymatic reaction. 

Noncovalent intermediates are formed by substrate-assisted catalysis. 1470  

Ketones or ketimines transiently formed from alcohols or amines, respectively, 1472  
are noncovalent intermediates in a number of enzymatic reactions. 

Enamines, enols, and enolates, the conjugate bases of enols, are 1475  
common noncovalent heterolytic intermediates in enzymatic reactions. 

Table 5-1: Ratio of Products for the Solvolysis of b-Galactosides by b-Galactosidase 1480  

Although carbocationic intermediates are common in organic reactions under acidic conditions, 1480  
they are usually encountered in enzymatic reactions only in glycosyl transfer   
and the biosynthesis of polyisoprenoids. 

Chemical evidence to support the existence of oxocarbenium ions in 1481  
the mechanisms of glycosyltransferases has been presented. 

Carbocationic intermediates are definitely produced in the active sites of enzymes 1483  
catalyzing the biosynthesis of polyisoprenoids. 

Similar strategies are used to provide evidence for carbocationic intermediates 1486  
in the few enzymes other than glycosyltransferases and polyisoprenoid synthases that have them. 

Suggested Reading 1488  

Problems 5-9 to 5-12 1488  
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Chemical and Crystallographic Identification of Radical Intermediates 1491  

There are instances in which an intermediate or a sequence of intermediates 1491  
in an enzymatic reaction are radicals. 

The homologous enzymes ribonucleoside-diphosphate reductase and 1493  
ribonucleoside-triphosphate reductase, in their various guises, use all three of these strategies   
as well as adenosyl-cobalamin to produce the radical initiating the common reaction. 

Neither direct hydrogen abstraction nor direct, short-range electron transfer between 1497  
their stable tyrosyl radicals and the sulfanyl groups of the catalytic cysteines in their active sites   
can occur in the ribonucleoside-diphosphate reductases of aerobic bacteria and eukaryotes. 

There is a common mechanism for the ribonucleotide reductases that is consistent with  1502  
this arrangement of the catalytic groups around the ribonucleotides in these molecular models   
and with the available chemical evidence. 

In the few other instances in which a tyrosyl or glycyl radical is an intermediate 1506  
in an enzymatic mechanism, the radical is usually transient rather than permanent,   
and it usually abstracts a hydrogen from the substrate directly. 

A significant number of enzymes use 5A-deoxy-5A-adenosyl radicals directly as intermediates. 1508  

The rather remarkable diversity of the reactions catalyzed within the family of enzymes 1514  
that initiate their respective reactions by homolytic dissociation of a complex between   
S-adenosyl-¬-methionine and a prosthetic [4Fe-4S] iron–sulfur cluster illustrates   
the variety of homolytic transformations that active sites are able to perform   
and the control over regiochemistry they are able to exert. 

There are several enzymes that use a [4Fe-4S] iron–sulfur cluster alone to produce 1523  
a radical or a carbanion on a substrate. 

Suggested Reading 1525  

Problems 5-13 to 5-15 1525  

 
Secondary Kinetic Isotope Effects 1526  

A secondary kinetic isotope effect is a kinetic isotope effect in which the isotopic substitution 1526  
occurs at another atom that is attached covalently to an atom participating   
in the breaking of a bond, other than the two atoms between which the bond is broken. 

An a-secondary kinetic isotope effect is a secondary kinetic isotope effect in which 1527  
the isotopic substitution occurs at an atom bonded directly to one atom in a bond   
being broken during the reaction. 

A b-secondary kinetic isotope effect is a secondary kinetic isotope effect in which 1532  
the isotopic substitution occurs at an atom bonded to an atom that, in turn, is bonded   
to an atom in the bond being broken during a reaction.  

Suggested Reading 1536  

Problems 5-16 and 5-17 1536  

 
Double Kinetic Isotope Effects 1536  

A double kinetic isotope effect is the change in a primary kinetic isotope effect associated 1537  
with the overall enzymatic reaction brought about by substituting a heavier isotope   
at another position in the molecule at which another bond is formed or broken. 

It is possible to measure the double kinetic isotope effect 1542  
of a solvent deuterium kinetic isotope effect on a primary deuterium kinetic isotope effect   
and vice versa. 
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Suggested Reading 1543  

Problem 5-18 1543  

Isotopic Exchange 1544  

Isotopic exchange is the exchange of one isotope of an atom in a reactant 1544  
for a different isotope of that atom catalyzed by the active site of an enzyme. 

With both hydrogen isotopic exchange and oxygen isotopic exchange, there is 1545  
significant ambiguity about the origin of the hydron or the molecule of water   
with the different isotope that ultimately registers the respective isotopic exchange. 

There are several ways in which isotopic exchanges are observed: isotopic exchange 1547  
in the absence of one or more reactants, isotopic exchange into an analogue of a reactant,   
isotopic exchange at initial rate, positional isotopic exchange, intermediate isotopic exchange,    
and isotopic exchange at equilibrium. 

Crystallographic molecular models provide explanations for situations in which 1553  
hydrogen isotopic exchange is not observed when it is expected. 

Hydrogen isotopic exchange is usually taken as evidence 1555  
that a hydrogen is removed from the substrate as a hydron. 

Isotopic exchange in the absence of one or more reactants, isotopic exchange into 1557  
an analogue of a reactant, isotopic exchange at initial rate, positional isotopic exchange,   
and intermediate isotopic exchange usually provide information   
about the existence of intermediates in the enzymatic reaction. 

The observed rate of a particular isotopic exchange is determined by a sequence of rates. 1566  

Table 5–2: Rates of Equilibrium Isotopic Exchange for Phosphopyruvate Hydratase 1571  

If measurements are confined to the relative initial rates for individual isotopic exchanges into 1573  
stoichiometric substrates in the enzymatic reaction that are neither hydrogen   
nor oxygen isotopic exchanges, then isotopic exchange at equilibrium can provide information   
about the sequence in which reactants associate and products dissociate rather than   
information about the order of the chemical transformations that occur within the active site   
and the existence of particular intermediates. 

Intramolecular isotopic transfer is sometimes observed in enzymatic reactions. 1577  

Suggested Reading 1580  

Problems 5-19 to 5-27 1581  

 
Stopped Flow and Quenched Flow 1587  

The device used to observe formation, interconversion, or decay of intermediates 1587  
must be able to initiate a particular step in an enzymatic reaction rapidly   
and immediately (<10 ms) monitor its progress. 

The progress of the reaction within the cuvette of an apparatus for stopped flow 1591  
can be monitored in a number of different ways.  

The progress of a reaction can be followed by the technique of quenched flow. 1596  

Enzymatic reactions can be initiated rapidly by using a caged reactant 1600  
without the need for the methods of either stopped flow or quenched flow. 

There are two regimes under which an observation can be made by stopped flow or quenched flow.  1600  

A major reason for examining an enzymatic reaction by stopped flow or quenched flow 1604  
is to discover intermediates. 
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Another purpose of stopped flow and quenched flow is to determine 1608  
numerical values for the rate constants governing the steps in the enzymatic reaction   
in which intermediates participate. 

Monitoring association of reactants with an active site by stopped flow or quenched flow 1619  
or both methods can provide an answer to the vexing question of   
whether reactants associate with the active site in an obligate order or a preferential order. 

Yet another purpose for stopped flow and quenched flow is to demonstrate 1620  
the kinetic competence of an intermediate. 

A remarkable result of studying enzymatic reactions by stopped flow and quenched flow 1621  
has been the discovery that steps other than those in which   
the actual chemical transformations occur are often kinetically rate-affecting or rate-limiting. 

Suggested Reading 1622  

Problems 5-28 to 5-30 1622  

References 1627  

 
Chapter 6: Global Conformational Change 1679 
 
Because many instances have been documented crystallographically, there is no doubt   
that most molecules of protein can exist in more than one conformation. 
 
An allosteric effect is an indirect interaction between distinct, spatially separated sites   
on a protein during which the conformation of the protein is altered by association   
of a ligand at one or more of the sites, causing a change at one or more of the other sites. 
 
Cooperativity 1684   

Two equations, the Hill equation and the Adair equation, 1685  
which involve no explanation for cooperativity, are used to fit sigmoid behavior. 

Proteins that display cooperative behavior can be shown by crystallography 1690  
to exist in at least two different quaternary conformations. 

As is the case with quaternary structures observed in crystallographic molecular models 1692  
of almost all homooligomers in their fully liganded or fully unoccupied states,   
it is assumed that, when they are in solution, the T and R conformations of a homooligomer   
displaying cooperativity in association of a ligand are rotationally symmetric. 

It was pointed out by Monod, Wyman, and Changeux that 1695  
if ligand-linked quaternary conformational changes in oligomeric proteins actually do occur   
with conservation of molecular symmetry, then the homotropic cooperativity often observed   
in association of ligands to homooligomeric proteins can be readily explained. 

The major quaternary conformational change of an oligomeric protein that involves 1700  
reorientation of the protomers in a homooligomer and that permits it in this way   
to display homotropic cooperative behavior among its widely separated sites   
should be distinguished from the local conformational changes that occur   
in the vicinity of the sites themselves as they are occupied by the ligand. 

There are many disparate observations that can be explained by the proposal that 1703  
enzymes displaying cooperativity exist in two rotationally symmetric conformations,   
the equilibrium between which is linked to association of substrates or   
heterotropic allosteric effectors. 
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Following the publication of the explanation of Monod, Wyman, and Changeux, 1704  
it was pointed out that if a simple model involving only two quaternary conformations   
of the protein satisfactorily explains homotropic cooperativity, then a model involving   
more than two quaternary conformations must also be as satisfactory. 

Formally, the coincidence of all these physical measurements is equivalent 1710  
to observing an isosbestic point in a series of spectra, an observation   
that has always been accepted as evidence for only two states. 

The same values for the equilibrium constants between R and T conformations can fit 1711  
both independently measured changes in the distribution   
of quaternary conformations of an enzyme and observed cooperativities. 

Cooperativity observed in measurements of the initial rate of a particular enzymatic reaction 1713  
also can be explained by the existence of two rotationally symmetric quaternary conformations   
of the enzyme that differ in their affinity for substrate. 

Suggested Reading 1717  

Problems 6-1 to 6-5 1718  

 
Heterotropic Allosteric Control 1718  

A heterotropic allosteric effector is a ligand that acts by associating with a protein 1718  
or enzyme at a site different from a site for binding another ligand or an active site   
and altering association of ligands or substrates with this other site or its steady-state kinetics. 

Crystallographic observations have shown that heterotropic allosteric sites can be located 1721  
almost anywhere in an enzyme relative to its active site. 

So far, the only explanation of heterotropic allosteric effects that can reproduce 1723  
the observed behavior and explain how association of an effector at a distant site is able to affect   
catalysis at the active site is that there are two or more conformations of the enzyme,   
each of which has different steady-state rate constants for the enzymatic reaction and   
each of which has different dissociation constants for heterotropic allosteric effectors. 

The result of a shift in the equilibrium between the conformations of an enzyme 1727  
accomplished by associations of heterotropic allosteric effectors at   
its heterotropic allosteric sites is manifested in the steady-state kinetics. 

To avoid the complication of sigmoid behavior while still providing an explanation 1730  
of heterotropic allosteric inhibition and activation, at least qualitatively, it is useful   
to derive a kinetic equation for an allosteric monomer. 

The kinetic mechanism for allosteric effects can be combined with the equilibrium mechanism 1736  
for cooperativity to obtain an expanded rate equation that can be fit to experimental results   
in which both heterotropic allosteric effects and cooperativity are observed. 

Table 6-1: Equlibrium Constants and Rate Constants for Pyruvate Kinase 1738  

The sum of all the conformational changes that produce both cooperativity and 1741  
heterotropic allosteric effects is observed crystallographically. 

If the shifts in equilibria between particular quaternary conformations of an enzyme, 1742  
brought about by association of ligands and accomplished by thermodynamic linkage,   
produce a heterotropic allosteric effect and also cooperativity, then it must be the case that   
these equilibria exist in both the presence and the absence of ligands. 

The question that now arises is whether a conformational change between only two 1744  
quaternary conformations is responsible for both heterotropic allosteric effects   
and homotropic cooperativity displayed by many enzymes or whether there must be   
more than two conformations to explain all heterotropic allosteric effects observed. 
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Heterotropic allosteric effectors usually alter the cooperativity of association of 1750  
substrates and reactants with an active site. 

There are many examples of simple heterotropic allosteric inhibition by a single inhibitor, 1753  
simple heterotropic allosteric activation by a single activator, and even simple heterotropic allosteric 
inhibition and activation by a single inhibitor and a single activator. Many enzymes, however, are 
controlled by complicated combinations of classical competitive inhibition,   
heterotropic allosteric inhibition, and heterotropic allosteric activation exerted by several inhibitors   
and activators associating both with the active site and with more than one allosteric site. 

Table 6-2: Effects of Various Ligands on the Conformational Equilibria between 1753  
Enzymatically Active and Inactive Conformations of Glycogen Phosphorylase from O. cuniculus 

The first-order rate constants for the conformational changes that accompany 1754  
changes in the affinity of a homooligomer in either the binding of its ligands   
or its enzymatic activity have a wide range of values. 

Suggested Reading 1755  

Problems 6-6 to 6-8 1755  

 
Interfaces and Oligomeric Associations 1758  

The quaternary conformational changes controlled by ligands, substrates, and 1758  
heterotropic allosteric effectors involve reorientations of the folded polypeptides   
that constitute the oligomer with respect to each other. 

When the faces within less extensive interfaces shift relative to each other during 1760  
a quaternary conformational change, the dissociation constant   
between the two folded polypeptides on the two sides of the interface necessarily changes. 

The observed effect of a substrate or heterotropic allosteric effector on the molar concentrations 1763  
of monomers and dimers, or of dimers and tetramers, in equilibrium with each other   
in a particular solution depends on both the dissociation constant for the oligomer   
and the concentration of the protein in solution. 

Suggested Reading 1769  

Problem 6-9 1769  

 
Conformational Conversion of Energy 1770  

Na+/K+-Exchanging ATPase catalyzes the active transport of the alkali metallic cations 1771   
Na+ and K+ across itself between the cytoplasm and the extracytoplasmic space.   

Table 6-3: Family of P-type ATPases 1772  

The compartment through which the cations pass is formed by six of the ten 1776  
membrane-spanning a helices, but only four of these six a helices provide   
direct ligands to the cations. 

The global conformational changes responsible for active transport of Na+, Ca2+, or H+ 1778  
in one direction and K+ or H+ in the other direction across a membrane couple changes   
in the accessibility of the compartment for cations to changes at the site for hydrolysis of MgATP2-. 

Steps in the mechanism for hydrolysis of MgATP2- at the hydrolytic site 1784  
of Na+/K+-exchanging ATPase are connected by global conformational changes   
to each change in access to the compartment through which the cations pass. 

H+-Transporting two-sector ATPase is responsible for most of the synthesis 1788  
of MgATP2– in aerobic living organisms. 
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The major portion of the large structure located in the aqueous solution on the side 1789  
of the membrane with a more negative electric potential can be dissociated   
from the rest of H+-transporting two-sector ATPase and purified. 

There are kinetic measurements and isotopic exchanges that suggest a mechanism 1796  
for hydrolysis of MgATP2- and, in reverse, for the synthesis of MgATP2-. 

An explanation for all these observations of kinetics and intermediate isotopic exchange 1797  
has been provided. 

The reason that each of the three active sites on a molecule of F1-ATPase passes through 1804  
these three conformations during the synthesis of MgATP2– is the same reason that there are   
three conformations in the enzyme at rest: the g subunit. 

There are experimental observations demonstrating that the g subunit does rotate 1806  
in its seat as MgATP2- is hydrolyzed. 

All these observations suggest that there are two different global conformations 1810  
of the (ab)3 ring in F1-ATPase that are adopted while the enzyme is hydrolyzing MgATP2-,   
or in reverse synthesizing MgATP2-, rather than just the conformation observed crystallographically.  

A molecular model of intact porcine H+-transporting two-sector ATPase has been constructed 1813  
from a map of electron-scattering density derived from image reconstruction   
of electron micrographs of molecules of the intact enzyme frozen in amorphous ice. 

When hydrons pass across the membrane from the solution on the positive, acidic side to 1817  
the solution on the negative, basic side of the membrane during the synthesis of MgATP2-,   
while the cylinder turns in a net clockwise direction relative to the position of subunit a,   
they pass across the interface between subunit a and the exterior a helices of the cylinder of c subunits. 

For H+-transporting two-sector ATPase to function properly, subunit a must be affixed 1822  
to the (ab)3 ring so that, every time the cylinder of c subunits completes   
a full revolution past subunit a within the membrane,   
the shaft of the g subunit completes a full revolution within the (ab)3 ring. 

The temptation to compare H+-transporting two-sector ATPase to an electrical appliance 1824  
in which the shaft of a motor drives machinery accomplishing its purpose has been irresistible. 

Suggested Reading 1825  

References 1825  
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Preface 

Over the past 70 years, our understanding of the 
strategies that are used by enzymes to catalyze their 
respective reactions has expanded so dramatically 
that, except for the explanations of every known 
enzyme, it could well be complete. At the moment, 
it seems unlikely that some new, as-yet-undescribed 
strategy will be discovered. It is the purpose of this 
text to present a comprehensive description of 
these strategies. It is not, however, intended to be a 
comprehensive, encyclopedic catalogue of the 
enzymes for which mechanisms are available, 
systematically presenting the mechanisms of each 
in its appropriate category, although this is sometimes 
done. 
 It is also the purpose of this book to describe 
the many techniques that are used to study enzymatic 
mechanisms. Each method provides information 
about a particular strategy and can be discussed as 
the respective strategy is discussed. The most 
informative observation about the mechanism of 
an enzyme is a crystallographic molecular model of 
that enzyme with its active site occupied by 
substrates in equilibrium with each other in which 
reactants and products are both observed or by an 
analogue of a high-energy intermediate in the normal 
reaction.  The majority of our understanding of the 
mechanisms of enzymatic reactions, however, comes 
from chemical studies of these mechanisms. In fact, 
even the design of an analogue of a high-energy 
intermediate usually requires that a significant 
amount of chemical information has been gathered. 
Furthermore, even when a crystallographic molecular 
model of substrates at equilibrium or an analogue 
of a high-energy intermediate within an active site 
is available, its interpretation usually relies heavily 
on the available chemical information. At the moment, 
a comprehensive understanding of the methods that 
are used to study enzymatic mechanisms, as well as 
the limitations of these methods, is necessary, and 
for this reason these methods are discussed 
critically in this text. 
 Because an understanding of enzymatic mech-
anisms requires a firm knowledge of mechanistic 
organic chemistry and molecular association and  
and because an understanding of the techniques 
used to study these mechanisms requires a firm 
knowledge of kinetics, thermodynamics, synthetic 
organic chemistry, and analytical chemistry, the 

text places severe demands on the student. The 
concepts of mechanistic organic chemistry and molec-
ular association are incorporated into structural 
drawings of individual molecules and chemical 
reactions. The kinetics and thermodynamics are 
represented in mathematical equations. The results 
of the particular techniques used to study enzymes 
are presented as graphs and tables from the original 
literature. The crystallographic molecular models 
are observed in stereo images. The student must have 
the background necessary to read each of these 
languages.  
 Before this book became so comprehensive, 
it was intended for a course in the mechanism of 
enzymatic reactions. Consequently, there are sugges-
ted readings in which the concepts discussed in 
each section are applied in an experimental setting. 
There are citations within the text that support the 
conclusions drawn but are also intended to direct 
the student to the research literature, and there are 
problems at the end of each section, based on 
actual experimental results, that are to be evaluated 
by the student. The original purpose of the book 
was to give the student the wherewithal to take 
charge of her own education by reading critically the 
experimental literature. To accomplish such a goal, 
she must be able to understand the experiments 
performed and be able to reach the same conclu-
sions as did the authors or to realize that the authors 
were mistaken. It was my intention to develop in 
the student the ability to draw her own conclusions 
from only the experimental results. 
 The book, however, has expanded somewhat 
beyond its initial purposes and become a monograph 
covering the subject of the mechanism of enzymes. 
The advantage of publishing online is that the 
student can download the book, and a professor 
can choose to cover only particular portions of the 
book. The disadvantage is deciding which portion 
to choose.  
 Over the last year I have had the privilege to 
work with Heather Cammarn, an experienced chem-
ical copyeditor going over the manuscript of this 
book. Her assistance has been invaluable. Heather 
was also the copyeditor for the first edition of this 
book. I have been impressed by the fact that each 
time she or I have read through a proof, one of us, 
usually Heather, has found errors I missed as I was 
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writing the text. I am certain that some still exist and 
would be grateful to any reader who draws them to 
my attention. 
 It is a pleasure to thank everyone who has 
helped me in the preparation of this book. My wife, 
Francey, beyond the call of duty, typed the first 
draft of the manuscript. Jack Kirsch read the entire 
manuscript of the first edition with remarkable care, 
understanding of the chemistry, and attention to 
detail. Individual sections of the manuscript for the 
first edition were reviewed critically by Charles Perrin, 
Tom Bruice, Bill Parson, Paul MacPherson, Ted 
Traylor, David Dolphin, Wallace Cleland, Jonathan 
Cohen, Howard Schachman, Paul Bartlett, David 
Matthews, Jeremy Knowles, Judy Klinman, Craig 
Townsend, Fred Hartman, Paul Saltman, Don Tilley, 
Bill Trogler, Marion O’Leary, Paul Boyer, and Bruce 
Kemp. Individual sections of the second edition 

were reviewed critcally by Tadhg Begley, Faruk Nome, 
Paul Cook, Harry Gray, Bob Blankenship, Judy 
Klinman, Neil Marsh, Dave Ballou, Dan Herschlag, 
Frank Jordan, Hazel Holden, Ivan Rayment, Bill 
Trogler, Michael Toney, Andrew Bennet, David 
Silverman, Russ Hille, Roberta Colman, Bob White, 
Elias Arner, Francesco Tarantelli, Doug Rees, Rick 
Debus, Johannes Messinger, Chris Murray, Paul 
Ortiz de Montellano, Janos Lanyi, Donald Hilvert, 
Ed Solomon, Sean Elliott, Nick Williams, Paul Fitz-
patrick, Bob Gennis, Steven Boxer, and Stuart Edel-
stein. Each of them were kind enough to read the 
manuscript critically and provide many helpful 
comments. 
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Stereodrawings 

Almost all the stereodrawings of crystallographic 
molecular models included in this book were 
produced by the program Molscript, created by Per 
J. Kraulis. To understand how the active sites of 
enzymes achieve their catalysis, anyone interested 
in understanding enzymatic mechanisms must 
learn to view these images in stereo. Although a few 
individuals can view them effortlessly by crossing their 
eyes, the rest of us need a stereo viewer. Stereo viewers 
of various qualities can be purchased at:  
 
https://www.walmart.com/ip/American-
Educational-Table-Top-Stereo-Glasses/115919914 
 
https://www.forestry-
suppliers.com/Search?stext=stereoviewer  
 
https://www.navafresh.com/products/pocket-
stereoscope?srsltid=AR5OiO18ZMCEmIJDRadipw5
4xy402jsC2rXc7pZiJG4fSX6LkabfFbnm_1c 
 
It has been my experience that a student who has 
never viewed a stereodrawing before will usually 
complain that although everyone else can learn to 
use one of these viewers, he cannot. It is also my 
experience that everyone learns to use one. When I 
have put a question on an examination  where one 
is asked to write down the sequence of the protein 

by examining a drawing of a crystallographic molec-
ular model that none of the students has seen before, 
everyone in the class gets at least 90% of the sequence 
correct, which would have been impossible unless 
everyone was able to see the image in stereo. The 
stereodrawings in the text have been placed on 
separate pages with their legends so that each of 
these pages can be printed. Unless they are printed, 
you cannot view them properly in adequate detail, 
which is essential. In the text, the drawings are in 
black-and-white to accommodate a black-and-white 
printer. In the list of Equations, Structures, Figures, 
and Tables, the stereodrawings are presented in 
color. The colors are those of the CPK convention: 
carbon, black (coal); nitrogen, blue (sky); oxygen, red 
(fire); phosphorus, orange (an elemental allotrope); 
sulfur, yellow (elemental); and fluorine and chlorine, 
pale green (gas). Other colors used are alkali and 
alkaline earth metals, light gray (metallic); vanadium, 
pale yellow (VO3+); manganese, purple (permanga-
nate); iron, brown (rust); cobalt, blue (cobalt blue); 
nickel, dark green (hexaaquo Ni2+); copper, green 
(cupric oxide); zinc, dark gray (metallic); and molyb-
denum, dark blue [Mo(V)]. These stereodrawings 
can be printed on a color printer if one is lucky 
enough to have access to one, and the printed 
copies can then be viewed in stereo.  

  



xxxviii	
	

 
IUBMB and IUPAC 

The names of all enzymes are in the nomenclature 
of the IUBMB (https://www.enzyme-database.org). 
Unfortunately the committee sometimes changes the 
names, a practice which is somewhat exasperating. 
The names of all substrates for enzymes that are 
used in the reactions given in that database are 
used for these compounds. The names for all other 
biochemical compounds that have been assigned 
by the IUBMB have also been used (https://iubmb. 
qmul.ac.uk) The terms used in the discussion of 
enzyme kinetics are those used by the IUBMB 
(https://iubmb.qmul.ac.uk/kinetics/) All chemical 
compounds that have not been named by the 
IUBMB are given the names determined by the 
IUPAC nomenclature. A searchable copy of those 
rules can be downloaded (https://iupac.qmul.ac.uk/ 

BlueBook/PDF/), and a list of substituent names is 
also available (https://www.acdlabs.com/iupac/ 
nomenclature/79/r79_1036.htm). The definitions of 
many of the chemical and physical terms (albeit in 
rather awkward rhetoric), units of measure, physical 
quantities, and physical constants used in this book 
can be found in the IUPAC Gold Book (https://gold-
book.iupac.org/terms). Values for pKa noted in the 
text (http://www.fm.ehcc.kyoto-u.ac.jp/pKa_compila-
tion_Williams_RipinEvans.pdf) can be found in the 
table compiled by William Jencks. The sequences of 
the amino acids for most, if not all, enzymes discus-
sed can be found in Uniprot (https://www.uni-
prot.org/) as well as the names of all species from 
which those enzymes come (select Taxonomy). 

 

Protein Data Bank 
The Protein Data Bank (https://www.rcsb.org/ search/ 
advanced) contains the atomic coordinates of almost 
all crystallographic molecular models that have been 
constructed. At the moment there are 1,070,000 
separate molecular models entered in the data 
bank. You should look at some of the lists of the full 
coordinates to get a feeling for what such a file 
contains. Enter the name of a protein for which 
there is a stereodrawing in the text of this book, 

click on the name of one of the molecular models 
that are then listed, choose “Download Files”, and 
then choose “PDB File”. The atoms are listed by the 
name of the amino acid, the position of that amino 
acid in the sequence of the protein, and their 
locations within that amino acid. The list tabulates 
the x, y, and z coordinates of each atom in angstroms 
(tenths of nanometers). Each file constitutes the 
raw data on which the Molscript program operates. 

 



 
Chapter 1 

Mechanisms for Reactions 

Chemistry is the study of the behavior of electrons. 
Electrons in molecules behave in a certain, ulti-
mately understandable way and the nuclei follow 
them passively. A chemical reaction is a sequence 
of rearrangements of electrons in the molecules in-
volved that turns reactants into products. The rear-
rangements of the nuclei are automatic and are 
driven by the rearrangements of the electrons. The 
exercise of understanding the behavior of the elec-
trons begins with a known chemical reaction for 
which the reactants, catalysts, and products have 
been defined by earlier observation. In order to 
understand that chemical reaction, one first has to 
account for each pair of electrons and know its 
location in the molecules that are the reactants and 
the molecules that are the products. Their locations 
in reactants and products usually provide insight 
into what happened to them in the transition states 
and intermediates in the reaction. A complete under-
standing, however, comes from learning enough 
about the behavior of electrons in general to figure 
out how they behave in a particular reaction as 
reactants are turned into intermediates and inter-
mediates are turned into products. 
 Metabolism is the ensemble of the coordinated 
sequences of chemical reactions and physical pro-
cesses that occur within all living cells to provide 
energy (catabolism) and to accomplish biosynthesis 
(anabolism). Each discrete step in any one of the 
sequences of reactions in the ensemble is catalyzed 
by a unique enzyme. An enzyme is a molecule of 
protein that catalyzes a particular chemical reaction. 
For example, the enzyme fumarate hydratase in the 
mitochondria from porcine heart is a molecule of 
protein composed of four identical subunits, each 
of which is a folded polypeptide 466 amino acids 
long. The enzyme catalyzes the interconversion of 
fumarate and (S)-malate  

 
                     (1-1) 

a reaction that is found in the sequence of reac-
tions that comprise the citric acid cycle.* In most 
instances, the only role that a particular enzyme 
plays in a particular cell is to catalyze its particular 
chemical reaction and only its chemical reaction. 
During the catalysis of its reaction by an enzyme, 
the electrons in the reactants, the electrons in the 
catalytic groups on the enzyme that are involved in 
the reaction, the electrons in the intermediates in 
the reaction and its transition states, and the elec-
trons in the products behave just as they always do. 
There is no magic to enzymatic catalysis. An enzy-
matically catalyzed reaction is a chemical reaction. 
 The sequences of chemical reactions that con-
stitute the metabolic pathways—for example the 
citric acid cycle—can be written out in an orga-
nized scheme and committed to memory systemat-
ically. Each reaction in one of these sequences uses 
as its reactants the products of the reaction or reac-
tions that precede it, and the products of each reac-
tion are the reactants for the enzyme or enzymes 
that follow it on the chart. The diagrams of meta-
bolic pathways leave the impression that metabo-
lism is a highly organized and neatly ordered 
system. This organization, however, does not extend 
to the enzymes themselves, which, as the products 
of evolution by natural selection, are a motley col-
lection. Within a particular metabolic sequence of 
reactions, each of the consecutive enzymes is usu-
ally a protein with a sequence of amino acids that is 
unrelated to the sequences of amino acids in the 
other enzymes; each is usually a protein with a 
stoichiometry of protomers unrelated to the stoi-
chiometries of the protomers of the other enzymes; 
and each is usually a protein with a native molecular 

                                     
*Fumarate and (S)-malate are both dianions. In the strictest 
sense, when referring to them, one should write fumarate ion 
and (S)-malate ion. The International Union of Biochemistry 
and Molecular Biology, however, in almost all cases omits the 
word ion, for example, simply using as the name fumarate or 
(S)-malate. In this book, that convention will be followed. 
When a name ends in -ate, for example phosphate, acetate, 
and so forth, it will be assumed that the reader understands 
that this name refers to an anion. When a name ends in -ium, 
for example ammonium, iminium, and so forth, it will be 
assumed that the reader understands that this name refers to a 
cation. Ambiguous names will be followed by the word ion. 
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structure unrelated to the native molecular struc-
tures of the other enzymes. 
 Consequently, when the enzymes themselves 
are discussed, they are not arranged in the order in 
which they occur in metabolic pathways. They can 
be presented as members of the various families of 
proteins that recapitulate their evolutionary rela-
tionships. This approach emphasizes structural 
homologies. Unfortunately, evolutionally related 
enzymes often catalyze chemically unrelated reac-
tions. Enzymes can also be presented in categories 
reflecting the types of chemical reactions that they 
catalyze. Unfortunately, different enzymes some-
times catalyze homologous chemical reactions by 
different chemical mechanisms. Consequently, it is 
more effective to discuss the chemical strategies by 
which enzymes catalyze reactions and to use par-
ticular enzymes as examples of those strategies. 
 The substrates of an enzyme are the molecules 
that are interconverted by that enzyme as it cata-
lyzes its own peculiar reaction. The substrates for 
the enzyme appear in the equation describing the 
equilibrium that it catalyzes—for example, water, 
fumarate, and malate are the substrates for fumarate 
hydratase. In the cytoplasm of the cell, all of the 
substrates of an enzymatic reaction are usually present 
simultaneously. In an experiment, the investigator 
decides which substrates will be the reactants and 
which will be the products of the reaction. This 
decision is made when a solution is prepared contain-
ing only the substrates on one side of the chemical 
equation—for example, a solution containing only 
malate—so that those substrates become the reac-
tants, and the substrates produced during the reac-
tion are the products. 
 An enzyme is a catalyst. As with any catalyst, 
an enzyme controls the reaction that it catalyzes by 
forming a molecular complex with the reactant or 
the reactants. The active site of an enzyme is the 
unique location on the surface or in the interior of 
one of its subunits where the reaction catalyzed by 
that enzyme takes place. The reactant or reactants 
must associate with the active site before the cata-
lyzed reaction can occur. As a catalyst, an enzyme 
displays particular abilities and is constrained by 
particular rules. 
 When an enzyme (for example, fumarate hy-
dratase) is added to a solution containing the reac-
tants designated by the investigator (for example, 
an aqueous solution of malate), all of the products 
of the reaction that it catalyzes (for example, 
fumarate and water) are formed at a greater rate 
than they would have been in the absence of the 

enzyme. This increase in the rate of the reaction is 
directly proportional to the molar concentration of 
the enzyme but is almost never directly propor-
tional to the molar concentration of reactant. At 
concentrations of reactants less than their dissocia-
tion constants from the active site of the enzyme, 
only a fraction of those active sites are occupied 
with reactants participating in the reaction at a given 
instant, but at saturating concentrations of reactants 
in excess of their respective dissociation constants, 
all of the active sites are occupied and busy catalyz-
ing the reaction at a given instant. For enzymes 
that catalyze reactions in which there is only one 
reactant, the rates of those reactions when they are 
catalyzed in the respective active sites under these 
conditions of saturation are usually between 10 s-1 
and 106 s-1. These rates represent accelerations of 
the respective uncatalyzed rates1-5 of 105 to 1021, 
which are significant enhancements. On the active 
site of porcine fumarate hydratase,6 the rate of the 
enzymatically catalyzed dehydration of malate at 
saturation is 700 s-1 at pH 6.8 and 37 ªC, which rep-
resents an enhancement over the uncatalyzed 
rate6-8 of between 1016 and 1017. 
 Because of the problem of entropy of mixing, 
there is no agreement on which units should be 
used to compare the rate of an enzymatically cata-
lyzed bimolecular or termolecular reaction with the 
rate of the respective uncatalyzed reaction. The 
rate of hydrolysis of alkyl sulfates, however, which 
is technically a bimolecular reaction, is accelerated 
by sulfatases by a factor of as much as 1026 relative 
to the monomolecular rate of the reaction in aque-
ous solution.9 For a bimolecular reaction in which 
neither reactant is water, regardless of which units 
are chosen, the difference in rate between the enzy-
matically catalyzed reaction and the same uncata-
lyzed reaction is large. 
 An enzymatically catalyzed reaction is also 
more specific than the respective uncatalyzed reac-
tion. For example, the enzyme fumarate hydratase 
produces only (S)-malate (Equation 1-1), while the 
uncatalyzed reaction8 produces both (S)-malate 
and (R)-malate, as well as other side products such 
as maleate. The very low yield of undesired side 
products, which would normally appear in signifi-
cant yield in an uncatalyzed reaction, is an essen-
tial requirement for each enzyme if the sequences 
of the reactions that comprise metabolism are to 
operate efficiently. 
 Under normal circumstances, tens to tens of 
thousands of molecules of substrate are intercon-
verted during each second by one molecule of 
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enzyme. Therefore, little enzyme, in terms of its 
molar concentration relative to the molar concen-
trations of its substrates, must be added to produce 
a sufficient increase in the forward and reverse 
rates of the reaction. For this small amount of enzyme 
to be able to process these much larger amounts of 
substrates so efficiently, each molecule of enzyme, 
ready to process the next molecule of reactant, 
must be regenerated in the same state at the end of 
each turnover. This rule applies to any catalyst. 
 Because it is present in the solution in low molar 
concentration and because it must be regenerated 
after each transformation, an enzyme cannot be a 
stoichiometric participant in the chemical reaction. 
Therefore, an enzyme, under these normal circum-
stances, cannot affect the equilibrium constant 
and cannot affect the change in standard free energy 
of the reaction.* There are exceptions to this rule. 
These exceptions are the frequently encountered 
situations in which the molar concentration of an 
enzyme is artificially adjusted by an investigator in 
a particular experiment to within an order of magni-
tude of the molar concentrations of the substrates, 
as well as situations in which the concentration of 
an enzyme in the cell is actually greater than that of 
its substrates.11 
 Because an enzyme cannot change the equilib-
rium constant of a reaction as long as it is not itself 
a reactant or a product, it necessarily follows that, 
in spite of the amazement some investigators express 
at discovering this fact,12 if the enzyme catalyzes 
the reaction in one direction, it must also catalyze 
the reaction in the other direction, even in situations 
in which the equilibrium constant for the reaction is 
very large.13,14 The principle of microscopic revers-
ibility, when applied to an enzymatically catalyzed 
reaction, is that the enzymatically catalyzed reaction 
must pass through the same transition states but in 
opposite order in the forward and reverse directions. 
The enzyme accelerates the reaction by lowering 
the relative free energy of one or more of the transition 
states in this sequence. Therefore, it must accelerate 
the reaction in both directions. For this reason, enzy-
matically catalyzed reactions are, as are all chemical 
reactions, approaches to equilibrium. It just happens 
to be the case that most biological reactions have 
changes in standard free energy between 40 and 
–40 kJ mol-1 and that an enzyme can rapidly bring 
its substrates to equilibrium, so the equilibria are 

                                     
*Occasionally, there are publications that seem to indicate that 
the authors have forgotten the fact that an enzyme cannot alter 
the equilibrium constant for a reaction.10 

more obvious. At pH 7 and 25 ªC, the ratio between 
the concentration of fumarate and the concentration 
of (S)-malate is 0.22 at equilibrium.15 
 A heterolytic reaction is a reaction in the 
mechanism of which covalent bonds are always 
broken in such a way that both electrons in the 
bond being broken remain with only one of the two 
fragments between which the bond is broken. In 
addition, a heterolytic reaction is a reaction in the 
mechanism of which covalent bonds are formed in 
such a way that both electrons in a bond being 
formed arrive on the same reactant. The heterolytic 
reactions that occur on the active sites of enzymes 
proceed by mechanisms that often resemble closely 
the normal chemical mechanisms of similar organic 
reactions that proceed in solution without enzymatic 
catalysis. An enzyme usually accelerates a particular 
heterolytic reaction by controlling the steps that 
would normally occur even in its absence. It fol-
lows that the first step in any examination of the 
mechanism of a particular enzyme is to write out in 
exhausting detail one or more realistic chemical 
mechanisms for the reaction of interest as it would 
proceed in the absence of enzymatic catalysis and 
focus upon the specific features of those mecha-
nisms that are vulnerable to manipulation by the 
enzyme. Therefore, a logical place to begin a discus-
sion of enzymatic catalysis of heterolytic reactions 
is to examine the established chemical mechanisms 
of reactions similar to those that are catalyzed by 
such enzymes. 
 A homolytic reaction is a reaction in the 
mechanism of which covalent bonds are always 
broken in such a way that in a bond being broken, 
each of the molecular fragments between which 
the bond is broken retains one of the bonding 
electrons. In addition, a homolytic reaction is a 
reaction in the mechanism of which covalent bonds 
are always formed in such a way that in a bond being 
formed, each of the molecular fragments between 
which the bond is being formed provides one of the 
ultimate two bonding electrons. The homolytic 
breaking of a bond produces two radicals, and the 
homolytic formation of a bond, colligation, combines 
two radicals. A minority of the extant enzymes catalyze 
the reactions for which they are responsible homo-
lytically. In the absence of the enzyme, these reac-
tions usually do not occur, or if they do occur, they 
do not proceed homolytically. In order to catalyze a 
reaction homolytically, the enzyme must carefully 
direct the regioselectivity of each step in addition 
to enhancing its rate. Without an enzyme to direct  
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its regioselectivity, a homolytic reaction usually 
proceeds along several different paths, one or none 
of which produces the product that the enzyme 
produces. Consequently, it is best to refrain from 
discussing homolytic reactions until the enzymes 
that catalyze them are discussed. 
 
 When a heterolytic reaction is studied as a model 
for the same reaction or a homologous reaction that 
is catalyzed by an enzyme, it is usually assumed that 
the most relevant model reaction is the one that 
proceeds in aqueous solution. Unless otherwise noted, 
all of the mechanisms discussed in this chapter will 
be for nonenzymatic reactions occurring in water. 

Transfer of a Hydron* 

The molecules to be discussed, be they enzymes, 
substrates, or prosthetic groups, usually have sev-
eral or many acidic hydrons and several or many 
basic lone pairs of electrons. Consequently, it is 
essential to make a distinction between, on the one 
hand, the various acidic hydrons and basic lone 
pairs of electrons in a molecule and, on the other 
hand, the molecule in which they are located. In 
other words, in biochemistry the molecules them-
selves are neither acids nor bases but frameworks 
on which acids and bases are distributed. For the 
sake of this discussion, an acid is an acidic hydron 
and the atom to which it is attached. A base is a 
basic lone pair of electrons and the atom with 
which it is associated. 
 Historically, an acid was any molecule that, 
when added to water, decreased the pH of the water 
and a base was any molecule that, when added to 
water, increased the pH. It is also the case that, in 
the abstract, one can use the term "acidic mole-
cule" to describe a molecule, such as sulfuric acid, 
in which there are only acidic hydrons. Similarly, 
one can use the term "basic molecule" to describe a 
molecule, such as trianionic phosphate, in which 
there are only basic lone pairs and no acidic hy-
drons. Such molecules, however, are seldom en-
                                     
*According to the rules of the IUPAC, hydron is the general 
name for the cation H+. Hydron is a general name to be used 
without regard to the nuclear mass of the hydrogen entity, 
either for hydrogen in its natural abundance or where it is not 
desired to distinguish between the isotopes. A proton is the 
nuclear particle of charge number +1 and rest mass of 1.007 
276 470(12) unified atomic mass units. When discussing 
nuclear magnetic resonance spectroscopy, the proper term for 
the hydrogen nuclei being observed is protons since nuclear 
magnetic resonance, as it is commonly used, registers 
absorptions only from nuclei that consist of one proton and no 
neutrons. 

countered in biochemistry. It is obvious that the 
historical definitions and habits are ambiguous 
when applied to most of the molecules to be dis-
cussed here. In fact, water is an excellent example 
of the ambiguity. 
 
 Water is both an acid and a base. When it is 
performing the role of an acid, water can provide a 
hydron in two ways: as its conjugate acid, the hydro-
nium, or by itself. Water itself is an acid, albeit a 
weak one (pKa = 15.74),* but its concentration 
(55.5 M) can overcome much of this deficit. Every 
basic lone pair of electrons on any molecule dissolved 
in an aqueous solution is adjacent to the hydrogen 
on a neighboring molecule of water and is usually 
already in a hydrogen bond with one of them, and 
that lone pair of electrons can immediately accept 
a hydron from that molecule of water. When it is 
performing the role of a base, water can remove a 
hydron in two ways: as its conjugate base, the hy-
droxide ion, or by itself. Water itself is a base. It is a 
weak base because its conjugate acid, a hydronium 
ion, is a strong acid (pKa = -1.74). It is, however, a 
concentrated weak base (55.5 M). In aqueous solu-
tion, every acidic hydron on a dissolved molecule is 
adjacent to one of the lone pairs of a molecule of 
water and is usually already in a hydrogen bond with 
one of them, and that hydron can be immediately 
transferred to that molecule of water. 
 The hydronium ion, unavoidably present in 
aqueous solution, is composed of one hydron and 
some combination of either four molecules of 
water16-20 
                                     
*The only purpose of an acid dissociation constant is to compare 
acids and bases, one to the other. By the accepted convention, 
from which no acid is excepted, an acid dissociation constant 
is defined as the product of the molar concentration of hydro-
nium ion and the molar concentration of the conjugate base of 
the acid divided by the molar concentration of the acid. Even 
though, by this convention, the concentration of the conjugate 
base of the hydronium ion is omitted from every acid dissocia-
tion constant, each of them is an equilibrium constant that 
must apply in any situation at standard temperature (25 ªC) in 
an aqueous solution of any pH. In pure water at pH 7 and 25 ªC, 
the concentration of hydronium ion is 10-7.00 M; the concentra-
tion of the conjugate base, hydroxide ion, is 10-7.00 M; and the 
concentration of water, the acid, is 55.5 M. Consequently, the 
pKa of water is 15.74. Because, at any given instant, the hydron in 
a hydronium ion is on a single molecule of water, it is assumed 
that the conjugate base of a hydronium ion is water. In pure 
water, at pH 7.00 and 25 ªC, the concentration of hydronium 
ion is 10-7.00 M; the concentration of water, the conjugate base, 
is 55.5 M; and the concentration of hydronium ion, the acid, is 
10-7.00 M. Consequently, the pKa of a hydronium ion is -1.74. 
At any pH, at standard pressure, and at 25 ªC the concentration 
of hydronium ion times the concentration of hydroxide ion is 
10-13.995 M. This is not an acid dissociation constant, it is the 
water constant. 
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six molecules of water17,18,21  
 

        (1-2) 

or 21 molecules of water.22-25 The actual number of 
waters probably fluctuates, and its mean is un-
known. At the periphery of the H9O4

+ ion (1-1), the 
H13O6

+ ion (Equation 1-2), or the H43O21
+ ion are 6, 

8, or 10 hydrogen atoms, respectively. Each of these 
hydrogens is acidic and capable of being trans-
ferred within a hydrogen bond to a base in the solu-
tion. It is also capable of becoming the hydron of 
another hydronium simply by being transferred 
within a hydrogen bond to a neighboring molecule 
of water. Upon either of these transfers of a hydron, 
the original hydronium ion disappears. This arrange-
ment makes each isolated hydron in an aqueous 
solution multivalent. It also enhances the rate of 
diffusion of the hydron, which appears to be limited 
not by transfer of hydrons among the waters but by 
rearrangement of the shells of hydration around 
the cation as it steps through the solvent.18 For 
these reasons, in addition to its low pKa (-1.74), the 
hydrated hydron, usually abbreviated H+, is an 
efficient acid, a fact that can make up for its low 
concentration. 
 The hydroxide ion, also unavoidably present 
in aqueous solution, can be considered as a hydron 
hole. This hole is shared among the central oxygen 
and three or more of its nearest neighbors of water26 

 

As with hydronium, this arrangement makes hydrox-
ide a base that can diffuse more rapidly through the 
solution than any other base by extending its reach 
simultaneously to at least six lone pairs of electrons. 
Hydroxide is a strong base because its conjugate 
acid, a molecule of water, is a weak acid (pKa = 15.74).  
 A reaction that occurs at the active site of an 
enzyme is usually compared to a reaction that occurs 
in aqueous solution. Because water is both an acid 
and a base, the mechanism of a reaction occurring 
in water is rarely hindered for want of hydrons that 
can be captured or for want of lone pairs of electrons 
onto which hydrons can be dumped, and these are 
taken for granted when the mechanism is written. 
The decision that the appropriate mechanism to 
use as a model for the one taking place within the 
active site of an enzyme is the mechanism occur-
ring in aqueous solution implies that an additional 
assumption has been made about the nature of the 
active site of an enzyme; namely, that the active 
site is at least as efficient a source of hydrons and 
lone pairs of electrons as an aqueous solution. A 
corollary of this conclusion is that all of the removals 
and additions of hydrons, from and to the reactants, 
performed by water in the absence of the enzyme 
must be provided for within the active site of the 
enzyme by lone pairs of electrons and acidic hydro-
gens. 
 
 There are, however, differences between the 
transfer of a hydron that occurs in the active site of 
an enzyme and the transfer of a hydron that occurs 
in solution. The transfer of a hydron between any 
two lone pairs of electrons can proceed with the inter-
mediate formation of a direct hydrogen bond16,27 
between acid and base 

   (1-3) 

This sequence of steps is usually* what happens 
during the transfer of a hydron in an active site, 
where the distance and bond angles between a cat-
alytic acid and the base it is to hydronate, or the 
distance and bond angles between a catalytic base 

                                     
*There are exceptions in the active site of an enzyme. In those 
exceptional instances, a hydron is also relayed through a chain 
of hydrogen bonds, but even in those exceptions the relay is 
unique rather than promiscuous. 
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and the acid it is to dehydronate, are those of typical 
hydrogen bonds.28 In solution, however, in some if 
not most instances in which a hydron is transferred 
from an acid to a base, the hydron is relayed from 
the acid to the base through two or three molecules 
of water29 

           (1-4) 

 Consequently, the transfer of the hydron in solu-
tion can be considered to be the result of the colli-
sion of the layer of hydration around the molecule 
containing the acid with the layer of hydration 
around the molecule containing the base. Each acid 
in a molecule is incorporated into the surrounding 
layer of hydration as a donor in a hydrogen bond to 
a molecule of water in the layer. Each base in a 
molecule is incorporated into the surrounding lay-
er of hydration as an acceptor in a hydrogen bond 
to a molecule of water in the layer. It is easy to im-
agine that whenever the layer of hydration sur-
rounding the molecule containing the acid collides 
with the layer of hydration surrounding the mole-
cule containing the base, one or more chains of 
hydrogen-bonded molecules of water connecting the 
acid to the base form immediately and indiscrimi-
nately. The hydron is relayed through one of these 
chains. In this relay (Equation 1-4), the actual hydron 
that arrives at the encounter complex on the acid in 
the one molecule is not the hydron transferred to 
the base in the other. This relay is the same process 
that occurs in solution during the transfer of a 
hydron from hydronium (1-1 or Equation 1-2) to a 
base or from an acid to hydroxide (1-2). Before the 
layers of hydration can be penetrated during the 
collision, the transfer of the hydron from acid to 
base has occurred within the fused layers of hydra-
tion. The hydronated base and the unhydronated 
acid then dissociate from each other, even though 
they may never have formed a hydrogen bond with 
each other. 
 

 Consequently, the relevant equation* in solution 
becomes 

                     (1-5) 

where m + n = o + p. This equation is a version of 
the overall acid–base reaction 

    (1-6) 

that has been expanded both in the identity of the 
participants and in the explicit steps involved. If 
the mechanism of either Equation 1-3 or Equation 
1-5 pertains, kF and kR in Equation 1-6 are the 
composite rate constants16 

       (1-7) 

and 

       (1-8) 

It follows that 

                (1-9) 

                                     
*In spite of the fact that one woman’s acid is another woman’s 
base, the usual convention is to designate an acid with a 
simple capital A and a base with a simple capital B. Since these 
designations will be used later in the text for reactants, acids 
will always be designated as (+)AH, (+)BH, (+)NH, (+)OH, (+)SH, 
or (+)PH or as HA(+), HB(+), HN(+), HO(+), HS(+), or HP(+). Their 
conjugate bases will always be designated as (-)A”, (-)B”, 
(-)N”, (-)O”, (-)S”, or (-)P” or ”A(-), ”B(-), ”N(-), ”O(-),”S(-), 
or ”P(-). The charges in parentheses indicate that a mono-
protic acid can be neutral or can bear a net formal positive 
charge on the heteroatom, and the conjugate base of a 
monoprotic acid can be neutral or can bear a net formal 
negative charge on the heteroatom. 
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 The observed rate constants, kF and kR, for the 
transfer of a hydron in solution (Figure 1-1)16 
provide insight into the differences in the abilities 
of various types of acids to provide hydrons and of 
various types of bases to remove hydrons. 
 The difference in the values of pKa between an 
acid, HA(+), and the conjugate acid, HB(+), of a base, 
9B(-), can be defined by*† 

  
                  (1-10) 

Usually, when DpKa,AB is positive and greater than 
4, and the equilibrium constant for the transfer of 
the hydron is greater than 104, and the transfer of 
the hydron is significantly exergonic, the observed 
rate constant kF for transfer of the hydron from the 
acid to the base falls between 109 and 1011 M-1 s-1 
(right asymptotes in Figure 1-1). The particular 
value in a given situation is close to that calculated 
theoretically for the encounter-controlled bimolecular 
rate constant, which is the rate constant for simple 
collisions between the hydrated molecule of the acid, 
HA(+), and the hydrated molecule of the base, 9B(-).16  
 The encounter-controlled bimolecular rate 
constant is the rate constant for a reaction in which 
every encounter between the two reactants results 
in product. It is referred to as encounter-controlled 
because the only factor that causes the reaction to 
be less than instantaneous is the requirement that 
molecules of the two reactants diffuse through the 
solution until they encounter and collide with their 
opposite numbers. If the two respective molecules 
that must collide in solution are both neutral and of 
the normal size of hydrated small molecules, the 
encounter-controlled bimolecular rate constant for 
the reaction should be between 109 and 1010 M-1 s-1 at 
25 ªC. In pure water, the particular value of the 

                                     
*In chemical thermodynamics, the difference in a thermo-
dynamic quantity describing a reaction is the value of that 
quantity for the products minus the value of that quantity for 
the reactants. For this reason—and for the reason that if this 
rule is followed, DpKa,AB is equal to the logarithm of the equi-
librium constant for the transfer of the hydron (Equation 1-8), 
which is a useful equality—it was decided that the pKa of the 
acid should be subtracted from the pKa of the conjugate acid of 
the base. 
†The abbreviation for the common logarithm, which is the 
logarithm to the base 10, will be log, and the abbreviation for 
the natural logarithm, which is the logarithm to the base e, will 
be ln. This practice is the one designated by the American 
Chemical Society. 

encounter-controlled rate constant is greater by a 
factor of about 6 if a molecule with at single positive 
elementary charge reacts with a molecule with a 
single negative elementary charge than if a neutral 
molecule reacts with either a neutral or a charged 
molecule because electrostatic attraction increases 
the rates of encounter in the former situation.30 
 Because the observed rates for significantly ex-
ergonic transfers of hydrons between small mole-
cules are those expected for encounter-controlled 
reactions, it necessarily follows, in these circum-
stances, that each time the hydrated acid and the 
hydrated base collide in solution, a hydrated en-
counter complex forms and the exergonic transfer of 
the hydron within that complex (k2 >> k-2) occurs 
faster than the hydrated, hydronated base and the 
hydrated, unhydronated acid can dissociate. 
 In a situation where no encounter is required 
to occur—for example, when the base is the sol-
vent and is already adjacent to the acid and form-
ing a hydrogen bond with it—the transfer of the 
hydron becomes unimolecular. If the transfer of 
the hydron within the complex is, again, exergonic 
(DpKa,AB > 4), the observed first-order rate constant 
for the transfer31 at 25 ªC usually falls between 1010 
and 1012 s-1, which is the value calculated theoreti-
cally for the encounter-controlled dissociation of 
two preassociated molecules. This dissociation is 
governed by the unimolecular rate constant k3 in 
Equation 1-3 or Equation 1-5.  
 All these results demonstrate that, in an exer-
gonic transfer of a hydron, the rate of the overall 
reaction is not limited by the rate of the actual 
transfer of the hydron either within a direct hydro-
gen bond (Equation 1-3) or when the transfer of 
the hydron is relayed through a chain of water mol-
ecules (Equation 1-5). 
 Therefore, when the actual transfer of a hydron 
between acid and base, which is governed by the 
unimolecular rate constant k2 in Equation 1-3 or 
Equation 1-5, is exergonic, it must be faster than 
1010 s-1. The value of the unimolecular rate con-
stant for the transfer of a hydron, based on absolute 
rate theory, if no energy barrier existed, would be 
kBTh-1, or 6 ¥ 1012 s-1 at 25 ªC, where kB is Boltz-
mann’s constant and h is Planck’s constant. This 
calculated value is consistent with an observed val-
ue of 10-13 s for the lifetime of the H3O+ ion at a 
particular position in ice, where the movement of 
this ion through the solid phase depends only on 
the transfer of hydrons in hydrogen bonds.16 
 

DpK a,AB  ∫  pK a,HB  –  pK a,HA  =

                                                log              ∫  log K eq,AB

K a,HA 

Ka,HB  
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Figure 1-1: Bimolecular rate constants for transfer of a hydron 
between an acid and a base dissolved in aqueous solution.16 In 
each panel, the common logarithms of the observed rate con-
stants, kobs, are presented for (2) the transfer of a hydron from 
a series of acids to the same common base and for (3) the 
transfer of a hydron from the conjugate acid of the same com-
mon base to the conjugate bases of the same series of acids. 
With the appropriate choice of reactants, these observed rate 
constants are the experimentally measured values of the rate 
constants kF and k, respectively, of Equation 1-6. Each com-
mon logarithm of an observed rate constant is plotted as a 
function of the difference between the pKa of the acid and the 
pKa of the conjugate acid of the base (Equation 1-10) for that 
particular transfer of a hydron. (A) Common base (N), ammonia; 
common conjugate acid (NH), ammonium ion; acid series: 
(OH), ∂-glucose (DpKa = -3), bicarbonate (DpKa = -1.1), phenol 
(DpKa = -0.7), boric acid (DpKa = +0.1), and 4-nitrophenol 
(DpKa = +2.1); (2) transfer from the particular acid (OH) to the 
common base (N); (3) transfer from the common conjugate 
acid (NH) to the particular conjugate base (O). (B) Common 
base (N), imidazole; common conjugate acid (NH), imidazolium 
ion; acid series: (OH), phenol (DpKa = -3), hydrogen diphos-
phate trianion (DpKa = -0.7), 4-nitrophenol (DpKa = -0.1), and 
acetic acid (DpKa = +2.3); (2) transfer from the particular acid 
(OH) to the common base (N); (3) transfer from the common 
conjugate   acid   (NH)  to  the  particular  conjugate  base  (O). 
 
 

(C) Common base (O), acetate ion; common conjugate acid (OH), 
acetic acid; acid series: (NH), hydrazinium ion (DpKa = -3.3), 
imidazolium ion (DpKa = -2.3), anilinium ion (DpKa = +0.1), 
and 3-chloroanilinium ion (DpKa = +1.4); (2) transfer from the 
common conjugate acid (OH) to the particular conjugate 
base (N); (3) transfer from the particular acid (NH) to the 
common base (O). (D) Common base (O), phenolate ion; 
common conjugate acid (OH), phenol; acid series: (XH), hydrogen 
phosphate dianion (DpKa = -2.4), piperidinium ion (DpKa = -1.3), 
propylammonium ion (DpKa = -0.6), bicarbonate ion (DpKa = -0.4), 
ammonium ion (DpKa = +0.7), hydrazinium ion (DpKa = +1.9), 
and imidazolium ion (DpKa = +2.9); (2) transfer from the common 
conjugate acid (OH) to the particular conjugate base (X); (3) 
transfer from the particular acid (XH) to the common base (O). 
(E) Common base (S), thiolate ion of thioglycol; common con-
jugate acid (SH), thioglycol; acid series: (NH), dimethylammo-
nium ion (DpKa = -1.2), trimethylammonium ion (DpKa = +0.3), 
hydrazinium ion (DpKa = +1.4), and imidazolium ion (DpKa = +2.4); 
(2) transfer from the common conjugate acid (SH) to the par-
ticular conjugate base (N); (3) transfer from the particular acid 
(NH) to the common base (S). The horizontal dashed lines are 
asymptotes based on the assumption that a sufficiently exer-
gonic transfer of a hydron should have the theoretically calcu-
lated encounter-controlled bimolecular rate constant. The 
dashed lines with slope +1 or slope -1 are the endergonic asymp-
totes calculated by Equation 1-11. 
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 For hydron transfers in solution that are not 
significantly exergonic, the behavior of the rate 
constants is a function of the encounter-controlled 
rate constant and of the difference in values of pKa 
between the acid and the conjugate acid of the 
base. Within a particular class of hydron transfers—
for example, all of the transfers of a hydron from a 
neutral oxygen to a neutral nitrogen to create an 
oxygen with a negative elementary charge and a 
nitrogen with a positive elementary charge—each 
transfer of a hydron from (+)AH to 9B(-) in the exer-
gonic direction (DpKa,AB > 4) is always encounter-
controlled and therefore has the same value for its 
second-order rate constant kF. Therefore, the rate 
of transfer of the same hydron in the reverse direc-
tion, or the endergonic direction (DpKa,BA < -4) from 
(+)BH to 9A(-), must be governed only by DpKa,AB 
because, from Equation 1-9, it follows that 

          (1-11) 

Because kF is always the same in the exergonic di-
rection, the rate constant for transfer of a hydron in 
the endergonic direction should decrease by a factor 
of 10 for every increase in DpKa,AB of one common 
logarithmic unit. This expectation has been 
demonstrated experimentally. For example, Equa-
tion 1-11 defines the diagonal asymptotes in each 
panel of Figure 1-1. This behavior suggests that the 
probability the hydron will leave the encounter 
complex on the weaker base is governed only by 
the difference in pKa between the conjugate acids 
of the two bases and reflects the distribution of the 
hydron between the lone pair on the conjugate 
base of the acid and the lone pair on the base in the 
complex. Consequently, the transfer of the hydron 
in the complex has reached equilibrium. 
 The behavior of the transfer of a hydron when 
the reaction is neither strongly exergonic nor 
strongly endergonic (-4 < DpKa,AB < 4) deviates 
smoothly from these limits. An example is the 
transfer of a hydron between a negative oxyanion 
as one base and a neutral amino nitrogen as the 
other base (Figure 1-1A) 

  (1-12) 

When the transfer is from oxygen to nitrogen (the 
reverse of Equation 1-12) and exergonic, the encoun-
ter-controlled second-order rate constant is less 
than that for an exergonic transfer from nitrogen to 
oxygen (the direction of Equation 1-12) because of 
the asymmetry of charge (horizontal asymptotes in 

Figure 1-1A). In either direction, when the transfers 
of the hydrons have become strongly endergonic, 
the respective rate constants fall off as exponential 
functions of DpKa,ON. The horizontal asymptote, 
defined by the rate constant for the encounter-
controlled exergonic transfer of a hydron from oxy-
gen to nitrogen, intersects the diagonal asymptote, 
defined by the rate constant for the endergonic 
transfer from nitrogen to oxygen, when DpKa,ON = 0 
as required by Equation 1-11. When DpKa,ON = 
DpKa,NO = 0, the actual rate constants for the trans-
fer of the hydron in the two directions are equal, as 
required by Equation 1-9. 
 For transfer of a hydron in one direction, the 
distance at which the smooth curve defining the 
actual observed second-order rate constant of the 
transfer lies below the intersection of the two asymp-
totes, horizontal and diagonal, governing its class 
of hydron transfers (Figure 1-1) provides infor-
mation about the rate of transfer of the hydron 
within the encounter complex. If the rate constant 
k1 in Equation 1-3 or Equation 1-5 remains constant 
and encounter-controlled as DpKa,AB is varied, and 
if k2 and k-2 remain very fast, then kF, the observed 
composite rate constant for transfer of the hydron, 
should have half its asymptotic, encounter-
controlled value (horizontal asymptotes in Figure 
1-1) at the DpKa,AB at which the horizontal and 
diagonal asymptotes intersect. If this were the case, 
the common logarithm of the actual rate constant 
for the transfer of the hydron should lie a distance 
of log 2 = 0.30 below the point of intersection. If, 
however, k2 is less than k-1 because the transfer of 
the hydron within the encounter complex is not 
fast compared to diffusion of the reactants apart, 
then at the DpKa,AB corresponding to the intersec-
tion of the two asymptotes, the smooth curve de-
fining the common logarithm of the actual value 
for the composite rate constant kF will lie below the 
intersection of the asymptotes by a distance greater 
than 0.30, and that distance will be approximately 
log (k2/k-1). Consequently, the magnitude of that 
distance will be dictated by the rate constant k2 for 
isoergonic transfer of the hydron within the hydro-
gen-bonded complex. 
 
 The observed rate constant for the transfer of 
a hydron between a particular acid and a particu-
lar base in solution provides a limit for the ex-
pected rate constant for the transfer of a hydron 
between the same acid and the same base during a 
chemical reaction in the active site of an enzyme. 
In the active site of the enzyme, there is usually a 

log k R  =  log k F  –  DpK a,AB

R1NH3
+  +  –OR2  1  R1NH2  +  HOR2          
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direct hydrogen bond between a particular acid 
and a particular base. In solution, there is often, if 
not usually, a chain of water molecules connecting 
the acid and the base that relays the hydron to accom-
plish the transfer (Equation 1-4). Consequently, 
the rate constant k2 for the actual transfer of the 
hydron in solution is probably a lower limit for the 
rate constant for transfer of a hydron in a direct hy-
drogen bond between acid and base. Because, 
however, most exergonic and even some isoergonic 
hydron transfers occur in solution with rate con-
stants k2 greater than or of equal magnitude to the 
rate constants k3 for dissociations of the respective 
encounter complexes, the transfer of a hydron 
through such a relay system, once it is established, 
must be rapid in all situations in which the hydron 
transfer is indirect. 
 The rate constants for the isoergonic transfers 
of a hydron between various types of acids and bases 
in solution provide implications about the rate 
constants for the transfer of a hydron between the 
same types of acids and bases in the active site of 
an enzyme. The isoergonic transfer of a hydron to 
the primary amine or from the primary ammonium 
in the side chain of a lysine should be the most rapid 
(Figure 1-1A). Even in this case, however, the overall 
isoergonic reaction in solution is limited by the 
value of k2 because the common logarithm of the 
actual rate constant kF is more than 0.3 unit below 
the intersection of the asymptotes. The primary 
amine or ammonium of a lysine is followed in its 
efficiency of transfer by the imidazole or imidazolium 
of a histidine (Figure 1-1B), the carboxylate or 
carboxylic acid in the side chain of an aspartate or 
a glutamate (Figure 1-1C), and the phenolate or 
phenol of a tyrosine (Figure 1-1D). Nevertheless, 
even with carboxylic acids and phenols, which have 
the slowest transfers within the encounter complex, 
the distance below the intersection of the asymp-
totes is only about 1.2 common logarithmic units, 
and k2/k-1 @ 0.06. If the rate constant for separation 
of the products, k-1, remains encounter-controlled 
at >1010 s-1, then the rate constant in solution for 
isoergonic transfer of the hydron, k2, is still >109 s-1. 
In the active site of an enzyme, the rate constant for 
the transfer of a hydron between any of these side 
chains and an amine, ammonium, imidazole, im-
idazolium, carboxylate, carboxylic acid, phenolate, 
or phenol on a substrate must be at least as rapid as 
the same type of transfer in solution. Consequently, 
all these types of transfer must reach equilibrium 
in a few nanoseconds. 

 If the transfer of a hydron within a hydrogen 
bond is endergonic, its rate constant, k2, will be 
controlled by the equilibrium constant for the 
transfer of the hydron 

                (1-13)  

Consequently, that rate constant should decrease 
by at most a factor of 10 for each decrease of DpKa 
by one unit (Figure 1-1A-D). As the reverse reac-
tion, however, becomes more and more exergonic 
because the forward reaction is becoming more 
and more endergonic, k-2 increases from its isoer-
gonic value, so k2 decreases by less than a factor of 
10 for each change in DpKa of one unit, and equilib-
rium within the hydrogen bond is nevertheless 
established rapidly. Consequently, the difference in 
the values of pKa between acid and base in the end-
ergonic transfer of a hydron within a hydrogen 
bond has to be fairly large before the transfer of a 
hydron between an oxygen and a nitrogen, be-
tween two nitrogens, or between two oxygens ex-
erts any significant limitation on the rate of an 
enzymatic reaction. As long as the differences in 
the values of pKa are not large, there is no need for 
an enzyme to accelerate such a transfer of a hydron. 
 
 Two other types of hydron transfer that often 
take place in enzymatic reactions, however, occur 
much more slowly in solution. First, the most inef-
ficient heteroatomic acid–base participating in the 
transfer of a hydron in solution to or from nitrogen 
and oxygen is a thiol or thiolate (Figure 1-1E). Second, 
the transfer of a hydron to and from carbon is much 
slower than that between heteroatoms. 
 Part of the reason that the transfer of a hydron 
from a thiol or to a thiolate is anomalously slow in 
solution is that, because sulfur is an element in the 
third row of the periodic table, a thiol is a poor donor 
for a hydrogen bond and a thiolate is a poor acceptor 
for a hydrogen bond to nitrogen or oxygen. As a result, 
a thiol or thiolate may not be incorporated into the 
layer of hydration surrounding it by donating or 
accepting, respectively, a hydrogen bond to or from 
a molecule of water within the layer. If this is the 
case, when the hydrated molecule containing the 
thiol collides with the hydrated molecule containing 
a nitrogen or an oxygen to which the hydron is going 
to be transferred, or when the hydrated molecule 
 
 

K eq2  =  
k 2 

k –2 
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containing the thiolate collides with the hydrated 
molecule containing a hydronated nitrogen or a 
hydronated oxygen from which the hydron is going 
to be transferred, a chain of water molecules con-
necting the hydron of the thiol or a lone pair of the 
thiolate to that nitrogen or oxygen may not form. If 
this chain cannot form, it may be necessary for a 
collision to be energetic enough to penetrate the 
respective layers of hydration and actually juxtapose 
the thiol or thiolate with the nitrogen or oxygen that 
either accepts or donates the hydron before the 
encounter succeeds in transferring the hydron.  
 In the active site of an enzyme, however, the 
situation is different. When the thiol of a cysteine is 
to be used as an acid, it is forcibly juxtaposed 
immediately adjacent to the base on the molecule 
of substrate to which it is donating a hydron. Con-
versely, when the thiolate of a cysteine is to be 
used as a base, it is forcibly juxtaposed immediately 
adjacent to the acid on the molecule of substrate 
from which it is accepting a hydron. If, for the 
transfer of a hydron to or from sulfur in solution, 
there actually is a unique requirement for the 
intimate juxtaposition of the reactants, and if this 
requirement significantly decreases the rate of 
transfer of the hydron in solution, then the slow 
rates for these transfers observed in solution do not 
imply that the transfer of a hydron to or from the 
sulfur of a cysteine in an active site achieves equi-
librium at a significantly slower rate than the trans-
fer of a hydron to or from the heteroatomic bases 
and acids on the side chains of lysines, histidines, 
aspartates, glutamates, or tyrosines. In fact, the 
side chains of cysteines are frequently used as cata-
lytic acids and bases in enzymatic reactions. 
 
 The rates for the transfers of hydrons to or 
from carbon atoms in solution are slow. Almost all 
of the transfers of hydrons to or from carbon that 
are relevant to enzymatic catalysis are to an enolate 
or from a carbon a to a carbonyl or an acyl group, 
and consequently most of the examples to be con-
sidered here are transfers of hydrons of this type. 
Such rate constants for the transfer of a hydron 
both to and from carbon exhibit large negative 
deviations from the asymptotic behavior exemplified 
by the transfers between heteroatoms displayed in 
Figure 1-1. 
 
 
 
 

 If the transfer of a hydron to or from carbon is 
severely exergonic, such as the transfer of a hydron 
from hydronium (pKa = -1.74) to the enolate of 
acetone (pKa @ 20),16 it proceeds at encounter-
controlled rates,* but the significantly exergonic 
transfer of a hydron from the acidic carbon on 
acetylacetone to hydroxide (DpKa,AB = +7) 

                  (1-14) 

and the significantly exergonic transfer of a hydron 
from hydronium to the enolate of acetylacetone 
(DpKa,AB = +11) 

 
                  (1-15) 

have second-order rate constants of 4 ¥ 104 M-1 s-1 
and 1 ¥ 107 M-1 s-1, respectively, which are consid-
erably less than encounter-controlled rates. The rate 
constant33 for the exergonic transfer of a hydron 
from the conjugate acid of 3-quinuclidinone to the 
enolate of acetone (DpKa,AB @ +12) is 2 ¥ 108 M-1 s-1 

at 25 ªC. The rate constants for the exergonic trans-
fers of a hydron to diphenylmethyl anion from a set 
of acids with different values of pKa in dimethyl-
formamide at 22 ªC32 vary systematically from 
2 ¥ 105 M-1 s-1 to 2 ¥ 109 M-1 s-1 within the range of 
DpKa,AB from 0 to +10 before leveling out near the 
encounter-controlled limit, and the slope of the line 
defining log kF as a function of DpKa,AB is 0.6. If this 
correlation had been for exergonic transfer to a 
nitrogen or an oxygen, the rate constants would 
have reached the encounter-controlled limit at 
much smaller values of DpKa,AB (Figure 1-1), and 
below the encounter-controlled limit, they would 
have been about 1000 times faster at the same re-
spective values of DpKa,AB. 
 

                                     
*If the transfer of the hydron to carbon becomes exergonic 
enough, the rate of its transfer from oxygen or nitrogen actually 
begins to decrease as the acid becomes stronger,32  but this 
inverted region is probably well beyond the values of DpKa,AB 
found in enzymatic reactions. 
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 When the removal of a hydron from carbon is 
endergonic, where it necessarily should be less rapid 
than a encounter-controlled reaction, it is extraor-
dinarily slow. For example, the rate constant for the 
removal of a hydron from acetone by hydroxide 
(DpKa,AB @ -5) 

                  (1-16) 

is much less (3 ¥ 10-1 M-1 s-1)16 than the rate con-
stant of about 105 M-1 s-1 expected for the rate of 
transfer of a hydron between two nitrogens or oxygens 
that differ this much in acid dissociation constants 
(Figure 1-1). The rate constants33 for the removal 
of a hydron by 3-quinuclidinone from acetone 
(DpKa,AB @ -12) and from ethyl thioacetate (DpKa,AB 
@ -13) are 5 ¥ 10-4 M-1 s-1 and 2 ¥ 10-5 M-1 s-1, 
respectively, at 25 ªC. The rates of the endergonic 
transfer of a hydron at 37 ªC from carbon 5 of dihydro-
orotate (pKa = 21) 

 
                  (1-17) 

to the lone pairs of a set of bases vary systematical-
ly from 10-10 M-1 s-1 to 10 M-1 s-1 for bases the con-
jugate acids of which have values of pKa from -1 to 
16, and the slope of the line defining log kF as a 
function of those values of pKa is 0.8.34 All these 
rate constants are more than 100-fold smaller than 
those expected for transfer of a hydron from oxy-
gen or nitrogen at the same values of DpKa,AB and 
temperature (Figures 1-1A-D). 
 The biggest problem in the transfer of a hydron 
from or to carbon is probably the inability of a 
carbon–hydrogen bond or the carbon in an enolate 
to form a hydrogen bond with molecules of water 
or other heteroatomic bases or heteroatomic acids, 
respectively. A carbon–hydrogen bond cannot act 
as the donor in a hydrogen bond because the electro-
negativities of carbon and hydrogen are so similar 
that a hydrogen–carbon bond has an insignificant 
electric dipole moment compared to that of a hydro-

gen–nitrogen bond or a hydrogen–oxygen bond.* 
The carbon in an enolate cannot act as an acceptor 
for a hydrogen bond because there is almost no 
free electron density on the carbon in an enolate. 
Another way of appreciating this latter problem is 
to realize that the carbon in an enolate does not 
have a lone pair of electrons that could act as an 
acceptor because the pair of electrons is delocalized 
in the p system and resides mainly on the oxygen. 
Consequently, as was the case with the thiol or 
thiolate , the acidic carbon–hydrogen bond or the 
carbon in an enolate cannot form a hydrogen bond 
with the molecules of water in the layer of hydration 
surrounding it. This inability to form a hydrogen 
bond with the molecules of water in the layer of 
hydration is even more extreme for carbon than for 
sulfur, and unlike the situation with a thiol or thio-
late, this inability to form a hydrogen bond probably 
persists even in an encounter complex in which the 
carbon–hydrogen bond or the carbon in an enolate 
is immediately juxtaposed to the base that is to 
remove the hydron or the acid that is to donate the 
hydron, respectively. 
 The hydrogen bond that readily forms between 
a normal heteroatomic base and a normal Brønsted 
heteroatomic acid when both heteroatoms are from 
the second row of the periodic table also lowers the 
free energy of activation for the transfer of a hydron 
by bringing the reactants significantly closer together 
than the van der Waals radii of their atoms would 
normally permit. In the transfer of a hydron to or 
from carbon, advantage cannot be taken of this 
proximity. This missed opportunity causes the dis-
tance between the carbon and the heteroatom of 
the acid that hydronates the carbon or the base that 
removes a hydron from the carbon to be longer in the 
ground state for transfer of the hydron, and it causes 
the energy barrier for that transfer to be much more 
significant than the barriers for transfer of a hydron 
between two heteroatoms.36 
 In solution in both directions, large changes in 
solvation must occur upon transfer of a hydron 
between any acid and any base.37 The change in solv-
ation, however, is far more extensive in the removal 
of a hydron from carbon than in the removal of a 
hydron from a heteroatom because the resulting 
increase of one negative elementary charge in the 
conjugate base of an acidic carbon usually occurs 
several atoms away from the location within the base 

                                     
*There are indications that, in the confines of the active site of 
an enzyme, hydrogen bonds between a carbon–hydrogen 
bond and a heteroatomic base can be sterically enforced.35  
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that gains the positive elementary charge. For an 
acidic carbon that has an enolate for its conjugate 
base, the negative elementary charge in the conju-
gate base appears primarily on the oxygen of the 
enolate, which is two atoms away from the atom of 
the base that gains the positive elementary charge 
upon hydronation.38 
 In addition, when a hydron is removed from a 
carbon a to a carbonyl or acyl group (Equations 1-14 
and 1-17), rehybridization to form the enolate is 
required as the hydron is removed.  
 Because carbon does not form normal hydro-
gen bonds, the transfer of a hydron from and to 
carbon, a reaction occurring in many enzymatic 
reactions, is slow when it occurs in free solution 
between two independent solutes. To overcome 
this difficulty and increase the rate of removal of a 
hydron from carbon by a heteroatomic base, the 
lone pair of electrons on the base can be pushed by 
the enzyme into the hydrogen–carbon bond to en-
force an arrangement similar to a hydrogen bond.39 
In the reverse direction, the rate of transfer of a 
hydron to an enolate can be increased if the excess 
p electron density on its anionic oxygen can be 
pushed onto the carbon causing the carbon to be 
more basic. In addition, in an enzymatic reaction, 
solvation of the ions is provided by the protein sur-
rounding the location at which the transfer of the 
hydron occurs, and the surroundings can be tailored 
by natural selection to provide the necessary changes 
in solvation as efficiently as possible. 
 
 The intramolecular transfer of a hydron can 
be appreciated in the context of the intermolecular 
transfers that have been the subject so far. The 
ideal situation, for both the formation of an effec-
tive hydrogen bond and the efficient transfer of the 
hydron within that hydrogen bond, is that in which 
the hydrogen of the acid and the s lone pair of elec-
trons of the base both lie upon the line of centers 
connecting the nuclei of the two atoms between 
which the hydron is transferred. This requirement 
is accomplished in the direct intermolecular transfer 
of a hydron to and from heteroatoms by the formation 
of a properly aligned hydrogen bond between two 
independent, readily oriented molecules. In an 
ideal hydrogen bond within which the transfer of a 
hydron is occurring, the s atomic orbital of the hy-
dron and the sp3 or sp2 orbitals from the two heavy 
atoms participating in the reaction overlap simul-
taneously to produce the transition state required 
for the transfer of the hydron 

 

Although this transition state is not required to be 
precisely linear as drawn,40 overlap of the three atomic 
orbitals creating it is an inescapable requirement. 
 In the intramolecular transfer of a hydron, the 
covalent connection between acid and base can 
interfere with the proper alignment of the orbitals 
to permit effective overlap. When the oxygen, nitro-
gen, or sulfur on which the hydron is situated is 
covalently attached to the same atom as the oxy-
gen, nitrogen, or sulfur on which the lone pair is 
situated so that only this one atom separates them, 
the direct transfer of the hydron to the lone pair is 
impossible. 

       (1-18) 

In such circumstances, a hydrogen bond cannot 
form because both the hydron and the lone pair lie 
too far off the line of centers and are held too far 
apart. In such a situation, if the acid loses a hydron 
and if the base gains a hydron, it does not result 
from the direct transfer of the hydron between 
them. There is always a separate base that removes 
the hydron from the acid, and the resulting conju-
gate acid of that base41 or another acid then trans-
fers a hydron to the lone pair of the base.42 
 When there are two atoms between the atoms 
on which the hydron and the lone pair are located, 
the intramolecular transfer of the hydron can oc-
cur, but the transfer is slow.40 The hydrogen bond 
in which it proceeds, because it is not ideally aligned, 
is weak and easily disrupted by protic solvents, 
which consequently interfere with the direct trans-
fer of the hydron.43 When there are three or four 
atoms separating acid and base, the hydrogen 
bond between them is permitted to assume the 
proper geometry in the resulting five-membered or 
six-membered ring (not counting the hydron), the 
hydrogen bond is a strong one,44 and transfer of the 
hydron is unimpeded. 

Suggested Reading 

Eigen, M. (1964) Proton transfer, acid–base cataly-
sis, and enzymatic hydrolysis. Part I: Elemen-
tary processes, Angew. Chem., Int. Ed. Engl. 3, 
1-19. https://doi.org/10.1002/anie.196400011 
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Nucleophilic Substitution 

As is the transfer of a hydron, a nucleophilic substi-
tution is the transfer of an electrophile between two 
lone pairs of electrons. Nucleophilic substitutions 
can occur at a saturated electrophilic carbon, at the 
electrophilic carbon in a carbonyl group, at the 
electrophilic carbon in an imine, at the electro-
philic carbon in an acyl group, and at the electro-
philic phosphorus in a phospho group. 
 The simplest reaction in organic chemistry, 
other than the transfer of a hydron, is a concerted 
nucleophilic substitution at a saturated carbon that 
proceeds without the formation of an intermediate. 
A concerted nucleophilic substitution is a nucleo-
philic substitution in which the bond between the 
leaving group and the electrophilic carbon is break-
ing as the bond between the nucleophile and the 
carbon is forming. An example of such a concerted 
nucleophilic substitution is the methylation of glycine 
by S-adenosyl-¬-methionine to produce sarcosine 

 
                  (1-19)  

that is catalyzed by glycine N-methyltransferase from 
Oryctolagus cuniculus.45 In this reaction, a bond 
between the carbon of the methyl group and the 
sulfur of S-adenosyl-¬-homocysteine (1-4) has been 
substituted with a bond between the carbon of the 
methyl group and the amino nitrogen of the gly-
cine. The electrophile, the methyl group, has been 
transferred from the lone pair of the sulfur of 
S-adenosyl-¬-homocysteine to the lone pair of the 
nitrogen of glycine, as if it were a hydron. 
 The four electrons participating in a concerted 
nucleophilic substitution are confined initially in 
atomic and molecular orbitals of the reactants; they 
end up confined in atomic and molecular orbitals 
of the products; and at the apogee of the change in 
free energy during the reaction, they are confined 
in a molecular orbital system of the transition 

state. For these electronic transitions to occur, the 
atomic and molecular orbitals of the reactants that 
will mix to form the unique molecular orbital system 
in the transition state must be able to approach 
each other closely enough and in the proper orien-
tation to overlap, and the atomic and molecular 
orbitals of the product must be such that they can 
be derived from a permitted unmixing of the molec-
ular orbital system of the transition state. 
 In the case of the concerted nucleophilic sub-
stitution described in Equation 1-19, the sp3 atomic 
orbital on the nucleophilic nitrogen occupied by its 
lone pair of electrons mixes with the molecular orbital 
system of the s bond between the carbon and the 
sulfur to produce the unique molecular orbital 
system of the transition state (Figure 1-2). This 
process can be viewed as a smooth transition in 

which the occupied sp3 atomic orbital on nitrogen 
overlaps with the unoccupied s* anti-bonding 
molecular orbital of the s bond between carbon and  
 
 
 

 
 
 
Figure 1-2: Progress of a concerted nucleophilic substitution. 
An atomic orbital on the nucleophile, occupied by a lone pair 
of electrons (drawn with solid outline), overlaps the antibonding 
molecular orbital (drawn with dashed outline) of the carbon–
sulfur bond. The overlap proceeds to a transition state formed from 
a combination of three atomic orbitals, one from each of the 
three atoms: nitrogen, carbon, and sulfur. The transition state 
decomposes through an overlap between an atomic orbital on 
sulfur (drawn with solid outline), which will contain a lone pair 
of electrons in one product, and the antibonding molecular 
orbital (drawn with dashed outline) of the carbon–nitrogen 
bond in the other product. The phases within the molecular 
and atomic orbitals are indicated with gray shading. 
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sulfur. This initial overlap leads to a molecular 
orbital system in the transition state composed of an 
atomic orbital from the attacking nitrogen, a 
p atomic orbital from the carbon of the methyl 
group, and an atomic orbital from the sulfur. 
Therefore, the unique molecular orbital system in 
the transition state has three molecular orbitals 
formed from the three atomic orbitals shown in 
Figure 1-2, and its two molecular orbitals of lowest 
energy are occupied by the four electrons that are 
being rearranged. These electrons are the two orig-
inally in the lone pair on the nitrogen and the two 
originally in the s bond between carbon and sulfur.  
 When the structure of the methyl group on 
S-adenosyl-¬-methionine is examined, one aspect 
of the energy barrier encountered by the lone pair 
of electrons on the nucleophilic nitrogen can be 
appreciated. The vacant antibonding orbital on the 
carbon* 

 

is in a depression formed from the three s bonds 
between the three hydrogens and the electrophilic 
carbon of the methyl group, and the six electrons in 
these three s bonds repel the two electrons in the 
lone pair on the nitrogen. This electron repulsion 
also results from orbital overlap, but in this case the 
overlap occurs between filled orbitals rather than 
between a filled and a vacant orbital. Along the 
trajectory of the reaction, as the atomic orbital 
containing the lone pair of electrons on the nitrogen 
overlaps the occupied bonding molecular orbitals 
of these three s bonds between the carbon and the 
three hydrogens, electron repulsion occurs. This 
unfavorable overlap is a major contributor to the 
instability of the transition state relative to the 
ground state. 
 The three s bonds form a repulsive funnel con-
fining the trajectory of the nucleophile and dictating 
the stereochemistry of the reaction. These three 
s bonds are pushed forward by the electron repul-

                                     
*Because biochemical molecules are often complex and only 
portions of them are usually shown in chemical drawings, the 
convention used in this book is to represent a bond to the rest 
of the molecule as an open line rather than using the conven-
tion -Rn as is done in organic chemistry. Instead of using an 
open line to represent a methyl group, as is commonly done in 
organic chemistry, a methyl group will always be written expli-
citly as -CH3. 

sion of the lone pair of electrons on the nucleophile 
as the reaction progresses. As they are pushed 
forward, they flatten into a plane perpendicular to 
the s bond between the carbon and the dissociating 
sulfur 

 

This reorientation does lead to a decrease in the 
mutual repulsion of the three s bonds. Neverthe-
less, the transition state involves too much electron 
repulsion to be stable, not to mention a pentavalent 
carbon, and it breaks down to yield the products. 
The reaction proceeds with inversion of configura-
tion of the methyl group being transferred. 
 To effect the reaction, the lone pair of electrons 
on nitrogen must approach a location on the electro-
philic carbon opposite the carbon–sulfur bond of 
S-adenosyl-¬-methionine with sufficient kinetic 
energy or, just as effectively, be forced against the 
carbon with sufficient potential energy to over-
come the electron repulsion inherent in the transi-
tion state. In solution, the kinetic energy of the 
reactants, which are freely diffusing prior to the 
encounter, and the kinetic energy of collisions of 
molecules of water from the solution with the encoun-
ter complex, after the encounter has been effected, 
provide the kinetic energy to overcome the repul-
sion in the transition state. Only encounters between 
two molecules that have kinetic energy greater than 
the free energy of activation and are correctly 
aligned can be productive. In the active site of the 
enzyme, once the reactants are properly aligned, 
normal thermal fluctuations in the positions of the 
atoms promote the reaction, but the lone pair of 
electrons on the nitrogen can also be compressed 
against the electrophilic face of the methyl group. 
 There is also an energy barrier to the reaction 
in solution, resulting from the requirement to 
desolvate the amine. As the nitrogen of the lone 
pair approaches the carbon, there must be suffi-
cient kinetic energy to peel away the layer of hydra-
tion around the lone pair in addition to overcoming 
the electron repulsion. In the case of the enzymatic 
reaction catalyzed by glycine N-methyltransferase 
(Equation 1-19), the layer of hydration is stripped 
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from the amine as it associates with the active site. 
This stripping of layers of hydration during the 
association of substrates with an active site is a major 
contributor to the catalysis performed by enzymes. 
 
 A leaving group is the atom or group of atoms 
that dissociates from the rest of the electrophile 
during a nucleophilic substitution. The rest of the 
electrophile contains the electrophilic atom of the 
reactant, and the leaving group contains the disso-
ciating atom that was originally bound to that electro-
philic atom. The leaving group in all of the methy-
lations performed by S-adenosyl-¬-methionine 
(Equation 1-19) is the dialkylated sulfur of 
S-adenosyl-¬-homocysteine (1-4), a sulfide, and 
the rest of the electrophile is the methyl group. Be-
cause the leaving group is an uncharged sulfide, 
the sulfur in S-adenosyl-¬-methionine bears the 
formal single positive charge number of a sulfonium 
ion, a fact that is responsible for the electrophilicity 
of its methyl group. This positive elementary charge 
cannot be delocalized. The other carbons attached 
to the positively charged sulfur are also electro-
philic. For example, the 3-aminopropyl group, rather 
than the methyl group, in S-adenosyl-3-(methyl-
thio)propylamine, the decarboxylated version of 
S-adenosyl-¬-methionine, is transferred to butane-
1,4-diamine by spermidine synthase from Escher-
ichia coli in a concerted nucleophilic substitution 
that proceeds with inversion of configuration at 
carbon 1 of the 3-aminopropyl group.46-48 Like-
wise, S-alkylsulfonium ions are competent alkylat-
ing agents49 in free solution in the absence of 
enzymatic catalysis. 
 The leaving group in a nucleophilic substitu-
tion can be improved by making its conjugate acid 
more acidic. Because the leaving group dissociates 
with a lone pair of electrons (Equation 1-19), its disso-
ciation from the electrophilic carbon resembles in 
its character the dissociation of the same constellation 
of atoms from a hydron during the acid dissocia-
tion of the conjugate acid of the leaving group. For 
example, the acid dissociation of the conjugate acid 
of S-adenosyl-¬-homocysteine, the leaving group in 
a methylation performed by S-adenosyl-¬-methio-
nine (Equation 1-19), is 

 
                  (1-20) 

Any alteration in the leaving group that decreases 
the pKa of its conjugate acid improves its capacity 
for dissociation. For example, S-adenosyl-¬-homo-
cysteine (Equation 1-19) is a better leaving group 
from S-adenosyl-¬-methionine than ¬-homocys-
teinyl anion, -SCH2CH2CH(NH3

+)CO2
-, is from 

¬-methionine because the cationic conjugate acid 
of S-adenosyl-¬-homocysteine (1-4; pKa @ -10) is a 
stronger acid than is ¬-homocysteine (pKa = 8.9), 
the conjugate acid of ¬-homocysteinyl anion. Con-
sequently, by adenosylating the ¬-methionine, the 
leaving group has become the sulfide rather than 
the thiolate, and S-adenosyl-¬-methionyl ion is a 
significantly more effective methylating agent than 
¬-methionine. 
 Almost all examples of improvements to the 
ability of the leaving group involve the addition of 
electrophiles. When the oxygen of a hydroxy group 
in an alcohol has been hydronated, it becomes a 
better leaving group because it dissociates as water 
rather than hydroxide ion. The conjugate acid of 
water, HOH2

+ (pKa = -1.74), is a stronger acid than 
the conjugate acid of hydroxide, HOH (pKa = 15.74). 
If a phospho group is added to the hydroxy group in 
an alcohol so that the leaving group is –OPO3H– 
rather than -OH, then the bonded oxygen becomes 
a better leaving group because the conjugate acid 
of the -OPO3H- that dissociates, HOPO3H- (pKa = 7.2), 
is a stronger acid than the conjugate acid of the –OH 
that would have dissociated (pKa = 15.74). If a sulfo 
group is added to the hydroxy group in an alcohol 
so that the leaving group is -OSO3

-, then the bonded 
oxygen becomes a better leaving group because the 
conjugate acid of the -OSO3

- that dissociates, 
HOSO3

- (pKa = 2.0), is a stronger acid than the con-
jugate acid, HOH (pKa = 15.74).50 The hydronation 
of a monobasic phosphate on another of its oxygens 
produces an even better leaving group, –OPO3H2, be-
cause the corresponding conjugate acid, HOPO3H2 
(pKa = 2.1), is even more acidic. When the oxygen of 
a hydroxy group on an alcohol has been acylated with 
an electrophilic functional group, such as an acetyl 
group, so that the leaving group becomes –OC(O)CH3, 
it is a better leaving group because the conjugate 
acid of the -OC(O)CH3 that dissociates, HOC(O)CH3 
(pKa = 4.7), is a stronger acid than the conjugate 
acid HOH (pKa = 15.74). The hydronation of the 
sulfur of ¬-methionine (Equation 1-20), causing it to 
resemble a sulfonium ion, makes its methyl group 
more electrophilic. 
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 The hydronation of nitrogen 7 in guanosine 

 

causes the guanine to become a better leaving 
group because the cationic conjugate acid of guanine 
(pKa = 3.3) is a stronger acid than guanine itself 
(pKa = 9.2). When guanosine is hydronated on the 
oxygen on carbon 6, when inosine51 is hydronated 
on the oxygen on carbon 6, when adenosine51 is 
hydronated on nitrogen 1, or when adenosine52 is 
hydronated on nitrogen 7, each of the respective 
nitrogenous bases becomes a better leaving group. 
 
 If the leaving group in a nucleophilic substitu-
tion at carbon is improved sufficiently that it 
leaves from the electrophilic carbon before any 
nucleophile collides with the carbon, it leaves behind 
a carbenium ion as an intermediate in a dissociative 
nucleophilic substitution 

 
                  (1-21) 

A dissociative nucleophilic substitution at carbon 
is a nucleophilic substitution in which the bond 
between the leaving group and the electrophilic 
carbon breaks completely before the bond between 
the carbon and the nucleophile begins to form. If 
the resulting carbenium ion then reacts with a nucleo-
phile other than the nucleophile of the leaving group 
itself, the addition of that nucleophile completes the 
dissociative nucleophilic substitution. For example 
(Equation 1-21), the hydronated hydroxy group 
dissociates and leaves behind a carbenium ion before 
methanol, the nucleophile, adds. The improvement 
of the leaving hydroxy group by its hydronation is 
essential to the formation of the carbenium ion, 
but the most consequential distinction between the 
dissociative nucleophilic substitution of Equation 
1-21, which is initiated by the formation of the 
carbenium ion, and the concerted nucleophilic 

substitution of Equation 1-19, which proceeds 
through a single transition state with no interme-
diate, is not so much the enhancement of the leaving 
group as the fact that the methyl group of the former 
has a primary carbon as the electrophile while the 
tert-butyl group of the latter has a tertiary carbon as 
the electrophile. The hyperconjugation of the three 
methyl groups surrounding the carbenium ion is 
the key to its stability. 
 During the formation of a carbenium ion by 
dissociation of the leaving group, the two molecular 
orbitals of the s bond, bonding (filled) and anti-
bonding (vacant), have been smoothly turned into 
the filled atomic orbital containing the lone pair of 
electrons on the leaving group and the vacant 
p orbital of the carbenium ion 

        (1-22) 

At the same time, the three substituents around the 
carbon have entered the plane perpendicular to the 
axis of the p orbital (Equation 1-21). 
 Carbenium ions have the hybridization p, sp2, 
sp2, sp2 because of electron repulsion among the 
three occupied molecular orbitals of the three 
s bonds to the substituents, which are no longer 
repelled by a fourth s bond and want to be as far 
apart as possible, and because of the decrease in 
energy produced by bringing the six electrons in 
these three s bonds closer to the nucleus in the 
more compact sp2 orbitals. Nevertheless, the reac-
tion is endergonic because a covalent bond—in the 
example of Equation 1-21, that between carbon 
and oxygen—is broken with no recompense other 
than these changes and changes in solvation. The 
heterolytic cleavage of this bond is the energy barrier 
to the reaction. In the reverse direction, however, 
no significant energy barrier exists and the combi-
nations of nucleophiles with carbenium ions are 
usually encounter-controlled reactions. 
 Aliphatic carbenium ions are not widely used 
in biochemical reactions. Natural selection pre-
sumably has avoided them for the same reasons 
they are avoided in organic synthesis: the problems 
of elimination and rearrangement. There is, however, 
a broad class of enzymatically catalyzed reactions 
involved in the biosynthesis of carotenoids, steroids, 
and terpenoids. In each of these reactions, a carbe-
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nium ion is generated from the substrate when it is 
in the active site expressly because it can engage in 
rearrangement and elimination. The rearrangements 
and eliminations are carefully controlled sterically 
by these enzymes and are used to produce dramatic 
alterations in the structure of their substrates. In 
each of these reactions, the carbenium ion is gen-
erated from a diphosphorylated alcohol (-OPO3PO3

2-) 
or from a hydronated oxirane, both of which have 
good leaving groups. 
 
 An oxocarbenium ion is a distinct type of carbe-
nium ion. One substituent on the carbon atom in 
an oxocarbenium ion is an oxygen atom so that the 
positive charge is delocalized between the carbon 
and the oxygen. Following the required hydrona-
tion of the leaving oxygen, an oxocarbenium ion is 
formed by the dissociation of that hydronated oxygen 
from a hemiacetal 

      (1-23) 

(R2 = H; R4 = H; R1 and R3 are substituents attached 
through carbon), a hemiketal (R4 = H; R1, R2, and R3 
are substituents attached through carbon), an acetal 
(R2 = H; R1, R3, and R4 are substituents attached 
through carbon), or a ketal (R1, R2, R3, and R4 are 
substituents attached through carbon). When a 
formally positive nitrogen leaves from a hemiaminal 
ether 

      (1-24) 

(R1, R2, and R3 are substituents attached through 
carbon), an oxocarbenium ion is also formed. 
 When an acetal is formed, almost always from 
a hemiacetal, the hydroxy group of that hemiacetal, 
after it has been hydronated, leaves as a molecule 
of water (forward direction of Equation 1-23, 
R4 = H), and the oxygen of an alcohol other than 
water adds to the resulting oxocarbenium ion (re-
verse direction of Equation 1-23, R4 π H). When a 
ketal is formed, almost always from a hemiketal, 
the hydronated hydroxy group of the hemiketal 
leaves as a molecule of water and the oxygen of an 

alcohol adds to the resulting oxocarbenium ion. 
The replacement of the hydroxy group with an 
alkoxy group in each of these instances turns a 
hemiacetal or a hemiketal, which readily reverts to 
the aldehyde or ketone, into an acetal or a ketal, 
which, in the absence of enzymatic catalysis, only 
reverts to the aldehyde or ketone in strong acid. 
 The p  molecular orbital system of an oxocarbe-
nium ion contains two electrons, which leaves the 
system with a net positive formal elementary 
charge. This formal charge can be represented by 
resonance 

 

The resonance form drawn to the right in Equa-
tions 1-23 and 1-24 and 1-8 for the oxocarbenium 
ion is the form in which all atoms have octets, but 
oxygen, the more electronegative element, is required 
to bear a positive formal elementary charge. In this 
resonance form, there is a p bond between carbon 
and oxygen, which is why the oxocarbenium ion is 
more stable than a simple carbenium ion. An oxo-
carbenium ion is not so prone to rearrangement 
and elimination as a carbenium ion because the 
conjugated oxygen both confines the location of 
the formal positive elementary charge and moderates 
its reactivity.  
 Specific examples of dissociative nucleophilic 
substitutions involving an oxocarbenium ion as an 
intermediate would be the nucleophilic substitution 
of 3-bromoisoquinoline by azide53 

                  
(1-25)
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and the acid-catalyzed hydrolysis of adenosine54 
hydronated at nitrogen 7 

  
                  (1-26) 

The oxocarbenium ion formed during the acid-
catalyzed hydrolysis of acetophenone dimethyl ketal 
has been identified by trapping it with sulfite55 

  
                  (1-27) 

In the latter two reactions, the formation of the 
oxocarbenium ion requires that the leaving group 
be hydronated, and in all three reactions, the atom 
that is leaving bears a formal positive elementary 
charge in the reactant, as is the case with the leaving 
oxygen atom in the hydrolysis of any acetal or ketal 
(see Equation 1-23).56 

 

Figure 1-3: Dissociation of a hemiaminal ether to produce an 
oxocarbenium ion (Equations 1-24 and 1-25). The atomic 
orbital on oxygen bearing the lone pair of electrons (drawn 
with solid outline) overlaps the unoccupied antibonding 
molecular orbital (drawn with dashed outline) of the carbon–
nitrogen í bond to produce the transition state formed from 
the overlap of three atomic orbitals, one from each of the three 
atoms, oxygen, carbon, and nitrogen. The transition state decom-
poses through an arrangement in which the unoccupied anti-
bonding p molecular orbital (drawn with dashed outline) of the 
oxocarbenium ion in the one product overlaps the atomic orbital 
on nitrogen (drawn with solid outline) occupied by the lone 
pair of electrons present in the other product. 
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 The molecular orbital system of the transition 
state in a dissociation that produces an oxocarbe-
nium ion is formed from three atomic orbitals. For 
example, the orbitals of the reactant that mix to 
form the molecular orbital system of the transition 
state lying between the hemiaminal ether and the 
oxocarbenium ion and the leaving 3-bromoiso-
quinoline in Equation 1-25 are a p atomic orbital 
on the adjacent oxygen, a p atomic orbital on the 
carbon, and an sp2 atomic orbital on the nitrogen 
(Figure 1-3). The unique molecular orbital system 
of the transition state created from mixing these 
three atomic orbitals has three molecular orbitals, 
and the two with lowest energy are occupied by the 
four electrons participating in the reaction. 
 Dissociative nucleophilic substitutions that 
have oxocarbenium ions as intermediates are ac-
celerated by the push of an adjacent lone pair of 
electrons on the oxygen. For example, in the forward 
direction of the reaction in Equation 1-26, the dissoci-
ation to form the oxocarbenium ion can be considered 
as expulsion of the nitrogen of the leaving group 
accelerated by the push of a lone pair of electrons 
on the oxygen.57 This lone pair of electrons in the 
reactant is located in an sp3 atomic orbital on the 
oxygen. In the approach to the transition state, 
this occupied sp3 atomic orbital overlaps with the 
unoccupied s* antibonding molecular orbital of 
the carbon–nitrogen s bond (Figure 1-3). This 
s* antibonding orbital is to become the p orbital on 
the carbon (see Equation 1-22). In the absence of 
the oxygen, it would normally be a simple vacant 
p orbital of a carbenium ion, but in the presence of 
the oxygen, it will participate in the p molecular 
orbital system of the oxocarbenium ion. The overlap 
of the occupied sp3 orbital of the oxygen with the 
unoccupied s* antibonding orbital of the carbon–
nitrogen bond lowers the energy of the transition 
state relative to the situation in which there is no 
adjacent heteroatom. There is little doubt that a 
push is operating in displacements of this type 
because they are always more rapid than the same 
reaction in which the oxygen, or a nitrogen (Equa-
tion 1-24), is replaced by carbon. 
 The direction from which the push is applied 
is an issue. The atomic orbital holding the lone pair 
of electrons on oxygen, which will provide the push 
during the formation of an oxocarbenium ion, has 
been shown in Figure 1-3 and Equations 1-23 and 
1-24 assuming an antiperiplanar orientation to the 
dissociating nitrogen 

 

In 1-9 the nitrogen atom, the s bond between nitro-
gen and carbon, the carbon atom itself, the s bond 
between carbon and oxygen, the oxygen atom, and 
the lone pair of electrons on the oxygen atom are all 
in the same plane so that the lone pair of electrons 
and the carbon–nitrogen s bond are periplanar. 
This periplanarity is always necessary for the proper 
overlaps to occur. In the antiperiplanar conformation 
drawn, when viewed along the carbon–oxygen bond, 
the lone pair of electrons on the oxygen is oriented 
at a dihedral angle of 180ª from the pair of electrons 
in the s bond between carbon and nitrogen. In a 
synperiplanar conformation, which would result from 
a 180ª rotation of the carbon–oxygen bond, the lone 
pair of electrons is oriented at a dihedral angle of 0ª 
from the s bond between carbon and nitrogen. 
There is a proposal, described by the author as stereo-
electronic control,58,59 that an antiperiplanar orienta-
tion is a necessity of the reaction because the push 
must be provided through the antibonding orbital 
(Figure 1-3), from the opposite side of the carbon 
from which the nitrogen is leaving. In this orientation, 
the overlap between the atomic orbital containing 
the lone pair of electrons and the antibonding orbital 
of the molecular orbital system of the s bond is at 
its maximum. 
 It has been documented in studies of the hy-
drolysis of cyclic ortho esters60 that antiperiplanar 
push is stronger than synperiplanar push. Even in 
this situation, however, in which two oxygens rather 
than one are providing the push, the push from the 
antiperiplanar side was less than 10 kJ mol-1 stronger 
than the push from the synperiplanar side.60,61 In 
other reactions, such as nucleophilic substitution at 
the anomeric carbon of the pyranose in Equation 
1-25, a reaction of the type most common in enzy-
matic catalysis, there is experimental evidence that 
the conformation of the pyranose required to effect 
antiperiplanar push is so sterically disfavored that, 
in such instances, synperiplanar push dominates.62-64 
For example, in the reaction shown in Equation 1-25, 
synperiplanar push would be expressed as 

     (1-28) 
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Consequently, the decision as to whether synperi-
planar push or antiperiplanar push dominates in a 
particular reaction is probably more often a steric 
one than an electronic one because, if there is any 
electronic advantage to antiperiplanar push, it is a 
small one. Nevertheless, if there is even a small 
advantage in a situation in which steric effects do 
not dominate, that advantage may have been ex-
ploited by natural selection. 
 Periplanar pull may be exerted in the formation 
of an oxocarbenium ion from an acetal (Equation 
1-27) by hydronating a lone pair of electrons on the 
leaving group that is periplanar rather than orthog-
onal to the developing p bond of the oxocarbenium 
ion 

     (1-29) 

Whether or not periplanar pull can be exerted is of 
interest for reactions occurring in the active sites of 
enzymes where the stereochemistry of the acid relative 
to the acetal can be dictated.65 
 The addition of a nucleophile to an oxocarbe-
nium ion, which leads to the product in the second 
step of a dissociative nucleophilic substitution, is 
the reverse of the dissociation that produces an oxo-
carbenium ion (Figure 1-3). Addition of the nucleo-
phile to the oxocarbenium ion can be viewed as 
being initiated by overlap between the sp2 atomic 
orbital on the nucleophile occupied by its s lone 
pair of electrons and the vacant p* antibonding 
molecular orbital of the molecular orbital system of 
the double bond between carbon and oxygen in the 
oxocarbenium ion 

 

The resulting transition state separates to produce 
the two molecular orbitals of the s bond between 
carbon and the heteroatom of the nucleophile and 
the sp3 atomic orbital on oxygen containing the 
lone pair of electrons. 

 During the addition of a nucleophile to the 
electrophilic carbon in an oxocarbenium ion, a signif-
icant portion of the energy barrier is again due to 
electron repulsion. This electron repulsion affects 
both addition of the leaving group, in the reverse 
direction, and addition of the original nucleophile, 
in the forward direction (Equations 1-25 to 1-27) of 
the dissociative nucleophilic substitution. The lone 
pair of electrons of the nucleophile on a trajectory 
toward the unoccupied antibonding molecular or-
bital of the p bond between the carbon and the 
electropositive oxygen finds itself surrounded by 
the two pairs of electrons in the two s bonds be-
tween the carbon and its two other substituents 
and by the pair of electrons in the occupied bond-
ing molecular orbital of the p bond between car-
bon and oxygen. The two electrons in the p bond 
are delocalized and more concentrated over oxy-
gen because of its electronegativity, so the electron 
repulsion is not so great as that experienced by a 
nucleophile in a concerted nucleophilic substitu-
tion at a fully saturated carbon. Nevertheless, either 
the kinetic energy of the nucleophile as it collides 
or the potential energy of squeezing the nucleo-
phile against the carbon, or a combination of these 
forces, is required to overcome the energy barrier. 
As the nucleophile moves in, the two s bonds are 
pushed downward and the delocalized electrons in 
the occupied bonding molecular orbital of the 
p bond are pushed over onto the oxygen (Equations 
1-23 and 1-24). 
 The lifetime of an oxocarbenium ion measures 
its electrophilicity. Lifetimes of oxocarbenium ions 
in water have been estimated by measuring the 
competition between azide ion and water for trapping 
them. Because the nucleophilic addition of water 
extinguishes the oxocarbenium ions, these measure-
ments use water as a reference nucleophile to 
probe the relative electrophilicities of the oxo-
carbenium ions. The estimated lifetimes varied 
from 2 ¥ 10-8 s for methylphenylmethoxocarbenium 
ion to 5 ¥ 10-11 s for ethylethoxocarbenium ion.66 As 
one might expect from the electrophilicities of alkyl 
carbenium ions, substituents decrease the electro-
philicity of an oxocarbenium ion in the order 
phenyl > alkyl > alkoxymethyl > hydrogen. From 
these short lifetimes, it follows that an oxocarbenium 
ion is significantly electrophilic. In fact, it is elec-
trophilic enough to participate in intramolecular 
electrophilic aromatic substitution.67 
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 Various estimates of the lifetime of the ∂-gluco-
pyranosylium ion 

 

which is the oxocarbenium ion formed by the disso-
ciation of a leaving group from a ∂-glucopyranoside, 
are on the order of 10-11 to 10-12 s in water at 25 ªC.53,66 
These lifetimes are for a situation in which water, a 
weak nucleophile but nevertheless a nucleophile, 
surrounds the oxocarbenium ion and solvates it by 
directing its nucleophilic lone pairs of electrons 
towards the cation, an orientation in which they 
are aligned to add to it. The lifetime of the 
∂-glucosyloxocarbenium ion is so short because 
the two substituents on the electrophilic carbon are 
a 1-hydroxyalkyl group and a hydrogen. The hy-
droxy in the the 1-hydroxyalkyl group withdraws 
electron density, and the hydrogen cannot provide 
hyperconjugation. Although ∂-glucopyranosylium 
ion has never been observed in solution because of 
its lability, tetramethyl-∂-glucopyranosylium ion 
has been produced in the gas phase and lives long 
enough for its infrared spectrum to be gathered.68 
In the active site of an enzyme, unlike in solution 
where nucleophilic molecules of water are imme-
diately adjacent to it, the lifetime of a ∂-gluco-
pyranosylium ion will depend, as it does in the gas 
phase, critically on the access of nucleophiles to its 
two faces. Consequently, the lifetime of the ion in 
aqueous solution cannot be used as an argument 
that it is too evanescent to exist as an intermediate 
in an active site.69 
 "The kinetic equation of a multistep reaction 
will contain the rate constants of some or all of the 
successive reaction steps. The last step in this series, 
the rate constant for which appears in the kinetic 
equation, is rate-limiting."70 By this definition, all 
of the steps that follow the rate-limiting step, although 
they are real, unavoidable steps, must be so fast 
that they occur immediately relative to the passage 
through the rate-limiting step, and therefore they have 
no effect on the observed rate of the reaction. In 
the hydrolyses of acetals and ketals (Equation 1-27 
with H2O in place of SO3

2-), although hydronation of 
the oxygen of the leaving group is always required, 
either the dissociation of the carbon–oxygen 
bond71 or the addition of water or hydroxide to the 
oxocarbenium ion can be the rate-limiting step, 
depending on the pH of the solution.72,73  

 Although in most cases an oxocarbenium ion 
is less prone to elimination than a carbenium ion, 
an oxocarbenium ion is an intermediate in the for-
mation of vinyl ethers by elimination. For example, in 
an acidic solution, the diethyl acetal of ethanal 
gives ethyl vinyl ether 

  
                  (1-30) 

This reaction is analogous to the elimination from a 
carbenium ion that would be a side product during 
a simple dissociative nucleophilic substitution. Such 
an elimination would be an undesired side reaction 
in a desired nucleophilic substitution at a carbon 
atom immediately adjacent to an oxygen. Because 
the loss of the hydron (the second step) is the rate-
limiting step in this elimination,71 such an undesired 
elimination can be prevented from occurring on an 
enzymatic active site by denying the hydron a base 
and capturing the oxocarbenium ion by the intended 
nucleophile before it can eliminate the hydron. In 
solution, however, for most dissociative nucleo-
philic substitutions involving oxocarbenium ions 
as intermediates, the transition state for substitu-
tion is of lower energy than the transition state for 
elimination. The reverse of this type of elimination 
(Equation 1-30), in which the enol ether is first 
hydronated at the b carbon to give the oxocarbenium 
ion, produces the hemiacetal when the nucleophile 
is water rather than ethanol and leads to the hydrolysis 
of the vinyl ether.74 For example, the hydrolysis of 
ethyl vinyl ether produces ethanal and ethanol. 
 Tertiary iminiums are the nitrogen equivalents 
of oxocarbenium ions. During the opening of imida-
zolines 

           (1-31) 

the less basic nitrogen, which is determined by the 
identity of R1 and R2, is the leaving group, but only 
after it is hydronated.75 Equation 1-31 serves as an 
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example of a nitrogen rather than an oxygen 
providing the lone pair of electrons stabilizing the 
carbocation by forming an iminium rather than an 
oxocarbenium ion. Both the fact that the more 
basic, more electron-releasing nitrogen is better 
able to stabilize the carbocation while forming an 
iminium and the fact that the less basic nitrogen, 
once it is hydronated, is a better leaving group ex-
plain the regiochemistry of the reaction. Because a 
nitrogen is less electronegative than an oxygen, the 
carbon of an iminium is less electropositive and 
significantly less reactive than the carbon of an 
oxocarbenium ion. Because it is less electronega-
tive, the nitrogen with a positive elementary charge 
in a tertiary iminium exerts a weaker electron with-
drawal than oxygen with a positive elementary 
charge in an oxocarbenium ion, and the nitrogen 
stabilizes the positive elementary charge of the cation 
more effectively. 
 
 A concerted nucleophilic substitution proceed-
ing through a single concerted transition state and 
a dissociative nucleophilic substitution proceeding 
through an unassociated, fully intermediate carbe-
nium ion or oxocarbenium ion are two extremes of 
a continuous spectrum of mechanism.76 Making a 
firm distinction between concerted mechanisms 
and dissociative mechanisms, as well as any other 
attempts to define boundaries within this continu-
ous spectrum of mechanism, are at best counter-
productive. 
 One way to visualize this continuous spectrum 
of mechanism is to represent the energetics of a 
particular nucleophilic substitution on a three-
dimensional surface of potential energy (Figure 
1-4A,B).77,78 One coordinate for this surface is the 
distance between the carbon at which the substitu-
tion is taking place and the atom (Y) that is leaving 
the electrophile. Another coordinate is the distance 
between that same carbon and the nucleophilic atom 
(X) that is adding to it. These two coordinates define 
a continuous two-dimensional field. 
 For every point on this two-dimensional field, 
there is a potential energy associated with the two 
distances that are the coordinates of that point. The 
potential energy is the third coordinate, and these 
three coordinates together produce the three-dimen-
sional surface of potential energy. This surface of 
potential energy can be represented topographically 
with contours of equal potential energy. On this 
undulating surface of potential energy there will 
always be a path from reactant to product, the 
reaction coordinate (dashed arrow), through a 

point of lowest potential energy, a col.* The transi-
tion state of the reaction, which is at the maximum 
of potential energy experienced between reactant 
and product, is at this col.  
 For a dissociative nucleophilic substitution, in 
which the bond to the leaving group is completely 
broken before the bond to the nucleophile begins 
to form, there is a carbenium ion or oxocarbenium 
ion as an intermediate (Figure 1-4A). Before the 
dissociation begins, there is a minimum of 
potential energy (lower right corner) at the bond 
length between the atom of the leaving group and 
the electrophilic carbon representing the ground 
state, and the nucleophile is far enough away to 
have no effect on the potential energy of the 
electrophile. Following the dissociation, there is a 
minimum of potential energy (upper right corner) 
when both the leaving group and the nucleophile 
are far enough away to have no effect on the 
potential energy of the carbenium ion or the oxocar-
benium ion. After the product has formed, there is 
a minimum of potential energy (upper left corner) 
when the leaving group is far enough away to have 
no effect on the potential energy of the reaction. 
The reaction proceeds through the first transition 
state (‡) along a reaction coordinate over a col to 
produce the carbenium ion or the oxocarbenium 
ion (vertical dashed arrow) and through the second 
transition state along a reaction coordinate over a 
col to give the product (horizontal dashed arrow).
 For a concerted nucleophilic substitution 
(Figure 1-4B), in which the bond to the leaving 
group is being broken while the bond to the nucleo-
phile is being formed, the reaction passes through 
only one transition state (‡) at a col in the potential 
energy. In this transition state, the nucleophilic at-
om and the atom of the leaving group are both 
closer to the carbon as the bonds are being simul-
taneously broken and formed than they are when a 
carbenium ion or oxocarbenium ion is the inter-
mediate. The respective lengths of the bond to the 
nucleophile and the bond to the leaving group in 
the transition state of a concerted nucleophilic 
substitution are determined by the position of the 
col on the surface of potential energy. For example, 
it has been estimated from various kinetic isotope 
effects on the rate of the reaction at pH 6.0 and 50 ªC  
 

                                     
*A col is a pass in a range of mountains. The term historically 
applied to this point on a three-dimensional surface of potential 
energy was a saddle point. Saddle is a term in mountaineering 
that is more commonly used in certain regions for a col. 
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Figure 1-4: Hypothetical three-dimensional representations of 
surfaces of potential energy77,78 for a nucleophilic substitution 
at a saturated carbon. The ordinate of the plot is the distance 
between the electrophilic carbon and the atom X that is leaving 
during the substitution. The abscissa of the plot is the distance 
between the electrophilic carbon and the nucleophilic atom Y 
that is forming the new bond with the electrophilic carbon. 
The intersection of these two axes, for the sake of brevity, is not 
the point at which each has a value of zero, which would be a 
singularity of potential energy. The point of their intersection 
has coordinates or distances close to the values for the lengths 
of the respective covalent bonds, one between the electrophilic 
carbon and the atom leaving and one between the electro-
philic carbon and the nucleophilic atom in the product. The 
third dimension is the potential energy associated with each 
value for these two distances. The third dimension is repre-
sented topographically by contour lines of equal potential. 
These contour lines represent a sinuous surface of potential 
energy. The two topographic maps of potential energy are en-
tirely hypothetical, do not represent the surface of potential 
energy for any reaction, and are intended only for demonstra-
tion. The positive signs identify peaks of potential energy, and 
the negative signs identify wells of potential energy. The usual 
sign (‡) for a transition state designates a minimum of poten-
tial energy between reactants and products at the col through 
which the reaction proceeds. The dashed, curved arrows indi-
cate the path of the reaction coordinate along which the reac-
tion proceeds. In all instances of nucleophilic substitution at  
 
 
 
 

carbon, the contours nearest the origin of the plot represent a 
pentavalent carbon, which has such a high potential energy 
that it has never been observed. The species involved as reac-
tants, intermediates, transition states, or products are repre-
sented outside the plots below (reactants) or above (inter-
mediate carbocation, associated intermediate, or products) the 
location of their respective potential energies. (A) Hypothetical 
surface of potential energy for a dissociative nucleophilic sub-
stitution. The atom X, which is the leaving group, dissociates 
completely (vertical dashed, curved arrow) before the nucleo-
phile Y associates (horizontal dashed, curved arrow) with the 
resulting carbocation. The carbocation is at a minimum of 
potential energy as are the reactants and the products. There is 
a transition state between the reactant and the carbocation 
and another transition state between the carbocation and the 
products. (B) Hypothetical surface of potential energy for a 
concerted nucleophilic substitution. The atom X that is leaving 
dissociates as the bond to the nucleophilic atom Y is forming. 
Consequently, there is only one col between reactants and 
products and only one transition state. The position at which a 
carbocation would be formed is a maximum of potential ener-
gy in this instance because the carbocation is unstable. (C) 
Several possible reaction coordinates between reactants and 
products that represent, in descending order, a more and more 
unstable carbocation and a more and more associative nucle-
ophilic substitution. Adapted with permission from reference 77. 
Copyright 1972 American Chemical Society. https://doi.org/ 
10.1021/cr60280a004 
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that in the transition state for the substitution of a 
fluoro group on a-∂-glucopyranosyl fluoride by an 
azido group (see Equation 1-25 and 1-14), the 
distance from the electrophilic carbon to the 
fluoride that is leaving is 0.27 nm and the distance 
from the electrophilic carbon to the nucleophilic 
nitrogen of the azide is 0.19 nm.79 
 The potential energy is always very large for 
the situation in which the length of the bond 
between the nucleophile and the electrophilic 
carbon is the same as its length in the product at 
the same time that the bond between the leaving 
group and the electrophilic carbon is the same 
length as it is in the reactant (lower left corner) 
because this would be the situation for a penta-
valent carbon, which is so unstable that it has never 
been observed in solution.* Consequently, there is 
always a mountain of potential in the lower left 
corner of the surface of potential energy in both 
dissociative and concerted nucleophilic substi-
tutions at a saturated carbon. 
 One way to think about the continuous progres-
sion from a dissociative nucleophilic substitution 
to a concerted nucleophilic substitution is to 
concentrate on the stability of the carbenium ion 
or oxocarbenium ion, represented by the well of 
potential energy in the upper right corner of the 
surface of potential energy for the dissociative sub-
stitution (Figure 1-4A). As the carbenium ion or 
oxocarbenium ion becomes more and more unstable, 
the well of potential energy becomes a plain and 
then a hill of potential and then a mountain of 
potential energy (Figure 1-4B). This increase in the 
potential energy of the carbenium ion or oxocar-
benium ion first creates a col immediately adjacent 
to the upper right corner and then pushes the col 
more and more in a lower left direction (Figure 
1-4C) until it is a col between two substantial 
mountains of potential energy (Figure 1-4B). These 
mountains are the unstable carbenium ion or oxo-
carbenium ion (upper left corner) and a penta-
valent carbon (lower right corner). 
 This spectrum of mechanism can be consid-
ered for the particular case of a reaction involving 
an electrophilic carbon attached to an alkoxy group 
for which an oxocarbenium ion is a possible inter-
mediate (Equations 1-25 to 1-30). In a mechanism 
with a fully developed intermediate oxocarbenium 
ion, the bond between leaving group and carbon 
breaks completely before the bond between nucleo-

                                     
*There is a hexacoordinated carbon atom in the center of a 
metallic cluster in the enzyme nitrogenase. 

phile and oxocarbenium ion begins to form (Equa-
tion 1-25). Two steps can be distinguished—namely 
the dissociation of the leaving group followed by 
the association of the nucleophile—and the reaction 
has two transition states—one for the first step that 
produces the oxocarbenium ion and one for the 
second step that produces the products. This disjunc-
tion is the reason for the existence of the oxocarben-
ium ion as an intermediate. In the single transition 
state of a concerted nucleophilic substitution 
proceeding without an intermediate, however, the 
bond between the leaving group and the electrophilic 
carbon is breaking in concert with the formation of 
the new bond to the nucleophile. If the two are fully 
coordinated, the carbon remains uncharged. 
 The difference in these two extremes can be 
also thought of as a matter of timing, and the spec-
trum between these two extremes covers mecha-
nisms in which the formation of the bond to the 
nucleophile lags behind by a certain degree or 
precedes by a certain degree the disintegration of the 
bond to the leaving group. Within this spectrum, an 
oxocarbenium ion is more or less realized. In the 
case of nucleophilic substitution at a fully saturated 
carbon next to an alkoxy oxygen, the formation of 
the bond between the electrophilic carbon and the 
nucleophile cannot precede the disintegration of 
the bond to the leaving group by too much of an in-
terval or the carbon would become pentavalent, 
but it definitely can lag behind by any interval. The 
more it lags behind, the more the electrophilic car-
bon in the transition state resembles an oxocarbe-
nium ion. 
 
 One of the traditional distinctions between 
the two extremes of mechanism for nucleophilic 
substitution is the molecularity of the observed 
rate. A concerted nucleophilic substitution pro-
ceeding in free solution through a single transition 
state without the formation of an intermediate 
(Equation 1-19) is a bimolecular reaction, and its 
observed rate constant is second-order (SN2). The 
rate of the reaction is first-order in electrophile and 
first-order in nucleophile. The first step of a disso-
ciative nucleophilic substitution, however, which 
proceeds through an unassociated, intermediate 
carbenium ion or oxocarbenium ion, is the unimolec-
ular formation of that carbenium ion or oxocarbenium 
ion (Equations 1-21 and 1-25). Because the second 
step is almost always more rapid, the first step is 
the rate-limiting step, and the observed rate for 
such a dissociative nucleophilic substitution is 
first-order (SN1). 
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 Consider the following three conditions. First, 
the nucleophile must be immediately adjacent to 
the electrophilic carbon within its shell of solvation 
before the bond to the leaving group can begin to 
break. Second, after the bond to the leaving group 
and the electrophilic carbon has completely broken, 
the new bond to the adjacent nucleophile has not 
yet begun to form and a full oxocarbenium ion 
exists. Third, the adjacent nucleophile, while still in 
the solvent shell, then forms the new bond without 
having the time to exchange with another nucleo-
phile in the solution because the lifetime of the ox-
ocarbenium ion is so short 

  (1-32) 

If all three conditions are met, then the reaction is 
bimolecular, so its rate is first-order in the concen-
tration of the electrophile and first-order in the 
concentration of the nucleophile, and it proceeds 
with inversion of configuration at the electrophilic 
carbon. The reaction, however, also proceeds in 
two steps with a fully formed, intermediate oxo-
carbenium ion (1-12 in Equation 1-32). Such a 
mechanism, containing prominent features of the 
two extremes in the spectrum, is possible because 
it has been shown that, in order for an oxocarbenium 
ion to form, it usually must be solvated above and 
below the plane of its bonds by lone pairs of electrons 
from at least the solvent if not the nucleophile.80 
The nucleophile can provide a lone pair of elec-
trons to solvate the oxocarbenium ion on one face, 
and the leaving group can provide a lone pair of 
electrons on the other face (1-12). Before the solva-
tion by the nucleophile is provided or if the nucle-
ophile dissociates too soon from the shell of 
sovation, the oxocarbenium ion cannot form. 
 Nucleophilic substitutions that occur in solu-
tion at the electrophilic carbon of a ketal usually 
have first-order rate constants, and the concentra-
tion of nucleophile has no effect on the rate of the 
reaction. This lack of an effect is presumably because, 
in a ketal, the oxocarbenium ion that is an intermedi-

ate in the nucleophilic substitution is a secondary 
oxocarbenium ion and the two alkyl substituents 
on the electrophilic carbon stabilize the carbocation 
by hyperconjugation, just as a tertiary carbenium 
ion is stabilized by hyperconjugation. 
 Most of the nucleophilic substitutions that 
occur in solution at the electrophilic carbon of an 
acetal (for example Equation 1-27), for which an 
oxocarbenium ion is a possible intermediate, have 
second-order rate constants, and the rates of the 
reactions are first-order in the concentration of the 
nucleophile. This molecularity is established exper-
imentally by measuring the rate of the nucleophilic 
substitution as a function of the concentration of 
the nucleophile and demonstrating that the two are 
linearly related.81 From the slope of the line, a second-
order rate constant is calculated. 
 If the reaction takes place in water, one of these 
nucleophilic substitutions by a particular nucleophile 
usually proceeds in concert with hydrolysis of the 
acetal that occurs even in the absence of that nucleo-
phile. For example, as azide ion is added to the solu-
tion, the rate of release of 4-bromoisoquinoline from 
2-deoxy-b-:-glucopyranosyl-4A-bromoisoquinolinium 
ion (Equation 1-25) increases. From this increase 
in rate, an observed second-order rate constant of 
1.2 Z 10-4 M-1 s-1 at 65 ªC can be calculated for the 
nucleophilic substitution of 4-bromoisoquinoline 
by azide ion,53 which is in addition to the background 
rate of hydrolysis of the deoxy-∂-glucosylisoquino-
linium ion that has an observed first-order rate 
constant of 1.5 Z 10-4 s-1. If a particular nucleo-
philic substitution has a second-order rate constant, 
the question then becomes how far along is the 
formation of the bond with the nucleophile and 
how far along is the breaking of the bond with the 
leaving group in the transition state responsible for 
its observed second-order rate constant. 
 
 A determination of the degree to which the 
bond between the carbon and the nucleophile has 
been formed and the degree to which the bond be-
tween the carbon and the leaving group has been 
broken in the transition state for a nucleophilic 
substitution can be made from linear free energy 
relationships.  
 The dependence of the observed second-
order rate constant for a nucleophilic substitution 
on the nucleophilicity of the nucleophile provides 
an indication of the extent to which the bond is 
formed between the nucleophile and the electro-
philic carbon in the transition state governing the 
rate constant for the reaction relative to the degree 
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to which it is formed in the transition state for a 
purely concerted nucleophilic substitution. The 
second-order rate constants for several series of 
nucleophilic substitutions at the same electrophilic 
carbon by a series of different nucleophiles are 
measured. The common logarithms of these ob-
served second-order rate constants are plotted in a 
Swain–Scott correlation (Figure 1-5)81-84 as a function 
of a set of parameters, known as nucleophilicities, 
that are related to the common logarithms of the rate 
constants for the nucleophilic substitutions between 
the respective nucleophile and methyl iodide. Methyl 
iodide is used as the reference electrophile because 
nucleophilic substitutions at methyl iodide are always 
concerted nucleophilic substitutions that involve a 
single transition state with no intermediate carbenium 
ion and there are almost no steric problems associated 
with this nucleophilic substitution. In the case of 
the reaction in Equation 1-25, there is little if any 
dependence (slope of the Swain–Scott correlation 
is 0.03 ± 0.05) of the observed second-order rate 
constants on the respective nucleophilicities of the 
noted set of nucleophiles. This fact indicates that 
there is little if any bond formed between the nucleo-
phile and the electrophilic carbon in the transition 
state governing the observed second-order rate 
constant even though the nucleophile must be present 
in this transition state to explain the bimolecularity 
of the reaction. 
  The greater the dependence of the rate constant 
for a nucleophilic substitution on the strength of 
the nucleophile, the more fully developed is the 
bond between the nucleophile and the electro-
philic carbon in the transition state governing the 
observed second-order rate constant. For the nu-
cleophilic substitutions of the azido group in 
1-azido-1-ethoxypropane 

 

involving each of a set of nucleophiles, the correla-
tion between the common logarithms of the observed 
second-order rate constants for the respective 
nucleophilic substitutions and the respective nucleo-
philicities of those nucleophiles (Figure 1-5)81 has a 
slope of 0.18. This fact indicates that, with this electro-
phile, the bond between the nucleophile and the 
electrophilic carbon is only partly developed in the  

 
 
Figure 1-5: Correlation between the rate constants for a common 
nucleophilic substitution by each of a series of nucleophiles 
and their respective nucleophilicities.81 The rate constants for 
the hydrolysis of 1-azido-1-ethoxypropane (1-13) at 25 ªC and 
an ionic strength of 1.0 M were measured by following the 
production of propanal. Various concentrations of the nucleo-
philic ions SO42-, Cl-, Br-, SCN-, I-, and S2O32- were added to 
the solution, and the second-order rate constants for the accelera-
tion of the hydrolysis that they produced were determined 
from the slopes of plots of observed rate constants against 
their concentrations. The common logarithms of these observed 
second-order rate constants, kobs (molar-1 second-1), are plot-
ted82 against parameters [n(CH3I)] derived from the common 
logarithms of the respective rate constants of the reaction of these 
same nucleophiles with methyl iodide in methanol.83 The line 
drawn through the points has a slope of 0.18. The observed 
second-order rate constant of the uncatalyzed hydrolysis is the 
point84 labeled H2O. 
 
 
 
 
 
 
transition state governing this rate constant. When 
azidomethoxyphenylmethane is used as the electro-
phile, the slope of the Swain–Scott correlation is 
0.4, indicating that with this electrophile the bond 
between the nucleophile and the electrophilic 
carbon is further advanced in the transition state 
than it is with 1-azido-1-ethoxypropane. 
 The dependence of the observed rate constant 
of a nucleophilic substitution on the acidity of the 
conjugate acid of the leaving group provides infor-
mation about the degree to which the bond between 
the electrophilic carbon and the leaving group is 
broken in the transition state governing that rate 
constant. A series of electrophiles, identical except 
for the leaving group, is synthesized, and the rate of 
the nucleophilic substitution of each of these electro-
philes by the same nucleophile is measured. The 
common logarithms of the observed rate constants 
for these nucleophilic substitutions are plotted as a 
function of the respective values of pKa for the con-
jugate acids of the leaving groups (Figure 1-6).85-88 
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Figure 1-6: Brønsted correlation between the rate constants 
for the hydrolyses of a series of b-:-galactopyridinium ions 
and the acid dissociation constants of the conjugate acids of 
the respective pyridine that is the leaving group.85 The hydro-
lyses of 3-chloro-1-(b-:-galactopyranosyl)pyridinium ion, with 
3-chloropyridine as the leaving group (pKa = 2.84); 3-bromo-
1-(b-:-galactopyranosyl)pyridinium ion, with 3-bromopyridine 
as the leaving group (pKa = 2.84); 4-bromo-1-(b-:-galacto-
pyranosyl)isoquinolinium ion, with 4-bromoisoquinoline as 
the leaving group (pKa = 3.31); 1-(b-:-galactopyranosyl)pyri-
dinium ion, with pyridine as the leaving group (pKa = 5.25); 
and 1-(b-:-galactopyranosyl)isoquinolinium ion, with 
isoquinoline as the leaving group (pKa = 5.42) were measured 
at pH 6.0 and various temperatures between 48 and 138 ªC by 
following the change in ultraviolet absorption that occurs when 
the respective pyridine or isoquinoline is released into the 
solution. Each reaction was monitored at the wavelength at 
which the change in absorbance is the greatest (276, 290, 350, 
260, and 340 nm, respectively). For each :-galactosylpyri-
dinium ion, the rate constant measured for its hydrolysis was 
extrapolated to a temperature of 25 ªC. The common logarithm 
of each extrapolated first-order rate constant (kext; seconds-1) 
is plotted against the respective pKa for the conjugate acid of 
the leaving group. The slope of the line, blg, fit to the data by 
least-squares numerical analysis is 1.26 ± 0.12. This slope is the 
Brønsted coefficient for the leaving groups. 
  
 
 A Brønsted correlation is any correlation between 
the common logarithms of a set of rate constants or 
equilibrium constants for the members of a set of 
interchangeable participants in a particular reaction—
be they reactants, products, or catalysts—and the 
values of pKa for the respective participants or for 
their conjugate acids corrected for the number of 
acidic hydrons and basic lone pairs of electrons on 
the participating atom. The distinction between a 
Swain–Scott correlation and a Brønsted correlation 
is the use of nucleophilicities in the former and 
values of pKa in the latter. The use of a Brønsted 
correlation is far broader than the use of a Swain–

Scott correlation because values of pKa for a wide 
variety functional groups are known and variation of 
the values of pKa for any of the participants in the 
reaction produces a Brønsted correlation. 
 It is usually the case that the common logarithms 
of equilibrium constants or of rate constants, respec-
tively, are linearly correlated with the common 
logarithms of the relevant acid dissociation constants. 
These correlations suggest that what is actually 
being correlated are changes in the standard free 
energy or the standard free energy of activation for 
the reaction, respectively, with changes in the 
standard free energy of the acid dissociation. 
Consequently, a Brønsted correlation is an example 
of the more general class of free energy correlations. 
 A Brønsted plot is a graph of the common 
logarithms of the rate constants or equilibrium 
constants plotted against the respective values of 
pKa for the chosen participant or its conjugate 
acid. If the data show a linear correlation over a 
particular range of rate constant and pKa, the slope 
of that line is the Brønsted coefficient, designated as b. 
The Brønsted coefficient for the leaving groups, b lg, 
in a series of homologous nucleophilic substitutions, 
which is the slope of the line on a Brønsted plot 
(Figure 1-6), is a measure of the degree to which the 
transition state governing the observed rate constant 
resembles the fully dissociated conjugate acid. 
Brønsted plots can also be made for the ability of a 
leaving group in an enzymatic reaction.89 
 For the hydrolysis of a set of ∂-galactosylpyridin-
ium ions (similar to Equation 1-25, with ∂-galactose 
as the monosaccharide instead of 2-deoxy-∂-glucose, 
water as the nucleophile instead of azide ion, and 
a set of pyridines as the leaving groups instead of 
isoquinoline), the value of blg is -1.26 ± 0.12 (Figure 
1-6).85 This fact indicates that there is a somewhat 
larger change in the charge of a particular pyridine 
between the reactant and the transition state con-
trolling the observed rate constant for the hydrolysis 
of the electrophile than there is upon dissociation of 
the same pyridine from a hydron.* Consequently, 
the bond between nitrogen and carbon is fully broken 
at the transition state. 
 The value of blg

53 for the rates of hydrolysis of 
three different (2-deoxy-b-:-glucopyranosyl)isoquino-
linium ions (Equation 1-25) is -1.0 ± 0.1. This fact, and 
   
                                     
*That the difference in the case of hydrolysis is greater than 1 is 
probably because the charge on the nitrogen of the pyridinium 
ion (the reference for the comparison) is actually less than the 
charge on the pyridino group in the electrophiles. 
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the fact that there is only a small effect of the nucleo-
philicity of nucleophiles other than azide ion 
(0.03 ± 0.05) on the rate constant for the nucleo-
philic substitution, together indicate that in this 
reaction, as shown in Equation 1-25, in the transition 
state governing the observed rate constant for this 
reaction, the oxocarbenium ion is fully developed 
even though the reaction is second-order.  
 An additional observation indicating that an 
oxocarbenium ion is formed in the nucleophilic 
substitutions of ∂-glucopyranosylpyridiniums85 as 
well as phenyl ∂-glucopyranosides,90 is that, when 
the hydrogen on carbon 2 of the ∂-glucose is replaced 
by a deuterium, the rates of these reactions decrease 
by about 10%, a large secondary deuterium kinetic 
isotope effect. This decrease in rate suggests that 
this hydrogen participates in hyperconjugation 
with a double bond between carbon and oxygen in 
an intermediate oxocarbenium ion. 
 The properties of the electrophilic carbon, by 
determining the stability of a potential carbo-
cationic intermediate, also affect the timing of for-
mation of the bond to the nucleophile and 
breaking of the bond to the leaving group. In all of 
the nucleophilic substitutions at carbon that have 
been discussed so far, there have been three play-
ers: the nucleophile, the leaving group, and the 
electrophilic carbon. So far, the emphasis of the 
discussion has been on the properties of the nucleo-
phile and the leaving group that determine the 
timing of formation of the new bond to the nucleo-
phile and disintegration of the old bond to the leav-
ing group, and hence the type of intermediate that 
occurs. Substituents on the electrophilic carbon 
determine its potential to support positive charge 
and its ability to sustain the vacant p orbital that 
produces this positive elementary charge (Equation 
1-21). The substituents of biochemical importance 
and the order in which they stabilize an adjacent-
carbocation with a vacant p orbital are -NH(CH2-) 
> -NH2 >  -N(CH=)- >  -N(CO->  -OCH2-  >  -OH 
> -OPO3H2 > -OC(O)- > =O > -CH(CH2-)- > -CH2-  
> -CH3 > -CH(NH2)- > -CH(OH)- > -H > -CONH- 
>   -COOH. If a hydron is added to any of these sub-
stituents, the carbocation is destabilized; if a hy-
dron is removed from any one, the carbocation is 
stabilized. If the substituents on the electrophilic 
carbon are ones that increase the stability of a car-
bocation, then the bond to the leaving group 
breaks more readily, the bond to the nucleophile 
forms less readily, and the transition state expands.  
 

 Another of the traditional distinctions between 
the two extremes of mechanism for nucleophilic 
substitution is the stereochemistry of the reaction. 
If a concerted nucleophilic substitution proceeds 
without the formation of a carbenium ion or oxo-
carbenium ion, complete inversion of configuration 
at the electrophilic carbon (1-6) is observed, and 
the nucleophilic substitution is usually judged to 
be concerted. If a carbenium ion exists long 
enough for the leaving group to diffuse away, and if 
the nucleophile is free to attack either side of the 
resulting unencumbered carbenium ion with equal 
facility, the products of both inversion and retention 
of configuration result, in equal concentration, and 
the nucleophilic substitution is usually judged to 
be dissociative. 
 In the dissociative nucleophilic substitution 
of Equation 1-25, however, most of the product 
(90%) is the a-∂-2-deoxyglucosyl azide formed 
from inversion of configuration. The fact that little 
retention of configuration (10%) occurs suggests 
that although the oxocarbenium ion is fully formed 
in this reaction, it retains contact with the isoquino-
line at the one face, blocking entry to that face, long 
enough that most of the substitution proceeds with 
inversion of configuration as indicated in Equation 
1-25. That some retention of configuration (10%) 
is observed, however, suggests that the association 
of the oxocarbenium ion with the isoquinoline is 
weak enough that the isoquinoline sometimes disso-
ciates from the oxocarbenium ion before the azide 
ion associates with the oxocarbenium ion at the 
opposite face, leaving the oxocarbenium ion free in 
solution to be attacked by the nucleophile from either 
face. 
 In the solvolysis of a series of different ∂-gluco-
pyranosides in mixtures of ethanol and trifluoro-
ethanol,91 the various nucleophilic substitutions yield 
products in which retention of configuration varies 
from 8% to 90% depending on the leaving group.* 
These results suggest that the oxocarbenium ions 
produced in some of these reactions have lifetimes 
long enough for the leaving group to diffuse com-
pletely away before the nucleophile ever enters the 
reaction. 

                                     
*That the concentration of product resulting from retention of 
configuration exceeds 50% is due to the fact that the 
glucopyranosyl oxocarbenium ion in this case is diasteriomeric. 
Nucleophilic attack at its a face is preferred over nucleophilic 
attack at its b face. This preference is thought to result from the 
formation of a hydrogen bond between the oxygen atom of the 
2-hydroxy group and the hydroxy group of the approaching 
alcohol. 
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 When a concerted nucleophilic substitution 
that has only one transition state and in which an 
oxocarbenium ion is not formed occurs adjacent to 
an alkoxy group complete inversion of configura-
tion should occur, as in the substitution of azide by 
bromide in azidomethoxymethylbenzene81 

 

The dependence of the observed rate constant of 
the reaction on the nucleophilicity of the nucleophile 
and the acidity of the conjugate acid of the leaving 
group should indicate that formation of the bond 
to the nucleophile occurs in concert with disinte-
gration of the bond to the leaving group. To the extent, 
however, that the electrophilic carbon in the transi-
tion state of a concerted nucleophilic substitution 
resembles a carbenium ion, the adjacent oxygen 
should improve its stability by electron donation. 
In the transition state 1-14, there are six electrons 
in the four designated atomic orbitals that mix to 
form the four molecular orbitals of its unique molecu-
lar orbital system. The three of lowest energy are 
occupied by the three pairs of electrons. 
 
 In reactions involving the addition of a nucleo-
phile to an oxocarbenium ion, the oxygen atom 
has a substituent attached to it in addition to the 
electrophilic carbon. This substituent fixes a posi-
tive formal elementary charge on the oxygen and 
thereby increases its electronegativity and draws 
the two electrons in the p bond more strongly over 
it (1-8). In a tertiary iminium, such as the one in 
that is the product of the opening of an imidazoline 
(Equation 1-31), the nitrogen atom has two sub-
stituents attached to it in addition to the electro-
philic carbon. These two substituents fix the 
positive formal elementary charge on the nitrogen, 
also increasing its electronegativity. If the substitu-
ent on the oxygen is replaced by a lone pair of elec-
trons, the oxocarbenium ion becomes a carbonyl 

group (1-15),* and if one of the substituents on the 
nitrogen is replaced by a lone pair of electrons, the 
tertiary iminium (Equation 1-31) becomes an 
imino group (1-16) 

 

Although it is far more stable than an oxocarbeni-
um ion because the electronegative oxygen is no 
longer required to bear a formal positive charge, a 
carbonyl group is nevertheless susceptible to nu-
cleophilic addition, just as an oxocarbenium ion is. 
An imino group is also susceptible to nucleophilic 
addition. The energy barrier experienced by the 
nucleophile, however, is greater for addition to a 
carbonyl group or an imino group than to an oxo-
carbenium ion or a tertiary iminium, respectively, 
because of the greater electron density over carbon 
in the bonding molecular orbital of the respective 
p molecular orbital system. If, however, the car-
bonyl group or the imino group is hydronated on one 
 

                                     
*The hybridization of the two lone pairs of electrons of the 
oxygen in a carbonyl group or acyl group seems to be 
conditional on the circumstances. In a liquid of a pure 
compound containing a carbonyl group or in the gas phase of 
the pure compound, there are several physical measurements 
demonstrating that the hybridization of the oxygen is sp with 
one sp orbital contributing to the s bond, one sp orbital coaxial 
with the s bond and occupied by one of the lone pairs of 
electrons, one p orbital contributing to the p bond, and the 
other p orbital, orthogonal to the p system, occupied by the 
other lone pair of electrons.92 In crystallographic molecular 
models of small molecules, however, in which either one N-H 
forms a single hydrogen bond with a carbonyl oxygen or acyl 
oxygen or two N-H form two hydrogen bonds with a carbonyl 
oxygen or acyl oxygen,93 the distribution of the angles at which 
the N-H is oriented is that expected if the carbonyl oxygen or 
the acyl oxygen is hybridized sp2, with one sp2 orbital 
contributing to the s bond, the lone p orbital contributing to 
the p system, and the other two sp2 orbitals in the plane of the 
carbonyl group. Both when there is one hydrogen bond and 
when there are two hydrogen bonds, the lines of centers 
between the oxygen and each nitrogen form angles distributed 
around a maximum at 120ª. In extremely high resolution maps 
of electron density from X-ray crystallography, valence electron 
density can be observed. In these maps,94 the total valence 
electron density, as opposed to the distribution of electron 
density in each atomic orbital, is seen to be distributed so that 
there are maxima of density at the oxygen in the plane of the 
carbonyl group and quite near the locations occupied by the 
symbols for lone pairs of electrons in drawing 1-15. Because 
all of protein chemistry occurs in surroundings that maximize 
hydrogen bonding, the hybridization in drawing 1-15 has 
been chosen for all of the drawings of the oxygen in a carbonyl 
group or acyl oxygen, but no decision as to the actual hybrid-
ization of the particular oxygen is implied. 
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of its lone pairs, it becomes homologous with an 
oxocarbenium ion or a tertiary iminium, respectively, 
and becomes just as electrophilic. 
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Nucleophilic Addition and Nucleophilic 
Substitution at a Carbonyl Carbon 

The compounds that can be formed by a nucleo-
philic addition at a carbonyl carbon or the carbon 
of an imine are hemiacetals, hemiketals, acetals, 
ketals, thiohemiacetals, thiohemiketals, and hemi-
aminals (Table 1-1). 
 A paradigm of these several reactions is the 
nucleophilic addition of a thiolate to an aldehyde96 
or a ketone97 to produce a thiohemiacetal or thio-
hemiketal, such as the addition of methanethiolate 
to acetaldehyde 

       (1-33) 

In this reaction, the initial contact between the 
reactants is the overlap between one of the atomic 
orbitals on sulfur occupied by a lone pair of elec-
trons and the unoccupied antibonding orbital of 

the p molecular orbital system of the carbonyl 
group (reverse of the reaction in Figure 1-3 with 
nitrogen replaced by sulfur). In the process, electron 
density builds on oxygen at the expense of the 
nucleophile as the molecular orbital system of the 
transition state, produced from the three overlap-
ping atomic orbitals, is formed. As the transition 
state decomposes to the product, the new s bond is 
formed by the mixing of an atomic orbital from sulfur 
and an atomic orbital from carbon as an atomic orbital 
bearing the lone pair of electrons withdraws onto 
the oxygen. 
 As the reaction progresses, electron repulsion 
develops from overlap between the nucleophilic 
lone pair of electrons on sulfur in the one reactant 
and the occupied bonding molecular orbital of the 
p molecular orbital system and two of the three occu-
pied s bonds to the carbon in the other. Therefore, 
productive encounters occur only when the trajectory 
of the lone pair of electrons on sulfur is from above 
or below the plane of the carbonyl group and from 
a direction distal to the oxygen 

 

 In the formation of a thiohemiacetal or thio-
hemiketal, two steps can be formally recognized: 
formation of the carbon–sulfur bond and hydrona-
tion of the oxygen. At values of pH greater than 3, 
the behavior of the reaction as a function of pH is 
consistent with a mechanism in which the formation 
of the carbon–sulfur bond precedes the hydronation 
of the oxygen98 

 
                  (1-34) 

The intermediate anion is unstable and reverts 
rapidly to reactants unless it is trapped by addition 
of a hydron from water or other acids in the solution.99  
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Table 1–1: Derivatives of Acetaldehyde or Acetone as Examples 
of Carbonyl Compoundsa 

derivatives of  acetaldehydeb  derivatives of acetoneb 

hemiacetal 

acetal 

thiohemiacetal 

hemiaminal 

thiohemiaminal 

 

 

hemiketal 

ketal 

thiohemiketal 

hemiaminal 
ether 

aminal 

 

R, R1, and R2 can each be either H or CH3 
 
aDerivatives formed from methanol, methanethiol, or methylamine are presented for 
the sake of simplicity. bOnly one enantiomer of each derivative is presented. 

 
 
Consequently, the rate-limiting step in the addition 
is the hydronation of the oxygen, and the rate of the 
reaction is determined by the rate at which the anion 
is hydronated. 
 A hemiaminal (Table 1-1 and 1-18 in Figure 1-7) 
is formed by the addition of an amine to a carbonyl 
group.86-88 This addition initially produces a zwitterion 

 
which is then subject to tautomerization. The tauto-
merization of the initial zwitterion (Figure 1-7) is 
formally equivalent to the hydronation of the 
oxyanion that is the second step in addition of the 
 

 
thiolate to a carbonyl group. The tautomerization 
proceeds by transfer of a hydron from the ammonium 
to a base in the solution and addition of a different 
hydron to the oxyanion from the same acid or a dif-
ferent acid in the solution. It cannot occur by intra-
molecular transfer of the hydron (Equation 1-18) 
because the acidic ammonium ion is only two atoms 
away from the basic oxyanion. 
 Tautomerizations involving the removal of a 
hydron from an ammonium ion and the addition of 
a hydron to an alkoxide ion two atoms away or the 
reverse are encountered frequently in biochemical 
mechanisms. Bifunctional acid–bases, such as phos-
phate and bicarbonate, catalyze reactions in which 
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Figure 1-7: Addition of an amine to a carbonyl compound. The 
conjugate base of the amine adds to the carbonyl group to 
produce the zwitterion. A base in the solvent removes a hydron 
from the ammonium ion and an acid in the solvent adds a hy-
dron to the oxyanion to produce the hemiaminal (1-18). The 
hemiaminal is susceptible to elimination in a reaction cata-
lyzed by a general base87 or a general acid.86,88 In the reaction 
catalyzed by a general base, a hydron is removed from the ni-
trogen at the same time that an orthogonal lone pair of elec-
trons on the same nitrogen pushes out the leaving group, a 
hydroxide ion. In the reaction catalyzed by a general acid, a 
hydron is added to a lone pair of electrons on the dissociating 
oxygen at the same time that the lone pair of electrons on ni-
trogen is pushing out the orthogonal s bond to the same oxy-
gen. In both the transition state for the reaction catalyzed by 
the general base and the transition state for the reaction cata-
lyzed by the general acid, six atomic orbitals mix to form the 
respective transition states. 
 
 
 
 
 
the mechanisms require such tautomerizations two 
to three orders of magnitude more effectively than 
monofunctional acids or bases with similar values 
of pKa. This efficiency has been presented as evidence 
for the participation of such acid–bases in a cyclic, 
simultaneous transfer of the two hydrons100 

        (1-35) 

A similar cyclic intermediate has been invoked to 
explain the much less remarkable catalysis of such 
tautomerizations by primary amines101,102 

 

 The hemiaminal (1-18 in Figure 1-7) that results 
from the tautomerization is a pseudosymmetric 
intermediate. There are lone pairs of electrons on 
oxygen able to push away nitrogen to return to the 
ketone or aldehyde, and there is a lone pair of 
electrons on nitrogen able to push away oxygen to 
produce an imine. This abundance of push is another 
way of looking at the fact that the lone pairs on the 
heteroatoms in a hemiaminal or any adduct of a 
carbonyl group produce significant electron repul-

tautomerization

hemiaminal

iminiumimine

C

CH3

”
H3C

CH3

”
(

)

CH3CH3

H

CH3CH3

”
)

“

O

CH3CH3“
H

H

N
H

HH3C

N
H

B

“:

O“: O“:

O“:
O“:

H

H

A

O:

H3C

N C CH3CH3

N C CH3
CH3

O

CH3CH3“
H“:O

CH3CH3“
H“:

N
H

HH3C

N
HH3C

N
H

HH3C

N
HH3C

N
HH3C

N
HH3C

(+)A
H

“

1

1

1

H3C C CH3
CH3

(

H3C” N C CH3CH3
H3C

H
(
11

H

HOH

1
11

1

+ B(–)
1–18

CH3

O “:

(–)B

– H 

+
+ H 

+

1
– H 

+
+ H 

+

– H 

+
+ H 

+

1– H 

+
+ H 

+

1+ H 

+

– H 

+

‡‡

– B(–)
+ HA(+)

– HA(+)

(+)BH
-OH A(–)

OO
H

O O
H)

:

)
:

C
O“:

“ () N
H

H
C

O“: NH
H “

: :
1

O

““
O

““

“ ““ “““

N
H

H “

C
O“:

“ ()
N
H

H

1– 20



Mechanisms for Reactions 
 

34 

sion. This electron repulsion causes these adducts 
to be significantly unstable in solution relative to 
the aldehyde or the ketone or the imine. It is possible, 
however, to form a stable intramolecular hemi-
aminal by using a large synthetic octaphenyl cup to 
juxtapose sterically an aniline and an anthracene-
2-carbaldehyde,103 just as they can be stabilized on 
the active site of an enzyme by juxtaposition. 
 Iminiums are the conjugate acids of imines 
(Figure 1-7). The carbon of an iminium is electro-
philic and susceptible to addition, just as a carbonyl 
group is susceptible to addition. In fact, the elec-
trophilic carbon in an iminium is about 1010 times 
more electrophilic than the electrophilic carbon in 
the homologous aldehyde or ketone.104 They are 
electrophilic enough to participate in the intra-
molecular electrophilic aromatic substitution of the 
Pictet–Spengler reaction.105,106 An enzymatic example 
of an intramolecular nucleophilic addition to an 
iminium, which is similar to the Pictet–Spengler 
reaction, occurs in one of the steps of the reaction 
catalyzed by (S)-norcoclaurine synthase from 
Thalictrum flavum107 

      
                  (1-36) 

 The product of nucleophilic addition of a thio-
late to an iminium, the analogue of the addition of 
a thiolate to a carbonyl group (Equation 1-33 with 
oxygen replaced by a hydronated, cationic nitrogen), 
is a thiohemiaminal (Table 1-1). 
 The thiohemiacetals, thiohemiketals, hemi-
acetals, hemiketals, and hemiaminals formed in all 
these reactions represent a class of products that 
can be considered to be the ultimate products of 
the addition of one nucleophile or two nucleo-
philes in succession to a carbonyl group. Many bio-
chemical metabolites such as ∂-glucopyranose 
(reactant in Equation 1-38) contain such products. 
In each of these products, the carbon that was the 
initial carbonyl carbon is bonded directly to two 
heteroatoms and either to two other carbons, to 
one carbon and one hydrogen, or to two hydrogens 
(Table 1-1). There is no oxidation or reduction in-
volved in such additions so the carbon is still at the 
carbonyl oxidation state and can be considered a 
carbonyl carbon in maschera. 

 Nucleophilic additions to carbonyl groups are 
susceptible to catalysis by acids and bases. For exam-
ple, during the nucleophilic addition of an alcohol 
to a carbonyl group under catalysis by a base (Fig-
ure 1-8A),99,108,109 two different reactions occur 
simultaneously: the formation of the oxygen–carbon 
bond and the transfer of a hydron from the nucleo-
philic hydroxy group to the base. A hydroxy group 
that is already participating at its oxygen in a hydro-
gen bond with the catalytic base is the nucleophile, 
and the hydron in this hydrogen bond between 
the base and the hydroxy group is transferred from 
the hydroxy group to the base in concert with the 
formation of the s bond between its oxygen and 
the electrophilic carbon of the carbonyl group. The 
s lone pair of electrons on the nucleophilic oxygen 
that is attacking is mixing with the antibonding orbital 
of the p molecular orbital system of the carbonyl 
group (reverse of reaction in Figure 1-3, with nitro-
gen replaced by oxygen). The hydron that is being 
transferred to the catalytic base from this nucleo-
philic oxygen during the approach to the transition 
state is removed from a different lone pair of electrons 
from the pair adding to the electrophilic carbon of 
the carbonyl group. 
 During the addition of a nucleophile to a carbonyl 
group under basic conditions, the carbonyl oxygen 
becomes an initially unhydronated oxyanion (Fig-
ure 1-8A). This oxyanion is itself a nucleophile that 
can participate in a nucleophilic substitution, for 
example110 

                  (1-37) 
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Figure 1-8: Catalysis of the formation of a hemiacetal by a gen-
eral base or a general acid.108 (A) In catalysis by a general base, 
the base B9, forming a hydrogen bond with the alcohol, removes 
the hydron from the oxygen at the same time another lone pair 
of electrons on the same oxygen adds to the carbonyl carbon. 
The two reactions are orthogonal to each other. The atomic 
orbitals mixing in the transition state (‡) are an atomic orbital 
of the base, the 1s orbital of  hydrogen, two sp3 orbitals of one 
oxygen, a p orbital of the carbon, and a p orbital of the other 
oxygen. The second step in the reaction is hydronation of the 
oxyanion to form the hemiacetal. (B) In catalysis by a general acid, 
the acid HA(+), forming a hydrogen bond with the carbonyl oxy-
gen, adds a hydron to this oxygen at the same time that the 
oxygen of the alcohol adds to the carbonyl carbon. Again, the 
two reactions are orthogonal to each other. The atomic orbitals 
mixing to form the transition state (‡) are an atomic orbital of 
the acid, the 1s orbital of the hydron, an sp2 orbital of  one oxygen, 
a p orbital of the same oxygen, a p orbital of carbon, and an sp3 
orbital of the other oxygen. The second step in the reaction is 
dissociation of the hydron from the oxygen of the ether. 
 
 
 
 

 During the nucleophilic addition of an alcohol 
to a carbonyl group under catalysis by an acid 
(Figure 1-8B),99,108,109 two different reactions again 
occur simultaneously: formation of the oxygen–
carbon bond and transfer of a hydron. A carbonyl 
group that is already participating at its carbonyl 
oxygen in a hydrogen bond with the catalytic acid 
is the electrophile, and the hydron in this hydrogen 
bond between the acid and the carbonyl group is 
transferred from the acid to the oxygen of the car-
bonyl group in concert with formation of the s bond 
between the oxygen of the alcohol and the electro-
philic carbon. The hydron is transferred from the 
catalytic acid to a lone pair of electrons already on 
the carbonyl oxygen that is distinct from and or-
thogonal to the pair arising from the retraction of 
the p molecular orbital system of the carbonyl 
group onto that oxygen. 
 Catalysis by a base, however, is much more 
effective than catalysis by an acid because it is easier 
for a base to remove a hydron from a hydroxy group 
(pKa = 16) than it is for an acid to add a hydron to a 
carbonyl group (pKa = -10). This difference is in 
contradistinction to the absolute requirement for 
hydronation of the leaving oxygen in the next step 
in the formation of an acetal or ketal. 
 A biochemical example in which catalysis either 
by an acid or by a base or by both of them simul-
taneously can occur during the dissociation or the 
formation of a hemiacetal is the reversible formation 
of ∂-glucopyranose 

                  (1-38) 

 The susceptibility of a particular carbonyl 
group to addition can be evaluated by referring to 
its standard free energy of hydration (Table 1-2). 
The formal reaction defining the hydration of a 
carbonyl group is 

    
                  (1-39) 
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Table 1–2: Standard Free Energies of Hydration of Selected Aldehydes 
and Ketones at 25 ªCa 

carbonyl compoundb DG ªhydrat 
(kJ mol–1) 

 carbonyl compoundb DG ªhydrat 
(kJ mol–1) 

 

–19 

+15 

+1 

+10 

–2 

–1 

+6 

–8 

–8 

 

 

 

–1 

–9 

–6 

–5 

–1 

0 

–17 

–14 

+11 

 

 
aStandard free energy of hydration96,97,111 based on a standard state of the infinitely dilute 
solutions and the omission of the concentration of water from the equilibria. bThe table is 
arranged intentionally to permit various comparisons in both the horizontal and the vertical 
directions. 

 

OH

O

O

O

OCH3

O

O

O

O

O–
O

O

O

O

O

HH

H

H

Cl

OCH3

OH

OH

OPO3
2–

OH

H3C

H3C

H3C

H3C

H3C

CH3

1– 21

1– 22

1– 23

1– 24

1– 25

1– 26

1– 27

1– 28

1– 29

H3C

O

OCH3

O

O

O

O

O

OH
O

O

O

O

O

H

H

H

H

H

H

Cl

ClCl

OH

NH3
+

OPO3H–

OH

H3C

CH3

CH3

1–30

1– 31

1– 32

1– 33

1– 34

1– 35

1– 36

1– 37

1– 38

H3C



Nucleophilic Addition and Nucleophilic Substitution at a Carbonyl Carbon 
 

37 

where water is a reference nucleophile. The equilib-
rium constant for hydration is defined as 

        (1-40) 

where the standard state is an infinitely dilute solu-
tion of carbonyl compound and its hydrate and 
XH2O is the mole fraction of water, which can be 
less than 1.00 if mixed solvents are used. The 
standard free energy of hydration 

          (1-41) 

The use of water as a reference for addition to a 
carbonyl group resembles the use of hydronium as 
the reference acid and water as the reference base 
in the definition of the acid dissociation constant. 
 Values for the standard free energy of hydration* 
of a large number of aldehydes and ketones are 

                                     
*The purpose of these standard free energies of hydration is to 
compare the hydration of the various carbonyl groups, just as 
the purpose of the acid dissociation constant is to compare the 
acidity of the various acids. Unlike the situation with the acid 
dissociation constant, however, where water itself appears in 
only one of the expressions for the equilibrium constant as an 
acid and only one of the expressions for the equilibrium 
constant as a base, by definition in each of these hydrations of 
a carbonyl group, water appears as a reactant. Consequently, 
one is free to omit the concentration of water, and all of the 
comparisons remain valid. In this instance, it was decided that 
the concentration of water would be omitted. The activities of 
the particular carbonyl group and its hydrate are expressed as  
molar concentrations at equilibrium and at infinite dilution. 
The latter stipulation is to avoid activity coefficients. In 
practice, the measurements are made at finite concentrations 
and the activity coefficients are assumed to be negligible. The 
advantage of omitting the concentration of water is that the 
tabulated standard free energy of hydration is for the reaction 
in an aqueous solution. Furthermore, the relative values of the 
actual free energies of hydration should remain the same for 
any aqueous solution, such as cytoplasm, in which the 
concentraation of water remains the same as the comparisons 
are made. It should be stressed that this is simply a 
convention, which is a decision agreed to by everyone who 
measures these values. Both the equilibrium constants and the 
standard free energies tabulated are not the equilibrium 
constants and standard free energies that are based on units of 
molarity, which would require that molarity be used for the 
concentrations of all reactants and products, as is the case with 
the acid dissociation constant. The same convention cannot be 
used for the acid dissociation constant because water appears 
as a participant only in the acid dissociation constants for 
hydronium ion and water and none of the others, so the molar 
concentration of water must be used in these two quotients 
because in every other quotient the molar concentrations of 
the conjugate base and the acid are used. It is also the case that 
by omitting the concentration of water from the equilibrium 
constant and expressing the concentrations of carbonyl group 

available (Table 1-2).96,97,111 The more negative the 
value of DGªhydrat, the more susceptible is the carbonyl 
carbon to addition. 
 The effects of substituents on the value of 
DGªhydrat result from their ability to stabilize or de-
stabilize, respectively, the electron-deficient carbonyl 
carbon in the p system of the unhydrated carbonyl 
group relative to the saturated gem-diol of the 
hydrated carbonyl group by either donating electron 
density to the carbonyl carbon or withdrawing 
electron density from the carbonyl carbon. Electron-
donating substituents, especially those capable of 
conjugation or hyperconjugation, decrease the 
susceptibility of the carbonyl group to addition 
[compare formaldehyde (1-21), acetaldehyde 
(1-30), and acetone (1-22)]. Electron-withdrawing 
substituents increase its susceptibility [compare 
acetaldehyde (1-30) to chloroacetaldehyde (1-31) 
or acetone (1-22) to chloroacetone (1-22) and 
1,3-dichloroacetone (1-32)]. A hydroxy group or 
methoxy group is less electron-withdrawing than a 
carboxy group or esterified carboxy group [com-
pare methoxyacetone (1-24) with methyl pyruvate 
(1-25)]. Neighboring negative elementary charge 
increases electron density at the carbonyl carbon 
[compare pyruvate anion (1-27) with methyl py-
ruvate (1-25)], and neighboring positive elemen-
tary charge decreases electron density [compare 
ammonioacetaldehyde (1-36) with acetaldehyde 
(1-30)]. A phosphate in its uncharged acidic form 
is strongly electron-withdrawing, but it becomes 
less so as it is titrated [compare glyceraldehyde (1-28) 
with glyceraldehyde 3-phosphate monoanion (1-37) 
and glyceraldehyde 3-phosphate dianion (1-29)]. 
Therefore, lowering the pH will increase the extent 
of hydration of a carbonyl group near a phosphate 
in the same molecule because hydration itself neither 
consumes nor produces hydrons (Equation 1-39) 
and cannot be affected by pH directly. The second  
  

                                                                
and hydrate in units of molarity at infinite dilution, the 
standard free energy of hydration is identical to the standard 
free energy of hydration if mole fraction had been chosen for 
the units of concentration. There are convincing arguments 
that mole fraction is the more defensible choice of units for all 
standard free energies for participants in any solution. Even if 
one accepts these arguments and decides that it would be 
more rigorous to express the concentrations for the acid 
dissociation constant in mole fractions, this choice would have 
no effect on the relative values for pKa. You should convince 
yourself that if units of mole fraction had been chosen for pKa 
rather than molarity, the values of every pKa, including those 
for hydronium ion and for water itself, would simply increase 
by 1.745. 

X H2O[R1R2C = O]
[R1R2C(OH)2 ]

K eq,hydrat  =  

DG ªhydrat  =  –RT  ln K eq,hydrat 
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methyl group on an a carbon both donates electrons 
to the carbonyl carbon and exerts a steric effect, 
and these two opposite tendencies cancel each 
other [compare 2-oxobutyrate (1-26) to 3-methyl-
2-oxobutyrate (1-35)]. 
 In aqueous solution aldehydes and ketones are 
in equilibrium with their hydrates. Because the 
concentration of water is expressed in mole fraction 
in Equation 1-40, any carbonyl compound with a 
standard free energy of hydration less than 0 will be 
present mostly as the hydrate in aqueous solution 
and any carbonyl compound with a standard free 
energy of hydration greater than 0 will be present 
mostly as the unhydrated carbonyl group in aqueous 
solution. Recall that 5.7 kJ mol-1 is equivalent to a 
factor of 10 in equilibrium constant at 25 ªC. In all 
cases, hydration has the effect of decreasing the 
concentration of unhydrated carbonyl group, which 
is the reactive species in any desired addition com-
peting with hydration. 
 The standard free energies for the addition of 
thiols to carbonyl groups are linearly correlated to 
the standard free energies of hydration.96,97 This 
correlation is not surprising since the formation of 
a thiohemiacetal (Equation 1-33) is homologous to 
the formation of the hydrate (Equation 1-39). 
Therefore, the relative susceptibility of different 
carbonyl groups to addition by a thiol can be esti-
mated from the corresponding standard free ener-
gies of hydration. 
 
 Nucleophilic substitutions at a carbonyl carbon 
are reactions in which the oxygen of a carbonyl 
group, the nitrogen of an imine, or the sulfur of a 
thiocarbonyl group is replaced by the oxygen, 
nitrogen, or sulfur of a nucleophile. A nucleophilic 
substitution proceeds through the nucleophilic 
adduct that is the product of nucleophilic addition 
of the nucleophile that will replace the oxygen, 
nitrogen, or sulfur of the leaving group. For example, 
if the hydroxy group (the leaving group), which 
began as the oxygen of a carbonyl group, dissociates 
from the hemiaminal that results from the addition 
of an amine (the nucleophile) to a carbonyl carbon, 
then an imine, the product of a nucleophilic substi-
tution, is formed (Figure 1-7). A ketimine is the 
nitrogen analogue of a ketone, and an aldimine is 
the nitrogen analogue of an aldehyde. An imine is 
the product of a nucleophilic substitution of water 
by an amine at a carbonyl group. A thioketone or 
thioaldehyde is formally the product of the nucleo-
philic substitution of water by hydrogen sulfide 
at a carbonyl group. Nucleophilic substitution at a 

carbonyl carbon usually involves a discrete, reason-
ably stable intermediate that is formed by addition of 
the nucleophile to the carbonyl group (Table 1-1). 
 The dissociation of oxygen from a hemiaminal 
(lower half of Figure 1-7) during nucleophilic sub-
stitution of the oxygen of a carbonyl group by the 
nitrogen of an amine can occur under either catalysis 
by an acid or catalysis by a base. Under catalysis by 
an acid (Figure 1-7), breaking of the bond between 
carbon and oxygen, assisted by the push of the lone 
pair of electrons on nitrogen, occurs simultaneously88 
with hydronation86 of one of the available lone 
pairs of electrons on the oxygen of the leaving 
group. This lone pair of electrons that is hydronated 
by the acid is different from the pair created during 
the dissociation of the carbon–oxygen bond. Addition 
of the hydron to the oxygen decreases its electron 
density and attenuates the s bond between carbon 
and oxygen by pulling its electrons toward the oxygen 
so that the s bond is weak enough to be broken by 
the relatively feeble push of a lone pair of electrons 
on a neutral nitrogen. Under catalysis by a base, 
breaking of the bond between carbon and oxygen, 
assisted by the push of the lone pair of electrons on 
nitrogen (Figure 1-7), occurs simultaneously87 with 
removal of a hydron by the base from a different 
lone pair of electrons on nitrogen. Removal of the 
hydron from the other lone pair of electrons on nitro-
gen during formation of the transition state increases 
the electron density on nitrogen and amplifies the 
push of the initially present lone pair of electrons 
by electron repulsion so that it is strong enough to 
push out the poor leaving group, hydroxide ion. 
Removal of the hydron from nitrogen must occur 
during formation of the transition state. A hydron 
cannot be removed from the nitrogen in a pre-
equilibrium because of its poor acidity (pKa @ 40). 
Usually catalysis by an acid is considerably more 
effective than catalysis by a base because it is easier 
to hydronate a hydroxy group (pKa = -2) than it is 
to remove a hydron from an amino nitrogen. 
 
 
 

Suggested Reading 

Hine, J., Cholod, M. S., and Chess, W. K. (1973) Ki-
netics of the formation of imines from acetone 
and primary amines. Evidence for internal acid-
catalyzed dehydration of certain intermediate 
carbinolamines, J. Am. Chem. Soc. 95, 4270–
4276. https://doi.org/10.1021/ja00794a025 



Nucleophilic Substitution at an Acyl Group 
 

39 

Sorensen, P. E., and Jencks, W. P. (1987) Acid- and 
base-catalyzed decomposition of acetaldehyde 
hydrate and hemiacetals in aqueous solution, J. 
Am. Chem. Soc. 109, 4675–4690. https://doi.org 
/10.1021/ja00249a034 

Appel, R., Chelli, S., Tokuyasu, T., Troshin, K., and 
Mayr, H. (2013) Electrophilicities of 
benzaldehyde-derived iminium ions: Quanti-
fication of the electrophilic activation of 
aldehydes by iminium formation, J. Am. Chem. 
Soc. 135, 6579-6587. https://doi.org/10.1021/ 
ja401106x 

Nucleophilic Substitution at an Acyl Group 

A nucleophilic substitution at an acyl group is a special 
case of a nucleophilic substitution at a carbonyl 
group. An example would be the aminolysis of a 
thioester112 

 
                  (1-42) 

in which a methylamino group is substituted for an 
ethylsulfanyl group to produce an amide. 
 
 Most nucleophilic substitutions at acyl groups 
proceed through a tetrahedral intermediate. The 
tetrahedral intermediate in a nucleophilic substi-
tution at an acyl group results from nucleophilic 
addition of the nucleophile to the acyl derivative.112-114 
For example, during the aminolysis of an ester 

 
                  (1-43) 

several tautomeric tetrahedral intermediates and 
their conjugate acids and bases are formed. They 
resemble the conjugate acids, conjugate bases, and 
tautomers of the hemiaminal that results from the 
nucleophilic addition of an amine to an aldehyde 
or ketone (Figure 1-7).* A nucleophilic substitution 
at an acyl carbon that proceeds through a tetra-
hedral intermediate is an example of an associative 
nucleophilic substitution. 
 An associative nucleophilic substitution is a 
nucleophilic substitution that proceeds through a 
tetrahedral intermediate in which a covalent bond 
is formed between the nucleophile and the electro-
philic carbon before the covalent bond between the 
leaving group and the electrophilic carbon begins to 
break. The resulting tetrahedral intermediate is a 
molecule in its own right, albeit an unstable one. It 
is distinct from the transition state in a concerted 
nucleophilic substitution at a saturated, electrophilic 
carbon because that transition state does not have 
covalent bonds between the carbon and either the 
nucleophile or the leaving group. 
 The existence of an intermediate in a nucleo-
philic substitution at an acyl group is indicated by a 
change in the rate-limiting step from the formation 
of the intermediate to its breakdown as the pH is 
lowered.113 That the intermediate detected in such 
pH–rate behavior is the proposed tetrahedral inter-
mediate is indicated by the fact that oxygen exchange 
into the initial reactant occurs during the reaction. 
An example of such isotopic exchange is that observed 
during the hydrolysis of methyl acetate115 

  (1-44) 

Oxygen exchanges into the initial reactants occur 
during the hydrolysis of esters, thioesters,116 ani-
lides,117 and amides118 under both strongly 
acidic115-117 and strongly basic115,118 conditions. 
 
 

                                     
*By definition, the various named adducts of a carbonyl group 
are also tetrahedral intermediates in addition to the tetrahedral 
intermediates in nucleophilic substitutions at acyl carbons and 
carbonato carbons. 
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 That a tetrahedral intermediate exists in a nucleo-
philic substitution at an acyl group is also consistent 
with observed secondary kinetic isotope effects. 
When the two hydrogens on a carbon immediately 
adjacent to the carbon in the acyl group are re-
placed with deuteriums, the rates of the hydrolyses 
of esters119-122 increase by about 5%. This signifi-
cant inverse kinetic isotope effect, an increase in rate 
rather than a decrease upon substituting hydrogen 
with deuterium, indicates that the hyperconjuga-
tion between these two adjacent hydrogens and the 
p bond between carbon and oxygen in the acyl 
group is decreased considerably or lost completely 
in the transition state of the rate-limiting step or 
during a pre-equilibrium preceding the rate-limiting 
step. The hyperconjugation is weaker when the 
hydrogen is a deuterium, so the deuterated ground 
state is less stable relative to the transition state 
than the hydronated ground state. This result is 
consistent with the formation of a tetrahedral inter-
mediate,* which has no p bond with which hyper-
conjugation can occur.123 The effects on the rate 
constants for aminolysis of methyl formate that result 
from replacement of the hydrogen on the acyl carbon 
with deuterium, the acyl oxygen-16 with oxygen-18, 
the amino nitrogen-14 with nitrogen-15, the ester 
oxygen-16 with oxygen-18, and the acyl carbon-12 
with carbon-13 are all consistent with changes 
expected for the formation of a tetrahedral inter-
mediate during this reaction.124 
 
 The molecular details of the formation and 
dissociation of a tetrahedral intermediate are homol-
ogous to those for the formation and dissociation 
of an adduct to a carbonyl group. All of the consid-
erations—structure of the transition state, electron 
repulsion on the approach to it, stereochemistry of 
the attack, energy barriers to the formation of the 
transition state, push of the adjacent heteroatoms 
during its dissociation, and the involvement of the 
atomic and molecular orbitals in the dissociation—
that are pertinent to nucleophilic addition to a 
carbonyl group apply to the formation and dissoci-
ation of the tetrahedral intermediate in the associative 
nucleophilic substitution at an acyl group. Addition 
of the nucleophile to the acyl group (Equation 1-43) 
 

                                     
*These kinetic isotope effects are also consistent with a single 
transition state for the substitution, in which the bond 
between the nucleophile and the acyl carbon is forming as the 
bond to the leaving group is breaking, and the double bond of 
the carbonyl group is significantly but only partially broken. 

proceeds through overlap of the atomic orbital 
bearing the lone pair of electrons on the nucleo-
phile with the antibonding p molecular orbital of 
the carbon–oxygen (1-17), carbon–nitrogen, or 
carbon–sulfur double bond of the acyl group. Expul-
sion of the leaving group from the tetrahedral inter-
mediate (Equation 1-43) proceeds through overlap 
of the atomic orbital containing a lone pair of elec-
trons on the oxygen or the nitrogen providing push 
with the antibonding orbital of the s bond between 
carbon and the leaving group (Figure 1-3). For 
example, in the aminolysis of an ester (Equation 
1-43), the lone pairs of electrons providing push in 
the forward direction and the reverse direction is a 
lone pair on the hydroxy group that was the oxygen 
in the carbon–oxygen double bond of the ester, but 
the lone pair of electrons on the other oxygen also 
provides push in the reverse direction, and the lone 
pair of electrons on the nitrogen provides push in 
the forward direction.  
 The difference between an acyl group and a 
carbonyl group is that there is a second hetero-
atom in the former, and the difference between the 
tetrahedral intermediate in a substitution at an acyl 
group and the product of addition to a carbonyl 
group is that there is a third heteroatom attached to 
carbon in the former. On the one hand, the second 
heteroatom in the acyl group makes it more stable 
than a carbonyl group because the lone pairs of 
electrons on this heteroatom can conjugate with 
the electropositive acyl carbon. On the other hand, 
the third heteroatom makes a tetrahedral interme-
diate much less stable than the product of a nucleo-
philic addition to a carbonyl group because the lone 
pair or lone pairs of electrons on the third hetero-
atom will increase electron repulsion in the tetra-
hedral intermediate. The net result of these two effects, 
the one lowering the energy of the reactant and the 
other raising the energy of the transition state, is 
that the tetrahedral intermediate in an associative 
nucleophilic substitution at an acyl group (Equa-
tion 1-45) is much less stable than the tetrahedral 
intermediate in an associative nucleophilic substi-
tution at a simple carbonyl group (Equation 1-46). 
This instability can be demonstrated by a compari-
son96,125 of equilibrium constants* 

                                     
*Because the addition of methanol is being compared to the 
addition of water, these equilibrium constants are for the 
reactions as written using the molar concentrations of methanol 
(24.7 M) and water (55.5 M) rather than the mole fractions of 
methanol and water as was done in Equation 1-40. 
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                   (1-45) 

 

     (1-46) 

 The additional heteroatom also creates a situa-
tion in which two lone pairs of electrons can be 
simultaneously periplanar to the leaving group and 
provide greater push 
 

 

In every tetrahedral intermediate this double push 
is possible. It has already been noted that during 
the hydrolyses of ortho esters (acyl derivatives in 
which the two lone pairs of electrons providing the 
push are on two oxygens) antiperiplanar push is 
stronger than synperiplanar push60 but by less than 
10 kJ mol-1. During the hydrolysis of amidiniums126 
and guanidiniums,127 acyl derivatives in which the 
two lone pairs of electrons providing the push in 
the tetrahedral intermediate are on a nitrogen and 
an oxygen respectively, antiperiplanar push is also 
stronger than synperiplanar push but by less than 
5 kJ mol-1. To be effective, however, the push must 
always be periplanar for maximum overlap to occur.60 
 Often the tetrahedral intermediate must be 
formed and revert to reactants many times before 
the expulsion producing a product of associative 
nucleophilic substitution occurs. If the nucleophile 
that produces the tetrahedral intermediate in the 
first place is the most likely leaving group from that 
tetrahedral intermediate, then the yield of product 
for every encounter that produces a tetrahedral 
intermediate will be low because most of the time the 
initial nucleophile will be expelled from the tetra- 

 

 
Figure 1-9: Effect of hydronation of the leaving group on the 
partition in a tetrahedral intermediate.128 Addition of 2,2,2-tri-
fluoroethoxide ion to N-acetylimidazole, in either its hydro-
nated or unhydronated form, produces a tetrahedral interme-
diate from which either the trifluoroethoxide ion or the imida-
zole is a potential leaving group. (Left side) At low pH, when 
the imidazole in the tetrahedral intermediate is hydronated, it 
is the preferred leaving group because its conjugate acid 
(pKa = 7.05) is more acidic than the conjugate acid of the trifluoro-
ethoxide ion (pKa = 12.4). Consequently, imidazole dissociates 
rapidly from the tetrahedral intermediate relative to the trifluoro-
ethoxide ion (fast against moderate). (Right side) At high pH, 
when the imidazole in the tetrahedral intermediate is unhy-
dronated and must leave as the imidazolate anion, the trifluo-
roethoxide ion is the preferred leaving group because its 
conjugate acid (pKa = 12.4) is more acidic than the conjugate 
acid of the imidazolate anion (pKa = 14.5), and the loss of imid-
azole becomes slower than the loss of trifluoroethoxide from 
the tetrahedral intermediate (slow against moderate). Because 
the major change in acidity has been to the imidazole, the major 
change in rate occurs in its dissociation from the tetrahedral 
intermediate. 
 
 
 
hedral intermediate to regenerate the reactant. For 
example, in the esterification of N-acetylimidazole 
by trifluoroethoxide (Figure 1-9)128 at high pH, the 
tetrahedral intermediate dissociates to form the 
reactants about 200 times more rapidly than it disso-
ciates to form the products imidazole and trifluoro-
ethyl acetate. 
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 Because there are three heteroatoms in a tetra-
hedral intermediate and any one of the three can 
dissociate, there are always two possible products 
that can form in addition to the one formed by the 
dissociation regenerating the reactants. Consequently, 
the ratio of the products formed from the tetrahedral 
intermediate depends on a partition. For example, 
when ethyl thionobenzoate is hydrolyzed, two 
products in addition to the reactant form 

 

        (1-47) 

 
 The identity of the leaving group from a tetra-
hedral intermediate, and hence the acyl derivative 
that is the product, is usually determined both by 
hydronation of the leaving group and by the magni-
tude of the push provided by the different hetero-
atoms. 
 The hydrolysis of O-ethyl benzenecarbothioate 
(Equation 1-47) provides an example of the effect 
of hydronation on the identity of the product. During 
the hydrolysis, ethyl benzoate predominates under 
weakly acidic conditions, but the fraction of benzene-
carbothioic acid increases significantly as the pH is 
lowered below 1.0.129 This change in the ratio of the 
products is due to a shift in the preference for expul-
sion within the tetrahedral intermediate 

 

This conclusion was validated by generating an 
analogous tetrahedral intermediate through a 
completely different route involving the decompo-
sition of an ortho ester. The same increase in the 
yield of thiobenzoate relative to benzoate was ob-

served as the pH was lowered.130 A reasonable 
explanation for the shift in the ratio of products is 
the increased rate for hydronation of the ethoxy 
oxygen or an increased concentration of the hydro-
nated form of the ethoxy oxygen within tetrahedral 
intermediate 1-40 at the lower values of pH.* Either 
of these effects, or both together, will cause the 
ethoxy oxygen to become a better leaving group 
than the sulfanyl group, although given the rates at 
which acid–base reactions reach equilibrium, the 
latter explanation seems more reasonable. 
 Another example of the importance of hydro-
nation in determining the identity of the leaving 
group from a tetrahedral intermediate occurs in the 
associative nucleophilic substitution of imidazole 
by trifluoroethoxide in acetylimidazole (Figure 
1-9).128 If the imidazole group is unhydronated 
(right column), expulsion of trifluoroethoxide from 
the tetrahedral intermediate predominates; if the 
imidazole is hydronated (left column), its expulsion 
predominates. This shift in predominance explains 
why both the N-hydronated and the N-methylated 
acetylimidazolium ions produce the trifluoroethyl 
ester 200 times more rapidly than unhydronated 
acetylimidazole. 

 Hydrolysis of ethyl N-methyl-N-phenyl-acet-
imidate ion131 proceeds by the addition of hydroxide 
or water to the cationic imidate ester in a slow, rate-
limiting step to produce the initial tetrahedral inter-
mediate 1-41 

 
                  (1-48) 

This intermediate can tautomerize to tetrahedral 
intermediate 1-42 and expel N-methylaniline or lose a 
hydron to produce tetrahedral intermediate 1-43 
and expel the ethoxide. The partition between these 

                                     
*Hydronation of a sulfide (pKa @ -8) occurs at much lower pH 
than hydronation of an ether (pKa @ -3.5). 
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two outcomes is influenced secondarily by other 
acids and bases in the solution, but expulsion of 
the aniline always increases as the pH of the solu-
tion is lowered and hydronation of the nitrogen 
increases. 
 The magnitude of the push available in the tetra-
hedral intermediate also has a significant influence 
on the choice of the leaving group. This influence 
can be appreciated by examining the products 
formed from the collapse of each of the following 
hemiaminals and tetrahedral intermediates under 
catalysis by a general acid57 

 

In the drawings of each of these compounds,* the 
two potential leaving groups have been placed to 
the right and left sides of the central carbon, respec-
tively. In each case, the lone pair of electrons on the 
oxygen to the right is less basic than the lone pair of 
electrons on the nitrogen to the left, usually by 
about 14 units of pKa. Under catalysis by a general 
acid, the nitrogen will always be hydronated more 
readily and should be the better leaving group. 
 The fact that the lone pair of electrons on nitro-
gen is the more basic, however, also means that it 
can provide more push. In the hemiaminal 1-44, 
nothing other than one of the two potential leaving 
groups can provide push, so push becomes more 
important than hydronation, and hemiaminals 
preferentially expel the alcohol under catalysis by 
an acid. In either the methoxyamino tetrahedral 
intermediate 1- 45 or the methoxy tetrahedral 
intermediate 1-46, the third heteroatom is able to 

                                     
*Although 1-45 and 1-47 are enantiomers of each other and 
both of them would be formed at random in the same nucleo-
philic substitution, these facts are irrelevant to the present 
argument. Each is presented as a tetrahedral intermediate that 
produces a particular product, and each product is different 
from the other. 

provide only a weak push (pKa = 5 and pKa = -3, re-
spectively) but it is enough to enhance the expul-
sion of nitrogen sufficiently so that its rate of dis-
dissociation becomes equivalent to that of the oxygen 
under catalysis by an acid. In the amino tetrahedral 
intermediate 1-47, the push of the more basic lone 
pair of electrons on the amino nitrogen (pKa = 10) 
predominates over that of the lone pair of electrons 
on the leaving nitrogen in the methoxyamino group, 
and the dissociation of the methoxylamine, the more 
readily hydronated leaving group under catalysis 
by an acid, is several hundred times more rapid 
than that of methanol. Finally, in the alkoxy tetra-
hedral intermediate 1-48, the push from the lone 
pair of electrons on nitrogen becomes irrelevant in 
comparison to the push of the more basic lone pair 
of electrons of the oxyanion. In the presence of 
such an abundance, which is able to be directed at 
either leaving group promiscuously, hydronation of 
the nitrogen, which is the more basic leaving 
group, dictates the preference, and alkoxy tetrahe-
dral intermediate 1-48 decomposes almost exclu-
sively through expulsion of amine. 
 
 Nucleophilic substitutions at acyl groups can 
be catalyzed either by acids or by bases. An example 
relevant to enzymatic catalysis is the hydrolysis of 
amides, which takes place at elevated temperatures 
in the presence of strong acid or strong base. 
 In strong acid (Figure 1-10A), the acyl oxygen 
is hydronated132 in a regular acid–base dissociation 

       (1-49) 

This hydronation causes the acyl carbon to be 
electrophilic enough to react with water to form a 
tetrahedral intermediate, but because water is a 
poor nucleophile, this remains the slowest step in 
the reaction. Before the tetrahedral intermediate is 
formed, the lone pair of electrons on nitrogen is 
unavailable for hydronation (pKa = -7),132 but after 
the tetrahedral intermediate has formed, the nitro-
gen has become the nitrogen of an amine rather 
than the nitrogen of an amide. In the case of hy-
drolysis of primary and secondary amides, the 
amino nitrogen (pKa @ 9) in the tetrahedral inter-
mediate initially formed by the addition of water to 
the hydronated acyl group is immediately and 
irreversibly hydronated (pH < 0). Because of this 
immediate hydronation, which makes the amine  
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the preferred leaving group, insignificant oxygen 
exchange (see Equation 1-44) is observed during 
the hydrolysis of amides catalyzed by strong acid. 
Following its expulsion as the leaving group, the 
amine is hydronated under acidic conditions, and 
this hydronation precludes the reverse reaction 
and provides the free energy necessary to make the 
hydrolysis favorable.133 
 In strong base (Figure 1-10B), hydroxide is the 
nucleophile during the hydrolysis of an amide. 
From measurements of the rates of amide hydrolysis 
in mixtures of 1H2O and 2H2O, it has been concluded 
that the hydrated form of hydroxide (1-2) is the 
nucleophile, 134 but whether the actual nucleophile 
is the lone pair of electrons on the central hydroxide 
itself or one of the lone pairs of electrons on one of 
the three surrounding molecules of water135,136 is un-
settled. The hydroxide readily adds to the acyl 
carbon in a rapid reaction.133 This addition of the 
nucleophile creates the oxyanion, ready to push 
out the leaving group. The amino nitrogen created 
during this first step is only slowly hydronated 
because the concentration of hydrons is so low and 
the transfer of a hydron from water is endergonic. 
As a result, the transfer of a hydron to the nitrogen 
is the slow step under basic conditions.133 Conse-
quently, isotopic exchange (see Equation 1-44) is 
readily observed during the hydrolysis of amides in 
strong base, except in the case of tertiary amides.137 
When the nitrogen is hydronated, it leaves in pref-
erence to oxygen because the tetrahedral intermediate 
resembles tetrahedral intermediate 1-48 under 
acidic conditions. The carboxylic acid produced 
loses its hydron under the basic conditions, and 
this ionization precludes the back reaction and 
provides the free energy necessary to make the 
reaction favorable.133 
 At neutral pH, although transfer of a hydron to 
the amino nitrogen in the tetrahedral intermediate 
occurs readily, the acyl oxygen cannot be signifi-
cantly hydronated so the reaction of water as a nucleo-
phile at the acyl carbon is extremely slow, and the 
concentration of hydroxide is so low that nucleo-
philic attack of hydroxide is also slow.133 Both of 
these problems luckily cause the hydrolysis of an 
amide to take years at pH 7 and 25 ªC in the ab-
sence of catalysis.1 At neutral pH, both the amine 
and the carboxylic acid are ionized following the 
hydrolysis, and both of these ionizations together 
provide sufficient favorable free energy to cause the  

 

Figure 1-10: Mechanisms of hydrolysis of an amide under spe-
cific acid catalysis or specific base catalysis. (A) In strong acid, 
under catalysis by a hydron, a molecule of water adds to the 
amide, which is hydronated on oxygen, to produce the tetrahedral 
intermediate. (B) In strong base, under specific catalysis, a 
hydroxide ion adds to the neutral amide to produce the tetra-
hedral intermediate. In each case, the nitrogen in the tetrahedral 
intermediate must be hydronated, regardless of whether the 
pH of the solution in low or high, before it can leave. 
 
 
 

HH
N

O CH3

N

O
O
HH

N
O

O
CH3

“ ”O

“

:

“
“

” N

O
CH3

O“ ”

H“

H

“

“H

“H

CH3

O

O

H2O  +

+  H3CNH3
+

H3C

1

H

N

O

H

H3C

HH3C

(

H

HH3C

(

“
H

HH3C (

(

:

HH
H3C

N

O CH3

N

O
CH3

O

N
O

O
CH3

“ ”O

“

:

“
“ ”

” N

O
CH3

O“ ”

H“

“

“

“H

CH3

O

O–

OH–  +

+  H3CNH2

H3C

1

N

O

H

H3C

HH3C

1
HH3C

“
H

HH3C (

:

HH
H3C

”H
)

“

“

)

“

H “

)

1

A. Strong acid

B. Strong base

1

1

+ H 

+

Æ Æ

Æ

Æ

CH3”

”

H

H 

+  +

+ H 

+

H 

+

+ H 

+



Nucleophilic Substitution at an Acyl Group 
 

45 

hydrolysis, although slow in the absence of cataly-
sis, to be isoergonic rather than endergonic.133 The 
equilibrium constant for the hydrolysis of an amide 
is at a minimum in the midrange of pH and in-
creases at both low pH and high pH.138 
 When the hydrolysis of an ester is catalyzed by 
a base other than hydroxide, and probably by hydrox-
ide as well, a molecule of water, already forming a 
hydrogen bond with the base, is the nucleophile, just 
as it is in the addition of an alcohol to a carbonyl 
group catalyzed by a base (Figure 1-8).120 During 
the addition of the molecule of water to the acyl 
carbon, the hydron in the hydrogen bond is simul-
taneously transferred to the base. 
 In addition to catalysis by acids and bases, certain 
nucleophilic substitutions at acyl groups are suscep-
tible to catalysis by desolvation. For example, the 
rates of nucleophilic substitutions in which the 
nucleophile is phosphate dianion, which is a common 
nucleophile in biochemical reactions, are increased 
by a factor as large as 105 when water is replaced by 
dimethyl sulfoxide, but all anionic nucleophiles exhibit 
enhancement upon decreases in the concentration 
of water.139 This effect is thought to result from the 
fact that the nucleophilic oxygens of phosphate 
dianion in particular, but most nucleophilic atoms 
with a negative elementary charge, usually are 
masked by a strongly held layer of water molecules 
solvating the respective ions and the fact that their 
intrinsic nucleophilicity is revealed upon desol-
vation. When phosphate or another nucleophilic 
anion reacts in the active site of an enzyme, it has 
usually been desolvated in the process of associating 
with the site, and this desolvation should increase 
its nucleophilicity significantly. 
 Nucleophilic substitutions at an acyl group are 
also susceptible to nucleophilic catalysis. For ex-
ample, pyridine is a nucleophilic catalyst for acyl 
derivatives with good leaving groups. The accelera-
tion of the reaction that occurs in the presence of 
pyridine results from the fact that pyridine enters 
and leaves tetrahedral intermediates readily, yet 
acylpyridinium ions are fairly unstable because the 
unavoidable positive formal elementary charge on 
the nitrogen activates the acyl carbon for nucleo-
philic attack. Therefore, pyridine reacts rapidly with 
the initial acyl derivative to produce the acyl-
pyridinium ion 

       

which then reacts rapidly with the nucleophile to 
produce the product of the particular reaction and 
regenerate the catalyst.140 Many enzymes catalyze 
substitution at an acyl group nucleophilically, using 
one or the other of the heteroatoms in the side 
chains of their amino acids. 
 
 In a nucleophilic substitution at an acyl group 
that passes through a tetrahedral intermediate, 
there are always at least two steps: combination of 
the acyl derivative and the nucleophile to create 
the tetrahedral intermediate and expulsion of the 
leaving group to create the products. Either of these 
steps can be the rate-limiting step of the reaction. 
Usually, as the identity of the nucleophile,141 the 
identity of the acyl derivative, the pH, or the identity 
of the catalyst142 is changed within a given series of 
such associative nucleophilic substitutions, the major 
effect of each of these changes will be on only one step 
in the mechanism. It often happens that as these 
parameters are changed systematically, at some 
point the step that was rate-limiting becomes faster 
than either a step preceding it or a step following it, 
and the new slower step then becomes the rate-
limiting step. It has already been mentioned that 
one of the facts consistent with the existence of an 
intermediate in most nucleophilic substitutions at 
an acyl group is the observation of such a change 
in the rate-limiting step. 
 A change in rate-limiting step occurs in a series 
of nucleophilic substitutions between 4-nitrophenyl 
acetate and a set of thiolate ions141 

  
                  (1-50) 

A kinetic mechanism, incorporating a tetrahedral 
intermediate, can be written for this reaction 

                  (1-51) N
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When the rate constant k-1 in Equation 1-51 is smaller 
than the rate constant k2, the 4-nitrophenolate 
leaves the tetrahedral intermediate more rapidly 
than the thiolate, and most of the tetrahedral inter-
mediates formed proceed to molecules of product. 
If the rate constant k-1 is much smaller than the 
rate constant k2, almost none of the tetrahedral 
intermediates can revert to reactants before they 
proceed on to products. Because a tetrahedral inter-
mediate is always unstable relative to reactants and 
products and almost none is present in solution at 
a given instant, the step governed by the rate con-
stant k1 is rate-limiting because the rate of the reaction 
depends entirely on the rate at which the tetrahedral 
intermediate is formed. The observed rate constant 
for the reaction is simply the rate constant k1, and 
the transition state governing the observed rate 
constant is that of the first step. 
 When the rate constant k-1 is larger than the 
rate constant k2, the thiolate leaves in preference to 
the 4-nitrophenolate, a pre-equilibrium establishes 
an equilibrium concentration of tetrahedral inter-
mediate, and the rate of the reaction is affected by 
the rate at which this tetrahedral intermediate 
breaks down to product through the step governed 
by k2, now the rate-limiting step. Under these circum-
stances, however, the rate constants for all three 
steps—those governed by k1, k-1, and k2—determine 
the rate of the associative nucleophilic substitution 
because a change of any of these rate constants will 
affect the observed rate of the reaction, even 
though only the step governed by k2 is the rate-
limiting step. In this situation, the observed rate con-
stant for the reaction is Keq1k2, where Keq1 is the 
equilibrium constant for the first step, the pre-
equilibrium determined by the rate constants k1 
and k-1, and k2 is the rate constant for the second 
step. 
 For the nucleophilic substitution between a 
series of thiolate ions and 4-nitrophenyl acetate 
(Equation 1-51), there is a change in the slope of a 
Brønsted plot (Figure 1-11; third curve from the 
top),141 in which the common logarithms of the 
rate constants for the nucleophilic substitutions are 
plotted as a function of the values of pKa for the 
thiols that are the conjugate acids of the respective 
thiolate ions. The slope of a line on such a plot is 
the Brønsted coefficient for the nucleophiles, bnuc. 
On moving from right to left on the plot, it can be 
seen that when the thiolate used in the reaction 
described in Equation 1-51 becomes sufficiently 
acidic (pKa < 6 for the nucleophilic substitutions of  
 

 

Figure 1-11: Brønsted correlations between the rate constants 
for nucleophilic substitutions at four different acetate esters by 
a series of nucleophilic aryl thiolate ions (3) and alkyl thiolate 
ions (Í), the conjugate acids of which have different acid dis-
sociation constants.141 The rates for each nucleophilic substi-
tution (Equation 1-50) were followed at two or more values of 
pH at an ionic strength of 1.0 M and at 25 ªC. The values of pH 
chosen in each case were those appropriate to the pKa of the 
particular thiol the thiolate ion of which was used as the 
nucleophile. The pH at which each rate was measured was 
used to determine the actual concentration of thiolate ion in 
the solution. For each of the 36 combinations of electrophile 
and thiolate ion, represented by the 36 points on the graph, the 
rate constants calculated, based on the actual concentration of 
thiolate ion, were the same for all values of pH. The common 
logarithms of the observed rate constants are plotted as a 
function of the values of the pKa for the thiol. The thiols 
chosen, in order of increasing pKa, were pentafluorobenzene-
thiol (pKa = 2.68), 2,3,5,6-tetrafluorobenzenethiol (pKa = 2.75), 
4-nitrobenzenethiol (pKa = 4.5), 3,4-dichlorobenzenethiol 
(pKa = 5.48), 4-acetamidobenzenethiol (pKa = 6.08), benzene-
thiol (pKa = 6.43), 2,2,2-trifluoro-1-sulfanylethane (pKa = 7.30), 
methyl 2-sulfanylacetate (pKa = 7.91), methyl 3-sulfanylpro-
pionate (pKa = 9.33), 2-sulfanylethanol (pKa = 9.61), sulfanyl-
ethane (pKa = 10.35), and 1-sulfanylpropane (pKa = 10.53). 
Each of the four curves in the figure is for the nucleophilic 
substitutions of a particular acetate ester. The four acetate esters 
used as electrophiles, in descending order on the field of the 
graph, were 1-acetoxy-4-methoxypyridinium ion, 2,4-dinitro-
phenyl acetate, 4-nitrophenyl acetate, and phenyl acetate. The 
products produced by the leaving groups were 4-methoxy-
pyridine 1-oxide, 2,4-dinitrophenolate ion, 4-nitrophenolate 
ion, and phenolate ion, respectively. The curves drawn 
through the data each have linear asymptotes of the same 
slope to the left and of the same slope to the right of the 
respective inflections. The slopes of the linear asymptotes, the 
values of bnuc, are 0.84 to the left and 0.27 to the right. There is 
a gradual change in slope in the middle of each curve.  
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4-nitrophenyl acetate), there is a change in slope 
(bnuc) from 0.27 to 0.84. 
 This change in slope can be explained as the 
result of a change in rate-limiting step. The dissoci-
ation of 4-nitrophenyl acetate from the sulfur in the 
tetrahedral intermediate (step governed by k-1 in 
Equation 1-51) is analogous to the dissociation of a 
hydron from the respective thiol. When the conjugate 
acid of the thiolate becomes acidic enough, the dis-
sociation of 4-nitrophenyl acetate from the sulfur in 
the tetrahedral intermediate becomes faster than 
the expulsion of 4-nitrophenolate from the tetra-
hedral intermediate. The kinetic mechanism of the 
reaction changes from one in which the first step, 
formation of the tetrahedral intermediate, is the 
rate-limiting step governing the observed rate con-
stant to one in which the second step, expulsion of 
nitrophenolate, is the rate-limiting step.  
 For the more basic thiols, before the change in 
rate-limiting step has occurred, the observed rate 
constant is governed only by the first step. The 
Brønsted coefficient for the nucleophile, bnuc, is 
small (0.27) and indicates that, in the transition state 
for addition of the thiolate to the acyl carbon of the 
4-nitrophenyl acetate, the bond between sulfur and 
carbon is only partially formed. 
 For the more acidic thiols, after the change in 
rate-limiting step has occurred, the observed rate 
constant is governed by both the pre-equilibrium 
and the second step, expulsion of the leaving group, 
which is now the rate-limiting step. The Brønsted 
coefficient for the nucleophile, bnuc, is now large (0.84). 
If only the rate constant k-1, that for dissociation of 
4-nitrophenyl acetate from the sulfur in the tetra-
hedral intermediate, were affected by the increasing 
acidity of the thiol, and if dissociation of 4-nitro-
phenyl acetate from the thiolate when the tetra-
hedral intermediate dissociates were equivalent to 
the dissociation of a hydron, then the Brønsted 
coefficient would have been 1. 
 Three other acetates were also used in these 
experiments (Figure 1-11).141 1-Acetoxy-4-methoxy-
pyridinium gives the product 4-methoxypyridine 
1-oxide (top curve), 2,4-dinitrophenyl acetate gives 
the product 2,4-dinitrophenolate ion (second curve 
from the top), and phenyl acetate gives the product 
phenolate ion (bottom curve). For each of these 
acetates there also seems to be a similar change in 
rate-limiting step. These results reinforce the 
conclusion that a change in rate-limiting step is 
occurring. 
 

 There are nucleophilic substitutions at acyl 
groups, however, that do not seem to have a tetra-
hedral intermediate in their mechanism. Evidence 
for the lack of a tetrahedral intermediate also 
comes from Brønsted correlations. 
 In fully associative nucleophilic substitutions 
in which both the nucleophile and the leaving 
group are of the same class of molecules, at the 
point that the nucleophile and the leaving group 
are identical, there should be a change in rate-
limiting step as the acidity of the nucleophile is de-
creased further. In any associative nucleophilic 
substitution at an acyl group that proceeds through 
a tetrahedral intermediate, as the acidity of the 
nucleophile is increased, the rate constant k-1 
(Equation 1-51) increases. When k-1 becomes 
greater than the rate constant k2, the rate-limiting 
step changes from formation of the tetrahedral in-
termediate to its breakdown. If the leaving group 
and the nucleophile are both of the same class of 
compounds—for example, both phenolate 
ions143,144 or both pyridines145—then the following 
must be true: As the basicity of the nucleophile is 
decreased while the leaving group remains unchanged 
until nucleophile and leaving group are the same 
molecule, the rate constants k-1 and k2 must become 
identical because expulsion of the initial nucleo-
phile from the tetrahedral intermediate is chemically 
identical to expulsion of the initial leaving group. 
Because the formation of the tetrahedral inter-
mediate and its breakdown are electronically quite 
different, the rate constant k1, that for the rate-
limiting step when the nucleophile is more basic 
than the leaving group, should have a different 
dependence on the pKa of the conjugate acid of the 
nucleophile than does the rate constant k2, that for 
the rate-limiting step when the nucleophile is less 
basic than the leaving group. Consequently, the effect 
of changing the basicity of the nucleophile on the 
overall rate of the reaction should be different for 
nucleophiles of the same class more basic than the 
leaving group than it is for nucleophiles of the same 
class less basic than the leaving group. 
 The rates of nucleophilic substitution of the 
4-nitrophenyl group in 4-nitrophenyl acetate by 
each of a series of phenolate ions were measured. 
Phenols with values of pKa both greater than and 
less than 4-nitrophenol were chosen. The common 
logarithms of the rate constants for nucleophilic sub-
stitutions were plotted as a function of the values of 
pKa for phenols that were the conjugate acids of the 
phenolate ions used as nucleophiles (Figure 1-12).143  
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Figure 1-12: Brønsted correlation between rate constants for 
nucleophilic substitutions of the 4-nitrophenolate ion in 
4-nitrophenyl acetate by a series of other phenolate ions.143 
The rate of release of the 4-nitrophenolate ion from 4-nitro-
phenyl acetate was monitored in water at 25 ªC and an ionic 
strength of 0.1 M by following the increase in absorbance at 
400 nm resulting from its production. A buffer strong enough 
to maintain the pH within 0.02 unit was used in each reaction. 
The pH chosen was appropriate to the pKa of the particular 
phenol being used as the nucleophile. The phenols chosen 
were (1) 2,6-dimethylphenol; (2) 4-methylphenol; (3) 4-fluoro-
phenol; (4) phenol; (5) 4-chlorophenol; (6) 3-chlorophenol; 
(7) 3,4-dichlorophenol; (8) 2-chlorophenol; (9) 4-acetylphenol; 
(10) 4-cyanophenol; (11) 2,3-dichlorophenol; (12) 3,4,5-tri-
chlorophenol; (13) 4-formylphenol; (14) 2,6-dichlorophenol; 
(15) 2,4,5-trichlorophenol; (16) 2,3,5-trichlorophenol; (17) penta-
fluorophenol; (18) 2,3,5,6-tetrafluorophenol; and (19) 2,3,4,5-
tetrachlorophenol. After the rate of release of 4-nitrophenolate 
ion resulting from the background hydrolysis of the 4-nitro-
phenyl acetate was monitored, the nucleophilic phenol was 
added to the solution to initiate the substitution. The increase 
in the rate of release of 4-nitrophenolate ion was then measured. 
It was assumed that the increase in the rate was due to the 
nucleophilic substitution of 4-nitrophenol by the phenol that 
had been added to the solution and that the nucleophile respon-
sible for this nucleophilic substitution was the phenolate ion of 
the phenol that had been added. The phenol was added at a 
concentration sufficiently in excess of the concentration of 
4-nitrophenyl acetate to ensure that its concentration would 
change insignificantly as the reaction progressed. From the 
increase in the rate of release of 4-nitrophenolate ion, the con-
centration of phenol added, and the pH of the solution, a 
pseudo-first-order rate constant (second-1) could be calculated 
for the nucleophilic substitution of 4-nitrophenolate ion by the 
phenolate ion added as the nucleophile. Several different initial 
concentrations of each phenol were used. From the slope of 
the line relating the observed pseudo-first-order rate constant 
to the molar concentration of the nucleophilic phenolate ion, an 
observed second-order rate constant (kobs; molar-1 second-1) 
for the nucleophilic substitution of 4-nitrophenolate ion by 
that particular phenolate ion could be calculated. The com-
mon logarithm of each second-order rate constant (log kobs) is 
plotted as a function of the values of the pKa for the phenol. 

The slope of the line drawn through the points, bnuc, deter-
mined by least-squares numerical analysis, was 0.75. The two 
points designated with open circles were not included in the 
analysis. This slope is the Brønsted coefficient for the conju-
gate acids of the nucleophiles. The vertical dashed line is located 
at the pKa of 4-nitrophenol to indicate that the same correla-
tion holds for phenols both more acidic and less acidic than the 
conjugate acid of the leaving group. 
 
 
 
The Brønsted coefficient for the conjugate acids of 
the nucleophiles, bnuc, which is the slope of the line 
in Figure 1-12, has a value of 0.75. There is, however, 
no change in the slope of the line as the values of 
pKa for the conjugate acids of the phenolate ions used 
as nucleophiles pass through the point at which 
they are equal to the pKa of 4-nitrophenol (pKa = 7.15). 
Because there is no evidence for the existence of a 
tetrahedral intermediate, it was concluded that the 
nucleophilic substitution of one phenol for another 
in phenyl acetates proceeds by a concerted nucleo-
philic substitution with the simultaneous formation 
of a bond to the nucleophile and disintegration of 
the bond to the leaving group through a single 
transition state.143  
 Further evidence for this conclusion is that the 
Brønsted coefficient for the nucleophiles bnuc increases 
as the pKa of the leaving group increases and the 
Brønsted coefficient for the leaving groups, blg, 
decreases as the pKa of the nucleophile increases. 
These observations imply that the bond to the nucleo-
phile is forming while the bond to the leaving 
group is breaking in the transition state for the 
rate-limiting step in the reaction. There is also no 
change in the Brønsted coefficient for the conjugate 
acids of the nucleophiles, bnuc, for pyridines reacting 
with N-methoxycarbonylisoquinolium ion145 as 
well as for phenols reacting with several phenyl 
formates,144 acyl derivatives that should form even 
more stable tetrahedral intermediates. 
 Because it was the pronounced break in the 
plot of the rate constants as a function of the pKa of 
the nucleophile for associative nucleophilic substi-
tutions of the 4-nitrophenyl group in 4-nitrophenyl 
acetate by a series of thiolate ions (Equation 1-50) 
that indicated the existence of two transition states 
and a tetrahedral intermediate in each of these reac-
tions (Figure 1-11), the failure to observe the effect 
of a change in rate-limiting step suggests that, in 
these nucleophilic substitutions at an acyl group, 
no tetrahedral intermediate is formed. 
 Kinetic isotope effects also indicate that the 
bond to the leaving group in this class of nucleo-
philic substitutions is breaking in the transition 
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state. In 4-nitrophenyl acetate, the rate of nucleo-
philic substitution should decrease when the nitro-
gen-14 atom of the nitro group is replaced by 
nitrogen-15 if the bond between the 4-nitrophenol 
and the acyl carbon is breaking in the transition 
state. That the rate does decrease (by 0.1% ± 0.02%) 
when phenolate is the nucleophile but does not de-
crease significantly (0.02% ± 0.01%) when hydrox-
ide is the nucleophile is evidence that a tetrahedral 
intermediate exists in the latter reaction but not in 
the former.146 
 The foregoing considerations provide an intro-
duction into a more comprehensive use of free 
energy correlations to examine the structures of 
transition states. Consider the following coefficients. 
A Brønsted coefficient for a correlation of any set of 
rate constants 

             (1-52) 

A Brønsted coefficient for a correlation of any set of 
equilibrium constants 

              (1-53) 

A Leffler coefficient 

             (1-54) 

 A Leffler coefficient correlates changes in the 
standard free energy of activation of a reaction with 
changes in the standard free energy of the reaction 
itself.147 It differs from a Brønsted coefficient in that 
the reference reaction is not the acid dissociation 
of a participant but the reaction being monitored 
itself. As such, a Leffler coefficient is considered to be 
a more reliable measure of the fraction that the 
bond to the nucleophile has formed in the transi-
tion state when the values of Ka in the two Brønsted 
correlations (Equations 1-52 and 1-53) are for the 
conjugate acids of the nucleophiles. A Leffler coef-
ficient is also considered to be a more reliable 
measure of the fraction that the bond to the leaving 
group has broken in the transition state when the 
values of Ka in the two Brønsted correlations are for 
the conjugate acids of the leaving groups. There is, 
however, some ambiguity when the Leffler coeffi-

cient is equated with the degree to which a bond is 
broken in the transition state because the Leffler 
coefficient actually measures the degree to which 
negative charge has accumulated on the heteroatom 
of the leaving group in the transition state or the 
degree to which the negative charge of the nucleo-
phile has diminished on the heteroatom of the nucleo-
phile in the transition state.148 
 For nucleophilic substitution of the 4-nitro-
phenyl group in 4-nitrophenyl acetate by the series 
of phenols shown in Figure 1-12, the Brønsted 
coefficient for the correlation between values of Ka 
for the conjugate acid of the nucleophile and equi-
librium constants143,149 for the nucleophilic substi-
tutions, beq,nuc, is 1.7; and the Brønsted coefficient 
for the correlation between the values of Ka for the 
conjugate acids of the nucleophiles and the observed 
rate constants for the nucleophilic substitutions, 
bnuc, is 0.75. Consequently the Leffler coefficient for 
the series of nucleophiles, anuc, is 0.44. This Leffler 
coefficient implies that the bond to the nucleophile 
is only about one-half formed in the transition 
state, if the reaction actually is a concerted nucleo-
philic substitution at the acyl group. 
 For the nucleophilic substitution of one phe-
nol for another at a formyl group, a Brønsted coef-
ficient bnuc of 0.4 to 0.6 and a Brønsted coefficient 
blg of -0.3 to -0.5 suggest that formation of the 
bond to the nucleophile and disintegration of the 
bond to the leaving group proceed in parallel. These 
values also suggest that, in the transition state, the 
oxygen of the entering nucleophile and the oxygen 
of the leaving group form roughly equivalent partial 
bonds with the formyl carbon.144 

 

In the molecular orbital system of the transition 
state, formed from one atomic orbital from each of 
the two phenolate oxygens, two p orbitals from the 
electrophilic carbon, and two p orbitals from the 

    rc  =  –
d  ln Ka 

d  ln k b

d  ln Ka 

d  ln K eq 

    eq  =  –b

d  ln K eq  
      ∫                     =a

    rcd  ln k 
b

    eqb

:O

:O

HO C

NO3

Cl

“

“

1– 50

‡



Mechanisms for Reactions 
 

50 

acyl oxygen, there are six molecular orbitals and 
eight electrons. 
 
 As in any nucleophilic substitution, in the 
nucleophilic substitution at an acyl group, the s  bond 
to the leaving group is broken and a s  bond to the 
nucleophile is formed. Again, it is a matter of tim-
ing. If the s bond to the nucleophile is formed 
completely before the s bond to the leaving group 
begins to break, a tetrahedral intermediate, the homo-
logue of the various products of addition to a carbonyl 
group (Table 1-1), is produced. This formation of a 
tetrahedral intermediate is what happens in most 
nucleophilic substitutions at an acyl group, such as 
the associative nucleophilic substitution of a 4-nitro-
phenyl group by a thiolate (Equation 1-50 and Fig-
ure 1-11). If the s bond to the leaving group is 
breaking in concert with formation of the s bond to 
the nucleophile, the nucleophilic substitution is 
concerted and proceeds through a single transition 
state with no intermediate just as the concerted 
nucleophilic substitution at the methyl group of 
S-adenosyl-¬-methionine does (Equation 1-19). 
The concerted formation of the bonds is what hap-
pens in the substitution of a phenyl group by another 
phenyl group in phenyl formates (1-50). If the 
bond to the leaving group breaks before the bond 
to nucleophile begins to form, an intermediate 
homologous to a carbenium ion (Equation 1-21) or 
oxocarbenium ion (1-8) forms. 
 It is when the conjugate acid of the leaving group 
has a low pKa that this last possibility is realized. 
Nucleophilic substitutions at acyl triflates,150 acyl 
halides,151-154 and hindered acyl groups, such as in 
2,4,6-trimethylbenzoates,155 can proceed through 
acylium ions as intermediates in dissociative nucleo-
philic substitutions 

    
                  (1-55) 

 As with any other type of nucleophilic substi-
tution, each nucleophilic substitution at an acyl 
group falls at a particular point in a continuous 
spectrum of mechanism. As with a nucleophilic 
substitution at a tetrahedral, saturated carbon, this 

spectrum of mechanism can be appreciated by ex-
amining a three-dimensional surface of potential 
energy (Figure 1-4). Again, the first coordinate is 
the distance between the atom of the leaving group 
and the electrophilic carbon, the second coordi-
nate is the distance between the nucleophilic atom 
and the electrophilic carbon, and the third coordi-
nate is the potential energy of the system for the 
point defined by the first and second coordinates. 
 In the case of a nucleophilic substitution at an 
acyl group, however, unlike the situation in a sim-
ple nucleophilic substitution at a tetrahedral car-
bon, there is a significant well of potential energy in 
the lower left corner, rather than a mountain of po-
tential energy as in Figure 1-4, because this is the 
position of the tetrahedral intermediate, in which 
the carbon is tetravalent, rather than the forbidden 
pentavalent carbon. The intermediate in a nucleo-
philic substitution at an acyl group can be tetravalent 
because the initial electrophile is only trivalent. If 
the tetrahedral intermediate is the most stable of all 
the possibilities, there will be two cols of potential 
energy: one between the reactants and the tetrahe-
dral intermediate and the other between the tetra-
hedral intermediate and the products. 
 The upper right corner in the three-dimensional 
surface of potential energy for the nucleophilic 
substitution at an acyl carbon is the location of the 
acylium ion, homologous to a carbenium ion or 
oxocarbenium ion that occupies the upper right 
corner in a simple nucleophilic substitution. If the 
acylium ion is the most stable of all the possibili-
ties, as in the organic reactions just discussed that 
have an acylium ion as an intermediate, there will 
again be two cols of potential energy: one between 
the reactants and the acylium ion and the other be-
tween the acylium ion and the products, just as is 
the case when there is a carbenium ion or oxo-
carbenium ion as an intermediate (Figure 1-4A). 
 There is, however, always the possibility in a 
nucleophilic substitution at an acyl group that 
there is a col of potential energy that occurs when 
the bond between the nucleophile and the electro-
philic carbon is partially formed while the bond be-
tween the electrophilic carbon and the leaving 
group is partially broken and that there is no tetra-
hedral intermediate nor the creation of a full posi-
tive elementary charge on the acyl group in the 
single transition state.76 Such nucleophilic substi-
tutions at an acyl group are concerted nucleophilic 
substitutions, just as is the case in a concerted 
nucleophilic substitution at a saturated carbon 
(Figure 1-4B). 
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 The properties that determine the position of 
the transition state or the transition states for a partic-
ular nucleophilic substitution at an acyl group on 
the surface of potential energy are most readily 
appreciated by considering the nucleophilic substi-
tutions in which nucleophile and leaving group 
are identical:76 for example, both the same phenol 
or both the same alcohol. In addition to emphasizing 
the fact that the leaving group and the nucleophile 
interchange roles in the reverse reaction, such an 
identity reaction permits one to focus on only one 
pKa, which is the same for the conjugate acid of 
both the nucleophile and the leaving group. 
 The effect of the pKa of nucleophile and leav-
ing group on the rates of such identity reactions 
with phenyl acetates suggests that when the leaving 
group and the nucleophile have a pKa of 7, formation 
of the bond to nucleophile and disintegration of 
the bond to leaving group are fully coupled. In this 
instance, the poor nucleophile and the poor leaving 
group favor a concerted substitution with no inter-
mediate and a single transition state. As the leaving 
group and nucleophile together become more 
basic, the nucleophile becomes stronger and the 
leaving group becomes poorer, and formation of 
the bond to the nucleophile precedes more and 
more the disintegration of the bond to the leaving 
group until it precedes it completely and the nu-
cleophilic substitution is associative and proceeds 
through a tetrahedral intermediate. The combina-
tion of a strong nucleophile and a poor leaving group 
favors a tetrahedral intermediate. As the conjugate 
acids of the leaving group and the nucleophile in 
an identity reaction become more acidic, the 
nucleophile becomes weaker and the leaving 
group becomes more able, and formation of the 
bond to the nucleophile lags more and more behind 
the disintegration of the bond to the leaving group 
until it lags behind it completely and the reaction 
proceeds through an acylium ion. A weak nucleo-
phile and good leaving group favor an acylium ion 
as an intermediate. 
 The same considerations apply to any nucleo-
philic substitution. The existence of an intermediate 
carbenium ion, oxocarbenium ion, or acylium ion 
in a dissociative nucleophilic substitution is more 
likely when the conjugate acid of the leaving group 
has a low pKa and the conjugate acid of the nucleo-
phile also has a low pKa. The existence of a concerted 
nucleophilic substitution with a single transition 
state is more likely when the conjugate acid of the 
 

leaving group has an intermediate pKa and the con-
jugate acid of the nucleophile also has an interme-
diate pKa. When the conjugate acid of the leaving 
group has a high pKa and the conjugate acid of the 
nucleophile also has a high pKa, a nucleophilic sub-
stitution at an acyl group will proceed through a 
tetrahedral intermediate, but a nucleophilic substitu-
tion at a saturated carbon cannot proceed through 
a pentavalent intermediate and must still proceed 
through a concerted nucleophilic substitution. There 
is, however, one other consideration. 
 In solution, in cases of catalysis resulting from 
the hydronation of leaving groups, hydronating 
the acyl oxygen, or dehydronating nucleophiles, 
the catalytic acid and the catalytic base or the several 
catalytic acids and catalytic bases have to be supplied 
simultaneously to the single transition state for a 
concerted nucleophilic substitution at an acyl group. 
These participations of catalytic acids and catalytic 
bases, however, can be divided between the two 
transition states of an associative nucleophilic substi-
tution with a tetrahedral intermediate. Catalysis 
increasing the nucleophilicity of the nucleophile and 
the electrophilicity of the acyl carbon can be supplied 
during the formation of the tetrahedral intermediate, 
and catalysis increasing the ability of the leaving 
group can be supplied during the dissociation of 
the tetrahedral intermediate. This division of labor 
is one of the reasons that a nucleophilic substitution 
at an acyl group under acid–base catalysis usually 
proceeds through a tetrahedral intermediate in 
solution. This division of requirements between 
two transition states, however, is unnecessary in 
the active site of an enzyme because the catalytic 
acids and bases are assembled and positioned in 
their proper places before the chemistry begins. In 
the active site of an enzyme, where catalytic acids 
and bases are pre-positioned to improve dramati-
cally the ability of the leaving group and the nucle-
ophilicity of the nucleophile, a reaction coordinate 
for a concerted nucleophilic substitution at an acyl 
group with a single transition state that passes some-
where on the surface of potential energy between a 
tetrahedral intermediate and an acylium ion is a 
reasonable possibility. 
 In none of the nucleophilic substitutions at 
acyl groups catalyzed by enzymes, however, is 
there yet any evidence for such a concerted mech-
anism, and even in the absence of any evidence, a 
nucleophilic substitution at an acyl group on an 
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enzymatic active site is usually assumed to be asso-
ciative and to pass through a tetrahedral intermediate. 
If the pKa of the conjugate acid of the leaving group 
is high and that of the conjugate acid of the nucleo-
phile is high, the reaction will certainly proceed 
through a tetrahedral intermediate. When, however, 
the biochemical leaving group and the biochemical 
nucleophile each have a conjugate acid with a low 
pKa, the possibility of a concerted mechanism, or 
even an intermediate acylium ion, should be con-
sidered for the enzymatic reaction. 
 
 Biochemically relevant acyl derivatives can be 
arranged in order of their standard free energies of 
hydrolysis, DGªhydro (Table 1-3).156 These are the 
changes in standard free energy* for the reaction 

    
                  (1-56) 

Water acts as a reference nucleophile, permitting 
the various acyl derivatives to be placed on the 
same scale of stability. 
 The change in standard free energy of any 
particular nucleophilic substitution at an acyl 
group 

        (1-57) 

can be estimated by taking differences between the 
two values for the two relevant standard free energies 
of hydrolysis 

        (1-58) 

For example, the change in standard free energy for 
the aminolysis of an ester 

  
                   (1-59) 

a reaction resembling the formation of a peptide bond 
during protein synthesis,† should be -41 kJ mol-1. 

                                     
*See footnote to Table 1-2 on the decision to omit the concen-
tration of water. 
†The standard free energy for the dehydronation of ethylamine 
has to be included when the aminolysis of the ester occurs at a 
pH less than 11. 

Table 1–3: Standard Free Energies of 
Hydrolysis of Selected Acyl Derivatives at 
25 ªCa 

acyl derivativeb DG ªhydro 
(kJ mol–1) 

pKa of conjugate 
 acid of the 

 leaving group 

 

 

–6 6  

–40  

–3 4b 

–3 1 

–2 8 c 

–18  

–10  

–7  

+3 4 
 

 

4.7  

14.5  

7 .2  

10 .0  

12 .4 

10 .5  

15 .7  

16  

3 4 
 

aStandard free energy of hydrolysis15 6 ,15 7  (Equation 1-41) 
based on a standard state of 1 M concentrations of the 
uncharged reactants and products and an activity of pure 
water of 1. bBased on a pKa of inorganic phosphate of 7 .2  and 
of an acyl phosphate of 6 .2 . Value for the monoanions of 
acetyl phosphate and phosphate. cValue for the dianions of 
acetyl phosphate and phosphate. 

““

N N

O

O

O

O

O

O

O

O

H3C O

H3C

H3C

H3C

H3C

H3C

OH3C

OH3C

N

O O

O

CH3

CH3

CH3

OPO3
2–

OPO3H–

”:”S

’ ‘ ’ ‘

H

:

:

H:

:

:

: ‘

CH3H3C

““

““

““

““

““

“

“

“

“

““

““

C
O

Y
C

O

OH
H3C H3C+  H2O +  HY

DGªhydro,Y

C
O

Y
C

O

Z
H3C H3C+  HZ +  HY

DGªYZ1

DG ªYZ  =  DG ªhydro,Y  –  DG ªhydro,Z

C
O

OC2H5

C
O

NC2H5

H3C H3C+  H2NC2H5 +  HOC2H5

DGªYZ1
H



Nucleophilic Substitution at an Acyl Group 
 

53 

When the nucleophilic substitutions of imidates are 
being considered 

          (1-60) 

the same scale of standard free energies of hydrolysis 
can be used to estimate roughly the standard change 
in free energy for the reaction. Consistent with 
Equation 1-58, the nucleophilic substitutions 
commonly observed are those that convert an acyl 
derivative with a more negative standard free energy 
of hydrolysis into one with a less negative standard 
free energy of hydrolysis. 
 The heteroatomic nucleophiles and leaving 
groups in biochemical nucleophilic substitutions at 
acyl groups are usually amines, pyridines, phosphates, 
phenolate ions, alcohols, thiolate ions, enolates, and 
enamines. For these nucleophiles and leaving groups, 
as the leaving groups become stronger bases and 
their conjugate acids become weaker acids, the 
standard free energies of hydrolysis increase (Table 
1-3). The acidity of the parent acid of the acyl deriva-
tive, however, has much less of an effect, if any.157  
 The dissociation of the leaving group from an 
acyl carbon resembles its dissociation from a hydron. 
The equation for the hydrolysis used as the refer-
ence (Equation 1-56), however, formally involves 
the subsequent hydronation of the leaving group. 
Therefore, the tabulated standard free energies of 
hydrolysis are actually correlated to the standard 
free energy for transfer of the leaving group from 
an acyl carbon to a hydron. If a hydron and an acyl 
carbon were electrophilically equivalent to each other, 
there would be no dependence of the standard free 
energy of hydrolysis on the values of pKa for the 
conjugate acids of the leaving groups, and yet there 
is. For example, within a series of oxygen esters, the 
equilibrium constant for Equation 1-56, Keq,hydro, is 
correlated to the respective acid dissociation con-
stants of the alcohols that leave (Figure 1-13)149 by 
the equation 

            
                  (1-61) 

where the Brønsted coefficient beq,lg is -0.70.149 For 
thioesters, beq,lg is -0.38,141 and for amides, it 
is -0.51.157 

 

Figure 1-13: Brønsted correlation of the equilibrium constants, 
Keq,hydro, for the hydrolysis of the respective acetate esters of a 
series of alcohols and phenols with the pKa of the alcohol or 
phenol.149 The esters were (1) ethyl acetate; (2) 2-methoxyethyl 
acetate; (3) chloroethyl acetate; (4) acetylcholine; (5) trifluoro-
ethyl acetate; (6) 4-methoxyphenyl acetate; (7) 4-methylphenyl 
acetate; (8) phenyl acetate; (9) 4-chlorophenyl acetate; (10) 
3-nitrophenyl acetate; and (11) 4-nitrophenyl acetate. The val-
ues for the equilibrium constants were for uncharged reac-
tants, ester and water, and uncharged products, carboxylic 
acid and alcohol (Equation 1-56). The concentration of water 
was omitted from the equilibrium constants. The equilibrium 
constants are plotted as a function of the values for pKa. The 
slope of the line drawn through the points (Equation 1-61), 
which is the Brønsted coefficient for the conjugate acids of the 
leaving groups, beq,lg, is -0.70. 
 
 These negative values mean that as the pKa in-
creases and the conjugate acid of the leaving group 
becomes less acidic so that the leaving group becomes 
more basic, the equilibrium constant for hydrolysis 
of the respective acyl derivative becomes smaller 
and the standard free energy of hydrolysis becomes 
more positive. If this is the case, as the leaving group 
becomes more basic, and more electron-releasing, 
the acyl derivative of the leaving group becomes 
more stable, relative to the conjugate acid of the 
leaving group. This increased stability is almost 
certainly due to the increasing ability of the leaving 
group to conjugate with the carbonyl 
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an ability that increases the stability of the acyl group. 
This opportunity for conjugation is not available in 
its conjugate acid, where the leaving group is at-
tached only to a hydron. 
 Consider an ester, in which the atom bound to 
the acyl carbon is the oxygen of the leaving group. 
As the leaving group, RO-, becomes more basic, 
the electron density in the s bond between the acyl 
carbon and the oxygen of the leaving group in-
creases, just as the electron density in the oxygen-
hydrogen bond of the alcohol increases, but so 
does the electron density in the two lone pairs of 
electrons on the oxygen of the leaving group 

 

Either one of these lone pairs of electrons can over-
lap with the p  molecular orbital system between 
the acyl carbon and the acyl oxygen, and this over-
lap also increases the strength of the bond between 
the acyl carbon and the acyl oxygen.158 Such overlap, 
however, is not possible with a hydron. This presence 
or absence of overlap explains why the free energies 
of hydrolysis for oxygen esters increase more rapidly 
than do the free energies for acid dissociation of 
their leaving groups, and it also explains why the 
Brønsted coefficient beq,lg for the hydrolysis of oxygen 
esters is more negative than that for thioesters. A 
s lone pair of electrons on a sulfur overlaps poorly 
with a p orbital on a carbon. 
 
 When all four of the bonds to a carbon, single 
bonds or double bonds, are to heteroatoms, that 
carbon is in a derivative of carbonic acid (1-53). 

 

Examples of such carbons that are of biochemical 
importance are those in urea (1-54), carbamoyl 
phosphate (1-55), and an N-alkylguanidinium ion. 
In the nucleophilic substitutions of derivatives of 
carbonic acid, the same considerations apply as for 
nucleophilic substitutions at an acyl group. For 
example, in nucleophilic substitution at carbamoyl 

phosphate, either a tetrahedral intermediate or the 
equivalent of an acylium ion is possible159 

    
                  (1-62) 

       (1-63) 

as well as a concerted nucleophilic substitution. 
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Nucleophilic Substitution at Phosphorus 

Derivatives of phosphoric acid are susceptible to 
nucleophilic substitution at phosphorus160 just as 
derivatives of carboxylic acids are susceptible to 
nucleophilic substitution at carbon. An example of 
such a nucleophilic substitution at phosphorus 
would be  

  (1-64) 

in which the oxygen of hydroxide , the nucleophile, 
has substituted for one of the two oxygens of the 
2-hydroxyethoxy group, the leaving group. The 
reactant in this reaction is a phosphotriester, in 
which the phosphoric acid has been esterified with 
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three alcohols. In phosphodiesters, such as dinucleo-
tides, the phosphoric acid has been esterified with 
two alcohols, and in phosphomonoesters, such as 
∂-glucose 6-phosphate, the phosphoric acid has 
been esterified with only one alcohol. 
 As does nucleophilic substitution at the carbon 
of an acyl group, nucleophilic substitution at phos-
phorus includes a continuous spectrum of mecha-
nism in which the two dimensions again are the 
integrity of the bond to the leaving group and the 
integrity of the bond to the nucleophile. As with 
nucleophilic substitutions at an acyl group, the two 
extremes of this spectrum are an associative nucleo-
philic substitution, in which the bond between the 
nucleophile and the phosphorus has formed 
completely before the bond to the leaving group 
begins to break, and a dissociative nucleophilic 
substitution, in which the bond to the leaving 
group has broken completely before the bond to 
the nucleophile has begun to form. The former 
extreme produces a pentavalent intermediate, a 
pentaoxyphosphorane, while the latter produces a 
trivalent intermediate, a monomeric metaphosphate. 
Unlike pentavalent carbon, pentavalent phosphorus 
can exist both in an intermediate and even in a sta-
ble molecule.  
 The reaction of Equation 1-64 is a nucleophilic 
substitution at a triester of phosphoric acid. When a 
series of triesters of phosphoric acid were synthesized 
with different aryloxy leaving groups and submitted 
to nucleophilic substitutions with an array of nucleo-
philes (RO-) 

     
                  (1-65) 

where X indicates the various substitutions at the 
phenyl group, a plot of the Brønsted coefficient for 
the leaving groups against the values of pKa for the 
nucleophiles shows a pronounced break at a pKa of 
11.161 The existence of this break in the secondary 
Brønsted plot, as well as other characteristics of the 
reaction, suggests that each of the nucleophilic 
substitutions of these triesters proceeds through at 
least two steps with at least one intermediate. The 
fact that oxygen-18 exchanges into the phospho 
group of the reactant as a nucleophilic substitution 
in a triester progresses162 suggests that the inter-

mediate* in such reactions, in analogy to the tetra-
hedral intermediate in nucleophilic substitution at 
an acyl group, is a pentaoxyphosphorane and that 
these reactions are associative nucleophilic substi-
tutions.163 
 
 Associative nucleophilic substitutions at 
phosphorus are reactions that proceed through 
intermediate pentaoxyphosphoranes. Phosphoranes 
are compounds in which a central phosphorus atom 
has five substituents. There are pentaoxyphospho-
ranes that can exist as stable compounds. Simple 
acyclic examples of stable pentaoxyphosphoranes 
would be pentaphenoxyphosphorane164 and penta-
cyclohexyloxyphosphorane (Figure 1-14A).165,166 
These two molecules are stable, just as an ortho ester 
of a carboxylic acid is stable, because none of the 
oxygens can become anionic, increasing the electron 
repulsion around the phosphorus and, in turn, 
pushing out one of the phenols or one of the cyclo-
hexanols. The structure of a pentaoxyphosphorane is 
a trigonal bipyramid (Figure 1-14A). Even though 
all five of the substituents are identical, they are not 
distributed in such a way that all the angles between 
the bonds are the same, as they are in a tetrahedral 
carbon like an ortho ester; this fact indicates that the 
hybridization of the atomic orbitals on phosphorus 
controls the structure. In a trigonal bipyramid, 
three of the substituents lie in a plane containing 
the central atom at ideally 120ª angles to each other 
(the three horizontal oxygens in Figure 1-14A). These 
substituents are designated equatorial. Two of the 
substituents are located above and below the plane, 
respectively, on a line (vertical in Figure 1-14A) 
passing through the phosphorus and perpendicular 
to the plane. These substituents are designated apical. 
The angles between each of the equatorial oxygens 
and each of the apical oxygens are all ideally 90ª. The 
ideal equatorial and apical angles are altered 
somewhat by steric effects in an actual pentaoxy-
phosphorane. 
 The hybridization of the atomic orbitals that 
overlap to form the bonds in a pentaoxyphospho-
rane can be inferred from its bond angles. The 
bond angles between the equatorial oxygens are 
those expected if the central phosphorus in a pen-
taoxyphosphorane has sp2 hybridization and each 
of its sp2 orbitals participates in a s bond to one of 
the three equatorial oxygens. 

                                     
*Strictly speaking, the intermediate that is responsible for the 
isotopic exchange could be in a side reaction that is not on the 
reaction pathway for the hydrolysis. 
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Figure 1-14: Stereodrawings166 of the arrangement of the five 
oxygen atoms and the substituents attached to them around the 
pentavalent phosphorus in crystallographic molecular models 
of two pentaoxyphosphoranes. Black atoms are carbons, white 
atoms are oxygens, and the large gray atom is a phosphorus. 
(A) Crystallographic molecular model of pentacyclohexyloxy-
phosphorane.165 Pentacyclohexyloxyphosphorane was synthe-
sized by mixing tricyclohexyl phosphite and cyclohexyl benzene-
sulfenate in pentane at -78 ªC. In the crystallographic molecular 
model, the phosphorus atom lies at the intersection of the five 
bonds between it and the five oxygen atoms of the cyclohexyl-
oxy groups. Three of the oxygens are in the same plane at the 
equatorial positions, and the other two oxygens are on a line of 
centers with the phosphorus at the apical positions. The angles 
between the equatorial oxygens are almost ideal (120ª, 124ª, 
and 116ª) and the angles between each equatorial oxygen and 
the two apical oxygens are also almost ideal (88ª, 89ª, 92ª, 90ª, 
93ª, and 88ª). Deviations from the ideal result from the steric 
effects of the bulky cyclohexyl groups. The bond lengths between 
the phosphorus and the equatorial oxygens are 0.161, 0.161, 
and 0.160 nm. The bond lengths between the apical oxygens 
and the phosphorus are indicated in the drawing (in nanometers). 
That the apical bonds are longer suggests that they are weaker 
than the bonds to the equatorial oxygens. The bond angles at 
the oxygens between carbon 1 of a cyclohexyl group and the 
phosphorus are 124ª,127ª, 128ª, 128ª, and 130ª; these angles  
 
 

suggest that the oxygens are all hybridized sp2. (B) Crystallographic 
molecular model of (9,10-phenanthroquinolyl)triisopropyl-
pentaoxyphosphorane, the adduct that forms between triiso-
propyl phosphite and 9,10-phenanthroquinone.174 The phos-
phorus atom lies at the intersection of the five bonds between 
it and the five oxygen atoms at the center of a “near [sic] perfect 
trigonal bipyramid”. The angles between the equatorial oxygens 
are almost ideal (118ª, 120ª, and 121ª) and the angles between 
each equatorial oxygen and the two apical oxygens are also 
almost ideal (97ª, 85ª, 92ª, 91ª, 87ª, and 89ª). Within the five-
membered ring, the two oxygens from the 9,10-phenanthro-
quinolyl group occupy one equatorial and one apical position 
of the trigonal bipyramid, respectively, as expected when there 
is a five-membered ring, and the other three positions are occu-
pied by the oxygens of the isopropoxy groups. The bond angles 
at the oxygens between the two carbons of the 9,10-phen-
anthroquinolyl group and the phosphorus are 113ª and 112ª, 
and the angle at the phosphorus between the two oxygens of 
the 9,10-phenanthroquinolyl group is 89ª, so the five-
membered ring is distorted to ensure an angle of almost exactly 
90ª at phosphorus. Four of the bond lengths (in nanometers) 
are noted in the drawing, and the bond length of the other 
equatorial phosphorus–oxygen bond is 0.161 nm. The bond 
angles at the three oxygens of the isopropoxy groups between 
the carbons and the phosphorus are 126ª, 132ª, and 127ª, these 
angles again suggest that these oxygens are all hybridized sp2. 
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 The hybridization of these equatorial oxygens, 
however, is not so simple. On the one hand, in a 
calculated structure of pentahydroxyphosphorane,167 
a molecule that for obvious reasons has never been 
observed, the bond angle at each equatorial oxygen 
between the phosphorus and the hydrogen is about 
110ª and the dihedral angle for the hydrogen along 
a bond between the phosphorus and an equatorial 
oxygen is around 30ª. These angles suggest that, in 
a normal, unhindered pentaoxyphosphorane,* the 
three equatorial oxygens have sp3 hybridization 
with the usual s lone pairs and covalent bonds to 
peripheral substituents 

 

where the peripheral substituents (R1-R5) are either 
alkyl groups or hydrogens. A dihedral angle of 30ª, 
because it places the two sp3 lone pairs and the 
s bond to the substituent at an equatorial oxygen 
as far away from the electrons in the two apical bonds 
as possible, engenders the least electron repulsion. 
On the other hand, in pentacyclohexyloxyphos-
phorane the bond angle at each equatorial oxygen 
between the phosphorus and the cyclohexyl carbon 
is about 120ª (Figure 1-14A).165 This angle suggests 
that, in a normal, unhindered pentaoxyphospho-
rane, the three equatorial oxygens could have sp2 
hybridization with the usual s lone pairs and cova-
lent bonds to peripheral substituents 

 

The bond angles in pentacyclohexyloxyphospho-
rane, however, could result from steric effects ra-
ther than electronic effects. The pKa of an 
equatorial hydroxy group in a pentaoxyphospho-
rane165 has been estimated to be about 9, which 
would also be consistent with the equatorial ox-

                                     
*If pentacyclohexyloxyphosphorane represents the actual 
structure of a pentaoxyphosphorane when it is unhindered by 
the cyclohexyl groups, then the sp2 lone pair of electrons on 
each equatorial oxygen would be held by the bonding in the 
molecule in a periplanar orientation (Figure 1-14A). 

ygens being hybridized sp2 because sp2 hydroxy 
groups are always more acidic than sp3 hydroxy 
groups. 
 The bonding of the two apical oxygens has not 
been explained unequivocally, and it probably does 
not involve simple two-center covalent bonds.168-172 
The p orbital on the phosphorus and one sp3 orbital167 
or one sp2 orbital165 from each of the two apical 
oxygens mix together, by themselves or perhaps with 
d orbitals from the phosphorus and another orbital 
from each oxygen, to produce the bonding that 
connects those apical oxygens to phosphorus. The 
pKa of an apical hydroxy group165 has been esti-
mated to be 14, perhaps coincidentally about the 
same as a normal hydroxy group on carbon.  
 In an associative nucleophilic substitution at 
phosphorus that proceeds through a pentaoxy-
phosphorane, the five oxygens are not equivalent 
as they are in pentacyclohexyloxyphosphorane or 
pentaphenoxyphosphorane. The intermediate pen-
taoxyphosphorane is formed by attack of the nu-
cleophile on the electrophilic phosphorus atom. 
That attack pushes electron density onto the un-
substituted oxygen or the unsubstituted oxygens of 
the phospho group 

   
                  (1-66) 

as the addition of a nucleophile to an acyl group 
pushes electron density onto the former acyl oxygen. 
Each unalkylated oxygen in the resulting pentaoxy-
phosphorane is either hydronated and is a hydroxy 
group or is unhydronated, bears a net negative 
elementary charge, and is an oxyanion. At neutral pH, 
each unalkylated equatorial hydroxy group (pKa @ 9) 
would be hydronated and only one will be transi-
ently unhydronated and negatively charged at a 
time. An unhydronated, equatorial oxygen with a 
negative elementary charge in a pentaoxyphospho-
rane has a lone pair of electrons, in either an sp3 
orbital or an sp2 orbital, that can provide periplanar 
push to assist in the dissociation of a leaving 
group from the phosphorus in the second step of 
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the nucleophilic substitution (Equation 1-66). This 
push, which is essentially inescapable because of the 
relatively low pKa of an equatorial oxygen, explains 
the kinetic instability of a pentaoxyphosphorane 
that is not completely alkylated. 
 In associative nucleophilic substitutions at 
phosphorus involving a pentaoxyphosphorane as 
an intermediate, the rule of apical entry and apical 
exit provides the best explanation of the observed 
reactivity.173 The nucleophile must enter the phospho 
group at a location that becomes an apical position 
of the pentaoxyphosphorane, and the leaving 
group must leave from an apical position of the 
pentaoxyphosphorane (Equation 1-66). The reason 
for apical entry is that, to avoid electron repulsion, 
the lone pair of electrons of the nucleophile must 
approach the phosphorus atom of the phospho 
group in one of the four cavities below the faces of 
the tetrahedron each of which is formed by three of 
its s bonds, just as, again to avoid electron repul-
sion, the nucleophile approaches the electrophilic 
carbon from the cavity formed by three of the 
s bonds in a concerted nucleophilic substitution 
(Equation 1-19 and 1-5). Because of the electron 
repulsion of these three s bonds between phosphorus 
and oxygen, the nucleophile has to approach on a 
trajectory bisecting the three s bond angles and in 
line with the fourth s bond to phosphorus in the 
tetrahedral phospho group. In the resulting pentaoxy-
phosphorane, the three substituents pushed forward 
by the nucleophile end up in the three equatorial 
positions, the nucleophile ends up at one apical 
position, and the fourth substituent, the one in line 
with the nucleophile, ends up at the other apical 
position (Equation 1-66). That apical entry dictates 
apical exit follows from microscopic reversibility. 
 A second rule165,173,174 is that in a five-membered 
cyclic phosphorane, such as the one in Equation 1-66, 
one oxygen in the ring must be equatorial and the 
other oxygen must be apical (Figure 1-14B).* This 
rule follows from the fact that a transition state that 
would lead to both of the oxygens in the ring being 
at equatorial positions is more sterically unstable 
than a transition state that leads to one of the oxygens 

                                     
*The hydrolysis of 2-methoxy-1,3,2-dioxaphospholane 2-oxide 
(Equation 1-66) is much more rapid (by a factor of 5 ¥ 105) 
than the hydrolysis of trimethyl phosphate. It was concluded 
from enthalpies of activation that this increase in rate was due 
in part to the steric strain destabilizing the cyclic reactant relative 
to the acyclic reactant but also due to less steric hindrance in 
the transition state for the formation of the cyclic phospho-
rane relative to the acyclic phosphorane because the ring ties 
back the two methylene groups in the cyclic transition state.175 

 

of the ring being equatorial and the other being apical. 
The reason this is so is that the interior angles in a 
regular pentagon are all 72ª, which is closer to 90ª 
than 120ª. Consequently, in the production of such 
an intermediate pentaoxyphorane from a five-
membered cyclic phosphodiester or phosphotriester, 
the nucleophile adds to the phosphorus from a 
direction opposite to one of the oxygens in the ring 
so that that oxygen ends up in the other apical posi-
tion, as shown in Equation 1-66. 
 The crystallographic molecular models of the 
phosphoranes in Figure 1-14 are for the more bio-
chemically relevant case of phosphorus surrounded 
by five oxygens, but the most commonly encoun-
tered pentavalent compounds of phosphorus are 
its fluoride and its chloride. Phosphorus pentafluoride 
has the infrared spectrum of a trigonal bipyramid177 
but the fluorines all have equivalent absorptions in 
nuclear magnetic resonance spectra. It has been 
proposed that the five fluorines remain apical and 
equatorial, respectively, on the time scale of infra-
red spectroscopy but equilibrate among the apical 
and equatorial positions of the trigonal bipyramid 
over the much longer time scale of nuclear magnetic 
resonance.178 
 The motion in a trigonal bipyramid that accom-
plishes this equilibration between apical and equato-
rial positions most efficiently is a pseudorotation.178 
One of the pseudorotations available to the trigonal 
bipyramid of Figure 1-14B would move the equatorial 
oxygen on the left front backward horizontally into 
the plane of the page to fall in line with the equatorial 
oxygen to the right so that these two oxygens become 
the new apical oxygens while moving the two apical 
oxygens forward and moving the equatorial oxygen 
on the back left horizontally back and to the right 
to form a new plane of three equatorial oxygens. 
 In instances where pseudorotation is slower 
than the entry and exit of nucleophile and leaving 
group, the nucleophile in an associative nucleo-
philic substitution at a phospho group enters the 
pentaoxyphosphorane at an apical position, and the 
leaving group is determined only by the direction 
from which the nucleophile attacked the phosphorus 
because the leaving group is required to be the 
substituent that occupies the other apical position, 
opposite to the point of entry of the nucleophile. 
There would be three ways to control the identity of 
the leaving group. First, if the nucleophile is forced 
to enter at only one of the four available points of 
entry on phosphorus, the leaving group will always 
be the substituent opposite that point of entry. Such  
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stereochemical control is possible in the active site of 
an enzyme. Second, if only one of the three substitu-
ents surrounding the phosphorus in the reactant is 
a better leaving group than the nucleophile itself, then 
each intermediate pentaoxyphosphorane in which 
that substituent is not apical would decompose to 
regenerate reactants. Third, if all three substituents 
surrounding the phosphorus in the phosphoester 
are poorer leaving groups than the nucleophile, the 
ability of a substituent to leave the intermediate 
pentaoxyphosphorane can be controlled, as in the 
situation of nucleophilic substitution at an acyl 
group (Equation 1-47), by hydronations or dehydro-
nations. 
 When pseudorotation in an intermediate penta-
oxyphosphorane is fast enough, however, it can 
become a third step in the mechanism, between 
the entry of the nucleophile and the dissociation of 
the leaving group.179,180 The products from the reac-
tion of Equation 1-64 are both the one shown, 
which arises from cleavage of the ring, and the 
products of exocyclic cleavage 

  
                  (1-67) 

The ratio between these two products varies with 
pH. If the intermediate is a trigonal bipyramid, and 
if both the rule of apical entry and apical exit and 
the rule requiring an apical position of one of the 
oxygens in a five-membered ring apply, then this 
variation in the ratio of products can be explained 
only if pseudorotation occurs in the intermediate 
pentaoxyphosphorane for this reaction.181 This 
additional step and the fact that, as the pH is varied, 
hydronation of the potential leaving groups varies 
would permit two or more changes in the rate-
limiting steps of the mechanism. Together all these 
factors can provide an explanation for the rather 
complex changes with pH in the ratio between the 
two products (Equations 1-64 and 1-67). 
 The cyclic phosphotriester that is the reactant 
in Equation 1-64 is a particularly reactive phospho-
triester that has larger than normal rate constants 
for hydrolysis. In nucleophilic substitutions of less 
reactive phosphotriesters and phosphodiesters 
with smaller rate constants for nucleophilic substi-
tution, pseudorotation could easily be so rapid that 
it would have little or no effect on the overall rate of 
the reaction. In the particular nucleophilic substi-
tution of Equation 1-64, however, it may be that 

the saturated five-membered ring in the pentaoxy-
phosphorane increases the rate of pseudorotation 
dramatically. If this is so, then in most nucleophilic 
substitutions at phosphorus pseudorotation is slow 
relative to entry and exit. These considerations 
suggest that pseudorotation may or may not be a 
common feature of nucleophilic substitutions at 
acyclic phosphoesters. 
 Just as is the case for nucleophilic substitution 
at an acyl group (Figure 1-11), observations con-
sistent with the existence of a change in rate-
limiting step in a nucleophilic substitution at a 
phospho group is evidence for the existence of an 
intermediate in the reaction. The intramolecular 
nucleophilic substitutions of a series of phenolate 
ions by the 2A-hydroxy group of the uridinyl group 
in a series of phosphodiesters in solution under catal-
ysis by base182 

 
                   (1-68) 

is a model for the cleavage of ribonucleic acid cata-
lyzed by the enzyme ribonuclease 

 
                   (1-69) 

Because there is a pronounced break in the Brønsted 
plot in which the common logarithms of the rate 
constants for the nucleophilic substitution (Equa-
tion 1-68) are plotted against the values of pKa for 
the conjugate acids of the phenolates that are the 
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leaving groups, it was concluded that each of these 
nucleophilic substitutions at a phosphodiester has 
an intermediate, presumably the respective pentaoxy-
phosphorane.183 
 Nucleophilic substitutions at phosphorus in 
adenosine 3A-phosphate diesters, adenosine 
2A-phosphate diesters,184 and uridine 3A-phosphate 
diesters under catalysis by acid185,186 and base,187 also 
pass through two transition states180 with a penta-
oxyphosphorane as an intermediate.179 One piece 
of evidence for a pentaoxyphosphorane as an inter-
mediate in such nucleophilic substitutions, in which 
an alcohol is the leaving group rather than phenol, 
is the effects of the replacement of each of several 
oxygens-16 with oxygen-18 on the rate of the reac-
tion. Isotopic effects, however, are also consistent 
with the existence of only a single transition state 
with significant disintegration of the bond to the 
leaving group, as in the nucleophilic substitution of 
4-nitrophenol by hydroxide in thymidine 5A-(4-nitro-
phenyl)phosphate.188 
 One side product of an associative nucleo-
philic substitution at phosphorus, homologous to 
the reaction in Equation 1-69 in which the leaving 
group is also an alcohol, is the direct transfer of the 
phospho group from the 3A-hydroxy group to the 
2A-hydroxy group in a nucleoside monophos-
phate.184-186,189 Because the two oxygens of a five-
membered ring in a pentaoxyphosphorane must be 
apical and equatorial, respectively (Figure 1-14), 
and because the 2A-hydroxy group must enter the 
pentaoxyphosphorane at an apical position and the 
3 -hydroxy group must leave from an apical posi-A
tion, pseudorotation must occur in this nucleo-
philic substitution of the 3 -hydroxy group by the A
2A-hydroxy group.179,187  
 
 Dissociative nucleophilic substitutions at phos-
phorus proceed through intermediate monomeric 
metaphosphates. The associative nucleophilic sub-
stitutions of phosphotriesters, such as that of Equa-
tion 1-64, and of phosphodiesters with poor leaving 
groups, such as that of Equation 1-69, proceed 
through intermediate pentaoxyphosphoranes. Nucleo-
philic substitutions, however, of phosphomonoesters 
with good leaving groups by poor nucleophiles, such 
as the substitution of the 4-nitrophenoxy group in 
the O-phosphomonoester of 4-nitrophenol by the 
hydroxy group of 2-methylpropan-2-ol190 or the 
substitution of the thiophospho group in the 
S-phosphomonoester of thiophosphate by the 
hydroxy group of water,191 proceed under appro-
priate conditions by the initial release of monomeric 

metaphosphate from O-phospho-4-nitrophenol or 
m-thiodiphosphate, respectively 

 
                  (1-70) 

 Monomeric metaphosphate is a planar mole-
cule in which phosphorus is trivalent and hybrid-
ized sp2 and forms s bonds to each of the three 
oxygens (Equation 1-70). The nitrogen homologue 
of monomeric metaphosphate is nitrate 192 

  

In nitrate, a p orbital from each of the oxygens and a 
p orbital from the central nitrogen comprise its 
p molecular orbital system. The four p orbitals mix 
to produce four p molecular orbitals in a tri-
methylenemethane configuration. Three of these 
four molecular orbitals are occupied by three pairs 
of electrons, and one is unoccupied. In monomeric 
metaphosphate there is a similar p  molecular orbital 
system containing three pairs of electrons. The only 
unoccupied p molecular orbital of monomeric 
metaphosphate, the p* molecular orbital, is localized 
almost exclusively on the phosphorus atom.193 This 
unoccupied p molecular orbital overlaps with the 
atomic orbital occupied by the lone pair of electrons 
on the nucleophile during addition of the nucleo-
phile to monomeric metaphosphate, just as the 
electrophilic, unoccupied p orbital on the carbon in 
a carbenium ion overlaps with the occupied orbital 
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on the nucleophile during the second step in a disso-
ciative nucleophilic substitution at a saturated carbon. 
By microscopic reversibility, when the leaving group 
dissociates from the phosphoester, the antibonding 
molecular orbital of the phosphorus–oxygen bond 
becomes the unoccupied p* orbital of the monomeric 
monophosphate, and the bonding molecular orbital 
and the two electrons in the phosphorus–oxygen 
bond become the atomic orbital and the two electrons 
of the lone pair of electrons of the leaving group. 
 Unlike nitrate , however, which is quite stable, 
monomeric metaphosphate is so unstable that it 
has never been isolated. Monomeric metaphosphate 
differs from nitrate because the phosphorus atom in 
monomeric metaphosphate has d orbitals that can 
overlap with p orbitals on the peripheral oxygens. 
This dpp  overlap delocalizes pairs of electrons on 
the oxygens. The pKa of nitric acid, the conjugate 
acid of nitrate , is -1.3. The pKa of the conjugate 
acid of monomeric metaphosphate should be lower 
than this because the delocalization of electron 
density from the oxygens in the monomeric meta-
phosphate should make them less basic. The pKa of 
monomeric metaphosphate in solution has never 
been measured, but it has been calculated167 to be 
around -11. 
 This calculated pKa suggests that the neutral, 
hydronated form of monomeric metaphosphate is 
even more unstable than the anion. If monomeric 
metaphosphate had to be anionic to stabilize the 
electropositive phosphorus, only nucleophilic sub-
stitutions at phosphomonoesters could have mono-
meric metaphosphate as an intermediate. The fact, 
however, that methyl nitrate is a stable molecule 
suggests that O-alkylated monomeric metaphos-
phate might be stable enough to exist. Observations 
that are consistent with the existence of O-methyl 
monomeric metaphosphate as an intermediate in 
the solvolysis of a series of a-oxyiminobenzylphos-
phonate monomethyl esters have been reported.194 
Both of these considerations suggest that O-alkyl 
monomeric metaphosphate could perhaps be an 
intermediate in nucleophilic substitutions at 
phosphodiesters. An O,O-dialkylmetaphosphate, 
however, is probably so unstable that it is never 
an intermediate in a nucleophilic substitution at 
phosphorus. Transition states that resemble an 
O,O-dialkylmetaphosphate are probably also 
unstable relative to the respective pentaoxyphos-
phorane. This instability is probably one of the reasons 
that nucleophilic substitution at the phospho group 
of a triester usually proceeds through a pentaoxy-
phosphorane. 

 That monomeric metaphosphate exists, and 
that it is of biochemical relevance, follows from the 
fact that it has been observed in crystallographic 
molecular models: one from a crystal of porcine 
fructose-bisphosphatase that had been soaked in a 
solution of fructose 6-phosphate and phosphate,195 
as well as one of human fructose-bisphosphatase196 
and one of chloride peroxidase from Curvularia 
inaequalis that also catalyzes the hydrolysis of 
phosphate monoesters.197 In the case of porcine 
fructose-bisphosphatase, the monomeric metaphos-
phate in the complex crystallized at pH 7 has the 
oxygen of a molecule of water 0.24 nm from the 
phosphorus, and in the case of chloride peroxidase, 
the monomeric metaphosphate has the nitrogen of 
the imidazole of a histidine 0.21 nm from the phos-
phorus. The van der Waals radii of phosphorus, nitro-
gen, and oxygen are 0.18, 0.16, and 0.15 nm, so 
these nucleophilic atoms are well within these radii. 
The length, however, of a phosphorus–oxygen 
bond is 0.16 nm, and the length of a phosphorus–
nitrogen bond is 0.17 nm. It seems that in each case 
these nucleophiles are close enough to stabilize the 
monomeric metaphosphate by orbital overlap, but 
they are held by the active site too far from the 
respective phosphorus atoms to form covalent 
bonds. 
 Evidence for the production of monomeric 
metaphosphate during the solvolysis of 4-nitro-
phenyl phosphate in tert-butanol (Equation 1-70) 
is the stereochemistry of the product, tert-butyl-
phosphate. To study the stereochemistry of a 
nucleophilic substitution at a phospho group in a 
simple monoester, its three oxygens can be labeled 
respectively with the three isotopes of oxygen: 
oxygen-16, oxygen-17, and oxygen-18. A single stereo-
isomer of the reactant can be synthesized, and the 
absolute stereochemistry of reactant and product 
can be determined.198,199 Solvolysis of the dianion 
of 4-nitrophenyl phosphate in tert-butanol proceeds 
with complete racemization as expected for the 
production of free monomeric metaphosphate as 
an intermediate.190 
 Other examples of phosphomonoesters with 
good leaving groups are N-phosphopyridine (1-59) 
and N-phosphoguanidine (1-60) 
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There are several features200 of nucleophilic substi-
tutions involving these types of leaving groups that 
were at one time explained201 to be the result of the 
production of monomeric metaphosphate as an inter-
mediate.202-204 It has been demonstrated, however, 
that nucleophilic substitutions at phosphorus with 
these leaving groups nevertheless proceed with 
inversion of configuration.200 Such nucleophilic 
substitutions at other monoesters of phosphoric 
acid with good leaving groups that proceed with 
inversion of configuration also seem to pass 
through a single transition state.205 
 Although these results rule out the existence of 
monomeric metaphosphate completely free of 
leaving group and nucleophile as an intermediate 
in these latter nucleophilic substitutions, they do 
not rule out the existence of monomeric mono-
phosphate that is captured by the nucleophile before 
the leaving group has the time to diffuse away from 
the face from which it has dissociated. Such a situa-
tion would be analogous to the example of the inter-
mediate complex between the leaving 4-bromo-
isoquinoline and the oxocarbenium ion of 2-deoxy-
:-glucose in the nucleophilic substitution at 
2-deoxy-b-:-glucopyranosyl-4A-bromoisoquino-
linium (Equation 1-25). In nucleophilic substitu-
tions of pyridylphosphates (1-59) either by other 
pyridines205,206 or by oxyanions,207 the transition 
state governing the observed rate constant seems 
to be one in which most of the bond (80%) between 
leaving group and phosphorus has been broken at 
the same time that only a small fraction (10%-20%) 
of the bond between nucleophile and phosphorus 
has been formed. As such, the transition state resem-
bles monomeric metaphosphate sandwiched between 
the lone pairs of electrons of the two pyridines 

 

or of a pyridine and an oxyanion. 
 
 Between the two extremes of formation of an 
intermediate pentaoxyphosphorane and release of 
free unassociated monomeric metaphosphate are 
mechanisms in which the formation of the bond 
to the nucleophile and the disintegration of the 
bond to the leaving group are concerted, as in the 
nucleophilic substitutions of pyridylphosphates. The 
timing within such concerted processes can cause  

the disintegration of the bond to the leaving group 
to precede or to follow in some degree the formation 
of the bond to the nucleophile. 
 The result of such differences in timing is either 
a steady net decrease or a steady net increase, respec-
tively, in the bond order of the phosphorus atom as 
the transition state is approached. As a result, the 
reaction may pass through a single transition state 
that is partly dissociative or partly associative in 
character, respectively. For example, for the nucleo-
philic substitutions of the phenols in a set of phenyl 
methyl diesters of phosphoric acid with pyridines 
and amines as nucleophiles,208 the Brønsted 
coefficient for the leaving groups, blg, is -1.0 and the 
Brønsted coefficient for the nucleophile, bnuc, is 
0.35. These Brønsted coefficients suggest that dis-
integration of the bond to the leaving group is more 
advanced than formation of the bond to the nucle-
ophile in the transition state, and that the central 
phospho group in the single, partly dissociative 
transition state resembles somewhat monomeric 
metaphosphate. If, however, breaking of the bond 
to the leaving group is synchronous with formation 
of the bond to the nucleophile, then the bond order 
to the phosphorus atom does not change during 
the process, the bond changes are balanced, and 
the transition state is neither dissociative nor asso-
ciative. 
 Such an analysis can be performed on enzy-
matic nucleophilic substitutions at phosphorus. 
The Brønsted coefficient, blg, for nucleophilic sub-
stitution of the diphosphate of the appropriate 
nucleoside triphosphate by the hydroxy group on 
the 3¢-hydroxy group at the 3¢ end of an elongating 
single strand of DNA catalyzed by human DNA-
directed DNA polymerase b could be determined. A 
series of analogues of the nucleoside triphosphate 
that adds to the 3¢ end of the elongating single 
strand was synthesized in which the oxygen bridg-
ing the b and g-phospho groups of the nucleotide is 
replaced with a series of methylenes substituted 
with fluoro, chloro, bromo, and methyl groups. 
These various substitutions alter the pKa of the 
leaving bisphosphonate which replaces the di-
phosphate that is the usual leaving group during 
each step in the elongation. The Brønsted coeffi-
cient for the leaving groups, blg, assessed with these 
analogues is 0.77 when the nucleoside triphosphate 
has as its base a thymine, recognizing an adenine 
on the template.209 This Brønsted coefficient suggests 
that the bond to the leaving group is mostly gone in 
the transition state. 
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  As with nucleophilic substitution at an acyl 
group, the degree to which the bond to the nucleo-
phile is formed and the degree to which the bond 
to the leaving group is broken in the transition state 
governing the observed rate constant for a nucleo-
philic substitution at phosphorus can be judged by 
the Leffler coefficients, anuc and alg, respectively 
(Equation 1-54). For example, for the transfer of a 
phospho group from a phosphotyrosine in a pep-
tide, a monoester, to MgADP- catalyzed by non-
specific protein-tyrosine kinase Csk, for which 
peptides with various aryl-substituted phospho-
tyrosines were synthesized as reactants, the 
Brønsted coefficient for the leaving groups, blg, for 
the rate constants of the enzymatic reaction210 
is -0.33. The Brønsted coefficient for the equilibri-
um constants for the transfer of a dianionic phos-
pho group between two oxyanions211 when the 
values of pKa for the conjugate acids of the leaving 
groups are changed, beq,lg, is -1.36; that for the 
transfer of a monoanionic phospho group is -1.74; 
and that for the transfer of a neutral uncharged 
phospho group is -1.85. Consequently, the Leffler 
coefficient, alg, of around 0.2 was estimated from 
the Brønsted coefficient for the rates of the enzy-
matic reactions and the Brønsted coefficients for 
the equilibrium constants for phosphotransfer. 
 The Leffler coefficient for this nucleophilic 
substitution at phosphorus catalyzed by non-specific 
protein-tyrosine kinase Csk suggests that, in the 
transition state of the reaction catalyzed by the 
enzyme, the bond to the leaving group has dissoci-
ated by about 20%. The Leffler coefficient for the 
leaving group, however, is actually a measure of the 
degree to which a negative charge has accumulated 
on the leaving group in the transition state as the 
bond between the leaving group and the phospho-
rus dissociates. It has been shown that the enzyme 
is in the process of hydronating the leaving group 
as the bond is breaking.212 Consequently, a Leffler 
coefficient of 0.2 would also be consistent with an 
almost complete dissociation of the bond between 
the leaving group and the phosphorus because this 
concerted hydronation could be neutralizing any 
accumulation of charge on the oxygen of the leaving 
group in the transition state. 
 For the nonenzymatic hydrolysis of diaryl 
phosphate ions,213 the Brønsted coefficient, blg, 
is -1.0, and since the Brønsted coefficient for the 
equilibrium constant for the transfer of a monoan-
ionic phospho group between two oxyanions, which 
 

is analogous to the transfer of an O-aryl-phospho 
group, is -1.74, it can be concluded that the bond 
to the leaving group in these latter nucleophilic 
substitutions has dissociated by about 60% in the 
transition state. 
 For the nonenzymatic nucleophilic substitu-
tions of a series of aryloxy groups from a series of 
aryl diethyl phosphates by phenoxide anion,214 the 
Brønsted coefficient, blg, is -0.5, and since the 
Brønsted coefficient for the equilibrium constant 
for the transfer of a neutral, nonanionic phospho 
group between two oxyanions, which is analogous 
to the transfer of an O,O¢-diethylphospho group, 
is -1.85, it can be concluded that the bond to the 
leaving group in these latter nucleophilic substitu-
tions has dissociated by about 30% in the transition 
state. 
 The three nucleophilic substitutions just dis-
cussed occur at a phosphomonoester, a phos-
phodiester, and a phosphotriester. In each case, the 
Leffler coefficients suggested that there was signifi-
cant, but not complete, disintegration of the bond 
between phosphorus and oxygen of the leaving 
group in the transition state. Consequently, it can 
be concluded that each of these nucleophilic sub-
stitutions is concerted and that concerted mecha-
nisms are possible for phosphotriesters as well as 
phosphodiesters and phosphomonoesters. Presum-
ably this is also the case in nucleophilic substitu-
tions at phosphorus in enzymatically catalyzed 
reactions. In a concerted reaction, the leaving 
group is always the oxygen on the opposite side of 
the phosphorus in line with the nucleophile, and 
pseudorotation is not an issue. Consequently, the 
leaving group is determined only by the alignment 
of nucleophile and phospho group. 
 The same considerations that explain the relative 
timing for formation of the bond to the nucleophile 
and for disintegration of the bond to the leaving 
group in nucleophilic substitutions at an acyl group 
apply for nucleophilic substitution at phosphorus. 
The more acidic the conjugate acid of the leaving 
group and the less nucleophilic the nucleophile, 
the more likely it is that formation of the bond to 
the nucleophile will lag behind disintegration of 
the bond to the leaving group in the transition state 
and the more likely it is that the phospho group will 
resemble monomeric metaphosphate in the transi-
tion state, until it becomes monomeric metaphos-
phate. The poor nucleophilicity of tert-butanol and 
the acidity of 4-nitrophenol ensured the production 
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of monomeric metaphosphate in the nucleophilic 
substitution of the former by the latter (Equation 
1-70). The less acidic the conjugate acid of the 
leaving group and the more nucleophilic the nucleo-
phile, the more likely it is that formation of the 
bond to the nucleophile will precede disintegration 
of the bond to the leaving group in the transition 
state and the more likely it is that the phospho 
group will resemble a pentaoxyphosphorane in the 
transition state, until it becomes a pentaoxyphos-
phorane. The use of hydroxide as a nucleophile and 
an alkoxy group as a leaving group in the nucleo-
philic substitution of 2-methoxy-1,3,2-dioxaphos-
pholane 2-oxide in one case (Equation 1-66), and 
the use of the 2¢-hydroxy group, the nucleophilicity 
of which is enhanced by approximation, as the nu-
cleophile and an alkoxy group as a leaving group in 
the nucleophilic substitution of the monophenyl 
esters of 3¢-uridylic acid in another case (Equa-
tion 1-68), ensured the production of a pentaoxy-
phosphorane.  
 In all the nucleophilic substitutions at phos-
phorus that have been discussed so far, there are 
three players: the nucleophile, the leaving group, 
and the electrophilic phosphorus. So far, the em-
phasis of the discussion has been on the properties 
of the nucleophile and the leaving group that de-
termine the timing of formation of the new bond to 
the nucleophile and disintegration of the old bond 
to the leaving group. The substituents on the other 
oxygens on the phosphorus that are not the leaving 
group in a particular situation also affect the nucleo-
philic substitution. For example, in the nucleophilic 
substitutions at various triesters of phosphoric acid 
with several nucleophiles X 

    (1-71) 

where YO- is the leaving group, linear Brønsted 
plots demonstrate that the less basic are the alkoxide 
ions of the two uninvolved substituents, R1O- and 
R2O-, the larger is the rate constant for the nucleo-
philic substitution.215 The basicity of an alkoxide 
ion is a reflection of the ability of the substituent on 
its oxyanion to stabilize its negative elementary 
charge; the less basic the alkoxide ion is, the more 
able the substituent is to stabilize its negative elemen-
tary charge. Consequently, the fact that the less 
basic alkoxy groups have faster rates demonstrates 

that the ability of the groups that do not leave, 
R1O- and R2O-, to stabilize the negative charge 
developing in the transition state is responsible for 
these increases in rate. In the active site of an enzyme, 
anything that makes a substituted oxygen on the 
phospho group that is not involved in the nucleo-
philic substitution better able to stabilize adjacent 
negative charge should increase the rate of the 
enzymatic reaction. 
 In situations in which the leaving groups are 
the same and the nucleophiles are the same, phos-
phomonoesters are more likely to produce mono-
meric metaphosphate because they yield its anionic 
conjugate base and in the ground state they have 
one or two oxyanions, depending on the pH, to 
push out the leaving group, and phosphotriesters 
are more likely to produce an intermediate penta-
oxyphosphorane because they cannot give a mono-
meric metaphosphate as an intermediate and, in 
the ground state, they have fewer lone pairs of elec-
trons on the uninvolved oxygens to push and they 
can never have an oxyanion to push. 
 
 As with any other type of nucleophilic substi-
tution, the reaction coordinate and the transition 
state of each nucleophilic substitution at phos-
phorus fall at a particular point in a continuous 
spectrum of mechanism. As with a nucleophilic 
substitution at a tetrahedral, saturated carbon 
(Figure 1-4) or at an acyl group, this spectrum of 
mechanism can be appreciated by examining a 
three-dimensional surface of potential energy 
(Figure 1-15).77,78 Again, one of the coordinates is 
the distance between the atom of the leaving group 
and the electrophilic phosphorus atom, and the 
other coordinate is the distance between the nu-
cleophilic atom and the electrophilic phosphorus 
atom. The third coordinate is the potential energy 
of the system for each pair of coordinates. 
 In the case of a nucleophilic substitution at 
phosphorus, as was the case in a nucleophilic sub-
stitution at an acyl group, there is a significant well 
of potential energy in the lower left corner of the 
diagram because this is the position of the respec-
tive pentaoxyphosphorane, the pentavalent ana-
logue of the tetrahedral intermediate. If the 
pentaoxyphosphorane is the most stable of all the 
possibilities, there will be two cols of potential 
energy: one between the reactants and the penta-
oxyphosphorane, and the other between the penta-
oxyphosphorane and the products. 
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Figure 1-15: Hypothetical three-dimensional representation of 
a surface of potential energy77,78 for nucleophilic substitution 
at phosphorus. The ordinate of the plot is the distance between 
phosphorus and the oxygen that is leaving during the substitu-
tion. The abscissa of the plot is the distance between phosphorus 
and the nucleophilic oxygen that is forming the new bond. The 
intersection of these two axes, for the sake of brevity, is not the 
point at which each has a value of zero, which would be a sin-
gularity of potential energy. The point of their intersection has 
coordinates or distances close to the values of the lengths of 
the respective covalent bonds: the bond between phosphorus 
and the oxygen that is leaving in the reactant and the bond 
between phosphorus and the nucleophilic oxygen that has 
formed the new bond in the product. The third dimension is 
the potential energy associated with each value for these two 
distances. The third dimension is represented topographically 
by contour lines of equal potential. These contour lines repre-
sent a sinuous surface of potential energy. The two topographic 
maps of potential energy are entirely hypothetical, do not rep-
resent the surface of potential energy for any reaction, and are 
intended only for demonstration. The positive signs identify 
peaks of potential energy, and the negative signs identify wells 
of potential energy. The usual sign (‡) for a transition state desig-
nates a minimum of potential energy between reactants and 
products at the col through which the reaction proceeds. The 
dashed, curved arrows indicate paths on which the reaction 
coordinate could pass as the reaction proceeds. In this case, 
three possible paths on which the reaction could proceed were 
arbitrarily given cols of about the same potential energy to 
illustrate the three possibilities. In the case of nucleophilic 
substitution at phosphorus, a pentavalent phosphorane is a 
possible stable intermediate, as opposed to a pentavalent carbon, 
so there is a well of potential energy when both distances are 
short (lower left corner). The species involved as reactants, inter-
mediates, transition states, or products are represented outside 
the plots to the right (reactants or intermediate monomeric 
metaphosphate), to the left (intermediate phosphorane or 
products), or above (associative intermediate) the location of 
their respective potential energies. The three reaction coordi-
nates are, in descending order of presentation, that for a reaction 
with monomeric metaphosphate as an intermediate, that for a 
concerted reaction in which the bond to phosphorus in the 
product is forming as the bond to phosphorus in the reactant 

is breaking, and that for a reaction with a phosphorane as an 
intermediate. Adapted with permission from reference 77. Copy-
right 1972 American Chemical Society. https://doi.org/10.1021/ 
cr60280a004 
 
 
 
 
 The upper right corner in the three-
dimensional surface of potential energy for the nu-
cleophilic substitution at phosphorus is the loca-
tion of a monomeric metaphosphate, the trivalent 
analogue of an acylium ion that occupies the upper 
right corner in a nucleophilic substitution at an 
acyl group or a carbenium ion or oxocarbenium ion 
that occupies the upper right corner in a nucleo-
philic substitution at a saturated carbon. If a mon-
omeric metaphosphate is the most stable of all the 
possibilities, there will again be two cols of potential 
energy: one between the reactants and the mono-
meric metaphosphate, and the other between the 
monomeric metaphosphate and the products. 
 There is, however, always the possibility in a 
nucleophilic substitution at phosphorus that the 
lowest col in the surface of potential energy occurs 
when the bond between the nucleophile and the 
electrophilic phosphorus is partially formed while 
the bond between the electrophilic phosphorus 
and the leaving group is partially broken and that 
there is neither a pentaoxyphosphorane nor a 
monomeric metaphosphate as an intermediate. 
Such nucleophilic substitutions at phosphorus are 
concerted nucleophilic substitutions. The reaction 
coordinate in all these cases passes through only 
one col somewhere outside of the corners and has 
only one transition state at this one col. 
 
 Metallic cations can accelerate nucleophilic 
substitutions at phosphorus in solution. In solu-
tion, the rate of hydrolysis of thymidine 5¢-(4-nitro-
phenyl)phosphate, an electrophilic phospho-
diester, is linearly related to the concentration of 
the nucleophilic ion Mg(H2O)5(OH)+.216 The second-
order rate constant for the reaction of this electro-
phile with this nucleophile is 5 times the second-
order rate constant of the same electrophile with 
hydroxide even though the pKa of its conjugate 
acid, Mg(H2O)6

2+ is only 11.4 rather than 15.74. The 
substitution of H2

16O with H2
18O in the solvent 

decreased the rate of this nucleophilic substitution 
at phosphorus by 3%, but this was less than the 6% 
decrease observed for the same nucleophilic substi-
tution when the nucleophile was uncomplexed 
hydroxide. This latter result suggests that in the 
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presence of the complexed Mg2+, the transition state 
has become more like a pentaoxyphosphorane.179 
 The rate constant for the hydrolysis of the 
complex between Mg2+ and 4-(4-morpholinyl)-
1-phosphonopyridinium by Mg(H2O)5(OH)+ is 
about 100 times greater than that expected from 
the basicity of the Mg(H2O)5(OH)+.217,218 It was 
proposed that in the case of this phosphoramide, 
the nucleophile is either a hydroxide held by one 
Mg2+, coordinated by both of the anionic oxygens 
on the phospho group, or a hydroxide held between 
two Mg2+, each coordinated by one of the two anionic 
oxygens of the phospho group 

 

This proposal assumes that one or two four-
membered rings in the transition state (each formed 
from the phosphorus, two oxygens, and a Mg2+) are 
effective at positioning the hydroxide. In favor of 
this possibility, each bond angle at a Mg2+ between 
two coordinated oxygens is required by the octahedral 
coordination of Mg2+ to be 90ª, the interior angle of a 
square.  
 Magnesium ion, although it is almost always 
involved in enzymatic nucleophilic substitutions at 
phosphorus, is not the sole metallic ion that can 
accelerate such nucleophilic substitutions. Metallic 
ions of transition metals can also do so.219 A large 
organic chelating agent that simultaneously coor-
dinates two Zn2+ accelerates220 the hydrolysis of a 
series of alkyl esters of 3¢-uridylic acid by a factor of 
106, perhaps by a complex resembling that in 1-62. 
The association of the phosphodiester, methyl 4-nitro-
phenyl phosphate, through its two phospho oxygens 
with a complex of two Co2+ accelerates221 the nucleo-
philic substitution of its 4-nitrophenol by hydroxide 
by a factor of 1011. The mechanism of the reaction, 
when it is catalyzed by this complex, is also differ-
ent from the mechanism of the same reaction in 
the absence of the complex. The complex causes 
the reaction to pass through a pentaoxyphospho-
rane as an intermediate, while the same reaction in 
solution in the absence of the complex is concerted.222 
This same complex of two Co2+ also changes the 
mechanism of the hydrolysis of the phosphomono-
ester, 4-nitrophenyl phosphate, from one that passes 
 

through an almost dissociative nucleophilic substi-
tution to a concerted nucleophilic substitution with 
significant bonding to both leaving group and nucleo-
phile in the transition state,223 which perhaps is 
stabilized by multidentate coordination of the two 
Co2+. By associating with the anionic oxygens on a 
phospho group and decreasing their push, the two 
Co2+ may also shift the mechanisms of these nucleo-
philic substitutions in the direction of an interme-
diate pentaoxyphosphorane. 
 
 Nucleophilic substitutions at phosphorus 
catalyzed by the active sites of enzymes have the 
same spectrum of mechanism: those with inter-
mediate pentaoxyphosphoranes,179,180,224,225 those 
with intermediate monomeric metaphosphates,195,226 
and those with concerted mechanisms with no 
intermediate and a single transition state.227 For 
example, the hydrolysis of ribonucleic acid (Equa-
tion 1-69) catalyzed by bovine ribonuclease, a 
reaction in which the nucleophile is enhanced by 
approximation and the leaving group is poor, passes 
through a pentaoxyphosphorane intermediate,224 
while the phosphorylation of tyrosines in proteins 
catalyzed by nonspecific protein-tyrosine kinase Csk, 
a reaction in which nucleophiles are poor and leaving 
groups are good, has monomeric metaphosphate 
as an intermediate.210 
 Regardless of whether the mechanism of a 
nucleophilic substitution at phosphorus proceeds 
through a phosphorane or monomeric metaphos-
phate or is concerted, in the intermediates and the 
transition state, respectively, the phosphorus and 
the three oxygens uninvolved in the substitution 
are all in the same plane and the bond angles be-
tween the three phosphorus–oxygen bonds are 
120ª. It has been pointed out that arginine side 
chains are often present in the active sites of en-
zymes catalyzing nucleophilic substitutions at 
phosphorus, and in many instances these side 
chains seem to form a cyclic structure with two of 
these uninvolved oxygens 

 

Presumably this cyclic structure stabilizes the inter-
mediate or the transition state for that reaction.228 
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 In at least two instances, it seems that the 
mechanism of a particular nucleophilic substitu-
tion at phosphorus is the same in solution as in the 
active site of an enzyme.179,180,224,225,227,229 This result 
suggests, at least in these instances, that the enzyme 
does not change the relative timing of formation of 
the bond to the nucleophile and disintegration of 
the bond to the leaving group195 while accelerating1,2,4 
both by factors as large as 1020. There are enzymatic 
nucleophilic substitutions at phosphorus, however, 
that appear to employ different mechanisms than 
those for the same reactions in solution.230 It seems 
also to be the case that in enzymatic active sites using 
metallic caions, usually Mg2+, for the catalysis of 
nucleophilic substitutions at phosphorus, which is 
quite a common strategy, the mechanism could al-
so be quite different from the same reaction in so-
lution in the absence of metallic ions.220 The 
metallic ion can enter the active site either alone or in 
complex with one or more of the phospho groups 
of the substrate. 
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Formal Hydride Transfer 

Each carbon in a metabolite serves as a representa-
tive of one of the five oxidation states of carbon. 
When a carbon is bonded only to other carbons and 
hydrogens and not participating in any p bonds, it is 
fully reduced and fully saturated at the oxidation 
state of an alkane. If one of the hydrogens on the 
carbon is replaced by a hydroxy group, an oxidation 

of that carbon has occurred. For example, the half-
reaction for the oxidation of carbon 1 of butane 
catalyzed by butane monooxygenase (soluble) is*  

  
                   (1-72) 

The carbon has undergone a two-electron oxidation–
reduction. Carbon 1 of the resulting butan-1-ol is at 
the oxidation state of an alcohol. Alcohols can be 
turned into ethers, amines, thiols, and sulfides by 
nucleophilic substitution without any net oxida-
tion or reduction. A carbon at the oxidation state of an 
alcohol can be identified in a molecule by the fact 
that it has one s bond to a heteroatom and three 
other s bonds to either carbon or hydrogen. If one 
of the carbons immediately adjacent to a carbon at 
the oxidation state of an alcohol bears a hydrogen, 
the two carbons can be converted into an alkene 
without any net oxidation or reduction 

       (1-73) 

 An alcohol can be oxidized to a ketone or an 
aldehyde, and in reverse, a ketone or an aldehyde 
can be reduced to an alcohol 

  (1-74) 

                                     
*Formally, Equation 1-72, although it is a balanced chemical 
equation, is the half-reaction of a complete oxidation–
reduction. Just as hydrons are never free in solution as cations, 
electrons are free in solution as solvated electrons only under 
extraordinary circumstances unrelated to biochemical situa-
tions. Just as hydrons, when they are hydronium ions, are 
always associated with one or more molecules of water, each 
electron shown in a half-reaction is always associated with 
another molecule, which appears in the other half-reaction or 
one of the other half-reactions of the complete oxidation–
reduction. In biochemical situations, it is almost always useful 
to present oxidation–reduction as two or more half-reactions 
because in this way it is clear where the electrons arose and 
where they have gone, and it distinguishes the particular 
molecules that are oxidized or reduced from the general 
carriers of electrons that receive or provide electrons as the 
other half of most of the oxidation–reductions in metabolism. 
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The carbon has undergone a two-electron oxidation–
reduction. The carbon in a ketone or an aldehyde is 
at the carbonyl oxidation state and can be converted 
by nucleophilic addition or nucleophilic substitu-
tion into a hemiacetal, a hemiketal, an acetal, a 
ketal, a hemiaminal, a gem-diamine, an imine, a 
thiohemiacetal, a thiohemiketal, a thioketone, or a 
thioaldehyde (Table 1-1). These transformations 
do not involve any net oxidation or reduction. A 
carbon at the carbonyl oxidation state can be iden-
tified in a molecule by the fact that it has two 
s bonds to either carbon or hydrogen and either two 
single s bonds or a s bond and a p bond, the two 
components of a double bond, to the heteroatoms 
oxygen, nitrogen, or sulfur. 
 An aldehyde or the derivative of an aldehyde 
can be oxidized to a carboxylic acid or an acyl deriva-
tive of a carboxylic acid, and in reverse, a carboxylic 
acid or an acyl derivative can be reduced to an alde-
hyde or the derivative of an aldehyde 

                   (1-75) 

The carbon has again undergone a two-electron 
oxidation–reduction. Any carbon at the acyl oxidation 
state can be converted by nucleophilic substitution 
into an ester, an amide, an imidoester, an amidine, 
a thioester, a thiocarboxylic acid, or a thionoester, 
and none of these nucleophilic substitutions involves 
net oxidation or reduction. A carbon at the acyl 
oxidation state can be identified in a molecule as a 
carbon that has three bonds, either s bonds or a 
mixture of s bonds and p bonds, to heteroatoms 
and only one s bond to carbon or hydrogen. Extreme 
examples of acyl carbons are the carbon in a nitrile 
(1-64) and the carbon in an ortho ester (1-65) 

    

 Formic acid or a derivative of formic acid can be 
oxidized to carbonic acid or a derivative of carbonic 
acid, and in reverse, carbonic acid or a derivative of 
carbonic acid can be reduced to formic acid or a 
derivative of formic acid 
 

  (1-76) 

The carbon has again undergone a two-electron 
oxidation–reduction. For example 

 
                  (1-77) 

which is the half-reaction catalyzed by xanthine 
dehydrogenase. Any carbon at the carbonato oxidation 
state can be converted by nucleophilic substitution, 
nucleophilic addition, or elimination into carbon 
dioxide, a carbonato ester, a carbamate, a urea, a 
guanidine, a thiocarbonate, a thiocarbamate, or a 
thiourea, and none of these nucleophilic substitu-
tions involves net oxidation or reduction. A carbon 
at the carbonato oxidation state can be identified 
in a molecule as a carbon that is entirely bonded to 
heteroatoms, as is carbon 8 of urate (Equation 1–77). 
 Most of the reactions that occur in metabolism 
can be placed into this scheme. There are five oxida-
tion states of carbon. Within any one of these oxida-
tion states, substrates are transformed by nucleophilic 
substitution, nucleophilic addition, and elimination. 
The transitions between any two of these oxidation 
states are oxidations and reductions that have their 
own distinct chemistry, which is represented by 
half-reactions indicating the removal or addition of 
electrons to the substrates. 
 
 In enzymatic reactions that change oxidation 
states, the oxidation–reductions connecting the 
oxidation state of an alcohol with the carbonyl 
oxidation state (Equation 1-74) and the carbonyl 
oxidation state with the acyl oxidation state 
(Equation 1-75) often involve the formal transfer 
of a hydride. A hydride is usually transferred from 
the nicotinamide ring in reduced nicotinamide-
adenine dinucleotide (NADH) or reduced nicotin-
amide-adenine dinucleotide phosphate (NADPH) 
in one direction and transferred to the nicotinamide 
ring of oxidized nicotinamide-adenine dinucleotide 
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(NAD+) or oxidized nicotinamide-adenine dinucleo-
tide phosphate (NADP+), in the other direction 

                  (1-78) 

Nicotinamide-adenine dinucleotide phosphate (Fig-
ure 1-16),166,231 which differs by only a 2A-phospho 
group on the adenosine, which is distant from the 
nicotinamide ring, performs chemistry that is iden-
tical to that performed by NADH, but each enzyme 
will have its own particular preference for one or 
the other of these hydride carriers. 
 
 A hydride never exists as a free hydride ion, 
just as a hydron never exists as a free hydron. 
Equation 1-78 can be written as a half-reaction 

        (1-79) 

which indicates that the hydride that is transferred 
by NADH is equivalent to a hydron and two electrons, 
the latter of which also do not exist as free species 
in solution. Consequently, the half-reaction empha-
sizes the formality of the hydride transfer.  
 Just as a hydron, which is formally an electro-
phile, is transferred from one basic lone pair of 
electrons to another basic lone pair of electrons, a 
hydride, which is formally a nucleophile, is trans-
ferred from one electrophilic carbon (for example, 
carbon 4 of NAD+ in Equation 1-78) to another 
electrophilic carbon (for example, the carbon on 
the substrate that is to be reduced). In the direction 

of reduction, the nucleophilic hydride is usually 
transferred to an electrophilic carbonyl carbon 

 
                  (1-80) 

an electrophilic acyl carbon, or an electrophilic 
carbonato carbon in the substrate, so the reduction 
is formally a nucleophilic addition to a carbonyl 
group, an acyl group, or the derivative of a carbonate. 
Formation of the covalent bond between a hydride 
and the carbon reduces the carbon to the next lower 
oxidation state. In order for this to occur, the carbon 
is usually in a double bond to a heteroatom. In the 
reverse direction, the hydride is transferred from 
the carbon in the substrate that is to be oxidized to 
NAD+, and that carbon is oxidized to the next higher 
oxidation state. There are also enzymes that use 
NADH to reduce an imine, such as pyrroline-
5-carboxylate reductase 

                       (1-81) 

and enzymes that use NADH to reduce alkenes to 
alkanes.232 
 Usually an enzyme will catalyze the transfer of 
one hydride from one NADH to a carbonyl carbon, 
an acyl carbon, or a carbonato carbon to reduce it to 
a carbon at the oxidation state of an alcohol, a carbonyl 
carbon, or an acyl carbon, respectively, and vice versa. 
Hydroxymethyl-glutaryl-CoA reductase (NADPH), 
however, catalyzes an oxidation–reduction in which 
two hydrides are transferred consecutively from two 
molecules of NADPH to the same carbon, converting 
it from the acyl oxidation state down two levels to 
the oxidation state of an alcohol 

  
                  (1-82) 

as can be done, much less specifically and only in the 
direction written, with lithium aluminum hydride. 
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Figure 1-16: Stereodrawing166 of the stacking of the p molec-
ular orbital system of (E)-oct-2-enoyl-SCoA against the 
p molecular orbital system of NADP+ in the crystallographic 
molecular model231 of the active site of octenoyl-CoA reduc-
tase/carboxylase from S. cinnabarigriseus. Black atoms are 
carbons, white atoms are oxygens, small gray atoms are nitro-
gens, the large light gray atom is a sulfur, and the large dark 
gray atoms are atoms of phosphorus. The gene for octenoyl-CoA 
reductase/carboxylase from S. cinnabarigriseus was expressed 
in E. coli by using a plasmid that adds six histidines to its 
amino terminus. The protein was purified by the use of an 
adsorbent to which Ni2+ ions are coordinated and with which 
the histidines associate. After removal of the six histidines, the 
protein was submitted to molecular exclusion chromatog-
raphy. A concentrated solution of the protein was crystallized 
in a buffer containing 10 mM NADP+, 10 mM (E)-oct-
2-enoyl-SCoA, and 50 mM NaHCO3 at pH 8. A map of electron  
 
 

density was produced from the data set by molecular replace-
ment. In the map of electron density, features were observed 
into which molecular models of NADP+ and (E)-oct-
2-enoyl-SCoA, respectively, could be inserted. These features 
identified the active site. After insertion of the molecular 
models, the crystallographic molecular model of the resulting 
complex between enzyme, NADP+, and (E)-oct-2-enoyl-SCoA 
was refined against the data set. Only the molecular models of 
NADP+ and (E)-oct-2-enoyl-SCoA as they are oriented by the 
active site are drawn. The nicotinamide of the NADP+ and the 
oct-2-enoyl group and the coenzyme A portion of the (E)-oct-
2-enoyl-SCoA are labeled. The p molecular orbital system of 
the oct-2-enoyl group consists of the oxygen, the acyl carbon, 
and the a and b carbons. The dashed lines connect the 
a carbon to carbon 2 of the nicotinamide and the b carbon to 
carbon 4 of the nicotinamide, respectively. 
  

NADP+ NADP+
nicotinamide nicotinamide

oct-2-enoyl-SCoA oct-2-enoyl-SCoA

coenzyme Acoenzyme A
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 In these oxidation–reductions, the NADH or 
the NADPH acts simply as the carrier of a hydride, 
much as a catalytic acid acts as a carrier of a hydron. 
The hydride being carried exists as a lone hydrogen 
in a large molecule that seems unnecessarily elaborate 
to an organic chemist (Equation 1-78), but its large 
size permits it to be bound tightly and to be easily 
recognized by an enzyme. The extensive interactions 
between the enzyme and the elaborate substituent 
attached to the hydrogen atom can also provide 
free energy that can be used to decrease the free 
energy of activation of the enzymatic reaction. In 
its role as the carrier of a hydride, nicotinamide-
adenine dinucleotide is a representative of a class 
of molecules known as coenzymes. 
 
 There are several terms that classify molecules, 
other than substrates, associating with an enzyme. 
These terms are relevant to oxidation–reductions 
catalyzed by enzymes, so they should be clarified here. 
 A cofactor is any ion, usually a metallic ion, or 
any organic molecule that is required by an enzyme 
for its function. A cofactor can be either a coenzyme, 
a functional group in a coenzyme, or a prosthetic 
group. 
  A coenzyme is a small molecule, relative to the 
enzyme itself, that associates and dissociates from 
the active site of an enzyme just as a substrate does 
and that transfers chemical groups, hydrogens, or 
electrons among active sites. In the case of NADH, 
the chemical group that is transferred is a hydride 
in the form of a hydrogen. In the case of S-adenosyl-
¬-methionine (Equation 1-19), another elaborate 
coenzyme, it is a methyl group, the one on the sulfur. 
A coenzyme is distinguished from the substrate or 
the substrates of an enzyme by its promiscuity. The 
same coenzyme serves the same role in a number 
of enzymatic reactions, each of which has different 
unrelated substrates. A coenzyme readily associates 
with and dissociates from the active site of an 
enzyme, just as rapidly as the other substrates, and 
it transfers chemical groups, hydrogens, or electrons 
within the active site to and from a substrate for 
that enzyme. A coenzyme enters the active site; 
donates or accepts the electron, the electrons, a 
hydrogen, or the chemical group; and then leaves 
the active site during a single turnover. In most of 
the enzymatic reactions in which they are involved, 
NAD+, NADP+, NADH, and NADPH are coenzymes, 
acting indistinguishably, except by formal defini-
tion, from the other substrates for the enzyme 
(Equation 1-80). Kinetically, they are the same as a 
substrate for the enzyme. Because every coenzyme, 

by definition, is required by at least one enzyme for 
its function, all coenzymes are cofactors. 
 Coenzyme A 

 

is another elaborate coenzyme. The chemical groups 
that coenzyme A is responsible for carrying between 
active sites are carboxylic acids. These carboxylic 
acids are thioesters at the lone sulfanyl group in 
coenzyme A.* An example of an ester of coen-
zyme A would be oct-2-enoyl-SCoA (Figure 1-16).231 
In addition to making it easier for an enzyme to 
recognize the particular thioester of coenzyme A 
that is its substrate and increasing the free energy 
of association between the active site and the thio-
ester of coenzyme A, coenzyme A, because it is quite 
hydrophilic, also increases the solubility of the 
carboxylic acids that it carries, which are often quite 
hydrophobic. For example, coenzyme A carries fatty 
acids of fairly long chain lengths between active sites.  
 A prosthetic group is any group that is neither 
a protein nor a peptide that is either covalently or 
tightly attached to a protein and remains tightly 
bound to the protein for an extended period of 
time. When it is within the active site of an enzyme, 
a prosthetic group that is a cofactor for that par-
ticular enzyme remains fixed there through many 
turnovers. The prosthetic group either provides a 
catalytic group that is chemically unchanged during 
the enzymatic reaction, or it accepts or donates one 
or two electrons, a hydrogen, or a chemical group 
and then donates or accepts, respectively, one or 
two electrons, a hydrogen, or the chemical group 

                                     
*Although the rule in IUBMB nomenclature for a thioester of 
coenzyme A is to append “-CoA” to the name of the acyl group, 
for example, oct-2-enoyl-CoA, in the current text, the “CoA” is 
replaced by “SCoA” to remind the reader that the compound 
discussed is a thioester of coenzyme A, for example, oct-
2-enoyl-SCoA.  
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during a single turnover. At the end of that turnover, 
a prosthetic group that is a cofactor for the enzyme 
is chemically identical to its state at the beginning 
of that turnover. For example, NADH is a prosthetic 
group in a set of enzymes that catalyze the dismuta-
tion of aldehydes233-236 

  
                   (1-83) 

The reduced form of the enzyme, with NADH 
bound tightly in its active site as a prosthetic group, 
reduces the first aldehyde to the alcohol. The resulting 
oxidized form of the enzyme, now with NAD+ in its 
active site, then oxidizes the second aldehyde to 
the carboxylic acid, regenerating the reduced form 
of the enzyme at the end of the complete turnover. 
There are prosthetic groups, such as lipids and 
oligosaccharides, that are attached covalently, or 
tightly but noncovalently, to a protein but that are 
not required by any enzymatic activity displayed by 
that protein. Consequently, unlike coenzymes, some 
prosthetic groups are not cofactors. 
 
 The positive formal elementary charge on the 
nitrogen of the nicotinamide ring in NAD+ causes 
the 2, 4, and 6 positions on the ring to be electro-
philic. This effect can be demonstrated by drawing 
resonance structures 

 

This enhanced electrophilicity permits carbon 4 in 
NAD+ to be an effective acceptor of a formal, nucleo-
philic hydride. 
 This electrophilicity is also reflected in the 
tendency of carbon 4 of NAD+ to participate as an 
electrophile in nucleophilic additions with carbon 
nucleophiles. Most of the reactions producing nucleo-
philic adducts of NAD+ at carbon 4 are adventitious 
and counterproductive.237,238 As part of its mecha-
nism, however, the active site of urocanate hydratase, 
which catalyzes the hydration of urocanate 

  

                  (1-84) 

forms adduct 1-68 239 

  
                  (1-85) 

by an electrophilic aromatic addition between 
carbon 4 of NAD+, which is the electrophile, and 
carbon 5 on urocanate, which is within an aromatic 
ring and hence nucleophilic. Because the NAD+ in 
urocanate hydratase is a prosthetic group that never 
leaves the active site of the enzyme, the adduct must 
form and unform within the active site during each 
turnover of the enzyme. 
 Evidence for the existence of this covalent 
intermediate in the normal enzymatic reaction is 
the fact that the saturated analogue of urocanate, 
3-imidazolylpropionate, forms an analogous electro-
philic adduct in the active site of urocanate hydra-
tase from Pseudomonas putida that cannot proceed 
further in the enzymatic reaction because of the 
lack of a double bond between the a carbon and 
the b carbon and can be trapped by oxidation with 
5-methylphenazinium methyl sulfate 

                  (1-86) 
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The stable oxidized product could be isolated240,241 
and its identity was verified by nuclear magnetic 
resonance spectroscopy.242 
 The electrophilicity of carbon 4 of NAD+ is at 
its greatest when the carbamoyl group on the nico-
tinamide is in the conformation in which its acyl 
oxygen is syn to carbon 4 (the conformation shown 
in Equation 1-78 and 1-67), and even though the 
syn conformation is the less stable, the carbamoyl 
group is usually held within ±30ª of the planar syn 
conformation within the active sites243,244 of en-
zymes having NAD+ as a coenzyme (Figure 1-16). 
Coenzyme F420 

 

a formal hydride carrier from methanogenic bacte-
ria,245,246 contains an elaboration of nicotinamide 
that has a two-electron reduction potential (-0.36 V) 
similar to that of NAD+ (-0.33 V) and a structure 
that locks the acyl oxygen of the analogue of the 
carbamoyl group of NAD+ in the conformation in 
which it is syn to and in the plane of the carbon 
that is the analogue of carbon 4 of NAD+. 
 
 Upon the reduction of NAD+ by addition of a 
hydride to carbon 4, the aromatic p  molecular orbital 
system is broken. Carbon 4 becomes saturated and 
can no longer support a p orbital. A partial compen-
sation for the loss of aromaticity during the reaction 
is the formation of an extended p molecular orbital 
system that includes the exocyclic carbamoyl group, 
the two carbon–carbon double bonds, and the nitro-
gen within the ring 

 

This p molecular orbital system provides an unbroken, 
acyclic, terminally bifurcated set of 8 p orbitals that 

mix to form a p molecular orbital system containing 
10 p electrons. This p molecular orbital system 
explains the fact that the six atoms in the ring, the 
three atoms in the amide, and the carbon of the 
functional group attached to the nitrogen in the 
ring are in the same plane in NADH.247-249 This 
extended p molecular orbital system is responsible 
for the absorbance displayed by NADH or by its 
phospho derivative, NADPH, at 339 nm.250 
 Oxidized nicotinamide in NAD+ is aromatic, so 
all its bonds are of equal length.251 The bond lengths 
in NADH, however, reflect the uneven distribution 
of bond order over the seven bonds in its molecular 
orbital system. If the lengths of the bonds in re-
duced nicotinamide are compared to the lengths of 
the same bonds in oxidized nicotinamide, the bonds 
between carbons 2 and 3 and between carbons 5 
and 6 each shorten by 0.007 nm to a length equal to 
the bond length of a normal carbon–carbon double 
bond,248 while the bonds between nitrogen 1 and 
carbon 2 and between nitrogen 1 and carbon 6 each 
lengthen by 0.007 nm.248,249 These changes demon-
strate that the carbon–carbon bonds gain bond or-
der while the carbon–nitrogen bonds lose bond 
order upon reduction of nicotinamide (see Equa-
tion 1-78). The increase in bond order explains the 
fact that the double bond between carbons 5 and 6 
in NADH is susceptible to hydration252 as well as an 
oxidation that converts it to the diol.253 
 The observed bond lengths and bond orders in 
NADH can be understood by drawing resonance 
structures. Those resonance structures containing 
double bonds between carbon and nitrogen within 
the ring are unfavorable relative to the usually 
drawn resonance structure for NADH (Equation 
1-78) because of separation of charge and cross-
conjugation 

 

 
 The substrate from which a hydride is to be 
removed by NAD+ almost always has at least one 
lone pair of electrons on an oxygen or a nitrogen 
that can provide push to the leaving hydride.254  
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This lone pair of electrons can be on an oxygen or a 
nitrogen that is either attached directly to the carbon 
to be oxidized or conjugated to that carbon by one 
or more p bonds 

 

It must be a lone pair of electrons that can be posi-
tioned periplanar to the s bond between the carbon 
and the hydrogen. This push causes the hydrogen 
that is to be removed to be more electron-rich and 
more nucleophilic. 
 It is also important to have a hydron on this 
heteroatom providing the push before the oxida-
tion takes place rather than an alkyl group so that, 
as the hydride leaves, that hydron can be simulta-
neously removed to increase further the nucleo-
philicity of the lone pair of electrons that is 
providing the push. The hydron is removed from a 
lone pair of electrons orthogonal to the pair providing 
the push. For example, in the active site of ovine 
phosphogluconate dehydrogenase (NADP+-depen-
dent, decarboxylating), Lysine 183 is responsible for 
removing the hydron from the 3-hydroxy group of 
6-phospho-∂-gluconate while the hydrogen on 
carbon 3 of 6-phospho-∂-gluconate is removed by 
NADP+. The 6-amino group of Lysine 183 is aligned 
so that it participates in a linear hydrogen bond 
only when the hydroxy group is in a rotational 
conformation that places one of its two lone pairs 
antiperiplanar to the hydride that is being transferred 
(Figure 1-17).166,255 When Lysine 183 is mutated to 
any other amino acid, even to arginine, the rate of 
the enzymatic reaction decreases by a factor of 
1000 or more.256 In the active site of glucose-
6-phosphate dehydrogenase (NADP+) from Leucono-
stoc mesenteroides, Histidine 240 is responsible for 
removing the hydron from the hydroxy group on 
carbon 1 of the hemiacetal of ∂-glucose 6-phos-
phate while the NADP+ removes the hydrogen from 
carbon 1. When Histidine 240 is mutated to an aspara-
gine, the rate of the enzymatic reaction decreases by 
a factor of 50,000.257 In alcohol dehydrogenase from 
Saccharomyces cerevisiae, however, the hydroxy 
group of the alcohol is a ligand to a Zn2+ ion. This 
Zn2+ lowers the pKa of the hydroxy group sufficiently 

so that it has already lost its hydron to form the 
zinc alkoxide by the time the NAD+ removes the 
hydrogen from the adjacent carbon. The Zn2+ is 
placed in the active site in such a way that a lone 
pair of electrons on the oxyanion, other than the 
one coordinating the Zn2+, ends up antiperiplanar 
to the hydrogen that is being removed.258  
 In aldehydes, a similar arrangement of hydrogen, 
carbon, heteroatom, lone pair of electrons, and 
orthogonal hydron is achieved by forming a hemi-
acetal, an aminal, a hemiaminal, or a thiohemiacetal 

 
                  (1-87) 

In the reverse reaction, the substrate to which a 
hydride is to be added by NADH or NADPH almost 
always contains a carbonyl group, an imino group, 
or an acyl group. This group in the substrate either 
itself contains the sp2 carbon to be reduced or is 
conjugated to that sp2 carbon by one or more 
p bonds. Because the sp2 carbon to be reduced is 
either in or conjugated to a carbonyl, imino, or acyl 
group, it is already electrophilic, but its electrophilicity 
is usually increased by hydronating the oxygen or 
the nitrogen of the carbonyl, imino, or acyl group 
as the hydride is being transferred to it (reverse of 
Equation 1-87). Again, the lone pair of electrons 
that is being hydronated is in the s plane of the 
carbonyl, imino, or acyl group, orthogonal to its 
p system. 
 
 For a reduction accomplished by NADH of an 
isolated, unconjugated carbonyl group or acyl 
group in one direction, or for an oxidation accom-
plished by NAD+ of an isolated, unconjugated alcohol 
or hemiacetal in the other direction, the transition 
state is formed by mixing all nine p atomic orbitals of 
the nicotinamide ring, the s atomic orbital of the 
hydrogen, and the p atomic orbitals of the carbonyl 
or acyl group that is either the reactant in the 
reduction or the product in the oxidation. 
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Figure 1-17: Stereodrawing166 of the orientation of the hydro-
gen bond between the 3-hydroxy group of the substrate 
6-phospho-∂-gluconate and Lysine 183 in a crystallographic 
molecular model of the active site of ovine phosphogluconate 
dehydrogenase (NADP+-dependent, decarboxylating).255 Black 
atoms are carbons, white atoms are oxygens, the small gray 
atom is a nitrogen, and the large dark gray atom is a phospho-
rus. The purified enzyme was crystallized from a solution 
containing 30 mM 6-phospho-∂-gluconate. The drawing is of 
the 6-phospho-∂-gluconate bound in the active site of the 
crystallographic molecular model and the side chain of 
Lysine 183. In the orientation drawn, the carbon–hydrogen 
bond on carbon 3 of the 6-phospho-∂-gluconate is horizontal 
and in the plane of the page. Because it is hybridized sp3, the 
3-hydroxy group is held by the hydrogen bond to the 6-amino 
group of the lysine in a conformation in which one of its lone 
pairs of electrons is antiperiplanar to the hydrogen on carbon 3 
that is to be removed. 
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In the case of a simple, unconjugated carbonyl group, 
12 atomic orbitals are mixing 

 

to produce the 12 molecular orbitals of the transition 
state, and the 14 electrons fill the seven molecular 
orbitals of lowest energy. A hydron is usually being 
removed from or added to, respectively, the oxygen 
at one of its lone pairs of electrons, which is orthog-
onal to the molecular orbital system of the rest of 
the transition state. 
 At the beginning of the reaction between NAD+ 
and a substrate from which a hydride is to be removed, 
there are two initial overlaps of molecular orbitals.259 
One is between the lowest unoccupied molecular 
orbital of the cation of the nicotinamide and the 
occupied bonding molecular orbital of the hydrogen–
carbon s bond of the substrate. The other is between 
the unoccupied antibonding orbital of the carbon–
hydrogen bond and the sp3 atomic orbital on the 
oxygen occupied by a lone pair of electrons 

 

where gray shading indicates phase within the mo-
lecular orbitals and dashed outline indicates anti-
bonding molecular orbitals. The overlap of the 
unoccupied antibonding molecular orbital of the 
carbon–hydrogen bond with the occupied atomic 
orbital of the lone pair of electrons provides the 
push.  
 In the reverse direction, at the beginning of the 
reaction between NADH and a substrate to which a 
hydride is to be added, there are also two initial 
overlaps of molecular orbitals.260 One is between 
the highest occupied molecular orbital of the linear, 

bifurcated p molecular orbital system of the reduced 
nicotinamide ring (1-70) and the unoccupied anti-
bonding orbital of the s bond between carbon 4 of 
the nicotinamide and the hydrogen that will be 
transferred. This antibonding orbital accepts electron 
density from the p molecular orbital system of 
the NADH and will become a p orbital on that 
carbon in the eventual aromatic system of the 
NAD+. The other is between the occupied bonding 
molecular orbital of the s bond between carbon 4 
of the nicotinamide and its hydrogen and the un-
occupied antibonding molecular orbital of the 
p bond between the carbon and the oxygen of the 
carbonyl group 

 

as is the case with any nucleophile (1-17). 
 Consistent with these assignments, the favored 
stereochemistry in the transition state (1-75) for 
the transfer of a hydride between two electrophilic 
carbons is one in which the hydrogen being trans-
ferred is on a line of centers between the two carbons. 
This line of centers makes 115ª angles with the two 
s planes of the respective electrophilic carbons: the 
plane of the nicotinamide ring and the plane of the 
carbonyl group. In the transition state, the two car-
bons are 0.26 nm apart.261,262 
 This favored stereochemistry has been observed 
in crystallographic molecular models of active 
sites occupied by a substrate and NADH or NAD+. 
UDP-Glucose 4-epimerase from E. coli catalyzes the 
epimerization of carbon 4 in the ∂-glucosyl group in 
UDP-∂-glucose 

          (1-88) 

In this enzymatic reaction a hydride is removed from 
carbon 4 of the UDP-∂-glucose or UDP-∂-galactose 
by the prosthetic NAD+ in the active site of the 
enzyme and then added back to the 4-oxo group of 
the resulting UDP-4-dehydro-∂-glucose with the 
epimeric stereochemistry, after it has flipped over, 
to produce the product.263 In the crystallographic 
molecular model of the inactive complex between 
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UDP-glucose 4-epimerase, NADH, and UDP-∂-glu-
cose,264 in which reduced substrate is paired with 
reduced coenzyme, the angle between the carbon–
oxygen bond at carbon 4 of ∂-glucose and the line 
of centers between carbon 4 of the nicotinamide 
and carbon 4 of ∂-glucose is 125ª (Figure 1-18).166,264 
In this complex, the distance between the two carbons 
(0.37 nm) cannot be 0.26 nm because each carbon 
has a hydrogen on it and they butt up against each 
other rather than one hydrogen passing between 
the carbons. The plane of the nicotinamide ring of 
the NAD+ makes an angle of 145ª with the line of 
centers rather than the ideal 115ª, perhaps because 
the abutting hydrogens shift the nicotinamide ring 
from its ideal position. A similar orientation and 
distance between the carbon from which the hydride 
is removed and carbon 4 of the nicotinamide is 
observed in the crystallographic molecular model 
between shikimate, NADPH, and shikimate dehy-
drogenase (NADP+) from Thermus thermophilus265 
and in the crystallographic molecular model266 be-
tween GDP-∂-glycero-a-∂-manno-heptose, NADH, 
and GDP-∂-glycero-a-∂-manno-heptose 4-dehydro-
genase267 from Campylobacter jejuni. Again, these 
are complexes between reductant and reductant. 
 Reduced coenzyme F420 (1-69) is used by 
methylenetetrahydromethanopterin dehydrogenase 
to reduce 5,10-methenyltetrahydromethanopterin 
at its methenyl carbon. In a crystallographic molecular 
model of the active site of this dehydrogenase from 
Methanopyrus kandleri occupied by 5,10-methylene-
tetrahydromethanopterin, the reduced substrate, 
and reduced coenzyme F420, the hydride on the 
reduced coenzyme F420 points directly at the 
methylene carbon of 5,10-methylenetetrahydro-
methanopterin.268 In this orientation it would be 
poised for the direct transfer of a hydride to the 
methenyl carbon if the active site were occupied by 
5,10-methenyltetrahydromethanopterin, the oxidized 
reactant, instead of 5,10-methylenetetrahydrometh-
anopterin. 
 Dihydroflavonol 4-reductase from Vitis vinifera 
uses NADH to reduce the carbonyl group in (+)-dihy-
droquercetin. In the crystallographic molecular model 
of the inactive ternary complex between (+)-dihydro-
quercetin, NAD+, and the enzyme, in which oxidized 
substrate is paired with oxidized coenzyme, the 
line of centers between carbon 4 of the nicotin-
amide ring of NAD+ and the carbon of the carbonyl 

group makes an angle of 105ª with the plane of the 
nicotinamide ring and an angle of 90ª with the 
s plane of the carbonyl group of (+)-dihydroquercetin. 
The dihedral angle between the plane of the 
nicotinamide ring and the plane formed by the 
carbon of the carbonyl group, nitrogen 4 of the 
nicotinamide, and carbon 1 of the nicotinamide is 
81ª, instead of 90ª as in 1-75, and the distance 
between the two carbons is 0.30 nm.269 This latter 
distance is determined by the fact that the p electrons 
in the carbonyl group of (+)-dihydroquercetin and 
the p electrons in the aromatic nicotinamide ring of 
NAD+ cannot approach any closer because of 
electron repulsion in the ground state. A similar 
orientation of the carbon from which a hydride is 
normally removed and carbon 4 of the nicotina-
mide can be found in a molecular model for the 
complex between the active site of ¬-glutamate 
g-semialdehyde dehydrogenase from T. thermophilus; 
NAD+, the oxidized coenzyme; and the thioester 
between the substrate ¬-glutamate and a cysteine, 
the oxidized intermediate in the enzymatic reaction.270 
 When oxidant is mixed with reductant, however, 
to form the active complex between NADH and 
oxidized substrate or between NAD+ and reduced 
substrate, the pucker of the reduced nicotinamide 
at carbon 4 in the former complex or the sp3 hy-
bridization of the a carbon of the alcohol in the lat-
ter complex should shorten the distance between 
these two carbons.271 A superposition of NADPH, in 
the crystallographic molecular model of its complex 
with dihydrofolate reductase from E. coli 

  
                  (1-89) 

and folate (an alternative substrate for the enzyme), 
in the crystallographic molecular model of its complex 
with dihydrofolate reductase, suggests that in the 
productive complex between this enzyme, folate and 
NADPH, carbon 4 of the nicotinamide ends up 
0.28 nm away from carbon 6 of the folate,272 almost 
the ideal distance for the transfer of a hydride. This 
juxtaposition, in part, explains why the transfer of 
the hydride from NADPH to 7,8-dihydrofolate has a 
rate constant273 of 940 s-1. 
 
 

 
 

 

NADPH  +  7,8-dihydrofolate  +  H+  1  
                             5,6,7,8-tetrahydrofolate  +  NADP+



Mechanisms for Reactions 
 

78 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
Figure 1-18: Stereodrawing166 of the in-line transfer of a hydride 
between carbon 4 of a ∂-glucosyl group and carbon 4 of the 
nicotinamide of NADH.264 Black atoms are carbons, white atoms 
are oxygens, small gray atoms are nitrogens, and the large dark 
gray atom is a phosphorus. UDP-Glucose epimerase, purified 
from E. coli with tightly bound NAD+ at its active site, was 
mixed with the complex of dimethylamine and borane to 
reduce the NAD+ to NADH. UDP-∂-Glucose was then added to 
form a complex at the active site containing both NADH and 
UDP-∂-glucose, reductant and reductant. This complex be-
tween the enzyme, NADH, and UDP-∂-glucose was crystallized,  
 
 

and a crystallographic map of electron density was calculated. 
In the active site, a segment of electron density, into which 
could be inserted a molecular model of UDP-∂-glucose, was 
situated adjacent to the electron density previously assigned to 
the nicotinamide group of NAD+. The ∂-glucose 1-phosphate 
from UDP-∂-glucose and the nicotinamide from NADH 
(Equation 1-78) in the resulting refined crystallographic 
molecular model are presented, with NADH to the upper left 
and the ∂-glucose 1-phosphate to the lower right. A dotted line 
is drawn between carbon 4 of the ∂-glucose 1-phosphate and 
carbon 4 of the nicotinamide. 
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 Perhaps the most dramatic demonstration of 
the stereochemistry of hydride transfer is that occur-
ring intramolecularly within (3S)-5-(3-carboxy-
3-hydroxypropyl)nicotinamide-adenine dinucleotide 

    

which is a substrate for the enzyme ¬-lactate dehydro-
genase274  

  
                  (1-90) 

When 1-78 is the reactant, the transfer of the hydride 
occurs intramolecularly. This molecule, in which 
substrate and coenzyme are fused, fits snugly into 
the active site of the crystallographic molecular 
model of the porcine enzyme with the hydrogen 
that is transferred during the enzymatic reaction 
immediately adjacent to carbon 4 of the nicotina-
mide ring in the conformation drawn above for 
1-78.275 When 1-78 is held by the enzyme in this 
conformation competent for hydride transfer, the 
distance between the exocyclic carbon of the alco-
hol that is to be oxidized and carbon 4 of the oxi-
dized nicotinamide is 0.23 nm. The angle between 
the line of centers connecting these two atoms and 
the carbon–oxygen bond of the exocyclic carbonyl 
group is 105ª, but the angle between the line of 
centers and the plane of the nicotinamide is again 
about 145ª. In the crystal, the hydride is being 
transferred back and forth between the two car-
bons continuously. 
 
 When the electrophilic carbon in the oxidized 
form of a substrate is located in a conjugated portion 
of the substrate for a particular enzyme, the planar 
p  molecular orbital system of that substrate often 
forms a parallel stack with the p  molecular orbital 
system of the nicotinamide ring when it is bound 
in the active site of the enzyme responsible for the 
oxidation–reduction. A simple example would be 
that found in the crystallographic molecular model 
of the active site of octenoyl-CoA reductase/carboxy-

lase from Streptomyces cinnabarigriseus when it is 
occupied by NADP+ and oct-2-enoyl-SCoA (Fig-
ure 1-16).231 In this case, oxidized coenzyme is 
paired with oxidized substrate. The p molecular orbital 
system, consisting of the first four atoms of the 
a,b-unsaturated thioester (the acyl oxygen, the acyl 
carbon, and the double bond of the oct-2-enoyl 
group), is found stacked against the aromatic 
p molecular orbital system of the oxidized nicotin-
amide. The space between the two planes is about 
0.34 nm, the usual distance between stacked 
p molecular orbital systems such as those in the 
stack of nucleotide bases in DNA. 
 In the crystallographic molecular model of the 
inactive complex between :-2-hydroxyacid dehydro-
genase (NAD+) from Lactobacillus casei, NAD+, and 
2-oxoisocaproate,276 which is inactive because oxidant 
is paired with oxidant, the distance between the 
two electrophilic carbons (0.36 nm) again is not 
0.26 nm because, in this instance, the p molecular 
orbital system of the unconjugated oxo group in 
2-oxoisocaproate also stacks upon the p system of 
the NAD+, forcing the carbon–oxygen double bond 
to sit 0.34 nm above the plane of the ring. 
 If the substrate has a planar unsaturated ring, 
its planar p molecular orbital system usually tends 
to form a stack with the nicotinamide of the NADH 
or the NAD+ when they are associated with the ac-
tive site of an enzyme responsible for its oxidation–
reduction. A paradigm of this type of arrangement 
for a cyclic substrate is observed in the crystallo-
graphic molecular model of the complex between 
IMP dehydrogenase from Tritrichomonas foetus and 
its substrates. Inosine monophosphate dehydro-
genase catalyzes the reaction 

    
                  (1-91) 

in which a derivative of formic acid is oxidized to a 
derivative of carbonic acid. In the crystallographic 
molecular model of the inactive complex between 
the enzyme, NAD+, and xanthosine monophosphate, 
in which again oxidant is paired with oxidant and 
electrophile with electrophile, xanthine is stacked 
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flat against the nicotinamide (Figure 1-19).166,277 
The distance between the planes of the two rings is 
again 0.34 nm. As before, this distance is enforced 
by the van der Waals widths of the p molecular orbital 
system of the two rings. 
 There are several problems with all these ar-
rangements in which the p molecular orbital systems 
stack upon each other. First, the carbons between 
which the equivalent of a hydride is transferred, 
carbon 4 of nicotinamide and carbon 2 of xanthine, 
necessarily end up 0.34 nm apart, and because of 
the van der Waals surfaces of the rings, there 
seems to be no way they can approach within the 
necessary 0.26 nm. Second, carbon 2 of the xanthine 
in xanthosine monophosphate ends up in the 
complex directly below carbon 4 of nicotinamide in 
the NAD+ (Figure 1-19) so that the angles between 
the line of centers and the respective planes of the 
two rings are both within 10ª of 90ª. Finally, the 
most crucial violation is that the hydride is not on 
the line of centers between the two atoms between 
which it is to be transferred. 
 In these stacked complexes—those in which 
the ring of NAD+ stacks upon the p molecular orbital 
system of a extended linear conjugated arrange-
ment, those in which the ring of NAD+ stacks upon 
a carbonyl group or an acyl group, and those in 
which the ring of NAD+ stacks upon an unsaturated 
ring—it seems that there should be a different 
mechanism operating for the transfer of the equiva-
lent of a hydride. 
 It is possible for the reduction of NAD+ or the 
oxidation of NADH to occur in two consecutive 
one-electron steps. In organic solvents,278 mixtures 
of water and organic solvents,279,280 and aqueous 
solution,281 NADH participates in one-electron 
oxidations279-281 and NAD+ participates in one-
electron reductions,278,282,283 either at the surface of 
an electrode278 or with one-electron oxidants or 
reductants such as ferricyanide,279 ferrocenium 
ion,280 N,N,NA,NA-tetramethyl-4-phenylenediamine 
radical cation,281 or hydrated electrons.282,283  
 The reduction potential for the one-electron 
reduction of NAD+ to form the neutral radical  
 

  
                  (1-92) 

is -930 mV,280,282,283 and the reduction potential for 
one-electron reduction of the radical cation of NADH 
to form NADH is -970 mV.280,284 This reduction 
potential means that the potential for the oxidation 
of NADH by the removal of one electron to form 
the radical cation 

        (1-93) 

is +970 mV. The neutral radical formed from NAD+ 
(Equation 1-92) and the radical cation formed from 
NADH (Equation 1-93) differ from each other by a 
hydron and are interconverted by the association 
or dissociation of a hydron. 
 The reduction potential for the reduction of 
NAD+ is quite negative (Equation 1-92), and the re-
duction potential for the oxidation of NADH is quite 
positive (Equation 1-93). These facts state that 
both the neutral radical and the radical cation of 
nicotinamide are unstable species relative to NAD+ 
and NADH, respectively. The radical cation285 has 
been observed transiently during the pulsed photo-
oxidation of NADH,286 but it disproportionates 
rapidly and completely 

 
                   (1-94) 

because of its instability relative to NAD+ and 
NADH. From the one-electron reduction potentials 
of NADH and NAD+ and the two-electron reduction 
potential of NAD+, the pKa of the radical cation 
(Equation 1-93) can be estimated to be about -5, 
an estimate indicating that it is a strong acid.281,287  
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Figure 1-19: Stereodrawing166 of the p stacking between the 
nicotinamide of NAD+ and the xanthine in xanthosine 
monophosphate in a crystallographic molecular model of IMP 
dehydrogenase from T. foetus.277 Black atoms are carbons, 
white atoms are oxygens, and small gray atoms are nitrogens. 
Inosine monophosphate dehydrogenase from T. foetus was 
mixed with xanthosine monophosphate and then crystallized. 
The crystals were soaked in a solution of NAD+ to introduce it 
into the active site of the enzyme, which was already occupied 
by xanthosine monophosphate, to form a complex of oxidant 
 
 
 

and oxidant. In difference maps of electron density, features 
into which molecular models of xanthosine monophosphate 
and NAD+ respectively could be inserted were observed. After 
insertion of these molecular models, the crystallographic 
molecular model of the resulting complex between enzyme, 
xanthosine monophosphate, and NAD+ was refined against the 
data set. The xanthine of the xanthosine monophosphate and 
the nicotinamide of the NAD+ in the final crystallographic 
molecular model are drawn: the nicotinamide is shown above 
and the xanthine is shown below. 
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The dissociation of the hydron, albeit a significantly 
exergonic reaction at pH 7, is required before an 
electron can be removed from the intermediate 
radical.279 Consequently, the consecutive steps in 
the homolytic oxidation of NADH are removal of an 
electron, dissociation of a hydron, and removal of 
the second electron. It follows that in the homolytic 
reduction of NAD+, which is the reverse reaction of 
the homolytic oxidation of NADH, a hydron must 
be added to the neutral radical formed by the addi-
tion of a single electron to NAD+ (Equation 1-92) 
before the second electron can be added, and the 
addition of this hydron to this weak base is a signif-
icantly unfavorable step. 
 The significant instabilities of both the radical 
cation of NADH and the neutral radical of NAD+ 
mitigate against the involvement of nicotinamide 
in one-electron reactions, particularly with two-
electron reactants such as alcohols, carbonyl and acyl 
groups, and derivatives of carbonic acid. Certainly, 
the stereochemistry of such oxidation–reductions 
at the active sites of enzymes responsible for their 
catalysis (Figure 1-18 and 1-78) suggests that direct 
two-electron hydride transfer from NADH or 
NADPH, which proceeds with a reduction potential 
for the half-reaction (reverse of Equation 1-79) 
of -330 mV at pH 7, is the favored path if the orien-
tations required by the transition state can be 
achieved. 
 A two-electron reduction that may also have a 
mechanism involving the transfer of an electron, 
transfers of hydrons, and then the transfer of a 
second electron is the reduction by 1,4-dihydro-
pyridines related to NADH of 1,4-benzoquinone or 
its derivatives 

       (1-95) 

If these reductions do proceed in two one-electron 
steps, each involves an intermediate charge-transfer 
complex in which the radical cation of the dihy-
dropyridine is stacked upon the radical anion of 
the benzoquinone,288 an arrangement reminiscent 
of the nicotinamide stacked upon the xanthine in 
the crystallographic molecular model of IMP dehydro- 
 

genase (Figure 1-19). Evidence in favor of a mech-
anism for this reduction involving the consecutive 
transfer of one electron after the other288 and evidence 
in favor of a mechanism involving only direct hydride 
transfer289-291 for these reactions have been presented. 
 As for enzymatically catalyzed reactions, it has 
been demonstrated that within the active site of 
peroxidase from Armoracia rusticana (horseradish 
peroxidase), NADH can be oxidized in a one-
electron transfer to the oxoiron(IV) porphyrin·+ that 
is formed at the heme in the enzyme by hydrogen 
peroxide.292 This one-electron transfer produces 
NADH·+. A homologous electron transfer also occurs 
in solution when non-heme oxoiron(IV) complexes 
oxidize homologues of NADH.293 Both on the 
enzymatic active site and in solution, however, the 
oxidants are strong and also ones that normally 
engage in one-electron transfers, and for both of 
these reasons, they are quite different from most of 
the weak two-electron oxidants that NADH is 
required to reduce in other enzymatic reactions. 
 Because of the reduction potentials involved, 
however, it seems unlikely that an active site, even 
by stacking the nicotinamide of the coenzyme and 
the p system of the substrate to facilitate the forma-
tion of a charge-transfer complex and by positioning 
an acid–base for the transfer of the hydron or the 
hydrons required, could perform a hydride transfer 
in a process involving the transfer of an electron, 
the transfer of a hydron, and the transfer of an elec-
tron. 
 
 There is, however, a more reasonable mecha-
nistic explanation for the common observation of 
the stacking by an active site of a nicotinamide 
upon the p  molecular orbital system of an extend-
ed linear, conjugated system within the substrate 
or upon a carbonyl group, an acyl group, or an un-
saturated ring within the substrate. An intermediate 
formed during the reduction of (E)-but-2-enoyl-SCoA 
by NADPH in the active site of crotonyl-CoA carbox-
ylase/reductase 

   
                  (1-96) 

from Methylorubrum extorquens has been isolated, 
and its structure  
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confirmed by high-resolution mass spectrometry 
and two-dimensional nuclear magnetic resonance 
spectroscopy. It is a covalent adduct between NADPH 
and (E)-but-2-enoyl-SCoA. When added to a solu-
tion containing crotonyl-CoA carboxylase/reduc-
tase, NaHCO3, and carbonic anhydrase, an enzyme 
that converts NaHCO3 into CO2, but no (E)-but-
2-enoyl-SCoA or NADPH, the isolated, purified 
intermediate is converted rapidly by the crotonyl-CoA 
carboxylase/reductase into (2S)-ethylmalonyl-SCoA 
and NADP+, the usual products of the reduction.294 
Consequently, the intermediate seems to be on the 
main path of the enzymatic mechanism. Croton-
yl-CoA carboxylase/reductase from M. extorquens 
is a homologue (34% identity; 1.6 gap percent)* of 
octenoyl-CoA reductase/ carboxylase from S. cinna-
barigriseus, in the active site of which (Figure 1-16) 
the substrate (E)-but-2-enoyl-SCoA is stacked 
against NADP+, so it seems to be the case that inter-
mediate 1-79 is the result of an analogous stacking 
of substrate against coenzyme in the active site of 
crotonyl-CoA carboxylase/ reductase. 
 Intermediate 1-79 is proposed to be the product 
of an ene reaction, which is a pericyclic reaction. A 
pericyclic reaction is a concerted reaction that 
passes through a single transition state formed from 
a continuous ring of overlapping atomic orbitals 
creating a p molecular orbital system containing 
the magic aromatic numbers of electrons, 6 or 10, 
that make it aromatic. An ene reaction that forms 
intermediate 1-79 in the reduction of (E)-but-
2-enoyl-SCoA by NADPH in the active site of cro-
tonyl-CoA carboxylase/reductase 

     
                  (1-97) 
                                     
*Percent identity is the percent of positions in the two optimally 
aligned sequences that have identical amino acids. Gap percent is 
the number of gaps for every 100 amino acids required to obtain 
the greatest percent identity. A percent identity in excess of 20% 
is usually a strong indication that the two protein molecules have 
superposable structures and that the catalytic groups in the active 
sites, their roles, and the orientation of the substrates when they 
are associated with the active site are quite similar. 

has a transition state arising from remixing of the 
molecular orbitals of the reactant to form an aromatic 
transition state and from remixing of the atomic 
orbitals forming the p molecular orbital system of 
the transition state to form the molecular orbitals 
of the product 

                  (1-98) 

Carbon 4 of the nicotinamide on which the hydro-
gen transferred is located is only 0.34 nm from car-
bon 3 of the (E)-but-2-enoyl-SCoA to which it is to 
be transferred, and carbon 2 of the nicotinamide is 
only 0.36 nm from carbon 2 of the (E)-but-2-en-
oyl-SCoA with which it is to form a s bond (dashed 
line in Figure 1-16).  
 The octanoyl homologue of intermediate 1-79, 
in which the methyl group is an n-pentyl group, 
has been isolated from a reaction mixture in which 
a mutant of enoyl-[acyl-carrier-protein] reductase 
(NADH) from Mycobacterium tuberculosis is reducing 
(E)-oct-2-enoyl-SCoA* to octanoyl-SCoA295 while oxi-
dizing NADH to NAD+. In a crystallographic molecu-
lar model of the active site of this enzyme,296 the 
p molecular orbital system of (E)-oct-2-enoyl-SCoA 
forms a stack with NAD+. In this instance, however, 
the enolate of octanoyl-SCoA that dissociates from 
the intermediate homologous to 1-79 during the 
normal enzymatic reaction is hydronated at the 
a carbon instead of being carboxylated because the 
product of the reaction is to be octanoyl-SCoA. The 
                                     
*Acyl-carrier protein is a small protein that carries thioesters 
among the enzymes involved in the biosynthesis of fatty acids. 
The portion of acyl-carrier protein closest to the thioester is 
identical to the distal portion of coenzyme A so the two can 
usually be interchanged in the reaction of an enzyme that 
normally would have the thioester of acyl-carrier protein as a 
substrate such as enoyl-[acyl-carrier-protein] reductase (NADH). 
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absence of a catalytic acid in the appropriate location 
in the active site of crotonyl-CoA carboxylase/ 
reductase precludes the hydronation of the enolate 
in its enzymatic reaction. Enoyl-[acyl-carrier-
protein] reductase (NADH) is a much more widely 
distributed enzyme than crotonyl-CoA carboxylase/ 
reductase because it is essential for the biosynthesis 
of fatty acids. 
 There are calculations based on the crystallo-
graphic molecular model of the active site of the 
unrelated297 enoyl-[acyl-carrier-protein] reductase 
(NADPH) from Candida tropicalis, in the active 
site298 of which (E)-but-2-enoyl-SCoA also forms a 
stack with NADP+. These calculations indicate that 
the direct transfer of the hydride to (E)-but-
2-enoyl-SCoA in a Michael addition should be 
more energetically favorable than an ene reaction.299 
The transition state, however, for the transfer of the 
hydride that is pictured in the report of these calcu-
lations does not involve any reorientation of the 
(E)-but-2-enoyl-SCoA to assume the orientation for 
an in-line transfer, which other calculations indicate 
is a requirement for the transition state of hydride 
transfer.261,262 Following the transfer of the hydride, 
the carbon–carbon bond holding the two halves of 
intermediate 1-79 would form through a separate 
transition state. No explanation, however, is given 
as to why intermediate 1-79 would be necessary if 
the hydride has already been transferred. 
 Intermediate adduct 1-79 between (E)-but-
2-enoyl-SCoA and NADPH dissociates into NADP+ 
and the enolate of butanoyl-SCoA (1-80) 

   
                  (1-99) 

The aromatization of NADP+ drives the dissociation, 
which would otherwise involve the loss of a s bond 
and the formation of a weaker p bond. The enolate 
of butanoyl-SCoA is nucleophilic at its a carbon. 
In the active site of crotonyl-CoA carboxylase/ 
reductase, the nucleophilic carbon of the enolate 
adds to a molecule of carbon dioxide, an electro-
phile, held by the active site adjacent to the enolate, 
to give the product (2S)-ethylmalonyl-SCoA. 
 These observations suggest that there may well 
be a common mechanism for the transfer of the 
hydrogen from NADH to an electrophilic atom in 
the enzymes in which the substrate forms a stack 
with the nicotinamide. This mechanism proceeds 
with a pericyclic addition followed by the dissocia-
tion of the adduct to form an enolate or the homo-
logue of an enolate, which is then either hydronated 
or carboxylated. 
 
 

Suggested Reading 

Powell, M. F., Wu, J. C., and Bruice, T. C. (1984) Fer-
ricyanide oxidation of dihydropyridines and 
analogues, J. Am. Chem. Soc. 106, 3850-3856. 
https://doi.org/10.1021/ja00325a024 

Thoden, J. B., Frey, P. A., and Holden, H. M. (1996) 
Molecular structure of the NADH/UDP-glucose 
abortive complex of UDP-galactose 4-epimer-
ase from Escherichia coli: Implications for the 
catalytic mechanism, Biochemistry 35, 5137-
5144. https://doi.org/10.1021/bi9601114 

Rosenthal, R. G., Ebert, M.-O., Kiefer, P., Peter, D. 
M., Vorholt, J. A., and Erb, T. J. (2014) Direct 
evidence for a covalent ene adduct interme-
diate in NAD(P)H-dependent enzymes, Nat. 
Chem. Biol. 10, 50–55. https://doi.org/10.1038/ 
nchembio.1385 

 
  

N

H
H

H

S
H

1
O

”

O

”:

NH2

N

O
H NH2

S

H

”

O

”

H

H

)

(

:

H3C
H3C ““ :

:

H
H

H
C

S
RH3C

CO O

”

O

”

OO““ ““:

1

+  CO2

N

O
H NH2

(

)

1– 80



One-Carbon Chemistry 
 

85 

One-Carbon Chemistry 

Formaldehyde and formic acid are one-carbon 
compounds widely involved in metabolism. These 
molecules, however, are rarely found free in the cy-
toplasm but are, like a hydride, a fatty acyl group, 
or a methyl group, associated with a coenzyme. 
The coenzyme that carries the single carbons 
equivalent to formaldehyde and formic acid is tetra-
hydrofolate 

 

The formaldehyde or the formic acid is carried on 
nitrogen 5 or nitrogen 10 of the tetrahydrofolate or 
on both of them simultaneously. These nitrogens 
are three atoms apart, so the transfer of the equiva-
lent of formaldehyde or formic acid between them, 
which involves either a gem-diamine or a tetrahedral 
intermediate, respectively, can occur through an 
intermediate five-membered ring. 
 Again, the coenzyme seems far more elaborate 
than the role of carrying formaldehyde and formic 
acid should require. In addition, the form of the co-
enzyme present in the cell is even more elaborate. 
In a cell, several additional ¬-glutamates, each linked 
by its a-amino group to the g-glutamyl group of the 
one previously added, are attached to the g-carboxyl 
group of the ¬-glutamate in tetrahydrofolate to form 
a regular, linear polymer of ¬-glutamates,300 and 
enzymes using tetrahydrofolate associate preferen-
tially with one or the other of the polyglutamylated 
forms.301 
 Other portions of the coenzyme act to adjust 
the basicities of nitrogen 5 and nitrogen 10. The 
planar pyrimidinyl group of tetrahydrofolate (the 
ring containing atoms 1-4) is analogous to a heter-
ocyclic pyrimidinyl base in nucleic acid; and, as 
with the base of a nucleic acid, the three nitrogens 
exocyclic to the pyrimidinyl group, those attached to 
carbon 2 and at positions 5 and 8, are planar nitro-
gens302 with conjugated p lone pairs of electrons.  
 
 

The exocyclic amino group at carbon 2 of the pyrimi-
dinyl group and nitrogen 8 of the tetrahydrofolate 
are both directly conjugated to the acyl oxygen 
at position 4. The lone pairs of electrons on these 
nitrogens are presumably as weakly basic as the lone 
pair of electrons on the nitrogen of N-methyl-
acetamide, the conjugate acid of which is quite strong 
(pKa = -6). These two nitrogens will rarely if ever be 
dihydronated and cationic. 
 The values of pKa for nitrogen 5 and nitrogen 
10, however, are the more relevant to the chemistry 
of tetrahydrofolate. Nitrogen 5 of tetrahydrofolate 
(exocyclic to the pyrimidinyl group) is only poorly 
conjugated to the acyl oxygen at position 4 in the 
pyrimidinyl group, and the pKa of its conjugate acid 
(4.82)303 is close to that of the conjugate acid of 
aniline (4.63). If this is also true for the second pKa 
of nitrogen 5, that for the neutral secondary amino 
group, then this second pKa should be about the 
same as that for the neutral amino group in aniline 
(pKa @ 30). The nitrogen at position 10 is analogous 
to the nitrogen in 4-carbamoylaniline (estimated 
pKa = 2-3).* Its conjugate acid, however, has a pKa 
of -1.25, which reflects both the electron withdrawal 
of the carbamoyl group para to the amino group 
and the fact that at the pH at which the hydron 
dissociates from the 10-ammonio group, both nitro-
gen 1 and nitrogen 5 are hydronated and cationic. 
Consistent with these values of pKa, the equilibrium 
constant between 10-formyltetrahydrofolate and 
5-formyltetrahydrofolate is about 107 in favor of 
the latter.304-306 
 The difference in the values of pKa between the 
conjugate acids of nitrogen 5 and nitrogen 10, 
however, does not seem to be necessary for the role 
that tetrahydrofolate plays in one-carbon chemistry. 
Tetrahydromethanopterin is a folate used in one-
carbon chemistry in many archaebacteria.307 The 
substituent para to nitrogen 10 in 5,6,7,8-tetra-
hydromethanopterin, unlike that in 5,6,7,8-tetra-
hydrofolate, is a fully saturated carbon so the pKa of 
the conjugate acid of nitrogen 10 should be close to 
that of aniline and no different from the pKa of the 
conjugate acid of carbon 5, and yet tetrahydro-
methanopterin functions effectively in its role in 
these bacteria. The two folates, tetrahydrofolate 
and tetrahydromethanopterin, however, are not 
interchangeable.308 

                                     
*This estimate is based on the fact that pKa of 4-ethoxy-
carbonylaniline is 2.38 and the observation that a carbamoyl 
group and and ethoxycarbonyl group have about the same 
ability to withdraw electron density. 
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 An equivalent of formaldehyde is carried as 
the iminium on nitrogen 5 of tetrahydrofolate 

 

or, more stably,309 as the gem-diamine in N5,N10-
methylenetetrahydrofolate 

 

It is rarely carried on nitrogen 10 alone. In the 
gem-diamine, the two nitrogens remain conjugated 
to the adjacent p molecular orbital systems of the 
respective rings. Because of its stability and the fact 
that it is chemically unreactive, N5,N10-methylene-
tetrahydrofolate is the exclusive adduct of formal-
dehyde found in free solution in the cytoplasm of 
organisms that use tetrahydrofolate as a carrier 
of formaldehyde. N5-Methylenetetrahydrofolate 
(1-82), however, is the electrophilic intermediate 
that usually reacts with a nucleophilic substrate in 
the nucleophilic substitutions at the methylene 
carbon in the active sites of enzymes that use 
N5,N10-methylenetetrahydrofolate as a donor of the 
equivalent of formaldehyde.84 
 Because of their toxicity, neither the hydrate of 
formaldehyde nor the small amount of unhydrated 
formaldehyde in equilibrium with the hydrate (Table 
1-2) usually exists in the cytoplasm. Their toxicity 
arises from the fact that formaldehyde free in solu-
tion reacts with proteins and nucleic acids to modify 
them and to crosslink them in complex and as yet 
poorly understood reactions. Its direct, nonenzy-
matic reaction with tetrahydrofolate to form 
N5,N10-methylenetetrahydrofolate may occur under 
certain circumstances;310 but most, if not all, of the 
N5,N10-methylenetetrahydrofolate in the cell is 
made from ¬-serine by the enzyme glycine hydroxy-
methyltransferase 

  
                     (1-100) 

 In the reaction between formaldehyde and a 
model compound for tetrahydrofolate309 

 

the iminium of one of the two nitrogens homolo-
gous to nitrogen 5 and nitrogen 10 is formed in a 
rapid equilibrium by a reaction involving a hemi-
aminal that dehydrates under catalysis by an acid 
(Figure 1-7). The homologue of this reaction occurs 
rarely in living organisms, but the iminium that is 
the product of this nucleophilic addition is homol-
ogous to the intermediate in the reaction catalyzed 
by glycine hydroxymethyltransferase that immediately 
precedes the formation of the N5,N10-methylene-
tetrahydrofolate (1-83) that is the final product of 
the enzymatic reaction. In the model reaction in 
solution, the gem-diamine is formed from the 
iminium by nucleophilic addition 

      
                     (1-101) 

Because the nucleophile in this nucleophilic addi-
tion is a weakly basic anilino nitrogen (pKa = 2.9), 
this step must be catalyzed by a base, which removes 
the hydron from that nitrogen during its addition 
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to make it more nucleophilic.309 The hydron can-
not be removed prior to the nucleophilic addition 
because of its high pKa. 
 An equivalent of formic acid is also carried at 
one or both of the two anilino nitrogens, either on 
nitrogen 5 

 

as the more stable N5-formyltetrahydrofolate 
(1-85), or at nitrogen 10 as the less stable N10-formyl-
tetrahydrofolate, or as the formamidinium between 
the two nitrogens, as in N5,N10-methenyltetra-
hydrofolate 

    

In its various guises, the formic acid has, as it must, 
three bonds to heteroatoms. The hydrogen on the 
methenyl group in N5,N10-methenyltetrahydrofolate 
is acidic because the conjugate base is an ylide.311 
 N5,N10-Methenyltetrahydrofolate (1- 86) is 
formed from N5-formyltetrahydrofolate by a nucle-
ophilic substitution (Figure 1-20). Nitrogen 10 is a 
poor nucleophile (pKa = -1.25). Consequently, while 
nitrogen 10 adds to the formyl group of 1-85 to form 
this tetrahedral intermediate, a base must simulta-
neously remove its hydron to make it a better nucleo-
phile, as is the case in the model compound.312 The 
reaction proceeds through a tetrahedral intermediate 
from which the oxygen is the leaving group. 
 In N5,N10-methenyltetrahydrofolate (1-86) 
both the 4-N-acylaminophenyl ring attached to 

nitrogen 10 and the pyrimidinyl ring attached to 
nitrogen 5 are twisted out of the plane of the form- 
amidine by steric effects (Figure 1-21),302 but the 
twist is not sufficient to break an extended p system 
that includes the entire pyrimidinyl group, nitrogen 
5, the formyl carbon, nitrogen 10, and the 4-N-acyl-
aminophenyl group. 
 

 

 
Figure 1-20: Transformation of N5-formyltetrahydrofolate to 
N5,N10-methenyltetrahydrofolate. Formation of the tetrahedral 
intermediate occurs with catalysis by a general base, and the 
oxygen of the tetrahedral intermediate must be hydronated 
before it can leave to yield the amidinium ion. 
 
 
 
 When they are adducts of tetrahydrofolate, 
the equivalents of formaldehyde and formic acid 
are interconverted by an oxidation–reduction in-
volving hydride transfer 

     
                      (1-102) 

This hydride transfer is catalyzed by the enzyme 
methylenetetrahydrofolate dehydrogenase, which 
uses as a source of the hydride either nicotinamide-
adenine dinucleotide, nicotinamide-adenine dinu-
cleotide phosphate,313 or coenzyme F420 (1-69),314 
depending on the species from which the enzyme 
is purified. 
 The reduction of N5-methylenetetrahydrofolate 

  
                     (1-103) 

produces N5-methyltetrahydrofolate. This reaction 
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Figure 1-21: Crystallographic molecular model of the conju-
gate acid of N5,N10-methenyltetrahydrofolate.302 White atoms 
are carbons unless otherwise indicated and the small white 
atoms are hydrogens. The dication of N5,N10-methenyltetra-
hydrofolate was produced from N5-formyltetrahydrofolate in 
hydrochloric acid and crystallized as the bromide salt from 
50% hydrobromic acid. A map of electron density was derived 
from X-ray diffraction of these crystals. The asterisks denote 
the two chiral carbons in this, the naturally occurring diastere-
omer. The absolute configuration at these carbons was verified 
with anomalous dispersion. The two formal positive elemen-
tary charges of the dication are located in the planar guanidino 
group in the lower left of the molecule and the amidinium of 
the methenyl group. Reprinted with permission from reference 
302. Copyright 1979 American Chemical Society. https:// 
doi.org/10.1021/ja00514a041 
 
is catalyzed by the enzyme methylenetetrahydro-
folate reductase, which also uses either NADH or 
NADPH. N5-Methyltetrahydrofolate can act as a 
simple methylating agent (Equation 1-19) in a 
concerted nucleophilic substitution with strong 
nucleophiles such as thiolate ion.315 For example, 
the archaebacterial analogue of N5-methyltetra-
hydrofolate, 5-methyl-5,6,7,8-tetrahydromethano-
pterin, is the source of the methyl group of S-methyl 
coenzyme M (S-methyl-2-sulfanylethanesulfonate). 
It is this methyl group that is, in turn, the source of 
the methane produced by these bacteria.245 

 Methionine synthase transfers the methyl 
group from N5-methyltetrahydrofolate to ¬-homo-
cysteine to produce ¬-methionine. The thiolate of 
¬-homocysteine is the nucleophile, and nitrogen 5 of 
N5-methyltetrahydrofolate is the leaving group in a 
simple concerted nucleophilic substitution. The 
problem faced by the enzyme is that nitrogen 5 is 
an anilino nitrogen. Because the pKa of the conjugate 
acid of nitrogen 5 in N5-methyltetrahydrofolate is 5, 
it is unhydronated at neutral pH, and because the 
pKa of the neutral 5-alkylamino group of 
5,6,7,8-tetrahydrofolate is around 30, the unhydro-
nated nitrogen is a poor leaving group. The enzyme 
from Candida albicans solves this problem by 
providing an acid that hydronates the nitrogen before 
the nucleophilic substitution commences to make 
it a better leaving group.316 The hydron on a histi-
dinium side chain is relayed to nitrogen 5 by a 
molecule of water.317 
 Tetrahydrofolate itself is oxidized and 7,8-dihy-
drofolate is reduced by hydride transfer in a reaction 
catalyzed by dihydrofolate reductase 

   
                     (1-104) 

This reaction regenerates tetrahydrofolate by reduc-
tion from the 7,8-dihydrofolate produced during 
the synthesis of thymidine by thymidylate synthase 

  
                     (1-105) 

and it also participates in the production of tetra-
hydrofolate from the vitamin folate. 
 
 The enzymatically catalyzed reactions involving 
adducts of tetrahydrofolate with the equivalent of 
either formic acid or formaldehyde have mecha-
nisms that avoid the formation of free formic acid 
or free formaldehyde. 
 The transfer of a formyl group from N5,N10-
methenyltetrahydrofolate (1-86) is often to a third 
amine, as in the reaction catalyzed by phospho-
ribosylglycinamide formyltransferase 1 
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                     (1-106) 

The first step in a reaction of this type is addition of 
the amine of the acceptor to the formyl carbon in 
N5,N10-methenyltetrahydrofolate (Figure 1-22),318,319 
which is an amidine and as a result a strongly elec-
trophilic acyl derivative. After it has been dehydro-
nated, the resulting neutral form of the resulting 
tetrahedral intermediate has three possible leaving 
groups, each an amine. The hydronation of one or 
the other of the two p lone pairs of electrons on the 
nitrogens of the tetrahydrofolate to make that nitro-
gen a reasonable leaving group is far more difficult 
than the hydronation of the aliphatic amine that 
just associated. If, however, the aliphatic amine is 
hydronated and leaves, this only regenerates the 
reactants. In order for the reaction to proceed, one 
of the anilino nitrogens of the tetrahydrofolate 
must be hydronated to make it a leaving group. 
Usually it is nitrogen 5 that is hydronated because 
it is the more basic nitrogen.319 
 After nitrogen 5 of the tetrahydrofolate leaves, 
the product of the first nucleophilic substitution is 
a mixed amidine between nitrogen 10 of tetrahydro-
folate and the nitrogen of the amine. To complete 
the transfer of the formyl group, either hydroxide 
or water from which a hydron is being removed 
attacks this mixed amidine to form a second tetra-
hedral intermediate. At this point a difficulty arises. 
In free solution the leaving group from this tetra-
hedral intermediate is always the aliphatic amine 
rather than the anilino nitrogen,318 because the ali-
phatic nitrogen is definitely more basic, and hence 
more readily hydronated, than the anilino nitrogen. 
Presumably, in the enzymatic reaction there is a 
catalytic acid adjacent to nitrogen 10 to hydronate 
the anilino nitrogen and complete the transfer of 
the formyl group to the aliphatic amine. If the ali-
phatic amine were to leave, then the products of 
the second nucleophilic substitution would be 
10-formyltetrahydrofolate and the amine that was 
the original reactant. 

 

Figure 1-22: Transfer of the formyl group from N5,N10-meth-
enyltetrahydrofolate to the primary amine on phosphoribosyl-
glycinamide.318,319 The reaction involves two consecutive 
nucleophilic substitutions at the formyl carbon: in the first, the 
amine from the glycinamide enters and an anilino nitrogen of 
tetrahydrofolate leaves, and in the second, the oxygen of a 
molecule of water under base catalysis or a hydroxide ion enters 
and the other anilino nitrogen of tetrahydrofolate leaves. 
 
 
 
 
 
 
 
 
 The transfer of the equivalent of formaldehyde 
from N5,N10-methylenetetrahydrofolate (1-83) to a 
nucleophile usually proceeds through the electrophilic 
iminium of N5-methylenetetrahydrofolate (1-82), 
which can transfer the single carbon to a nucleophile 
directly. The necessary N5-methylenetetrahydro-
folate is formed in the reverse of the reaction in 
Equation 1-101. For example, in the reaction cata-
lyzed by 3-methyl-2-oxobutanoate hydroxymethyl-
transferase
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                     (1-107) 

the single electrophilic imino carbon on nitrogen 5 
of N5-methylenetetrahydrofolate is transferred in a 
nucleophilic substitution (see reverse of the reaction 
in Figure 1-7) in which the nucleophilic carbon in 
the enolate of 3-methyl-2-oxobutanoate replaces 
the anilino nitrogen of tetrahydrofolate. The leaving 
group in this nucleophilic substitution at the methyl-
ene carbon is nitrogen 5 of tetrahydrofolate (pKa @ 30). 
Consequently, it is again necessary to provide an acid 
to hydronate nitrogen 5 during the nucleophilic 
substitution, or it will not leave. 
 When the equivalent of either formaldehyde or 
formic acid is transferred to nitrogen 5 in tetrahydro-
folate from an electrophile, nitrogen 5 is required to 
act as a nucleophile. It is, however, a poor nucleophile 
because its conjugate acid is fairly strong (pKa = 4.82). 
Its nucleophilicity can be enhanced, however, by 
removing the hydron from nitrogen 3 (pKa = 10.5).303 
Although this enhancement cannot be demon-
strated by resonance, the negative formal elementary 
charge resulting from this dehydronation at nitro-
gen 3, which is shared by nitrogen 3 and oxygen 4, 
decreases inductively the delocalization of the lone 
pair of electrons on nitrogen 5 into the pyrimidinyl 
ring and increases its nucleophilicity. For example, 
in the active sites of aminomethyltransferase from 
Thermotoga maritima320 and thymidylate synthase 
from E. coli, 321 both enzymes in which nitrogen 5 
of tetrahydrofolate must be nucleophilic in the normal 
forward direction, the nitrogen–hydrogen bond of 
nitrogen 3 of the tetrahydrofolate forms a hydrogen 
bond to a glutamate and an aspartate, respectively, 
which are significant bases capable of increasing 
the nucleophilicity of nitrogen 5. There are excep-
tions to this assistance. In glycine hydroxymethyl-
transferase from Geobacillus stearothermophilus, 
nitrogen 3 is forming a hydrogen bond with an 
amido oxygen from the polypeptide backbone,322 
which is not a significant base. 
 In the reaction catalyzed by 3-methyl-2-oxo-
butanoate hydroxymethyltransferase (Equation 1-107), 
the electrophilic methenyl group is transferred from 
nitrogen 5 of N5,N10-methylenetetrahydrofolate to 

carbon 3 of 3-methyl-2-oxobutanoate. The nucleo-
phile in this transfer is the enolate that is the con-
jugate base of 3-methyl-2-oxobutanoate. This eno-
late is formed by the dissociation of a hydron from 
the saturated but acidic carbon 3 of 3-methyl-
2-oxobutanoate. This carbon is acidic because it is 
immediately adjacent to an acyl group. 
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Enolates, Enols, and Enamines 

The hydrogen on a carbon immediately adjacent 
to a carbonyl group or an acyl group is acidic (Fig-
ure 1-23)33,34,38,323-335 because the electronegative 
oxygen two atoms away from that carbon can support 
the excess electron density of the conjugate base. 
The simplest examples of this acidity are that of acet-
aldehyde, the pKaK* of which is 16.7 

 
                (1-108) 

and ethyl acetate (pKaK = 25.6)  

                (1-109) 

 
                                     
*The subscript K indicates that the pKa is that for the keto tauto-
mer of the carbonyl compound or the keto form of the acyl 
derivative. The subscript E indicates that the pKa is that for the 
enol tautomer. 
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Figure 1-23: Values of pKa for the acid dissociations of a series 
of keto tautomers and their enol tautomers.33,34,38,323-335 The 
enolate ion of each compound is drawn. The number next to 
the a carbon of the enolate ion is the pKa of the keto tautomer 
of its conjugate acid (pKaK, Equation 1-110); the number next 
to the oxygen of the enolate ion is the pKa of the enol tautomer 
 
 
The two respective resonance structures demonstrate 
the conjugation of the neighboring oxygen in the 
enolate. This conjugation, which shifts negative 
charge from the carbon onto the more electronega-
tive oxygen to stabilize the enolate, causes the acid 
dissociation constant of acetaldehyde to be much 
less than that of propane (pKa @ 50), in which a methyl 
group takes the place of the oxygen, and it causes 
the acid dissociation constant of ethyl acetate to be 
much less than that of ethyl isopropyl ether (pKa @ 49). 
 Because hydroxide can remove a hydron from 
acetaldehyde many orders of magnitude more 
rapidly than it can from propane, the neighboring 
p molecular orbital system must be involved in the 
transition state for the dissociation of a hydron on 
the carbon adjacent to a carbonyl or acyl group 
(Figure 1-24). The two electrons in the occupied 
bonding molecular orbital of the original carbon–
hydrogen s bond remain behind in the p molecular 
orbital system of the enolate. As the transition state 
is approached, this occupied s molecular orbital of 
the carbon–hydrogen bond overlaps the unoccupied 
antibonding p* molecular orbital of the p molecular 
orbital system between carbon and oxygen. This 
overlap will create the occupied nonbonding p molec- 

 
of its conjugate acid (pKaE, Equation 1-110). The value of the 
respective pKE (Equation 1-110) is the difference between the 
two numbers (Equation 1-111). The values of pKa for the 
different tautomers of glycine and ¬-proline containing 
ammonio groups are estimates from various thermodynamic 
cycles.332,334 
 
 
ular orbital of the enolate once the hydron has been 
removed. Also during the approach to the transition 
state, the occupied atomic orbital of the lone pair of 
electrons on the base that removes the hydron over-
laps the unoccupied antibonding molecular orbital 
of the carbon–hydrogen bond to gain access to the 
hydron. In the transition state, the atomic orbital of 
the base, the 1s orbital of the hydrogen, two p orbitals, 
one on each of the two carbons, and a p orbital on 
the oxygen mix, and three of the five resulting molec-
ular orbitals of the transition state are occupied by 
the six electrons participating in the reaction. The 
transition state decomposes into the hydronated base 
and the p molecular orbital system of the enolate 
through an overlap between the unoccupied anti-
bonding molecular orbital of the s bond between 
the base and the hydron and the nonbonding 
p  molecular orbital of the resulting enolate 
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Figure 1-24: Removal of a hydron by a base, B, from a carbon 
adjacent to a carbonyl group. As the atomic orbital occupied 
by the lone pair of electrons on the base (solid outline) over-
laps the unoccupied antibonding molecular orbital of the 
carbon–hydrogen bond (dashed outline), the occupied bonding 
molecular orbital of the carbon–hydrogen bond (solid outline) 
overlaps the unoccupied antibonding molecular orbital of the 
p bond between carbon and oxygen (dashed outline). The five 
atomic orbitals that mix in the transition state are the atomic 
orbital of the base, the s orbital of the hydrogen, and three 
p orbitals on the two carbons and the oxygen. The transition 
state decomposes through a form in which the unoccupied 
antibonding molecular orbital of the s bond between the base 
and the hydron (dashed outline) overlaps the occupied non-
bonding p molecular orbital (composed from the two periph-
eral p orbitals) of the enolate. These overlaps occur in each 
direction of the reaction. 

which is its highest occupied molecular orbital. 
 For the acid–base reaction to occur in this way, 
the hydron removed from carbon must be in a 
s  bond parallel to the p  molecular orbital system 
to permit the necessary overlaps and mixing in the 
transition state 

 

It has already been explained in the section describing 
the transfer of a hydron why this removal of a hydron 
from the carbon a to a carbonyl or acyl group by a 
base, even when the reaction is significantly exergonic, 
is a slow process. 
 The highest occupied nonbonding p molecular 
orbital of the enolate (1-87) is nucleophilic because 
it bears the pair of electrons that constitute the excess 
electron density of the enolate and are responsible 
for its negative elementary charge. The fact that an 
enolate can be stabilized by donors for hydrogen 
bonds directed parallel to this nonbonding 
p molecular orbital336 is consistent with the fact 
that it contains the excess electron density and the 
nucleophilicity. This nonbonding p molecular orbital 
accounts for the resonance structures (Equation 
1-108) that assign negative charge only to the two 
end atoms of the three atoms participating in the 
enolate. The formalism of resonance structures is a 
reflection of the fact that the highest occupied 
molecular orbital (1-87) has a node close to the 
central carbon and significant lobes over only the 
peripheral carbon and the oxygen. 
 
 The enolate of a carbonyl compound or acyl 
compound can be hydronated on oxygen to form 
the enol tautomer. Examples of enol tautomers 
would be the enolate of acetaldehyde (Equation 
1-108) that has been hydronated on its oxygen 

 

and the enolate of ethyl acetate (Equation 1-109) 
that has been hydronated on its oxygen 
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The enol tautomer of acetaldehyde is acidic at its 
hydroxy group and is a much stronger acid 
(pKaE = 10.5) than acetaldehyde itself, and the enol 
tautomer of ethyl acetate is acidic at its hydroxy 
group and is a much stronger acid (pKaE = 7.1) than 
ethyl acetate itself (Figure 1-23). During the dehy-
dronation of an enol tautomer, the hydron that is 
removed and that leaves behind a s lone pair of 
electrons is in a s bond to oxygen that is in the 
s plane of the enol orthogonal to and uninvolved in 
the p molecular orbital system of the enol tautomer 
(see 1-87). Removal of the hydron from the oxygen 
of the enol tautomer of acetaldehyde (DpKa = 5.2) 
or the oxygen of the enol tautomer of ethyl acetate 
(DpKa = 8.6) by a strong base such as hydroxide is a 
encounter-controlled reaction.16 This behavior is 
consistent with an uncomplicated removal of a hydron 
from a s lone pair of electrons on oxygen. 
 In solution, an enol tautomer is in equilibrium 
with both its enolate and its keto tautomer. An exam-
ple of these equilibria is shown for acetaldehyde 

            (1-110) 

The equilibrium between the keto form and the enol, 
with the equilibrium constant KE, is a keto–enol 
tautomerization. Because the three reactions are 
linked 

           (1-111) 

 For compounds such as acetaldehyde 
(pKE = 6.2)324 and other aldehydes; for acetoacetic 
acid (pKE = 2.2),337 other b-oxo acids, and b-oxo 
esters;325 and for enol tautomers conjugated to 
carbon–carbon double bonds,333 the value for KE is 
large enough that measurable amounts of the enol 
 

tautomer are present in solution at equilibrium 
with the dominant keto tautomer. In most other 
cases, the equilibrium constant for the keto–enol 
tautomerization, KE, is so small that the concentra-
tion of enol tautomer is undetectable. A solution of 
the pure enol tautomer, however, can be prepared 
by rapidly mixing a metallic salt of the enolate, dis-
solved in organic solvent, with water. The enolate is 
immediately hydronated on the oxygen to produce 
the enol tautomer338 before the enol tautomer slowly 
converts to the keto tautomer because the hydro-
nation of a s lone pair of electrons on a heteroatom, 
even though it is less basic, is much faster than the 
hydronation of a carbon atom in a p molecular orbital 
system. A solution of the enol tautomer can also be 
prepared even more rapidly by photolysis of an 
appropriate precursor.339 From the kinetics of the 
subsequent approach to equilibrium between the 
keto and enol tautomers, the equilibrium constants 
of Equation 1-110 can be measured.324 The values 
of pKaK and pKaE for a series of enol tautomers and 
their keto tautomers have been measured by these 
methods and also estimated from the rates33 at which 
the hydrons on a carbons adjacent to carbonyl or 
acyl groups exchange in the presence of base 
(Equation 1-110). 
 
 The acidity of a hydron on the a  carbon adjacent 
to a carbonyl or acyl group in the keto tautomer 
varies as the substituents attached to the carbonyl 
or acyl carbon, or to the a  carbon itself, are 
changed (Figure 1-23). These effects are relevant 
because there are many enzymatic reactions in 
which a hydron is removed from a carbon a to a 
carbonyl or acyl group by a catalytic base in the active 
site. In each of these enzymatic reactions, the pKa 
of that particular carbon determines the ease with 
which it can be transferred to the base in the active 
site. 
 When the hydrogen on the carbonyl carbon of 
acetaldehyde [pKaK (acetaldehyde) = 16.7] is changed 
to a methyl group, the pKa of the a hydron increases 
[pKaK(acetone) = 19.3]. This increase in pKa reflects 
the hyperconjugation of the carbon–hydrogen 
s bonds of the methyl group. In the enolate, the 
pairs of electrons in these s bonds push into the 
p system and destabilize the anion relative to the 
neutral conjugate acid, and in the neutral conju-
gate acid, this hyperconjugation releases electron 
density to the electron-deficient carbon of the car-
bonyl group to stabilize it. 
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 When the hydrogen on the carbonyl carbon of 
acetaldehyde is replaced with an ethoxy group or a 
hydroxy group, the pKa of the a hydron increases 
even more [pKaK(ethyl acetate) = 25.6; pKaK(acetic 
acid) = 26.6] because the lone pairs of electrons on 
the oxygen that has been added push electron den-
sity even more strongly into the p molecular orbital 
system of both the enolate and the keto tautomer 
than does the methyl group. When the hydrogen on 
the carbonyl carbon of acetaldehyde is replaced 
with a carbamoyl group, the pKa of the a hydron 
[pKaK(acetamide) = 28.4] increases further because 
the electrons in the lone pair on the neutral nitrogen 
are more basic than those on a neutral oxygen. 
When the hydrogen on acetaldehyde is replaced by 
an oxyanion, the pKa of the a hydron [pKaK(acetate 
ion) = 33.5] increases even further because of the 
even stronger basicity of lone pairs of electrons on 
the anionic oxygen. Because the electrons affecting the 
acidity in these instances are lone pairs of electrons 
rather than s bonds as in the case of hyperconjuga-
tion, resonance structures can be written for each 
of these electron donations. 
 When the hydrogen on the carbonyl carbon of 
acetaldehyde is replaced by an ethylsulfanyl group, 
however, the pKa of the a hydron [pKaK(ethyl thio-
acetate) = 21.0] does not increase so much as when 
it is replaced by an ethoxy group because the lone 
pairs of electrons on a sulfur do not overlap effec-
tively with the p system of the enolate or the car-
bonyl group. Consequently, they do not destabilize 
the enolate and stabilize the carbonyl group as much 
as do the lone pairs of electrons on an oxygen.340 
This failure of lone pairs of electrons on sulfur, an 
element in the third row of the periodic table, to 
overlap effectively with a p system of atoms from 
the second row341 results from a mismatch in the 
size of the respective p orbitals. This fact explains 
why, when a hydron has to be removed by an 
enzyme from the carbon a to an acyl group, the 
acyl group will usually be a thioester of coen-
zyme A, a thioester of a cysteine on the enzyme 
itself, or a thioester of a pantetheine attached to the 
enzyme as a posttranslational modification. 
 When the hydrogen of acetaldehyde is replaced 
by a carboxy group, the pKa of the a hydron does not 
change at all [pKaK(pyruvate ion) = 16.7] because the 
withdrawal of electron density from the enolate or 
the carbonyl carbon by the electropositive carbon 
of the carboxylato group through the s system is 
 
 
 

cancelled by the donation of electron density into 
the p system of the enolate and the carbonyl group 
from the p system of the carboxylato group. If, 
however, the hydrogen on acetaldehyde is replaced by 
an N-methylpyridinio group, the pKa of the a hydron 
decreases significantly [pKaK(2-acetyl-N-methyl-
pyridinium ion) = 11.1] because the withdrawal of 
electron density through the s system by the 
nitrogen bearing a positive elementary charge 
outweighs the donation of electron density through 
the p system from the aromatic pyridinyl group. 
 The acidity of the a carbon in the keto tautomer 
of a carbonyl or acyl compound is also affected by 
substitutions at the acidic a  carbon itself. In partic-
ular, when a carbon in an a position is adjacent to 
a double bond between the atoms in the b  and 
g  positions, the p molecular orbital system of that 
double bond becomes conjugated to the enolate in 
a p molecular orbital system encompassing five atoms 
upon removal of the hydron from the a carbon. The 
pKa of the a carbon decreases relative to an analogous 
a carbon that is adjacent to a fully saturated carbon 
[pKaK(4-andro-stene-3,17-dione) = 12.8; pKaK(ace-
tone) = 19.3] because the loss of the hydron permits 
extended conjugation to occur. The rate at which 
the hydron can be removed by a base also increases 
dramatically in such a situation,7 a fact suggesting 
that the p system of the adjacent double bond overlaps 
the carbon–hydrogen s bond in the transition state 
for hydron transfer, lowering its energy. Another 
example of the effect of a double bond between the 
atoms in the b and g positions on the acidity of an 
a hydron in a keto tautomer is manifest in the 
iminium 

 

The removal of the hydron a to the methyl ester 
creates an sp2 carbon with a p orbital that conjugates 
the carbon–nitrogen double bond to the resulting 
enolate. This conjugation again produces a p molec-
ular orbital system spread over five atoms. As a result, 
the pKaK (14)* of iminium 1-91 is 7 units lower than 
the pKaK (21) of the cationic conjugate acid of methyl 
glycinate.342 
 

                                     
*Again, the pKa of the iminium cation was estimated indirectly 
from other acid dissociation constants and rate constants for 
dehydronation. 
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 When a second carbonyl or acyl group is sub-
stituted for one of the hydrogens on the carbon a to 
a carbonyl group or acyl group, the hydron between 
the two carbonyl groups is much more acidic. For 
example, acetylacetone (pKaK = 8.9) is more acidic 
than acetone (pKaK = 19.3). This increase in acidity 
reflects the stabilization brought about by delocali-
zation of the negative elementary charge through a 
p molecular orbital system spread over five atoms in 
the enolate 

 

In this p molecular orbital system, the highest occu-
pied molecular orbital, the orbital containing the 
excess electron density and the negative elementary 
charge, has nodes at the two carbons adjacent to 
the central carbon 

 

and lobes over the two oxygens and the central car-
bon. The highest occupied molecular orbital explains 
why the negative elementary charge is shared by 
only the two oxygens and the central carbon in the 
resonance structures 

 

The fact that the negative elementary charge is 
shared by two electronegative oxygens instead of 
one explains the dramatic decrease in the pKaK. 
 When one of the methyl groups of acetylacetone 
(pKaK = 8.9) is replaced with an ethoxy group, the  
 
 

acidity decreases [pKaK(ethyl acetylacetate) = 10.7], 
and when the other is replaced by an ethoxy as 
well, there is a further decrease [pKaK(diethyl malo-
nate) = 13.3]. These decreases in acidity reflect the 
stronger p electron donation of the lone pairs of 
electrons on oxygen than the hyperconjugation of 
the pairs of electrons in the carbon–hydrogen s bonds 
of a methyl group. When one of the methyl groups 
of acetylacetone (pKaK = 8.9), however, is replaced 
by an alkylsulfanyl group, the acidity of the carbon 
a to the resulting thioester remains essentially 
unchanged {pKaK[S-(2-acetamido)ethylthioacetyl-
acetate] = 8.5}, again because of the ineffective overlap 
of an atomic orbital on sulfur containing a lone pair 
of electrons with the p system of the enolate. 
 
 It is possible to acidify a hydron on a carbon 
adjacent to a carbonyl group further by converting 
the carbonyl group into an iminium343 

  
                      (1-112) 

The pKa of a hydron on acetone is decreased by 
around 11 units, from pKaK = 19 to pKaK @ 8, by this 
substitution.343 It has also been observed that, 
depending on the strength of the base, the rate of 
hydron removal from the a carbon increases by a 
factor of 105-108 in the iminium compared to the 
parent carbonyl compound.343,344 Nevertheless, the 
rates of hydron removal from the a carbon of an 
iminium are a factor of 103 slower than the rates of 
hydron removal from the respective cationic carbonyl 
compound hydronated on its oxygen (Equation 
1-112), but hydronating an imine, the conjugate 
acid of which has a pKa @ 8, is much easier than 
hydronating a carbonyl oxygen, the conjugate acid 
of which has a pKa @ -7. 
 An enamine is the vinylic amine that is the 
conjugate base resulting from the removal of a 
hydron from the carbon atom of an iminium 

_

O O”
H3C H3C

H”” ”
1– 92

O O”
H3C H3C

H”” ” 1– 93

O

CH3
H

H3C

–O

O
H

H3C

O CH3
H

H3C O–

´

´
O

CH3
)

1– 94

C
O

CH3

C
N

CH3

H
H3C H3C

C
N

CH3

H
H

H3CC
OH

CH3

H3N  +  H3C

1
( (

1H3N  +                                                       +  H2O 

hydronated carbonyl                iminium

+  H 

+

1

+  H 

+



Mechanisms for Reactions 
 

96 

    
                        (1-113) 

An enamine is more nucleophilic at the carbon than 
the corresponding enol tautomer (1-89) because 
the electronegativity of nitrogen is less than that of 
oxygen. All these considerations illustrate the advan-
tages of an enamine relative to an enol at neutral 
pH in the absence of strong bases and acids. 
 A hydron a to a thiocarbonyl is also acidic.345 
The conjugate base is an enethiolate, a vinylic thiolate 

      (1-114) 

 The acid dissociation constants of the hy-
droxy groups of enol tautomers (KaE in Equation 
1-110) are affected much less than those of the re-
spective keto tautomers by substitutions at the 
a carbon or the carbonyl or acyl carbon (Figure 
1-23), and often in the opposite direction. The values 
of pKaE for the hydroxy groups of the enol tautomers 
usually fall within the range between 7 and 13, a 
range that makes one of these hydroxy groups a 
compatible partner with a base on the side chain of 
an amino acid in an enzyme such as a histidine 
(pKa1 = 6.6; pKa2 = 14), a tyrosine (pKa = 9.8), a lysine 
(pKa = 10.5), an arginine (pKa = 13), or even an aspar-
tate or a glutamate the pKa of which has been elevated 
by its surroundings. Consequently, the transfer of a 
hydron between the hydroxy group of an enol tauto-
mer and one of these bases will be rapid and uncom-
plicated. It is simply the removal of a hydron from 
an otherwise undistinguished heteroatom. 
 An enol tautomer is less nucleophilic than its 
conjugate enolate. One way to see this is to exam-
ine the effect of hydronation of the enolate oxygen 
on the distribution of electron density in the non-
bonding p molecular orbital of the enolate (1-87). 
When one of the s lone pairs of electrons on the 
oxygen of the enolate is hydronated, the oxygen 
loses the negative charge that was pushing electron 
density onto the a carbon, and the underlying electro-
negativity of its oxygen increases the p electron 
density on that oxygen at the expense of the electron 
density on carbon. Nevertheless, the carbon in an 
enol tautomer does retain excess electron density, as  

illustrated in the right-hand resonance form of 1-89. 
On paper, this is an unlikely resonance form because 
of separation of charge, but it does indicate that the 
carbon shares the p electron density in the highest 
occupied molecular orbital and remains nucleo-
philic. When the enol tautomer is paired with a 
functional group on a side chain that has similar 
pKa in the active site of an enzyme, significant 
amounts of the more nucleophilic enolate are usu-
ally present in rapid equilibrium with the enol. 
Consequently, once the enolate is formed, it is an 
effective nucleophile. 
 
 The enol tautomer can be produced from the 
keto tautomer of an aldehyde or a ketone in an acid-
catalyzed reaction or base-catalyzed reaction in 
which either hydronation at oxygen precedes dehy-
dronation at carbon 

   
                         (1-115) 

or hydronation at oxygen occurs simultaneously 
with dehydronation at carbon346-348 

     
                     (1-116) 

In either case, as indicated in Equations 1-115 and 
1-116, the hydron is added to a lone pair of electrons 
on oxygen orthogonal to the developing p molecular 
orbital system of the enol tautomer, a hydronation 
that both increases the electronegativity of oxygen 
and increases its ability to withdraw electron density 
from the carbon–hydrogen s bond. 
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 The simultaneous hydronation of the oxygen 
of the carbonyl or acyl group by a general acid 
(Equation 1-116) makes it much easier to remove a 
hydron from the a carbon.349 In the active site of an 
enzyme, there will usually be a Brønsted acid acting 
as the donor in a hydrogen bond to one of the lone 
pairs of electrons on the oxygen of a carbonyl or 
acyl group or two Brønsted acids acting as donors 
to both of the lone pairs. One of these donors will 
provide the necessary hydron. A dicationic, metallic 
Lewis acid coordinated to one of the lone pairs will 
also acidify the a hydron, an acidification making it 
easier to remove the hydron. Nevertheless, even when 
it is immediately adjacent to a carbonyl or acyl 
group, the oxygen of which has been hydronated or 
is the ligand to a metallic ion, the removal of a hydron 
from carbon is always slow. 
 The problem of removing an a hydron is en-
countered in the extreme in the removal of the 
hydron a  to a carboxylate [pKaK(acetate ion) = 33.5; 
Figure 1-23]. Mandelate racemase from P. putida 
removes a hydron from the a carbon of mandelate 
(2-phenyl-2-hydroxyacetate ion). In the active site 
of this enzyme, one of the carboxylate oxygens of 
mandelate forms a hydrogen bond with the side 
chain of Glutamate 317, and the other forms a hydro-
gen bond with the side chain of Lysine 164 and is 
also a ligand to a Mg2+ ion.350 If the former oxygen 
in this complex is equivalent to the hydronated 
oxygen of mandelic acid, then the pKaK of the hydron 
on the a carbon would be lowered to 22. It has been 
pointed out that hydronation of the second oxygen 
would lower the pKaK of the a carbon to 7.4,351 but 
the pKa of the second oxygen should be around -8, 
which would make it difficult to hydronate. The 
postulated dihydronated intermediate would be 
the gem-enediol of mandelic acid* 

       

Although a particularly stable gem-enediol has 
been synthesized,352 such compounds are usually 
so unstable that they cannot be observed. In addi-
tion, the fact that Mg2+ is bound at one of the two 
                                     
*Enetriol 1-95 is a gem-enediol that happens to have a hydoxy 
group at carbon 2. It is the gem-enediol, the two hydroxy groups 
on carbon 1, that would make the intermediate dramatically 
unstable were it free in solution rather than bound in an active 
site. 

carboxylate oxygens when mandelic acid is bound 
to the active site of the enzyme also would dramat-
ically inhibit its hydronation. The nonenzymatic 
dehydronation of the a carbon of mandelic acid, 
however, is accelerated by Mg2+ acting as a Lewis 
acid.3 It seems to be the case that when mandelate 
forms a hydrogen bond at one of its carboxylate 
oxygens with a carboxylic acid and forms a hydrogen 
bond with an ammonium ion and a complex with 
Mg2+ at the other, the pKaK of the hydron a to that 
carboxylate is decreased significantly to make its 
dehydronation relatively rapid. 
 So far, the nucleophilic substitution of one 
heteroatom for another at a saturated carbon, a 
carbonyl carbon, an acyl carbon, or phosphorus; the 
nucleophilic addition of a heteroatom to a carbonyl 
group; and the oxidation or reduction of carbon by 
the transfer of a hydride have been discussed. These 
several classes of organic reactions account for 
most of metabolism. They do not, however, involve 
the making or breaking of carbon–carbon bonds, 
which is essential to biosynthesis as well as catabo-
lism. 
 
 Carbon–carbon bonds are usually made or 
broken biochemically by the nucleophilic addition 
of an enolate or an enamine to a carbonyl group or 
by the nucleophilic substitution of a heteroatom 
at an acyl group by an enolate or an enamine. An 
enzymatic example of the nucleophilic addition of 
an enamine to a carbonyl group is the aldol conden-
sation catalyzed by fructose-bisphosphate aldolase 

      
                     (1-117) 

An enzymatic example of the substitution of an 
enolate for the thiol of a thioester is the Claisen 
condensation catalyzed by the active site for 3-oxo-
acyl-[acyl-carrier-protein] synthase in fatty acid 
synthase 
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                     (1-118) 

 In an aldol condensation in which the enolate 
is held immediately adjacent to the carbonyl group 
with which it is to condense, as in the base-
catalyzed reaction 

      (1-119) 

the rate-limiting step of the nucleophilic addition is 
the removal of the hydron from the a carbon to 
form the enolate353 because the rehydronation of 
the enolate on carbon is much slower324 than its 
condensation with the carbonyl or acyl group. Pre-
sumably, in the active site of an enzyme, where the 
enolate or enamine and the carbonyl or acyl group 
are held even more rigidly, the rate-limiting step of 
the reaction will usually be the removal of the hydron 
from carbon. 
 In enzymatic aldol condensations and Claisen 
condensations, there is usually a catalytic acid that 
is the donor for a hydrogen bond to the carbonyl or 
acyl oxygen on the electrophile: for example, the 
aldehyde to which the enolate adds in the reaction 
catalyzed by fructose-bisphosphate aldolase (Equa-
tion 1-117) or the thioester to which the enolate 
adds in the reaction catalyzed by 3-oxoacyl-[acyl-
carrier-protein] synthase (Equation 1-118). This 
hydrogen bond with the acid polarizes the carbon–
oxygen double bond and increases its electrophilicity 
significantly,349 in addition to providing the hydron 
required in the formation of the hydroxy group. 
 In the reverse reactions of Equation 1-117 and 
the first step in Equation 1-118, one of the lone 
pairs of electrons on the incipient carbonyl or acyl 
oxygen, respectively, participates in the breaking of 

the carbon–carbon bond by providing push. For 
example, in the reverse of Equation 1-117 

           (1-120) 

the orbitals that mix to form the transition state, and 
that also must be able to overlap as the transition 
state is approached, are the atomic orbital bearing 
the lone pair of electrons on the oxyanion, the 
s molecular orbital system of the carbon–carbon 
s bond that is broken, and the p molecular orbital 
system of the carbon–nitrogen double bond (Figure 
1-25). A hydroxy group in a hydrogen bond also 
provides push, but it is weaker. 
 In the direction of forming the carbon–carbon 
bond in Equation 1-117, the orbitals that mix to 
produce the transition state are the p molecular 
orbital system of the enamine and the p molecular 
orbital system of the carbonyl group. For the transi-
tion state to be accessible, these atomic orbitals and 
all the composite atomic orbitals of these molecular 
orbitals must be parallel to each other, as indicated 
in Equation 1-120 and Figure 1-25. By microscopic 
reversibility, if the sp3 atomic orbital on the oxygen 
providing the push enters the reaction parallel to 
the s bond being broken, it must emerge from the 
transition state in the reverse reaction parallel to 
the newly formed s bond. 
 
 Enolates, enols, enamines, and enethiols345 
are intermediates in carboxylations and decarboxy-
lations. The most consequential examples of such 
reactions are the carboxylation of ribulose 1,5-bis-
phosphate, which is responsible for the fixation of 
carbon dioxide during photosynthesis and hence 
ultimately all the carbon in living organisms, and 
the decarboxylation of oxalosuccinate, which is re-
sponsible for a significant fraction of the expired 
carbon dioxide in living organisms. 
 Carbon dioxide  

 

can be considered to be a dicarbonyl compound* 

                                     
*Because of the two perpendicular p systems in carbon dioxide 
that each include all three of the atoms, the oxygens in carbon 
dioxide are hybridized sp and resemble the oxygens in a car-
bonyl compound in the gas phase or an aprotic solvent. 
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Figure 1-25: Breaking or forming of a carbon–carbon bond adja-
cent to an imine (Equation 1-117). The reaction breaking the 
carbon–carbon bond is initiated by overlap of the atomic or-
bital occupied by the lone pair of electrons on oxygen (solid 
outline) and the unoccupied antibonding s molecular orbital 
of the carbon–carbon bond (dashed outline) and by overlap of 
the occupied bonding s molecular orbital of the carbon–
carbon bond (solid outline) and the unoccupied antibonding 
p molecular orbital of the carbon–nitrogen p bond (dashed 
outline). In the transition state, five p orbitals, one from each 
of the five atoms, overlap. The transition state decomposes 
through overlap of the occupied nonbonding p molecular 
orbital of the enamine (composed from the two peripheral 
p orbitals of the enamine) and the unoccupied antibonding 
p molecular orbital (dashed outline) of the carbon–oxygen 
p bond. The formation of the carbon–carbon bond is the reverse 
direction. 
 
 
 
in which the central carbon is electrophilic and hence 
a Lewis acid, as is a hydron. In fact, it is educational 
to consider carbon dioxide and a hydron to be inter-
changeable, as was the case when the final steps in 
the respective mechanisms of crotonyl-CoA carbox-
ylase/reductase (Equation 1-99) and enoyl-[acyl-
carrier-protein] reductase (NADH) were equated. 
As a Lewis acid, the central carbon in carbon dioxide 
associates with a nucleophilic lone pair of electrons 
during a carboxylation. Again, the simplest example 
of such a nucleophilic addition is hydration 

        
                     (1-121) 

The mechanism of the hydration of carbon dioxide 
involves removal of a hydron from water and addi-
tion of a hydron to one of the carbonyl oxygens 
during the nucleophilic addition to form the bicar-
bonate, which is then hydronated as a simple base. 
As a carbonyl compound, carbon dioxide can also 
participate in nucleophilic additions to its dicarbonyl 
group by enolates 

         (1-122) 
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 When carbon dioxide dissociates from an acidic 
carbon during a decarboxylation, its dissociation is 
analogous to that of a hydron from the same acidic 
carbon. Evidence for this conclusion is that the 
common logarithms of the rate constants for a series 
of decarboxylations are linearly related to the values 
of pKa for dissociation of a hydron from the respec-
tive positions in the respective carbon acids, with a 
Brønsted slope, b, of -0.7.354 
 Decarboxylations, because they are the reverse 
of additions of the dicarbonyl group of carbon 
dioxide to an enolate, are assisted by push from the 
lone pairs of electrons on the carboxylate 

  (1-123) 

In this equation the negative elementary charge is 
moved among the three oxygens the lone pairs of 
electrons of which are indicated by asterisks. The 
lone pairs of electrons providing the push are parallel 
to the carbon–carbon bond that is cleaved during 
the decarboxylation, and that s bond must also be 
parallel to the p system of the carbon–oxygen dou-
ble bond of the adjacent carbonyl or acyl group (re-
verse of Equation 1-123). This alignment is 
enforced, for example, by the enzyme isocitrate 
dehydrogenase (NADP+) from E. coli in its complex 
with the oxalosuccinate that it decarboxylates355 

     
                     (1-124) 

 In free solution, decarboxylations of b-oxo acids 
occur more rapidly when the carboxy group is hydro-
nated than when it is unhydronated and anionic, a 
fact that seems counterintuitive. This increase in 
rate is usually explained, however, as the result of 
an intramolecular transfer of the hydron between 
a hydronated lone pair of electrons on the oxygen 
of the carboxylic acid and the lone pair of electrons 
on the oxygen of the carbonyl or acyl group 

 (1-125) 

This stereochemically efficient transfer of a hydron 
from one oxygen to another oxygen that is four atoms 
away enhances the ability of the acyl or carbonyl 
group to which the hydron is transferred to with-
draw electrons from the carbon–carbon bond to be 
broken. The transfer of the hydron also increases the 
push of the lone pairs of electrons on the oxygens 
of the carboxy group from which the hydron is 
transferred. Because it is between two lone pairs of 
electrons, both orthogonal to the orbitals mixing in 
the transition state for decarboxylation, and because 
it is sterically impossible while the atomic orbitals 
of the transition state for decarboxylation are aligned, 
the transfer of the hydron must precede and must 
be independent from the decarboxylation itself. 
The transfer of the hydron and the decarboxylation 
itself are separated from each other by a rotation 
around a carbon–carbon bond  

     (1-126) 

Although it is stereochemically allowed, the transfer 
of a hydron from a carboxy group to a carbonyl 
oxygen or acyl oxygen (DpKa = +11) is still thermo-
dynamically unfavorable. In the nonenzymatic 
decarboxylation of b-oxo acids, this transfer of the 
hydron from the carboxylic acid to the carbonyl or 
acyl oxygen permits the enol tautomer to be the 
immediate product of the decarboxylation (Equa-
tion 1-126). Such decarboxylations are also further 
enhanced by forming the imine at the carbonyl 
carbon.356 
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 Because the transfer of the hydron must precede 
the dissociation of the carbon–carbon bond and 
because a rotation is required between transfer of 
the hydron and dissociation of the carbon–carbon 
bond, such an intramolecular transfer of the hy-
dron probably cannot occur within the active site 
of an enzyme, in which substrates are usually held 
rigidly and seldom permitted to rotate internally, 
unless required by the reaction. In such a situation, 
the hydron must be supplied by some other acid, 
such as the side chain of an amino acid, and the 
carboxylate must be unhydronated, as it usually 
is when it enters the active site. 
 Metallic ions, such as cupric ion, can catalyze 
the decarboxylation of b-oxodicarboxylic acids, 
presumably by forming a complex involving the 
carbonyl oxygen of the b-oxo group and the unin-
volved carboxylate in the enolate that will be the 
leaving group from carbon dioxide 

 

The metallic ion neutralizes the negative charge 
forming on the carbonyl oxygen during the reaction.357 
A lone pair of electrons on the uninvolved carbox-
ylate of the dicarboxylic acid provides an additional 
point of attachment for the copper, the main func-
tion of which is to act as a Lewis acid at the oxygen 
of the incipient enolate and stabilize it as if the 
metallic ion were a hydron. 
 The decarboxylation of 1,3-dimethylorotic acid, 
which is an analogue of the reaction catalyzed by 
orotidine-5¢-phosphate decarboxylase, is quite pecu-
liar because it proceeds through a carbanion that, 
unlike those discussed so far, cannot be stabilized 
by an adjacent carbonyl or acyl group because it is 
orthogonal to any that are available. It is believed 
that the carbanion is stabilized as a partial ylide 
with the electron-deficient nitrogen immediately 
adjacent to it.358 

      
                     (1-127) 

The decarboxylation of 1,3-dimethylorotic acid 
(Equation 1-127) is enhanced when one of the exo-
cyclic oxygens is hydronated, which would further 
increase the positive charge on nitrogen 1. In addi-
tion, carbon 6 in 1,3-dimethylorotic acid and car-
bon 6 in uridine are both electropositive because 
they are each the b carbon in an a,b-unsaturated 
amide. The exchange of the hydron at carbon 6 of 
uridine for a deuteron in the solution, which is cat- 
alyzed by hydroxide, increases 5000-fold when the 
hydrogen on carbon 5 of the uridine is replaced by 
a fluorine.359 This observation is consistent with a 
carbanionic partial ylide homologous to the one in 
Equation 1-127 performing the role of an interme-
diate in this exchange because electron withdrawal 
by the adjacent fluorine should stabilize the anion. 
For reasons that are not obvious because if anything 
the negative elementary charge is less delocalized 
in the product and hence in the transition state, the 
rate constant at 25 ªC for the decarboxylation of 
1-cyclohexylorotic acid is greater by a factor of 1000 
in nonpolar solvents such as dioxane and tetrahy-
drofuran than it is in water. This observation sug-
gests that the removal of orotidine 5¢-phosphate 
from water as it enters the active site of orotidine-
5¢-phosphate decarboxylase by itself is responsible 
for a portion of the catalysis achieved by the 
enzyme.360 
 
 Enol tautomers are also intermediates in the 
isomerizations of a-hydroxy ketones or a-hydroxy 
aldehydes.361 An example of such an enzymatic 
reaction is that catalyzed by triose-phosphate iso-
merase  
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                      (1-128) 

in which the carbonyl group moves between two 
adjacent carbons. A similar isomerization can inter-
convert a carbonyl group and an acyl group by the 
same mechanism362,363 as in the reaction catalyzed 
by lactoylglutathione lyase 

     
                      (1-129) 
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Elimination–Addition 

In an elimination–addition, an acid or electrophile 
and a base or nucleophile are removed from two 
adjacent carbons or two carbons separated by one 
or more double bonds to produce a double bond or 
an additional double bond or an acid or electrophile 
and a base or nucleophile are added to a carbon–
carbon double bond or the two ends of a conjugated 
set of double bonds.* For example, during the 
elimination364 

 
                      (1-130) 

a hydron is removed from one carbon and acetate 
leaves the adjacent carbon to produce the carbon–
carbon double bond. In the addition, which is the 
reverse reaction, a hydron is added to one carbon 
and acetate adds to the other carbon in a carbon–
carbon double bond. The thioester adjacent to the 
hydron that is removed facilitates the reaction by 
acidifying that hydron. 
 
 Some elimination–additions proceed through 
an intermediate carbenium ion and others proceed 
through an intermediate carbanion but the majority 
are probably somewhere on a spectrum between 
these extremes. Two examples of elimination–
additions that proceed through a carbenium ion 
are the hydration–dehydration of simple aliphatic 
olefins such as propene in solutions of strong acids365 
and the more complex elimination of trifluoroacetate 
and a hydron from 2-(dimethyl-amino)-1-methyl-
1-phenyl-2-thioxoethyl 2,2,2-trifluoroacetate366 
  

                                     
*Most acids are electrophiles and most bases are nucleophiles 
and vice versa, but each person has a term she prefers for each 
particular example of an electrophile or an acid and for each 
particular example of a nucleophile or a base. 
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Figure 1-26: Addition of the 3,3-dimethylallyl carbenium ion to 
isopentenyl diphosphate. The 3,3-dimethylallyl carbenium ion 
is formed by elimination of diphosphate from 3,3-dimethylallyl 
diphosphate. The carbon–carbon double bond of isopentenyl 
diphosphate adds to this allyl carbenium ion to form a new 
carbon–carbon s bond in a carbenium ionic adduct. The carbe-
nium ionic adduct loses a hydron in an acid dissociation to 
produce geranyl diphosphate. 

   
                     (1-131) 

In this latter instance, the intermediate carbenium 
ion is stabilized by the adjacent phenyl group. In 
the dehydration–hydration catalyzed by imidazole-
glycerol-phosphate dehydratase from E. coli,367 the 
intermediate carbenium ion is stabilized by an 
adjacent neutral imidazolyl group 

 

 
 
 
 
 
 
 
In this instance, because they are two atoms apart, 
if either nitrogen is hydronated, the same resonance 
structures stabilize the carbenium ion: regardless 
of which nitrogen is hydronated, the formal positive 
elementary charge ends up on it in the same reso-
nance structure. The resonance structures define 
the electron donation from the p molecular orbital 
system of the imidazolyl group to the carbenium ion. 
 An example of an addition that proceeds through 
a carbenium ion but involves the initial addition of 
an electrophile other than a hydron occurs in terpene 
biosynthesis in the reaction catalyzed by dimethyl-
allyltranstransferase (Figure 1-26). Carbenium ion 
1-99 formed from 3,3-dimethylallyl diphosphate 
adds to isopentenyl diphosphate, but instead of 
then reacting with a nucleophile, which is a possi-
bility that the enzyme guards against, the resulting 
carbenium ion eliminates a hydron to yield the desired 
product, geranyl diphosphate. The first step in the 
reaction is the formation of the allylic 3,3-dimethyl-
allyl carbenium ion 1-99, which consists of three 
parallel p orbitals creating an allyl p molecular orbital 
system with only two p electrons. It is a Lewis acid, 
and it adds as would a hydron to the carbon–carbon 
double bond in isopentenyl diphosphate. 
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 Examples of elimination–additions that proceed 
through an enolate are the elimination of methoxide 
and a hydron from 4-methoxybutan-2-one under 
basic conditions to give the respective a,b-unsatu-
rated carbonyl compound368 

    
                     (1-132) 

and elimination of the phosphate and a hydron when 
glyceraldehyde 3-phosphate is exposed to base361 

   
                     (1-133) 

In both of these instances, removal of the hydron 
on a carbon adjacent to a carbonyl group initiates 
the elimination rather than dissociation of the leav-
ing group. 
 The dissociation of the respective leaving 
group in the second steps of Equations 1-132 and 
1-133 is effected by the push of the enolate. To 
experience the push, the s bond between the oxygen 
on the leaving group and the carbon from which it 
is leaving must be aligned parallel to the p system 
of the enolate before elimination can proceed 

    

Electron density in the highest occupied molecular 
orbital of the enolate (1-87) enters the unoccupied 
 

antibonding molecular orbital of the carbon–
oxygen s bond on the b carbon and pushes away 
the two s electrons of the leaving group that origi-
nally were in the bonding s molecular orbital of the 
carbon–oxygen bond. 
 As in Equations 1-132 and 1-133, in most 
elimination–additions that proceed through a 
carbanionic intermediate, the intermediate is an 
enolate. There are, however, other ways to stabilize 
a carbanion. In the elimination of hydrogen fluoride 
from 2-(2-fluoroethyl)-1-methylpyridinium in 
strongly basic aqueous solution, the intermediate 
carbanion produced by the dissociation of a hydron369 
is stabilized by the adjacent pyridinium group 

  

much as the electron excess in the pentadienyl molec-
ular orbital system of reduced nicotinamide is stabi-
lized by the nitrogen in the ring (Equation 1-78). In 
effect, however, this stabilization is achieved by the 
equivalent of an iminium conjugated to the car-
banion through two double bonds. 
 
 The isomerization of olefins can proceed 
through either an intermediate carbenium ion 
or an intermediate carbanion. For example, the 
isomerization of simple aliphatic olefins under 
acidic conditions proceeds through a carbenium 
ion 

   
                     (1-134) 

Isomerization of carbon–carbon double bonds a to 
carbonyl or acyl groups, however, can occur under 
basic conditions by proceeding through an enolate, 
which is the conjugate base common to the dif-
ferent isomers. For example, the isomerization of 
S-(1,1-dimethylethyl) but-3-enethioate to S-(1,1-di-
methylethyl) but-2-enethioate370 proceeds through 
the enolate 

:

)

”

“:

)

(+)BH
+

1

O

H H
H

O
H

O
HH H

H HH

H3COH3C

“
: “
:

“
:

H3C

H3CO
“:H3C

H3CO

1

(–)B”

(+)BH
+

1 +  HOPO3
2–

O
OPO3

2–

HH
H

H
HO

O

H
H

HO

H

O
H

4    electronsp

“
:

“ :H3C

HH

O
push 1– 100

)

N
CH3

CH2F

H
N

H

:)(

CH3

CH2F:´
1– 101

CH3

HH

H

H
H

CH3

HH

H H

HH3C (
H3C

CH3

1 1
+     H 

+ +     H 

+



Elimination–Addition 
 

105 

   
                     (1-135) 

As has already been discussed, the excess negative 
elementary charge is delocalized over five atoms in 
the enolate, four carbons and one oxygen. The cis 
and trans isomers of a carbon–carbon double bond 
can be equilibrated in the same way. 
 A concerted elimination–addition is one in 
which there is no carbanionic or carbocationic 
intermediate because the bond between the one 
carbon and the base or the nucleophile that is the 
leaving group is breaking or forming in concert with 
the breaking or forming of the bond between the 
other carbon and the electrophile or hydron. The 
degree to which the bond between the leaving 
group and its carbon is broken in the transition state 
of a concerted elimination is assessed by Brønsted 
correlations between the pKa of the conjugate acid 
of the leaving group and the rate of the reaction, 
and the degree to which the bond between the 
electrophile or the hydron and its carbon is broken 
is assessed by Brønsted correlations between the pKa 
of the conjugate acid of the base that removes the 
hydron and the rate of the reaction. For example, in 
the concerted elimination of the respective sulfides 
from a series of 2-cyanoethyl-sulfonium ions cata-
lyzed by a series of amines 

       (1-136) 

the Brønsted slopes for the catalytic amines 
(b = 0.62-0.75) and for the leaving groups 
(blg = -0.24 to -0.38) indicate that, in the transition 
state for this reaction, the bond between one carbon 
and the hydron and the bond between the other 

carbon and the sulfur are both dissociating in con-
cert.371 
 Because the removal of the hydron from the 
one carbon and dissociation of the leaving group 
from the other carbon are both proceeding as the 
transition state is reached, the rate constant of a 
concerted elimination increases as the strength of 
the base that removes the hydron increases and as 
the acidity of the conjugate acid of the leaving group 
increases.372 It follows that the rate of a concerted 
elimination will also increase when the ability of 
the leaving group to dissociate is improved by 
hydronating it or adding another electrophile to it 
before it leaves. 
  In many nucleophilic substitutions, nucleophilic 
additions, and elimination–additions catalyzed by 
an acid or a base, the making or breaking of a bond 
is concerted with the transfer of a hydron (Equa-
tions 1-29, 1-33, 1-38, 1-116, and 1-136 and Fig-
ures 1-7 and 1-8). In such concerted reactions, a 
correlation is often observed between the rate of 
the reaction and changes in both the strength of 
the acid or the base catalyzing the reaction and the 
strength of the bond between the two heavy atoms 
being made or broken brought about by the effect 
of adjacent substituents. For example, in the acid-
catalyzed dissociation of an alcohol from the anionic 
conjugate base of its hemiacetal with acetaldehyde 

   (1-137) 

as the alcohol becomes a better leaving group, the 
effect of acidity of the acid on the rate of the reac-
tion decreases.373 This interaction suggests that 
transfer of the hydron and the breaking of the bond 
to the leaving group occur in the same transition 
state and are thus concerted. Likewise, in the elim-
ination of sulfides from b-cyanoethylsulfonium 
salts (Equation 1-136), as the strength of the base 
that removes the hydron from carbon increases, 
the effect of acidity of the leaving group on the rate 
of the reaction, as reflected in the Brønsted coef-
ficient blg, decreases. This interaction coefficient 
(≠blg/≠pKa,BH = 0.026) was presented as evidence for 
the conclusion that the breaking of the bond between 
the leaving group and one carbon is simultaneous 
with the transfer of the hydron from the other carbon 
to the base and that the elimination is concerted.371 
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 An elimination–addition passing through an 
intermediate carbocation and an elimination–addi-
tion passing through an intermediate carbanion 
are two extremes of a spectrum of mechanism, and 
each concerted elimination–addition occupies a posi-
tion in this spectrum between these two extremes. 
The two determinants of this spectrum of mecha-
nism369 are the degree to which the bond between 
the acid or the electrophile and the one carbon is 
broken or formed and the degree to which the bond 
between the base or the nucleophile and the other 
carbon is broken or formed in the transition 
state.371 As with a nucleophilic substitution at a tet-
rahedral, saturated carbon (Figure 1-4) or a nucle-
ophilic substitution at phosphorus (Figure 1-15), 
this spectrum of mechanism can be appreciated by 
examining a three-dimensional surface of potential 
energy for an elimination–addition (Figure 1-27). 
In the case of elimination–addition,78 one coordi-
nate is the distance between the atom of the base 
or nucleophile that is leaving and the carbon from 
which it is leaving, and the other coordinate is the 
distance between the atom of the acid or electrophile 
and the carbon from which it is being removed. 
The third coordinate is the potential energy of the 
system for each pair of coordinates. 
 For an elimination–addition with an intermediate 
enolate (Figure 1-27A) or some other carbanionic 
intermediate, there is a well of potential energy in 
the upper left corner of the diagram because this 
is the position at which the acid or the electrophile 
has been removed far enough from its carbon that 
it no longer affects the potential energy of the system, 
but the bond between the leaving group and the 
other carbon has remained intact. If the reaction 
proceeds through an enolate or another carbanionic 
intermediate because it is the most stable of all the 
possibilities, there will be two cols of potential energy: 
one between the reactants and the carbanionic 
intermediate and the other between the carbanionic 
intermediate and the products. 
 For an elimination–addition with an interme-
diate carbenium ion (Figure 1-27B), there is a well 
of potential energy in the lower right corner of the 
diagram because this is the position at which the 
leaving group has been removed far enough from 
its carbon that it no longer affects the potential energy 

of the system, but the bond between electrophile 
and the other carbon is still intact. If the reaction 
proceeds through an intermediate carbenium ion 
because it is the most stable of all the possibilities, 
there will again be two cols of potential energy: one 
between the reactants and the intermediate carbeni-
um ion and the other between the carbenium ion 
and the products. 
 There is, however, always the possibility in an 
elimination–addition that there is a col of potential 
energy, lower than any other col, at a point where 
the bond between the base or nucleophile and the 
carbon from which it is dissociating is partially 
broken while the bond between the acid or electro-
phile and the carbon from which it is being removed 
is partially broken. In this case, there would be neither 
an intermediate carbenium ion nor a carbanionic 
intermediate (Figure 1-27B). Such elimination–
additions are concerted. Each of the reaction coor-
dinates for these concerted elimination–additions 
passes through only one col somewhere outside 
the corners and has only one transition state at this 
one col. 
 The position of the col defining the transition 
state in an elimination–addition on the surface of 
potential energy is determined, in part, by the ability 
of the leaving group. In addition to changing the 
rate of an elimination, changing the leaving group 
can change the nature of the transition state. The 
elimination of HF from 1-methyl-2-(2-fluoroethyl)-
pyridinium passes through zwitterionic intermedi-
ate 1-101, which is formed by the initial removal of 
a hydron because fluorine is such a poor leaving 
group (pKaHF = 3.2). When the fluorine is replaced 
by the better leaving group chlorine (pKaHCl = -7) 
and then by the even better leaving group bromine 
(pKaHBr = -9), rather than passing through the 
homologous zwitterionic intermediates, the reactions 
pass through concerted transition states in which 
dissociation of the bond between the halogen and its 
carbon becomes greater and greater, and dissocia-
tion of the bond between the hydron and the carbon 
adjacent to the pyridinium becomes lesser and 
lesser as the halogen becomes a better and better 
leaving group.369 
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Figure 1-27: Hypothetical three-dimensional representations 
of surfaces of potential energy77,78 for elimination–addition. 
The ordinate of the plot is the distance between the hydron 
that is being removed during an elimination and its carbon. 
The abscissa of the plot is the distance between the atom X 
that is leaving during an elimination and its carbon. The inter-
section of these two axes, for the sake of brevity, is not the 
point at which each has a value of zero, which would be a sin-
gularity of potential energy. The point of their intersection has 
coordinates or distances close to the values of the lengths of 
the respective covalent bonds, that between the hydrogen atom 
and its carbon and that between the leaving group X and its 
carbon. The third dimension is the potential energy associated 
with each value for these two distances. The third dimension is 
represented topographically by contour lines of equal potential. 
These contour lines represent a sinuous surface of potential 
energy. The two topographic maps of potential energy are entirely 
hypothetical, do not represent the surface of potential energy 
for any reaction, and are intended only for demonstration. The 
positive signs identify peaks of potential energy, and the negative 
signs identify wells of potential energy. The usual sign (‡) for a 
transition state designates a minimum of potential energy 
between reactants and products at the col through which the 
reaction proceeds. Dashed, curved arrows indicate the path of 
the reaction coordinate along which the reaction proceeds. 
The species involved as reactants, intermediates, transition 
states, or products are represented outside the plots, below 
(reactants or intermediate carbocation) or above (intermediate 
enolate, associated intermediate, or products) the locations of 
their respective potential energies. The corresponding addition 
proceeds along the same reaction coordinate through the same 
 
 

 col or cols inthe reverse direction of the elimination. (A) Hypo-
thetical surface of potential energy for an elimination with an 
enolate as an intermediate. The hydron is removed completely 
(vertical arrow) from its carbon before the leaving group disso-
ciates (horizontal arrow) from the resulting enolate. The eno-
late is in a well of potential energy, as are the reactants and the 
products. There is a transition state between the reactant and 
the enolate and a transition state between the enolate and the 
products. (B) Hypothetical surface of potential energy for an 
elimination that could proceeds through a carbocationic inter-
mediate or a concerted elimination in which the hydron is 
removed at the same time that the leaving group is dissociating. 
In this case, two possible paths on which the reaction could 
proceed were arbitrarily given cols of the same potential energy 
to illustrate the two possibilities. In the elimination proceeding 
through a carbocation as an intermediate, the atom X that is 
leaving dissociates completely from its carbon before the hydron 
is removed from its carbon. These two consecutive reactions 
follow the reaction coordinates represented by the horizontal 
and vertical arrows, respectively. In the concerted elimination 
(represented by the diagonal arrow), the atom X that is leaving 
dissociates from its carbon as the hydron is being removed 
from its carbon. Consequently, there is only one col between 
reactants and products and only one transition state. In any 
particular elimination–addition, the col for the reaction can be 
located at any point on the surface of potential energy between 
the coordinates for an intermediate enolate (upper left) or the 
coordinates for an intermediate carbocation (lower right). 
Adapted with permission from reference 77. Copyright 1972 
American Chemical Society. https://doi.org/10.1021/cr60280a004 
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 The position of the col defining the transition 
state for a concerted elimination–addition on the 
surface of potential energy is also determined, in 
part, by the substituents on the substrate from 
which the acid and base dissociate. In the transition 
state of a concerted elimination–addition, the bond 
to the hydron is breaking or forming at the same time 
that the bond to the leaving group or nucleophile is 
breaking or forming, and negative charge is accumu-
lating on the former carbon while positive charge is 
accumulating on the latter. Any alteration in the 
substrate itself that stabilizes positive charge on the 
carbon from which the leaving group dissociates, 
or with which the nucleophile or the base associates, 
will shift the col in the direction of a carbenium ion 
as an intermediate. Any alteration in the substrate 
that stabilizes negative charge on the carbon from 
which the hydron or the electrophile is removed or 
added will shift the col in the direction of a carbanion 
as an intermediate. If one or the other of these 
accumulations of charge is stabilized sufficiently, 
the breaking or forming of the bond creating that 
charge precedes completely the breaking or forming 
of the other bond, and the reaction passes through 
an intermediate carbanion or carbocation. 
 Because negative charge is accumulating on 
one carbon while positive charge is accumulating 
on the other, any alteration that stabilizes either of 
these accumulations of charge will also increase the 
rate of a concerted elimination–addition.340,372,374 
For example, the elimination of HBr from ethyl 
bromide catalyzed by ethoxide in ethanol is 5 times 
slower than its elimination from isopropyl bromide, 
which is 4 times slower than its elimination from 
1-phenylethylbromide372 because these alterations 
stabilize the partial positive elementary charge that 
has developed on the carbon from which the 
bromide is leaving. In the enzymatically catalyzed 
hydration of trans-crotonyl-SCoA 

       (1-138) 

changing the sulfur of the thioester to an oxygen340 
destabilizes the accumulation of negative charge 
on the a carbon and decreases the acidity of that 

carbon (Figure 1-23), and the rate of the reaction 
decreases by a factor of 300. 
 In a concerted elimination–addition, the pair 
of electrons in the s bond between the carbon and 
either the hydron or the electrophile, which are 
shifted onto that carbon by dissociation of the hydron 
or the electrophile and which create the negative 
charge accumulating on that carbon, provide push 
to expel the leaving group. For example, in Equa-
tion 1-136, the atomic orbitals that mix in the 
transition state of the concerted elimination–
addition 

 

are the atomic orbital of the amine containing the 
basic lone pair of electrons that removes the hydron, 
the s atomic orbital of the hydrogen, the two respective 
p atomic orbitals on the two adjacent carbons, and 
the atomic orbital on the leaving sulfur. All must be 
parallel to each other. During the approach to the 
transition state, electrons in the bonding molecular 
orbital of the s bond between carbon and the hydro-
gen that is dissociating are entering the p orbitals 
that are forming on the two carbons, which will 
become the p molecular orbital system of the carbon–
carbon double bond. Through these p orbitals they 
are also entering the antibonding orbital of the 
s bond of the carbon–sulfur bond and pushing away 
the leaving group. 
 
 The stereochemistry of a concerted elimination–
addition is determined mainly by steric effects. Con-
certed eliminations are usually anti eliminations as 
shown in Equation 1-136. An anti elimination is an 
elimination in which the leaving group and the 
hydron or electrophile dissociate on opposite sides 
of a plane containing the carbons in a carbon–
carbon bond to which they are attached. The orbitals 
taking part in the elimination, however, are all 
required to be periplanar. A syn elimination is an 
elimination in which the leaving group and the hydron 
or electrophile dissociate on the same side of a 
plane containing the carbons in a carbon–carbon 
bond to which they are attached. The orbitals are 
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still periplanar, but the transition state is so crowded 
as to be sterically disfavored. This crowding, however, 
is not severe. For example, under basic conditions, 
the elimination in Equation 1-130, in which the 
two hydrons, syn and anti, although diastereotopic, 
have almost the same acidity, proceeds with 15% 
syn elimination.364 
 When elimination of 4-toluenesulfonic acid 
from a series of trans-2-arylcyclopentyl tosylates 

 

is catalyzed by tert-butoxide in tert-butanol, the 
choice between syn elimination of the hydron at 
carbon 2 to produce 1-arylcyclopentene and anti 
elimination of the hydron at carbon 5 to produce 
3-arylcyclopentene varies depending on the ability 
of the phenyl substituent at carbon 2 to stabilize 
the anionic character that develops at that carbon 
in the transition state for syn elimination.375 The 
yield of the product of syn elimination relative to 
that for the sum of the products for both syn and 
anti elimination varies from 10% for trans-2-
(4-meth-oxyphenyl)cyclopentyl tosylate to 94% for 
trans-2-(3-chlorophenyl)cyclopentyl tosylate.374 
This result is also another example illustrating the 
increase in the rate of a concerted elimination that 
occurs when the structure of the substrate is al-
tered to stabilize the negative charge developing on 
the acidic carbon because it is only the increase in 
the rate of the syn elimination that leads to the 
increase in the yield of 1-arylcyclopentene. 
 
 The rate of an elimination that occurs adjacent 
to the carbonyl group of a ketone or aldehyde, and 
that proceeds through an intermediate enolate under 
catalysis by a base, can be enhanced by conversion 
of the ketone or aldehyde to an imine. An example 
of this enhancement is the dehydration of 4a-hydroxy-
N-propyl-cis-decahydronaphthalen-3-iminium376 

 
                     (1-139) 

under alkaline conditions. The slow step in the 
forward direction is the second one: dissociation of 
the leaving group. The p lone pair of electrons on the 
intermediate enamine provides the push required 
to expel the hydroxide, a poor leaving group (arrows 
in Equation 1-139). The highest occupied p molecular 
orbital of the enamine must be parallel to the 
s bond between the carbon and the oxygen of the 
leaving group to exert the necessary push (see 
1-100) before the elimination can proceed. 
 Usually an acyclic enamine, such as the one in 
Equation 1-139, is unstable relative to the ketone 
or aldehyde from which it is formed or the unsatu-
rated ketone or aldehyde that is the product of an 
elimination in which it is an intermediate. The 
cyclic enamine (7,8-dihydropterin-6-yl)methyl 
diphosphate (1-104), however, is a stable meta-
bolite. The first step in its enzymatic conversion to 
7,8-dihydropteroate is the elimination of diphos-
phate to form the imine377 

                          (1-140) 

in a reaction that is the vinylogous analogue of the 
elimination in Equation 1-139 with diphosphate as 
the leaving group rather than hydroxide. 
 
 
 

O
S

O

H

HH
H

O

X

CH3

1–1035

4 3

21

N OH

N

enamine

OH
N

H H

H

H

H

H

( :

(

1

+   OH 

–

CH3

H3C

H3C

1
(+)BH   +

“(–)B

H

(+)BH   +

N

N

N
O

N

H

H

HH

N

N

N
O

N HH

H

H

MgO6P2O–

H

:

“ H
“

H

H

H

H
H H

1 – 104

1

B(–) B(+)

MgOPO3PO3
2–



Mechanisms for Reactions 
 

110 

 An addition to a carbon–carbon double bond 
conjugated to a carbonyl, imino, or acyl group in 
which a nucleophile adds to the carbon in the double 
bond peripheral to and a hydron or electrophile adds 
to the carbon distal to the carbonyl, imino, or acyl 
group is a commonly encountered reaction. It is 
common enough to warrant a name, the Michael 
addition. The reverse reactions of Equations 1-132 
and 1-133 are Michael additions. If the nucleophile 
is itself an enolate or another carbanion, the Michael 
addition is another way, in addition to an aldol 
condensation or a Claisen condensation, to produce 
a carbon–carbon bond. An example would be the 
Michael addition performed by hydroxymethyl-
bilane synthase 

  
                     (1-141) 

In this instance, the nucleophile is a pyrrolyl group 
that, under base catalysis, adds to the peripheral, 
electrophilic carbon in a carbon–carbon bond that 
is conjugated to an iminium nitrogen rather than 
being immediately adjacent to it. Instead of a hydron 
being added to the other carbon originally in the 
carbon–carbon bond, as in the reverse reactions of 
Equations 1-132 and 1-133, a hydron dissociates 
from the intermediate to restore the aromaticity of 
the pyrrolyl group. 
 By measuring the rate constants for the Michael 
additions of a set of eight carbanionic nucleophiles to 
a set of 15 a,b-unsaturated ketones and acyl deriva-
tives, a scale for the electrophilicity of the respective 
carbon–carbon double bonds in these electrophiles 
to addition of a nucleophile can be constructed.378 
The simplest electrophile examined was but-3-en-
2-one 

 

When the methyl group on the carbonyl in but-
3-en-2-one is replaced by an ethoxy group to give 
the ester, ethyl prop-2-enoate, the electrophilicity 

of the carbon–carbon bond decreases, and when it 
is replaced by a dimethylamino group to give the 
amide, N,N-dimethylprop-2-enamide, it decreases 
further as increasing electron density on the oxy-
gen of the ester and the nitrogen of the carbamoyl 
group is donated into the p molecular orbital system 
containing the carbon–carbon double bond. When 
either the hydrogen on the a carbon or a hydro-
gen on the b carbon in ethyl prop-2-enoate is re-
placed by a methyl group to give ethyl 2-methyl-
prop-2-enoate or ethyl but-2-enoate, respectively, 
the electrophilicity decreases further as a result of 
sacrificial hyperconjugation donating electron density 
to the p molecular orbital system of the a,b-unsat-
urated carbonyl. When the b methyl group on ethyl 
but-2-enoate is replaced by a phenyl group, the 
electrophilicity of the carbon–carbon bond de-
creases even further because the phenyl group 
donates electron density by resonance rather than 
hyperconjugation. When the methyl group on the 
carbonyl of but-3-en-2-one, however, is replaced by 
a phenyl group, the electrophilicity of the carbon–
carbon bond increases, presumably because the 
phenyl group in this location is not so effective as 
the methyl group in donating electron density. 
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Biotin 

Biotin participates in carboxylations. For example, 
the reaction catalyzed by propionyl-CoA carbox-
ylase 

   
                     (1-142) 

is a carboxylation requiring biotin. In such reactions, 
an acidic hydrogen on carbon is removed as a 
hydron and is replaced by the electrophilic acyl 
carbon of bicarbonate.379 
 Biotin* is a prosthetic group covalently attached 
to biotin carboxyl-carrier protein by an amide 
between the carboxylate of the biotin and a lysine 
from the protein380-382 

 

Biotin carboxyl-carrier protein is either a separate 
subunit or a domain in a much larger protein.  
 At one end of the two fused rings in biotin is an 
N,N A-dialkylurea. The bond length between the 
carbonato carbon and the oxygen and those between 
the carbonato carbon and the two nitrogens are 
very close to the bond lengths in urea itself . 383 This 
coincidence suggests that the incorporation of this 
functional group into the one ring is electronically 
inconsequential except for the hyperconjugation of 
the two alkyl groups, which should make the 
N,N¢-dialkylurea less acidic. The ring containing the  
 

                                     
*The numbering of biotin seems to vary. In this text, the num-
bering of the IUPAC name will be used. 

 
 
N,N¢-dialkylurea is absolutely flat (Figure 1-28),166,383 
consistent with a planar structure enforced by the  
p molecular orbitals of the ureido group. These facts 
suggest that biotin is simply a complex functional 
group that is used to hold on to urea. 
 Because the two bridgehead carbons are 
tetrahedral, the two rings are tilted with respect to 
each other at an angle of 122ª as if they were the 
wings of a butterfly. The cyclic sulfide is fully 
saturated, and fully saturated five-membered rings 
are usually puckered. In biotin, the sulfur occupies 
the puckered position. It is puckered toward the 
carbonato carbon of the urea rather than away 
from it. This configuration allows the alkyl group of 
the side chain of biotin to occupy an equatorial 
position, and presumably this steric effect explains 
the direction of the pucker. This configuration also 
moves the sulfur closer to the urea, perhaps to 
assist in reactions at this location by a transannular 
effect,384 but the sulfur is too far from the carbo-
nate carbon of the urea for significant overlap to 
occur.383 The sulfur, however, may be responsible 
in part for the planarity of the ureido ring because 
in dethiobiotin the ureido ring is puckered instead 
of flat.385 
 Decarboxylations are always significantly 
exergonic. An example would be the decarboxyla-
tion of oxaloacetate386 

  
                       (1-143) 

Although this reaction is easy to catalyze, it 
involves a large waste of free energy, and it is 
almost never catalyzed in living organisms. In one 
rare exception, natural selection has discovered the 
gift, and the oxaloacetate decarboxylase of bacteria 
such as Klebsiella aerogenes stores the free energy 
of this reaction in the form of an electrochemical 
gradient of sodium ions.387 
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Figure 1-28: Stereodrawing166 of the crystallographic molecular 
model of ∂-(+)-biotin. Black atoms are carbons, white atoms 
are oxygens, small gray atoms are nitrogens, and the large light 
gray atom is a sulfur. Crystals were obtained from an aqueous 
solution of the free acid of ∂-(+)-biotin by cooling a saturated 
solution from 95 ªC. The two fused rings in the molecule are 
inclined at 122ª with the N,N¢-dialkylurea at the top.383 
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 If it is not to be disadvantageously endergonic, 
a carboxylation must be coupled to a reaction that 
yields energy. In the case of carboxylations under 
catalysis by biotin, this energy-yielding reaction is 
the hydrolysis of MgATP2- to MgADP- and phos-
phate.* Each time a molecule of carboxylated product 
is produced, a molecule of MgATP2- is hydrolyzed. 
An example is the reaction catalyzed by pyruvate 
carboxylase 

   
                     (1-144) 

with the participation of biotin. 
 
 The N,N¢-dialkylurea is the catalytic center of 
biotin, and the central intermediate in all reactions 
involving biotin is N3-carboxybiotin389,390 

 

N3-Carboxybiotin is produced in the active site of 
biotin carboxylase 

 
                     (1-145) 

                                     
*At 25 ªC, pH 7.0, and a free concentration of Mg2+ of 1.0 mM, 
nominal conditions for cytoplasm but values that vary signi-
ficantly from organism to organism, MgATP2- (the tridentate 
complex between ATP4- and Mg2+) accounts for more than 
80% of the total ATP in the solution.388 Under the same 
conditions, MgADP- and ADP3- each account for about 45% of 
the total ADP in the solution. Because the free concentration of 
Mg2+ used in most experiments in which ATP and ADP are 
substrates usually exceeds 1 mM, and therefore the fraction of 
nucleotides present as the complexes increases; because 
MgADP- is often, if not usually, the actual substrate used by an 
enzyme; and because the reader should be reminded that Mg2+ 
almost always plays a role in reactions involving ATP and ADP 
and that the complexes between Mg2+ and the respective 
nucleotide almost always are negatively charged, MgATP2- and 
MgADP- will be used from now on to designate ATP and ADP, 
respectively. 
 

In N3-carboxybiotin, one of the oxygens on the 
bicarbonate has been replaced by one of the ureido 
nitrogens of the biotin in a formal nucleophilic 
substitution at a carbonato carbon. As a result, 
N3-carboxybiotin is the derivative of two carbonic 
acids: one forms the ureido group and the other 
forms the carbamate. 
 The function of biotin carboxyl-carrier protein 
is to insert the biotin in turn into one or the other of 
two active sites either in two other subunits or in 
two other domains of the larger protein. In most 
instances, these are the active site for biotin carbox-
ylase in which N3-carboxybiotin is produced from 
biotin, MgATP2-, and bicarbonate and the active 
site that then transfers the carboxy group on 
N3-carboxybiotin to a particular reactant that is to 
be carboxylated. In methylmalonyl-CoA carboxy-
transferase, however, biotin is the carrier that 
transfers a carboxy group between pyruvate and 
propanoyl-SCoA. Because its role is to transfer a 
carboxy group between active sites, biotin carboxyl-
carrier protein is formally a coenzyme, even 
though the active sites are within the same protein.  
 The intermediate that precedes the formation 
of N3-carboxybiotin in the active site of biotin 
carboxylase is carboxyphosphate.391 Carboxyphos-
phate is the product of a nucleophilic substitution 
at phosphorus 

 
                     (1-146) 

in which bicarbonate is the nucleophile and 
MgADP- is the leaving group. It is the carboxy-
phosphate that accomplishes the coupling of 
carboxylation to hydrolysis of the MgATP2-. 
 During the overall reaction catalyzed by biotin 
carboxylase (Equation 1-145), one of the three 
oxygens-18 of [18O3]bicarbonate is incorporated 
into the phosphate, and the other two end up in the 
N3-carboxylato group (Figure 1-29).392 This fact, 
and the fact that the enzymatically catalyzed carbox-
ylation of biotin proceeds with inversion of con-
figuration393 at the terminal phosphate of MgATP2-, 
are together consistent with nitrogen 3 of the biotin  
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Figure 1-29: Formation of N3-carboxybiotin coupled to the 
hydrolysis of MgATP2-. There are three presently accepted 
possibilities for the mechanism. All three begin with biotin, 
HCO3-, and MgATP2- (within the box to the left). (Upper path) 
Carbon dioxide as an intermediate.391,395 Bicarbonate substi-
tutes nucleophilically at the g-phospho group of MgATP2- in a 
direct in-line transfer of the phospho group, with inversion of 
configuration at phosphorus to produce carboxyphosphate 
(1-108). The leaving group is MgADP-. The intermediate 
carboxyphosphate then dissociates to carbon dioxide and 
phosphate. The phosphate, as a catalytic base, removes the 
hydron from nitrogen 3 of the biotin, and the resulting ureido 
anion, which is the conjugate base of biotin, adds nucleo-
philically to the carbon dioxide to produce N3-carboxybiotin. 
(Middle path) Nucleophilic substitution at carboxyphos-
phate.391 Carboxyphosphate (1-109) is formed as before by 
nucleophilic substitution at the g-phospho group of MgATP2-. 
The ureido anion then adds nucleophilically to the carboxy-
phosphate to form a tetrahedral intermediate that dissociates 
to N3-carboxybiotin and phosphate ion. The carboxy group of 
the carboxyphosphate is hydronated to improve the electro- 
 
 

philicity of its carbon; and, to improve its capacity as a leaving 
group, the phospho group of the carboxyphosphate is still 
coordinated by the Mg2+ that coordinated it in the MgATP2-. 
The resulting tetrahedral intermediate decomposes with loss 
of phosphate to produce N3-carboxybiotin. (Lower path) 
Neutral biotin as the nucleophile.397 The p lone pair of 
electrons on nitrogen 3 of the biotin, which is more nucleo-
philic than a fully delocalized pair of electrons because of 
cross-conjugation, is the nucleophile in a nucleophilic substi-
tution that can occur either at the carbonato carbon of the 
carboxyphosphate (as shown) or at the carbonato carbon of 
the carbon dioxide that has dissociated from carboxyphos-
phate (see upper path). In either case, the electrophilic carbon 
of the carboxyphosphate or carbon dioxide would be adding to 
the p lone pair of electrons of nitrogen 5, either directly or as 
the phosphate ion, or another catalytic base was removing the 
hydron from nitrogen 3. In all three mechanisms, one of the 
three oxygens of bicarbonate, which are distinguished by the 
letter Ø, ends up in the phosphate, as required by the obser-
vation that the phosphate produced during carboxylation of 
biotin with [18O]HOCO2- bears an equivalent of oxygen-18. 
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engaging in a nucleophilic substitution at the carbon-
ate carbon of carboxyphosphate with phosphate 
as the leaving group. The transfer of 18O from 
[18O]bicarbonate to the phosphate is also observed394 
in the slow, wasteful bicarbonate-dependent ATPase 
reaction 

 
                     (1-147) 

catalyzed by the active site of biotin carboxylase in 
the absence of biotin in which water slowly 
hydrolyzes the carboxyphosphate by a nucleophilic 
substitution at the carbonato carbon with 
H18OPO3

2- as the leaving group. All these results 
are consistent with a mechanism involving the 
intermediate formation of carboxyphosphate. 
 There are three current contenders for the 
mechanism of transfer of the carboxy group from 
the carboxyphosphate to nitrogen 3 of the biotin. 
In the first, the carboxyphosphate dissociates to 
carbon dioxide and phosphate and the anionic 
conjugate base resulting from the dehydronation of 
nitrogen 3 of the ureido group of biotin adds 
nucleophilically to the electrophilic carbon of the 
carbon dioxide. In the second, the anionic conjugate 
base of the ureido group engages in a concerted 
nucleophilic substitution at the electrophilic carboxy 
carbon of the carboxyphosphate. In the third, the 
neutral ureido group is the nucleophile in the 
nucleophilic substitution, which could be either 
dissociative or concerted.  
 In the first proposal, the transfer of the carboxy 
group is a dissociative nucleophilic substitution at 
the carbonato carbon with carbon dioxide as an 
intermediate (Figure 1-29, upper path). The 
equilibrium constant for dissociation of the dianion 
of carboxyphosphate (1-108) to form carbon 
dioxide and phosphate has been estimated to be 
10 M, and the rate of its dissociation has been 
estimated to be 10 s-1. At the same time, it was 
demonstrated that carbon dioxide is much more 
electrophilic than carboxyphosphate.395 Estimates 
of the rate of decomposition and the dissociation 
constant suggest that, once formed on an active 
site, carboxyphosphate requires little catalysis to 
dissociate rapidly enough and completely enough 
for its dissociation to be a step in the overall 
mechanism for an enzyme that uses biotin as a 
coenzyme. A molecule of CO2 would fully disso-
ciate from the carboxyphosphate, and that mole-

cule of CO2 would be the electrophile to which the 
anionic conjugate base of biotin would add.391 If 
this is the actual mechanism, MgATP2- is not 
responsible for enhancing the electrophilicity of 
the bicarbonate by forming carboxyphosphate. 
Instead, it performs the function of dehydrating the 
bicarbonate exergonically by converting it into 
carbon dioxide. 
 There is crystallographic evidence consistent 
with the participation of CO2 as an intermediate in 
the carboxylation of biotin. In a crystallographic 
molecular model of the active site of biotin 
carboxylase from E. coli, when it is occupied by 
bicarbonate and MgADP-, one of the oxygens of the 
bicarbonate is only 0.27 nm from nitrogen 3 of the 
coenzymatic biotin.396 The same oxygen of the 
bicarbonate is also only 0.4 nm from the b phos-
phorus atom of MgADP-. It is the closest oxygen of 
the bicarbonate to the b phosphorus atom and should 
be the oxygen of the bicarbonate that is phos-
phorylated by MgATP2- during formation of the 
carboxyphosphate. Consequently, it is destined to 
be one of the oxygens of the phosphate that is the 
final product, the one that has gained the oxygen-18 
in an isotopic transfer from the bicarbonate 
(Equation 1-147). If the carboxyphosphate does 
dissociate to CO2 and phosphate and that oxygen, 
which is now on a phosphate ion, remains in the 
same position, it would be in the perfect location to 
remove a hydron from nitrogen 3 of the biotin to 
create the anionic, nucleophilic conjugate base 
(Figure 1-29, upper path). The carbon dioxide 
would then move a slight distance to place its 
carbon immediately adjacent to the now anionic 
nitrogen 3 for the nucleophilic addition.  
 In the second proposal, transfer of the carboxy 
group to biotin is an associative nucleophilic substi-
tution at the carbonato carbon with a tetrahedral 
intermediate (Figure 1-29, middle path). Phospho-
rylation of the oxygen of the bicarbonate by 
MgATP2- has turned a poor leaving group (HO-) 
into a good leaving group (HO3PO2-). The electro-
phile is the carboxyphosphate, with a hydron on 
the carboxy group to increase its electrophilicity 
and the Mg2+ from MgATP2- still on one of the 
oxygens of the phospho group to increase its ability 
to leave. In this proposal, the nucleophile is also the 
s lone pair of electrons on the anionic conjugate 
base of the ureido group. 
 In both the first and the second proposals, the 
nucleophile is the anionic conjugate base of the 
ureido group. A model reaction that is consistent 
with the anionic conjugate base of the ureido group 

H18OC18O2
–  +  MgATP 

2–  +  H2
16O  1

          MgADP 
–  +  H 

+  +  H18OPO3
2–  +  H16OC18O2
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being the nucleophile is the rapid (15 s-1 at pH 7.4), 
base-catalyzed exchange of the hydrons on nitro-
gen 3 of the ureido group in biotin,384,397 which 
suggests that these hydrons can be readily removed 
to form the conjugate base. The problem with this 
nucleophile is the acid dissociation constants of the 
ureido group. The difficulty can be understood 
by examining the acid dissociation constants of 
urea itself 

       (1-148) 

The pKa for urea398,399 is 25, so even though the 
hydron on nitrogen 3 of biotin is susceptible to 
base-catalyzed exchange and even if the base that 
removes the hydron from nitrogen 3 were the 
conjugate base of an arginine (pKa = 13), only 10-12 
of the ureido group would be the conjugate base at 
any instant. If the base that removes the hydron 
(Figure 1-29, upper path) is the dianion of 
phosphate (pKa = 6.8), only 10-18 would be the 
conjugate base. In crystallographic molecular 
models of the active sites of biotin carboxylase 
from E. coli396,400 and the almost identical biotin 
carboxylase (82% identity; 0 gap percent) from 
Haemophilus influenzae401 when they are occupied 
by biotin, there are two arginines. One of them 
forms a hydrogen bond with the carbonato 2-oxo 
group of the biotin, but neither of them is properly 
situated to be a catalytic base that removes the hydron 
from the ureido group of the biotin. There is also a 
lysine in the active site, the amino group of which 
might be able to stretch to the hydron,401 but if it is 
the catalytic base (pKa = 10.5), only 10-15 of the 
ureido group would be the conjugate base. The 
situation would be improved if the carbonato 
oxygen of the ureido group could be hydronated. 
This hydronation would lower the pKa of the 
hydron on nitrogen 3 to 11, but the pKa of this 
oxygen is 0.2. In the active site of biotin carboxy-
lase, the carbonato oxygen is, as noted above, usually 
in a hydrogen bond with the cationic guanidinio group 
 

of an arginine, an unusually weak acid. The fact, 
however, that the guanidinio group bears a positive 
elementary charge should at least lower the pKa of 
the ureido group. 
 In the third proposal (Figure 1-29, lower path), 
the transfer of the carboxy group to biotin would be 
coincident with the concerted removal of the hydron 
on that same nitrogen by a base participating in 
the reaction.397,401 The observation prompting this 
proposal is the fact that acid-catalyzed hydron 
exchange of biotin397,402 proceeds by hydronation 
of the p lone pair of one of the ureido nitrogens, 
which is somewhat more basic than the nitrogen of 
an amide because of cross-conjugation, to produce 
the ureido cation (1-110) 

      
                     (1-149) 

In this latter acid–base reaction, the p lone pair of 
the nitrogen has participated as a nucleophile, the 
reaction of which with an electrophile, the hydron, 
has preceded removal of the other hydron. In the 
carboxylation catalyzed by biotin carboxylase, the 
electrophile would be either carbon dioxide 
(Figure 1-29, upper path) or carboxyphosphate 
(Figure 1-29, middle and lower paths) rather than a 
hydron. 
 At the moment, in spite of many attempts to 
do so,391 there is no unambiguous observation that 
can establish one or the other of these mechanisms 
for transferring the carboxy group from bicarbonate 
to biotin,400 so all three are possible explanations. 
 
 In an active site catalyzing the transfer of the 
carboxy group from N3-carboxybiotin to an acceptor, 
the carboxy group is transferred to an enol or 
enolate  
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                    (1-150) 

 
This transfer is usually considered to be a concerted 
nucleophilic substitution at the carbonato carbon of 
the N3-carboxybiotin. If this is the mechanism, 
because of its acid dissociation constants (Equation 
1-148), either hydronation of the biotin on the 
exocyclic oxygen (as shown in Equation 1-150) or 
formation of strong hydrogen bonds to it is probably 
a necessary step in enabling it to be the leaving 
group. A similar, intramolecular nucleophilic substi-
tution occurs in the intramolecular model reaction403 

     
                     (1-151)  

but only if the other nitrogen of the ureido group is 
methylated to prevent it from losing its hydron. 
The N-methyl-O-methyl-S-alkenyl model compound 
1-111 is the sulfur homologue of the biotinyl 
cation in Equation 1-150. 
 Under the proper circumstances, the biotin 
should be a reasonably good leaving group in a 
concerted nucleophilic substitution, as illustrated 
by the fact that the free energy of hydrolysis of 
N3-carboxybiotin is -20. kJ mol-1 at pH 7 and 0 ªC.386 
Because the electrophile has a poor leaving group 
and the nucleophile, an enolate, is a strong one, an 
associative nucleophilic substitution with a tetra-
hedral intermediate should be the mechanism. 
 
  

 Another intramolecular reaction that is chem-
ically homologous to Equation 1-150 is catalyzed 
by 5-(carboxyamino)imidazole ribonucleotide mutase 

        (1-152) 

It has been shown that the carboxy group is 
transferred during this reaction from nitrogen 5 to 
carbon 4 on the same molecule of substrate.404 
Because a direct, concerted nucleophilic substitution 
in which carbon 4, as a nucleophile, adds to the 
carbonato carbon before or while nitrogen 5 leaves 
is sterically forbidden, it has been proposed that 
the carboxy group dissociates completely from 
nitrogen 5 as CO2, which is then attacked by 
carbon 4 of the resulting unhydronated enamine. It 
is possible that the analogous two steps, between 
which CO2 would be present as an intermediate, 
occur in the reaction of Equation 1-150. This 
disconnection would make it a dissociative nucleo-
philic substitution rather than an associative nucleo-
philic substitution. The CO2 would fully dissociate 
from the N3-carboxybiotin before the enolate adds 
to it nucleophilically.391 
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Electrophilic Aromatic Substitution 

There are a number of electrophilic aromatic sub-
stitutions catalyzed by enzymes. An example of an 
electrophilic aromatic substitution on a phenyl 
ring that is encountered in a metabolic pathway is 
the one catalyzed by trihydroxypterocarpan dimethyl-
allyltransferase 

 
                     (1-153) 

from Glycine max.405 This enzyme participates in 
the biosynthetic pathway for glyceollin. 
 The electrophile in the reaction is 3,3-dimethyl-
allyl carbenium ion 1-99 formed by the dissociation 
of diphosphate from 3,3-dimethylallyl diphosphate 
(Figure 1-26). The electrophilic allyl carbenium ion 
adds to the nucleophilic p molecular orbital system 
of the phenyl ring at a position ortho to the hydroxy 
group and para to the ether oxygen, both of which 
increase the nucleophilicity of the ortho position, 
to produce a pentadienyl carbenium ion as an inter-
mediate. This pentadienyl carbenium ion can be 
represented by resonance 

    

or by its lowest unoccupied p  molecular orbital 

         

which contains the electron deficiency of the carbe-
nium ion. 
 The intermediate in a generic electrophilic 
aromatic substitution on a phenyl group is a penta-
dienyl carbenium ion. In the particular instance of 
trihydroxypterocarpan dimethylallyltransferase, the 
pentadienyl carbenium is defined by the three reso-
nance structures of 1-112 and is formed by mixing 
the five p atomic orbitals in the ring remaining after 
the electrophilic addition. 
 In almost all electrophilic aromatic substitu-
tions, with the exception of those on benzene, 
there are substituents on the ring that either with-
draw or donate electron density and determine the 
regioselectivity of the substitution. These substitu-
ents withdraw or donate electron density by reso-
nance through the p molecular orbital system of the 
pentadienyl carbenium ion or by induction through 
the s bonds of the system orthogonal to the 
p molecular orbital system. A withdrawal or donation 
by resonance, as opposed to one by induction, is 
represented by aligning the orbital or orbitals on the 
substituent responsible for it with the p molecular 
orbital of the pentadienyl carbenium ion as in 
1-113. In the present circumstance, the hydroxy 
group and the alkoxy group donate electron densi-
ty by resonance, and an orbital on each oxygen 
containing one of its lone pairs of electrons is 
aligned with the p molecular orbital system. Each 
lone pair of electrons is located in a p atomic or-
bital because that permits the greatest overlap and 
also explains the coplanarity of the alkoxy group. A 
carbonyl group would be an example of a substituent 
that withdraws electrons by resonance, and in this 
instance its carbon–oxygen double bond, which is 
responsible for the withdrawal, would be drawn so 
that its p molecular orbital system is parallel to the 
p molecular orbital system of the pentadienyl carbe-
nium ion. 
 The pentadienyl carbenium ion 1-112 has a 
p molecular orbital system composed from five 
consecutive p orbitals situated on the five unsatu-
rated carbons around the ring. The two bonding 
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p molecular orbitals of the pentadienyl carbenium 
ion, those of lowest energy, are each occupied by a 
pair of electrons. The lowest unoccupied p molec-
ular 1-113 has lobes at three of the carbons and 
nodes at the other two. The lobes of this p molecular 
orbital of the pentadienyl carbenium ion define its 
electron-deficient positions, and these positions 
are the same locations at which a carbenium ion is 
found in each of the three respective resonance 
structures of 1-112. 
 The oxygens attached at two of these three lo-
cations stabilize the respective p electron deficiency 
in these lobes by electron donation from their respec-
tive p orbitals, each occupied by a pair of electrons. 
This stabilization is responsible for the regioselec-
tivity of the reaction because it also occurs, but to a 
lesser extent, in the transition state for the addition. 
The p electron donation can be represented by two 
resonance structures in addition to those in 1-112 

 

These resonance structures suggest that the actual 
p molecular orbital system of this particular penta-
dienyl carbenium ion includes the two p orbitals, 
one from each of the oxygens. In this case, the 
p molecular orbital system would be the result of 
mixing seven p orbitals to create seven p molecular 
orbitals occupied pairwise by eight electrons. The 
lowest unoccupied molecular orbital of the set 
would contain the electron deficiency and will have 
lobes over the atoms identified by the full set of 
resonance structures. 
 Addition of the dimethylallyl carbenium ion to 
the phenyl ring destroys the aromatic p molecular 
orbital system by introducing a saturated carbon at 
the one tetravalent position, the position at which 
both a hydrogen and the dimethylallyl group are 
attached. The aromatic p molecular orbital system 
can be regained only by loss of the original electro-
phile, which yields the reactants, or by loss of the 
hydron from that saturated carbon. Loss of the hydron 
leaves behind the two electrons formerly in the 
carbon–hydrogen s bond and also permits that 
carbon to rehybridize sp2, sp2, sp2, p. The p orbital 
of this carbon, the two electrons, and the pentadienyl 
carbenium ion together then coalesce to form the 
aromatic p molecular orbital system of the product 

  
                       (1-154) 

The reason that the carbon from which the hydron 
dissociates is acidic is that the pair of electrons in 
the carbon–hydrogen bond are withdrawn into the 
pentadienyl carbenium ion to complete the aro-
matic sextet. 
 Electrophilic aromatic substitutions on indoles 
are also common. An example of such a substitution, 
again by dimethylallyl carbenium ion 1-99 formed 
from dimethylallyl diphosphate (Figure 1-26), is 
that catalyzed by 4-dimethylallyltryptophan syn-
thase406 

 
 

                      (1-155) 

In this reaction, the intermediate carbenium ion is 
stabilized by the p lone pair of electrons on the ni-
trogen of the indole ring 
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In this intermediate, an octatetraenyl p  molecular 
orbital system encompasses all seven of the unsatu-
rated carbons and the nitrogen in the two rings. 
 The lone pair of electrons on the nitrogen of 
indole also stabilizes the intermediate cation in the 
electrophilic aromatic substitution catalyzed by 
tryptophan synthase407,408 

         (1-156)  

In this electrophilic aromatic substitution on the 
pyrrolyl ring of the indolyl group, an aldehyde, 
which is an electrophile, is replaced by a hydron, 
another electrophile, and the tetravalent carbon in 
the cationic intermediate is at carbon 3 of the in-
dole rather than at carbon 4 as it is in 1-115. 
 Simple pyrroles that are not further conjugated 
as the one is in indole are also aromatic hetero-
cycles, and as such, they are subject to electrophilic 
aromatic substitution. In the discussion of the Michael 
addition catalyzed by hydroxymethylbilane synthase 
(Equation 1-141), the focus was on nucleophilic 
addition of the pyrrole to the electrophilic, vinylo-
gous a,b-unsaturated iminium. Here the focus is on 
the electrophilic aromatic substitution that proceeds 
at the pyrrole 

  
                 (1-157)  

the other substrate in the reaction.409 In this electro-
philic aromatic substitution the cationic intermediate 

     

has a butadienyl p molecular orbital system with 
four p electrons in which the nitrogen, if hydronat-
ed, bears the positive charge. In the next step of the 
reaction, the hydron on the carbon atom to which 
the electrophile added dissociates to rearomatize 
the pyrrole. 
 There are electrophilic forms of atomic oxygen 
generated enzymatically by flavin that add to phenyl 
rings in an electrophilic aromatic addition to produce 
intermediate pentadienyl carbenium ions 

    

stabilized by exocyclic oxygens or nitrogens.410-412  
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In the former instance, in which there is a hydroxy 
group stabilizing the pentadienyl carbenium ion,  
the usual dissociation of the hydron from 1-117 
completes the electrophilic aromatic substitution 
to give the catechol, the reaction catalyzed by 
4-hydroxybenzoate 3-monooxygenase. In the latter 
instance, in which there is an amino group 
stabilizing the pentadienyl carbenium ion, the 
hydrogen at the tetravalent carbon 5 in interme-
diate 1-118 migrates to cationic carbon 6 as a 
hydride412,413 

      
                     (1-158) 

to produce the intermediate ketone in the reaction 
catalyzed by anthraniloyl-CoA monooxygenase. 
 One of the more unusual electrophilic aro-
matic additions is that forming the pentadienyl 
carbenium ion 

      
                     (1-159) 

that is an intermediate covalently bonded to the 
folded polypeptide of phenylalanine ammonia-
lyase from Petroselinum crispum.414 This interme-
diate is formed by Michael addition of the nucleo-
philic phenyl ring to the electrophilic dehydro-
alanine in the polypeptide of the enzyme, which is 
an a,b-unsaturated acyl derivative. The purpose of 
this electrophilic aromatic addition is to acidify one 
of the b hydrons of ¬-phenylalanine so that it and 
ammonia can be eliminated. Once the elimination 
has occurred, the dehydroalanine rather than a 
hydron leaves the intermediate to regenerate the 
phenyl ring. The enzyme must avoid loss of the 
hydron on the saturated carbon of the pentadienyl 

intermediate. If the hydron were to dissociate instead 
of the dehydroalanine, the enzyme would be cova-
lently inactivated. 
 Nucleophilic aromatic substitutions are rarely 
encountered in enzymatically catalyzed reactions.415 
One of the few is that catalyzed by 4-chloro-
benzoyl-CoA dehalogenase 

      
                     (1-160) 

in which the acyl-SCoA substituent stabilizes the 
intermediate pentadienyl carbanion. 
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Pericyclic Reactions 

A pericyclic reaction is a rearrangement of covalent 
bonds that proceeds in a concerted manner through 
one transition state. The sigmatropic rearrangement 
catalyzed by chorismate mutase 

     
                     (1-161) 
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is an example of a pericyclic reaction. It proceeds in 
one step through a single transition state in which 
the ether in chorismate is almost fully cleaved 
heterolytically while only a small fraction of the 
new carbon–carbon bond has formed.416-421 As a 
result, the oxygen of the ether that is leaving bears a 
partial negative elementary charge; and the 
pentadienyl group that it leaves, a partial positive 
elementary charge. These conclusions about the 
enzymatic mechanism place this rearrangement just 
within the borderline between a concerted reaction 
and a stepwise reaction. The same reaction between 
chorismate and prephenate occurs in free solution 
in the absence of the enzyme. In this nonenzymatic 
conversion of chorismate to prephenate, little if 
any dissociation of the chorismate to enol-pyruvate 
and 4-hydroxy-benzoate occurs,419 an observation 
consistent with the reaction proceeding in a concerted 
mechanism through a single transition state. Were 
the carbon–oxygen bond to dissociate fully before 
the carbon–carbon bond had begun to form, the 
upper and lower fragments of the molecule—the 
enolate of enol-pyruvate and the pentadienyl car-
benium ion—would no longer be bonded together 
and should diffuse apart. This pericyclic reaction is 
a sigmatropic rearrangement because a s bond allylic 
to a p bond is broken, a new s bond allylic to a p bond 
is formed, and two p bonds migrate to adjacent 
positions. 
 Another example of a pericyclic reaction is the 
ene reaction. The formation of intermediate 1-79 
that occurs during the reduction of (E)-but-
2-enoyl-SCoA by NADPH (Equations 1-97 and 
1-98) is presumed to be a concerted pericyclic ene 
reaction,294 on the basis of the identity of the reac-
tants and the products, although it has already been 
mentioned that this conclusion has been chal-
lenged.299 A less controversial example of an ene 
reaction is the nonenzymatic coupling of 6,6-di-
methyl-3-methylidenebicyclo[3.1.1]heptane and 
maleic anhydride 

            (1-162) 

In this reaction, an allylic hydrogen in the 6,6-dimethyl-
3-methylidenebicyclo[3.1.1]heptane is transferred 
to one of the carbons in the double bond of the 

maleic anhydride while the distal carbon of the 
methylene group forms a s bond with the other 
carbon in the double bond. In an ene reaction, the 
distal atom in the double bond adjacent to an allylic 
hydrogen adds to an atom in a second double bond 
unconjugated to the first, either in another molecule 
or within the same molecule, to form a new s bond 
while the allylic hydrogen is transferred to the other 
atom in the second double bond.  
 
 A pericyclic reaction is a concerted reorganiza-
tion of bonding that takes place through an aromatic 
transition state that is a cyclic array of overlapping 
atomic orbitals. The bonding around the ring in 
the transition state, however, does not need to be a 
continuous circle of s bonds. In fact, in most pericyclic 
reactions one or two of the bonds connecting the 
atoms in the ring of the transition state are solely 
p bonds with no s bond connecting them. To be a 
true pericyclic reaction, however, the bonds being 
broken and those being formed must be broken and 
formed during the passage through a single transition 
state. Sigmatropic rearrangements, ene reactions, 
cycloadditions, and electrocyclic reactions are 
examples of pericyclic reactions. 
 A pericyclic reaction has an aromatic transition 
state. The aromatic transition state for the sigma-
tropic rearrangement catalyzed by chorismate mutase, 
and the aromatic transition state for the coupling of 
6,6-dimethyl-3-methylidenebicyclo-[3.1.1]heptane 
and maleic anhydride, are both transition states in 
which there is a continuous ring of six parallel atomic 
orbitals, each of which overlaps in sequence around 
the ring with its two nearest neighbors so that they 
can together form a complete cyclic p molecular 
orbital system, and the p molecular orbital system 
in each of these transition states is occupied by six 
electrons. To satisfy the requirement for an aromatic 
transition state, there can be atomic orbitals, either 
s orbitals or p orbitals, from any number of atoms, as 
long as they are sterically permitted to overlap and 
form a continuous, conjugated cyclic transition state, 
and provided that six or ten electrons (or another 
aromatic number) participate in the resulting molec-
ular orbital system. Most of the pericyclic reactions 
catalyzed by enzymes have cyclic transition states of 
five or six atoms in which only six electrons are 
rearranged. 
 In the transition state for the sigmatropic rear-
rangement catalyzed by chorismate mutase, all six 
of the atoms involved are hybridized sp2, and the 
ring is composed of the six p orbitals (Figure 1-30).  
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Figure 1-30: Reactant, transition state, and product of the reaction 
catalyzed by chorismate mutase. The reactant, chorismate, has 
a s bond between oxygen and carbon flanked by two carbon–
carbon double bonds. In the transition state (‡), the carbon–
oxygen s bond has broken to produce two additional p orbitals, 
and these new p orbitals and the four p orbitals already in the 
reactant now form an unbroken ring of six p orbitals. The 
ë molecular orbital system is occupied by six electrons. This 
aromatic ë system holds together the two fragments that are no 
longer connected by a s bond. When a s bond forms between 
two p orbitals on the opposite side of the ring, the product 
prephenate (upper right) is produced. It also has a s bond 
flanked by two double bonds. 
 
 
 
 
These six p atomic orbitals that mix in the transi-
tion state were the two molecular orbitals, bonding 
and antibonding, that form the s bond between the 
carbon and the oxygen and the four p molecular 
orbitals, bonding and antibonding, that form the 
two p molecular orbital systems in the two double 
bonds of the reactant. They will become the four 
p molecular orbitals that form the p molecular orbital 
systems in the two double bonds of the product 
and the two molecular orbitals, bonding and anti-
bonding, that form the molecular orbital system in 
the new carbon–carbon s bond in the product. The 
p molecular orbital system of the transition state 
(Equation 1-161 and Figure 1-30) is formed from 
six p orbitals from five carbons and one oxygen. 
These six p electrons are delocalized and mobile, so 
it is not surprising that significant negative charge 
builds up on the more electronegative oxygen in 
the transition state at the expense of electron density 
on the five carbons, which become electron-
deficient.421 Because of this imbalance of electron 
density, the transition state is more polar than the 
ground state, and the nonenzymatic reaction is 
more rapid in polar solvents than nonpolar solvents.419 
 The transition state for the ene reaction of 
6,6-dimethyl-3-methylidenebicyclo[3.1.1]heptane 
and maleic anhydride 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
                     (1-163) 

is formed from p orbitals from the five carbons 
involved and the s orbital of the hydrogen that is 
transferred from one of the carbons to another. 
These six atomic orbitals that mix in the transition 
state were the two molecular orbitals, bonding and 
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antibonding, that form the s bond between the 
carbon and the allylic hydrogen and the four 
p molecular orbitals, bonding and antibonding, 
that form the two p molecular orbital systems in 
the two double bonds of the reactant. They will 
become the two p molecular orbitals, bonding and 
antibonding, that form the p molecular orbital system 
in the double bond of the product and the four molec-
ular orbitals, bonding and antibonding, that form 
the two molecular orbital systems in the two s bonds, 
carbon–carbon and carbon–hydrogen, in the product. 
 Although aromatic, the transition states in the 
sigmatropic rearrangement catalyzed by chorismate 
mutase and in the ene reaction of 6,6-dimethyl-
3-methylidenebicyclo[3.1.1]heptane and maleic 
anhydride are unstable with respect to reactant 
and product because in the reactants and products 
one or two of the p bonds in the transition state 
have become s bonds in the reactant or product. 
s Bonds are more stable than p bonds. Each transition 
state therefore readily decomposes to the reactant 
or product, either of which is more stable than the 
transition state. In each case, if the p molecular orbital 
system of the transition state is examined closely, it 
can be seen that there are only two ways that it can 
decompose to form three covalent bonds. In the case 
of chorismate mutase, the transition state must 
either form prephenate, in which it has disassem-
bled into two carbon–carbon p bonds and a carbon–
carbon s bond, or form chorismate, in which the 
transition state has disassembled into two carbon–
carbon p bonds and a carbon–oxygen s bond. In 
the case of the ene reaction of 6,6-dimethyl-
3-methylidenebicyclo[3.1.1]-heptane and maleic 
anhydride, the transition state must either form 
6,6-dimethyl-3-methylidenebicyclo-[3.1.1]heptane 
and maleic anhydride, in which it has disassembled 
into two carbon–carbon p bonds and a carbon–
hydrogen s bond, or form the adduct, in which the 
transition state has disassembled into a carbon–
carbon p bond, a carbon–carbon s bond, and a 
carbon–hydrogen s bond. 
 In pericyclic reactions, the transition state is 
approached by overlaps of atomic and molecular 
orbitals in the reactant or in the product. The active 
site of the enzyme catalyzing a pericyclic reaction 
ensures that a conformation of the two molecules 
is enforced in which these overlaps are permitted. 
For example, in the pericyclic, sigmatropic rear-
rangement catalyzed by chorismate mutase (Equa-
tion 1-161) 

 

the following interactions are occurring. First, the 
lower lobe of the unoccupied antibonding molecular 
orbital of the carbon–oxygen s bond overlaps the 
lower lobe of the occupied bonding p molecular 
orbital of the lower right double bond. Second, the 
upper lobe of the unoccupied antibonding p mole-
cular orbital of the lower right double bond overlaps 
the lower lobe of the occupied bonding p molecular 
orbital of the upper left double bond. Third, the 
lower lobe of the unoccupied antibonding p molecular 
orbital of the upper left double bond overlaps with 
the occupied bonding molecular orbital of the carbon–
oxygen s bond. Fourth, the occupied bonding molec-
ular orbital of the carbon–oxygen s bond overlaps 
with the upper lobe of the unoccupied antibonding 
p molecular orbital of the lower right double bond. 
Fifth, the upper lobe of the occupied bonding 
p molecular orbital of the lower right double bond 
overlaps with the lower lobe of the unoccupied 
antibonding p molecular orbital of the upper left 
double bond. Sixth, the upper lobe of the occupied 
bonding p molecular orbital of the upper left double 
bond overlaps with the upper lobe of the unoccu-
pied antibonding molecular orbital of the carbon–
oxygen s bond. 
 
 There are other instances of enzymatically 
catalyzed pericyclic reactions. For example, an 
enzymatically catalyzed pericyclic ene reaction is that 
catalyzed by isochorismate lyase from Pseudomonas 
aeruginosa422 

        
                     (1-164) 

The reaction proceeds through a single aromatic 
transition state formed from the s orbital of the 

HO

H

–OOC
1–120

O

1
O

–O

O

O
H

O

O

HH

H

O

H–O–O

HH

–O

salicylate                     isochorismate

pyruvate

O
H

HH

O



Pericyclic Reactions 
 

125 

hydrogen that is migrating and five p orbitals from 
the five heavy atoms, four carbons and an oxygen 

   

In the transition state, the s bond between carbon 
and hydrogen and the s bond between carbon and 
oxygen in the reactant do not exist because their 
constituent atomic orbitals have been transformed 
into participants in the p molecular orbital system, 
but the transition state is held together by that 
continuous p molecular orbital system. In this ene 
reaction in the direction of salicylate formation, 
kinetic isotope effects indicate that dissociation of 
the carbon–oxygen bond precedes dissociation of 
the carbon–hydrogen bond but that the reaction is 
nevertheless concerted and pericyclic. 
 The proposal that an ene reaction forms inter-
mediate 1-79 during the reduction of (E)-but-
2-enoyl-SCoA by NADPH was invoked to explain 
the fact that the p molecular orbital system of the 
(E)-but-2-enoyl-SCoA is stacked against and parallel 
to the p molecular orbital system of the NADPH. In 
the case of the ene reaction that is catalyzed by 
isochorismate lyase the p  molecular orbital systems 
of the reactants and the products must be parallel 
to and stacked against each other. Consequently, 
the plane of the p molecular orbital system of the 
pyruvyl moiety must be parallel to the plane of the 
p molecular orbital system of the salicyl moiety. 
When the active site of the enzyme is occupied by 
pyruvate and salicylate, the p molecular orbital system 
of the pyruvate is parallel to and stacked upon the 
p molecular orbital system of the salicylate, and the 
two products are positioned in the orientation they 
should assume in the transition state (1-121).423 
 If the p molecular orbital system of transition 
state 1-121 is examined closely, it can be seen that 
there are only two ways that it can decompose to 
form three covalent bonds. It must either form 
isochorismate, in which the transition state has 
decomposed into a carbon–carbon p bond, a carbon–
hydrogen s bond, and a carbon–oxygen s bond, or 
form salicylate and pyruvate, in which the transi-
tion state has decomposed into a carbon–carbon 
p bond, a carbon–oxygen p bond, and a carbon–

hydrogen s bond. Although the isochorismate has 
one more s bond and one fewer p bond than pyruvate 
and salicylate, the fact that the salicylate is aromatic 
while isochorismate is not evens up the reaction. 
 A cycloaddition is a pericyclic reaction in which 
a total of (2n + 1) double bonds from two unsaturated 
molecules, or two parts of the same unsaturated 
molecule, participate and during which a cyclic adduct 
is produced in which the number of p bonds has 
decreased by two and the number of s bonds has 
increased by two, namely, the two s bonds creating 
the cyclic adduct. A Diels–Alder reaction is a (4+2) 
cycloaddition in which four atoms in two adjacent, 
conjugated double bonds, the diene, form a cyclo-
hexene by combining with a double bond, the 
dienophile, elsewhere in the same molecule or in 
another molecule. A Diels–Alder reaction has a single, 
aromatic transition state formed from a ring of six 
parallel p orbitals through which a cyclohexene is 
formed or a cyclohexene dissociates. An enzymatically 
catalyzed example of such a Diels–Alder reaction424-426 
is that catalyzed by prosolanapyrone-III cyclo-
isomerase from Alternaria solani, which produces 
solanapyrone A 

    
                     (1-165) 

Six parallel p orbitals 

 

and six p electrons in the reactant mix to produce 
the aromatic p molecular orbital system of the transi-
tion state. An enzyme catalyzing a similar synthesis 
of a cyclohexene through a Diels–Alder reaction is 
involved in the pathway for the biosynthesis of 
versipelostatin.427 
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 A cycloaddition, such as the reaction that pro-
duces solanapyrone A, proceeds with an enforced 
stereochemistry, and the product observed in an 
enzymatically catalyzed reaction, because enzymatic 
reactions are always stereospecific, is only one of 
four stereochemical outcomes that can result from 
this reaction. In the reaction catalyzed by prosol-
anapyrone-III cycloisomerase, the two possible exo 
products would be those resulting from the dieno-
phile, with its pyran-2-one pointed away from the 
diene, approaching the diene either from the bottom 
as in the drawing or from the top. The two possible 
endo products would be those resulting from the 
dienophile, with its pyran-2-one nestled under or 
above the two double bonds of the diene, approach-
ing the diene either from the bottom or from the top. 
 In the enzymatically catalyzed reaction, the 
dienophile approaches from below the diene with 
its pyran-2-one in the exo orientation as drawn in 
1-122. The dienophile pushes the two central hy-
drogens of the diene up while the hydrogen and the 
alkyl group on the dienophile in the center are 
pushed down by the diene. In response to these 
steric drives in the center, the carbon–carbon double 
bond on the periphery of the diene moves down-
ward, and the hydrogen and the pyran-2-one on 
the periphery of the dienophile twist upward as the 
two new s bonds are formed 

 

These drives give the observed stereochemistry of 
the product (Equation 1-165). The unique feature 
of this stereochemical enforcement is that the four 
paired substituents, each of which begins on one of 
the two sides of the diene or one of the two sides of 
the dienophile, respectively, remain paired so that 
each pair ends up only on one side or the other of 
the cyclohexene. If the stereochemistry of the cyclo-
hexene in the product of an enzymatic reaction that 
is proposed to proceed by a Diels–Alder reaction 
satisfies these requirements and furthermore if only 
one of the four possibilities is observed, then this 
stereochemistry and the exclusivity of the product 
can be used as an argument for the enzyme cata-

lyzing a concerted, pericyclic cycloaddition passing 
through a single transition state. 
 A Diels–Alder reaction is a (4+2) cycloaddition 
because four p orbitals from one fragment combine 
with two p orbitals from the other fragment. In a 
(6+4) cycloaddition, six p orbitals from one fragment 
combine with four p orbitals from the other fragment 
in an aromatic transition state with ten electrons in 
a decacyclic p molecular orbital system formed from 
mixing these ten atomic orbitals. 
 An example of a (6+4) cycloaddition is the reac-
tion catalyzed by the enzyme encoded by the ngnD 
gene in Nocardia argentinensis (Figure 1-31).428 In 
the first step, a ten-membered ring with three p bonds 
is formed within a much larger 18-membered ring. 
During the cycloaddition, five carbon–carbon p bonds 
are converted into two carbon–carbon s bonds and 
three carbon–carbon double bonds through the 
aromatic transition state*  

 

The product of the cycloaddition is then converted 
by a sigmatropic ring contraction into a cyclohexene 
with a ten-membered ring on one side and a six-
membered ring on the other side. The stereochem-
istry† of the hydrogens in the ultimate product is 
that expected for a (6+4) cycloaddition followed by 
a sigmatropic rearrangement. An almost identical 
(6+4) cycloaddition followed by a sigmatropic ring 
contraction to yield a cyclohexene is catalyzed by 
an unrelated428,429 enzyme encoded by the spnF 
gene in Saccharopolyspora spinosa.430-432 
 
 
 

                                     
*In order to produce a comprehensible drawing, the structure 
of the reactant in Figure 1-31 was flipped over so that the 
fragment with two carbon–carbon bonds approaches the 
transition state from above rather than from below. 
†Professor Hui Ming Ge has written: "The CAS drawing in Chem-
Abstract's SciFinder is the enantiomer, which we think is not 
correct based on single crystal X-ray analysis." 
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 An electrocyclic reaction is a pericyclic reaction 
in which a s bond is formed between the termini of 
a fully conjugated linear p molecular orbital system 
containing three (or 2n + 3) p bonds among six 
(or 4n + 6) atoms that become a ring with two (or 
2n + 2) p bonds and the s bond connecting the former 
termini. The number of p bonds has decreased by 
one and the number of s bonds has increased by 
one. The transition state is formed from a ring of 
the six (or 4n + 6) p atomic orbitals of the six (or 4n + 6) 
atoms participating in the rearrangement. There 
are many conversions involved in the synthesis of 
natural products that can be explained as the result 
of electrocyclic reactions.433 There is, however, little 
evidence as yet that they are catalyzed by enzymes. 
 

Figure 1-31: The (6+4) cycloaddition and sigmatropic rear-
rangement catalyzed by the enzyme encoded by the ngnD 
gene in N. argentinensis.428 (A) Schematic drawing of the reac-
tion, displaying the (6+4) cycloaddition that converts the octa-
decacycle into the fused hexacycle, decacycle, and hexacycle 
and the subsequent sigmatropic rearrangement that produces 
the fused decacycle, hexacycle, and hexacycle. The initial 
reactant is the lactone of the linear carboxylic acid 
(2E,4E,6E,12E,14E)-9,11,17-trihydroxy-14,16-dimethylnonadeca-
2,4,6,8,12,14-pentaenoic acid. (B) Stereochemical drawing of 
the same two reactions. During the (6+4) cycloaddition, the 
lower left-hand side of the octadecacycle is situated above the 
upper right-hand side. When the central decacycle forms, the 
hydrogens and the carbon–carbon bonds attached to the ends 
of the p bonds rearranging to form the two new s bonds swing 
in such a way that those groups in the center on the top and 
bottom move up and down, respectively, and those pointed 
away from the center on the top and bottom move down and 
up, respectively, as in 1-123. During the sigmatropic rearrange-
ment, the lower left-hand side of the central decacycle is still 
situated above the upper right-hand side. When the central 
decacycle contracts, the hydrogens and the carbon–carbon 
bonds attached to the ends of the p bonds forming the new 
s bond swing in such a way that those groups in the center on 
the top and bottom move up and down, respectively, and 
those pointed away from the center on the top and bottom 
move down and up, respectively. As the former s bond on the 
upper left dissociates, the two hydrogens swing into the center 
and the lower left-hand hydrogen ends up above the upper 
right-hand hydrogen. 
 
 
 
 
 
 
 
 
 
 
 
 
 
Nevertheless, the fact that such electrocyclic reac-
tions are quite slow at ambient temperatures and 
should require catalysis, as well as the fact that it is 
often the case that the biosynthetic products are 
chiral even though the precursors are achiral, together 
strongly suggest that enzymatic catalysis is involved. 
 
 The assignment of a pericyclic reaction as the 
mechanism of an enzyme in the absence of direct 
evidence of such an involvement results from its 
irresistibility, but in many cases, this may be wishful 
thinking.425 For example, prosolanapyrone-III cyclo-
isomerase (Equation 1-165), the enzyme that is 
involved in the biosynthesis of versipelostatin, and 
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the enzyme that is encoded by the ngnD gene (Fig-
ure 1-31) are simply, at the moment, the least 
controversial of several enzymes that have been 
proposed to catalyze Diels–Alder reactions.425,434 
 One problem with glibly assigning a pericyclic 
reaction to the mechanism of an enzyme is that the 
only mechanism for catalysis of an actual pericyclic 
reaction seems to be the alignment of the portions 
of the reactant or the two reactants. It should be 
pointed out, however, that such an alignment of 
reactants is the most effective way,435 in which any 
active site dramatically increases the rate of a reaction. 
Furthermore, the alignment of the reactant or the 
reactants by the active site can also explain the 
production of chiral products from achiral reactants. 
In a reaction such as a cycloaddition, where there 
are four possible diastereomeric products for the 
uncatalyzed reaction, the fact that only one enanti-
omer is observed is strong evidence that the reaction 
proceeds under the steric control of an active site. 
 Another problem with the assignment of a 
pericyclic reaction as the mechanism of an enzyme 
is that there are usually alternative mechanisms 
involving two transition states and an intermediate 
rather than the single transition state required of a 
pericyclic reaction. For example, the formation of 
intermediate 1-79 in the active site of crotonyl-
CoA carboxylase/reductase can be explained299 by 
the direct transfer of a hydride from NADPH to 
(E)-but-2-enoyl-SCoA followed by a nucleophilic 
addition of the resulting enolate to the NADP+ in a 
nonproductive side reaction. Enzymatic reactions 
that were at one time considered to be concerted 
cycloadditions sometimes turn out to proceed through 
entirely different mechanisms. For example, at one 
time it was believed436,437 that the reaction catalyzed 
by macrophomate synthase from Macrophoma com-
melinae included a Diels–Alder cycloaddition 

   
                     (1-166) 

in which the enol of pyruvate was the dienophile. 
Since then, evidence has been presented438,439 that 

is more consistent with a mechanism in which a 
nucleophilic addition of the enolate of pyruvate to 
the a,b-unsaturated carbonyl of the exocyclic 
acetyl group, the carbon–carbon bond of which is 
also conjugated to the acyl group of the lactone, is 
followed by a nucleophilic addition of the enolate 
of the resulting adduct directly to the carbonyl of 
the pyruvyl group 

 
                         (1-167) 

This mechanism involves two transition states and 
the intermediate adduct. 
 An enzyme, which is found in both Yersinia 
enterocolitica and M. tuberculosis, has an active 
site440,441 that catalyzes the same reaction as that 
catalyzed by isochorismate lyase from P. aerugi-
nosa (Equation 1-164), even though this other 
enzyme is unrelated structurally to isochorismate 
lyase from P. aeruginosa and hence does not share 
a common ancestor. The active site is completely 
different, and when the two substrates pyruvate 
and salicylate are occupying it, unlike what occurs 
in the active site of the enzyme from P. aeruginosa, 
the p molecular orbital system of the pyruvate is 
positioned at a 60ª angle to the p molecular orbital 
system of the salicylate, rather than being parallel 
to it and stacked upon it. This observation is a strong 
indication that the reaction catalyzed by this other 
enzyme does not proceed by a pericyclic mechanism, 
which requires that the pyruvate and the salicylate 
be parallel to each other (1-121). 
 A mechanism, however, that is consistent with 
this stereochemical observation is one in which an 
elimination of the enol of pyruvate precedes the 
removal of a hydron from carbon 2 of the ring by 
the resulting enol 
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                     (1-168) 

The enol of pyruvic acid should be a good leaving 
group (pKa = 7.3), the resulting carbenium ion is 
delocalized over five carbons, and the enolate of 
pyruvate should be an excellent base (the pKa of its 
conjugate acid is 26.6) for removing the hydron 
from carbon 2 of the ring. In the crystallographic 
molecular model of the complex between the 
enzyme from Y. enterocolitica and pyruvate and 
salicylate, the distance between oxygen 2 of the 
pyruvate and carbon 3 of the salicylate is 0.31 nm, 
and the distance betweeen carbon 3 of the pyruvate 
and carbon 2 of the salicylate is 0.38 nm. Both of 
these distances are within the respective sums of 
the van der Waals radii of the atoms involved, 
which is consistent with the proposed steps in the 
mechanism. 
 The irresistibility of pericyclic reactions often 
leads to a proposal that can be rejected by simple 
consideration of the stereochemistry of the partici-
pants. Consider the following mechanism proposed 
for carboxyl transfer from biotin442  

  
                     (1-169) 

Superficially, it resembles the mechanism of the 
reaction catalyzed by isochorismate lyase (Equa-
tion 1-164). When the details of Equation 1-169 are 
examined, however, a telling difficulty arises. Although 
the s bond between the carbon and the hydrogen 
of the acyl-SCoA can be parallel to the p molecular 
orbital system of the urea, the s bond between the 
upper right nitrogen of the urea and the carbon of 

the carboxy group cannot be parallel to the 
p molecular orbital system of the urea because it is 
of necessity orthogonal to it. Consequently, the 
transition state required if this were a pericyclic 
reaction is impossible. It is not surprising that this 
reaction has been demonstrated to occur in steps 
rather than by a concerted mechanism.443,444 
 In summary, a pericyclic reaction is an unequiv-
ocal example of a concerted reaction. In a concerted 
reaction, the making and breaking of two or more 
bonds occur within the same transition state. Reac-
tions that have been shown to proceed through 
concerted mechanisms always proceed through 
simultaneous overlaps between occupied and unoc-
cupied atomic or molecular orbitals that are stereo-
chemically permitted. In addition, overlaps between 
two occupied molecular or atomic orbitals that 
would lead to electron repulsion must be avoided. 
Many more concerted mechanisms have been pro-
posed than have been demonstrated to occur. In 
many instances, the proposal for a concerted 
mechanism, when examined closely, has significant 
problems associated with it. 
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Problem 1-1: The following reactions are simpli-
fied versions of actual reactions that occur in me-
tabolism. In most of them, the complicated 
functional groups of the actual metabolites have 
been replaced by methyl or ethyl groups to make it 
simpler to write the compounds. Therefore, these 
specific reactions do not necessarily occur anywhere. 
Nevertheless, as written, the chemistry is identical 
to the chemistry of the reactions between the more 
complicated biological molecules that are cata-
lyzed by enzymes. The majority of the chemical re-
actions that occur in metabolism are represented 
here. Most of the remaining reactions in metabo-
lism are catalyzed by enzymes that use prosthetic 
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groups, and these will be discussed in more detail 
in the next chapter. Assume each reaction occurs in 
aqueous solution and that donors of hydrons (acids) 
and acceptors of hydrons (bases) are always availa-
ble. Write complete chemical mechanisms for these 
reactions. Where hydrides are shown it is assumed 
that NAD+ would be the carrier of them. 
 
 (A) CH3CH2OH 1 CH3CHO + H- + H+ 
 
 (B) CH3COCH2OH 1 CH3CH(OH)CHO 
 
 (C) CH3CH(OH)CHO + HSCH2CH2OH 1 

CH3CH(OH)COSCH2CH2OH + H- + H+ 
 

 (D) CH3CH2NH3
+ + CH3COCH2OH 1 

CH3CH2

(
NHCCH3CH2OH + H2O 

 

 (E) CH3CH2

(
NHC(CH3)CH2OH + CH3CHO 1 

CH3CH2

(
NHC(CH3)CH(OH)CH(OH)CH3 

 (F) CH3CH2NH3
+ + HCHO + H- + H+ 1 

CH3CH2

(
NH2CH3 + H2O 

 
 (G) CH3CH2CONHCH3 + H2O 1 

CH3CH2COO- + H3CNH3
+ 

 
 (H) CH3COSCH3 + CH3CHO 1 

CH3CH(OH)CH2COSCH3 
 
 (I) CH3COOCH3 + CH3NH3

+ 1 
CH3CONHCH3 + H+ + HOCH3 

 
 (J) CH3COCH2COO- + H2O 1 2CH3COO- + H+ 
 
 (K) 2CH3COSCH3 1 

CH3COCH2COSCH3 + CH3SH 
 
 (L) CH3CHCHCOCH3 + CO2 1 
   -OOCCH2CHCHCOCH3 + H+ 
 
 (M) CH3COSCH3 + CO2 1 
   -OOCCH2COSCH3 + H+ 
 (N) CH3COSCH3 + HOPO3

2- 1 
CH3COOPO3

2- + HSCH3 
 
 (O) CH3COSCH3 + CH3OH 1 

CH3COOCH3 + HSCH3 
 

 (P) H2NCOOPO3
2- + CH3NH3

+ 1 
H2NCONHCH3 + HOPO3

2- + H+ 
 
 (Q) CH3CONHCH3 + C2H5NH3

+ 1 
CH3C(NC2H5)NHCH3 + H2O + H+ 

 
 (R) H2NCHNH2

+ + H2O 1 
H2NCONH2 + H- + 2H+ 

 
 (S) H+ + CH3CONH2 + CH3COO- 1 

CH3CONHCOCH3 + H2O 
 
 (T) CH3COOPO3

2- + H- + H+ 1 
CH3CHO + HOPO3

2- 
 
 (U) CH3CHO + H2O 1 CH3COO- + H- + 2H+ 
 
 (V) CH3C(OCH2CH3)2CH3 + H2O 1 

CH3COCH3 + 2C2H5OH 
 
 (W) CH3C(OCH2CH3)2CH3 + HOPO3

2- 1 
CH3C(OCH2CH3)(OPO3

2-)CH3 + CH3CH2OH 

 (X) CH3CH(OCH2CH3)OPO3
2- + CH3NH3

+ 1 
CH3CH(OCH2CH3)

 (
NH2CH3 + HOPO3

2- 
 
 (Y) CH3CH(OH)CH2COSCH3 1 

CH3CHCHCOSCH3 + H2O 
 
 (Z) cis-CH3CHCHCH3 1 trans-CH3CHCHCH3 
 
 (a) CH3CHCHCH2OPO3

2- 1 
CH2CHCHCH2 + HOPO3

2- 
 
 (b) CH2CHCHCH2 + H2O 1 CH3CH2CH2CHO 
 
 (c) CH3CH(OH)CH2COO- + H+ 1 

CH3CHCH2 + CO2 + H2O 
 
 (d) CH3CH(OH)CH2OPO3

2- + CH3COCH3 1 
CH3COCH2C(CH3)2OH + HOPO3

2- 
 (e)

  

 (f) H2C(OH)CH(
(
NH2CH3)OC2H5 1 

HCOCH2

(
NH2CH3 + C2H5OH 

 

COO–

OH

    +   H 

+                                 +   H2O   +   CO21
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 (g) CH3CH(OH)CH2COO- 1 
CH3CH2CH(OH)COO- 

 
 (h) CH3COCH2COO- + H+ 1 CH3COCH3 + CO2 
 
 (i) CH2CHCH2OPO3

2- + CH2CHCH3 1 
CH2CHCH2CH2CHCH2 + HOPO3

2- 
 
 (j) CH3CH2OH + HOPO3

2- 1 
CH3CH2OPO3

2- + H2O 
 
 (k) CH3COOPO3

2- + CH3OH 1 
CH3COO- + CH3OPO3

2- + H+ 
 
 (l) CH3COO- + (CH3)2

(
SC2H5 1 

CH3COOCH3 + CH3SC2H5 
 
Problem 1-2: Write mechanisms for the following 
reactions:445,446 
 (A) 

 
 (B) 

 
 (C) 

 
 (D) 2-hydroxy-6-oxonona-2,4-diene-1,9-dioic 

acid 1 succinate + 2-hydroxypenta-2,4-di-
enoic acid 

Problem 1-3: In animal cells, ∂-glucosamine is 
made from ammonium ion (NH4

+) and ∂-fructose. 
Write the complete chemical mechanism for this 
reaction.  
 
Problem 1-4: Write a mechanism447 for the reac-
tion catalyzed by 1,4-dihydroxy-2-naphthoyl-CoA 
synthase 

 
What process drives the reaction to completion? 
 
Problem 1-5: Write a mechanism448 for the reac-
tion that is catalyzed by coronamic acid synthase 

 

where R is a small protein with a cysteine to which 
the ¬-2-amino-4-chlorobutyrate is attached. 
 
Problem 1-6: Write a mechanism for Equations 
1-142 and 1-144. 
 
Problem 1-7: Write a mechanism449 for the reac-
tion that is catalyzed by strictosidine synthase 

 
where G is a ∂-glucopyranosyl group. 
 
Problem 1-8: Write mechanisms for the electro-
philic aromatic substitutions of Equations 1-155, 
1-156, and 1-157. Write resonance structures for 
the intermediate carbenium ions that explain their 
stabilities. 
 

+
CO2

1
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+
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N

H
H

H
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Problem 1-9: The indolyl group in ¬-tryptophan is 
susceptible to electrophilic aromatic substitution at 
nitrogen 1 and carbons 2, 5, 6, and 7, in addition to 
carbon 4 (Equation 1-155), and to electrophilic 
addition at carbon 3. Use the dimethylallyl carbe-
nium ion 1-99 (Figure 1-26) as the electrophile 
and draw the most stable resonance form of the 
cationic intermediate in each of these six electro-
philic aromatic substitutions and the product of 
the electrophilic aromatic addition at carbon 3. 
 
Problem 1-10: Write a mechanism for this reaction 

 
that involves only carbonyl chemistry rather than 
pericyclic chemistry. 
 
Problem 1-11: Criticize the following proposal for 
a concerted reaction: 
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Chapter 2 

Prosthetic Catalysis 

In addition to the 20 unmodified side chains of the 
amino acids and the peptide bonds of the polypep-
tide backbone, which are provided unavoidably by 
the protein as catalysts for the chemical transfor-
mation performed by an enzyme, prosthetic groups 
can provide complicated catalytic functional groups 
more or less permanently associated with the 
enzyme. Prosthetic groups are often attached cova-
lently to the protein as posttranslational modifi-
cations. In this instance, the prosthetic group is 
formally equivalent to an amino acid in that it is a 
covalent participant in the structure of the protein. 
Often, however, a prosthetic group is merely tightly 
but noncovalently bound to the protein. Although a 
tightly bound prosthetic group does not leave the 
enzyme readily and may remain associated with it 
for extended periods of time, it is possible for it to 
dissociate slowly from the protein even when the 
protein is in its native state. A noncovalently bound 
prosthetic group always dissociates when the protein 
is unfolded. As far as the reaction catalyzed by the 
enzyme is concerned, however, a noncovalently 
bound prosthetic group is a permanent feature of 
the molecular structure of the enzyme; and, in this 
sense, it is also indistinguishable from any of its 
amino acids. Although most prosthetic groups, other 
than lipids and polysaccharides, participate directly 
in the catalytic reactions catalyzed by the enzymes 
in which they are located, there are examples of 
otherwise catalytic prosthetic groups that do not 
seem to be involved in any way in catalysis and 
seem to perform a purely structural role.1 
 Examples of a covalently bound prosthetic 
group would be the 4¢-phosphopantetheines at-
tached covalently to serines as posttranslational 
modifications of animal fatty acid synthase2 and 
fungal ¬-aminoadipate-semialdehyde dehydrogen-
ase.3 

 

4¢-Phosphopantetheine is identical to the portion 
of coenzyme A (previously 1-66)* 

 

in which the essential sulfanyl group is located, but 
it is attached to a serine rather than adenosine 
3¢,5¢-diphosphate. The sulfanyl group of the pantethe-
ine, when it is a prosthetic group in the respective 
active sites, is acylated during enzymatic catalysis, 
and the resulting thioester participates as an enol 
in fatty acid synthase or is reduced to the monothio-
hemiacetal in ¬-aminoadipate-semialdehyde dehy-
drogenase. The role of the 4¢-phosphopantetheine 
as a covalently attached prosthetic group in these 
reactions should be distinguished from its role as a 
coenzyme when it is incorporated into coenzyme A, 
even though in both cases the pantetheine is per-
forming the same chemical function. As has already 

                                                
*From here on, Equations and Structures from previous 
chapters will be reproduced in the present chapter. The 
intention is to make it easier for the reader. Instead of having 
to rummage through an earlier chapter, the reader will find the 
drawing in the present chapter, usually within pages of any 
reference to it, and each chapter is self-contained, at least as 
far as Equations and Stuctures. 
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been noted, a coenzyme such as coenzyme A, unlike 
a prosthetic group such as 4¢-phosphopantetheine, 
enters and leaves the active site of the enzyme during 
every turnover and is functionally indistinguishable 
from a substrate.  
 An example of a tightly but noncovalently bound 
prosthetic group would be the NAD+ that is tightly 
bound to UDP-glucose 4-epimerase (previously 
Equation 1-88) 

    (2-1) 

Because the NAD+ is regenerated after each catalytic 
cycle of this enzyme, there is no need for the NAD+, 
or the NADH, to enter and leave the active site, and 
they remain continuously bound as complemen-
tary prosthetic groups. The role of the NAD+ as a 
prosthetic group in this reaction should be distin-
guished from its role in almost every other situation 
where it is a coenzyme, indistinguishable except in 
name from a substrate, that enters and leaves the 
active site during each turnover. Many of the pros-
thetic groups that are noncovalently associated 
with active sites, such as pyridoxamine 5¢-phosphate 
and thiamine diphosphate, contain one or more 
phospho groups. These phospho groups can form 
strong attachments with properly organized cups 
of donors for hydrogen bonds. 
 Most prosthetic groups have proven so versatile 
that they are used in many different enzymatic 
reactions to perform the same, particular function 
in the respective contexts. A few enzymes, however, 
carry prosthetic groups unique to themselves, such 
as the dipyrromethane covalently attached to the 
active site of hydroxymethylbilane synthase.4-6 
 Most prosthetic groups are molecules synthe-
sized separately in their own respective metabolic 
pathways, each of which encompasses a sequence 
of successive enzymatic steps, such as the metabolic 
pathway producing riboflavin. A few, however, are 
the result of posttranslational modification of the 
polypeptides forming their enzymes. Such a post-
translational modification can be of a side chain, 
such as the successive oxidations that produce 
2,4,5-trihydroxyphenylalanine7 or the oxidation 
that produces dehydroalanine,8 or it can be a 
modification of the peptide backbone, such as the 
one that produces the 4-methyleneimidazol-5-one 
formed from Serine 143 of histidine ammonia-lyase 
from Pseudomonas putida.9 
 
 

 Prosthetic groups exist because they effect 
chemical transformations beyond those that can 
be accomplished by the unmodified side chains of 
the amino acids. 
 
 
 
 

Pyridoxal 5¢-Phosphate  

Pyridoxal 5¢-phosphate 

 

when acting as a prosthetic group, is usually 
bound covalently to the resting enzyme as an in-
ternal pyridoximine with one of its lysines.10-12 

 
                (2-2) 

Pyridoxal 5¢-phosphate is a 4-azabenzaldehyde. 
Consequently, it is not prone to the many unfortunate 
side reactions in which aliphatic aldehydes partici-
pate with the amino acids of proteins.13 
 The initial formation of an internal pyridox-
imine between pyridoxal 5¢-phosphate and the 
primary amino group of a lysine in the active site of 
the enzyme is a simple nucleophilic substitution at 
a carbonyl and proceeds through the hemiaminal.  
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The slow step in such a formation of an imine in 
aqueous solution is usually the loss of water from 
the hemiaminal, which is also the case in the forma-
tion of an internal pyridoximine.14 The dehydration 
of a hemiaminal is susceptible to both acid and 
base catalysis (Figure 1-7). In the case of pyridoxal 
5¢-phosphate in solution, the phenolic oxygen cata-
lyzes this dehydration intramolecularly.15 This catal-
ysis is thought to be due to its ability to act as an 
intramolecular base 

 (2-3) 

and remove the hydron from imino nitrogen imme-
diately prior to or simultaneously to the breaking of 
the bond to the hydroxide. Such intramolecular 
base catalysis augments the push of the lone pair 
periplanar to the leaving group by increasing its 
electron density and may be essential within the 
active site of an enzyme that is shielded from the 
water, hydroxide, and bases in the surrounding 
solution, but acids or bases in surrounding side 
chains of amino acids could also provide catalysis 
for the formation of the internal pyridoximine.14 
 When it is free in solution, unassociated with 
an enzyme, the conjugate acid of a pyridoximine 
(left-hand side of Equation 2-2) is a zwitterion: its 
imino nitrogen is hydronated and its phenolic oxygen 
is unhydronated.16 On the active site of an enzyme, 
such as tryptophan synthase from Salmonella typhi-
murium,17,18 the internal pyridoximine is usually 
zwitterionic. In the absorption spectrum of the 
zwitterionic pyridoximine that forms between the 
amino group of ¬-valine and pyridoxal in solution, 
there are maxima of absorbance at 414 and 302 nm. 
Upon dissociation of the hydron from the iminium 
nitrogen to form the anionic conjugate base of this 
zwitterionic pyridoximine (right-hand side of 
Equation 2-2), the maximum absorbance shifts to 
365 nm.19 
 The maximum absorbance at 414 nm mani-
fested by the zwitterion results from the fact that it 
is an extensive vinylogous amide, which can be 
seen in the resonance structure16 

 

This resonance structure states that the zwitterion 
of a pyridoximine, either in solution or in the active 
site of an enzyme, can be viewed as a p  molecular 
orbital system encompassing nine atoms 

 

that has nine molecular orbitals. The five molecular 
orbitals of lowest energy are occupied by five pairs 
of electrons. The hydrogen bond between the phe-
nolic oxyanion and the nitrogen–hydrogen bond of 
the iminium holds the carbon–nitrogen double 
bond of the iminium ion in the plane of the pyridyl 
ring to reinforce the conjugation.20 
 When pyridoxal 5¢-phosphate is in the active 
site of porcine aspartate transaminase as the internal 
pyridoximine (Equation 2-2), the maxima of absorb-
ance for the zwitterion of the internal pyridoximine 
(left-hand side of Equation 2-2) occur at 430 and 
340 nm,12 and the maxima of absorbance for the 
zwitterion of the internal pyridoximine in the active 
site of aspartate transaminase from Escherichia coli 
also occur at 430 and 340 nm (Figure 2-1B).12,21-26 
The zwitterion of the internal pyridoximine between 
pyridoxal 5¢-phosphate and the lysine in the active 
site of a particular enzyme has the higher maximum 
absorbance somewhere between 405 and 430 nm 
depending on the microenvironment that surrounds 
it. In the active site of aspartate transaminase from 
E. coli, the anionic conjugate base of the internal 
pyridoximine (right-hand side of Equation 2-2) has 
a maximum absorbance at 358 nm (Figure 2-1A), 
and in the active site of porcine aspartate transam-
inase, the maximum absorbance12 is at 362 nm. 
 In the active sites of these aspartate transami-
nases and the active sites of their close relatives 
that nevertheless catalyze different reactions, the  
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Figure 2-1: Absorption spectra of the pyridoxyl intermediates 
in the reaction catalyzed by aspartate transaminase from 
E. coli. (A) Spectrum12 for an anionic internal pyridoximine 
(lmax = 358 nm; e358 = 8300 M-1 cm-1),24 for the enzyme in the 
absence of substrates, in a solution at pH 9. (B) Spectrum12 for 
a zwitterionic internal pyridoximine (lmax = 430 nm; e358 = 
8200 M-1 cm-1),24 for the enzyme in the absence of substrates, 
in a solution at pH 5. In (A) and (B), it was assumed that the 
internal pyridoximine was either completely in the anionic 
state or completely in the zwitterionic state at the respective 
pH. These conclusions were based on a spectrophotometric 
titration. (C) Spectrum22 for an external pyridoximine 
(lmax = 358 nm; e358 = 7300 M-1 cm-1; lmax = 422 nm; e422 = 
2000 M-1 cm-1),24 for the enzyme in solutions containing high 
concentrations of 2-methyl-¬-aspartate, at values of pH 
between 6 and 10.4. The spectrum was invariant with pH. 
Whether or not this spectrum represents a single species is 
unknown. It probably represents a fixed internal equilibrium 
between two species, one the anionic external pyridoximine 
(lmax = 358 nm) and the other the zwitterionic external pyri-
doximine (lmax = 422 nm), in a well-closed active site unaf-
fected by the pH of the solution surrounding the enzyme.22 
This proposal is consistent with the fact that the ratio of the 
two peaks for the complex between aspartate amino-
transferase varies with the species from which the enzyme has 
been purified.22 (D) Spectrum for a quinonoid intermediate 
(lmax = 494 nm; e494 = 13,600 M-1 cm-1),21,26 for the enzyme 
in solutions containing high concentrations of ¬-erythro-
3-hydroxyaspartate, at values of pH between 6 and 10.4. 
(E) Spectrum for a pyridoxamine in the active site (lmax = 323 nm; 
e323 = 9100 M-1 cm-1),25 for the enzyme at pH 8, in a solution 
containing ¬-cysteinesulfinate, a slow substrate that causes the 
pyridoxamine to accumulate, presumably stoichiometrically, 
in the active site. All extinction coefficients are based on the 
molarity of active sites in the solution. In spectra A, B, and E, 
only one species of the prosthetic group predominates and the 
molar extinction coefficient should be close to that for each of 
these unique species. In the case of spectrum D, it is clear that 
the majority of the active sites are occupied by the 
pyridoxamine. The actual molar extinction coefficient for the 
quinonoid intermediate has been estimated23 to be 
41,000 M-1 cm-1. 

anionic conjugate base of the internal pyridoximine 
predominates as the pH of the solution is raised. 
The pKa for the acid dissociation of the zwitterionic 
internal pyridoximine (Equation 2-2) in the active 
site of porcine aspartate transaminase12,27 is 6.8, 
and that for aspartate transaminase from E. coli24 is 
6.96. Because the value for the pKa of the pyridox-
imine27 formed in solution between n-butylamine 
and pyridoxal 5¢-phosphate is 12.4, some feature of 
the active site must be responsible for the low value 
for the pKa of the internal pyridoximine bound to 
the enzymes in this family. 
 The decrease in the pKa of the internal pyridox-
imine brought about by these two active sites is 
probably the result of both the hydronation of the 
pyridyl nitrogen 1 of the pyridoxal phosphate by 
the carboxy group of an aspartic acid that forms a 
hydrogen bond to it and a twist of the double bond 
between carbon 4¢ and nitrogen 4¢ out of the plane 
of the pyridyl ring brought about by a pull exerted 
by the active site on the lysine of the internal pyridox-
imine. When [1-15N]pyridoxal 5¢-phosphate is an 
internal pyridoximine in the active site of aspartate 
transaminase from E. coli, nuclear magnetic reso-
nance absorptions from the pyridinio nitrogen-15 
indicate that, in the hydrogen bond, it is hydronated28 
and therefore the donor. The hydronation of the 
pyridyl nitrogen does not affect the position of the 
maximum of absorbance for a zwitterionic pyridox-
imine19 but would definitely lower the pKa of the 
zwitterion. It has been observed that, in a crystallo-
graphic molecular model of porcine aspartate 
transaminase,29 the carbon–nitrogen double bond 
of the zwitterionic pyridoximine is rotated 35ª out 
of the plane of the pyridyl ring. This rotation of the 
double bond out of the plane of the pyridyl ring 
would cause the iminium to be less conjugated to 
the pyridyl ring and cause it resemble a normal 
aliphatic iminium, the pKa of which should be 
around 7.30,31 When the lysine of the internal pyridox-
imine is mutated to an alanine and methylamine is 
used to produce a pyridoximine that should resemble 
an internal pyridoximine,32 the pKa of this 
N4¢-methylpyridoximine, which cannot be distorted 
sterically, is 10.2. This result suggests that if the 
pyridoximine in the active site is not twisted and 
can remain planar, the pKa should be normal. In 
many of the enzymes that have internal pyridox-
imines in their active sites, however, their respective 
anionic conjugate bases do not form regardless of 
how high the pH of the solution is raised, presum-
ably because the pKa of the pyridoximine has been 
raised sufficiently by its surroundings that it is out 
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of the range of pH within which these enzymes remain 
folded. In these instances, presumably, the pKa of 
the respective zwitterionic pyridoximine is increased 
rather than decreased by the active site. These 
shifts in the pKa of the internal pyridoximine may 
have significance for the particular reactions cata-
lyzed by these enzymes. 
 As was the case with aspartate transaminase, 
the pyridyl nitrogen 1 of an internal pyridoximine 
is often hydronated by an acidic side chain in the 
active site.33 The pKa of the pyridinio nitrogen 1 in 
a pyridoximine16 is 5.6, so when an internal pyridox-
imine forms a hydrogen bond with the carboxy 
group from an aspartic acid (pKa = 4.0) or a glutamic 
acid (pKa = 4.3), the hydron in the hydrogen bond 
will be on the nitrogen. An internal pyridoximine, 
however, can also participate in a strong hydrogen 
bond with a side chain within the active site of the 
enzyme but remain unhydronated34 because the 
partner in this type of hydrogen bond is not notice-
ably acidic. For example, in tryptophan synthase 
from Salmonella enterica, the pyridyl nitrogen 1 of 
the internal pyridoximine forms a hydrogen bond 
with a serine;35 in cysteine synthase from S. enterica, 
it also forms a hydrogen bond with a serine;36 and 
in alanine racemase from Geobacillus stearothermo-
philus, it forms a hydrogen bond with an arginine.37 
In the active site of tryptophan synthase from 
S. enterica, the hydron in the hydrogen bond between 
the serine and nitrogen 1 of the pyridyl group resides 
on the serine,17 and in the active site of alanine 
racemase from G. stearothermophilus, the hydron 
in the hydrogen bond between the arginine and 
nitrogen 1 of the pyridyl group resides on the argi-
nine,28 as expected from the respective values of 
pKa for these acids and the pyridyl nitrogen. In these 
instances, the pyridyl nitrogen is not hydronated. 
 
 Almost all the substrates upon which the inter-
nal pyridoximines of pyridoxal 5¢-phosphate within 
active sites act prosthetically are primary amines, 
and the first step in every one of these reactions 
catalyzed by pyridoxal 5¢-phosphate is to form the 
external pyridoximine between the nitrogen of 
that primary amine of the substrate and the 4¢ imino 
carbon of the internal pyridoximine. Because the 
internal pyridoximine is an imine with a lysine in 
the active site, a transimination38,39 performs the 
nucleophilic substitution at the carbonyl carbon 
(Figure 2-2). On an enzyme at neutral pH, the trans-
imination would begin with the cationic conjugate 
acid of the amino group and the phenolic oxygen of  

 
 
 
Figure 2-2: Transimination catalyzed by the phenolic oxygen of 
pyridoxal phosphate. The pyridoxal phosphate is initially the 
zwitterionic internal pyridoximine with a lysine from the 
protein (on the right side), and the reactant in the trans-
imination is the conjugate acid of a primary amine (on the left 
side). As the reaction progresses, hydrons are transferred by 
the phenolato oxygen from the nitrogen of the reactant to the 
nitrogen of the lysine. The phenolato oxygen could shuttle 
both of the hydrons that are transferred from the entering 
ammonium ion to the dissociating lysinium ion, but other 
acid–bases may be involved as well. The phenolic oxygen 
performs each transfer by swinging back and forth between the 
two nitrogens in this symmetrical reaction. 
 
 
  
 
 
 
the zwitterionic pyridoximine, the pKa of which is 
elevated upon binding of the substrate.32 This shift 
in pKa ensures that the iminium nitrogen of the 
lysine in the internal pyridoximine is hydronated 
(Equation 2-2) upon binding of the hydronated 
primary ammonium of the substrate (Figure 2-2). 
 There had been some doubt40 as to whether or 
not the intermediates in the proposed mechanism 
for the transimination of imines of pyridoxal 5¢-phos-
phate presented in Figure 2-2 would be stable 
enough that the reaction could proceed through the  
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gem-diamine rather than passing through the alde-
hyde. It was subsequently shown,39 however, that 
such a direct transimination in aqueous solution 
proceeds about twice as fast as the exchange 
through the indirect route in which the aldehyde, 
pyridoxal 5¢-phosphate itself, is the intermediate. 
In an active site, shielded from water, the indirect 
route, which necessarily requires water to provide 
the oxygen of the aldehyde, would be even slower. 
Finally, the expected gem-diamine intermediates 
have been observed in crystallographic molecular 
models of mutant enzymes,41-43 enzymes with 
which inhibitors have been complexed,44 or enzymes 
to which normal substrates have bound nonproduc-
tively.45 Each stratagem prevents the reaction from 
proceeding further and permits the gem-diamine to 
be observed. 
 When there is no phenolic oxygen in an ortho 
position to the iminium nitrogen of the imine of a 
benzaldehyde, a transimination involving that 
benzaldehyde proceeding in solution displays a 
requirement for catalysis by both acid and base.38 
This requirement is consistent with the unavoida-
ble requirement to remove hydrons from the amine 
that is entering and the coincident unavoidable 
requirement to add hydrons to the amine that is 
leaving. When the transimination involves imines 
of pyridoxal 5¢-phosphate, however, no require-
ment for acid or base catalysis is observed.39 This 
lack of catalytic requirement can be readily explained 
by the fact that the phenolic oxygen is four atoms 
away from both nitrogens and can easily shuttle 
hydrons between them (Figure 2-2).  
 In the crystallographic molecular models of 
enzymes containing a gem-diamine of pyridoxal 
5¢-phosphate, the phenolic oxygen of the 3-hydroxy-
pyridyl group sits on the concave side of the angle 
formed by the two carbon–nitrogen bonds of the 
gem-diamine, splitting the N-C-N bond angle and 
sitting within hydrogen-bonding distance of both 
of the nitrogens.41 When a crystallographic molecular 
model of an enzyme containing the internal pyridox-
imine is superposed on the crystallographic molecular 
model of the same enzyme that has formed its exter-
nal pyridoximine with the primary amine of one of 
its substrates, the two respective carbon–nitrogen 
bonds of the imines in the two different models 
form angles of about 100ª with each other, as they 
would in a gem-diamine (109ª), and again, the 
phenolic oxygens of the pyridoximines sit on the 

concave side of this bond angle between the two 
nitrogens (Figure 2-3).46-50 This disposition is the 
one expected for a catalytic base shuttling hydrons 
between the two nitrogens. 
 The freedom of motion required of the pyridoxyl 
group, however, to perform this catalysis may not 
be permitted in the confines of some active sites. In 
this case, when the phenoxy oxygen is sterically 
prevented from accomplishing the hydronations 
and dehydronations, the active site must provide 
acids and bases to do so because direct transfer of a 
hydron between two nitrogens on the same carbon 
cannot occur. For example, in the active site of glycine 
C-acetyltransferase from E. coli, there is a histidine 
side chain positioned properly to perform hydro-
nations and dehydronations of the glycine or the 
¬-2-amino-3-oxobutanoate that are forming the 
external pyridoximine during the normal reaction 
in the respective direction, and one of the oxygens 
of the phospho group of the pyridoxal 5¢-phosphate 
is positioned properly to perform hydronations and 
dehydronations of the lysine that forms the internal 
pyridoximine.51 
 Each transimination moves the respective pyr-
idoxal 5¢-phosphate from the lysine of the internal 
pyridoximine to the primary amine of the sub-
strate. There is little electronic difference between 
an internal pyridoximine and an external pyridox-
imine. Nevertheless, the external pyridoximine 
between the active site of aspartate transaminase 
from E. coli and 2-methyl-¬-aspartate, an analogue 
of the normal substrate, ¬-aspartate, in which the 
hydron a to the imino nitrogen has been replaced 
by a methyl group, has an absorption spectrum 
(Figure 2-1C) that resembles a mixture of a zwitter-
ionic pyridoximine and its conjugate base, the anionic 
pyridoximine, even though the spectrum is invariant 
with pH.22-24 Furthermore, the ratio of the peaks for 
absorbance that seem to originate from the zwitter-
ionic external pyridoximine and its anionic conju-
gate base differ depending on the species from 
which the enzyme is purified, but the two molar 
extinction coefficients add up to around 9000,22 a 
fact again suggesting that there is an internal equi-
librium between the zwitterion and the anion of 
the external pyridoximine in a particular active site, 
and the equilibrium constant varies from species to 
species. 
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Figure 2-3: Positioning of the iminium nitrogens of the inter-
nal pyridoximine and an external pyridoximine adjacent to the 
phenolic oxygen on carbon 3 of the pyridyl group of pyridoxal 
5¢-phosphate by the active site of threonine-phosphate decar-
boxylase from S. enterica.46 The stereodrawing50 is the super-
position of portions of two crystallographic molecular models. 
Black atoms are carbons, white atoms are oxygens, small gray 
atoms are nitrogens, and large dark gray atoms are atoms of 
phosphorus. The internal pyridoximine (black bonds) of threo-
nine-phosphate decarboxylase is found in the crystallographic 
molecular model of the enzyme purified directly from an over-
producing strain of bacteria and crystallized without any alter-
ation. The a carbon through carbon 6 of Lysine 216 and the 
entire pyridoximine 5¢-phosphate are shown in the drawing. 
The external pyridoximine (white bonds) of the product, 
(R)-1-aminopropan-2-yl phosphate, was formed on the active 
site by mixing the enzyme with ¬-threonine phosphate before 
it was crystallized. At equilibrium, the most stable form of the 
enzyme under these conditions was found, by direct examina-
tion of the map of electron density, to be the external pyri-
doximine of the product, which is presented in its entirety in 
the drawing. The two crystallographic molecular models of the 
entire enzymes were superposed by the crystallographers, and 
 
 

the drawing is of the respective portions of that superposition. 
The bond between carbon 4¢ of the pyridoxylidene and nitro-
gen 6 of the lysine and the bond between carbon 4¢ of the pyri-
doxylidene and nitrogen 1 of the (R)-1-aminopropan-2-yl 
phosphate in the respective superposed models are at an angle 
of 106ª to each other when viewed down the bonds between 
carbons 4 and carbons 4¢ of the pyridoximines. The respective 
phenolic oxygens are both on the concave side of this bond 
angle in position to shuttle hydrons between the nitrogens. 
The dihedral angle between the plane of the pyridyl ring and 
the respective imino nitrogen along the bond between carbon 
4 and carbon 4¢ is 27ª in the external pyridoximine and 60ª in 
the internal pyridoximine, probably because the imino nitrogen 
is mostly hydronated in the former and mostly unhydronated 
in the latter (Equation 2-2). The hydrogen bond in the hydro-
nated form holds the nitrogen in the plane of the ring so that 
the imine is conjugated with the pyridinio group, and the repul-
sion of the lone pairs in the unhydronated form opens up the 
angle. The 5¢ phosphate is held tightly in position by the enzyme 
and therefore superposes closely, but the superposition illus-
trates that the pyridinio ring is able to pivot somewhat in the 
active site, which permits the phenolic oxygen freedom of 
movement to fulfill its role (Figure 2-2). 
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 When the primary amine of a substrate is 
coupled as the external pyridoximine of pyridoxal 
5¢-phosphate and the pyridinio nitrogen 1 of the 
external pyridoximine is hydronated, the three 
s  bonds on the carbon of the substrate a  to the 
iminium nitrogen become susceptible to hetero-
lytic dissociation.16 This susceptibility results from 
the hydronated pyridinio nitrogen withdrawing 
electron density from the other end of the p molec-
ular orbital system and increasing the hyperconju-
gation of a s bond that happens to be aligned parallel 
to the p molecular orbital system52 

 

This withdrawal of electron density from the s bond 
by hyperconjugation can be realized by writing a 
resonance structure in which the nitrogen equivalent 
of a carbenium ion is present on the iminium nitrogen 

 

This resonance structure is not so satisfying as the 
depiction in 2-6 because it involves a dication 
missing two valence electrons on the iminium nitro-
gen, albeit somewhat stabilized by the adjacent 
phenylato oxygen. This resonance structure, however, 
illustrates that an imine of pyridoxal 5¢-phosphate, 
with its pyridinio nitrogen hydronated, is a vinylo-
gous iminium ion 

 

with the exception that nitrogen replaces carbon at 
the cationic position and has the same effect of 

weakening a s bond on the adjacent carbon that is 
parallel the p molecular orbital system. 
 For this electron withdrawal by hyperconjuga-
tion to operate, the double bond between carbon 4¢ 
and nitrogen 4¢ in the external pyridoximine must 
be coplanar with the pyridyl ring (2-6 and 2-7). In 
a crystallographic molecular model of aspartate 
transaminase from E. coli,53 in which the internal 
pyridoximine is the anionic conjugate base,30 the 
double bond between carbon 4¢ and nitrogen 4¢ of 
the pyridoximine is normal (91ª) to the plane of the 
pyridyl ring  

 

This arrangement is the expected result of electron 
repulsion between the lone pair of electrons on the 
phenolic oxygen and the lone pair of electrons on 
the now unhydronated imino nitrogen, as well as 
electron repulsion between the carbon–nitrogen 
double bond at carbon 4¢ and the two s bonds to 
carbon 4 in the pyridyl ring of pyridoximine 
5¢-phosphate. For the same reasons, this rotational 
isomer and its sibling, in which the carbon–
nitrogen bond is pointed in the opposite direction, 
should also dominate in the anionic conjugate base 
of a pyridoximine when it is free in solution. In so-
lution, the breaking of the conjugation (2-5) that 
results from this rotation of +90ª or -90ª around the 
bond between carbon 4 and carbon 4¢ (see Equa-
tion 2-2) decreases the maximum of absorbance for 
a pyridoximine from 414 to 365 nm as it is dehydro-
nated. The carbon–nitrogen double bond of the oxime 
of pyridoxal 5¢-phosphate is coplanar with the ring 
of its pyridyl group because of a strong hydrogen 
bond (0.256 nm) between its imino nitrogen and its 
phenolic oxygen.20 The homologous hydrogen 
bond between the nitrogen–hydrogen of the iminium 
and the phenolic oxygen enforces the planarity of 
an external pyridoximine when the imino nitrogen 
is hydronated. Because dehydronation of this hydro-
gen bond forces the double bond between carbon 4¢ 
and nitrogen 4¢ to be normal to the plane of the 
pyridyl ring and breaks the conjugation, the cata-
lytically active form of an external pyridoximine 
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will always be the zwitterion, or its neutral tautomer, 
never its anionic conjugate base. 
 Because each of the three s bonds on the carbon 
next to imino nitrogen 4¢ of an external pyridox-
imine is weakened by this electron withdrawal by 
hyperconjugation, if the a carbon* of the external 
pyridoximine is bonded to an incipient electro-
phile, that incipient electrophile can dissociate.  
 If the a carbon of an external pyridoximine 
contains a hydrogen, that hydrogen can dissociate 
as a hydron. An example of this outcome is the first 
step of the reaction catalyzed by 4-aminobutyrate—
2-oxoglutarate transaminase from Pseudomonas 
fluorescens, which proceeds with the dissociation of 
a hydron from the a carbon54 of the external pyri-
doximine formed between 4-amino-butyrate and 
pyridoxal 5¢-phosphate 

 
                (2-4) 

In solution, formation of the pyridoximine between 
pyridoxal and glycine and hydronation of pyridyl 
nitrogen 1 decrease the pKa for dissociation of the 
hydron from the a carbon of the glycine55,56 from 
29 to 17 and increase the rate of exchange for a hy-
drogen on the a carbon for a deuterium in 2H2O by 
a factor of 107. The hydronated pyridinio nitrogen 
is essential to this decrease in pKa and increase in 
the rate of exchange.57 Hydronation of both the 
pyridyl nitrogen and the phenolic oxygen of the 
pyridoximine lowers the pKa of the a carbon of the 
glycine to 11, and hydronation of the pyridyl nitro-
gen, the phenolic oxygen, and the a carboxylato 
group of the glycine lowers the pKa of the a carbon 

                                                
*Because at least one (if not more) of the substrates for 
reactions catalyzed by pyridoxal 5¢-phosphate is an a-amino 
acid and because the carbon attached to the amino group can 
be considered to be a to that amino group just as it is a to the 
carboxy group, the designation a carbon will be used for the 
carbon bonded to the primary amino group of a substrate in 
an external pyridoximine, b carbon for the carbon that is 
bonded to the a carbon, other than the carbon of a carboxy 
group, g carbon for the carbon bonded to the b carbon, and so 
forth. 

to 6. Each of these hydronations can be accom-
plished, if necessary, by acidic side chains in an 
active site. 
 To explain the ease with which a hydron can 
dissociate from the a carbon of an external pyridox-
imine (Equation 2-4) in the active site of an enzyme, 
it is usually assumed that the a carbon, nitrogen 4¢, 
carbon 4¢, and the pyridyl ring are all coplanar (2-6 
and 2-7) and that the s bond to the hydron that is 
to be removed is normal to that plane and parallel 
to the p molecular orbital system so that its electron 
density can be withdrawn onto the hydronated 
pyridinio nitrogen. In the crystallographic molecular 
model, however, of the external pyridoximine of 
2-methyl-¬-aspartate in the active site of aspartate 
transaminase from E. coli, which also proceeds 
normally with the removal of a hydron from the 
a carbon, the s bond between carbon 4¢ and nitro-
gen 4¢ is twisted out of the plane (Figure 2-4).53 
This arrangement seems to result from a steric ef-
fect between the 2-methyl group, which is replac-
ing the hydron on the usual substrate, ¬-aspartate, 
and the surrounding side chains in the active site, 
but in a crystallographic molecular model of the ex-
ternal pyridoximine between ¬-aspartic acid and 
1-deazapyridoxal 5¢-phosphate in the same active 
site, in which no such steric effect should occur, the 
same twist is observed.58 Neither 2-methyl-¬-aspar-
tate, however, nor the external pyridoximine between 
¬-aspartic acid and 1-deazapyridoxal 5¢-phosphate 
is catalytically competent, so this twist may not be 
relevant to normal catalysis. In a molecular model 
of the external pyridoximine of ¬-alanine in the ac-
tive site of pyridoxamine—pyruvate transaminase 
from Mesorhizobium loti, based on several crystal-
lographic molecular models of the enzyme, rather 
than just one,59 all the necessary atoms are coplanar 
with the pyridyl ring and the s bond between the 
a carbon and the hydron that is removed in the 
normal enzymatic reaction is, as expected (2-6 and 
Equation 2-4), normal to the plane of the 
p molecular orbital system of the pyridoximine and 
parallel to its constituent p orbitals.  
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Figure 2-4: Use of the lysine of the internal pyridoximine as an 
acid–base to add or remove hydrons from the intermediates in 
a transamination. Black atoms are carbons, white atoms are 
oxygens, small gray atoms are nitrogens, and the large dark 
gray atom is a phosphorus. Aspartate transaminase from E. coli 
was mixed with the inhibitor 2-methyl-¬-aspartate and then 
crystallized in its presence. In the map of electron density, it 
was found that 2-methyl-¬-aspartate had formed the external 
pyridoximine within the active site of the enzyme.53 Because 
the hydrogen on the a carbon of the aspartyl group has been 
replaced by a methyl group, the enzyme cannot proceed with 
its normal reaction and is locked in the conformation that 
would normally remove the hydron if it were there. The external 
pyridoximine and the side chains of Tyrosine 225, Aspartate 222, 
and Lysine 258, the lysine that forms the internal pyridox-
imine in the resting enzyme, are included in the stereo-
drawing50 from the final crystallographic molecular model. 
The distances from the 6-amino group of Lysine 258 and the 
4-hydroxyphenyl oxygen of Tyrosine 225 to the carbon of the 
2-methyl group of the inhibitor, which assumes the position of 
the hydron that is normally removed during the transamina-
tion, are 0.38 and 0.36 nm, respectively (dotted lines). These 
distances are dictated by the van der Waals radii of the methyl, 
the amino, and the hydroxy groups and would be shorter if the  
 
 

methyl group were a hydrogen. The 6-amino group of Lysine 258 
is also 0.32 nm away from carbon 4¢, well within the sum of the 
length of the nitrogen–hydrogen bond and the van der Waals 
radii (0.38 nm). Consequently, it is in position to remove the 
hydron from carbon 2 of the substrate ¬-aspartate when it has 
formed an external pyridoximine and then put a hydron onto 
carbon 4¢ of that pyridoximine. The angle between the plane of 
the pyridyl ring and the bond connecting carbon 2 of the 
2-methyl-¬-aspartate with the methyl carbon is 87ª. Conse-
quently, if the methyl group were a hydrogen, the carbon–
hydrogen bond would be positioned by the enzyme almost 
precisely parallel to the p molecular orbital system of the pyri-
doximine as drawn in 2-6. The p molecular orbital system of 
the a-carboxy group is also parallel to the bond connecting 
carbon 2 of the 2-methyl-¬-aspartate with the methyl carbon 
and would provide further electron withdrawal. The dihedral 
angle between the plane of the pyridyl ring and the respective 
imino nitrogen along the bond between carbon 4 and carbon 
4¢ is 26ª in the external pyridoximine, indicating that the imine 
is mostly hydronated and that the carbon–nitrogen double 
bond in the iminium ion is in conjugation with the pyridyl 
ring. The hydrogen bond between Aspartate 222 and the pyri-
dinio nitrogen of the hydronated pyridoximine (0.289 nm) is 
indicated with a dotted line. 
 

  

Lys 258Lys 258

Tyr 225Tyr 225

Asp 222Asp 222
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 In many of these reactions in which a hydron 
is removed from the a carbon of the external pyri-
doximine, the 6-amino group of the lysine from the 
enzyme that formed the original internal pyridox-
imine with the pyridoxal 5¢-phosphate (Equa-
tion 2-2) ends up immediately adjacent to the 
a carbon of the external pyridoximine (Fig-
ure 2-4)53,60,61 and is thought to be the base that 
removes the hydron.62 In several of these enzymes, 
however, both the 6-amino group of the lysine and 
the 4-hydroxy group of a tyrosine are positioned 
adjacent to the hydron on the a carbon (Figure 
2-4)53,63 and may cooperate in removing the hydron 
from it.64 In the case of glycine hydroxymethyl-
transferase from E. coli, mutation of the lysine that 
forms the internal pyridoximine to a glutamine 
decreases the rate of the conversion of glycine to 
serine by a factor of only 50.65 This result suggests 
that there is a base other than that lysine that is 
available. 
 If the a carbon of an external pyridoximine 
contains a carboxylato group, that carboxylato group 
can dissociate as a molecule of carbon dioxide. In 
this instance, as before, carbon dioxide behaves as 
if it were a hydron. An example of this outcome is 
the first step in the forward reaction catalyzed by 
2,2-dialkylglycine decarboxylase (pyruvate) from 
Burkholderia cepacia,66 which proceeds with the 
loss of carbon dioxide from the a carbon of the 
imine formed between a 2,2-dialkylglycine, such as 
2,2-dimethylglycine, and pyridoxal 5¢-phosphate 

                (2-5) 

From examination of the crystallographic molecu-
lar model of the active site of the enzyme, it was 
concluded that the s bond between the carbon a to 
the iminium nitrogen in the external pyridoximine 
and the carboxylato group that dissociates in the 
usual enzymatic reaction is, again as expected 
(Equation 2-5 and 2-6), parallel to the p molecular 
orbital system of the pyridoximine. In crystallographic 
 
 

molecular models of the active site of porcine aro-
matic-¬-amino-acid decarboxylase in a complex with 
an analogue of the substrate36 and of glutamate 
decarboxylase from E. coli into which the pyridox-
imine of ¬-glutamate has been inserted,67 similar 
orientations of the respective carbon–carbon s bonds 
leading to decarboxylation are enforced. 
 If the a carbon of an external pyridoximine 
contains an incipient carbonyl carbon, for example, 
an external pyridoximine with a b carbon to which 
a hydroxy group or an amino group is attached, 
that b carbon can dissociate as a carbonyl group or 
imine, respectively 

        (2-6) 

An example of this outcome is the first step of the 
reaction catalyzed by ∂-threonine aldolase from 
Achromobacter xylosoxidans,68 which proceeds with 
the loss of acetaldehyde from the a carbon of the 
external pyridoximine between ∂-threonine and 
pyridoxal 5¢-phosphate 

        (2-7) 

In such a dissociation of a carbonyl group, a base is 
required to remove a hydron from the hydroxy 
group.69,70 
 If the a carbon of an external pyridoximine 
contains an incipient acyl compound in the form of 
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a b-oxo group, that b carbon can dissociate as an 
acyl derivative after addition of a nucleophile to 
the carbon of the b-oxo group. An example of this 
outcome is the second step in the retro Claisen 
condensation catalyzed by 5-aminolevulinate syn-
thase,71-73 which proceeds with the loss of suc-
cinyl-SCoA from the a carbon of the external pyridox-
imine formed between 5-amino-4-oxo-hexanedioic 
acid and pyridoxal 5¢-phosphate 

       
                (2-8) 

 The s bond that is weakened by the electron 
withdrawal of the adjacent pyridoximine in an ex-
ternal pyridoximine must be aligned parallel to the 
p molecular orbital system of that pyridoximine for 
the necessary overlap to occur,74 as drawn in 2-6 
and Equations 2-4 and 2-5. In an enzymatically 
catalyzed reaction, the necessary alignment is 
made as the substrate is bound in the active site. 
This alignment in part decides which s  bond is 
broken during the reaction. At least one of the sub-
strates for an enzyme with an internal pyridox-
imine 5¢-phosphate in its active site is usually one 
of the twenty canonical ¬-a-amino acids. For the 
external pyridoximine formed from an a-amino acid, 
the most critical discrimination is that between the 
hydron (Equation 2-4) and the carboxy group 
(Equation 2-5) on the a carbon. If the s bond to the 
carboxylato group is aligned parallel to the 
p molecular orbital system of the pyridoximine, the 
enzyme will catalyze the decarboxylation of the 

amino acid; if the hydron is aligned parallel to the 
p molecular orbital system, it will catalyze a dehydro-
nation at the a carbon of the amino acid. 
 2,2-Dialkylglycine decarboxylase (pyruvate) 

                (2-9) 

from B. cepacia normally catalyzes both a decar-
boxylation (of dimethylglycine in the forward di-
rection of Equation 2-5) and a dehydronation (of 
¬-alanine in the reverse direction of Equation 2-9). 
The active site is constructed so that when the 
s bond to the carboxylato group of a dialkylglycine 
is parallel to the p molecular orbital system of its 
external pyridoximine, the two alkyl groups (R1 and 
R2 in 2-6) fit comfortably into two open pockets, 
one that is larger and more polar and the other that 
is smaller and nonpolar. When the s bond to the 
a hydrogen of ¬-alanine, the amino acid that is a 
reactant in the reverse direction, is parallel to the 
p molecular orbital system of its external pyridox-
imine, its carboxylato group fits into the larger, polar 
pocket and its methyl group fits into the smaller, 
nonpolar pocket.66 
 Each of a series of ¬-amino acids can be used 
as a reactant instead of the normal ¬-alanine in the 
reverse direction (Equation 2-9). As the size of the 
side chains on these ¬-amino acids is increased, the 
rates of their undesired decarboxylations increase 
as the larger side chain is shunted from the smaller 
pocket into the larger pocket and the s bond to the 
carboxylato group is consequently positioned par-
allel to the p molecular orbital system rather than 
the hydrogen. When ∂-alanine is used as a reac-
tant, because the methyl group can occupy the 
smaller, nonpolar pocket but its carboxylato group 
cannot occupy the smaller nonpolar pocket, its 
carboxylato group is forced to be parallel to the 
p molecular orbital system of the pyridoximine, 
and the ∂-alanine is decarboxylated rather than 
dehydronated. As the size of the side chains on a 
series of :-amino acids, however, is increased, the 
rates of their decarboxylations decrease as the 
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smaller pocket rejects the increasingly larger alkyl 
groups and the s bond to the carboxylato group can 
no longer be positioned parallel to the p molecular 
orbital system.75 All these results are consistent 
with the necessity of aligning the bond on the 
a carbon that is weakened by the pyridoximine 
parallel to the p molecular orbital system of that 
pyridoximine. 
 Glycine hydroxymethyltransferase catalyzes 
the formation of N5,N10-methylenetetrahydrofolate 

      
                  (2-10) 

In the crystallographic molecular model of glycine 
hydroxymethyltransferase from G. stearothermo-
philus complexed with ¬-serine in the absence of 
tetrahydrofolate, the bond between the a carbon 
and the b carbon in the external pyridoximine of 
the ¬-serine is held parallel to the p molecular orbital 
system.76 This orientation causes electron density 
to be withdrawn from this bond. This electron 
withdrawal makes the carbon of the hydroxymethyl 
group of the ¬-serine electrophilic. Because of this 
increased electrophilicity, nitrogen 5 of tetrahydro-
folate (previously 1-81) 

 

even though it is a rather nonnucleophilic anilino 
nitrogen, is able to react with this carbon as a nucleo-
phile in a concerted nucleophilic substitution with 
N-(5¢-phosphopyridoxyl)carboxymethanimine as a 
leaving group.77 

 (2-11) 

 In free solution, pyridoxal 5¢-phosphate, supple-
mented with metallic ions78 such as Cu2+, Fe3+, or 
Al3+, can catalyze dissociations of electrophiles 
from the carbon adjacent to an amine with which it 
has formed an imine. Because free rotation around 
the bond between the a carbon and the iminium 
nitrogen is unhindered in solution, all three of the 
substituents on the a carbon are vulnerable. If the 
a carbon contains a hydrogen, the usual reaction is 
loss of a hydron leading to transamination.79 If, 
however, there is a carboxylate on the a carbon 
and no hydrogens, as in 2-aminoisobutyric acid or 
2-methyl-¬-serine, or there are two carboxylates, as 
in aminomalonic acid,80 decarboxylation occurs. 
The addition of metallic ions to these nonenzymatic 
reactions suppresses decarboxylation and promotes 
the loss of alternate electrophiles from the a carbon, 
presumably because the metal ion forms a complex 
with the phenolic oxygen of the pyridoximine and 
the carboxylato group on the a carbon that pre-
vents the s bond between the carbon adjacent to 
the iminium nitrogen and the carboxy group in the 
pyridoximine from becoming parallel to the 
p molecular orbital system. The required Mn2+ in 
the active site of ∂-threonine aldolase (Equation 
2-7), by associating with the hydroxy group of the 
∂-threonine, orients the carbon–carbon bond between 
the a carbon and the b carbon that is to be cleaved 
parallel to the p molecular orbital system of the 
external pyridoximine.68 The role of the Zn2+ in the 
active site of ∂-serine ammonia-lyase from Saccha-
romyces cerevisiae, however, is to associate with the 
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phospho group of the pyridoximine.81 These two 
enzymes are unusual because only a few of the 
enzymes that use pyridoxal 5¢-phosphate as a pros-
thetic group have a requirement for a divalent metallic 
ion, even though divalent metal ions can effectively 
orient the s bonds of a pyridoximine in solution 
and catalyze their dissociation. 
 In all the reactions that have just been described 
in which a s bond parallel to the p molecular orbital 
system of an external pyridoximine is weakened, it 
has been assumed that the pyridinio nitrogen 1 of 
the external pyridoximine is hydronated before 
the s  bond on the carbon a  to the imino nitrogen 
is broken. When this nitrogen is hydronated, the 
electron density in that s bond can be withdrawn 
into that electron sink (2-6). For this electron with-
drawal to occur, however, the nitrogen must be 
there, and it must be hydronated. 
 The pyridoxal 5¢-phosphate in an active site 
can be replaced with 1-deazapyridoxal 5¢-phosphate 
in which pyridyl nitrogen 1 is replaced by carbon. 
When this replacement is performed on aspartate 
transaminase from E. coli, the resulting enzyme 
shows no detectable activity (<10-6 percent), and 
when it is performed on alanine racemase from 
G. stearothermophilus, the resulting enzyme again 
shows no detectable activity (<0.15%) with ¬-alanine 
as a reactant.82 This altered alanine racemase from 
G. stearothermophilus, however, is able to catalyze 
the conversion of 3-chloro-¬-alanine to pyruvate at 
a rate about 0.4% of that for the native enzyme, and 
cysteine synthase from S. typhimurium in which 
the same substitution has been performed is able 
to catalyze its reaction also at a rate about 0.4% of 
that for the native enzyme. The most difficult 
chemical steps in the latter two enzymatic reactions 
are eliminations, in the first case the elimination of 
a chloride and a hydron, and in the second case the 
elimination of an acetate and a hydron. In both 
eliminations, the hydron that dissociates is on the 
a carbon of the respective external pyridoximine. 
Both the chloride and the acetate are excellent 
leaving groups. It is possible that the absence of the 
pyridyl nitrogen causes the rate-limiting step of 
these eliminations to change from dissociation of 
the leaving group to removal of the hydron from the 
a carbon. If this is the case, a much larger decrease 
in the rate of removal of the hydron from the 
a carbon is masked by the change in the rate-
limiting step. It is also possible that, in the absence 
of the pyridyl nitrogen, the mechanism of the elim-
ination changes from one in which the hydron is 
removed first because of the weakening of the carbon–

hydrogen bond to one in which removal of the hydron 
and dissociation of the leaving group are concerted. 
 In enzymes in which an aspartate or a glutamate 
forms a hydrogen bond with the pyridinio nitrogen, 
that nitrogen is hydronated in the resting state. In 
these enzymes, when the aspartate is mutated to 
alanine, dramatic decreases in enzymatic activity are 
observed.33,83,84 In other cases, however, such as 
tryptophan synthase, cysteine synthase, and alanine 
racemase, the pyridyl nitrogen of the internal pyridox-
imine does not participate in a hydrogen bond with 
an obvious acid. In these enzymes, the possibility 
arises that the pyridyl nitrogen in the external 
pyridoximine is not hydronated by the active site 
before the dissociation of the electrophile.82 The 
first step in each of these enzymatic mechanisms, 
however, is the removal of a hydron from the 
a carbon in the external pyridoximine. After it is 
removed, even if the pyridyl nitrogen were not initially 
hydronated, the majority of the net negative ele-
mentary charge in the resulting p molecular orbital 
system in the resulting, unhydronated quinonoid 
intermediate would necessarily reside on the 
pyridyl nitrogen because of its electronegativity. 
Consequently, this nitrogen would probably be 
basic enough to remove a hydron from the adja-
cent arginine (pKa = 13) or serine (pKa = 14) already 
forming a hydrogen bond to it. It follows that, in 
the transition state for the removal of the hydron 
from the a carbon, a hydron is probably being 
transferred from the arginine or the serine to the 
pyridyl nitrogen. 
 
 Each of the steps in which an electrophile dis-
sociates from the carbon immediately adjacent to 
the iminium nitrogen in an external pyridoximine 
(Equations 2-4 through 2-8) produces a qui-
nonoid intermediate that is electron-rich and ca-
pable of push. The normal quinonoid intermediates 
in such enzymatic reactions are usually unstable 
and rapidly converted to the next intermediate in the 
respective reaction.85 The quinonoid intermediate 
(lmax = 494 nm; e494 = 13,600 M-1 cm-1), however, 
that is formed after removal of the hydron from the 
a carbon of the external pyridoximine of the inhibitor 
¬-erythro-3-hydroxyaspartate26 or that is formed 
after removal of the hydron from the slow substrate 
¬-cysteinesulfinate (t" = 0.3 s; lmax = 520 nm)86 by 
the active site of aspartate transaminase from 
E. coli and the quinonoid intermediate formed from 
¬-erythro-3-hydroxyaspartate by porcine aspartate 
transaminase (lmax = 491 nm; e491 = 20,800 M-1 cm-1)23 
are stable enough that their absorbance spectra 
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can be recorded (Figure 2-1D). A stable quinonoid 
intermediate is also formed when tryptophanase 
from E. coli is mixed with its substrate ¬-tryptophan 
(kform = 500 s-1; lmax = 505 nm).87 When tyrosine 
phenol-lyase from Citrobacter freundii is mixed 
with 3-fluoro-¬-tyrosine, an analogue of its sub-
strate, a stable quinonoid intermediate is formed 
(kform = 100 s-1; lmax = 502 nm),87 and when the 
enzyme is mixed with ¬-alanine, a stable quinonoid 
intermediate forms that can be crystallized.88 When 
glycine hydroxymethyltransferase from G. stearo-
thermophilus is mixed with glycine and tetrahydro-
folate, a stable quinonoid intermediate (lmax = 
495 nm), produced by removal of the hydron from 
the external pyridoximine of the glycine (reverse of 
Equation 2-11), can be observed.89 In the reaction 
catalyzed by kynureninase, the natural quinonoid 
intermediate, although of short lifetime (t" = 0.9 s; 
lmax = 494 nm) has been observed directly.85 
 A quinonoid intermediate is the leaving group 
in its dissociation from the respective electrophile, 
and as a result, it is an electron-rich species. The 
net effect of the dissociation of an electrophile from 
the respective a carbon to form one of these qui-
nonoid intermediates is the expansion of the 
p  molecular orbital system of the pyridoximine by 
one carbon and by the pair of electrons that was in 
the s bond. This addition of two electrons to a 
p molecular orbital system that expands by only 
one carbon converts it from one that was electron-
poor to one that is electron-rich. This excess electron 
density neutralizes the positive formal elementary 
charge on the hydronated pyridinio nitrogen 
(Equations 2-4 through 2-8). 
 An example of the result of these changes is 
the quinonoid intermediate that is the product in 
Equations 2-6 and 2-7. The p  molecular orbital 
system of this quinonoid intermediate can be rep-
resented as  

 

Because it includes the carboxylato group, there 
are 13 p orbitals that combine to produce a 
p molecular orbital system with 13 p molecular or-
bitals, and the seven molecular orbitals of lowest 
 

energy are each occupied by a pair of electrons. 
The atoms in the entire p molecular orbital system 
in quinonoid intermediate 2-12 are coplanar. In 
the crystallographic molecular model of the stable 
quinonoid intermediate that forms when tyrosine 
phenol-lyase from C. freundii is mixed with ¬-alanine, 
which is a quinonoid intermediate that includes a 
carboxylato group, this complete planarity is unmis-
takable.88 In crystallographic molecular models of 
the external pyridoximine and the quinonoid inter-
mediate in the active site of tryptophan synthase 
from S. enterica, it can be seen that the carboxy 
group rotates into the plane of the quinonoid inter-
mediate when it is formed from the external pyridox-
imine.90 In quinonoid intermediates that lack a 
carboxylato group (Equations 2-4 and 2-5), only 10 
p orbitals are combined, and the p molecular orbital 
system has 10 p molecular orbitals, and the six of 
lowest energy are each occupied by a pair of elec-
trons. The occupation of the nonbonding molecular 
orbital with a pair of electrons in the former case 
(2-12) and of an antibonding molecular orbital in 
the latter case represents the electron excess in a 
quinonoid intermediate. 
 The simplest reaction involving a quinonoid 
intermediate is racemization. If a hydron is added 
back to the opposite side of the a carbon from 
which a hydron was removed by one base to form 
the quinonoid intermediate by another acid in the 
active site,70 the stereochemistry at that a carbon is 
inverted. An example of such a racemization would 
be the reaction catalyzed by alanine racemase from 
G. stearothermophilus,37 which equilibrates :-alanine 
and ¬-alanine. 
 Because of the excess electron density in the 
p molecular orbital system, a quinonoid intermediate 
is basic and nucleophilic. Its basicity is manifest in 
its ability to be hydronated at the carbon a to its 
iminio nitrogen, as it is in a racemase. Its nucleo-
philicity is manifest in its ability to add to a carbonyl 
carbon, as in the addition of the a-carboxyquino-
noid intermediate to acetaldehyde in the reverse 
reaction of Equation 2-7. A dramatic example of 
the nucleophilicity of the a carbon in a quinonoid 
intermediate is its ability to displace methyl adenosyl 
sulfide in the concerted nucleophilic substitution 
that is the central step of the reaction catalyzed by 
1-aminocyclopropane-1-carboxylate synthase91,92 
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    (2-12) 

Although the carbon that adds to the carbonyl carbon, 
the acyl carbon, or the saturated electrophilic carbon 
in these three reactions appears at first glance to be 
an imino carbon because of the adjacent imino 
nitrogen, it is nucleophilic rather than electrophilic 
because of the electron excess in the complete 
p molecular orbital system. In all these instances, 
as illustrated in the resonance structure of Equa-
tion 2-12, dehydronation of the pyridinio nitrogen 
in concert with each nucleophilic addition enhances 
the nucleophilicity of the quinonoid intermediate 
and increases the rate of the nucleophilic addition. 
The active sites in which a weak acid, such as a serine 
or an arginine, forms the hydrogen bond with pyridyl 
nitrogen 1 would benefit from the dehydronation 
that the conjugate bases of these weak acids would 
necessarily accomplish. 
 The reverse reaction of Equation 2-8 is the 
metabolically relevant direction for the Claisen con-
densation catalyzed by 5-aminolevulinate synthase 
since the reaction is relied upon to produce 5-amino-
levulinate, the precursor in heme biosynthesis. The 
quinonoid intermediate formed by the removal of a 
hydron from the a carbon of glycine (reverse of 
Equation 2-11) adds as a nucleophile to the acyl 
carbon of succinyl-SCoA in the Claisen condensation 
to produce the external pyridoximine of 2-amino-
3-oxohexanedioic acid (2-10). The methyl ester at 
carbon 6 of 2-amino-3-oxohexanedioic acid has been 
isolated from a mixture of murine 5-amino-
levulinate synthase, the methyl ester of glycine, and 
succinyl-SCoA. It was identified by gas–liquid 
chromatography followed by mass spectrometry.73 

These results suggest that the decarboxylation of the 
a carbon of 2-10 required to produce the final 
product, 5-aminolevulinic acid, which is 5-amino-
4-oxopentanoic acid, occurs after the Claisen con-
densation (as shown in Equation 2-8) rather than 
before because the methyl ester cannot and was not 
decarboxylated during the formation of methyl ester 
of 2-amino-3-oxohexanedioic acid. This conclusion 
would make chemical sense because the carboxylato 
group dissociating as CO2 would be both on the 
a carbon of an external pyridoxime and on a carbon 
that is adjacent to a carbonyl group, both of which 
would destabilize the s bond to the carboxylato 
group. 
 There is a related (30% identity; 1.3 gap per-
cent) enzyme, 8-amino-7-oxononanoate synthase, 
that performs a homologous Claisen condensation 
between ¬-alanine instead of glycine and 6-carboxy-
hexanoyl-SCoA instead of succinyl-SCoA to produce 
8-amino-7-oxononanoic acid.93,94 The production 
of this product also requires both the removal of a 
hydron and a decarboxylation at the a carbon of 
successive external pyridoximines. Both murine 
5-aminolevulinate synthase71,95 and 8-amino-
7-oxononanoate synthase from Lysinibacillus 
sphaericus 96 exchange one of the hydrogens on 
glycine and ¬-alanine, respectively, for a different 
isotope of hydrogen in the absence of either of the 
second reactants for the respective enzyme, but 
these exchanges are significantly slower (250,000 
times and 10 times, respectively) than the turno-
vers for the complete enzymatic reactions when the 
respective second reactant is present. Nevertheless, 
these exchanges are consistent with the removal of 
a hydron from the a carbon in the initial external 
pyridoximine, rather than the dissociation of carbon 
dioxide, before the actual Claisen condensation in 
the mechanisms of each of these enzymes.97 Also 
consistent with this conclusion is that when 
5-aminolevulinate synthase from Rhodobacter 
sphaeroides is mixed with only glycine, a quinonoid 
intermediate forms but no CO2 is produced during 
the formation of this quinonoid intermediate.98 
 Because it is electron-rich, it cannot absorb the 
two electrons in another s bond, but a quinonoid 
intermediate can push. In this role the quinonoid 
intermediate is acting as a vinylogous enamine 
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An enamine is electron-rich and can push out a 
leaving group (X in 2-13). When the p molecular 
orbital system of the quinonoid intermediate is 
used to provide push, an elimination occurs.99 
 Examples of such an elimination from a quino-
noid intermediate are encountered in one of the 
steps in the reaction catalyzed by ¬-cystine b-lyase 
from Synechocystis100 

     
                  (2-13) 

and one of the steps in the reaction catalyzed by 
tryptophanase101 

           (2-14) 

 In the latter instance, the indolyl group, when 
it has been hydronated on carbon 3, is an excellent 
leaving group because the two electrons in the 
s bond connecting it to the quinonoid intermediate 
can enter its p molecular orbital system and complete 
an aromatic dectet. The bond is pushed away by 
the electron excess in the quinonoid intermediate 
and pulled into the indolyl group102 

 

The most difficult step in this electrophilic aro-
matic substitution is the hydronation of the indolyl 
group, which might be assisted by the quinonoid 
intermediate if the hydronation and the dissociation 
are concerted. The related (41% identity; 0.7 gap 
percent) enzyme, tyrosine phenol-lyase, catalyzes 
the homologous reaction in which ¬-tyrosine is 
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cleaved into phenol and the enamine of pyruvate 
rather than indole and the enamine of pyruvate. In 
the crystallographic molecular model103 of the active 
site of a mutant of tyrosine phenol-lyase from 
C. freundii, occupied by 3-fluoro-¬-tyrosine, the 
hydroxy group of Tyrosine 71 in the enzyme is only 
0.31 nm from carbon 1 of the analogue, which is 
the carbon that would be hydronated during the 
electrophilic aromatic substitution (see first step in 
Equation 2-14), an observation consistent with it 
being the catalytic acid. 
 In the elimination from the quinonoid inter-
mediate catalyzed by ¬-serine ammonia-lyase, the 
leaving group is the hydroxy group of the quinonoid 
intermediate formed from ¬-serine. In the active site 
of the enzyme, the phospho group of the pyridoxal 
5¢-phosphate forms a hydrogen bond with the hydroxy 
group and is thought to hydronate the hydroxy 
group as it leaves.104 
 
 The product resulting from an elimination of 
a leaving group from the b  carbon of a quinonoid 
intermediate is the external pyridoximine of a 
2-aminoacrylate (Equations 2-13 and 2-14). In the 
active sites of cysteine synthase from S. typhi-
murium105 and cysteine lyase from Fusobacterium 
nucleatum,106 the pyridoximine of 2-aminoacrylate 
(lmax = 330 and 470 nm and lmax = 320 and 460 nm, 
respectively) forms rapidly when the enzyme is 
mixed with O-acetyl-¬-serine.106 O-Acetyl-¬-serine 
is itself not nucleophilic and does not generate a 
nucleophilic product that can add to the electro-
philic carbon–carbon bond in the 2-aminoacrylate. 
The intermediate external pyridoximine of 2-amino-
acrylate has been observed in a crystallographic 
molecular model107 of the active site of cystathionine 
b-synthase (O-acetyl-¬-serine) from S. cerevisiae. 
 External pyridoximines of 2-aminoacrylate 
have also been stabilized and observed in active 
sites in the crystallographic molecular models of 
tryptophan synthase from S. typhimurium,108,109 
cysteine synthase from Mycobacterium tuberculo-
sis,110 and alliin lyase from Allium sativum.110 In 
none of these three molecular models is the pyridox-
imine of 2-aminoacrylate planar throughout its 
complete p molecular orbital system. In the active 
site of tryptophan synthase, the carboxylate of the 
2-aminoacrylate is rotated out of the plane defined 
by the truncated p molecular orbital system; in the 
active site of cysteine synthase, the completely planar 
2-aminoacrylate is tilted out of the plane of the 
pyridoximine by a rotation about the bond between 

nitrogen 4¢ and the a carbon of the acrylate; and in 
the active site of alliin synthase, the 2-aminoacrylate 
is tilted out of the plane of the pyridoximine by a 
rotation about the bond between carbon 4 and 
carbon 4¢ of the pyridoximine. These three s bonds 
are single s bonds in the only resonance structure 
of the pyridoximine of 2-amino-acrylate (rotational 
arrows in Equation 2-13) that do not involve sepa-
ration of charge and should be the weakest links in 
the p molecular orbital system. In butadiene, the 
out-of-plane conformers are at most only about 
25 kJ higher in energy than the s-trans conformer. 
 The 2-aminoacrylate in the pyridoximine can 
be released directly by transimination with the lysine 
of the internal pyridoximine 

    
                  (2-15) 

as occurs in the reactions catalyzed by trypto-
phanase and ¬-cystine b-lyase. The 2-aminoacrylate 
released by the transimination tautomerizes to 
iminopyruvate, perhaps while still within the active 
site,111 and the iminopyruvate released into solu-
tion rapidly hydrolyzes to pyruvate and ammonia 

    
                  (2-16) 

 Another nucleophile can add, however, to the 
external pyridoximine of a 2-aminoacrylate at its 
b carbon, in the reverse of the reaction that has 
pushed away the leaving group. If this occurs, then 
the reaction can proceed in reverse until the amine 
is liberated from the pyridoxal 5¢-phosphate with the  
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nucleophile that added to the b carbon simply sub-
stituting for the leaving group that left it, as in the 
reactions catalyzed by cysteine synthase, in which 
a sulfanide has replaced an acetate 

        (2-17) 

O-phosphoserine sulfhydrylase,112 in which a sulfa-
nide has replaced a phosphate 

     
                  (2-18) 

or ¬-seryl-tRNASec selenium transferase,113 in which 
a selenide has replaced a hydroxide 

   
                  (2-19) 

In the case of cysteine synthase (Equation 2-17) 
from S. typhimurium114 and cysteine lyase from 
F. nucleatum,106, the external pyridoximine of 
2-aminoacrylate in the active site of the enzyme 
that has been formed from O-acetyl-¬-serine, when 
deprived of access the usual nucleophilic cosubstrate, 
will react with a number of other nucleophiles to 
produce the respective amino acids in which the 
respective nucleophile replaces the acetyl group. In 
the reactions catalyzed by the active site of trypto-
phan synthase (indole-salvaging) within tryptophan 
synthase 

     
                  (2-20) 

the external pyridoximine of 2-aminoacrylate pro-
duced from ¬-tryptophan by the elimination of in-
dole (Equation 2-14 and 2-15),102 reacts with water 
to produce eventually ¬-serine rather than breaking 
down to pyruvate and ammonia, as occurs in the 
reaction catalyzed by tryptophanase (Equation 2-14). 
 The most remarkable aspect of the reactions 
catalyzed by cysteine synthase and O-phospho-
serine sulfhydrylase is that each of these nucleo-
philic substitutions involves the replacement of a 
good leaving group, a carboxylate or a phosphate, 
respectively, by a strong nucleophile, the sulfanide. 

Rather than proceed through the simplest possible 
chemical mechanism, a concerted nucleophilic 
substitution, these enzymes use pyridoxal 5¢-phos-
phate to rearrange hydrons and replace the carboxy-
late with a distant elimination involving two steps 
in each direction from the external pyridoximine. 
This solution seems at a glance not to be an intelli-
gent design. 
 
 In many of the enzymatic reactions in which a 
quinonoid intermediate is formed from a prosthetic 
pyridoxal 5¢-phosphate, rather than exploiting its 
electron density to push a leaving group from the 
b  carbon, the next step is to exploit its basicity 
by adding a hydron to carbon 4¢  to form the 
N-(5¢-phosphopyridoxyl)imine, as occurs in the 
reaction catalyzed by 4-aminobutyrate—2-oxo-
glutarate transaminase (Equation 2-4) 

 
                  (2-21) 

Carbon 4¢ is one of the alternating basic positions 
in the vinylogous enamine (2-14). In the reaction 
catalyzed by 4-aminobutyrate—2-oxoglutarate 
transaminase, the removal of a hydron from the 
a carbon of the external pyridoximine (Equa-
tion 2-4) and the addition of a hydron to carbon 4¢ 
of the resulting quinonoid intermediate (Equa-
tion 2-21) produce the N-(5¢-phosphopyridoxyl)-
imine, N-(5¢-phosphopyridoxyl)-3-carboxypropan-
imine. 
 The imine in an N-(5¢-phosphopyridoxyl)imine 
is disconnected from the remaining p  molecular 
orbital system of the pyridyl group by the saturated 
position at carbon 4¢.85 Two of the 12 p electrons in 
the p molecular orbital system of the quinonoid 
intermediate become the two electrons in the new 
s bond to the hydron that has associated. The remain-
ing p orbitals and p electrons are divided into two 
unequal sets by the hydronation. Eight of the 
p electrons remain in the seven p molecular orbitals 
formed from the seven p orbitals of the 3-hydroxy-
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pyridyl group. Two p electrons remain in the double 
bond of the imine (Equation 2-21). 
 The N-(5¢-phosphopyridoxyl)imines formed 
from ¬-aspartate and ¬-glutamate, N-(5¢-phospho-
pyridoxyl)-1,2-dicarboxyethanimine and N-(5¢-phos-
phopyridoxyl)-1,3-dicarboxypropanimine, respec-
tively, have been crystallized in the active site of 
aspartate transaminase from Gallus gallus.115 In 
the two crystallographic molecular models, the 
carbon–hydrogen s bond that would be broken 
during removal of the hydron from carbon 4¢ of the 
5¢-phosphopyridoxyl group to re-form the quinonoid 
intermediate (reverse of Equation 2-21) is parallel 
to the pyridyl ring. This orientation places this 
s bond in hyperconjugation with the p molecular 
orbital system of the hydronated pyridinio ring so 
that the p molecular orbital system of the pyridinio 
ring can withdraw electron density from the bond 
and promote removal of the hydron from carbon. 
 The two steps that produce any N-(5¢-phos-
phopyridoxyl)imine, removal of a hydron from the 
a carbon and addition of the hydron to carbon 4¢, 
are the two steps in the tautomerization of an 
iminium (the sum of Equations 2-4 and 2-21) 

                   (2-22) 

In nonenzymatic situations, simple tautomeriza-
tions of this type are catalyzed by bases,116 which 
remove the hydron from carbon during the slower 
of the two steps of the reaction.117 A weak acid and 
a weak base together can catalyze the tautomerization 
of a pyridoximine, presumably by catalyzing the 
removal of the hydron from the one carbon and the 
addition of the hydron to the other carbon.15 An 
analogue of pyridoxal 5¢-phosphate in which an 
imidazolyl group has been appropriately incorpo-
rated as an intramolecular catalyst can undergo 
this tautomerization  

   
                    (2-23) 

80 times more rapidly than another analogue iden-
tical to the first with the exception that the imidaz-
olyl group has been replaced by a methyl group.118 
In this case Zn2+ was used as a Lewis acid to main-
tain the proper orientations within the molecule 
and promote the reaction. Even with the assistance 
of the pyridoxal 5¢-phosphate in an active site of an 
enzyme in weakening these s bonds between carbon 
and hydrogen, the removal of a hydron from the 
one carbon and the addition of a hydron to the 
other carbon are slower reactions than the carbonyl 
additions necessary to form the pyridoximine in 
the first place. 
 In many cases, the lysine that formed the in-
ternal pyridoximine and that is then responsible 
for removing the hydron from the a carbon (see 
Equation 2-4) can be positioned by the enzyme so 
that it is adjacent to both the a carbon and carbon 4¢ 
of the external pyridoximine (Figure 2-4).53,60,61,119 
In this orientation, the 6-amino group of this lysine 
can both remove a hydron from the a carbon and 
then add a hydron to carbon 4¢ of the quinonoid inter-
mediate. This arrangement is found in the active 
site of aspartate transaminase from E. coli. The 
respective N-(5¢-phosphopyridoxyl)imine that nor-
mally participates in the enzymatic reaction, either 
N-(5¢-phosphopyridoxyl)-1,2-dicarboxyethanimine 
or N-(5¢-phosphopyridoxyl)-1,3-dicarboxypropan-
imine, can be formed directly from oxaloacetate or 
2-oxoglutarate, respectively, and pyridoxamine 
5¢-phosphate in the active site of the enzyme. When 
the lysine that forms the internal pyridoximine in 
aspartate transaminase from E. coli is mutated to 
alanine, the conversion of the respective N-(5¢-phos-
phopyridoxyl)imine into ¬-aspartate or ¬-glutamate, 
which requires the tautomerization to occur, is 105 
or 106 times slower, respectively, in the mutant 
than in the unmutated enzyme,120 In the mutant 
enzyme, presumably, there is no other base present 
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that is even remotely as effective at removing the 
hydron from carbon 4¢ of the respective N-(5¢-phos-
phopyridoxyl)imine and then adding a hydron to 
the resulting quinonoid intermediate. 
 
 An N-(5¢-phosphopyridoxyl)imine within an 
active site can be readily hydrolyzed to the corre-
sponding aldehyde or ketone and pyridoxamine 
5¢-phosphate 

 

The upshot of the sequence of events ending in 
such a hydrolysis is that an oxo group has replaced 
the original primary amino group in the initial 
reactant. For example, in the reaction catalyzed by 
4-aminobutyrate—2-oxoglutarate transaminase 
(Equations 2-4 and 2-21), when the N-(5¢-phos-
phopyridoxyl)-3-carboxypropanimine is hydrolyzed, 
the products are 4-oxobutanoic acid (succinate 
semialdehyde), which is one of the products of the 
overall reaction, and pyridoxamine 5¢-phosphate. 
 In contradistinction to pyridoxal 5¢-phosphate, 
which is covalently attached to an active site as the 
internal pyridoximine, pyridoxamine 5¢-phosphate 
is a noncovalent prosthetic group that is held in the 
active site of an enzyme only by strong noncovalent 
forces. When pyridoxal 5¢-phosphate associates 
with an active site, the dissociation constant for 
that pyridoxal 5¢-phosphate from the enzyme in-
cludes the equilibrium constant for the nucleo-
philic addition that covalently attaches it to the 
enzyme (Equation 2-3). The dissociation constant 
for pyridoxal 5¢-phosphate from the active site of 
aspartate transaminase from E. coli83 is 0.4 pM. 
This dissociation constant is much smaller than the 
dissociation constant for pyridoxamine 5¢-phosphate 
(1.3 nM) because, even though the rest of the pyridox-
amine 5¢-phosphate is identical to pyridoxal 
5¢-phosphate, it does not participate in the covalent 
attachment. The absorption spectrum of pyridox-
amine 5¢-phosphate when it is associated with the 
active site of aspartate transaminase from E. coli 
(Figure 2-1E) has a maximum of absorbance at 
323 nm. The short wavelength results from the ab-
sence of extended conjugation. 
 

 The hydrolysis of an N-(5¢-phosphopyridoxyl)-
imine to form the carbonyl group and the pyridox-
amine 5¢-phosphate cannot proceed unless there is 
an acid to provide a hydron that can be added to 
the iminium nitrogen to make it a competent leaving 
group, and another hydron is required if the pyridox-
amine 5¢-phosphate is to end up as zwitterion 2-16. 
In the active site of aspartate transaminase from 
E. coli, there is a tyrosine that forms a hydrogen 
bond (0.28 nm) to the phenolic oxyanion of the 
N-(5¢-phosphopyridoxyl)-1,2-di-carboxyethanimine 
formed from ¬-aspartate,115 and the lysine that par-
ticipated in the internal pyridoximine is near 
enough (0.39 nm) to reorient and form a hydrogen 
bond with the tyrosine. The hydron on the lysinium 
can be shuttled to the imino nitrogen of the 
N-(5¢-phosphopyridoxyl)imine during its hydrolysis 
to provide the mandatory hydron 

(2-24) 

When the tyrosine is mutated to a phenylalanine, 
the rate of enzymatic activity decreases by a factor 
of 500 and N-(5¢-phosphopyridoxyl)-1,2-dicarboxy-
ethanimine accumulates (70%) in the active site, a 
fact indicating that the hydrolysis of the N-(5¢-phos-
phopyridoxyl)imine has been decreased so dramat-
ically by the mutation that it is now the rate-
limiting step in the enzymatic reaction.24,25 The 
side chain of the lysine is probably flexible enough 
to pick up another hydron during the hydrolysis to 
provide the hydron needed to produce the zwitterion 
of the pyridoxamine 5¢-phosphate. 
 Amino acid decarboxylases are enzymes that 
catalyze the dissociation of the carboxylato group 
as CO2 (Equation 2-5) from an a-amino acid rather 
than removing the hydron. In the normal reaction 
of a decarboxylase, the carboxy group dissociates 
and is replaced by a hydron; for example, in the re-
action catalyzed by methionine decarboxylase121 
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                  (2-25) 

Again, it is usually assumed that the 6-ammonio 
group of the lysine of the internal pyridoximine, 
which is liberated upon formation of the external 
pyridoximine (Figure 2-2), hydronates the quino-
noid intermediate (Equation 2-5) at the a carbon 
following dissociation of the CO2.122 The active site 
in a decarboxylase must be constructed, however, 
so that the ammonio group of this lysine that is 
responsible for hydronating the a carbon, or any 
other acid, cannot hydronate carbon 4¢ of the quino-
noid intermediate that results from the decarboxy-
lation (Equation 2-21) to produce the N-(5¢-phos-
phopyridoxyl)imine, which can then hydrolyze. 
Methionine decarboxylase from Dryopteris filixmas 
fails to prevent the hydronation of carbon 4¢ com-
pletely; and during its normal reaction (Equation 
2-25), pyridoxamine 5¢-phosphate and 3-(methyl-
sulfanyl)propanal are slowly formed as side prod-
ucts in a reaction that inactivates the enzyme.122 
 The formation of an N-(5¢-phosphopyridoxyl) 
imine and its hydrolysis are, however, essential steps 
in a transamination. The overall reaction in a 
transamination is the conversion of an amino group 
into a oxo group at one carbon and the conversion 
of an oxo group into an amino group at another 
carbon resulting in the transfer of ammonia or an 
amine between the two carbons. In the first sequence 
of steps in a transamination, the amine of the reactant 
is converted into a ketone or aldehyde coincident 
with the conversion of the imino group of the initial 
internal pyridoximine into the amino group in pyri-
doxamine 5¢-phosphate. In the second sequence of 
steps in a transamination, which is the reverse of the 
first sequence of steps, a different ketone or aldehyde 
that is the other reactant in the enzymatic reaction 
is converted into the respective amine, coincident 
with conversion of the pyridoxamine 5¢-phosphate 
into the internal pyridoximine 5¢-phosphate, so 
that the active site can start again. 
 An example of a transamination is that cata-
lyzed by 4-aminobutyrate—2-oxoglutarate trans-
aminase 

                 (2-26) 

In the forward direction, the external pyridoximine 
of 4-aminobutyrate is formed from the internal 
pyridoximine (Figure 2-2), the a hydron is re-
moved (Equation 2-4), carbon 4¢ of the quinonoid 
intermediate is hydronated (Equation 2-21), the re-
sulting N-(5¢-phosphopyridoxyl)-3-carboxypropan-
imine is hydrolyzed to produce 4-oxobutyrate and 
pyridoxamine 5¢-phosphate (reverse of Figure 1-7), 
the 2-oxoglutarate replaces the 4-oxobutyrate, and 
the reaction proceeds in reverse. 
 The conversion of 4-aminobutyrate to 4-oxo-
butyrate in the first half of the overall reaction is an 
oxidation, the conversion of a carbon from the oxi-
dation state of an alcohol to the carbonyl oxidation 
state 

     
                       (2-27) 

The oxidant in the reaction is the pyridoximine 
5¢-phosphate 

     
                  (2-28) 
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This latter half-reaction demonstrates that a pyri-
doximine of pyridoxal 5¢-phosphate and pyridoxa-
mine 5¢-phosphate are at different oxidation states. 
In the second half of the overall reaction, 2-oxo-
glutarate oxidizes the pyridoxamine 5¢-phosphate 
back to a pyridoximine of pyridoxal 5¢-phosphate 
while being reduced to a primary amine. 
 In the complex between the active site of as-
partate transaminase 

   
                  (2-29) 

from G. gallus and the inhibitor ¬-erythro-
3-hydroxyaspartate, the hemiaminal that is the 
transient intermediate (Figure 1-7) in the hydroly-
sis of the N-(5¢-phosphopyridoxyl)-1,2-dicarboxy-
2-hydroxyethanimine is stabilized by the adjacent, 
unnatural hydroxy group and can be directly ob-
served.123 
 Transaminations are also catalyzed nonenzy-
matically by pyridoxal 5¢-phosphate in the pres-
ence of metallic ions. For example, 2-oxoglutarate 
and ¬-alanine are transformed into ¬-glutamate 
and pyruvate by pyridoxal 5¢-phosphate in solution 
in the presence of CuSO4.124 
 
 Just as electron density is withdrawn from any 
one of the s  bonds on the a  carbon of an external 
pyridoximine (2-6), the iminium in an N-(5¢-phos-
phopyridoxyl)iminium withdraws electron density 
from any one of the s  bonds on the b  carbon of the 
substrate and promotes the dissociation of an 
electrophile from that b carbon. This electron with-
drawal is a property of any iminium (previously 
Equation 1-113) 

     
                  (2-30) 

 If there is a hydrogen on the b  carbon, it can 
be removed as a hydron. For example, cystathio-
nine g-synthase 

    
                  (2-31) 

catalyzes a nucleophilic substitution in which the 
sulfido group of ¬-cysteine is the nucleophile and 
succinate is the leaving group. In one of the steps 
catalyzed by the enzyme, the hydrogen on the 
b carbon of O4-succinyl-¬-homoserine is removed 
as a hydron125 from the N-(5¢-phosphopyridoxyl)-
1-carboxy-3-hydroxy-3-O-succinylpropaniminium 
ion 

    
                  (2-32) 

This removal is a simple manifestation of the acidi-
ty of a hydron on the carbon adjacent to an imini-
um (Equation 2-30). The 6-amino group of the 
lysine that formed the internal pyridoximine, and 
that is thought to be the base that just removed the 
hydron from the a carbon of the external pyri-
doximine and the acid that then hydronated car-
bon 4¢ of the quinonoid intermediate to form the 
N-(5¢-phosphopyridoxyl)imine, can also swing up 
next to the b carbon of that N-(5¢-phosphopyri-
doxyl)imine,60 and its amino group is the prime 
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candidate for the base that removes the hydron from 
it in the normal reaction. 
 If there is a oxo group on the g  carbon, the hy-
drate of that carbonyl group can dissociate from 
the b carbon as the carboxylic acid in a retro-
Claisen condensation, as in the reaction catalyzed 
by kynureninase126 

 
                  (2-33) 

If there is a hydroxy group on the g  carbon, it can 
dissociate from the b carbon in a retroaldol reaction 
as the respective carbonyl carbon.  
 
 When an electrophile dissociates from the 
b  carbon of an N-(5¢-phosphopyridoxyl)iminium 
as a result of electron withdrawal by the adjacent 
iminium (Equation 2-33), an N-(5¢-phosphopyri-
doxyl)enamine is formed. As is the case with all 
enamines (Equation 2-30), an N-(5¢-phosphopyri-
doxyl)enamine is electron-rich, basic, and nucleo-
philic. If the electrophile that dissociated was other 
than a hydron, the enamine can be hydronated on 
the b carbon, and the reaction can proceed back-
ward until the product, in which the electrophile 
that dissociated has been replaced by a hydron, is 
released. This reaction in one direction followed by 
the reaction in reverse is what happens in the reaction 
catalyzed by kynureninase (Equation 2-33), in which 
the products are anthranilate and ¬-alanine, the 
amino acid ultimately resulting from hydronation 
of the b carbon of the N-(5¢-phosphopyridoxyl)-
1-carboxyethenamine. The hydronation of the 
b carbon converts it to a methyl group. 
 In the next step of the reaction catalyzed by 
cystathionine g-synthase (Equations 2-31 and 2-32), 
however, the electron excess in the N-(5¢-phospho-
pyridoxyl)enamine is used to push out a leaving 
group to extend the reach of the pyridoxal 

5¢-phosphate to the g carbon of the amine that was 
the original reactant  

                   (2-34) 

The intermediate in this elimination is an N-(5¢-phos-
phopyridoxyl)-2-propen-1-imine, in this particular 
case, N-(5¢-phosphopyridoxyl)-1-carboxy-2-propen-
1-imine.127 To complete the reaction, the succinate 
that is the leaving group is replaced by the sulfido 
group of ¬-cysteine, a nucleophile, and the steps 
producing the 1-carboxy-2-propen-1-imine are re-
versed to produce ¬-cystathionine. Again, an excel-
lent leaving group, succinate, is replaced by an 
excellent nucleophile, the sulfido group of ¬-cys-
teine. It would seem that a much simpler enzyme 
could have been designed in which this reaction 
was a simple concerted nucleophilic substitution. 
 An N-(5¢-phosphopyridoxyl)-2-propen-1-imine 
is electrophilic at the g  carbon. In the reaction cata-
lyzed by cystathionine g-synthase, the nucleophile 
that adds to this electrophilic carbon is the sulfido 
group of ¬-cysteine. In the reaction catalyzed by the 
product of the cndF gene in Penicillium citrinum, 
N-(5¢-phosphopyridoxyl)-1-carboxy-2-propen-1-imine 
is formed in the active site from O4-acetyl-¬-homo-
serine rather than O4-succinyl-¬-homoserine 
(Equations 2-31 and 2-34). The enolate of aceto-
acetate (pKa = 16.1; Figure 1-23) then adds nucleo-
philically to the N-(5¢-phosphopyridoxyl)-1-carboxy-
2-propen-1-imine128  
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      (2-35) 

The resulting N-(5¢-phosphopyridoxyl)enamine is 
then hydronated on the b carbon, the hydron on 
carbon 4¢ is transferred in the usual tautomeriza-
tion to the a carbon of the resulting N-(5¢-phos-
phopyridoxyl)imine, and the resulting external 
pyridoximine is transiminated to the ¬-amino acid. 
At some point along the way, the carboxylate on the 
d carbon of the incipient amino acid, which is on a 
carbon adjacent to a carbonyl group is decarbox-
ylated. The final product is (S)-2-amino-6-oxohep-
tanoic acid. 
 In an N-(5¢-phosphopyridoxyl)prop-2-en-1-imine, 
the two hydrogens on carbon 4¢ of the 5¢-phospho-
pyridoxyl group remain acidic, and one of them 
can be removed as a hydron. For example, in the 
reaction catalyzed by threonine synthase from 
M. tuberculosis 

 
                  (2-36) 

N-(5¢-phosphopyridoxyl)-1-carboxyprop-2-en-1-imine 
is formed as an intermediate after the phospho 
group of the of the O-phospho-¬-homoserine 
leaves as phosphate, an excellent leaving group, 
just as it is formed as an intermediate after the 
O4-succinyl group of O4-succinyl-¬-homoserine leaves 
as succinate, also an excellent leaving group, in the 
reaction catalyzed by cystathionine g-synthase 
(Equation 2-34). The next step in the reaction of 
threonine synthase, however, is the removal of 
one of the acidic hydrons on carbon 4¢ of the pyri-
doxyl group to produce the quinonoid intermediate 
of ethenyl glycine (2-18) 

  
                  (2-37) 

If the quinonoid intermediate of ethenyl glycine is 
completely planar within the active site and if it is 
fully conjugated, 15 p orbitals from 15 atoms partic-
ipate in this ultimate, fully conjugated p  molecular 
orbital system. The key to understanding the poten-
tial of this quinonoid intermediate of ethenyl glycine 
is to realize that the imino nitrogen has become a 
bystander. From here on, the additions are controlled 
solely by the neutral pyridyl nitrogen 1 or the hydro-
nated cationic pyridinio nitrogen 1 in succession. 
The product of the enzymatic reaction, ¬-threonine, 
results from the addition of a hydron, an electro-
phile, to the g carbon that is nucleophilic because 
of the excess electron density in the p molecular 
orbital system; the addition of a hydroxide, a nucleo-
phile, to the b carbon that is now electrophilic because 
of the deficit of electron density in the shorter 
p molecular orbital system; and the addition of a 
hydron, an electrophile, to the a carbon that is now 
nucleophilic and basic because of the excess elec-
tron density in the even shorter p molecular orbital 
system (arrows in 2-18). 
 In the crystallographic molecular model of 
threonine synthase from Thermus thermophilus, 
the active site of which is occupied by N-(5¢-phospho-
pyridoxyl)-(E)-2-imino-5-phosphonopent-3-enoate, 
an analogue of the N-(5¢-phosphopyridoxyl)imine 
of ethenyl glycine (2-17), except for the fact that 
the 5-phosphono group has not dissociated because 
it cannot, the p molecular orbital systems on each 
side of the saturated carbon 4¢ are coplanar.129 
Were the analogue the actual quinonoid interme-
diate of ethenyl glycine, the assumption is that it 
would be completely planar and fully conjugated 
over all 15 atoms. A nonbridging phospho oxygen 
from the phospho group on carbon 5¢ of the 
5¢-phosphopyridoxyl group is only 0.33 nm from 
carbon 4¢ of the 5¢-phosphopyridoxyl group,130 and 
it has been proposed that this base removes the 
hydron from carbon 4¢ and then hydronates the 
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g carbon of the quinonoid intermediate of ethenyl 
glycine (Equation 2-37).131 The hydronation of the 
g carbon would require that the natural 1-carboxy-
prop-2-enimine assume the s-cis conformation as 
in 2-18, rather than the s-trans conformation seen 
in the crystallographic molecular model and drawn 
in Equation 2-34. In another crystallographic 
molecular model of the same enzyme with its active 
site occupied by the same external pyridoximine 
but also occupied by a phosphate, presumably resid-
ing where the phosphate that is the product of the 
overall reaction sits before it leaves, one of the oxygens 
of this phosphate is located in a position from 
which it could remove a hydron from a molecule of 
water as it adds to the b carbon of the quinonoid 
intermediate of ethenyl glycine (2-18). 
 A quinonoid intermediate of ethenyl glycine is 
also formed in the elimination catalyzed by methio-
nine g-lyase 

 (2-38) 

As in the case of cystathionine g-synthase (Equa-
tion 2-34), the leaving group, methanethiol, is pushed 
out by the N-(5¢-phosphopyridoxyl)enamine132-134 

      
                  (2-39) 

to give the N-(5¢-phosphopyridoxyl)-1-carboxy-
prop-2-en-1-imine. A tyrosine in the active site per-
forms the role of catalytic acid that hydronates the 
leaving group. As in the case of threonine synthase, 
a hydron is then removed from carbon 4¢ of the 
5¢-phosphopyridoxyl group to produce the quino-
noid intermediate of ethenyl glycine (2-18), and a 
hydron is added to carbon 4 of the quinonoid inter-
mediate to accomplish a tautomerization 

              (2-40) 

The product of this tautomerization is the pyridox-
imine of 2-aminobut-3-enoic acid, which is trans-
iminated to give 2-aminobut-3-enoic acid free in 
solution. This 2-aminobut-3-enoic acid is converted 
nonenzymatically to the ultimate product of the 
reaction, 2-oxobutanoic acid (Equation 2-38). In 
the active sites of the enzymes from P. putida132 
and Entamoeba histolytica,134 the catalytic base 
that removes the hydron from the carbon 4¢ of the 
pyridoxyl group is the lysine forming the internal 
pyridoximine and the catalytic acid that adds the 
hydron to carbon 4 of the 1-carboxyprop-2-enimine 
is a tyrosine, again a cooperation of these two amino 
acids. 
 
 With N-(5¢-phosphopyridoxyl)-1-carboxyprop-
2-en-1-imine and its conjugate base, the quinonoid 
intermediate of ethenyl glycine, extension of the 
p  molecular orbital system of the pyridoxal 5¢-phos-
phate into an a-amino acid reaches its extreme. 
The hydronated pyridinio nitrogen at the base of 
the external pyridoximine functions to withdraw 
electrons from a s bond around the a carbon in 
the external pyridoximine of the a-amino acid that 
was the original reactant. Upon removal of a hydron 
from the a carbon, the pyridyl nitrogen becomes a 
secondary amine and the p molecular orbital system 
that has been extended by one atom onto the 
a carbon becomes electron-rich because the two 
electrons that were in the s bond to the hydrogen 
have been added to it. Carbon 4¢ of the quinonoid 
intermediate is hydronated, causing the p molecular 
orbital system of the 3-hydroxypyridinio group to 
become dissociated from that of the iminium and 
the system to become electron-deficient because 
two of its electrons are now in the s bond to the 
hydrogen. The nitrogen of the primary amino 
group of the a-amino acid that was in the original 
reactant then functions as a hydronated, cationic 
iminium to withdraw electron density from a 
s bond to the b carbon. Upon dissociation of an 
electrophile from this carbon and the extension of 
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the p molecular orbital system by one atom, the 
electron-deficient iminium has become an electron-
rich enamine as a result of the addition of the two 
electrons from the s bond. This electron excess is 
then able to push away a leaving group from the 
g carbon of the original a-amino acid. Upon disso-
ciation of an electrophile from this carbon and 
extension of the p molecular orbital system by one 
atom, the electron-rich enamine has become an elec-
tron-poor, electrophilic 1-carboxyprop-2-enimine as 
a result of the dissociation of both electrons that 
were in the s bond to the leaving group. A hydrogen 
on carbon 4¢ can be readily removed as a hydron 
from this electron-poor, electrophilic intermediate 
to connect the two adjacent p molecular orbital 
systems. The resulting quinonoid intermediate of 
ethenyl glycine is now electron-rich and basic as a 
result of the incorporation of two electrons that 
were in the s bond to the hydrogen, while the 
p molecular orbital system has only increased in 
size by one carbon atom. 
 Each of these extensions and the subsequent 
contractions of the successive p molecular orbital 
systems are usually represented by a series of arrows. 
"It must be concluded that pyridoxal phosphate was 
created to provide satisfaction and enlightenment 
to those enzymologists and chemists who enjoy 
pushing electrons."135 The pushing of electrons 
with arrows, however, is simply a means to indicate 
the extensions and contractions of the p molecular 
orbital systems. 
 The basis for the ability of the two nitrogens, 
the hydronated pyridinio nitrogen and the hydro-
nated iminio nitrogen, to promote opposite reactions 
on the same carbon and the same reaction at adjacent 
carbons is that they are an odd number of atoms 
apart from each other in the external pyridoximine. 
The influence of these two nitrogens could be 
propagated even beyond the g carbon of an amine 
if incipient electrophiles and leaving groups were 
properly alternated so that the expanding p molecular 
orbital systems were not required to become exces-
sively electron-rich or excessively electron-poor. 
 At each step in the extension of the p molecular 
orbital systems over the substrate, the electrophile 
that has just dissociated can be replaced by a different 
electrophile or the leaving group that has just disso-
ciated can be replaced by a different nucleophile. 
In the reaction catalyzed by glycine hydroxymethyl-
transferase (Equation 2-10), the hydroxymethyl group 
that dissociates as a formal formaldehyde is replaced 
by a hydron. In the reaction catalyzed by cystathionine  

g-synthase, the oxygen of the succinate that disso-
ciates (Equation 2-34) is replaced by the sulfido 
group of ¬-cysteine. After these replacements are 
made, the reaction can proceed in reverse, passing 
backward through the same steps that led to loss of 
the electrophile or expulsion of the leaving group to 
regenerate the amine in which only the one substi-
tution has occurred, as with glycine hydroxymethyl-
transferase or cystathionine g-synthase (Equation 
2-31), or in which two substitutions have occurred, 
as with threonine synthase (Equation 2-36). 
 At each step in the reactions catalyzed by pyri-
doxal 5¢-phosphate, on the way forward or on the 
way back, the nitrogen of the original amine is 
formally either the nitrogen of an external pyri-
doximine that can be transiminated to regenerate 
the internal pyridoximine and a significantly altered 
derivative of the original amine (Equation 2-15) or 
the nitrogen of an N-(5¢-phospho-pyridoxyl)imine 
that can be hydrolyzed to form pyridoxamine 
5¢-phosphate and the significantly altered or the 
unaltered ketone or aldehyde in which an oxo group 
replaces the original amino group (Equation 2-21). 
The array of possibilities is breathtaking. 
 
 There are peculiar variations on this common 
theme for the mechanism of the reactions catalyzed 
by pyridoxal 5¢-phosphate. 
  Pyridoxamine 5¢-phosphate is used as a pros-
thetic group to deoxygenate carbon 3 of a nucleotide 
4-dehydro-6-deoxyhexose.136-139 For example, within 
the active site of CDP-4-dehydro-6-deoxyglucose 
reductase 

  
                  (2-41) 

from Yersinia pseudotuberculosis, there is a tightly 
associated, prosthetic pyridoxamine 5¢-phosphate. 
CDP-4-dehydro-6-deoxyglucose reductase, although 
it displays no homology in its sequence of amino 
acids, has a fold that is superposable on the fold of 
aspartate transaminase, and when four of the amino 
acids in its sequence are mutated to the respective 
amino acids that occupy those positions in aspartate 
transaminase, the mutant displays aspartate trans-
aminase activity,140 which seems to confirm the 
evolutionary relationship. Nevertheless, the unmu-
tated enzyme catalyzes a quite different reaction. 

CDP-4-dehydro-6-deoxy-∂-glucose  +

          2 e–  +  2 H+  1  H2O +

                    CDP-4-dehydro-3,6-dideoxy-∂-glucose 
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 The pyridoxamine 5¢-phosphate in the active site 
of CDP-4-dehydro-6-deoxyglucose reductase forms 
an N-(5¢-phosphopyridoxyl)imine with the carbonyl 
group at carbon 4 in CDP-4-dehydro-6-deoxy-
∂-glucose by the usual nucleophilic substitution of 
an amino nitrogen for a carbonyl oxygen. Rather 
than the resulting iminium withdrawing electron 
density from the b carbon in the imine, however, as 
it usually would, a hydron is removed from carbon 
4¢ of the pyridoxamine 5¢-phosphate, causing the 
iminium to become conjugated to the 5¢-phospho-
pyridoxyl group, and an electron-rich quinonoid 
intermediate is formed as the two electrons in the 
carbon–hydrogen bond that was just dissociated 
join the p molecular orbital system. The quinonoid 
intermediate then provides push to the elimination 
of the hydroxy group on carbon 3 of the hexose 

   
                  (2-42) 

By removing the hydron from carbon 4¢, the effect 
of the pyridoxamine 5¢-phosphate on carbon 3 of the 
hexose has been shifted from its iminio nitrogen to 
its pyridinio nitrogen, from electron withdrawal, 
which would lead to the dissociation of a hydron, 
to electron donation, which leads to the loss of a 
leaving group. This shift allows the resulting quino-
noid intermediate to push out the hydroxy group. A 
more novel aspect of the reaction, however, is the 
next step. Instead of withdrawing electron density 
from the distal carbon–carbon double bond, as 
usually happens, for example, with the external 
pyridoximine of an 2-aminoacrylate, the pyridox-
imine recruits the normally overlooked excess electron 

density of the anionic, unhydronated 3-hydroxy 
group of the pyridoxamine 5¢-phosphate, which 
has gone unmentioned so far in the discussion. 
This recruitment pushes more electron density into 
the 2-aminoacrylyl group to permit its hydronation 
at carbon 3 rather than the usual addition of a nu-
cleophile. This addition of a hydron is coincident with 
the oxidation of the pyridoxamine 5¢-phosphate.141-143  
 There are two ways in which the oxidized pyri-
doxamine 5¢-phosphate within the adduct between 
the now 4-dehydro-3,6-dideoxyhexose and the 
oxidized pyridoxamine 5¢-phosphate is reduced to 
pyridoxamine 5¢-phosphate so that it can begin the 
next turnover. It can be reduced by a separate flavo-
protein that is in turn reduced by NADH or NADPH 

    
                  (2-43) 

to give the N-(5¢-phosphopyridoxyl)imine of 
CDP-4-dehydro-3,6-dideoxy-∂-glucose by addition 
of two electrons and the addition of a hydron to 
carbon 4¢ of the 5¢-phosphopyridoxyl group. Hydroly-
sis of the resulting N-(5¢-phospho-pyridoxyl)imine 
produces CDP-4-dehydro-3,6-dideoxy-∂-glucose, the 
product of the reaction, and pyridoxamine 5¢-phos-
phate. There is, however, a related enzyme (31% 
identity; 1.5 gap percent), GDP-4-dehydro-6-deoxy-
a-∂-mannose 3-dehydratase, also from Y. pseudo-
tuberculosis, that performs the same reaction on 
GDP-4-dehydro-6-deoxy-a-∂-mannose, the reduction 
of carbon 3 of the 4-dehydro-6-deoxy-a-∂-mannose 
from an alcohol to the saturated carbon. In the active 
site of this enzyme, however, the final imine homolo-
gous to the one in Equation 2-42 is hydrolyzed 
directly to the oxidized pyridoxamine 5¢-phosphate, 
which is the external pyridoximine of ammonia 

                   (2-44) 
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This pyridoximine is hydrolyzed to ammonia and 
pyridoxal 5¢-phosphate, which is then reduced by 
¬-glutamate in the usual way to the pyridoxamine 
5¢-phosphate needed for the next turnover (see 
Equations 2-26 and 2-29). In this instance, the 
reduction occurs after the dissociation of the 
imine, and it is performed by glutamate rather than 
NADH. 
 UDP-4-Amino-4,6-dideoxy-N-acetyl-b-¬-altros-
amine transaminase from Helicobacter pylori, which 
is related to CDP-4-dehydro-6-deoxyglucose reductase 
from Y. pseudotuberculosis (25% identity; 1.3 gap 
percent) and GDP-4-dehydro-6-deoxy-a-∂-mannose 
3-dehydratase from Y. pseudotuberculosis, also 
contains a prosthetic pyridoxamine 5¢-phosphate 
in its active site, the sole purpose of which is to 
convert the 4-oxo group of a nucleotide 4-dehydro-
6-deoxyhexose into a 4-amino group by a simple 
transamination rather than performing any reduc-
tion of its carbon 3.144 
 
 A prosthetic group that provides a catalytic 
capacity similar to that of pyridoxal 5¢-phosphate 
is the covalently attached N-pyruvoyl group.145,146 
This group is found in several enzymes that decarbox-
ylate a-amino acids, such as histidine decarbox-
ylase,145,146 adenosylmethionine decarboxylase,147 
and aspartate 1-decarboxylase.148 The prosthetic 
group is a posttranslational modification. In a series 
of autocatalytic reactions, the peptide bond amino-
terminal to a particular serine in the active site is 
hydrolyzed and the resulting amino-terminal serine 
is dehydrated to a N-pyruvoyl group. 
 As with pyridoxal 5¢-phosphate, during the de-
carboxylation catalyzed by one of these posttrans-
lationally modified active sites, an imine is formed 
between the respective amino acid and the N-pyru-
voyl group. The amido group that is the peptide 
bond to the amino-terminal N-pyruvoyl group is 
held in the plane of the hydronated iminio group 
by a p molecular orbital system of five atoms, and it 
withdraws electron density from the s bond to the 
carboxylato group, which is held by the enzyme 
parallel to the seven atoms and parallel to the 
p molecular orbital system148 

  
                  (2-45) 

In this instance, the electronegative acyl oxygen of 
the amido group rather than the pyridinio nitrogen 
of the external pyridoximine withdraws the elec-
tron density. The carbon from which the CO2 leaves 
is normally hydronated by an acid on the enzyme 
to complete the decarboxylation, but in at least one 
instance, this acid or some other one occasionally 
hydronates carbon 2 of the N-pyruvoyl group 
(analogous to carbon 4¢ of pyridoxal 5¢-phosphate) 
and the enzyme is slowly inactivated by the conse-
quent transimination.147 
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Problem 2-1: Write a complete mechanism for 
Equation 2-26 under catalysis by pyridoxal 5¢-phos-
phate. 

 

Problem 2-2: Write a complete mechanism for 
glycine hydroxymethyltransferase (Equation 2-10) 
incorporating Equation 2-11. 

 

Problem 2-3: Write mechanisms for the following 
reactions that are mediated by pyridoxal 5¢-phos-
phate: 
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Problem 2-4: Write a mechanism involving pyridoxal 
5¢-phosphate for the reaction 

 

Show how the same enzyme would also catalyze 
the reaction149 

 

 

Problem 2-5: Write complete mechanisms for the 
catalysis performed by 5-aminolevulinate synthase71 

 

and serine C-palmitoyltransferase150 

 

both of which use pyridoxal 5¢-phosphate as a pros-
thetic group. 
 

Problem 2-6: Write a complete mechanism for the 
reaction catalyzed by cystathionine g-synthase 
(Equation 2-31). In your mechanism, label the inter-
mediates as internal pyridoximine, external pyridox-
imine, quinonoid intermediate, N-(5¢-phosphopyri-
doxyl)imine, and N-(5¢-phosphopyridoxyl)-enamine. 
 

Problem 2-7: The compound gabaculine 

 

inhibits 4-aminobutyrate—2-oxoglutarate trans-
aminase by forming an aromatic, anilinium adduct 
with the pyridoxal 5¢-phosphate that is the prosthetic 
group for this enzyme.151 Write the mechanism for 
the formation of this adduct. 
 
 
 

Problem 2-8: Write the mechanism of the ∂-serine 
ammonia-lyase reaction 

 

as it is catalyzed by the pyridoxal 5¢-phosphate bound 
to the enzyme. Show clearly the role of the pyridoxal 
5¢-phosphate in each step of the reaction. In each 
step, label every sp2 carbon conjugated to the aro-
matic ring. Watch closely the expansion and then 
contraction of the p system as atoms are turned 
from sp3 into sp2 and back into sp3. What step in 
the reaction requires the pyridoxal the most? 

 

Problem 2-9: Write a complete mechanism for the 
reaction catalyzed by threonine synthase (Equation 
2-36) as it is catalyzed by pyridoxal 5¢-phosphate. 

 

Problem 2-10: Glutamate-1-semialdehyde 2,1-amino-
mutase from Pisum sativum is an enzyme with 
either the internal pyridoximine of pyridoxal 5¢-phos-
phate or pyridoxamine 5¢-phosphate in its active site, 
depending on its history. It converts (S)-2-amino-
4-carboxybutanal (¬-glutamate 1-semialdehyde) to 
1-amino-4-carboxy-2-oxobutane (5-aminolevu-
linate).152 
 
(a) When 4,5-diaminopentanoic acid is added to a 
solution of the enzyme, the absorbance at 416 nm, 
arising from the internal pyridoximine of pyridoxal 
5¢-phosphate, decreases as the absorbance at 
345 nm, arising from pyridoxamine 5¢-phosphate, 
increases stoichiometrically. 
 
(b) When 4,5-dioxopentanoic acid is added to a 
solution of the enzyme, the absorbance at 345 nm, 
arising from the pyridoxamine 5¢-phosphate, de-
creases as the absorbance at 416 nm, arising from 
the internal pyridoximine of pyridoxal 5¢-phos-
phate, increases stoichiometrically.  
 
(c) When a mixture of 4,5-dioxopentanoic acid 
and 4,5-diaminopentanoic are added to a solution 
of the enzyme, 1-amino-4-carboxy-2-oxobutane is 
produced at a rate equal to 40% of the rate of the 
normal reaction catalyzed by the enzyme. 
 
(d) Increasing the fraction of pyridoxamine 
5¢-phosphate in the enzyme causes an equivalent 
increase in the rate of the normal reaction cata-
lyzed by the enzyme. 

¬-serine  +  indole  1  H2O  +  ¬-tryptophan

pyridoxamine 5¢-phosphate  +

      3-(3-indolyl)pyruvate  1
              pyridoxal 5¢-phosphate  +  ¬-tryptophan

glycine  +  succinyl-SCoA  +  H+  1
                   HSCoA  +  CO2  +  5-aminolevulinate

¬-serine  +  palmitoyl-SCoA  +  H+  1
        HSCoA  +  CO2  +  3-dehydro-∂-sphinganine

COO–

+H3N

∂-serine  1  NH4
+  +  pyruvate



Thiamine Diphosphate 
 

185 

 (A) Write out the structures of the two substrates 
for the enzyme. 

 (B) Write a mechanism for the normal reaction 
catalyzed by the enzyme that involves both 
the internal pyridoximine of pyridoxal 
5¢-phosphate and pyridoxamine 5¢-phos-
phate, that involves a gem-diamine, and that 
explains all these results. 

 

Thiamine Diphosphate  

Thiamine diphosphate 

 

is a prosthetic group that is tightly, but noncova-
lently, bound to the active sites of the enzymes in 
which it has a functional role. Thiamine diphosphate 
is complicated enough that several locations in its 
structure were sequentially proposed to be the 
functionally important site153 before it was identified 
as carbon 2, sandwiched between the iminium 
nitrogen and the sulfur in the thiazolium ring.154 
Although enzymes using it as a prosthetic group have 
a strict requirement for thiamine diphosphate, 
perhaps because the diphospho group nails it into 
the active site, the dephospho parent, thiamine, is 
almost identical chemically to thiamine diphos-
phate because the diphosphate is so far removed 
from the thiazole ring. In model studies in solution, 
thiamine is often used as the catalyst, and it is as-
sumed that the chemistry observed is very similar if 
not identical to the chemistry that would have been 
observed with thiamine diphosphate. 
 Carbon 2 of thiamine is acidic and readily 
exchanges its hydron with a deuteron in solution154 
by forming the zwitterionic ylide  

              (2-46) 

The observed rate constant for exchange of the hydron 
on carbon 2 of thiamine,155 at pH 3.5 and 30 ªC, is 
1.8 ¥ 10-4 s-1, and this observed rate constant is 
directly proportional to [OH-] with a slight inflection 
at the pKa of the aminopyrimidine (5.5) that lowers 
the rates of exchange by a factor of 2.5 at the higher 
values of pH.156,157 The pKa for the dissociation of the 
hydron from carbon 2 of thiamine has been meas-
ured directly using a rapid kinetic titration to avoid 
the rapid decomposition of the thiazolium ring 
that occurs at high concentrations of hydroxide.158 
Nitrogen 1¢ is the most basic nitrogen in the 
4¢-aminopyrimidinyl group in thiamine. When it is 
hydronated so that the 4¢-aminopyrimidinium is 
cationic, the pKa for the dissociation of the hydron 
from carbon 2 is 17.7; when the 4¢-aminopyrimi-
dinyl group is neutral, the pKa is 18.0.157,159 There 
are several reasons why thiamine, in which carbon 2 
is not a to a carbonyl or acyl group, nevertheless is 
such a strong carbon acid. 
 First, because it is within an aromatic hetero-
cycle, hybridization of the acidic carbon is sp2, sp2, 
sp2, p. Because it is formed from one of the sp2 atomic 
orbitals of the carbon atom, the s bond to the hydro-
gen holds the pair of bonding electrons closer to the 
nucleus. The sp2 atomic orbital also holds the lone 
pair of electrons formed upon dissociation of the hy-
dron closer to the nucleus than if the carbon were hy-
bridized sp3, sp3, sp3, sp3. These properties cause the 
carbon–hydrogen bond to be more acidic and the 
conjugate base to be less basic153 than those in carbon 
acids in which carbon is hybridized sp3, sp3, sp3, sp3. 
 Second, the conjugate base of thiamine is an 
ylide. An ylide is a compound in which an anionic 
carbon (or another anionic atom) is attached directly 
to a heteroatom carrying a fixed formal positive 
elementary charge. In the case of thiamine, the an-
ionic carbon is produced by dissociation of a hydron 
from carbon 2 and the heteroatom carrying the fixed 
positive formal elementary charge is nitrogen 3. 
Nitrogen 3 has no vacant bonding orbital able to 
absorb the adjacent negative formal elementary 
charge by resonance. 1,3-Dimethylimidazoliums, the 
conjugate bases of which are ylides, display carbon 
acidity similar to that of 3-methylthiazoliums.158 In 
the case of the ylide that is the conjugate base of 
thiamine (Equation 2-46), the negative formal ele-
mentary charge on carbon 2 is stabilized by the 
electrostatic field of the adjacent formal positive 
elementary charge on nitrogen 3. The stabilization 
in the ylide can be seen in semiempirical calculations 
of the electronic structure of the ylide of thiamine,160 
The adjacent nitrogen with a positive elementary 
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charge in thiamine from which the hydron on car-
bon 2 has not dissociated, the conjugate acid of the 
ylide, weakens the s bond between the hydrogen 
and carbon 2. This effect is manifested in the 
deshielding of carbon 2 observed in the nuclear 
magnetic resonance spectrum.161 
 Third, the ylides that are the conjugate bases of 
N,N¢-dialkylimidazoles and N-alkylthiazoles, such as 
thiamine, are further stabilized by a delocalization 
that causes them to resemble a carbene,162 as illus-
trated by the resonance form 

 

 Fourth, the neighboring sulfur stabilizes the 
negative elementary charge in the s lone pair on 
carbon 2 of the ylide of thiamine by dpp overlap. 
This effect can be observed by comparing the rate 
of hydrogen exchange of 3,4-dimethylthiazolium 
and 1,3,4-trimethylimidazolium.156 Although the 
respective carbon–hydrogen bonds in these two ions 
are similarly situated with respect to the heteroatoms 
and the only difference between them is the substi-
tution of a neutral sulfur with a neutral methylated 
nitrogen, the hydrogen on carbon 2 of 3,4-dimethyl-
thiazolium exchanges 3000 times faster than does the 
hydrogen on carbon 2 of 1,3,4-trimethylimidazolium. 
The salient difference is that sulfur has vacant d orbit-
als of suitable size and energy level to accept electron 
density within the plane of the ring while nitrogen 
does not. 
 Finally, the 4¢-aminopyrimidinyl group on nitro-
gen 3 of thiamine enhances its acidity. 3,4-Dimethyl-
thiazolium ion (with a methyl group at carbon 3) 
exchanges the hydrogen on carbon 2 about 10-fold 
less readily than thiamine [with a (4-amino-2-methyl-
pyrimidin-5-yl)-methyl group at carbon 3].161 This 
difference results from the fact that the 4¢-amino-
pyrimidine attached through a methylene at nitro-
gen 3 of the thiazole in thiamine diphosphate 
(2-19) withdraws electrons inductively from that 
nitrogen.157 This inductive electron withdrawal is 
also reflected in the greater susceptibility163 of 
thiamine than 3,4-dimethyl-5-(2-hydroxyethyl)thiazo-
lium to addition of hydroxide at carbon 2 

      (2-47)  

This electron withdrawal is inductive157 and takes 
place through the s bonds between nitrogen 3 and 
the 4¢-aminopyrimidine because there is a saturated 
benzylic carbon between the two unsaturated rings. 
 
 The first step in the enzymatic reactions cata-
lyzed by thiamine diphosphate is removal of the 
hydron on carbon 2 to form the ylide of thiamine. 
In the unoccupied active site of human pyruvate 
dehydrogenase (acetyl-transferring), the pKa for the 
hydron on carbon 2 of the prosthetic group has 
been estimated164 to be around 9. This value of pKa 
is considerably less than that for thiamine diphos-
phate in solution. In the unoccupied active sites of 
pyruvate decarboxylase from S. cerevisiae, pyruvate 
decarboxylase from Zymomonas mobilis, and trans-
ketolase from S. cerevisiae, the rate constants165 at 
which the hydrogen on carbon 5 of the thiamine 
diphosphate exchanges for a deuterium in 2H2O are 
1 s-1, 100 s-1, and 60 s-1 at 4 ªC. The value of pKa 
and these rate constants demonstrate that the ylide 
of thiamine diphosphate forms readily in the active 
site of an enzyme, even in the absence of a sub-
strate. One reason for this facile acid dissociation is 
the assistance of the 4¢-anilino nitrogen of thiamine 
diphosphate (2-19) itself. 
  Although there is no indication that it acts as 
an intramolecular base to remove the hydron from 
carbon 2 when it is in free solution,157 the 4¢-amino 
group of thiamine is intimately involved in the 
removal of the hydron from carbon 2 when thia-
mine diphosphate is within the unoccupied active 
site of an enzyme. In the active sites of enzymes using 
thiamine diphosphate prosthetically, the thiamine 
is invariably166-174 in a conformation in which its 
own 4¢-amino nitrogen, which is five atoms away from 
carbon 2, ends up within 0.30-0.35 nm of carbon 2 
(Figure 2-5A).172,175,176 If 4¢-desaminothiamine 
diphosphate is incorporated into an active site rather 
than thiamine diphosphate, the rate at which the 
hydron on carbon 2 is exchanged for a deuteron 
decreases by a factor of 30,000 to 700,000.165 
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Figure 2-5: Stereodrawings50 of three crystallographic molec-
ular models of active sites containing prosthetic thiamine 
diphosphates in three different states: the initial unmodified 
thiazole, the adduct between the ylide of the thiazole and a 
carbonyl group, and an a-hydroxy enamine incorporating the 
thiazole. Black atoms are carbons, white atoms are oxygens, 
small gray atoms are nitrogens, large light gray atoms are sul-
furs, and large dark gray atoms are atoms of phosphorus. In 
each active site, the carboxylate of a glutamate side chain 
forms a hydrogen bond with nitrogen 1¢ of the thiamine 
diphosphate; the imidazolyl group of a histidine forms a 
hydrogen bond with a molecule of water, the hydroxy group of 
the initial adduct, or the hydroxy group of the a-hydroxy 
enamine, respectively; and nitrogen 4¢ of the 4¢-amino-
pyrimidine of the thiamine diphosphate forms a hydrogen 
bond to the same molecule of water or the same hydroxy 
groups. (A) The thiamine diphosphate within the active site of 
pyruvate dehydrogenase (acetyl-transferring) from E. coli.172 
The gene encoding the enzyme was transferred to a plasmid, 
overexpressed in cultures of E. coli, purified, and crystallized. 
The thiamine diphosphate, Glutamate 571, Histidine 640, and 
a molecule of water (white sphere) from the resulting 
crystallographic molecular model are presented in the 
drawing. The molecule of water is in the plane of the thiazole, 
immediately adjacent to the hydrogen on carbon 2 of the 
thiazole and only 0.30 nm from carbon 2, a distance much 
shorter than that dictated by a van der Waals contact, so the 
interaction is shown as a hydrogen bond. (B) The intermediate 
analogue, 2-(1¢¢-hydroxy-1¢¢-methylphosphonoethyl)thiamine 
diphosphate, within the active site of pyruvate dehydrogenase 
(acetyl-transferring) from E. coli.175 The cloned and purified  
 
 
 The lone pair of electrons on the 4¢-amino 
group in thiamine is not basic (pKa = 0)157 because 
it resides on an anilino nitrogen and consequently 
is conjugated with the pyrimidinyl ring. The s lone 
pair of electrons, however, within the plane of the 
pyrimidinyl ring on the 4¢-imino group of the 
4¢-imino tautomer of the 4¢-aminopyrimidinyl 
group is basic157 

       
                  (2-48) 

enzyme was cocrystallized with 2-(1¢¢-hydroxy-1¢¢-methylphos-
phonoethyl)thiamine diphosphate, an analogue of 2-(1¢¢-carboxy-
1¢¢-hydroxyethyl)thiamine diphosphate, the adduct formed 
between pyruvate and thiamine diphosphate in the first step of 
the enzymatic reaction. In this analogue of the intermediate, 
the normal carboxy group is replaced by a methylphosphonyl 
group that cannot be decarboxylated. The s bond between the 
methylphosphonyl group and the 1-hydroxyethyl group at 
carbon 2 of the thiamine diphosphate, which is homologous to 
the normal s bond to the carboxy group, is firmly held normal 
to the plane of the p molecular orbital system of the thiamine 
by the two hydrogen bonds to the hydroxy group. (C) 
2-(1¢¢,2¢¢-Dihydroxyethylidene)-2,3-dihydrothiamine diphosphate 
(Equation 2-57), an a-hydroxy enamine incorporating the 
thiazole within the active site of transketolase from S. cere-
visiae.176 The gene encoding the wild-type enzyme was over-
expressed in cultures of S. cerevisiae, purified, and cocrystallized 
with 3-hydroxypyruvate. The 3-hydroxypyruvate, unlike one of 
the usual ketones that is a substrate for the enzyme, is 
decarboxylated, and in the absence of an aldehyde to act as an 
acceptor, the decarboxylated product, 2-(1¢¢,2¢¢-dihydroxy-
ethylidene)-2,3-dihydrothiamine diphosphate, is stable. 
Nitrogen 4¢ of the thiamine diphosphate is 0.30 nm from the 
hydroxy oxygen, 0.29 nm from the a carbon, and 0.31 nm from 
the carbon 2 of the thiazole, distances much shorter than those 
dictated by a van der Waals contact, so the three interactions 
are shown as hydrogen bonds, even though in the latter two 
cases there are no hydrogens with which to form a hydrogen 
bond. The thiamine diphosphate, Glutamate 418, and Histi-
dine 481 from the resulting crystallographic molecular model 
are presented in the drawing. 
 
 
The lone pair of electrons on the 4¢-imino tautomer 
should be basic enough (the pKa of its conjugate 
acid is 12) to remove the hydron from carbon 2 of 
the thiazolium ion to produce the ylide. 
 In solution, however, the 4¢-imino tautomer is 
unstable relative to the tautomer in which the hydron 
resides on the nitrogen of the 4¢-amino group rather 
than on nitrogen 1¢ (KT = 10-7). In most of the enzymes 
that use thiamine diphosphate prosthetically, nitro-
gen 1¢ of the 4¢-aminopyrimidine forms a hydrogen 
bond to the carboxyl oxygen of a glutamic acid 
(Figure 2-5).167-172,174,177 This hydrogen bond, by 
fixing a hydron on nitrogen 1¢ because the carboxy 
group (pKa = 4.3) is a stronger acid than the hydro-
nated pyrimidinyl group (pKa = 5), should stabilize 
the desired 4¢-imino tautomer by lowering the pKa 
of nitrogen 4¢ from 19 to 12 (Equation 2-48). When 
this glutamate in pyruvate decarboxylase from 
S. cerevisiae is mutated to a glutamine, its enzymatic 
activity decreases by a factor of 2500,178 and the 
rate of exchange for a hydron for a deuteron at 
carbon 2 of the thiamine diphosphate within the 
active site decreases by a factor of greater than 
300.165 
 Because it has a nonpolar side chain, Isoleu-
cine 415 in pyruvate decarboxylase from S. cere-
visiae, which covers one face of the 4¢-amino-
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pyrimidine of the thiamine diphosphate, should al-
so stabilize the 4¢-imino tautomer by promoting 
dissociation of the hydron from the 4¢-amino group 
when nitrogen 1¢ is hydronated and the 4¢-amino-
pyrimidine is cationic (Equation 2-48). Mutating 
Isoleucine 415 to valine or alanine decreases the 
enzymatic activity of pyruvate decarboxylase by 
factors of 10 or 200, respectively.179 
 That the 4¢-imino tautomer does form when 
thiamine diphosphate is bound by an enzyme for 
which it is a prosthetic group is indicated by the 
existence of a maximum absorption around 305 nm 
in the circular dichroic spectra of complexes between 
those enzymes and thiamine diphosphate.180-182 
The ultraviolet absorption spectrum of the neutral 
conjugate base of 1-methyl-4-aminopyrimidinium, 
the stable homologue of the 4¢-imino tautomer, 
has a maximum absorption at 307 nm in dimethyl 
sulfoxide.183 The circular dichroic absorption arising 
from the 4¢-amino tautomer (Equation 2-48) when 
thiamine diphosphate is bound by an enzyme has a 
maximum at around 330 nm. In the active sites of 
pyruvate oxidase from Lactobacillus plantarum and 
human pyruvate dehydrogenase (acetyl-transferring), 
both circular dichroic absorptions, the one with 
maximum absorbance around 305 nm and the one 
with maximum absorbance around 330 nm, are 
observed in approximately equal ratio.164 This 
observation indicates that the active site of each of 
these enzymes, for all the reasons just mentioned, 
has increased the tautomeric ratio from 10-7 to 
around 1. For each of these enzymes, the two maxi-
mum absorptions decrease in magnitude in concert 
as the solution is acidified as expected for a pair of 
tautomers turning into their common conjugate 
acid (Equation 2-48). The apparent pKa for this 
conversion of the tautomeric pair to the conjugate 
acid is 5.6 for pyruvate oxidase and 7.1 for pyruvate 
dehydrogenase (acetyl-transferring). The apparent 
values of pKa for the same conversion for thiamine 
diphosphate in the active sites of benzoin aldolase 
from P. fluorescens and benzoylformate decarbox-
ylase from P. putida are 7.4 and 7.5. These observa-
tions and the fact that the tautomeric equilibrium 
is near 1 in each case suggest that the pKa for the 
4¢-imino tautomer in the active site of each of these 
enzymes is close to that measured for the respective 
tautomeric mixture, rather than the pKa of 12 that 
is observed in solution (Equation 2-48). 
 
 
 

 All these observations together indicate that, in 
an active site of an enzyme for which it is a pros-
thetic group, a significant fraction of the thiamine 
diphosphate is in the basic 4¢-imino tautomer. 
 The two dihedral angles, however, that are 
enforced at the methylene carbon connecting nitro-
gen 3 and carbon 5¢ by the active sites of most en-
zymes when they are unoccupied by substrate usually 
place nitrogen 4¢ in an unfavorable orientation 
(Figure 2-5A) to remove the hydron from carbon 2, 
which is in the plane of the thiazole.167-169,172,184 In 
crystallographic molecular models of the unoccupied 
active sites of most of the enzymes that use thiamine 
diphosphate as a prosthetic group, however, there 
is a molecule of water that forms hydrogen bonds 
to carbon 2 and the 4¢-imino group. This molecule 
of water participates in a hydrogen bond with the 
4¢-imino group and the imidazolyl group of a histi-
dine or to the acyl oxygen and carbamoyl nitrogen–
hydrogen of a glutamine. Because it is positioned in 
line with the carbon–hydrogen bond, this molecule 
of water is in a much more favorable location than the 
4¢-imino group to remove the hydron from carbon 2. 
In the crystallographic molecular model of thiamine 
diphosphate within the active site of pyruvate 
dehydrogenase (acetyl-transferring) from E. coli 
(Figure 2-5A), the oxygen of the molecule of water 
is only 0.30 nm from carbon 2 of the thiamine diphos-
phate. This distance is considerably less than the 
distance that would be dictated by the sum 
(0.38 nm) of the van der Waals radii185 of a hydrogen 
(0.115 nm) and an oxygen (0.15 nm) and the length 
of a carbon–hydrogen bond (0.11 nm). The fact that 
the distance is so short and the fact that this molecule 
of water is in line with the carbon–hydrogen bond 
both suggest that this molecule of water, relaying 
the basicity of the 4¢-iminopyrimidine, is the base 
that catalyzes the exchange of that hydrogen by 
removing the hydron from carbon 2 of the thiamine 
diphosphate in the unoccupied active site. 
 So far the discussion has described the behavior 
of the unoccupied active site of an enzyme that has 
a prosthetic thiamine diphosphate. The situation 
changes significantly when a substrate associates 
with the active site. 
 
 The ylide of thiamine diphosphate reacts with 
an aldehyde or a ketone to form the product of an 
addition to a carbonyl 
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              (2-49) 

This adduct is analogous to the cyanohydrin that 
forms between an aldehyde or a ketone and cyanide  

                          (2-50) 

In a cyanohydrin, a weakly basic carbanion that has 
three bonds to a heteroatom adds to an aldehyde or 
a ketone. 
 During formation of the adduct with thiamine 
diphosphate, the 4¢-amino group of the thiamine 
diphosphate usually ends up in a hydrogen bond 
with the a-hydroxy group* of the adduct (Fig-
ure 2-5B)175,186 after the addition has occurred. The 
imidazolyl group of the histidine that had formed a 
hydrogen bond to the molecule of water adjacent to 
carbon 2 of the thiamine diphosphate (Figure 2-5A) 
also forms a hydrogen bond with this hydroxy 
group,175,176,186 so the ultimate distribution of hydrons 
at this location is unclear, but in at least one other 
enzyme that uses thiamine diphosphate as a pros-
thetic group, the partner in this hydrogen bond is 
the carbamoyl nitrogen–hydrogen of a glutamine167 
rather than the imidazolyl group of a histidine. 
The glutamine would not be able to hydronate the 
oxygen. 
 The fact that the carbonyl oxygen of the reactant, 
now a hydroxy group, replaces the fixed molecule 
of water that participated in hydrogen bonds with the 
imidazolyl group of the histidine and the 4¢-amino 
 
 

                                                
*As was the case with adducts of pyridoxal phosphate, the 
carbon atoms controlled by the thiazolyl group in thiamine 
diphosphate will be labeled a to indicate that the carbon atom 
is a to carbon 2 of the thiazole (Equation 2-22), b to indicate 
the carbon atom is once removed from carbon 2 of the thiazole, 
and so forth. The carbon designated as a is the carbon that was 
in the carbonyl group of the original ketone or aldehyde.  

group of the thiamine diphosphate in the adduct 
between the reactant and thiamine diphosphate is 
consistent with this molecule of water being the 
base that removes the hydron from carbon 2 of the 
thiamine diphosphate in the normal sequence of 
events. After the it has transferred the hydron from 
carbon 2 to the 4¢-amino group, it would be a molecule 
of water that can be easily displaced by the oxygen 
of the carbonyl as the now hydronated 4¢-amino 
group hydronates the oxygen, and it becomes a 
hydroxy group. 
 There is no doubt that the thiazolium ring in 
an adduct between thiamine and a carbonyl group 
(2-21) is aromatic because every bond within the 
ring displays the shortening expected for a conjugated 
heterocycle.187 The 3p atomic orbitals of sulfur in 
the cyclic p molecular orbital system, however, do 
not overlap efficiently with the 2p atomic orbitals 
of its two neighbors, and the more effective overlap 
is between a d orbital on sulfur and the p orbitals of 
the carbons and the nitrogen. Consequently the 
aromaticity is weak. This weakening of the aroma-
ticity causes the nitrogen within the ring to be less 
like the nitrogen in an alkylpyridinium and more 
like the nitrogen of an iminium. The diminution of 
the aromaticity also explains the facility with which 
a hydroxide adds nucleophilically to carbon 2 of 
thiamine itself to form the hemiaminal (Equation 
2-47),158 even though this addition necessarily 
destroys the aromaticity of the ring. 
 
 Because it resembles the cationic nitrogen in 
an iminium, the cationic nitrogen in the N,N-dialkyl-
thioimidoester* in the thiazolio ring of an adduct 
between thiamine and a carbonyl group (2-21) 
withdraws electron density from the s  bonds 
around the former carbonyl carbon and promotes 
the dissociation of an incipient electrophile. 
 In the adduct between thiamine diphosphate 
and an aldehyde, one of the substituents bonded to 
the a carbon is a hydrogen, and this hydrogen can 
dissociate as a hydron. Adducts between thiamine 
and aldehydes (R1 = H in 2-21) are readily synthesized 
stable compounds, and the acidity of the hydrogen 
on the a carbon can be demonstrated by following 
its exchange with a deuteron in solution188 or directly 
by observing the formation of its conjugate base.189  
 
 

                                                
*Recall that a thioester resembles a ketone more than it does 
an ester, so a thioimidoester resembles an imine more than it 
does an imidoester. 
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Values of pKa for these hydrons have been measured 
in solution for 2-(1¢¢-hydroxyethyl)thiamine (R1 = H 
and R2 = CH3 in 2-21; pKa = 19)190 and 2-(1¢¢-hydroxy-
benzyl)-4¢-deamino-4¢-hydroxythiamine (R1 = H and 
R2 = C6H5 in 2-21; pKa = 15)191 

   
                  (2-51) 

The removal of the hydron from the latter adduct 
(Equation 2-51) by bases the conjugate acids of 
which have a DpKa < -3 (previously Equation 1-10) 

    
                  (2-52) 

shows a Brønsted coefficient of 1 as expected (Fig-
ure 1-1), but the rates are slower than those expected 
from the asymptotes in Figure 1-1 by a factor of 106 
because the hydron is still being removed from 
carbon.191 
 In the adduct between thiamine diphosphate 
and a 2-oxo carboxylic acid, one of the substituents 
bonded to the a carbon is a carboxylate, and the 
carboxylate can dissociate as carbon dioxide. For 
example, in the reaction catalyzed by the enzyme 
pyruvate decarboxylase  

   (2-53) 

the immediate adduct between thiamine diphosphate 
and pyruvate (Equation 2-49; R1 = COO- and R2 = CH3) 
accounts for the decarboxylation 

   
                  (2-54) 

 

The analogous adduct of 3,4-dimethylthiazole and 
pyruvate has been synthesized and shown to decar-
boxylate readily192 

 
                  (2-55) 

when it is in solution but only when the carboxy 
group is unhydronated and anionic as written. 
 The adduct between thiamine itself and pyruvate 
has also been synthesized, and the rate constants 
and equilibrium constants for various steps in the 
mechanism of its decarboxylation (Figure 2-6) 
have been measured.193 As is required by the fact 
that both thiamine and pyruvate are achiral, the 
hydroxyethylthiamine produced by the decarboxy-
lation of the adduct of thiamine and pyruvate and 
its hydronation is racemic at the a carbon.194 The 
decarboxylation of this adduct, once it has formed, 
is catalyzed by general acids, a fact suggesting that 
2-(1¢¢-hydroxyethylidene)-2,3-dihydrothiamine di-
phosphate (2-22), the a-hydroxy enamine* that 
results from the decarboxylation (Equation 2-55), 
in a noncovalent complex with the dissociated 
carbon dioxide, which is the immediate product of 
the decarboxylation, is hydronated from solution to 
prevent its recarboxylation (reverse of Equation 2-54) 
before the carbon dioxide diffuses out of the shell 
of solvent. The dissociation of carbon dioxide from 
the solvated encounter complex would be an irrevers-
ible, rate-limiting step and therefore must follow 
the hydronation to explain the general acid catalysis. 
 An interesting observation made during the 
study of the decarboxylation of the adduct between 
3,4-dimethylthiazole and pyruvate (Equation 2-55) 
was that, as expected from a reaction in which sepa-
rated formal elementary charges of opposite sign 
are neutralized, the decarboxylation is accelerated 
by performing it in nonpolar solvents rather than 
polar solvents. In water at 46 ªC, the rate of the de-
carboxylation192 was 0.48 ¥ 10-3 s-1, but in ethanol  
 
                                                
*Just as the sulfur in an N,N-dialkylthioiminoester participates 
only weakly in the p molecular orbital system of an adduct 
between thiamine and a carbonyl group, the sulfur should also 
participate only weakly in the p molecular orbital system of 
2-(1¢¢-hydoxyethylidene)-2,3-dihydrothiamine diphosphate. Con-
sequently, 2-(1¢¢,2¢¢-dihydoxyethylidene)-2,3-dihydrothiamine 
diphosphate behaves as an N,N-dialkyl-a-hydroxy enamine. 
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Figure 2-6: Mechanism of the decarboxylation of pyruvate 
catalyzed by thiamine in solution at 25 ªC.193 The ylide is 
formed by removing the hydron from carbon 2 (pKa = 18). The 
adduct between thiamine and pyruvate forms in a bimolecular 
reaction (k1 = 6.5 ¥ 10-2 M-1 s-1; k-1 = 0.5 s-1). The oxyanion 
hydronates to form the conjugate acid (pKAa = 13.6), 2-(1¢¢-carboxy- 
 
 
 
at 26 ªC, the rate was 220 ¥ 10-3 s-1. An acceleration 
of 104 in the rate of the decarboxylation of the adduct 
between pyruvate and thiamine itself also occurs 
when the solvent is changed from water to ethanol,195 
and an acceleration of 4 ¥ 103 in the rate of the 
analogous decarboxylation of the zwitterionic tauto-
mer of 4-pyridylacetic acid occurs when the solvent 
is changed from water to 75% dioxane.196 The sug-
gestion has been made that enzymes using thiamine 
diphosphate to catalyze decarboxylations of 2-oxo 
carboxylic acids may accelerate these reactions in 
part by providing a nonpolar environment.192 
 In the adduct between thiamine diphosphate 
and an a-hydroxy ketone or thiamine diphosphate 
and an a-hydroxy aldehyde, one of the substitu-
ents bonded to the a carbon will be an incipient 
carbonyl group, and it can dissociate as the respec-
tive carbonyl compound. For example, in one of 
the reactions catalyzed by transketolase 

 

 

 

 
1¢¢-hydroxy-1¢¢-methyl)thiamine. The 2-(1¢¢-carboxy-1¢¢-hydroxy-
1¢¢-methyl)thiamine then decarboxylates (k2 = 4 ¥ 10-5 s-1) to form 
the enamine, which hydronates on carbon to give the final 
product. The final product is in turn the adduct of thiamine 
and acetaldehyde. 
 
 
 
 

     
                   (2-56) 

in which a two-carbon fragment is passed between 
two aldehydes, the product of the addition between 
thiamine diphosphate and either of the ketones 
that are substrates in the two respective directions 
loses the respective aldehyde as a product 
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                  (2-57) 

and the two-carbon fragment that will be transferred 
to the other aldehyde ends up in an a-hydroxy 
enamine, 2-(1¢¢,2¢¢-dihydroxyethylidene)-2,3-dihydro-
thiamine diphosphate. In the case of the transketolase 
from Streptomyces sahachiroi involved in the biosyn-
thesis of azinomycin, the same a-hydroxy enamine 
is formed, but it results from decarboxylation of the 
adduct of thiamine diphosphate with 3-hydroxy-
pyruvate rather than the dissociation of an alde-
hyde.197 In an a-hydroxy enamine formed from 
dehydronation, decarboxylation, or loss of a carbonyl, 
the a-hydroxy group is the oxygen that was the 
carbonyl oxygen of the original aldehyde or the 
original ketone to which the ylide of thiamine diphos-
phate added. 
 In the dehydronation, decarboxylation, or loss 
of a carbonyl group from the adduct between an 
aldehyde or a ketone and thiamine diphosphate 
(Equations 2-51, 2-54, and 2-57), as in the dehy-
dronation, decarboxylation, or loss of a carbonyl or 
acyl group from the external pyridoximine between 
an amino acid and pyridoxal 5¢-phosphate (2-6 
and Equations 2-4, 2-5, and 2-7), the s  bond to be 
broken must be parallel to the p  molecular orbital 
system of the double bond between carbon 2 and 
nitrogen 3 of the thiamine and, by extension, the 
p molecular orbital system of the whole weakly 
aromatic heterocycle of the thiazole ring. This 
alignment permits the overlap necessary for the 
electronegativity of the cationic iminio nitrogen to 
withdraw electron density from the s bond between 
the a carbon and the dissociating electrophile 
 

 

and this electron withdrawal weakens that s bond. 
The electron density in the occupied bonding mo-
lecular orbital of the s bond is withdrawn into the 
unoccupied antibonding p molecular orbital of the 
thiazole that has two lobes in phase over carbon 2 
and nitrogen 3. 
 Analogues of 2-oxo carboxylic acids, such as 
succinylphosphonate 

 

in which a phosphonate replaces a carboxylate, are 
excellent inhibitors of enzymes that use thiamine 
diphosphate prosthetically to decarboxylate the 
respective 2-oxo carboxylates.198 They inhibit the 
enzyme by forming the usual adduct between its 
thiamine diphosphate and their respective carbonyl 
groups, but there is then no carboxylate to dissociate 
as carbon dioxide. In the complex between the adduct 
of thiamine diphosphate and methyl acetylphospho-
nate bound in the active site of pyruvate dehydro-
genase (acetyl-transferring), the enzyme holds the 
s bond between the a carbon and the phosphorus, 
which is the analogue of the s bond between the 
a carbon and the carboxylate carbon in the normal 
reaction, almost perfectly parallel to the p molecular 
orbital system of the thiazolium ring and normal to 
its plane (Figure 2-5B).175 The same orientation is 
observed in the complex between methyl benzoyl-
phosphonate and thiamine diphosphate in the active 
sites of benzoin aldolase from P. fluorescens199 and 
benzoylformate decarboxylase from P. putida.200 
One of the interactions dictating this alignment is 
the hydrogen bond between the 4¢-amino group of 
the 4¢-aminopyrimidinyl group in thiamine diphos-
phate and the hydroxy group of the adduct. 
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 The a-hydroxy enamine that is the immediate 
product of dissociation of the electrophile from 
the adduct between thiamine diphosphate and an 
aldehyde or ketone (Equations 2-51, 2-54, and 
2-57) is now nucleophilic at its a  carbon 

 

In the resonance form that places a nucleophilic 
lone pair of electrons on the exocyclic carbon, the 
thiazole ring is aromatic. Consequently, even 
though the aromaticity is weak, this carbon should 
be somewhat more anionic and nucleophilic than 
the carbon in an acyclic enamine. Nevertheless, in 
2-(1¢-methoxyethylidene)-2,3-dihydro-3,4-dimethyl-
thiazole 

 

a methoxy analogue of an a-hydroxy enamine that 
incorporates a thiazole, synthesized201as a mixture 
of the E and Z isomers, no rotation around its exo-
cyclic double bond could be detected by nuclear 
magnetic resonance spectroscopy at 100 ªC, a fact 
indicating that, in spite of the aromaticity of the 
zwitterionic resonance form, the neutral resonance 
form of 2-25, the a-methoxy enamine, is the major 
contributor to its electronic structure. 
 An a-hydroxy enamine formed from thiamine 
itself, by decarboxylation of the adduct between 
thiamine and a 2-oxo carboxylic acid (Equation 
2-54), is unstable and decomposes in solution in a 
reaction that rapidly cleaves the bond between nitro-
gen 3 and the 4¢-aminopyrimidine.202 The properties 
of this decomposition suggest that it is a pericyclic 
reaction. It is thought that the enzymes using thiamine 
diphosphate prosthetically avoid this decomposition, 
which would be catastrophic, by sterically preventing 
their thiamines from assuming the conformation 
necessary for the pericyclic reaction to occur.203 
 While the respective a-hydroxy enamines that 
incorporate the thiazole of thiamine diphosphate 
can be observed spectroscopically as intermediates 
while enzymatic reactions are occurring,204 they 
are normally in a low molar ratio to the active sites 

present. It has been possible, however, to trap such 
a-hydroxy enamines within the active sites of 
enzymes. In the normal reaction catalyzed by 
transketolase from S. cerevisiae, the a-hydroxy 
enamine that incorporates the thiazole of thiamine 
diphosphate is formed reversibly and in low yield 
from :-xylulose 5-phosphate (Equation 2-56) or a 
homologous ketone, but one forms irreversibly in 
the active site in the absence of an aldehyde that 
can act as an acceptor by the decarboxylation of 
3-hydroxypyruvate, which is not a natural substrate 
for the enzyme. 2-(1¢¢,2¢¢-Dihydroxyethylidene)-
2,3-dihydrothiamine diphosphate (Equation 2-57), 
the a-hydroxy enamine trapped in this way, is sta-
ble enough to be observed crystallographically 
(Figure 2-5C).176 In this complex between the active 
site of transketolase and this a-hydroxy enamine 
that incorporates the thiazole, the hydrogen bonds 
between the a-hydroxy group of the initial adduct 
and the imidazolyl group and the 4¢-imino group of 
the 4¢-iminopyrimidine (Figure 2-5B) remain intact. 
2-(1¢¢-Hydroxyethylidene)-2,3-dihydrothiamine di-
phosphate (2-22), the a-hydroxy enamine formed 
by the decarboxylation of pyruvate, has been observed 
crystallographically in the active site of 1-deoxy-
∂-xylulose-5-phosphate synthase from Deinococcus 
radiodurans, and the same two hydrogen bonds also 
remain intact.186 Because it is so basic, however, an 
a-hydroxy enamine incorporating the thiazole of 
thiamine diphosphate in the active site of an enzyme 
usually becomes adventitiously hydronated during 
the time required to make crystallographic measure-
ments.205,206 An a-hydroxy enamine that incorporates 
the thiazole of thiamine diphosphate has also been 
stabilized so that it can be trapped transiently in 
the active site of benzoylformate decarboxylase by 
using 4-nitrobenzoylformate as a substrate207 rather 
than benzoylformate. The nitro group withdraws 
electron density from the basic carbanionic a carbon, 
discourages its hydronation, and stabilizes the 
a-hydroxy enamine. 
 The p molecular orbital system of an a-hydroxy 
enamine that incorporates a thiazole is formed 
from the p orbitals of six atoms 
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as is the case in 5-methylene-1,3-cyclopentadiene. 
The p molecular orbital system of an a-hydroxy 
enamine that incorporates a thiazole is occupied 
by eight electrons. In the crystallographic molecular 
model of 2-(1¢¢,2¢¢-dihydroxyethylidene)-2,3-dihydro-
thiamine diphosphate (Equation 2-57) in the active 
site of transketolase (Figure 2-5C)176 and that of 
2-(1¢¢-hydroxyethylidene)-2,3-dihydrothiamine di-
phosphate (2-22) in the active site of 1-deoxy-
∂-xylulose-5-phosphate synthase,186 the a carbon 
is trigonal and its two substituents, the hydroxy group 
and the hydroxymethyl group or the methyl group, 
respectively, are coplanar with the thiazole as expec-
ted from 2-27. This coplanarity is not because of 
the two hydrogen bonds to the a-hydroxy group 
because it is only in the initial tetrahedral adduct, 
in which the hydroxy group is out of the plane of 
the thiazole, that the hydrogen bonds have the opti-
mal geometry (Figure 2-5B); rather, it must be an 
electronic requirement. The p molecular orbital 
system contains four pairs of p electrons in its six 
molecular orbitals. The occupancy of the antibonding 
orbital of lowest energy by two electrons makes it 
electron-rich at the exocyclic carbon over which 
there is a full lobe. 
 
 Because of its electron excess, the a-hydroxy 
enamine that incorporates a thiazole is basic and 
nucleophilic at its a  carbon. The simplest manifes-
tation of this basicity is that the a carbon is readily 
hydronated by an acid. This is what occurs to the 
a-hydroxy enamine formed in the active site of 
pyruvate decarboxylase (Equation 2-54) in the next 
step of the enzymatic mechanism. The hydron that 
is added then becomes the hydrogen of the aldehyde 
in the acetaldehyde (Equation 2-53) as the resulting 
adduct dissociates (reverse of Equation 2-49). 
 In solution, the hydronation of the a carbon of an 
a-hydroxy enamine that incorporates a thiazole (see 
Equation 2-51) is slow. For the a-methoxy enamine 
2-(methoxyphenylmethylidene)-3,4-dimethylthiazole 
the rate of hydronation by a molecule of water,208 a 
weak acid (pKa = 15.5), is 0.02 M-1 s-1. For the a-hydroxy 
enamine, 2-(hydroxyphenylmethylidene)-4¢-deamino-
4¢-hydroxythiamine, the rate constants of hydro-
nation by a series of general acids191 with values 
of pKa between 6 and 12 are in the range 1000–
100,000 M-1 s-1. These latter rate constants are in-
dependent of the pKa of the general acid and are far 
less than the encounter-controlled limit that would 
be observed for such an exothermic transfer of a 
hydron to a heteroatomic base (Figure 1-1), but they 

are consistent with the slow rate constants for the 
hydronation of carbon. These slow rates are a further 
indication that the resonance form with the neutral 
enamine, in which the thiazole is not aromatic and 
the carbon is not anionic, is the major contributor 
to the electronic structure of 2-25,189 just as the 
resonance form of an enamine, in which the pair of 
electrons is on the nitrogen, is the major contributor 
to its electronic structure. They also indicate that 
the density of negative charge on the nucleophilic 
a carbon in an a-hydroxy enamine that incorporates 
a thiazole is minuscule. 
 Another manifestation of the nucleophilicity of 
the a carbon in an a-hydroxy enamine that incor-
porates a thiazole is its addition to a carbonyl group. 
In solution, thiamine, like cyanide (Equation 2-50), 
can catalyze the formation of a-hydroxy ketones,158 
for example, the benzoin condensation of benzalde-
hyde and acetaldehyde188 

    
                  (2-58) 

In this reaction the carbonyl carbon of the acetalde-
hyde, as an electrophile, has replaced the hydrogen 
that was originally on the a carbon of the benzalde-
hyde and that dissociated as a hydron, an electro-
phile, from the adduct between benzaldehyde and 
thiamine. The hydron that has dissociated is replaced 
by the acetaldehyde through the nucleophilic addi-
tion of the a-hydroxy enamine that incorporates the 
thiamine to the carbonyl carbon 

  
                  (2-59) 

This nucleophilic addition is accompanied by resto-
ration of the aromaticity in the thiazolium ring. The 
product, 2-hydroxy-1-phenyl-1-propanone, then 
dissociates in the reverse of the original formation 
of the adduct between benzaldehyde and thiamine. 
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 In the transketolase reaction (Equations 2-56 
and 2-57), the aldehyde that is a reactant, other 
than the one that has dissociated as a product, 
adds to the a-hydroxy enamine that incorporates 
thiamine diphosphate to produce the adduct between 
the ketone that is the other product and thiamine 
diphosphate. The ketone that is the product then 
dissociates from the adduct. 
 There are also instances in which an a-hydroxy 
enamine that incorporates a thiazole adds as a 
nucleophile to even weaker electrophiles than an 
aldehyde, such as an N-acylimine in solution,209 
the carbonyl group of a 2-oxo carboxylic acid in the 
active site of acetolactate synthase,210 or the b carbon 
of an a,b-unsaturated carboxylic acid in a Michael 
addition within the active site of 2-succinyl-6-hydroxy-
2,4-cyclohexadiene-1-carboxylate synthase.211,212 In 
the active site of 2-succinyl-5-enolpyruvyl-6-hydroxy-
3-cyclohexene-1-carboxylic-acid synthase from E. coli, 
2-(1¢¢-hydroxy-3¢¢-carboxypropylidene)-2,3-dihydro-
thiamine diphosphate, the a-hydroxy enamine 
formed by decarboxylation of the adduct between 
2-oxoglutarate and thiamine diphosphate, partici-
pates in a Michael addition to a carbon–carbon 
double bond in isochorismate. In a crystallographic 
molecular model of the a-hydroxy enamine in the 
active site in the absence of isochorismate,213 the 
a carbon is not planar but tetrahedral because a 
lone pair of electrons localized on it is the donor in 
a hydrogen bond with the 4¢-amino group of thiamine 
diphosphate. It has been proposed that this hydrogen 
bond concentrates the nucleophilic electron density 
on the a carbon in preparation for the Michael 
addition to increase its nucleophilicity.  
 If the a carbon of the a-hydroxy enamine that 
incorporates thiamine diphosphate adds to a hydron, 
the adduct between thiamine diphosphate and an 
aldehyde is formed;214 if it adds to carbon dioxide, 
the adduct between thiamine diphosphate and a 
2-oxocarboxylic acid is formed; and if it adds to an 
aldehyde or ketone, the product of addition between 
thiamine diphosphate and an a-hydroxy ketone is 
formed (Equations 2-51, 2-54, and 2-57). Each of 
these reactions can be considered to be the addition 
of an electrophile to the synthon 

 

 

that was produced by the dissociation of an electro-
phile from a carbonyl carbon. Considered in this 
way, the enzymatic reactions in which thiamine 
diphosphate is used as a prosthetic group are reac-
tions in which one electrophile dissociates from 
this synthon and a different electrophile adds. In 
pyruvate decarboxylase (Equation 2-53), a hydron 
substitutes for carbon dioxide; in transketolase 
(Equation 2-56), one aldehyde substitutes for another; 
and in 1-deoxy-∂-xylulose-5-phosphate synthase215,216 

 
                  (2-60) 

an aldehyde substitutes for carbon dioxide. In these 
exchanges of the one electrophile for another, the 
initial electrophile leaves the initial adduct between 
thiamine diphosphate and the initial aldehyde or 
ketone, and the electrophile substituting for it reacts 
with the a-hydroxy enamine to form the final carbonyl 
adduct of thiamine diphosphate. These carbonyl 
adducts of thiamine diphosphate can be detected and 
quantified as the enzymatic reaction is occurring.217 
 As has already been mentioned in passing, the 
final step in a reaction catalyzed by thiamine diphos-
phate, following nucleophilic addition of the electro-
phile to the a-hydroxy enamine that incorporates 
thiamine diphosphate, is generation of the new 
aldehyde or ketone by dissociation of the thiazole 
from the new carbonyl adduct. This dissociation is 
assisted by the fact that the hydroxy group on the 
incipient carbonyl carbon in the adduct is fairly 
acidic (pKa = 12),192 and the removal of its hydron 
by a base192,193 either prior to or during the dissoci-
ation of the product catalyzes the formation of the 
product 

    
                  (2-61) 

 In summary, the prototypical mechanism of 
an enzyme using thiamine diphosphate prostheti-
cally has the following steps. The hydron on carbon 2 
of the thiamine diphosphate is removed. The resulting 
ylide of the thiamine diphosphate adds to the carbonyl 
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group of an aldehyde or a ketone to form the adduct, 
the hydroxy group of which ends up in hydrogen 
bonds to a histidine from the protein and the 4¢-amino 
group of the 4¢-aminopyrimidine of thiamine diphos-
phate (Figure 2-5B), one of which has provided the 
hydron on the hydroxy group. An electrophile—a 
hydron, carbon dioxide, or an aldehyde—leaves the 
a carbon of the adduct to produce the a-hydroxy 
enamine that incorporates the thiazole (Figure 2-5C). 
A different electrophile adds to the a-hydroxy enamine 
to form a different adduct between thiamine diphos-
phate and a different aldehyde or ketone. The 
hydron of the hydroxy group of the new carbonyl 
adduct is removed either before or while the new 
aldehyde or ketone dissociates, and the ylide of thia-
mine diphosphate is hydronated on carbon 2. 
 
 The puzzle is to define the roles of the 4¢-amino 
group of the 4¢-aminopyrimidine in these steps. In 
the active site of an enzyme, the 4¢-amino group of 
thiamine diphosphate usually forms a hydrogen bond 
to the a-hydroxy group in both the initial adduct 
and the a-hydroxy enamine that incorporates the 
thiazole and abuts the a carbon (Figure 2-5B and 
2-5C).175,176,186 Often there is a histidine in the active 
site that also forms a hydrogen bond to the same 
hydroxy group. These dispositions certainly imply 
that these are the catalytic acids and bases acting 
on the a-hydroxy group and that the 4¢-amino 
group is a catalytic acid–base that is able to act on 
the a carbon. One of them hydronates the oxygen 
of the carbonyl group as the ylide of thiamine diphos-
phate adds to its carbon, and one of them dehydro-
nates the a-hydroxy group as the ylide of the 
thiamine dissociates from final adduct to give the 
ketone or aldehyde that is the final product. In the 
crystallographic molecular model of 2-(1¢¢,2¢¢-dihy-
droxyethylidene)-2,3-dihydrothiamine diphosphate 
(Equation 2-57) occupying the active site, nitrogen 4¢ 
of the 4¢-amino-pyrimidinyl group is 0.30 nm from 
the oxygen of the a-hydroxy group but it is also 
0.30 nm from the a carbon of the a-hydroxy enamine 
(dashed lines in Figure 2-5C). The distance to the 
a carbon atom is well within van der Waals contact, 
and this fact indicates that this nitrogen has been 
forced up against the a carbon by the enzyme. These 
orientations and distances should permit the 
4¢-amino group to swing over to the a carbon from 
the hydroxy group of the a-hydroxy enamine and 
hydronate it, if indeed the a carbon is supposed to 
be hydronated,218 or the 4¢-imino group to swing over 
to the a carbon in the initial adduct and dehydro-
nate it, if indeed it is supposed to be dehydronated. 

While these movements are occurring, the imidazolyl 
group of the histidine would maintain the hydron 
on the hydroxy group. 
 The next piece of the puzzle is the identity of 
the catalytic base that removes the hydron from 
carbon 2 of thiamine diphosphate to form the ylide 
and initiate the reaction. Up to this point it has been 
assumed that it is the molecule of water between 
the 4¢-amino group and carbon 2 (Figure 2-5). It 
has been observed, however, that, in a single turn-
over of pyruvate decarboxylase from S. cerevisiae, 
45% of the tritium in [2-3H]thiamine diphosphate 
in the active site becomes the hydrogen of the formyl 
group in the acetaldehyde that is the product.219 It 
seems to be the case that the 4¢-amino nitrogen of the 
4¢-aminopyrimidinyl group has to hydronate the 
a carbon of the a-hydroxy enamine after the initial 
adduct of pyruvate decarboxylates (Figure 2-5C). 
If so, nitrogen 4¢ of the 4¢-imino tautomer of the 
4¢-aminopyrimidinyl group would seem to be the 
base that removes the hydrogen from carbon 2 of 
thiamine diphosphate.170 
 In the crystallographic molecular model of the 
unoccupied active site (Figure 2-5A), however, ni-
trogen 4¢ is separated from carbon 2 of the thia-
mine diphosphate by the fixed molecule of water. If 
the base that removes the triton from carbon 2 in 
the normal sequence of steps is this molecule of 
water, relaying the basicity of either the 4¢-imino 
tautomer or the histidine, it should leave the active 
site with the triton because it is displaced by the 
carbonyl oxygen of the reactant when it associates. 
Consequently, the fact that tritium is transferred in 
high yield seems to argue against this molecule of 
water as a candidate for the base that removes the 
hydron from carbon 2 in the usual reaction and 
seems to leave only the 4¢-imino group of thiamine 
diphosphate.  
 Nevertheless, the foregoing dispositions and 
considerations are consistent with the following 
sequence of events. Before the pyruvate associates 
with the active site of pyruvate decarboxylase, 
displacing the molecule of water, the molecule of 
water freely rotates to equilibrates the triton on 
carbon 2 of thiamine diphosphate with the hydron 
on its 4¢-imino group. The fact that exchange of the 
hydrogen on carbon 2 with a hydrogen in the solvent 
when an active site is unoccupied by a reactant is 
much slower than the turnover of a reactant would 
give the molecule of water sufficient time to accom-
plish this equilibration without dissociating into the 
solution. At an instant when the ylide of thiamine 
diphosphate and the tritiated 4¢-imino group are 
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present, the carbonyl group of the pyruvate displaces 
the molecule of water while Histidinium 640 hydro-
nates its oxygen. The decarboxylation occurs, pro-
ducing the a-hydroxy enamine. The 4¢-[N-3H]amino 
group of the thiamine diphosphate tritonates the 
a carbon of the a-hydroxy enamine. During disso-
ciation of the tritiated product from its adduct with 
thiamine diphosphate, the resulting 4¢-imino group 
or the imidazolyl group of the histidine removes the 
hydron from the a-hydroxy group that the imidazolino 
group added to it. The only problem with this explana-
tion is that 45%, not less than 33%, of the tritium is 
transferred. 
 In the active site of transketolase occupied by 
2-(1¢¢,2¢¢-dihydroxyethylidene)-2,3-dihydrothia-
mine diphosphate (Figure 2-5C), the 4¢-imino 
group is 0.31 nm from carbon 2 of the thiazole of 
the a-hydroxy enamine, well within van der Waals 
contact, and the imidazolyl group of the histidine is 
forming a hydrogen bond with the a-hydroxy 
group. The only problem with assigning to the 
4¢-imino group the role of removing the hydron 
from carbon 2 of the thiamine to initiate the reaction 
is the orientation of nitrogen 4¢. Unlike the molecule 
of water in the unoccupied active site containing 
the unmodified thiamine diphosphate, which 
would seem to remove the hydron from carbon 2 in 
the absence of a substrate, nitrogen 4¢ of the pros-
thetic thiamine diphosphate is not in the plane of 
the thiazole (Figure 2-5A) where the hydrogen to 
be removed is located (Equation 2-46) to initiate 
the reaction, nor is it in the plane of the thiazole 
(Figure 2-5C) in the location in which the hydron is 
to be added to the ylide to complete the reaction. 
One possibility is that, both after the reactant adds 
at the beginning and following the dissociation of 
the carbon–carbon bond to the incipient carbonyl 
carbon at the end, the thiazole pivots to place nitro-
gen 4¢ in its plane. 
 Both the conversion of the carbonyl in the 
reactant and the hydronated thiazole in thiamine 
diphosphate into the adduct between the two and a 
hydron in the first step of the reaction and the con-
version of the adduct between what will be the car-
bonyl in the product and thiamine diphosphate into 
the carbonyl of the product and thiamine diphosphate 
hydronated at carbon 2 at the end of the reaction 
are formally electrophilic aromatic substitutions. In 
an actual electrophilic aromatic substitution, the 
carbonyl group would first add to carbon 2 from 
the face of the thiazole opposite the 4¢-aminopyridine 
and produce a tetrahedral carbon on which there 
 

would be a dramatically acidic hydrogen now pointed 
at nitrogen 4¢ and now in the correct orientation for 
transfer as a hydron. Even though this gedanken 
view of the situation is energetically unlikely because 
the electrophile is so weak and carbon 2 is already 
so acidic, the removal of the hydron from carbon 2 
and the addition of the carbonyl group to carbon 2 
could actually be a concerted electrophilic aromatic 
substitution. By this mechanism in the approach of 
the system to the roughly tetrahedral transition 
state, the incoming carbonyl carbon would push 
the hydrogen on carbon 2 toward the nitrogen of 
the unhydronated 4¢-imino nitrogen, weaken its 
bond to the carbon, and align it for removal by the 
4¢-imino nitrogen while the bond to the carbonyl 
carbon is being formed; or in reverse, the dissocia-
tion of the adduct, the incoming hydronated 4¢-amino 
group would push the bond between carbon 2 and 
the a carbon out of the plane of the thiazole and 
the hydronated 4¢-amino group would enter the 
almost tetrahedral transition state from a position 
oblique to the plane of the thiazole. 
 
 In a few of the reactions that rely on a pros-
thetic thiamine diphosphate, the excess electron 
density of an a-hydroxy enamine that incorporates 
thiamine diphosphate provides push to expand 
the p  molecular orbital system further out onto and 
beyond the b  carbon of the aldehyde or ketone 
that was the reactant. One example is the elimination 
from the b carbon that occurs following decarboxy-
lation of the unnatural adduct formed in the active 
site of pyruvate decarboxylase from E. coli between 
fluoropyruvate and thiamine diphosphate220,221 

    
                  (2-62) 

Another example is the elimination from the b carbon 
that occurs following dissociation of the aldehyde, 
∂-glyceraldehyde 3-phosphate, from the natural 
adduct formed in the active site of phosphoketolase 
from Bifidobacterium breve between :-xylulose 
5-phosphate and thiamine diphosphate205 
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                  (2-63) 

A third example is the elimination from the b carbon 
that occurs following dissociation of a hydron from 
the natural adduct formed in the active site of 
N2-(2-carboxyethyl)arginine synthase from Strepto-
myces clavuligerus between :-glyceraldehyde 3-phos-
phate and thiamine diphosphate222 

   
                  (2-64) 

Each of these three eliminations creates an enol 
incorporating the a carbon and the b carbon that is 
conjugated to the iminium within the thiamine 
diphosphate. In the cases of pyruvate decarboxylase 
and phosphoketolase, the same enol is hydronated 
at the b carbon, which is a methylene (Equation 2-63), 
to form 2-acetylthiamine diphosphate. 
 In the case of N2-(2-carboxyethyl)arginine syn-
thase, the removal of a hydron from the a-hydroxy 
group creates an enolate that pushes out the phospho 
group to extend the p  molecular orbital system onto 
the g  carbon while forming 2-(acryloyl)thiamine di-
phosphate223 

     
                  (2-65) 

To complete the enzymatic reaction, the phosphate 
that just left is replaced by the a-amino group of an 
¬-arginine that adds as a nucleophile to the a,b-un-
saturated ketone in the reverse of Equation 2-65. 
The resulting enolate, in which the a-amino group 
of ¬-arginine has replaced the phospho group, is then 
hydronated on the b carbon to give the ketone, and 

the resulting 2-acylthiamine diphosphate is hydro-
lyzed with the ylide of thiamine diphosphate as the 
leaving group to produce thiamine diphosphate 
and the product N2-(2-carboxyethyl)-¬-arginine. 
 
 There are enzymatic reactions in which adducts 
of thiamine diphosphate are oxidized or reduced. 
For example, in the reactions catalyzed by both 
pyruvate synthase224 

    
                  (2-66) 

and pyruvate oxidase225 

   
                  (2-67) 

the pyruvate is oxidized in the forward direction by 
two electrons in an oxidation that turns it into carbon 
dioxide and an acetyl group. As such, these two reac-
tions are oxidative decarboxylations. In both active 
sites, the 2-(1¢¢-hydroxyethylidene)-2,3-dihydrothi-
amine diphosphate (2-22) produced by decarbox-
ylation of the adduct of pyruvate and thiamine 
diphosphate (Equation 2-54) is oxidized and in the 
process reduces oxidized ferredoxin or reduces an 
oxidized prosthetic flavin, which in turn reduces 
molecular oxygen to H2O2. 
 2-(1¢¢-Hydroxyethylidene)-2,3-dihydrothiamine 
diphosphate (2-22) is an electron-rich a-hydroxy 
enamine, the oxidation of which by the transfer of 
two electrons restores the aromaticity of the thiazole. 
Its oxidation in the respective active sites of these 
two enzymes proceeds in two successive one-
electron steps. In the active site of pyruvate syn-
thase in the forward direction, each of the two mol-
ecules of oxidized ferredoxin, one after the other, 
can accept only a single electron from the a-hydroxy 
enamine; and in the reaction catalyzed by pyruvate 
oxidase from L. plantarum, the electrons have been 
shown to be transferred in the forward direction, 
one at a time, from the a-hydroxy enamine to the 
prosthetic flavin in the active site.226 For both pyruvate 
synthase from Moorella thermoacetica227,228 and 
pyruvate oxidase from L. plantarum ,226 the inter-
mediate radical cation 
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resulting from transfer of just one electron from 
2-(1¢¢-hydroxyethylidene)-2,3-dihydrothiamine 
diphosphate during the normal catalytic reaction has 
been observed; and in the case of pyruvate oxidase, 
it is stable enough to be observed crystallograph-
ically.229 In cyclic voltammetry, 2-(1¢-methoxyethyl-
idene)-2,3-dihydro-3,4-dimethylthiazole (2-26) is 
an electrochemical one-electron reductant with a 
reduction potential of +70 mV relative to a standard 
hydrogen electrode.230 By increasing its p electron 
density, relative to a hydrogen, the methoxy substi-
tuent decreases the reduction potential of the 
enamine by 250 mV, from +320 to +70 mV, and an 
unhydronated hydroxy group should decrease it 
even further. 2-(1¢-Hydroxyethylidene)-2,3-dihydro-
3,4-dimethylthiazole is able to reduce an analogue 
of flavin nonenzymatically.231 
 Upon transfer of the second electron, the 
2-(1¢¢-hydroxyethylidene)-2,3-dihydrothiamine di-
phosphate (2-22) in each of the active sites has 
been converted into 2-acetylthiamine diphosphate 

 

which then engages in a nucleophilic substitution 
with either coenzyme A or phosphate, with the 
ylide of thiamine diphosphate as the leaving group.  
 Oxalate oxidoreductase 

    
                  (2-68) 

from M. thermoacetica is related (24% identity; 
3.0 gap percent) to pyruvate synthase (Equation 
2-66) and also catalyzes an oxidative decarboxyla-
tion in which the two electrons generated in the re-
action are transferred to two molecules of oxidized 
ferredoxin. In this instance, however, the adduct 
between thiamine diphosphate and oxalic acid 
(Equation 2-49; R1 = COO-; R2 = OH) rather than 

thiamine diphosphate and pyruvate (Equation 
2-49; R1 = COO-; R2 = CH3) is formed initially 

                  (2-69) 

This nucleophilic substitution is an example of the 
ylide of thiamine diphosphate that adds to an acyl 
group rather than a carbonyl group. The reactions 
catalyzed by pyruvate synthase (Equation 2-66) 
and pyruvate oxidase (Equation 2-67) in reverse are 
also examples of addition of the ylide of thiamine 
diphosphate to acyl derivatives, acetyl-SCoA and 
acetyl phosphate, respectively. 
 The adduct between thiamine diphosphate 
and oxalic acid in the active site of oxalate oxidore-
ductase is then decarboxylated, as in the case of py-
ruvate in the active site of pyruvate synthase. The 
resulting dihydroxymethylenethiamine diphosphate, 
an even more electron-rich and more reducing 
a-hydroxy enamine, is then oxidized by transfer of 
two electrons to two successive oxidized ferredoxins. 
The resulting intermediate is a derivative of carbonic 
acid from which the ylide of thiamine diphosphate 
leaves while the second CO2 is formed. 
 Both the initial adduct between the ylide of 
thiamine diphosphate and the oxalate and dihydroxy-
methylenethiamine diphosphate have been observed 
in crystallographic molecular models of oxalate oxido-
reductase from M. thermoacetica.232 As expected, 
the catalytic acid–base that forms a hydrogen bond 
to the a-hydroxy group in both of these intermedi-
ates is nitrogen 4¢ of the 4¢-aminopyrimidinyl group 
in thiamine diphosphate, but unlike the situation 
in the active sites of pyruvate dehydrogenase (ace-
tyl-transferring) (Figure 2-5B) and transketolase 
(Figure 2-5C), the other participant in a hydrogen 
bond with the a-hydroxy group is the guanidinio 
group of an arginine, which would ensure that the 
hydron on the hydroxy group is within the hydrogen 
bond to nitrogen 4¢. 
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Figure 2-7: Formation of N6-(S-acetyldihydrolipoyl)lysine in 
the reaction catalyzed by pyruvate dehydrogenase (acetyl-
tranferring). There are two possibilities for the mechanism of 
this reaction, electron transfer234 or heterolysis.233 In the first 
step of the former mechanism (top line and to the right), the 
electron-rich enamine loses an electron to the disulfide to 
form the radical anion of the disulfide and radical cation of the 
thiamine. The radical anion of a disulfide fragments to sulfido 
group and thiyl radical and the second electron is transferred 
to the thiyl radical, to give the dithiolate and 2-acetylthiamine. 
The distal sulfido group adds nucleophilically to the carbonyl 
carbon of the 2-acetylthiamine to form a tetrahedral intermediate. 
Another alternative is to have the two radicals collapse directly 
to the tetrahedral intermediate. In the first step of the hetero-
lytic mechanism (middle left), the enamine as a nucleophile 
displaces a sulfido group from the disulfide and forms the tetra-
hedral intermediate. At this point the mechanisms converge 
and the acetyl group is transferred through the tetrahedral 
intermediate to one of the sulfido groups of N6-(dihydro-
lipoyl)lysine.  
 
 
 
 The reactions catalyzed by the three related 
enzymes pyruvate dehydrogenase (acetyl-trans-
ferring), oxoglutarate dehydrogenase (succinyl-
transferring), and 3-methyl-2-oxobutanoate dehy-
drogenase (2-methylpropanoyl-transferring) are 
also oxidative decarboxylations. For example, the 
a-hydroxy enamine incorporating thiamine diphos-
phate that is formed immediately upon decarboxy-
lation of the adduct of pyruvate and thiamine 
diphosphate (Equation 2-54) by pyruvate dehydro-
genase (acetyl-transferring) reduces the disulfide in 
N6-(lipoyl)lysine 

 

to produce the acetyl thioester of N6-(dihydrolipoyl)-
lysine (2-32 in Figure 2-7).233,234 N6-(Lipoyl)lysine 
is a prosthetic group that is covalently attached 
through an amide between lipoic acid and the 
6-amino group of a lysine in the polypeptide of a 
different enzyme, dihydrolipoyllysine-residue acetyl-
transferase, that forms a noncovalent complex with 
pyruvate dehydrogenase (acetyltransferring) and 
presents the lipoyl group to its active site. In the active 
sites of oxoglutarate dehydrogenase (succinyl-
transferring) and 3-methyl-2-oxobutanoate dehydro-
genase (2-methylpropanoyl-transferring), the homol-
ogous adducts between 2-oxoglutarate or 3-methyl-
2-oxobutanoate are formed and decarboxylated, 
and the resulting succinyl group or 2-methyl-
propanoyl group is transferred to N6-(lipoyl)lysine 
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in the respective acceptor.* There are two possible 
mechanisms by which the reductive transfer of an 
acetyl group to N6-(lipoyl)lysine in the active site of 
pyruvate dehydrogenase (acetyl-transferring) could 
take place. 
 One possibility is a nucleophilic substitution. 
The a-hydroxy enamine that incorporates thiazole, 
2-(1¢-hydroxyethylidene)-2,3-dihydro-3-benzyl-
4-methylthiazole (2-35) 

 

is nucleophilic enough to participate in a nucleo-
philic substitution at one of the two sulfurs in an 
acyclic disulfide,233 and the a-methoxy enamine 
2-(1¢-methoxy-2¢-phenylethylidene)-2,3-dihydro-
3,4-dimethylthiazole (2-36) is nucleophilic enough 
to participate in an intramolecular nucleophilic 
substitution at one of the sulfurs in the cyclic disulfide 
of an ester of lipoic acid.235 If one of these sulfurs is 
methylated, to mimic the hydronation that would 
occur in the active site of an enzyme, the a-methoxy 
enamine 2-(1¢-methoxy-2¢-phenylethylidene)-2,3-di-
hydro-3,4,5-trimethylthiazole will participate in a 
nucleophilic substitution with the other sulfur.236 
 All these results suggest that, within the active 
site of pyruvate dehydrogenase (acetyl-transferring), 
2-(1¢¢-hydroxyethylidene)-2,3-dihydrothiamine 
diphosphate (2-22), the a-hydroxy enamine produced 
by the decarboxylation of the adduct between thia-
mine diphosphate and pyruvate (Equation 2-54), 
should be nucleophilic enough to participate as the 
nucleophile in a concerted nucleophilic substitution 
with the disulfide of N6-(lipoyl)lysine as the electro-
phile (left side of Figure 2-7). The nucleophilic attack 
of the electron-rich a-hydroxy enamine resembles 
the nucleophilic attack of a sulfido group during a 
thiol–disulfide exchange.237 If the disulfide is hydro-
nated on the sulfur that is to leave, the nucleophilic 
substitution liberates one of the sulfurs as a thiol 

                                                
*Dihydrolipoyllysine-residue succinyltransferase and dihydro-
lipoyllysine-residue (2-methylpropanoyl)transferase form 
homologous noncovalent complexes with oxoglutarate dehydro-
genase (succinyl-transferring) and 3-methyl-2-oxobutanoate 
dehydrogenase (2-methylpropanoyl-transferring), respectively, 
also presenting N6-(dihydrolipoyl)lysine. 

while the other sulfur becomes bonded to the 
a carbon of the a-hydroxy enamine. This nucleo-
philic addition of the a-hydroxy enamine creates a 
tetrahedral intermediate with the thiazolium as a 
potential leaving group. Upon its dissociation, initi-
ated by removal of the hydron from the hydroxy 
group, the thioester would be the product, and the 
reaction catalyzed by the enzyme would be accom-
plished. 
 The second possibility, however, for the mech-
anism of pyruvate dehydrogenase (acetyl-trans-
ferring) would involve two transfers, each of one 
electron, as in the active sites of pyruvate synthase, 
pyruvate oxidase, and oxalate oxidoreductase, 
between the a-hydroxy enamine 2-(1¢¢-hydroxyethyl-
idene)-2,3-dihydrothiamine diphosphate and the 
disulfide of the oxidized N6-(lipoyl)lysine (right side 
of Figure 2-7) to reduce the disulfide to the dithiol 
and oxidize the a-hydroxy enamine to 2-acetyl-
thiamine diphosphate.238 The a-hydroxy enamine 
formed at the active site of pyruvate dehydrogenase 
(acetyl-transferring) is able to reduce two equivalents 
of ferricyanide in two successive transfers, each of 
one electron.234,238 This observation demonstrates 
that the radical cation of the a-hydroxy enamine 
that incorporates thiamine diphosphate, which is 
shown in the first step of the mechanism for pyruvate 
dehydrogenase (acetyl-transferring) and which is 
produced by two successive transfers, each of one 
electron (right side of Figure 2-7), can be formed in 
an active site. The radical cation of the a-hydroxy 
enamine 2-(1¢¢-hydroxy-3¢¢-carboxy-propylidene)-
2,3-dihydrothiamine diphosphate, the homologue of 
2-29, has been observed in the active site of oxoglu-
tarate dehydrogenase (succinyl-transferring) when 
the a-hydroxy enamine is in a complex with the 
enzyme.239 The radical cation in this case, however, 
is believed to result from oxidation of the a-hydroxy 
enamine by molecular oxygen rather than by the 
lipoyl disulfide. It was concluded that this radical 
cation is the result of an adventitious side reaction. 
Nevertheless, this side reaction demonstrates that 
the radical cation can be generated in this active 
site. 
 The radical anion of a disulfide (2-33)240,241 
would also be a transient intermediate in the 
mechanism involving transfer of the electrons one 
at a time (right side of Figure 2-7). Disulfides can 
be reduced in two one-electron steps in a reaction  
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Figure 2-8: One-electron reduction of a disulfide.240 In the first 
step, an electron is provided by a reductant to produce the 
radical anion of the disulfide, 2-37, with a characteristic elec-
tronic absorption at 400-430 nm. This radical anion fragments 
rapidly (1 ms-1) to form a sulfido group and a thiyl radical. The 
sulfido group can be hydronated, and the thiyl radical can 
accept a second electron to produce a second sulfido group.  
 
 
 
involving such a radical anion of a disulfide (2-37) 
as an intermediate (Figure 2-8).240 The one-elec-
tron reduction potential of a disulfide, however, 
is -400 mV.242,243 The enzyme would have to increase 
the one-electron reduction potential of the disulfide 
in N6-(lipoyl)lysine, for example, by hydronating 
one of the sulfurs,236 or decrease the reduction 
potential of the a-hydroxy enamine,230 for example, 
by dehydronating the hydroxy group, for productive 
transfer of an electron to occur. 
 Once it has been formed, the rate at which a 
radical anion of a disulfide spontaneously frag-
ments to a sulfido group and a thiyl radical is 1 ms-1, 
more than fast enough for this step to participate in 
the enzymatic reaction. In cyclic radical anions of 
disulfides, however, such as that of N6-(lipoyl)-
lysine (2-31), the equilibrium for ring opening to 
the sulfido group and thiyl radical is strongly in fa-
vor of the closed form, but hydronation of the radi-
cal anion of the disulfide shifts the equilibrium 
constant for ring opening to around 1.241 Therefore, 
hydronation of the disulfide in N6-(lipoyl)lysine by 
an acid in the active site either before or during 
transfer of the electron would be necessary both to 
increase its reduction potential and to promote ring 
opening. The pKa of a radical anion of a disulfide is 
between 4 and 5.244 The thiyl radical formed in the 
ring opening would then accept the second elec-
tron, either directly or by forming a bond to the 
radical on the a carbon of the radical cation of the 
a-hydroxy enamine of thiamine diphosphate by 
colligation. The unpaired electron in the radical 
cation is in the antibonding p molecular orbital 
with a full lobe over the a carbon. 
 

 It has been shown that 2-acetylthiamine diphos-
phate (2-30 and 2-34 in Figure 2-7), when it is 
formed on the active site of pyruvate dehydrogenase 
(acetyl-transferring), produces N6-(S-acetyllipoyl)-
lysine as rapidly as does the a-hydroxy enamine, 
2-(1¢¢-hydroxyethylidene)-2,3-dihydrothiamine 
diphosphate (2-22).245 2-Acetylthiamine diphos-
phate has been synthesized246 and used as a standard 
to demonstrate that while pyruvate dehydrogenase 
(acetyl-transferring) is actively catalyzing its reaction, 
0.4% of its thiamine diphosphate is present as 
2-acetylthiamine diphosphate.238 These observations 
have been cited as evidence for the mechanism 
involving the successive transfer of two electrons 
because it has been stated that, on the nucleophilic 
path (left side of Figure 2-7), 2-acetylthiamine di-
phosphate should not be an intermediate.238 If the 
tetrahedral intermediate proposed for the nucleophilic 
mechanism (left side of Figure 2-7) is examined 
closely, however, it is clear that sulfur is the better 
leaving group. It necessarily follows that, in either 
mechanism, 2-acetylthiamine diphosphate would 
be formed and unformed many times before the 
tetrahedral intermediate would decompose to yield 
N6-(S-acetyllipoyl)lysine. 
 To complete the reaction catalyzed by the 
complete pyruvate dehydrogenase system, the acetyl 
group on N6-(S-acetyllipoyl)lysine is transferred to 
coenzyme A by dihydrolipoyllysine-residue acetyl-
transferase, in a simple nucleophilic substitution 
that liberates N6-(dihydrolipoyl)lysine 

     (2-70) 

and N6-(dihydrolipoyl)lysine is converted by dihydro-
lipoyl dehydrogenase from the reduced to the oxidized 
form 

    
                  (2-71) 

in an oxidation–reduction catalyzed by the prosthetic 
group flavin. 
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Problem 2-11: Write a mechanism for the transketo-
lase reaction (Equation 2-56) catalyzed by thiamine 
diphosphate. 
 

Problem 2-12: There are two enzymes that can 
catalyze, respectively, the two reactions 

 

In both of these reactions, a hydron is replaced by 
acetaldehyde. The two enzymes, however, use dif-
ferent prosthetic groups. Write a mechanism for 
each reaction, using the proper prosthetic group in 
each case. 
 

Problem 2-13: 4-(p-Chlorophenyl)-2-oxobut-3-enoic 
acid is an irreversible inhibitor of pyruvate decar-
boxylase (Equation 2-53). 
 
 (A) Write the mechanism of the reaction between 

this inhibitor and the thiamine diphosphate 
on the enzyme. 

 (B) Show by drawing resonance structures why 
this compound forms an irreversible, cova-
lent adduct with the thiamine diphosphate 
within the enzyme. 

 
Problem 2-14: Write a mechanism explaining how 
pyruvate decarboxylase is able to catalyze247,248 

 

 

Problem 2-15: Write a mechanism explaining how 
transketolase is able to catalyze249 

 

 
Problem 2-16: Write a mechanism for the reaction 
catalyzed by phosphoketolase205 and N2-(2-carboxy-
ethyl)arginine synthase.223 

 
 
 
 
 

3,5-Dihydro-5-methylidene-4H-imidazol-
4-one  

Histidine ammonia-lyase from P. putida9 

           (2-72) 

phenylalanine ammonia-lyase from Rhodosporidi-
um toruloides250 and Petroselinum crispum251 
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           (2-73) 

tyrosine ammonia-lyase from R. sphaeroides252  

            (2-74) 

phenylalanine aminomutase (¬-b-phenylalanine 
forming) from Taxus wallichiana253 

                  (2-75) 

phenylalanine aminomutase (∂-b-phenylalanine 
forming) from Enterobacter agglomerans254 

                 (2-76) 

and tyrosine 2,3-aminomutase from Streptomyces 
globisporus255,256 

 
                  (2-77) 

are all homologous enzymes (26-43% identity; 
£2.5 gap percent) catalyzing closely related reac-
tions. The only difference among the six reactions 
is that in the first three reactions, ammonia is elim-
inated to give the unsaturated product, while in the 
latter three reactions, ammonia is eliminated and 
then added back to the resulting carbon–carbon 
double bond at the carbon adjacent to the one it 
left. In fact, phenylalanine aminomutase (¬-b-phenyl-
alanine forming) from Taxus cuspidata produces both 
¬-b-phenylalanine and trans-cinnamate, the prod-
uct of the elimination (Equation 2-73);257 tyrosine 
2,3-aminomutase from S. globisporus produces 
both 3-amino-3-(4-hydroxyphenyl)propanoate and 
trans-4-hydroxycinnamate, the product of the elim-
ination (Equation 2-74);255 and site-directed mutation 
can change phenylalanine aminomutase (¬-b-phenyl-
alanine forming) from T. wallichiana into a phenyl-
alanine ammonia-lyase.258 
 In each of the six eliminations, the pro-S hydron 
is always removed from the b carbon of the respective 
amino acid.257,259-262 The stereochemistries of the 
aminomutases are more complicated. Phenylalanine 
aminomutase (¬-b-phenylalanine forming) from 
T. wallichiana proceeds predominantly with retention 
of configuration at both the a and b carbons of the 
substrates (Equation 2-75)257,261 so that (R)-3-amino-
3-phenylpropanoate is the kinetic product. Retention 
of configuration requires that the carbon–carbon bond 
of the intermediate trans-cinnamate (see Equation 
2-73) flip over by rotating around the carbon–
carbon bond to the phenyl group before the ammonia 
and the hydron are added back.253 Phenylalanine 
aminomutase (∂-b-phenylalanine forming) from 
E. agglomerans proceeds with inversion of configu-
ration at both the a and b carbons of the substrates 
(Equation 2-76)262 so that (S)-3-amino-3-phenyl-
propanoate is the other substrate, a fact consistent 
with the carbon–carbon bond of the intermediate 
trans-cinnamate remaining fixed in its configuration 
as the ammonia and the hydron are added back. 
Tyrosine 2,3-aminomutase from S. globisporus has 
both (R)-3-amino-3-(4-hydroxyphenyl)propanoate 
and (S)-3-amino-3-(4-hydroxyphenyl)propanoate as 
the other substrates, but (S)-3-amino-3-(4-hydroxy-
phenyl)propanoate is the kinetic product. 
 The pro-S hydrons on the b carbons of the respec-
tive ¬-amino acids that are the substrates for these 
enzymes must be acidic enough so each of them 
can be transferred to the 4-oxidophenyl group of a 
tyrosine252,254,263-265 that is located at the homolo-
gous position in each active site and that acts as a 
catalytic base. Mutation of this tyrosine in the active 
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site of tyrosine 2,3-aminomutase to a phenyl-
alanine263,266 completely eliminates the enzymatic 
activity. 
 Each active site in these enzymes uses a pros-
thetic group, 3,5-dihydro-5-methylidene-4H-imid-
azol-4-one (2-38), that is formed by a posttrans-
lational modification of the polypeptide of the 
enzyme within the internal sequence -ASG-. The 
modification proceeds by a nucleophilic addition to 
an acyl carbon followed by two dehydrations 

  
                  (2-78) 

The posttranslational modification is present at the 
homologous location in each of the proteins.9,267 
 
 3,5-Dihydro-5-methylidene-4H-imidazol-4-one 
is a strong electrophile at its methylene carbon268 
because addition of a nucleophile, for example a 
primary amine, to that carbon gives an aromatic 
product 

                           (2-79) 

while the reactant, 3,5-dihydro-5-methylidene-
4H-imidazol-4-one, by itself is not aromatic. The 
distal carbon of the methylene group is the electro-
philic center. Modification of the distal carbon of 
the prosthetic 3,5-dihydro-5-methylidene-4H-imid-
azol-4-one in the active site of histidine ammonia-
lyase from P. putida by nucleophilic addition of the 
conjugate base of nitromethane260 or cyanide,269 in 

the active site of tyrosine 2,3-aminomutase from 
S. globisporus by nucleophilic addition of cyanide255 
to its distal carbon, or in the active site of phenyl-
alanine ammonia-lyase from P. crispum by nucleo-
philic addition of cyanide270 inactivates the respective 
enzyme. These facts identify the distal carbon as 
the crucial location in the prosthetic group. One of 
the two equivalent, nucleophilic sulfido groups of the 
conjugate base of (2S,3S)-1,4-bis(sulfanyl)butane-
2,3-diol forms an adduct with the 3,5-dihydro-
5-methylidene-4H-imidazol-4-one at its distal 
carbon, which can be observed in a crystallographic 
molecular model of the active site of phenylalanine 
ammonia-lyase from P. crispum.251 
 There is a crystallographic molecular model of 
the active site of phenylalanine ammonia-lyase 
from R. toruloides in which the adduct between 
ammonia and the distal carbon of 3,5-dihydro-
5-methylidene-4H-imidazol-4-one is present.250 
There is a crystallographic molecular model of the 
active site of phenylalanine aminomutase (∂-b-phen-
ylalanine forming) from E. agglomerans (Equation 
2-76) in which an equilibrium mixture of ¬-phenyl-
alanine and ∂-b-phenylalanine is present. In this 
model, the amino group of each substrate in turn 
forms a nucleophilic adduct with the distal carbon 
of the 3,5-dihydro-5-methylidene-4H-imidazol-4-one 
(Equation 2-79).254 There is a crystallographic molec-
ular model of the complex between ¬-tyrosine and 
the active site of the inactive mutant of tyrosine 
2,3-aminomutase from S. globisporus (Equation 
2-77), in which the catalytic tyrosine has been 
changed to a phenylalanine. In this model, the 
amino group of the reactant ¬-tyrosine has formed 
a nucleophilic adduct with the distal carbon of the 
3,5-dihydro-5-methylidene-4H-imidazol-4-one.263 
There are crystallographic molecular models of the 
complex between the active site of tyrosine 2,3-amino-
mutase from S. globisporus and (3S)-3-amino-
2,2-difluoro-3-(4-hydroxyphenyl)propanoate266 
and the complex between the active site and 
(3S)-3-amino-2,2-difluoro-3-(4-methoxyphenyl)-
propanoate,264 both inhibitors of the enzymatic 
activity. In each of these two complexes, the amino 
groups of the respective inhibitors have also 
formed nucleophilic adducts with the distal carbon 
of the 3,5-dihydro-5-methylidene-4H-imidazol-
4-one. 
 On the basis of all these observations, the cur-
rently favored mechanism for these enzymes that use 
3,5-dihydro-5-methylidene-4H-imidazol-4-one 
as a prosthetic group is that the adduct between 
the distal carbon of the prosthetic 3,5-dihydro-
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5-methylidene-4H-imidazol-4-one and the amino 
group of the amino acid that is a reactant for the 
respective enzyme forms in the first step of the 
mechanism. Then, in each of the enzymatic elimi-
nations catalyzed by the ammonia-lyases and the 
aminomutases, the adduct between ammonia and 
3,5-dihydro-5-methylidene-4H-imidazol-4-one is 
the leaving group, and in each of the additions 
catalyzed by the aminomutases, the adduct is the 
nucleophile that adds. In almost every other elimi-
nation that is catalyzed by an enzyme, however, the 
hydron that is removed during the elimination is a 
to a carbonyl group or an acyl group and, conse-
quently, acidic (pKa = 9-27; Figure 1-23), but the 
b  carbons on ¬-histidine, ¬-phenylalanine, and 
¬-tyrosine are not acidic. Consequently, while it 
would not be surprising that the removal of this 
hydron is the rate-limiting step in these enzymatic 
reactions,261 it is also surprising that it can occur at 
all if this is the mechanism. 
 There are two serious problems with this 
mechanism. First, the adduct between the amino 
group on the substrate and the 3,5-dihydro-
5-methylidene-4H-imidazol-4-one (Equation 2-79) 
turns the primary ammonio group into a secondary 
ammonio group. If anything, the resulting primary 
amine that would become the leaving group should 
be a poorer leaving group than ammonia itself 
because the resulting electron donation by hyper-
conjugation should increase the pKa of its conjugate 
acid relative to that of the conjugate acid of ammonia. 
Second, this adduct places an additional saturated 
carbon between the imidazolone and the b carbon 
of the substrate in the adduct, so there is no way 
that the adduct with the amino group can solve the 
fundamental problem of the reaction, which is the 
extremely poor acidity of the b carbon (pKa @ 43 in 
¬-phenylalanine and even greater in ¬-tyrosine).271 
There are no bases in an active site that are capable 
of removing a hydron from an acid with such a pKa 
without some mechanism for lowering its pKa dra-
matically. 
 
 There is another mechanism, however, that 
avoids the former problem by avoiding an adduct 
with the amino group of the substrate and solves 
the latter problem by directly acidifying the 
b  carbon.9,272 This acidification is accomplished by 

withdrawing electron density from the s bond 
between it and its hydron, much as pyridoxal 
5¢-phosphate does with a s bond between the 
a carbon and its hydron in the external pyridox-
imine and as thiamine diphosphate does with a 
s bond between a carbonyl carbon and a hydron, an 
even poorer acid. This other mechanism also explains 
why the only substrates for the enzymes that use 
3,5-dihydro-5-methylidene-4H-imidazol-4-one as a 
prosthetic group are the three aromatic amino acids. 
 In this mechanism, the 3,5-dihydro-5-methyli-
dene-4H-imidazol-4-one, as already noted a strong 
electrophile, participates in an electrophilic aromatic 
addition to the imidazolyl group, the phenyl group, 
or the 4-hydroxyphenyl group of the respective 
substrate to produce an a,b-unsaturated iminium 
or a pentadienyl cation, respectively. For example, in 
the active site of histidine ammonia-lyase, adduct 
2-39 would result from the electrophilic addition of 
the 3,5-dihydro-5-methylidene-4H-imidazol-4-one to 
the aromatic imidazolyl group of ¬-histidine 

                  (2-80) 

which is analogous to the electrophilic addition of 
NAD+ to urocanate (previously Equation 1-85) 
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  (2-81) 

during the reaction catalyzed by urocanate hydratase. 
During the addition of the 3,5-dihydro-5-methyli-
dene-4H-imidazol-4-one to the imidazolyl group 
(Equation 2-80), the aromatic p system of the imid-
azolyl group is lost but the 3,5-dihydro-5-methyli-
dene-4H-imidazol-4-one has become aromatic in 
compensation. The homologous adducts of ¬-phenyl-
alanine (2-40) and ¬-tyrosine (2-41) 

 

each create a pentadienyl cation in conjugation 
with the s bond of the respective b hydron. Elec-
tron withdrawal by the a,b-unsaturated iminium 
(Equation 2-80) or the pentadienyl cation acidifies 
the b carbon, which permits the oxidophenyl group 
of the tyrosine in the active site to remove its hydron. 
Following the removal of the b hydron, the electron 
excess in the resulting b,g-unsaturated enamine or 
the 1,3,5-hexatriene that incorporates the b carbon 
is able to provide push to assist in the dissociation 
of the ammonia, just as an enolate provides push 
during an elimination. There is experimental evi-
dence for such a mechanism. 
 When ¬-[b,b,5-2H3]histidine was used as a reac-
tant with histidine ammonia-lyase (Equation 2-72) 
from P. fluorescens in 1H2O for 24 h at pH 9 and 
25 ªC, 45% of the deuterium at carbon 5 in the 
product urocanate had been exchanged for pro-
tium.273 This isotopic exchange is evidence for the 
existence of the covalent intermediate 2-39. In in-
termediate 2-39 both the hydron on the b carbon 
of the histidine, the usual target, and the hydron on 

carbon 5, which are each equivalently placed g to 
the iminio group on nitrogen t (Equation 2-72) and 
conjugated to it, become acidic. The acidity at the 
b carbon initiates the elimination; the acidity at 
carbon 5 is adventitious but unavoidable and an 
unexpected signature for the intermediate. In the 
adduct between the a-amino group of ¬-histidine 
and 3,5-dihydro-5-methylidene-4H-imidazol-4-one, 
the hydrogen on carbon 5 would not be acidic. One 
problem with this explanation for the observed iso-
topic exchange is that the conjugate base of the 
dissociation of a hydron at carbon 5 in intermedi-
ate 2-39 should be the stable bisaromatic product 
of an electrophilic aromatic substitution, and such 
a product should inactivate the enzyme. The active 
site, however, appears to be able to distort sterically 
the 3,5-dihydro-5-methylidene-4H-imidazol-4-one 
out of planarity at nitrogen 3,274 an ability that may 
destabilize the aromatic form of the imidazolone 
whenever the imidazolyl group or the phenyl group 
reverts to its aromatic form by loss of the homologous 
hydron while in the adduct. 
 When the serine in the sequence -ASG- in the 
active site of phenylalanine ammonia-lyase from 
P. crispum that becomes 3,5-dihydro-5-methyli-
dene-4H-imidazol-4-one during the posttransla-
tional modification (Equation 2-78) is mutated to 
an alanine, the 3,5-dihydro-5-methylidene-4H-imid-
azol-4-one cannot form. The catalytic constant for 
the production of trans-cinnamate from ¬-phenyl-
alanine (Equation 2-73) has decreased by a factor 
of 5000 in the mutant. The wild-type enzyme is able 
to convert 4-nitro-¬-phenylalanine to 4-nitro-trans-
cinnamate, but with a catalytic constant one-third 
that for the conversion of ¬-phenylalanine to trans-
cinnamate. The mutant, however, has a catalytic 
constant for the same reaction that is 70 times the 
catalytic constant for its conversion of ¬-phenyl-
alanine,8 so the mutation has decreased the conver-
sion of 4-nitro-¬-phenylalanine to 4-nitro-trans-
cinnamate by only a factor of 20. The 4-nitro group, 
as usual, accomplishes electron withdrawal from 
carbon 1 of the phenyl group, just as 3,5-dihydro-
5-methylidene-4H-imidazol-4-one does in electro-
philic adduct 2-40, so the production of 4-nitro-
trans-cinnamate should be much less affected by 
the ablation of the 3,5-dihydro-5-methylidene-
4H-imidazol-4-one than the production of trans-
cinnamate, as is observed. 
 There are crystallographic molecular models 
of a complex between trans-cinnamate and phe-
nylalanine ammonia-lyase (Equation 2-73) from 
Anabaena variabilis;275 complexes between trans-

N
N

H
H

H

N

O
N

H:
H
H

H
(

O–O

N

O

N

H
N

N

H
H

H

(
H

H

H
:

O–O

1

H H

H

N
N H

H H

COO–+H3N

N
OH

CH3

–O

H

(

H H

H

N
N H

O

H H

COO–+H3N

N
OH

CH3

–O

HH

(2 – 40                                    2 – 41

6
5

4
3

2
1



Flavin 
 

209 

cinnamate and two phenylalanine aminomutases 
(¬-b-phenylalanine forming) (Equation 2-76), one 
from T. wallichiana253 and one from Taxus cana-
densis;276 and complexes between both trans-cinna-
mate and trans-4-hydroxycinnamate and tyrosine 
ammonia-lyase (Equation 2-74) from R. sphae-
roides.252 The ligands are either substrates for the 
respective enzymes or intermediates in the respec-
tive enzymatic reactions. In each of these crystallo-
graphic molecular models the distal methylene 
carbon of the 3,5-dihydro-5-methylidene-4H-imid-
azol-4-one sits between one of the ortho carbons 
of the respective phenyl ring and the b  carbon of 
the substrate, from which the amino group would 
have been removed. In two of the instances, the 
distal methylene carbon is within van der Waals 
contact (<0.39 nm) of the ortho carbon, as it should 
be if intermediate 2-40 is involved in the reaction, 
and in the others, it is less than 0.5 nm away. 
 There is also a model reaction277 for the pro-
posed mechanism 

                  (2-82) 

The elimination of the 4-dimethylamino group that 
is observed in this reaction is believed to proceed 
by intramolecular nucleophilic addition of the 
p system of the phenyl group to the electrophilic 
carbon in an aluminum trichloride adduct of a 
3-oxoprop-1-en-2-yl group (arrows in Equation 2-82). 
This addition produces a pentadienyl cation in the 
phenyl ring, stabilized by a p-methoxy group and 
immediately adjacent to a carbon–hydrogen bond 
that the cation causes to be acidic. The dissociation 

of the hydron in this exocyclic carbon–hydrogen 
bond initiates the observed elimination of dimethyl-
amine. If this is the mechanism of the elimination, 
then this reaction is a mimic for the proposed 
mechanism for the enzymes that involves electro-
philic additions of the 3,5-dihydro-5-methylidene-
4H-imidazol-4-ones to the respective aromatic 
substrates. 

Suggested Reading 

Schwede, T. F., Retey, J., and Schulz, G. E. (1999) 
Crystal structure of histidine ammonia-lyase 
revealing a novel polypeptide modification as 
the catalytic electrophile, Biochemistry 38, 
5355–5361. https://doi.org/10.1021/bi982929q 
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The various flavins have, as their catalytically active 
portion, a 7,8-dimethylisoalloxazine substituted at 
nitrogen 10 

 

The substitution at nitrogen 10 is what distinguishes 
the various flavins: flavin adenine dinucleotide 
(FAD), flavin mononucleotide (FMN), and riboflavin. 
Although there are a number of instances, including 
a family of monooxygenases (EC 1.14.14), in which 
a flavin participates in an enzymatic reaction as a 
coenzyme,278,279 flavins are usually either covalently 
or noncovalently incorporated as prosthetic groups 
into enzymes and remain bound tightly to the protein 
during the association of reactants and the dissoci-
ation of products. 
 When it is covalently attached to a protein, the 
bond to the 7,8-dimethylisoalloxazine is usually 
between the carbon of the 8-methyl group and a 
nucleophilic amino acid such as histidine,280 cyste-
ine,281 or aspartate.282 This presumably results283 from 
a nucleophilic attack on the vinylogous a,b-unsatu-
rated imine present in tautomer 2-43 of the conjugate 
acid of oxidized flavin (2-42) 
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                  (2-83) 

The addition is catalyzed by the active site of the 
enzyme itself, but there are proteins in the cyto-
plasm that can accelerate the addition.284 
 If the cysteine in sarcosine oxidase (formalde-
hyde-forming) from Bacillus to which flavin adenine 
dinucleotide would normally be covalently attached 
is replaced with alanine, the enzyme binds flavin 
adenine dinucleotide weakly; and it has to be added 
to the solution at fairly high concentration for enzy-
matic activity to be observed.285 In enzymes in 
which it is not covalently attached, however, flavin 
is tightly bound to preclude its loss. 
 Because flavin is either covalently bound or 
very tightly bound to a protein and also has a bright 
yellow color in its oxidized state (2-42), which is 
usually its oxidation state after the specimen is 
homogenized, a protein with bound flavin can be 
purified simply by monitoring this color. The absorp-
tion spectrum of such a protein can be used to 
demonstrate that it has the prosthetic group bound 
to it, and this spectrum designates the protein as a 
flavoprotein or flavoenzyme. These terms are some-
times used to designate a protein before its specific 
function has been determined and a proper descrip-
tive name has been assigned to it. An example would 
be "old yellow enzyme". 
 
 There are three stable oxidation states of flavin 
that differ sequentially by two one-electron steps 
(Figure 2-9).286-289 
 Neutral, oxidized flavin (2-42; HFlox, Figure 2-9) 
is the most electron-deficient form occurring naturally. 
It contains 18 p electrons in a p molecular orbital 
system with 16 p molecular orbitals constructed from 
16 p orbitals. When it is completely unhydronated as 
the anion (Flox

-, Figure 2-9) at high pH, it has seven 

s lone pairs of electrons available for hydronation, 
giving the monohydronated and dihydronated iso-
alloxazine ample opportunity for tautomerization. 
In the abbreviations that follow, it will be assumed 
that the only completely unhydronated form of flavin 
present under normal circumstances is this anion, 
and the number of hydrons in each abbreviation, 
for example, HFlox, will be based on this designation. 
Neutral, oxidized flavin mononucleotide (FMN) in 
solution has a characteristic absorption spectrum 
(Figure 2-10)290-294 with a maximum absorbance at 
446 nm that gives the oxidized flavin its yellow color 
and a second maximum absorbance at 372 nm. The 
absorption centered at 446 nm is composed of at 
least three peaks of absorption that often become 
even more obvious when flavin is bound in the active 
site of an enzyme. 
 The addition of an electron to the neutral, 
monohydronated form of oxidized flavin (HFlox, 
Figure 2-9) forms the radical anion (HFl· -). At neutral 
pH, the radical anion takes up a hydron (pKa of the 
conjugate acid is 8.3) to become the neutral radical 
(H2Fl· , Figure 2-9). A flavin semiquinone is a flavin 
radical. The three normally accessible hydronation 
states are the radical anion, HFl· -, the neutral radical, 
H2Fl· , and the radical cation, H3Fl· + (Figure 2-9). In 
each of these three states of hydronation for the 
flavin semiquinone, however, because the hydrons 
are added or removed from s lone pairs of electrons 
orthogonal to the p molecular orbital system, if the 
molecule is fully conjugated, there are formally 
19 p electrons in a p molecular orbital system con-
structed from 16 p orbitals regardless of its state of 
hydronation. In its neutral form, two of the seven 
s lone pairs of electrons on its heteroatoms are 
occupied by hydrons. The resonance form of the 
flavin semiquinone, HnFl· , presented in Figure 2-9 is 
based on its calculated distribution of spin density,295 
which is confined in large part to nitrogen 5 and 
carbon 4a 
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Figure 2-9: The three oxidation states of flavin and the 
normally accessible conjugate acids and bases at each oxidation 
state.286-289 Three conjugate acid–bases of fully oxidized flavin 
are presented on the top row with their abbreviations and the 
characteristic maxima in their ultraviolet and visible spectra. 
Addition of one electron produces the semiquinone, which is a 
radical (middle row). The most unusual of the three conjugate 
acid–bases of the semiquinone is the blue neutral radical 
(lmax = 570 nm). In forming this radical (H2Fl·) directly from  

the cationic oxidized flavin (H2Flox+), the two nitrogens switch 
basicity and, following a rearrangement of the hydrons, the 
neutral radical is the opposite tautomer.289 Addition of a 
second electron produces fully reduced flavin (bottom row), 
three conjugate acid–bases of which are presented. The 
addition of each electron, as expected, increases the basicity of 
the acid–base to which the electron was added, hence the 
diagonal arrows for the additions of electrons. 
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Figure 2-10: Absorption spectra of the five forms of flavin that 
predominate in the midrange of pH. The extinction coefficient 
of the spectrum for the neutral, oxidized form of flavin mono-
nucleotide (FMN)292 (lmax = 446 nm; e446 = 12,200 M-1 cm-1)291 
was used to scale each of the other spectra because each of 
these other published spectra had a spectrum of neutral 
oxidized flavin accompanying it. It was assumed that the 
extinction coefficient of neutral oxidized flavin in an active site 
was the same as in solution. The spectra292 for the neutral 
reduced form of flavin mononucleotide (FMNH2) and the 
anionic conjugate base of flavin mononucleotide (FMNH-) 
have no pronounced maxima of absorbance in the visible 
range. The spectrum2608 for the neutral flavin semiquinone 
 
 
 
 Because of the rapid disproportionation that 
occurs in solution, the absorption spectra of neutral 
flavin semiquinone, H2Fl· , and the anionic conjugate 
base of flavin semiquinone, HFl· -, are most readily 
measured in flavoproteins in which these two forms 
are stabilized. The neutral flavin semiquinone stabi-
lized in the flavoprotein from Azotobacter vinelandii 
(Figure 2-10) absorbs light of long wavelength 
(lmax = 575 nm and 617 nm) because of its zwitter-
ionic character (Figure 2-9), and this absorption 
gives it a blue color. The absorption at these long 
wavelengths is lost when either a hydron is added 
to one of the s lone pairs to generate the radical 
cation, H3Fl· +, or a hydron is removed from one of 
the s lone pairs to generate the radical anion, 
HFl· -, neither of which can be zwitterionic. The 
absorption spectrum of the radical anion of flavin 
semiquinone in the active site of ¬-amino-acid oxidase 
from Crotalus adamanteus (Figure 2-10) has maxima 
 

(H2Fl·) was obtained by Professor Beinert by reducing 
completely the oxidized form of the metal-free flavoprotein294 
from A. vinelandii with successive additions of S2O42- at pH 7 
until the reduction was complete. The initial spectrum of the 
oxidized flavoprotein provided the reference for the extinction 
coefficient. The spectrum293 for the anionic conjugate base of 
flavin semiquinone (HFl· -) was obtained by reducing the 
oxidized form of ¬-amino-acid oxidase from C. adamanteus by 
photolysis at pH 7.6 in the presence of 90 mM ethylene-
diaminetetraacetate until the photoreduction was complete. 
Again, the initial spectrum of the oxidized flavoprotein 
provided the reference for the extinction coefficient. 
 
 
 
 
of absorbance at 387 and 483 nm. In some flavo-
enzymes, the peak of absorbance between 350 and 
400 nm for the radical anion splits into a broad 
symmetrical peak around 360 nm and a narrow 
symmetrical peak of lesser extinction coefficient 
around 400 nm.293 These two peaks have coalesced in 
the case of ¬-amino-acid oxidase, and that coalescence 
accounts for the asymmetry in the peak of absorption. 
 The addition of an electron to the neutral, dihy-
dronated, zwitterionic flavin semiquinone (H2Fl· , 
Figure 2-9) forms the reduced flavin anion (H2Flred

-
, 

Figure 2-9). The 7,8-dimethylisoalloxazine that 
constitutes neutral, trihydronated reduced flavin 
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is conveniently divided in the middle along the 
axis of nitrogen 5 and nitrogen 10 into N-alkyl-
1,2-diamino-4,5-dimethylbenzene 

 

and N6-alkyl-5,6-diaminouracil 

 

In this gedanken dissection, reduced flavin is de-
scribed as a chimera of a dianiline and the substituted 
base of a nucleic acid. In neutral reduced flavin 
(2-45), the lone pair of electrons on nitrogen 10 is 
conjugated to both the dimethylphenyl group, 
2-46, and the uracilyl group, 2-47, and conse-
quently is not basic, while the lone pair of electrons 
on nitrogen 5 is only conjugated to the dimethyl-
phenyl group and not the uracilyl group, and it is 
weakly basic (the pKa of its conjugate acid is 0.8; 
Figure 2-9).* 
 The pKa of neutral reduced flavin for dissocia-
tion of the hydron from nitrogen 1 is 6.4, so when 
it is in solution at pH 7, reduced flavin is an equilib-
rium 3:1 mixture of the anion, H2Flred

-, and the 
neutral molecule, H3Flred. In the active sites of an 
enzyme, however, the usual form of reduced flavin 
is H2Flred

-. Consequently, within the active site of 
an enzyme, when neutral, oxidized flavin, HFlox, is 
reduced by two electrons to reduced flavin anion, 
H2Flred

-, only one hydron usually has to be supplied 
by an acid in that active site, and in the reverse di-
rection, only one hydron must be removed by the 
conjugate base of that acid. In the anionic form of 
the reduced flavin, as in any anion of an amide, the 
greatest density of negative charge is located on the 
oxygen on carbon 2 (H2Flred

-, Figure 2-9) because 
of the disparity of electronegativity between the 
oxgen and the nitrogen. 

                                                
*The pKa of nitrogen 5 is still significantly less than that of 
2-amino-4,5-dimethylaniline (pKa of its monocationic conjugate 
acid is predicted to be 5). Presumably the low pKa of nitrogen 5 
results from s electron withdrawal by the 5,6-diaminouracil.  

 Both the absorbance of neutral reduced flavin 
mononucleotide and the absorbance of its anionic 
conjugate base decrease monotonically between 
320 and 500 nm with hints of peaks of absorbance 
at around 420 and 350 nm, respectively (Figure 2-10). 
Consequently, for flavins and flavoenzymes, there 
is an almost complete loss of absorbance at around 
450 nm when oxidized flavin becomes reduced flavin. 
 Whether these three oxidation states of flavin, 
in the absence of steric effects, are normally planar 
or bent is unclear. Neutral reduced flavin (H3Flred, 
2-45), if it is fully conjugated, has 20 p electrons in 
a p molecular orbital system constructed from 
16 p orbitals. This unusually electron-rich p  molec-
ular orbital system is so electron-rich that it may 
well crack in half along its central axis. One way to 
relieve the pressure of the electron density would 
be to bend the molecule along an axis between 
nitrogen 5 and nitrogen 10. This bending would 
cause the hybridization on these two nitrogens to 
become [sp3, sp3, sp3, sp3] and allow them each to 
confine a pair of those 20 electrons as a s lone pair 
and decrease the number of p electrons to 16. This 
bending would split the p molecular orbital system 
into two halves—the diaminodimethylbenzene and 
the diaminouracil. For this splitting to happen, the 
planes of these two rings must meet at an angle. Ab 
initio molecular orbital calculations predict that in 
reduced flavin this angle should be around 150ª,296 
but the barrier between this bent conformation and 
a planar conformation should be a small one.297 
 The available crystallographic molecular models 
of reduced isoalloxazines, when they are not in 
enzymes, show various departures from planarity, 
but these departures seem to be due to steric effects, 
not electronic effects.298-300 Nuclear magnetic reso-
nance spectra of reduced flavins with no steric 
complications, in both nonpolar and polar solvents, 
indicate that these molecules are planar.301 A planar 
stereochemistry would also be consistent with the 
acid–base behavior of the two nitrogens on the 
1,2-diaminobenzene (pKa1 = 1.3 and pKa2 = 4.5), which 
are considerably less basic than those in 1,2-diamino-
ethane (pKa1 = 7.5 and pKa2 = 10.0). This fact indi-
cates that the two nitrogens in a diaminobenzene, 
and presumably reduced flavin as well, have p lone 
pairs of electrons rather than s lone pairs of electrons 
and are themselves planar. Furthermore, the exo-
cyclic nitrogens of nucleic acid bases, such as 
6-aminouracil, are usually planar. The particularly 
low pKa (pKa = 0.8) for nitrogen 5 of reduced flavin 
(Figure 2-9), which is considerably lower than that 
for the conjugate acid of aniline (pKa = 4.6), cannot 
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be mistaken for the pKa of a tetrahedral nitrogen 
(pKa = 10) and more closely resembles the values of 
pKa for the exocyclic nitrogens in nucleic acid bases. 
All these considerations indicate that, in solution, 
in spite of the calculations, reduced flavin seems to 
have a planar 7,8-dimethylisoalloxazine. 
 Oxidized flavin (HFlox) is generally assumed to 
be completely planar, owing to the conjugation 
that connects every atom in the three rings. This 
conclusion is usually based on the crystallographic 
molecular models of several 10-alkylisoalloxazines, 
which are perfectly planar.302 Most of these ana-
logues, however, have been cocrystallized with 
naphthalene-2,3-diol,302-304 which sandwiches the 
isoalloxazines in the crystal and could thereby force 
them to be planar even if they were not already 
planar. Therefore, the distinction that is usually 
made between rigidly planar oxidized flavin and 
flexible, easily bent reduced flavin may not be so 
clear-cut as has been assumed, and it is probably 
not the case that constraining the flavin to one 
geometry can affect its reduction potential. The 
nature of the acid–bases around the flavin is prob-
ably far more important.305 
 In the crystallographic molecular models of 
flavoproteins, the prosthetic 7,8-dimethylisoallox-
azines are planar (Figure 2-11),306-311 slightly twisted 
(Figure 2-12),312-315 or bent (Figure 2-13),316 some-
times almost as extensively (155ª) as predicted in the 
molecular orbital calculations.317 The one consistent 
feature is that the 7,8-dimethylisoalloxazines are 
tightly surrounded by side chains and the main 
chain of the protein that hold them in a rigid 
grip317,318 and prevent each of them from changing 
its conformation upon reduction or oxidation.319 
This rigid grip is in marked contrast to how loosely 
the pyridinium ring of pyridoxal 5¢-phosphate, which 
must reorient during catalysis, is usually held within 
the active sites of enzymes that use it as a prosthetic 
group. 
 
 A reduced molecule and an oxidized molecule, 
such as oxidized flavin and reduced flavin, that 
can be interconverted by subtracting or adding only 
electrons and hydrons are a redox couple. The 
reduction potential, E, of a redox couple under a 
given set of conditions is the voltage it can provide to 
 
 
 
 
 

move electrons when they are electrochemically 
transferred from a standard hydrogen electrode to 
the oxidized molecules of the redox couple to form 
the reduced molecules. The standard hydrogen 
electrode 

           (2-84) 

is an electrode in which diatomic hydrogen gas at 
105 pascals is poised electrochemically at equilibrium 
with two hydrons at pH = 0 in aqueous solution. 
 There are standard electrodes other than a 
standard hydrogen electrode that are easier to 
use in electrochemical measurements, but the 
voltages recorded with these other standard elec-
trodes are usually corrected to voltages that would 
have been observed with a standard hydrogen elec-
trode. For example, a saturated calomel electrode 

        (2-85) 

is a paste of Hg2Cl2 mixed with liquid mercury, and 
the concentration of Hg2Cl2 at saturation is held 
constant by using as a solvent a saturated solution of 
KCl. The voltage of this electrode is +0.241 V relative 
to a standard hydrogen electrode at 25 ªC. 
 A simple example of a redox couple in an 
aqueous solution would be ferricyanide and ferro-
cyanide 

      (2-86) 

The voltage that this redox couple can produce to 
move electrons from molecules of H2 gas at a 
standard hydrogen electrode to reduce ferricyanide 
to ferrocyanide, when the conditions are such that 
the activities of the ferricyanide and ferrocyanide 
are equal, is +360 mV. In general chemistry, in such 
a simple unimolecular oxidation–reduction, the re-
duction potential provided by the redox couple to 
move electrons from the standard hydrogen elec-
trode to a mixture of the two members of the redox 
couple at equal activity at a pH of 0 is the standard 
reduction potential, Eª. 
 
 
  

H2  1  2 H+  +  2 e 
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Figure 2-11: Crystallographic molecular model of the active site of 
reduced glutathione-disulfide reductase from human erythro-
cytes with bound NADH.306 Black atoms are carbons, white atoms 
are oxygens, small gray atoms are nitrogens, and large light gray 
atoms are sulfurs. Crystals of human glutathione-disulfide reduc-
tase were transferred to solutions containing 10 mM NADH in 
0.1 M potassium phosphate at pH 7.0. After 3 h, data sets to Bragg 
spacings of 0.185 nm were collected from these crystals, and the 
map of electron density was calculated by refinement, beginning 
with the phases from the refined data set of the enzyme without 
bound NADH. The stereodrawing50 is from the resulting crystal-
lographic molecular model. The 7,8-dimethylisoalloxazine of the 
flavin, which is planar in this active site, is in the center of the 
drawing, and the nicotinamide ring of the NADH is stacked below 
the flavin. Lysine 67 forms a hydrogen bond with nitrogen 5 of the 
flavin, and Glutamate 202 forms a hydrogen bond with Lysine 67 
with one of its oxygens and a hydrogen bond with the carbamoyl 
nitrogen of the NADH with its other oxygen. The latter hydrogen 
bond can act as a pivot for the carboxy group. The amido nitrogen–
hydrogen of the peptide bond between Leucine 339 and Threo- 

nine 340 and a molecule of water (white sphere) each donate a 
hydrogen bond to the oxygen of the 2-oxo group of the flavin. It is 
at this oxygen that the formal negative elementary charge of the 
monoanion of reduced flavin (H2Flred-) is located (Figure 2-9). 
Cysteine 58 and Cysteine 63 are the internal thiols that are oxidized 
to a disulfide by the enzymatic reaction. The two sulfurs of these 
cysteines are online with carbon 4a of the flavin (vertical thickly 
dashed line). The Histidine 468 in an identical, neighboring 
subunit of the enzyme forms a hydrogen bond to the distal sulfur 
of this pair of cysteines and removes the hydron from this sulfur 
during the oxidation. When the cystine forms, the dihedral angle, 
c3, along the sulfur–sulfur bond310 is -138∞, which is close to -150∞, 
one of the six dihedral angles, 30∞, 90∞, 150∞, -150∞, -90∞, and -30∞, 
at which the two lone pairs and the carbon–sulfur s bonds on each 
of the two sulfurs are as far from being parallel to each other as 
possible.309 The crystallographers note that direct contact between 
nitrogen 5 of the flavin and the hydride of the nicotinamide is 
blocked sterically by the side chain of Lysine 67.311 This steric effect 
may prevent direct transfer of a hydride to nitrogen 5 of the flavin 
from carbon 4 of the NADH. 
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Figure 2-12: Stereodrawing50 of the crystallographic molecular 
model of the active site of ∂-amino-acid oxidase from R. toruloides 
with bound ∂-trifluoroalanine.312 Black atoms are carbons, white 
atoms are oxygens, small gray atoms are nitrogens, and small dark 
gray atoms are fluorines. Crystals of ∂-amino-acid oxidase were 
transferred to solutions containing 10 mM racemic trifluoro-
alanine. After several hours, data sets to Bragg spacings of 0.172 nm 
were collected from these crystals, and the map of electron density 
was calculated by molecular replacement and refinement. The 
stereodrawing50 is from the resulting crystallographic molecular 
model. The 7,8-dimethylisoalloxazine of the flavin, which is slightly 
twisted in this active site, is in the center of the drawing. The   

hydrogen on carbon 2 of the ∂-trifluoroalanine, which is bound 
selectively by the enzyme and which is above the isoalloxazine in 
the drawing, is directed toward nitrogen 5 of the isoalloxazine. The 
amido nitrogen–hydrogen of the peptide bond between Alanine 51 
and Glycine 52 (below the isoalloxazine) is the donor for a 
hydrogen bond to nitrogen 5 of the flavin. The amido nitrogen–
hydrogen of the peptide bond between Glycine 337 and 
Tyrosine 338 and the amido nitrogen–hydrogen of the peptide 
bond between Tyrosine 338 and Glutamine 339 each donate a 
hydrogen bond to the oxygen of the 2-oxo group of the flavin. It is 
at this oxygen that the negative formal elementary charge of the 
monoanion of reduced flavin (H2Flred-) is located (Figure 2-9). 
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Figure 2-13: Crystallographic molecular model of the active site of 
porcine mitochondrial acyl-CoA dehydrogenase with bound 
octanoyl-SCoA.316 Black atoms are carbons, white atoms are 
oxygens, small gray atoms are nitrogens, and the large light 
gray atom is a sulfur. Crystals of acyl-CoA dehydrogenase were 
grown over a period of a month in an anaerobic solution con-
taining a concentration of octanoyl-SCoA equimolar to the concen-
tration of active sites. Data sets to Bragg spacings of 0.24 nm were 
collected from these crystals, and the map of electron density was 
calculated by refinement, beginning with the phases from the 
refined data set of the enzyme without bound octanoyl-SCoA. The 
stereodrawing50 is from the resulting crystallographic molecular 
model. The 7,8-dimethylisoalloxazine of the flavin, which is bent in  

this active site, is in the left center of the drawing. The pro-S hydro-
gen on carbon 3 of the octanoyl group of the octanoyl-SCoA, which 
is to the left of the isoalloxazine in the drawing, is directed toward 
nitrogen 5. Only the octanoyl group of the octanoyl-SCoA is shown. 
The oxygen–hydrogen of Threonine 168 is the donor of a hydrogen 
bond to nitrogen 5 of the flavin. The amido nitrogen–hydrogen of 
the peptide bond between Cysteine 134 and Valine 135 and the 
oxygen–hydrogen of Threonine 136 in the segment of polypeptide 
at the bottom of the drawing each donate a hydrogen bond to the 
oxygen of the 2-oxo group of the flavin. It is at this oxygen that the 
negative formal elementary charge of the monoanion of reduced 
flavin (H2Flred-) is located (Figure 2-9). 
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 For biochemical reactions, however, the pH 
chosen for the standard state of the redox couple is 
7.0. By convention, the standard pH for Eª, the 
chemical standard reduction potential, is pH 0, and 
the standard pH for Eª¢, the biochemical standard 
reduction potential, is pH 7. The standard hydro-
gen electrode, however, is always poised at a pH of 
0. When standard reduction potentials of either 
type are stated, the chemical equation for the redox 
couple to which they refer is the one in which the 
oxidized species is the reactant and the reduced 
species is the product. 
 The more positive the reduction potential, the 
easier it is to reduce the oxidized molecules of the 
redox couple and the harder it is to oxidize the 
reduced molecules. Electrons move spontaneously 
from redox couples that have more negative reduc-
tion potential to redox couples that have more posi-
tive reduction potential when the redox couples 
are electrochemically connected. For example, the 
biochemical standard reduction potential for the 
redox couple of oxidized flavin and flavin semi-
quinone anion (Figure 2-9) 

          (2-87) 

is -340 mV,288 and the biochemical standard reduc-
tion potential of ferricyanide is +0.440 V. Therefore, 
in the following complete stoichiometric chemical 
reaction 

  
                   (2-88) 

if reactants and products could be present at equal 
activity, the electron would move spontaneously 
from the redox couple with a biochemical standard 
reduction potential of -340 mV to the redox couple 
with a biochemical standard reduction potential of 
+440 mV, and this reaction would be favorable 

when proceeding from left to right. If these redox 
couples were separated into two compartments, 
both at pH 7, and connected electrochemically, a 
voltage of 780 mV moving electrons from flavin 
semiquinone anion to ferricyanide would be gener-
ated between the two compartments if the oxidized 
flavin and the flavin semiquinone anion could be 
present at their respective standard states. 
 The free energy change of an oxidation–
reduction under a particular set of conditions other 
than standard state, DG , is related to the reduction 
potentials of the two redox couples under those 
same conditions by the equation 

              (2-89) 

where n is the number of electrons transferred 
from reductant to oxidant for the stoichiometric 
reaction as written, F is the Faraday constant 
(96,485 J V-1 mol-1), and  

          (2-90) 

where Er,ox/p,red is the reduction potential for the 
redox couple of the oxidized reactant that is being 
reduced and the reduced product that is the result 
of that reduction and Ep,ox/r,red is the reduction 
potential for the redox couple of the reduced reactant 
that is being oxidized and the oxidized product that 
is the result of that oxidation. The designations of 
reactant and product are defined by the chemical 
equation as it is written, reactants on the left and 
products on the right, and the numerical values of 
E are the reduction potentials of the two redox 
couples under the particular conditions of the reac-
tion. The more positive the difference between the 
reduction potentials of the two redox couples, the 
more negative is the change in free energy for the 
oxidation–reduction. In this case, net free energy is 
released during the reaction, and the reaction will 
proceed in the direction written. Under the same 
given conditions, however, if the difference in the 
reduction potentials is negative and the change in 
free energy is positive, the reaction will necessarily 
proceed in the direction opposite to that in which it 
is written. 
 The reduction potential, E, varies, just as does 
the free energy, with the respective concentrations 
of the two molecules of the redox couple. As the 
concentration of oxidized species is increased, the 
pair becomes easier to reduce, and contrariwise. 
Quantitatively 
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        (2-91) 

where gred and gox are the activity coefficients of the 
reduced and oxidized species, respectively, and 
[reduced] and [oxidized] are their respective molar 
concentrations. It follows from Equations 2-89 and 
2-91 that 

             (2-92) 

where DGª is the change in standard free energy 
when reactants and products are at standard state. 
 
 The pH of the solution has a significant effect 
on the reduction potential of a redox couple that 
has acidic or basic positions in its structure. When 
a flavin is free in solution, its reduction potentials 
change dramatically and predictably as the pH of 
the solution is changed. When a flavin is tightly 
bound as a prosthetic group in the active site of an 
enzyme, its reduction potentials are less affected by 
the pH of the solution because its acidic and basic 
positions are usually participating in hydrogen bonds 
with side chains of the amino acids and are insulated 
from the solution. Nevertheless, to understand the 
effects of these donors and acceptors for hydrogen 
bonds on the reduction potentials of the flavin, it is 
necessary to understand of the effects of pH on the 
same flavin when it is free in solution. Initially, the 
effect of pH on the reduction potential of a simple 
redox couple is discussed, then the effect of pH on 
the reduction potential of flavin, and finally the 
effect of the donors and acceptors for hydrogen 
bonds on the reduction potential of flavin in an active 
site. 
 In most situations, the addition of one or more 
electrons to the oxidized molecule of a redox couple 
dramatically changes the pKa of the lone pairs of 
electrons in the molecule and causes the reduced 
molecule to be more basic. For example, the addition 
of an electron to the neutral form of oxidized flavin 
(HFlox) to form the radical anion (HFl· -) raises the 
macroscopic pKa of its conjugate acid from 0.2 to 8.4 
(Figure 2-9) because, with the additional electron, 
the flavin becomes more electron-rich and more 
basic and the hydron in the conjugate acid is held 
more tightly. In fact, the addition of the electron to 
a molecule and the dissociation constant of one of 
its hydrons are linked. For example, in the case of 
the reduction of oxidized flavin to the semiquinone 

and the dissociation of hydrons from reactant and 
product 

  (2-93) 

where Ka1,ox and Ka2,sq are acid dissociation constants 
(Figure 2-9) and Eª¢ox/sq,H2Flox

+ and Eª¢ox/sq,HFlox are 
biochemical standard reduction potentials. The 
linkage is through the standard free energies 

      
                  (2-94) 

 It follows from this linkage relationship that 
just as the addition of an electron increases the 
pKa of the conjugate acid by increasing the total 
electron density of the molecule, the addition of a 
hydron increases the standard reduction potential 
of the redox couple by making the oxidized form 
more electropositive. For example, hydronation of 
neutral oxidized flavin to form the cation (H2Flox

+) 
makes it easier to reduce in a one-electron reaction 
by +480 mV. For this reason, the nature of the acids 
that provide donors for hydrogen bonds to the 
s lone pairs around the flavin when it is in the active 
site of an enzyme have a significant effect on the 
reduction potentials of the redox couple of oxidized 
flavin and flavin semiquinone and of the redox 
couple of flavin semiquinone and reduced flavin 
for an electron. 
 Frequently when one or more electrons are 
added to a molecule with s lone pairs of electrons, 
the resulting increase in its basicity causes it to take 
up hydrons immediately. How many hydrons are 
taken up depends on the pH of the solution and the 
resulting changes in the values of pKa for the molecule 
(Equation 2-94). In turn, the number of hydrons 
actually taken up, which is determined by the pH of 
the solution, affects the reduction potential. 
 Under any particular set of circumstances, a 
midpoint reduction potential, Em, of a redox couple 
can be defined as the potential measured when the 
total molar concentration of reduced participant, 
[reduced]t, in all its ionization states and tauto-
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mers, is equal to the total molar concentration of 
oxidized participant, [oxidized]t, in all its ionization 
states and tautomers, and the conditions are such 
that the activity coefficients cancel, usually because 
the concentrations of the reactants are small. By 
this definition 

            (2-95) 

where E is the reduction potential of the solution. 
This equation should be compared with Equation 
2-91. One difference is that the conditions are those 
of the solution at hand rather than standard state. 
Another difference is that the various tautomers 
and states of hydronation for the two participants 
in the redox couple are ignored, and only the total 
concentrations of the two participants are measured. 
 A simple example of the effect of pH on the 
midpoint reduction potential of a redox couple is 
encountered in the two-electron reduction of anthra-
quinone-2-sulfonate 

   
                  (2-96) 

The addition of two electrons to the monoanionic 
quinone to form the quinolate trianion raises the 
values of pKa for the conjugate acids of the s lone 
pairs of electrons on the two oxygens from below 0 
to pKa1 = 8.0 and pKa2 = 11.3 for the first and second 
dissociations from the quinol, respectively320 

   
                  (2-97) 

 It is easily shown that  

      
                  (2-98) 

where [Qred
3-] is the concentration of the quinolate 

trianion and [Qred]t is the total concentration of 
quinol in the trianionic, dianionic, and monoanionic 
forms. Because the concentration of the neutral 
conjugate acid of the sulfonato group is negligible 
at normal values of pH, it is not included in the 
equation. The redox couple of the monoanion of the 
quinone and the trianion of the quinol (Equation 
2-96) has a chemical standard reduction potential, 
Eª, of -380 mV.320 This value of reduction potential 
is invariant with pH because no hydrons are involved 
when the monoanion of the quinone is reduced by 
two electrons to the trianion of the quinol. Therefore, 
at any pH, the observed reduction potential, E, will 
be equal to  

           (2-99) 

if gred/gox is assumed to be 1. Because the quinone 
is not a base within the range of pH considered, 
[Qox

-] = [Qox]t  
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                (2-100) 

By definition (Equation 2-95), when [Qred]t/[Qox]t = 1, 
E = Em. Therefore, 

  
                (2-101) 

Equation 2-101 describes the actual behavior, as a 
function of the pH, of the midpoint reduction poten-
tial of anthraquinone-1-sulfonate (Figure 2-14).320 
 When pH > pKa2 so that [H+] < Ka2 

              (2-102) 

because only the quinolate trianion is present. 
 When pKa2 > pH > pKa1 so that Ka2 < [H+] < Ka1 

      (2-103) 

Because  

 
                (2-104) 

at 25 ªC, the slope of the line in this region (dashed 
line in Figure 2-14) should be -29.6 mV (unit of pH)-1 
as is observed. 
 When pKa1 > pH so that Ka1 < [H+]  

 
                (2-105) 

 
 

 
 
Figure 2-14: Midpoint reduction potential, Em, of anthroqui-
none-2-sulfonate as a function of pH.320 A 3 mM solution of 
the quinone at the desired pH was titrated with the strong 
reducing agent sodium hydrosulfite. The reduction potential of 
the solution was monitored directly with a platinum electrode 
after each addition. The solution was connected by a salt 
bridge to a calomel electrode to complete the circuit. The 
measured potential at the point at which half of the quinone 
had been reduced, determined by the direct titration, was 
taken as the midpoint reduction potential at that pH. These 
potentials are plotted in the figure as a function of pH. The 
solution also contained a hydrogen electrode that was used to 
calibrate the readings. The three dashed lines of increasing 
negative slope from right to left are the lines generated by 
Equations 2-102, 2-103, and 2-105, respectively, and the two 
values of pKa are at the intersections of these lines, as indicated 
by the two vertical dashed lines.320 
 
 
 
and the slope of the line in this region (dashed line 
in Figure 2-14) should be -59.2 mV (unit of pH)-1 
as is observed. 
 By solving mathematically for the intersection 
of the functions described by Equations 2-102 and 
2-103 and the intersection of the functions described 
by Equations 2-103 and 2-105, it can be shown that 
these two intersections occur when pH = pKa2 and 
pH = pKa1, respectively (vertical dashed lines in 
Figure 2-14). 
 At values of pH greater than pKa2, the midpoint 
reduction potential of the reaction is invariant with 
pH because it involves no hydron uptake (Equa-
tion 2-96). At values of pH less than pKa1, the reaction 
involves the stoichiometric uptake of two hydrons 
for every two electrons 
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                (2-106) 

and the slope of the midpoint reduction potential 
reflects this stoichiometry. At values of pH between 
the two values of pKa, the reaction involves the up-
take of only one hydron for every two electrons and 
the slope is half the value that it has at values of pH 
less than pKa1. 
 Unfortunately, the tabulated standard reduction 
potentials for most redox couples are for the sum 
of uptake of both electrons and hydrons as well as 
any subsequent chemical transformations at standard 
state. This causes the tabulated standard reduction 
potentials to be much more complicated, harder to 
understand, and difficult to correct. For example, 
the chemical equation for the tabulated reduction 
of sulfite, which is the reaction catalyzed by sulfite 
reductase 

   (2-107) 

is the reaction as written at standard state. In this 
instance, standard state is equimolar sulfurous acid 
and hydrogen sulfide at an activity of hydrons of 
unity (pH = 0). Corrections for both the actual pH 
of the solution and for the ionization of the reac-
tant and the product as the pH is adjusted to this 
pH are required to obtain the midpoint reduction 
potential for this redox couple at a particular pH. 
This correction is made somewhat easier in the 
case of standard reduction potentials for biochemical 
reactions, for which the pH of the standard state is 
generally taken to be 7.0. 
 The midpoint reduction potentials for riboflavin 
as a function of pH in solution at 20 ªC (middle 
curve in Figure 2-15)288,321 reflect its various acid 
 
 

dissociation constants (Figure 2-9). For the redox 
couple of oxidized riboflavin and reduced ribofla-
vin, involving transfer of two electrons as was the 
case for the reduction of anthraquinone-2-sulfonate, 
the midpoint reduction potential (Em,ox/red in Fig-
ure 2-15) shows two inflections, one at the pKa of 
oxidized flavin (pKa = 9.85) and one at the pKa of 
reduced flavin (pKa = 6.4). Below pH 6.4 and above 
pH 9.85, two hydrons are taken up for each two 
electrons, and the slope of the function is -59.2 mV 
(unit of pH)-1. When the pH is between the pKa of 
reduced flavin and the pKa of oxidized flavin, only 
one hydron is taken up for every two electrons, and 
the slope of the function is -29.6 mV (unit of pH)-1 
 For the redox couple of oxidized riboflavin and 
riboflavin semiquinone, involving transfer of one 
electron, the midpoint reduction potential (Em,ox/sq in 
Figure 2-15) should show two inflections, one at 
the pKa of the oxidized flavin (9.85) and one at the 
pKa of the flavin semiquinone (8.4). Below pH 8 and 
above pH 10, one hydron is taken up for each electron, 
and the slope of the function is -59.2 mV (unit of 
pH)-1. The values of Em,ox/sq could be measured below 
pH 6 and above pH 10 where the concentration of 
the flavin semiquinone was significant enough to 
be detected, and the slopes of Eapp,ox/sq as a function 
of pH in these regions are -59.2 mV (unit of pH)-1 
as expected. Between the pKa of the flavin semi-
quinone (8.4) and the pKa of oxidized flavin (9.85), 
no hydrons are taken up for each electron, and the 
slope of the function should be zero (horizontal 
dashed line in Figure 2-15). Because the inflection 
of the curve for Em,ox/red is at pH 6.4 and the inflection 
of the curve for Em,ox/sq is at pH 9.85, the concentra-
tion of flavin semiquinone becomes immeasurably 
small relative to the concentrations of reduced and 
oxidized flavin between pH 6 and pH 10, and the 
values of Em,ox/sq could not be established in this 
region. For the redox couple of flavin semiquinone 
and reduced flavin, also involving the transfer of 
one electron, the midpoint reduction potential 
(Em,sq/red in Figure 2-15) should show two inflec-
tions, one at the pKa of flavin semiquinone (8.4) 
and one at the pKa of reduced flavin (pKa = 6.4). 
Again and for the same reasons, the concentrations 
of flavin semiquinone could not be measured in the 
region between pH 6 and pH 10. The two inflec-
tions and the invariant region for the behavior of 
Em,sq/red as a function of pH are indicated by the 
dashed lines (Figure 2-15).  
 
 

O

O

SO3
–

+  2 e–  +  2 H 

+ 1

HO

O

SO3
–

:

:
H

“

“

““
““

H2SO3  +  6 H+  +  6 e 
–  1  3 H2O  +  H2S

E ª = + 350 mV



Flavin 
 

223 

 
 
 
 
 When flavin is in a protein, the midpoint reduc-
tion potential for the two-electron reduction of 
oxidized flavin to reduced flavin, the one-electron 
reduction of oxidized flavin to flavin semiquinone, 
or the one-electron reduction of flavin semiquinone 
to reduced flavin is controlled, in part, by the acid–
bases and the donors and acceptors in hydrogen 
bonds that surround the flavin. The midpoint 
reduction potentials of the flavin within a flavo-
protein or the active site of a flavoenzyme can also 
be measured. A mediator such as methyl viologen 
is added to transfer electrons to and from the flavin 
within the protein and allow the oxidation–
reduction on the active site to come to equilibrium 
with the potential established in the solution. In 
the absence of oxygen, successive portions of a 
strong reductant such as dithionite are added to 
the solution, and, at equilibrium, the total concen-
trations of reduced flavin [Flred]t, flavin radical [Fl· ]t, 
and oxidized flavin [Flox]t are measured spectro-
photometrically. The electrochemical potential of 
the solution at equilibrium, E, is measured either 
with an electrode322-324 or by determining spectro-
photometrically the concentrations of the reduced and 
oxidized forms of a dye of known standard reduction 
potential also present in the solution.325 The respective 
concentrations and potentials that have been meas- 

Figure 2-15: Midpoint reduction potentials of riboflavin as a 
function of pH.288 A 30 mM solution of oxidized riboflavin, 
which was shown to be dilute enough that the dimerization of 
flavin semiquinone was negligible throughout each titration, at 
a given buffered pH and at 20 ªC was flushed with nitrogen in a 
vessel containing a platinum electrode with which the reduc-
tion potential of the solution could be monitored. Measured 
volumes of the strong reductant sodium hydrosulfite were 
added to reduce systematically the riboflavin. The potential of 
the solution was followed as a function of the volume of 
reductant added to produce a titration curve of the reduction at 
the given pH. The complete titration curve was that of a two-
electron reduction, and the final product was reduced riboflavin. 
The midpoint reduction potentials, Em,ox/red, at the half-reduced 
point of each two-electron titration curve are plotted as a 
function of pH (middle curve). In the region below pH 6 and 
the region above pH 10, the midpoint reduction potentials as a 
function of pH displayed linear behavior, and the slope of the 
line in each region was 58 mV (unit of pH)-1 (dashed lines), as 
expected from theory. The shapes of the individual titration 
curves in the regions from pH 2 to pH 6 and from pH 10 to 
pH 13 indicated that significant concentrations of flavin semi-
quinone were present at these values of pH. Each individual 
titration curve in these ranges of pH was fit to a theoretical 
function for the behavior of an equilibrium system of oxidized 
flavin, flavin semiquinone, and reduced flavin to estimate the 
amount of flavin semiquinone present, from which the midpoint 
reduction potential, Em,ox/sq, for the redox couple of oxidized 
flavin and flavin semiquinone (lower lines) and the midpoint 
reduction potential, Em,sq/red, for the redox couple of flavin 
semiquinone and reduced flavin (upper lines) could be 
calculated. These functions are plotted as well. The midpoint 
reduction potential Em,ox/red shows two clear inflections 
between the region of linear behavior below pH 6 and the 
region of linear behavior above pH 10. Between these two 
inflections the slope of the function is 29 mV (unit of pH)-1 
(dashed lines), again as expected. These inflections defined the 
pKa of oxidized flavin (pKa,ox = 9.85) and reduced flavin 
(pKa,red = 6.4). The line of slope 58 mV (unit of pH)-1 below pH 6 
for the midpoint reduction potential Em,sq/red was extrapolated 
(dashed line), and a horizontal dashed line was drawn that 
intersected the line of slope 58 mV (unit of pH)-1 above pH 10 
for the midpoint reduction potential Em,sq/red at pH = 9.85. The 
intersection of these two dashed lines is an estimate of the pKa 
of flavin semiquinone (pKa,sq = 8.4). The line of slope 
58 mV (unit of pH)-1 above pH 10 for the midpoint reduction 
potential Em,ox/sq was extrapolated (dashed line), and a hori-
zontal dashed line was drawn that intersected the extrapolation of 
the line of slope 58 mV (unit of pH)-1 below pH 6 for the 
midpoint reduction potential Em,ox/sq at pH 6.4. The inter-
section of these two lines is another estimate of the pKa of 
flavin semiquinone (pKa,sq = 8.4). 
 
 
 
ured for the successive reductive steps are plotted 
(Equation 2-95), and from the plot, Em is obtained 
for the pH established by the buffer in the solution. 
 When flavin is bound as a prosthetic group 
within the active site of a protein, it is, depending 
on the structure of the site, more or less shielded 
from the solution. This shielding mutes the effects 
of the pH in the surrounding solution. In addition, 
acids and bases from side chains of the amino acids 
in the protein can form hydrogen bonds with the 
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s lone pairs and acidic hydrons around the isoalloxa-
zine (Figure 2-9). The acids and bases from the 
protein that form these hydrogen bonds add and 
remove, respectively, the hydrons transferred to and 
from the s lone pairs of the flavin during its reduction 
or oxidation. In such situations, hydrons from the 
solution are not the ones transferred. If all the loca-
tions around the flavin were occupied by bases and 
acids from the protein, and both they and the flavin 
were completely surrounded by protein and isolated 
from the solution, the midpoint reduction potential 
of the flavin would be unaffected by the pH of the 
solution and determined only by the intrinsic values 
of pKa for these bases and acids. 
 Consider the simplest situation in which the 
flavin is completely surrounded by the protein and 
the protein provides only one acidic amino acid, (+)AH, 
and that acid is adjacent to the lone pair of elec-
trons on nitrogen 5 of the neutral flavin semiquinone. 
The addition of an electron to neutral oxidized flavin, 
HFlox, to produce flavin semiquinone radical anion, 
HFl· -, and the subsequent transfer of the hydron 
from (+)AH to nitrogen 5, to produce the particular 
tautomer of neutral flavin semiquinone, H2Fl·, can 
be described by the following linkage 

    (2-108) 

where the four complexes denote hydrogen bonds 
between the acid, (+)AH, or its conjugate base, 
(-)A9, and the bound flavin. If these are the only 
forms present, it can be shown326 that the midpoint 
reduction potential  

 
                (2-109) 

where Eª¢HFlox is the biochemical standard reduction 
potential for the reduction of neutral oxidized flavin 
in the active site in the absence of transfer of the 
hydron 

      (2-110) 

and Ka,H2Flox
+ is the acid dissociation constant of the 

tautomer of oxidized flavin with hydrons on nitrogen 5 
and nitrogen 3, Ka,H2Fl· is the acid dissociation constant 
for the same tautomer of flavin semiquinone, and 
Ka,AH is the acid dissociation constant for the acid–
base in the active site.  
 Equation 2-109 is the expression that would 
have resulted for the dependence of Em,ox/sq on pH 
in free solution if Ka,AH were replaced by [H+]. 
Therefore, if the intrinsic values of pKa for flavin 
remain the same when the flavin is within the protein, 
then the plot of Em,ox/sq against pH for the one-elec-
tron reaction in solution (Em,ox/sq in Figure 2-15) 
would be equivalent to the plot of Em,ox/sq against 
the pKa of the acid in the protein that provides the 
hydron to nitrogen 5 during the one-electron reduc-
tion. This relationship is a demonstration of the fact 
that, by definition, the activity of a hydron on an 
acid of a given pKa is equal to the activity of a hydron 
in a solution with a pH equal to that pKa. Although 
none of the values for pKa in Equation 2-109 or the 
reduction potential of the oxidized flavin when it is 
in the active site can ever be known and the equa-
tion is of no practical use, nevertheless it shows 
how the intrinsic acidity of the particular acid that 
forms a hydrogen bond to nitrogen 5 can control 
the reduction potential of the flavin when it is within 
a flavoprotein and, by extension, how the complete 
constellation of acid–bases surrounding the flavin 
controls its reduction potential. 
 At the same fixed pH, the two-electron mid-
point reduction potentials of flavin differ from one 
flavoprotein to another (Table 2-1).322-325,327,328 
The tabulated values span a range as large as that 
for the two-electron midpoint reduction potential 
of riboflavin between pH 4.5 and pH 8.5 (Figure 2-15). 
This variation must reflect the identities of the amino 
acids surrounding the prosthetic flavin in each of 
these active sites.  
 It is never the case, however, that the flavin is 
completely surrounded by the protein, isolated 
from the solution, and completely surrounded by 
acids and bases from the protein that in turn are 
not connected to the solution. If there are particular 
lone pairs of electrons or acidic hydrogens on the 
flavin that are exposed to the solution or that are 
connected to the solution through a network of 
hydrogen bonds rather than forming hydrogen bonds  
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Table 2-1: Reduction Potentials of Flavin in the Active Sites of Enzymes 

enzyme pH temperature 
(ªC) 

E ª ¢app 
 (mV) 

salicylate 1-monooxygenase from 
B. cepacia327 

7.5 10 –88 

human medium-chain acyl-CoA 
dehydrogenase324 

7.6 25 –114 

human short-chain acyl-CoA 
dehydrogenase322 

7.6 25 –162 

[NAD(P)H] nitroreductase from 
Enterobacter cloacae323 

7.5 25 –210 

methylenetetrahydrofolate reductase 
[NAD(P)H] from E. coli325 

7.2 25 –237 

thioredoxin-disulfide reductase from 
E. coli328 

7.6 1 –263 

 
 
 
 
with side chains of amino acids in the active site 
that are not connected to the solution, then the pH 
of the solution determines whether these positions 
are hydronated or unhydronated. 
 Consequently, the midpoint reduction potentials 
of flavin in an active site are unpredictably affected 
by the pH of the solution. For example, when flavin 
adenine dinucleotide is the prosthetic flavin in the 
active site of porcine medium-chain acyl-CoA dehy-
drogenase,324 its two-electron midpoint reduction 
potential (Em,ox/red) decreases by -60 mV (unit of pH)-1 
between pH 6.5 and pH 7.5 at 25 ªC. This slope sug-
gests that two hydrons from the solution associate 
with the flavin upon its reduction by two electrons 
in this active site. When flavin, however, is in solu-
tion, the slope of the midpoint potential as a func-
tion of pH is -59.2 mV (unit of pH)-1 only below 
pH 6 and above pH 10 (Figure 2-15). When flavin 
adenine dinucleotide is the prosthetic flavin in the 
active site of salicylate 1-monooxygenase from 
B. cepacia,327 its two-electron midpoint reduction 
potential decreases by –26 mV (unit of pH)-1 at 10 ªC 
between pH 6.5 and pH 7.5. This slope suggests 
that only one hydron from the solution associates 
with the flavin upon its reduction by two electrons, 
as happens when flavin is in solution at 25 ªC 
[-29.6 mV (unit of pH)-1] between pH 7 and pH 9. 
When flavin mononucleotide is the prosthetic flavin 
in the active site of NAD(P)H nitroreductase from 
E. cloacae,323 however, its two-electron midpoint  

 
reduction potential decreases by -38 mV (unit of 
pH)-1 at 25 ªC. 
 In addition to the effect of donors and acceptors 
for hydrogen bonds to the s lone pairs of electrons 
and acidic hydrons of the isoalloxazine, variations 
in midpoint reduction potential also result from 
other structural features of the site in which the 
flavin is bound on the enzyme. A nearby negatively 
charged side chain within the site decreases the 
two-electron midpoint reduction potential of the 
flavin,324 and a nearby positively charged side 
chain increases its two-electron midpoint reduc-
tion potential.329,330 The substitution of the methyl 
group at position 8, as occurs when the flavin is 
covalently attached to a protein (Equation 2-83), with 
a group that withdraws electron density increases 
the two-electron midpoint reduction potential of 
the flavin, while substitution with a group that 
donates electron density decreases the two-electron 
midpoint reduction potential of the flavin.331,332 
The binding of substrates to the active site, because 
they end up immediately adjacent to the flavin, also 
affects the midpoint reduction potential of the fla-
vin.333 
 The acid dissociation with a pKa closest to pH 7 
is the ureido nitrogen 1 in reduced flavin (Figure 
2-9), and upon dissociation of the hydron, the 
majority of the net negative elementary charge is 
located on the carbonato oxygen, which is more 
electronegative than the nitrogen. When reduced 
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flavin is bound to a protein as a prosthetic group, the 
protein that surrounds the ureido group at positions 1 
and 2 usually insulates nitrogen 1 and the carbonato 
oxygen on carbon 2. In this way, the active site stabi-
lizes either the neutral form of reduced flavin, H3Flred, 
or its anionic conjugate base, H2Flred

-.334 As previ-
ously noted, the form most often present in an active 
site is the conjugate base, which, coincidentally, is 
the more prevalent form at pH 7 in solution. The 
most commonly encountered form of oxidized flavin 
in an active site is the neutral form, HFlox. Conse-
quently, when oxidized flavin in a protein is reduced 
by two electrons, nitrogen 1 either picks up a hydron 
or it does not. 
 Human glutathione-disulfide reductase (Figure 
2-11),306 ∂-amino-acid oxidase from R. toruloides 
(Figure 2-12),312 and porcine medium-chain acyl-CoA 
dehydrogenase, when its substrate is bound (Figure 
2-13),316 are examples of proteins that stabilize the 
anionic conjugate base of reduced flavin with nitro-
gen 1 unhydronated.334 In each of the crystallographic 
molecular models of these three enzymes, the carbo-
nato oxygen at position 2 of the flavin accepts two 
hydrogen bonds from two donors: an amido nitrogen–
hydrogen from the polypeptide backbone and a 
molecule of water; two amido nitrogen–hydrogens 
from successive amides in the polypeptide backbone; 
and the hydroxy group of a threonine and an amido 
nitrogen–hydrogen from the polypeptide backbone, 
respectively. These donors for hydrogen bonds are 
typical of the donors that stabilize oxyanions that 
form in active sites during an enzymatic reaction. 
Nitrogen 1 of the flavin is the acceptor for a hydrogen 
bond from a threonine in the active site of porcine 
medium-chain acyl-CoA dehydrogenase, but there 
are no obvious donors for hydrogen bonds in the 
other two active sites. The donors for hydrogen bonds 
that stabilize the oxyanion are not, however, the 
only reason that the anionic conjugate base of reduced 
flavin is stabilized in preference to neutral reduced 
flavin by these proteins. In the crystallographic molec-
ular model of ferredoxin—NADP reductase from 
Nostoc, a protein that stabilizes neutral reduced 
flavin,334 the oxygen on carbon 2 of the flavin also 
engages in two hydrogen bonds, one with an amido 
nitrogen–hydrogen from the polypeptide backbone 
and the other with a molecule of water, and there is 
only a molecule of water, not an obvious acid, 
forming a hydrogen bond to nitrogen 1, presumably 
as an acceptor.335 In choline oxidase, a histidinium 
ion adjacent to the amide at positions 1 and 2 of 
the flavin is thought to stabilize the anionic conju-
gate base of reduced flavin.336  

 In the case of nitrogen 5 of the flavin, a lone 
pair of electrons must be hydronated upon two-
electron reduction (Figure 2-9), and donors and 
acceptors for hydrogen bonds must adjust to this 
change. In the flavodoxin of Synechococcus, the 
amido group in the polypeptide backbone between 
Asparagine 58 and Valine 59 flips upon reduction of 
the flavin so that the amido group that forms an 
N-H hydrogen bond with the lone pair of electrons 
on nitrogen 5 of oxidized flavin is replaced by the 
acyl oxygen of the same amido group that forms a 
hydrogen bond with the nitrogen–hydrogen of 
nitrogen 5 in reduced flavin.337 
 
 When a molecule of flavin is bound to a molecule 
of protein, its semiquinone radical is often stabilized 
by the protein. In free solution at all values of pH 
greater than 2 (Figure 2-15), the midpoint reduction 
potential for the redox couple of oxidized flavin and 
flavin semiquinone (Em,ox/sq) is more negative than 
that for the redox couple of flavin semiquinone and 
reduced flavin (Em,sq/red). This inversion means 
that, in solution, two flavin semiquinones participate 
in a disproportionation 

     (2-111) 

with a negative standard free energy change as 
written (Keq = 10 at pH 4.0 and Keq = 30 at pH 11.5; 
Figure 2-15).288 This disproportionation causes the 
concentration of flavin semiquinone to become 
almost immeasurable in the central region of pH. 
 At an electrode poised at a potential sufficiently 
negative to reduce oxidized flavin when it is in solu-
tion, the anionic flavin semiquinone (HFl· -) produced 
by transfer of an electron at the surface of the electrode 
immediately picks up a hydron from the solution, 
and the resulting neutral flavin semiquinone (H2Fl· ), 
because its reduction potential is more positive 
than that of the electrode, immediately picks up a 
second electron from the electrode. If no hydrons 
are available in the solution, however, the second 
electron is not transferred,338 and the flavin re-
mains as the radical anion. Denying the anionic 
flavin semiquinone a hydron is one way to stabilize 
it.  
  In an active site, a flavin semiquinone can be 
stabilized kinetically and thermodynamically. In an 
active site, a prosthetic flavin is isolated from the 
solution and sterically hindered from dispropor-
tionating at the encounter-controlled rate that it 
would display in solution. For example, the flavin 

Hl Fl 
·  +  Hl Fl 

·  1  Hm Flox  +  Hn Flred
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semiquinone formed from oxidized flavin adenine 
dinucleotide on porcine cytochrome-b5 reductase 
by a hydrated electron disproportionates much more 
slowly (1 ¥ 103 M-1 s-1) than it would in solution339 
because it is isolated by the surrounding protein. 
This kinetic protection afforded by the protein is 
similar to the insulation from disproportionation 
that an active site affords to a sulfenic acid.340 
When flavin mononucleotide is dispersed at suffi-
ciently low concentration in the absence of oxygen 
in an agarose matrix, which interrupts diffusion, 
the semiquinone of the flavin mononucleotide can 
be produced photolytically in high yield and its life-
time is several days.341 The matrix precludes dispro-
portionation, just as enclosing the semiquinone in 
protein does. 
 In an active site, flavin semiquinone can be 
stabilized thermodynamically when the environ-
ment created by the protein causes the midpoint 
reduction potential for the redox couple of oxidized 
flavin and flavin semiquinone (Em,ox/sq) to be more 
positive than that of flavin semiquinone and reduced 
flavin (Em,sq/red), rather than being more negative as 

it is in solution (Figure 2-15). There are a number 
of flavoproteins that have dramatically altered these 
reduction potentials to stabilize the flavin semi-
quinone (Table 2-2). Unlike flavin when it is free in 
solution, when flavin is the prosthetic group in a 
protein that stabilizes the flavin semiquinone 
thermodynamically, the spectrum of the flavin 
semiquinone is clearly observed in the midrange of 
reduction potential (Figure 2-10), and there is no 
difficulty in measuring changes in its concentration.342 
 By linkage, an active site must stabilize the flavin 
semiquinone because it binds the flavin semiquinone 
more tightly than both oxidized flavin and reduced 
flavin,348 but the molecular reasons for this preference 
in association are not well understood, and it is 
probably due to a combination of factors. When the 
tyrosine stacked against the flavin in flavodoxin 
from Desulfovibrio vulgaris is mutated to an amino 
acid other than phenylalanine or tryptophan, the 
difference in the two one-electron midpoint reduction 
potentials (Table 2-2) decreases significantly.330 In 
model compounds, the presence of an intramolecular 
donor for a hydrogen bond to nitrogen 5 of flavin 
 

 
 
  

Table 2-2: One-Electron Reduction Potentials in Flavoproteins 
Stabilizing the Flavin Semiquinone 

flavoprotein E ª ¢ox/sq
a 

 (mV) 
E ª ¢sq/red

a 
 (mV) 

flavin mononucleotide288  –240 –170 
glycine oxidase from Bacillus subtilis343 –42 –340 
flavodoxin from Clostridium pasteurianum344 –132 –419 
nitric-oxide synthase (NADPH) from Rattus 

norvegicus345 
–49 –274 

flavoprotein of assimilatory sulfite reductase 
(NADPH) from E. coli342 

–152 –327 

NADPH—hemoprotein reductase from 
R. norvegicus346 

  

FMN –110 –270 
FAD –290 –365 

4-hydroxybutanoyl-CoA dehydratase from 
Clostridium aminobutyricum347 

–140 –240 

aStandard reduction potentials (pH 7.0) for the redox couples of oxidized flavin and flavin semi-
quinone (E ª  ¢ox/sq) and flavin semiquinone and reduced flavin (E ª ¢sq/red). 
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stabilizes the flavin semiquinone relative to oxidized 
and reduced flavin.349 It is also the case that mutation 
of the amino acids participating in the hydrogen 
bonds to nitrogens 5 of flavins in flavodoxin from 
Clostridium beijerinckii350 and electron-transferring 
flavoprotein from the methylotrophic bacterium 
W3A1,351 respectively, decreases the difference in 
the two one-electron midpoint reduction potentials 
responsible for the stabilization of the flavin semi-
quinone. In flavocytochrome b2 from Spinacia oler-
acea, the anionic flavin semiquinone is stabilized by 
an adjacent lysine with a positive elementary 
charge that encourages its formation from oxidized 
flavin but discourages the hydronation necessary 
for its reduction because it is not able to hydronate 
nitrogen 5.352 
 In some flavoenzymes that stabilize the flavin 
semiquinone, the form of the enzyme containing 
this flavin semiquinone is enzymatically active;353 
in others, however, flavin semiquinone, even 
though it is stabilized by the enzyme, is catalytically 
inactive.354,355 
 
 Each of the oxidation–reductions catalyzed by 
the flavins on flavoenzymes can usually be divided 
into two half-reactions, each exclusive to a redox 
couple. The prosthetic oxidized flavin or the prosthetic 
reduced flavin in the active site of a particular enzyme 
oxidizes or reduces, respectively, the particular reduc-
tant or the particular oxidant of the redox couple of 
substrates that is usually unique to that flavoenzyme 
and gives the flavoenzyme its name: for example, 
dihydrolipoyl dehydrogenase and the redox couple 
of N6-(lipoyl)lysine and N6-(dihydrolipoyl)lysine; 
(S)-mandelate dehydrogenase and the redox couple 
of 2-oxo-2-phenylacetate and (S)-mandelate; medium-
chain acyl-CoA dehydrogenase and the redox couple 
of trans-oct-2-enoyl-SCoA and octanoyl-SCoA; 
∂-amino-acid oxidase and the redox couple of 
pyruvimine and ∂-alanine; FMN reductase (NADPH) 
and the redox couple of oxidized flavin mononu-
cleotide and reduced flavin mononucleotide; and 
glutathione-disulfide reductase and the redox couple 
of glutathione and glutathione disulfide. To simplify 
the present discussion, the redox couple unique to 
a particular flavoenzyme and giving that enzyme its 
name will be called the nominal redox couple.* 
The resulting reduced flavin or oxidized flavin is then  
 

                                                
*A reviewer pointed out that this nomenclature is unprece-
dented. It is, however, useful. 

oxidized or reduced, respectively, by a coenzymatic 
redox couple that is used in many different oxidation–
reductions catalyzed by an array of enzymes—for 
example the redox couple of NAD+ and NADH, the 
redox couple of ubiquinone and ubiquinol, the redox 
couple of oxidized electron-transfer flavoprotein 
and reduced electron-transfer flavoprotein, or the 
redox couple of oxidized ferredoxin and reduced 
ferredoxin—or a redox couple that is not considered 
coenzymatic but is also used in many different enzy-
matic reactions, such as the redox couple of oxygen 
and hydrogen peroxide. To simplify the present 
discussion, the widely used redox couple in this 
second half-reaction that returns the flavin to the 
oxidation state that it had before the first half-
reaction occurred will be called the general redox 
couple. The general redox couple connects the partic-
ular reaction catalyzed by the enzyme to the overall 
reduction potential at which the cytoplasm is 
poised.  
 Because the nominal redox couple and the 
general redox couple alternate with each other on 
the active site, the flavin, as is required of a catalyst, 
does not participate in the chemical equation for 
the complete reaction. The facts, however, that the 
nominal redox couple by itself can either oxidize or 
reduce the prosthetic flavin and that the general 
redox couple, also by itself, can either oxidize or 
reduce the prosthetic flavin permit the overall reaction 
to be experimentally dissected. Depending on the 
respective reduction potentials, oxidation of the 
prosthetic flavin by either the nominal oxidant or 
the general oxidant can be observed in isolation, 
and reduction of the prosthetic flavin by either the 
nominal reductant or the general reductant can also 
be observed in isolation. 
 The complete oxidation–reduction is the oxi-
dation or reduction of the nominal reactant and the 
reduction or oxidation, respectively, of the general 
reactant. Examples of complete oxidation–reductions 
catalyzed by flavoenzymes would be the reaction 
catalyzed by dihydrolipoyl dehydrogenase 

  
                (2-112) 

the oxidation–reduction catalyzed by (S)-mandelate 
dehydrogenase from P. putida356 

+  NAD+ 1
HS

+  NADH  +  H+SH S

S
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                (2-113) 

the oxidation–reduction catalyzed by medium-chain 
acyl-CoA dehydrogenase 

  
                   (2-114) 

the oxidation–reduction catalyzed by ferredoxin: 
thioredoxin reductase from Clostridium acetobutyl-
icum357 

   
                 (2-115) 

the oxidation–reduction catalyzed by ∂-amino-acid 
oxidase 

(2-116) 

or the oxidation–reduction catalyzed by FMN reduc-
tase (NADPH) from E. coli 

   (2-117) 

The direction in which each oxidation–reduction 
proceeds depends, as always, on its equilibrium 
constant and the concentrations of reactants and 
products in the solution. 
 
 There are a few enzymatic reactions in which 
flavin is not used as a redox couple. These reactions 
should be considered before those in which it does 
participate as a redox couple because they reveal 
relevant capabilities of flavin.  
 In the active site of isopentenyl-diphosphate 
D-isomerase from Staphylococcus aureus, nitrogen 5 
of the reduced flavin is used as a catalytic acid–
base358-360 to add a hydron to one or the other of the  
 

substrates, isopentenyl diphosphate or dimethylallyl 
diphosphate, and then accept a different hydron 
from the resulting intermediate tertiary carbenium 
ion to form the other substrate in a reaction involving 
no oxidation–reduction. 
 In the enzymatic reaction catalyzed by UDP-
galactopyranose mutase 

    
                (2-118) 

which also does not involve an oxidation or reduction, 
nitrogen 5 of the central 1,4-dihydropyrazine in 
reduced flavin is used as a nucleophilic catalyst. 
Nitrogen 5 forms a covalent intermediate with the 
∂-galactopyranosyl group or the ∂-galactofuranosyl 
group of the respective reactant in a concerted 
nucleophilic substitution proceeding with inversion 
of configuration, with the diphosphate of the UDP 
as the leaving group, to give the hemiaminal ether 
between carbon 1 of the now b-∂-galactopyranosyl 
or b-∂-galactofuranosyl group and nitrogen 5 of the 
flavin 

                (2-119) 

This hemiaminal ether, hydronated on nitrogen 5 
as shown, has been observed in a crystallographic 
molecular model of the active site of a mutant of 
the enzyme from Neosartorya fumigata.361 The 
unhydronated hemiaminal ether then opens to 
produce the iminium of the uncyclized ∂-galactosyl 
group at nitrogen 5 of the flavin (2-48). This iminium 
between flavin and the open form of ∂-galactose in 
the active site of UDP-galactopyranose mutase362 
from Klebsiella pneumoniae has been trapped with 
NaCNBH3 

(S)-mandelate  +  ubiquinone  1
                         2-oxo-2-phenylacetate +  ubiquinol

octanoyl-SCoA  +  

       oxidized electron-transfer flavoprotein

              1  trans-oct-2-enoyl-SCoA  +  

                     reduced electron-transfer flavoprotein

2 thioredoxin  +  2 oxidized ferredoxin

                     1  thioredoxin disulfide  +

                                        2 H+  +  2 reduced ferredoxin
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                                    NH4

+  +  pyruvate  +  H2O2

FMNH–  +  NADP+  1  FMN  +  NADPH

UDP-   -∂-galactopyranose
         1  UDP-   -∂-galactofuranose

a
a

O

O
O

O

O

OUDP

H

N

NN

N

O

O

H
H3C

H3C

:

:

:

:

H
H

O
O

OO
O

H
HH

H
H

H

HH

H

N

NN

N

O

O

H
H3C

H3C

:

: :

H
H(

+  –OUDP
1



Prosthetic Catalysis 
 

230 

    
                (2-120) 

and the trapped product was identified by ultraviolet 
spectroscopy and mass spectrometry.363 The reaction 
then proceeds in reverse to give either UDP-a-∂-galac-
tofuranose or UDP-a-∂-galactopyranose as the 
respective product. 
 There are several other instances in which 
reduced flavin is a nucleophilic catalyst.364 In the 
active site of thymidylate synthase (FAD), nitrogen 5 
of reduced flavin nucleophilically adds to the 
electrophilic methylene carbon in N5-methylene-
tetrahydrofolate.365 In the active site of flavin 
prenyltransferase, nitrogen 5 of reduced flavin 
participates as the nucleophile in a nucleophilic 
substitution at carbon 1 of dimethylallyl phosphate 
with phosphate as the leaving group during the 
synthesis of prenylated FMNH2

366  

 

In the active site of monoamine oxidase, nitrogen 5 
of reduced flavin nucleophilically adds to the elec-
trophilic distal carbon of a propargylamine synthe-
sized as a covalent inhibitor of the enzyme.367 
 The strange aspect to these roles of nitrogen 5 
of flavin as a catalytic acid or as a nucleophile is 
that the pKa of the conjugate acid of nitrogen 5 in 
neutral reduced flavin is only 0.8 (Figure 2-9), as 
expected for an anilinium, a fact suggesting that it 
would be difficult to hydronate nitrogen 5 to form 
the catalytic acid and that nitrogen 5 should not be 
nucleophilic. The pKa for the second dehydronation 
is well beyond the normal range of pH. 

 Oxidized flavin is also used as an electrophilic 
catalyst. The reaction catalyzed by alkylglycerone-
phosphate synthase  

  
                (2-121) 

where R1 is a linear alkyl chain on a fatty acid esterified 
to glycerone phosphate and R2 is a linear alkyl chain 
on a long-chain alcohol, is a formal nucleophilic 
substitution that involves no oxidation or reduction. 
The enolate of 1-acylglycerone 3-phosphate adds 
as a nucleophile to the electrophilic nitrogen 5 of 
oxidized flavin, and the resulting hemiaminal ester 
dissociates into the unhydronated fatty acid and 
the imine of 3-hydroxypyruvaldehyde 1-phosphate 
at nitrogen 5 

                (2-122) 

The unhydronated fatty acid is replaced by the 
long-chain alcohol and the reaction proceeds in re-
verse to produce the 1-alkylglycerone 3-phosphate. 
  When alkylglycerone-phosphate synthase from 
Cavia porcellus that has been reconstituted with 
5-carba-5-deazaflavin, a synthetic derivative in which 
nitrogen 5 of the flavin is replaced by a carbon, in 
place of the flavin, a stable adduct, homologous 
to the initial adduct in Equation 2-122, between 
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1-palmitoylglycerone 3-phosphate and the prosthetic 
flavin forms in the active site.368 The reaction cannot 
proceed beyond this initial adduct because nitrogen 5 
has been replaced by carbon, which has no lone pair 
of electrons. In the normal reaction, the enzyme is 
using nitrogen 5 of the oxidized flavin as an electro-
phile rather than an oxidant, much as urocanate 
hydratase (Equation 2-81) uses carbon 4 of a pros-
thetic NAD+ as an electrophile rather than as an ox-
idant. 
 Prenylated FMNH2 (2-49), a prosthetic group 
found in active sites of fungal and bacterial enzymes, 
seems to be used exclusively as a prosthetic catalyst 
in reactions that again involve no oxidation or 
reduction.369 For example, the prenylated FMNH2 
in the active site of phenacrylate decarboxylase 
from E. coli forms an adduct with one of its several 
alternative reactants—(2E)-3-phenylprop-2-enoate, 
(2E)-3-(4-hydroxyphenyl)prop-2-enoate, or (2E)-4-hy-
droxy-3-methoxy-3-phenylprop-2-enoate—in a revers-
ible polar cycloaddition with the respective (2E) 
double bond370,371 to facilitate the respective decar-
boxylation of the carboxylate and replacement of 
the carbon dioxide with a hydron.  
 Each of these foregoing examples highlights a 
chemical property of the flavin that has bearing on 
the more common oxidation–reductions catalyzed 
by flavoenzymes. In at least one instance, however, 
the flavin bound by the enzyme does not seem to 
participate in the catalytic reaction at all.372 
 
 Because of the existence of the semiquinone, 
flavin can be both a one-electron oxidant and reduct-
ant and a two-electron oxidant and reductant, an 
ability that is essential to its dramatic versatility283 
but a fact that obscures the exact mechanism of its 
participation in a particular oxidation–reduction. 
Almost all the nominal oxidation–reductions cata-
lyzed by flavoenzymes are formally two-electron 
oxidation–reductions of the nominal substrate; for 
example, the reaction catalyzed by (S)-mandelate 
dehydrogenase in which (S)-2-hydroxy-2-phenyl-
acetate is oxidized to 2-oxo-2-phenylacetate, a simple 
oxidation of a secondary alcohol to a ketone. The 
general redox couples, however, that regenerate the 
initial oxidation state of the flavin are often one-
electron participants such as ferredoxin. The capacity 
of flavin to act as both a one-electron oxidant and 
reductant and a two-electron oxidant and reductant 
leaves in question its specific mechanism of action 
in many of the nominal two-electron oxidation–
reductions. In a formally two-electron oxidation–
reduction, are the electrons transferred to and from 

flavin one at a time or together as a hydride? This 
question is further complicated by the nucleo-
philicity and electrophilicity of flavin just described. 
During the transfer of two electrons, is a covalent 
adduct formed between a nucleophilic substrate 
and electrophilic oxidized flavin or between an 
electrophilic substrate and nucleophilic reduced 
flavin? 
 
 Many of the two-electron reductants oxidized 
by flavin are nucleophiles, and the products of the 
oxidations are electrophiles that are reduced in the 
reverse direction. For example, the flavin in dihydro-
lipoyl dehydrogenase (Equation 2-71) oxidizes a 
pair of adjacent cysteines in the polypeptide to 
produce a cystine, which then oxidizes a lipoyl group. 
The flavin in monoamine oxidase oxidizes a primary 
amine to its imine. The flavin in medium-chain 
acyl-CoA dehydrogenase (Equation 2-114) removes 
two electrons from the enolate of octanoyl-SCoA. 
In reactions in which flavin oxidizes a nucleophile, 
such as a thiolate, amine, or enolate, the question 
arises of how the two electrons pass from the thiolate, 
the amine, or the enolate to the flavin during the 
oxidation. 
 One possibility is that a thiolate, amine, or enolate 
is oxidized through an intermediate produced by 
its nucleophilic addition to the flavin. The electro-
philic portion of oxidized flavin is the central 
1,4-diazabutadiene 

     
                (2-123) 

If a thiolate, amine, or enolate participates in a nucleo-
philic addition with oxidized flavin, the hydronated 
1,4-diazabutadiene would be acting as the electro-
phile. 
 Because of the existence of this central 1,4-diaza-
butadiene, nitrogen 5 of oxidized flavin is electro-
philic when nitrogen 1 is hydronated. Nitrogen 5 is 
the nitrogen analogue of the electrophilic b carbon 
in an a,b-unsaturated iminium ion (rightmost tauto-
mer in Equation 2-123). That nitrogen 5 is electro-
philic has been demonstrated by using sulfite as a 
nucleophile. When 7,8-dimethyl-1,10-ethenoisoallox-
azinium is modified with sulfite, a crystalline product 
is obtained373 that results from addition of the nucleo-
phile to nitrogen 5 
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                (2-124) 

The formation of the adduct interrupts the conju-
gation of the isoalloxazine, and the strong absorption 
between 350 and 500 nm disappears. In its place 
is a peak of absorbance with a maximum at 308 nm 
(Figure 2-16).373-375 This reaction demonstrates that 
when one nitrogen in the central diazobutadiene, 
in this instance nitrogen 1, is cationic, the other 
nitrogen is electrophilic. 
 The analogous adduct at nitrogen 5 (2-50)*  

   
                (2-125) 

formed by the addition of sulfite to oxidized flavin,376 
is an established intermediate in the enzymatic 
reaction catalyzed by the flavoenzyme adenylyl-
sulfate reductase from Archaeoglobus fulgidus and 
has been observed crystallographically.377 The s bond 

                                                
*From here on the 7,8-dimethylphenyl ring of isoalloxazine 
will be truncated to two lines to save space in the equations. 
This truncation will become more and more appropriate as the 
equations become larger. 

 
 
Figure 2-16: Absorption spectra of adducts to oxidized flavin. 
The spectrum373 for the adduct of sulfite to nitrogen 5 (N5 adduct) 
of 7,8-dimethyl-1,10-ethenoisoalloxazinium (Equation 2-124) 
was obtained by adding sufficient NaHSO3 to a 40 mM aqueous 
solution of 7,8-dimethyl-1,10-ethenoisoalloxazinium perchlorate 
at pH 7 to convert all of the isoalloxazinium to the adduct of 
sulfite at nitrogen 5. The spectrum of 7,8-dimethyl-1,10-etheno-
isoalloxazinium (1,10-etheno cation) in the same solution was 
taken before the sulfite was added. The strong absorbance of 
the isoalloxazinium between 350 and 500 nm disappeared as 
the sulfite adduct formed. The spectrum374 for the adduct of 
ethoxide to carbon 4a (C4a adduct) of 3,7,8,10-tetramethyl-
5-ethylisoalloxazinium ion (Equation 2-128) was obtained by 
dissolving 3,7,8,10-tetramethyl-5-ethylisoalloxazinium perchlorate 
in ethanol. The spectrum375 of the initial 3,7,8,10-tetramethyl-
5-ethylisoalloxazinium ion (5-ethyl cation) was obtained by 
dissolving 3,7,8,10-tetramethyl-5-ethylisoalloxazinium perchlo-
rate in 0.1 M sodium perchlorate at pH 3. 
 
 
 
 
 
between sulfite and nitrogen 5 of the oxidized flavin 
in this intermediate is the relay station through 
which the two electrons pass during reduction of 
the phosphosulfate in 5¢-adenylyl sulfate to sulfite 
in one direction and during oxidation of the sulfite 
to the phosphosulfate in the other direction. In one 
direction, this s bond between sulfur and nitrogen 5 
of the flavin is formed by the nucleophilic substitution 
of flavin for AMP- at the electrophilic sulfur in the 
5¢-adenylyl sulfate, in which the nucleophile is the 
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electron-rich nitrogen 5 of reduced flavin. In the 
other direction, it is formed by the nucleophilic 
addition of sulfite to electrophilic nitrogen 5 in the 
1,4-diazabutadiene of oxidized flavin. The electrons 
arrive in the nucleophilic lone pair of electrons on 
nitrogen 5 of the reduced flavin in one direction 
and arrive in the nucleophilic lone pair of electrons 
on sulfite in the other direction, and the two electrons 
in the s bond that they form leave the flavin on sulfite 
during the reduction and enter the flavin on sulfite 
during the oxidation, respectively. In the direction 
of oxidation of sulfite to form the phosphosulfate, 
Equation 2-124 suggests that nitrogen 1 will almost 
certainly be hydronated transiently to make the 
oxidized flavin more electrophilic. 
 In the enzymatic reaction catalyzed by nitro-
alkane oxidase from Fusarium oxysporum, the 
carbanionic conjugate base of a nitroalkane at the 
carbon a to the nitro group adds nucleophilically to 
nitrogen 5 of the prosthetic flavin in the active site. 
After the nitro group leaves and is replaced by a 
hydroxide, the pair of electrons that was the lone 
pair of electrons on the carbon a to the nitro group 
in the anionic conjugate base and that then formed 
the s bond to nitrogen 5 is withdrawn into the flavin, 
reducing it and oxidizing the carbon to the aldehyde. 
The adduct at nitrogen 5 can be trapped with cyanide 
ion and observed in a crystallographic molecular 
model of the enzyme.378 
 On paper, a 1,4-diazabutadiene (Equation 2-123) 
can also be electrophilic at either of its two iminium 
carbons, which would be carbon 1a and carbon 4a 
of oxidized flavin, depending on which nitrogen is 
hydronated. Several products have been isolated379 
that seem to arise from the nucleophilic attack of 
hydroxide, ammonia, or hydride at carbon 1a of 
1,3,7,8,10-pentamethylisoalloxazine, but the addition 
of any one of these heteroatomic nucleophiles leads 
unavoidably to the decomposition of the pyrimidine 
ring 

      
                (2-126) 

an outcome that would not be salutary for a flavo-
enzyme. This decomposition requires that nitrogen 1 
be hydronated to cause carbon 1a to be electrophilic,  

and this requirement may explain why most flavo-
enzymes do not provide a catalytic acid to hydronate 
nitrogen 1 when flavin is reduced, and the reduced 
flavin is usually present as the anionic conjugate 
base. Because of this nucleophilic substitution at 
carbon 1a and the fact that nitrogen 1 and carbon 1a 
are always removed from the location at which 
substrates bind to the active sites of the available 
crystallographic molecular models for flavoenzymes, 
nucleophilic adducts at nitrogen 1 and carbon 1a of 
oxidized flavin have been discounted as intermediates 
in enzymatic reactions using flavin as a prosthetic 
group. 
 Carbon 4a in oxidized flavin is also electrophilic. 
Sulfite adds to 10-(2,6-dimethylphenyl)-6,8-disulfo-
3-methylisoalloxazine380 to produce a stable deriva-
tive at carbon 4a 

    
                (2-127) 

Two equivocal aspects of this observation are that 
the sulfonates at positions 6 and 8 mildly withdraw 
electron density (sp = 0.1) from carbon 4a, increasing 
its electrophilicity, and that the sulfonate on carbon 6 
sterically blocks nucleophilic attack at nitrogen 5. 
Even under these most favorable circumstances, an 
equilibrium mixture of adducts at both carbon 4a 
and nitrogen 5 is obtained.381 When the sulfonates 
are not present, sulfite adds exclusively373 to nitro-
gen 5. The behavior of the rate constant for the 
decomposition of 4a-(indolylmethyl)-3,7,8,10-tetra-
methylisoalloxazine, however, as a function of pH 
can be explained382 as the result of a rapid equilibrium 
between the adduct at carbon 4a and the adduct at 
nitrogen 5. If this is the correct explanation, then in 
this compound these two locations should have 
almost equivalent electrophilicities. 
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 Stable, exclusive nucleophilic adducts to car-
bon 4a have been observed with oxidized 5-ethyl-
3,7,8,10-tetramethylisoalloxazine. Either hydroxide 
ion375 

    
                (2-128) 

ethoxide,374 or nitromethane ion (-:CH2NO2)383 can 
add reversibly to carbon 4a of this flavin. In the 
nucleophilic addition of hydroxide in Equation 
2-128, the ethyl group accomplishes the same 
purpose as hydronation of nitrogen 5, only perma-
nently, but it also sterically hinders addition to 
nitrogen 5. Nevertheless, this result suggests that, 
under acid catalysis at nitrogen 5, carbon 4a can be a 
competent electrophile. As was the case for adducts at 
nitrogen 5, the addition of a nucleophile at carbon 4a 
interrupts the conjugation of the oxidized flavin 
and eliminates its characteristic absorbance between 
400 and 500 nm, but the absorption spectrum of an 
adduct at carbon 4a has a characteristic peak of absor-
bance between 350 and 400 nm (Figure 2-16). 
 For normal, oxidized, biochemical flavins, all 
the foregoing observations, on balance, suggest that 
in solution, nitrogen 5 is much more electrophilic 
than carbon 4a. This preference may arise from the 
fact that, because of the ureido oxygen on carbon 2, 
the addition of a nucleophile to nitrogen 5 can 
proceed without the need for hydronation of either 
nitrogen 1 or nitrogen 5 

   
                (2-129) 

for example, in situations where an active site stabilizes 
the resulting oxyanion, while addition at carbon 4a 
requires acid catalysis 

         
                (2-130) 

 The desire for adducts to carbon 4a in oxidized 
flavin to be transient intermediates in the reactions 
catalyzed by flavin arises from the appeal of the follow-
ing mechanism for the oxidation of a nucleophile by 
flavin in which an adduct at carbon 4a is required 

   
                (2-131) 

The nucleophilic position of the reactant enters the 
electrophilic position at carbon 4a with a lone pair 
of electrons that forms the new s bond. That new 
s bond is now parallel to the p molecular orbital of 
an adjacent iminium ion that absorbs its electrons. 
This withdrawal of the electrons releases an electron-
deficient, electrophilic, oxidized product and produces 
reduced flavin. The two electrons entering with the 
nucleophile remain in the flavin when the electro-
phile is released. In the reverse direction, the nucleo-
philic enamine of the reduced flavin would attack 
the oxidized, electrophilic reactant to form the 
s bond to carbon 4a, and the electrons in this 
s bond would leave with the dissociating reduced, 
nucleophilic product. The s bond to carbon 4a is 
the transfer point for the two electrons that reduce 
the oxidized flavin or the electrophile, respectively. 
In the crystallographic molecular model of 4a-iso-
propyl-3,7,8,10-tetramethyl-4a,5-dihydroisoallox-
azine, which has four s bonds at carbon 4a, the s bond  
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to the isopropyl group at carbon 4a and the p bond 
of the imine at carbon 1a and nitrogen 1 are parallel,300 
as required in Equation 2-131. 
 This mechanism for transfer of two electrons 
through an adduct at carbon 4a has been validated 
for several nonenzymatic reactions catalyzed by 
flavins. During the reduction of maleimides by 
reduced 3-(3-sulfopropyl)-7,8,10-trimethylisoallox-
azine, an adduct forms between a maleimide and 
the flavin that is an intermediate in the reaction.384 
The absorption spectrum of this intermediate iden-
tifies it as an adduct at carbon 4a 

 
                (2-132) 

that would result from nucleophilic addition of the 
nucleophilic anion of reduced flavin to the electro-
philic a,b-unsaturated imide. The adduct is formed 
in a reaction catalyzed by acid, and it decomposes 
with release of the reduced product in a reaction 
catalyzed by base.384 
 Benzylamine is oxidatively deaminated to benzyl-
imine by 3,7,8,10-tetramethyl-5-ethylisoalloxazine 
in a reaction in which the benzylamine adds nucleo-
philically to carbon 4a. The resulting adduct disso-
ciates in a rate-limiting step in which the electrons 
in the s bond are absorbed by the isoalloxazine, 
reducing it (Equation 2-131), and the hydrogen on 
the benzylamine at the benzylic position is simul-
taneously removed by a base as a hydron, produc-
ing the benzylimine.385 
 In solution, thiols reduce flavins by forming an 
adduct at carbon 4a386 

   
                (2-133) 

In the reverse direction, the reaction of the reduced 
flavin is the attack of an enamine on a disulfide and 
is equivalent to the attack of the enamine of thiamine 
diphosphate on N6-(lipoyl)lysine (Figure 2-7). In the 
forward direction, a lone pair on one of the cysteines 
becomes a s bond that is absorbed by the flavin in 
the second step. 
 
 A sulfanyl group is a nucleophile that is often 
oxidized by a prosthetic flavin. There is a family of 
related enzymes in which two nucleophilic cysteines 
in each of the active sites are oxidized by flavin 
and the product of the oxidation is a cystine, which 
is an electrophile. Glutathione-disulfide reductase 
is a flavoenzyme that catalyzes the reaction 

           (2-134) 

where GSSG is oxidized glutathione, which contains 
an intermolecular cystine formed from the cysteines 
in two molecules of reduced glutathione, GSH. The 
flavoenzyme dihydrolipoyl dehydrogenase catalyzes 
a reaction 

    
                (2-135) 

that is equivalent to the one catalyzed by glutathione-
disulfide reductase. The flavoenzyme thioredoxin-
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disulfide reductase catalyzes the reduction of a 
cystine in the small protein thioredoxin; the flavo-
enzyme mercury(II) reductase reduces a cystine in 
its active site to two cysteines, which then reduce 
Hg2+ to Hg0; the flavoenzyme 2-oxopropyl-CoM 
reductase (carboxylating) catalyzes a nucleophilic 
substitution at the sulfur of a sulfide by a cysteine 
in its active site; and the flavoenzyme NADH perox-
idase catalyzes the reduction of hydrogen peroxide 
to two molecules of water by reducing a cysteine-
sulfenic acid, produced in its active site by the 
reduction of the hydrogen peroxide, back to a cyste-
ine. 
 All six of these enzymes use either NADH or 
NADPH as the reductant, have homologous sequences, 
have superposable tertiary structures,387-391 and have 
very similar if not identical mechanisms for the oxida-
tions and reductions at the flavin. Each of the first 
five enzymes reduces the respective disulfide or the 
mercuric ion or catalyzes the nucleophilic substitu-
tion by first reducing a cystine in its active site to 
two cysteines and then using the two cysteines to 
reduce the substrate or one of the cysteines as a 
nucleophile. NADH peroxidase reduces the cysteine-
sulfenic acid in its active site, which is the oxygen 
homologue of a cystine, to hydroxide and a sulfido 
group.392 
 In crystallographic molecular models of the five 
enzymes that each reduce a cystine in its active 
sites to two cysteines, as well as those of other related 
homologues, the axis of the sulfur–sulfur bond of 
the cystine in the active site of the oxidized enzyme 
and the line of centers between the two sulfurs of 
the two cysteines in the active site of the reduced 
enzyme points directly at carbon 4a of the flavin 
(Figure 2-11).306,310,387,388,390,393-395 In the most accu-
rate crystallographic molecular model of glutathione-
disulfide reductase, the sulfur of the closest cysteine 
is 0.330 nm from carbon 4a of the flavin, which is 
within the sum of the van der Waals radii (0.35 nm) 
of the sulfur and the carbon.310 The line of centers 
of the two sulfurs in this molecular model is tilted 
at an angle of 108ª with respect to the bond between 
nitrogen 5 and carbon 4a, which defines the plane 
of the flavin, as the s bond to the closest sulfur would 
be were it in an adduct at carbon 4a. 
 Porcine dihydrolipoyl dehydrogenase can be 
reduced, and one of the two resulting cysteines in 
the active site can be alkylated with iodoacetamide. 
When NAD+ is added to the alkylated enzyme to 
oxidize the flavin, a spectral change occurs that has 
 

been assigned as arising from an adduct between the 
remaining unalkylated sulfido group and carbon 4a of 
oxidized flavin.396 When the flavin adenine dinucleo-
tide in thioredoxin-disulfide reductase from E. coli is 
replaced with 1-carba-1-deazaflavin adenine dinucleo-
tide, in either the active site of the wild type397 or a 
variant in which the cysteine farther from the flavin 
is mutated to serine,398 and the respective enzyme 
is reduced, similar spectra, indicative of the formation 
of the respective 4a adducts, are also observed. 
When three of the four homologous cysteines in 
mercury(II) reductase from E. coli that are farthest 
from the flavin are mutated to alanines and the flavin 
in the enzyme is oxidized with NADP+,399 the enzyme 
also has a spectrum consistent with the formation 
of an adduct at carbon 4a of the flavin. All these 
spectrally identified intermediates have been pre-
sented as evidence for the formation of an adduct 
at carbon 4a during the normal reduction of the 
cystine or oxidation of the cysteines in the respective 
active sites of the unalkylated, native enzymes in 
this family (Equation 2-133). 
 Glutathione-disulfide reductase from S. cerevisiae 
can also be reduced and alkylated on only one of its 
two catalytic cysteines.400 A crystallographic molecu-
lar model of this reduced and alkylated enzyme, in 
a complex with NADP+, is available.311 Although the 
unalkylated cysteine is the one closest to the flavin 
and although the closest atom in the flavin to the 
sulfur of this cysteine is carbon 4a, there is no bond 
between the sulfur of the cysteine and carbon 4a of 
the oxidized flavin. Therefore, the postulated adduct 
(Equation 2-133) does not form in glutathione-
disulfide reductase. In fact, the only adduct that has 
been observed crystallographically between a sulfido 
group and carbon 4a in a flavin on an enzyme is 
one that forms between sulfide ion in solution and 
the flavin mononucleotide in sarcosine oxidase 
(5,10-methylenetetrahydrofolate-forming) from Steno-
trophomonas maltophilia.401 The lack of such a crystal-
lographic observation cannot disprove the existence 
of an adduct at carbon 4a, but it is not encouraging. 
 It is possible that each flavoenzyme in this family 
of disulfide reductases purposely holds the disulfide 
of the cystine or the proximal cysteine in its active 
site at too great a distance to form an adduct with 
carbon 4a of the reduced or oxidized flavin, respec-
tively, like the one that forms between a thiol and 
an oxidized flavin in solution (Equation 2-133), 
because it is faster to transfer the two electrons 
between the cystine or the cysteines and the flavin 
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one at a time without forming an adduct at carbon 4a 
than it is to transfer them together through the s bond 
of an adduct at carbon 4a. As has been proposed 
for thiamine diphosphate (Figure 2-7), the elec-
trons would be transferred between reduced flavin 
and the cystine in the active site in two one-electron 
steps that have a flavin semiquinone and a cystine 
radical anion as intermediates. An electron would 
be transferred from reduced flavin anion to the cystine 
to produce the disulfide radical anion and the flavin 
semiquinone. The radical anion of the disulfide would 
be hydronated on its distal sulfur by an adjacent 
catalytic acid. The hydronated disulfide radical 
would cleave to produce the hydronated sulfanyl 
group and the thiyl radical (Figure 2-8), and the 
thiyl radical would be reduced by the flavin semi-
quinone. In the reverse direction, one electron would 
be transferred from the sulfido group of the proximal 
cysteine to oxidized flavin to produce the flavin semi-
quinone and the thiyl radical, which would rapidly 
form, with the sulfido group of the distal cysteine, a 
radical anion of a disulfide241 that would then transfer 
a second electron to the flavin. 
 One fact consistent with this possibility is that 
reduction of the cystine in the active site of thio-
redoxin-disulfide reductase from E. coli decreases 
the midpoint reduction potential of its flavin by 
17 mV,328 an observation indicating that the cystine 
and the flavin are electronically coupled. The mutation 
of the cysteine immediately adjacent to carbon 4a 
of the flavin adenine dinucleotide in NADH peroxidase 
from Enterococcus faecalis, the cysteine responsible 
for catalysis, raises the midpoint reduction potential 
of the flavin by 100 mV.402 In both instances, the 
transfer of electron density from a sulfido group could 
be causing a decrease in the reduction potential. 
When the cysteine is there, the decrease occurs; 
when it is not, the decrease does not. Another obser-
vation consistent with two successive transfers, each 
of one electron, between reduced, nucleophilic 
substrates and oxidized flavin and between reduced 
flavin and oxidized, electrophilic substrates is the 
presence of an absorption in the optical spectra of 
complexes between these flavoenzymes and sub-
strates arising from transfer of charge. 
 A charge-transfer complex403 forms when a 
reductant, the donor, transfers an electron in a 
reversible equilibrium to an oxidant, the acceptor, 
when they come in contact with each other. Transfer 
of the electron creates a weak bond between the 
donor and acceptor that forms a complex between 
 
 

them with a particular dissociation constant. The 
magnitude of the dissociation constant depends on 
the equilibrium constant for, and the character of, 
the electron transfer. A charge-transfer complex will 
always have an absorption spectrum that contains 
one or more charge-transfer bands of relatively long 
wavelength (400-800 nm) resulting from the exci-
tation of the transferred electron, which is shared 
between the donor and the acceptor in an otherwise 
unoccupied molecular orbital of relatively low energy 
spread over the complex between the donor and 
the acceptor rather than being confined exclusively 
to donor or acceptor. 
 Although a charge-transfer complex formed by 
transfer of an electron in the ground state always 
exhibits such a charge-transfer band in its spectrum, 
the existence of a charge-transfer band does not 
require transfer of charge in the ground state; it only 
requires transfer of charge in the electronically excited 
state.404 In solution, the absorption of light by the 
donor may excite the electron into a charge-transfer 
orbital formed with an adjacent acceptor even if 
significant electron density is not transferred to the 
acceptor in the ground state. In a complex that 
forms for other reasons, the absorption of light by 
the donor may also excite the electron into a 
charge-transfer orbital with an adjacent acceptor 
even if there is no significant transfer of charge in 
the ground state. 
 Charge-transfer bands between the sulfido group 
of the proximal cysteine, as a donor, and oxidized 
flavin, as an acceptor, have been observed in the 
absorption spectra of dihydrolipoyl dehydrogenase 
from E. coli,399,405-409 mercury(II) reductase from 
E. coli (Figure 2-17),399,405,406,410 and NADH peroxidase 
from E. faecalis.392,402 With the disclaimer that transfer 
of the electron may be occurring only in the electron-
ically excited state, these charge-transfer bands 
demonstrate that a single electron can be transferred 
from the sulfido group of the proximal cysteine in 
the active site to the oxidized flavin. If this transfer 
of an electron does occur in a charge-transfer complex 
in the ground state even if the equilibrium constant 
for transfer of the electron is unfavorable, it provides a 
path for the first, and most difficult, of the two one-
electron transfers. The hydronation of nitrogen 5, 
coincident with the full transfer of one electron, 
would be followed by formation of the bond between 
the resulting proximal thiyl radical and the sulfido 
group of the distal cysteine to form the radical anion 
of the disulfide, which would then transfer its unpaired  
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Figure 2-17: Absorption spectra of charge-transfer complexes 
in which oxidized flavin participates. The maxima of the 
charge-transfer absorptions are marked by the vertical arrows. 
The spectrum399 for the charge-transfer complex (-S-·HFlox) 
between oxidized flavin and the sulfido group of the immed-
iately adjacent cysteine in the active site of mercury(II) reduc-
tase from E. coli was obtained from a sample of a mutant form 
of the enzyme in which the other three cysteines in the active 
site had been mutated to alanine. The mutant, oxidized 
enzyme was dissolved at 2 ªC in a solution at pH 9.05 to ensure 
that the sulfanyl group of the cysteine was the anionic 
conjugate base. The spectrum405 for the charge-transfer com-
plex (enolate·HFlox) between oxidized flavin and the enolate of 
3-thiaoctanoyl-SCoA, octanoyl-SCoA in which carbon 3 is 
replaced by a sulfur to prevent the removal of the hydrogen on 
carbon 3 by the oxidized flavin, in the active site of porcine 
medium-chain acyl-CoA dehydrogenase was obtained from a 
sample of the oxidized enzyme dissolved in a solution at 
pH 8.0 to ensure that the enolate of 3-thiaoctanoyl-SCoA was 
fully formed on the active site. 3-Thiaoctanoyl-SCoA was 
present in the solution at a high enough concentration (10 mM) 
to saturate the active site of the enzyme. The spectrum406 for 
the charge-transfer complex (NADPH·HFlox) between oxidized 
flavin and NADPH in the active site of the detachable domain 
of human NADPH—hemoprotein reductase that contains the 
active site of the intact enzyme in which the prosthetic flavin 
adenine dinucleotide is normally reduced by NADPH was 
ob-tained from a sample of the domain dissolved at 25 ªC in a 
solution at pH 7.0 that was rapidly mixed with a solution of 
NADPH at a concentration high enough to saturate the active 
sites. The spectrum was gathered within 4 ms of mixing. For 
each of the three spectra, the absorbance is presented as a 
fraction of the maximum absorbance of the oxidized flavin in 
each enzyme that occurs around 450 nm and that was observed 
before the pH was raised to ionize the sulfanyl group, the 
3-thiaoctanoyl-SCoA was added, or the NADPH was mixed 
with the enzyme, respectively. 
 
 
 
 
 
 
 
 
 

electron to the flavin semiquinone. The net result 
would be the reduction of oxidized flavin to reduced 
flavin and the oxidation of two cysteines to a cystine. 
 The ambiguity of mechanism for oxidation of 
the two cysteines or reduction of the disulfide in the 
active sites of these related enzyme illustrates the 
difficulty is assigning a mechanism to flavin because 
the existence of the semiquinone allows flavin to 
transfer electrons one at a time and the existence of 
adducts of flavin allows flavin to transfer electrons 
two at a time. 
 In the direction in which the sulfanyl groups in 
the respective substrates are converted to a disulfide 
and the flavin is reduced, the last step in the reac-
tions catalyzed by glutathione-disulfide reductase, 
dihydrolipoyl dehydrogenase, and thioredoxin-
disulfide reductase is the oxidation of the sulfanyl 
groups in their respective substrates by thiol–
disulfide exchange with the cystine just formed in 
the active site. For example, the cystine formed in 
the active site of dihydrolipoyl dehydrogenase by 
the oxidized flavin (Equation 2-135) in turn oxidizes 
the pair of adjacent sulfanyl groups in N6-(dihydro-
lipoyl)lysine by thiol–disulfide exchange 

      
                (2-136) 

where R is the remainder of the lipoyl group in 
N6-(dihydrolipoyl)lysine (Equation 2-70) and 
N6-(lipoyl)lysine (2-31). In the opposite direction, 
the first step in the overall reaction catalyzed by 
dihydrolipoyl dehydrogenase is oxidation of the 
two cysteines in the active site to the cystine and 
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reduction of the disulfide in the reactant into two 
sulfanyl groups. 
 
 An amino group is a nucleophile that can also 
be oxidized by a prosthetic flavin. Flavoenzymes 
that oxidize amines also display charge-transfer 
bands in their absorption spectra under the appro-
priate circumstances. Sarcosine oxidase (formalde-
hyde-forming), which oxidizes N-methylglycine to 
N-carboxymethylmethanimine411 

   
                (2-137) 

also oxidizes ¬-proline to the respective imine. 
¬-Proline binds to the enzyme as the usual zwitter-
ionic amino acid, the hydron is removed from the 
nitrogen, and a charge-transfer band (lmax = 512 nm) 
between the neutral secondary amine and oxidized 
flavin is then observed.412 In dimethylglycine oxidase, 
however, the charge-transfer band (lmax = 400 nm) 
observed results from transfer of an electron from 
reduced flavin to the product of the reaction, 
N-carboxymethylmethanimine.413 This type of 
charge-transfer band between an imine and reduced 
flavin was first observed with ∂-amino-acid oxi-
dase.414,415 These observations suggest that an 
electron can be transferred both between the lone 
pair of electrons on the amino group in the substrate 
and oxidized flavin and between the reduced flavin 
and the imine in the product. The chemistry that 
would lie between these transfers of electrons 
would be the removal of a hydron from the radical 
cation of the reactant413 and the hydronation of the 
semiquinone anion of the flavin before an electron 
is transferred from the neutral radical to the flavin 
semiquinone 

   
                (2-138) 

 When 4-methylphenol is substituted with 
4-bromophenol, a charge-transfer band is observed 
between the 4-bromophenol and the oxidized flavin 
in the active site of 4-methylphenol dehydrogenase 
(hydroxylating) from P. putida 

    
                (2-139) 

There is a close correlation between the wavelength 
of this charge-transfer band, which registers the 
energy required to transfer the electron, and the 
rate of the normal enzymatic reaction for thirty-
three variants of the enzyme, either various mutants 
or enzymes into which various analogues of the flavin 
had been substituted. The various enzymatic reactions 
spanned 5 orders of magnitude in rate constant.416 
The lower the energy required to transfer the electron 
from 4-bromophenol to the oxidized flavin, the faster 
was the dehydrogenation of the 4-methylphenol 
catalyzed by the enzyme. This correlation suggests 
that transfer of one electron is one of the steps in 
the normal enzymatic reaction. 
 
 In many reactions, either enzymatic or non-
enzymatic, in which flavin oxidizes a reactant with 
an acidic carbon adjacent to a carbonyl or an acyl 
group, the enolate of the reactant is an intermediate. 
For example, when flavin oxidizes carbons 2 and 3 
of an acyl-SCoA or carbon 2 of lactate, the enolate 
or enol of acyl-SCoA or the enolate or enol of lactate, 
respectively, is an intermediate in the oxidation.417 
 The evidence for these intermediates in enzy-
matic reactions is the ability of various flavoenzymes 
to catalyze the dehydrohalogenation of halogenated 
analogues of their substrates. For example, porcine 
∂-amino-acid oxidase, a flavoenzyme responsible 
for oxidizing various ∂-amino acids to the 2-oxo acids, 
readily dehydrohalogenates b-chloro-¬-alanine,418 
presumably through a b-elimination from its enolate 
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                (2-140) 

Lactate 2-monooxygenase, a flavoenzyme respon-
sible for oxidizing lactate to acetate and carbon 
dioxide, has as its first step the oxidation of lactate 
to pyruvate. This enzyme also catalyzes the dehydro-
halogenation of 3-chlorolactate419 

    
                (2-141) 

and its ability to catalyze this reaction is consistent 
with the involvement of the enolate of lactate as an 
intermediate in the normal enzymatic reaction. 
Porcine medium-chain acyl-CoA dehydrogenase 
catalyzes a similar elimination of 1,2-dichlorosulfanyl-
ethene from 5,6-dichloro-4-thia-5-hexenoyl-SCoA.420 
 Dehydrohalogenation can also occur in the 
direction of reduction of the reactant. The reduced 
form of ¬-lactate dehydrogenase (cytochrome), an 
enzyme that also oxidizes lactate to pyruvate and 
hence the reduction of pyruvate to lactate, can cata-
lyze the dehalogenation of bromopyruvate in a 
reaction that simultaneously oxidizes reduced flavin. 
In this reaction, reduced flavin produces the enolate 
of bromopyruvate, which then eliminates a bromide 
ion421 

    
                (2-142) 

  In crystallographic molecular models of the 
active sites of porcine medium-chain acyl-CoA dehy-
drogenase, ¬-lactate dehydrogenase (cytochrome) 
from S. cerevisiae, human isovaleryl-CoA dehydro-
genase, and short-chain acyl-CoA dehydrogenase 
from R. norvegicus there is a catalytic base located 
in the proper position and orientation to remove 
the respective a hydron on the carbon adjacent to 
the carbonyl group or the acyl group and form the 
enol or enolate of the reduced substrate.316,422-425 
When the glutamate that serves as the catalytic 
base425 in short-chain acyl-CoA dehydrogenase 
from R. norvegicus was mutated to glutamine, no 
enzymatic activity could be detected,426 and when the 
glutamate in human medium-chain acyl-CoA dehy-
drogenase was mutated to a glutamine, the rate of the 
enzymatic reaction decreased427 by a factor of 104. 
 All these observations have been interpreted to 
mean that, in the normal oxidation of the respective 
substrate, its enol or enolate is first formed, and then 
two of the electrons in the electron-rich highest 
occupied molecular orbital of the p molecular orbital 
system of the enolate are transferred to the oxidized 
flavin to oxidize the substrate and reduce the flavin. 
 Charge-transfer bands have been observed 
with flavoenzymes that oxidize the enolates of their 
substrates. (S)-Mandelate dehydrogenase, which 
oxidizes the enol of (S)-mandelate 
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   (2-143) 

displays a charge-transfer band between 500 and 
700 nm. Because the rate of formation of the 
charge-transfer band is slower when 2-deuterio-
mandelate is used as the reactant428 and its for-
mation requires an acyl or carbonyl oxygen a to the 
hydrogen being removed from the reactant,429 the 
charge-transfer band has been assigned as one result-
ing from electron transfer between the enolate of 
(S)-mandelate and oxidized flavin. 
 The enolate of octanoyl-SCoA (or of other fatty 
acyl coenzymes A) is oxidized by medium-chain 
acyl-CoA dehydrogenase (Equation 2-114) to 
2-octenoyl-SCoA (or other a,b-unsaturated fatty acyl 
coenzymes A). When the enzyme containing oxidized 
flavin is mixed with octanoyl-SCoA in the absence 
of electron-transferring flavoprotein, which is its 
normal general oxidant, the oxidized flavin in the 
active site oxidizes one octanoyl-SCoA to 2-octen-
oyl-SCoA, which remains on the active site. This 
complex between porcine medium-chain acyl-CoA 
dehydrogenase, reduced flavin, and octenoyl-SCoA 
displays a broad charge-transfer band between 500 
and 700 nm.430-432 When an analogue of octan-
oyl-SCoA that can be enolized but cannot be oxidized, 
such as 3-thiaoctanoyl-SCoA,433 2-octynoyl-SCoA,434 
or phenylacetyl-SCoA,435 is mixed with the oxidized 
porcine or human medium-chain acyl-CoA dehydro-
genase, the a hydron is removed from the analogue 
by the base in the active site to form the enolate,434,435 
and the absorption spectrum (Figure 2-17) of the 
complex between the enolate and the oxidized flavin 
displays a charge-transfer band of long wavelength 
(lmax = 800 nm).405 
 There are other examples. A transient inter-
mediate with a charge-transfer band (lmax = 565 nm) 
that has been assigned to electron transfer from 
the enolate of butyryl-SCoA to oxidized flavin436,437 
has also been observed in rapid kinetic studies of 
porcine medium-chain acyl-CoA dehydrogenase. 
Phosphopantothenoylcysteine decarboxylase also 
displays a charge-transfer band between its enolate 

and oxidized flavin.438 If these charge-transfer 
bands indicate the ability to transfer an electron in 
the respective ground states, then the chemical steps 
between transfer of an electron from the enolate of 
the acyl-SCoA to oxidized flavin, and transfer of an 
electron from the radical anion of the acyl-SCoA to 
neutral flavin semiquinone, would be removal of a 
hydron from the b carbon of the a radical of the 
acyl-SCoA 

   
                (2-144) 

and hydronation of the anionic conjugate base of 
flavin semiquinone, a hydronation required to occur 
before the semiquinone can be reduced by one 
electron (Figure 2-9). 
 The existence of these charge-transfer bands 
in the spectra of these flavoenzymes suggests that 
the electrons can be passed between the enolate of 
the substrate and the flavin one at a time. If so, there 
must be radical intermediates: flavin semiquinone 
(Figure 2-9), which would not be surprising since it 
has been observed routinely in particular active 
sites, and radicals formed from the substrates 
(Equations 2-138 and 2-144). The feasibility of 
one-electron mechanisms involving flavin has been 
established by calculating standard free energies of 
formation of radical intermediates.439 It has even 
been shown that reduced 3,5,7,8,10-pentamethyliso-
alloxazine will react with several electron-deficient 
carbonyl compounds to yield flavin semiquinone, 
recognized by its blue color, and presumably the 
carbonyl radical anion,440 which would be the conju-
gate base of the radical intermediate in the reduction 
of an aldehyde or ketone (such as pyruvate) to an 
alcohol (such as lactate), a reaction always thought 
to result from direct transfer of a hydride. It has also 
been observed that scavengers of radicals can lower 
the yields of enzymatic oxidations catalyzed by flavin 
that pass through enolates.441 When flavoenzymes 
react with analogues of their respective nucleo-
philic substrates designed to fragment characteris-
tically when they become the respective radical 
intermediates upon transfer of the first electron, 
the expected products of those fragmentations are 
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produced,442,443 but it has also been shown that 
such fragmentations can be equivocal.444 There 
are also other experimental results obtained with 
some of the same enzymes suggesting that, in the 
oxidations of the normal substrates, radical inter-
mediates are not formed.445 
 The mechanisms for the oxidations of the thio-
lates, enolates, and amines that are suggested by the 
existence of the various charge-transfer complexes 
and the fragmentations of analogues of the substrates 
expected from the formation of their radicals all 
involve transfer of an electron from the reactant to 
the flavin to produce the respective radical or radical 
cation of the reactant and flavin semiquinone radical 
anion, hydronation of the flavin semiquinone radical 
anion (Figure 2-9), and transfer of the second electron 
to the neutral flavin semiquinone, either after or 
coincident with dehydronation of the appropriate 
carbon in the radical or radical cation of the reactant. 
These are, however, the same oxidation–reductions 
for which mechanisms involving nucleophilic adducts 
(Equations 2-127 through 2-133) have been proposed 
as well. These two alternatives are mutually exclusive. 
Because the two respective members of each of the 
redox couples in each of these reactions, the reactant 
and the oxidized product and the oxidized flavin 
and the reduced flavin, differ from each other by 
the equivalent of a hydride and a hydron, there is a 
third, also mutually exclusive alternative.  
 
 There is evidence for many enzymes using 
flavin as an oxidant or a reductant that the mech-
anisms proceed by direct transfer of a hydride rather 
than either formation of a nucleophilic adduct or 
two one-electron transfers. One set of observations 
in favor of direct transfer of a hydride in two-
electron oxidation–reductions of flavin comes from 
experiments with 5-carba-5-deazaflavins, in which 
nitrogen 5 of the isoalloxazine (2-42) has been 
substituted by a carbon. These analogues of flavin 
retain a hydrogen nucleus at position 5 but in a 
carbon–hydrogen bond rather than as a hydron that 
can participate in acid–base exchange in a nitrogen–
hydrogen bond as occurs with flavin. A naturally 
occurring 5-carba-5-deazaflavin is N-{N-[O-(7,8-dide-
methyl-8-hydroxy-5-deazaphosphoriboflavin)-(S)-
lactyl]-g-¬-glutamyl}-¬-glutamate, coenzyme F420 
(previously 1-69) 

 

which is used as a coenzyme in methanobacteria.446 
Various enzymes transfer the equivalent of a hydride 
to and from carbon 5 of this 5-carba-5-deazafla-
vin.447,448 The existence of this coenzyme as an 
acceptable natural analogue of flavin suggests that 
the unnatural, synthetic substitution of a carbon 
for nitrogen 5 in a flavin is also acceptable. 
 In a solution prepared with deuterium oxide, 
2H2O, NADH is able to reduce 5-carba-5-deaza-
3,10-dimethylisoalloxazine 

    
                (2-145) 

by direct transfer of its hydrogen to carbon 5 of the 
5-carba-5-deazaflavin with no interchange with 
deuterons in the solvent.449 This observation is 
consistent with a direct transfer of a hydride and 
rules out the successive transfer of two electrons, 
one at a time, punctuated by hydron transfers in 
this instance because it is unlikely that a hydron 
lost from carbon 4 of NADH would be transferred 
directly to carbon 5 of the deazaflavin in free solu-
tion. 5-Carba-5-deaza-1,5-dihydro-3,10-dimethyliso-
alloxazine, the reduced form of 5-carba-5-deaza-
3,10-dimethylisoalloxazine, is able to transfer the 
hydrogen on its carbon 5 directly to the carbonyl 
carbon of pyridoxal 5¢-phosphate,450 and this abil-
ity demonstrates that a reduced flavin, albeit one 
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missing nitrogen 5, can directly transfer a hydride to 
a substrate. 
 The situation is more ambiguous on the active 
site of an enzyme, however, where the two reactants 
are held adjacent to each other and formal transfer 
of a hydride cannot be distinguished from a shielded, 
directed transfer of a hydron between the reactants. 
Nevertheless, in each of several enzymatically cata-
lyzed reactions the reduced substrate, the hydrogen 
of which is labeled as tritium, has been shown to 
transfer the tritium, ostensibly as a formal tritide 
ion, directly to carbon 5 of a 5-carba-5-deazaflavin 
that has been substituted for the normal flavin 

            
                (2-146) 

usually in quantitative yield. Examples of donors 
for hydride in the respective enzymatically catalyzed 
reductions of a 5-carba-5-deazaflavin have been 
∂-[a-3H]alanine in the active site of porcine 
∂-amino-acid oxidase451 

      
                (2-147) 

and ¬-[a-3H]glutamate in the active site of methyl-
amine—glutamate N-methyltransferase from Amino-
bacter aminovorans452 

    
                (2-148) 

 An oxidized substrate can also be reduced by 
labeled 5-dihydro-5-carba-5-deazaflavin. When 
crotonyl-SCoA is reduced with [5,5-3H2]-5-carba-
5-deazaflavin in the active site of short-chain 
acyl-CoA dehydrogenase from Megasphaera els-
denii453 

     
                (2-149) 

one of the tritiums on the [5,5-3H2]-5-carba-5-deaza-
flavin is transferred during a reduction that produces 
the enol of [3-3H]butyryl-SCoA. 
 The flavoenzyme porcine methylenetetrahydro-
folate reductase (NADPH) 

  
                (2-150) 

transfers the tritium from (5S)-[5-3H]-5-carba-
5-deaza-8-demethyl-8-hydroxyflavin quantitatively 
to form either (4S)-[4-3H]NADPH or N5-([3H]methyl)-
tetrahydrofolate.454 This result shows that the hydride 
on a 5-carba-5-deazaflavin can be transferred with 
high stereospecificity to the oxidant in either of the 
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redox couples, the general and the nominal, of the 
respective enzymatic half-reactions. The flavoen-
zyme UDP-N-acetylmuramate dehydrogenase cata-
lyzes transfer of the deuterium on carbon 4 of 
(4S)-[2H]NADPH to carbon 11 of UDP-N-acetyl-
muramate with no detectable dilution of the deuter-
ium through exchange with hydrons in solution.455 
This observation suggests that the deuterium is 
transferred as a hydride from NADPH to the 5-carba-
5-deazaflavin and then as a hydride from the flavin 
to UDP-N-acetyl-3-O-(1-carboxyethenyl)-∂-glucos-
amine. Before and after each step, the hydrogen is 
on carbon. 
 When the formal transfer of a hydride from 
reduced 5-carba-5-deazaflavin to the b carbon of 
crotonyl-SCoA (Equation 2-149) was carried out by 
the enzyme short-chain acyl-CoA dehydrogenase 
from M. elsdenii, the rate was equal to the rate of 
transfer of a hydride from reduced flavin to the 
b carbon of crotonyl-SCoA catalyzed by the same 
enzyme.453 If the rate-limiting step in these enzy-
matic half-reactions actually is formal transfer of 
the hydride, this result suggests that, at least in this 
case, the reaction of the 5-carba-5-deaza analogue 
reproduces the normal reaction. 
 In each of the reactions just described, the 
hydrogen is required to be on carbon to begin with 
and on carbon at each step. If it were ever on a hetero-
atom, it would have been susceptible to exchange. 
Consequently, these results may not be relevant to 
reactions involving the oxidation–reduction of thiols 
discussed above. 
 
 In the crystallographic molecular models of 
the complexes between many flavoenzymes that 
catalyze formal transfers of hydrides from carbon 
and their nominal substrates, the carbon on the 
nominal substrate from which the equivalent of a 
hydride is removed is often found immediately 
adjacent to nitrogen 5 of the flavin and points its 
carbon–hydrogen bond at nitrogen 5.313,316,456-468 
An example would be the complex between ∂-amino-
acid oxidase from R. toruloides and ∂-3,3,3-trifluoro-
alanine (Figure 2-12).313 ∂-3,3,3-Trifluoroalanine is 
not a substrate for the enzyme469 because of the 
electron withdrawal of the three fluorines. In the 
crystallographic molecular model, the distance 
between the a carbon of ∂-trifluoroalanine, from 
which the hydride would be removed if it were 
∂-alanine, to nitrogen 5 of the flavin is 0.31 nm, 
well within van der Waals contact. The a carbon–
nitrogen 5–nitrogen 10 angle is 104ª, close to the angle 

observed in a covalent, nucleophilic adduct at nitro-
gen 5 (116ª) of flavin,470 a fact indicating that the 
hydride would be on a proper trajectory to form a 
s bond with nitrogen 5. The carbon–hydrogen bond is 
not pointed directly at nitrogen 5, but the ∂-trifluoro-
alanine is tilted only about 30ª out of alignment. The 
distance and the orientation are almost ideal for direct, 
in-line transfer of a hydride between the carbon and 
the nitrogen. 
 The orientation of the carbon–hydrogen bond 
is even closer to ideal in the crystallographic molecular 
model of the complex between cytokinin dehydro-
genase from Zea mays and the poorly oxidized 
substrate N6-benzyladenine. The distance between 
nitrogen 5 of the flavin and the benzyl carbon, from 
which the equivalent of a hydride is removed, is 
0.27 nm; the benzyl carbon–nitrogen 5–nitrogen 10 
angle is 120ª (180ª - 60ª). The carbon–hydrogen 
bond on the benzyl carbon, which remains reduced 
in the complex, is tilted only about 10ª out of 
alignment with the line of centers between nitro-
gen 5 and the benzyl carbon461 

 

 In the complex between porcine medium-chain 
acyl-CoA dehydrogenase (Equation 2-114) and octan-
oyl-SCoA, the octanoyl-SCoA may well be reduced 
to octenoyl-SCoA and the flavin oxidized, but octan-
oyl-SCoA was nevertheless inserted into the electron 
density. In the resulting crystallographic molecular 
model of the complex between the enzyme and 
octanoyl-SCoA, the distance between nitrogen 5 of 
the flavin and the b carbon of octanoyl-SCoA, from 
which a hydride would be transferred, is 0.30 nm, 
well within the sum of the van der Waals radii; the 
b carbon–nitrogen 5–nitrogen 10 angle is 106ª; and 
the b carbon–hydrogen is tilted about 35ª out of 
alignment with the line of centers (Figure 2-13).316 
 All these orientations and distances seem to 
demand that direct in-line transfer of a hydride from 
substrate to flavin occur during the normal oxidation–
reduction in these cases. Yet complexes between 
several of these enzymes, in particular ∂-amino-
acid oxidase471 and porcine medium-chain acyl-CoA 
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dehydrogenase, and their substrates, both when 
the substrate is reduced and the flavin is oxidized 
and when the substrate is oxidized and the flavin is 
reduced, display charge-transfer bands. 
 One difference between direct, formal transfer of 
a hydride to carbon 4 of nicotinamide, for example 
in the case of alcohol dehydrogenase (previously 1-76) 

 

and direct, formal transfer of a hydride to nitrogen 5 
of flavin, for example in the case of cytokinin dehydro-
genase (2-52), is that carbon 4 of nicotinamide has 
a hydrogen on it while nitrogen 5 of flavin has a 
lone pair of electrons. Much more than the hydrogen, 
this lone pair of electrons on the nitrogen should 
hinder direct, formal transfer of a hydride by electron 
repulsion. On the opposite face of the flavin from 
the position assumed by the nominal substrate that 
donates the equivalent of a hydride, there is usually 
a donor for a hydrogen bond.472 The donor is 
0.28-0.34 nm from nitrogen 5 at an angle of 
120ª-170ª to the line of centers between nitrogen 5 
and nitrogen 10 of the flavin (Figures 2-12 and 2-13). 
This is a location ideal (see 2-42) for drawing the 
s  lone pair of electrons on nitrogen 5 into a hydrogen 
bond and away from the hydrogen of the nominal 
substrate that is to be transferred as a hydride. 
 This donor for a hydrogen bond can be either a 
nitrogen–hydrogen from the backbone of the poly-
peptide (Figure 2-12), the donor on a side chain 
such as the nitrogen–hydrogen of an arginine or the 
oxygen–hydrogen of a threonine (Figure 2-13), or a 
molecule of water that forms a hydrogen bond to 
the 6-amino group of a lysine.473 It is, however, always 
a weak acid (pKa > 10), probably because the lone 
pair, after being pulled away from the hydride being 
transferred, becomes a delocalized pair of electrons 
in reduced flavin (Figure 2-9) and should not be 
localized by hydronation, which would be the 
drawback of a stronger acid. In the direction of re-
duction of the nominal substrate, the donor for the 
hydrogen bond localizes the otherwise delocalized 
lone pair of electrons (2-45) and as a result pushes 
the hydrogen on nitrogen 5 out of the plane of the 
ring (see Figure 2-9). These effects would promote 

the formal transfer of a hydride from nitrogen 5. 
When the lysine in the active site of tryptophan 
2-monooxygenase from Pseudomonas savastanoi 
that performs this role on the opposite face of the 
flavin is mutated to a methionine,474 the rate of 
reduction of the prosthetic flavin by ¬-tryptophan 
decreases by a factor of at least 105. 
 
 In contrast to the frequent examples of orien-
tations of substrates as expected for a direct in-line 
transfer of a hydride, there are instances in which 
a p  molecular orbital system in a substrate is stacked 
upon the isoalloxazine. This arrangement is analo-
gous to the stacking of a p molecular orbital system 
upon nicotinamide adenine dinucleotide (Figures 
1-16 and 1-19). In the crystallographic molecular 
model of the complex between octanoyl-SCoA and 
porcine acyl-CoA dehydrogenase, the flat p molecular 
orbital system of the thioester stacks on the p system 
of the flavin (Figure 2-13).316,475 The larger p molecular 
orbital of the enol of the thioester, formed by removing 
the a hydron, would stack as well. In the crystallo-
graphic molecular model between the oxidized form 
of UDP-N-acetylmuramate dehydrogenase from 
E. coli and the oxidized form of its substrate, the 
carboxyethenyl group of the substrate, which is a 
carboxyenol ether, is also stacked on the flavin.476,477 
In the crystallographic molecular models of the 
complexes between the respective substrates and 
∂-amino-acid oxidase (Figure 2-12) and succinate 
dehydrogenase from Shewanella putrefaciens,456,457 
the p molecular orbital system of a carboxylate in 
the substrate stacks on the p molecular orbital sys-
tem of the flavin. And in the crystallographic mo-
lecular models of complexes between substrate and 
polyunsaturated fatty acid isomerase from Cutibac-
terium acnes, the p molecular orbital system of a 
conjugated diene stacks on the p molecular orbital 
system of the flavin.462 
 In each of these instances, which all involve 
acyclic, unsaturated nominal substrates, the stacking 
of a p molecular orbital system in the substrate upon 
the p molecular orbital system of the flavin does not 
prevent the hydrogen on the substrate that partici-
pates in formal transfer of a hydride to the flavin 
from assuming the proper orientation and sitting 
the proper distance from nitrogen 5 of the flavin for 
direct in-line transfer of a hydride (Figures 2-12 
and 2-13). There are, however, several examples of 
nominal substrates with cyclic p molecular orbital 
systems in which the almost complete stacking of a 
cyclic p  molecular orbital system of the substrate 
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on the p  molecular orbital system of the flavin 
does seem to place the carbon–hydrogen bond of the 
substrate in an orientation that should be unfavorable 
if not forbidden for direct transfer of a hydride.478-482 
The nicotinamide rings of NAD+ and NADP+ illus-
trate this problem most dramatically because of their 
departure from the reasonable positioning performed 
by other active sites in which the hydride to be 
removed is in line with the carbon on which it sits 
and nitrogen 5 of the flavin and at the proper angle 
for transfer. 
 Many flavoenzymes use the general redox 
couples NAD+ and NADH and NADP+ and NADPH 
as carriers of a hydride in a half-reaction to regen-
erate the oxidized or reduced flavin, respectively, in 
preparation for the reduction or the oxidation of 
the nominal reactant in the next round. Crystallo-
graphic molecular models of NADH or NADPH in a 
complex with the reduced form of the flavin in the 
active site306,478,483,484 or crystallographic molecular 
models of NAD+ or NADP+ in a complex with the 
oxidized form of the flavin in the active site485 or 
both of these pairings486 show that, in each case, 
the p  molecular orbital system of the nicotinamide 
stacks upon the p  molecular orbital system of the 
flavin (Figure 2-11).311 These are not complexes that 
are normally involved in the enzymatic reaction 
because they pair reduced flavin with NADH (the 
reduced form of the nicotinamide) or oxidized flavin 
with NAD+ (the oxidized form of the nicotinamide). 
Consequently, one might argue that they are irrele-
vant to the actual mechanism of formal transfer of 
the hydride, but the only atom that is duplicated in 
or that is missing from the respective complexes is 
the hydrogen that would normally be transferred 
between them. Because this is the smallest possible 
difference and because both flavin nucleotides and 
nicotinamide nucleotides are large molecules, these 
complexes probably represent the actual orientation 
of the ring of the nicotinamide and the rings of the 
flavin, at least in the Michaelis complex and probably 
during the actual transfer of the hydride. In the active 
site of FMN reductase (NADPH) from E. coli, the FMN 
that is the substrate, rather than an NAD+, also 
stacks upon the prosthetic FMNH- in the active 
site.487 
 The difficulty with all these stacked orientations 
is that, although carbon 4 of the nicotinamide is 
always directly adjacent to nitrogen 5 of the flavin 
in the stack, the distance between them is fixed at 
0.32 nm by the van der Waals radii of the atoms in 
the respective rings of p orbitals, and the carbon–
hydrogen bond of the hydride on the reduced nico-

tinamide points well away from nitrogen 5. In a 
theoretical calculation of the orientation that must 
exist in the transition state for transfer of a hydride 
between the nicotinamide and the prosthetic flavin 
in the active site of ferredoxin—NADP+ reductase 
from Anabaena, the plane of the nicotinamide is 
required to be tilted with respect to the plane of the 
flavin at a 60ª angle before hydride transfer can 
occur.488 In a crystallographic molecular model of 
NADH bound in the active site of a mutant of ferre-
doxin—NADP+ reductase from Z. mays (40% identity; 
2.3 gap percent), the nicotinamide, as usual, is stacked 
upon the flavin. 
 In order for a nicotinamide that is stacked upon 
a flavin to tilt through the angle required by this 
calculation and other similar calculations, either 
nitrogen 1 of the nicotinamide ring, which is firmly 
anchored in the active site by the adenosylribose to 
which it is covalently attached, or nitrogen 10 of the 
flavin (in the case of ferredoxin—NADP+ reductase, 
flavin adenine dinucleotide), which is firmly anchored 
to the active site by its ∂-ribityl group, would have 
to move 3 nm. The tilting of one or both of the rings 
also seems to be sterically precluded in the rather 
crowded confines of most active sites. For example, 
in the complex between NADPH and glutathione-
disulfide reductase (Figure 2-11), the nicotinamide 
ring is sandwiched between the flavin and the 
hydroxyphenyl ring of a tyrosine.310 All three 
p molecular orbital systems—tyrosine, nicotin-
amide, and flavin—are parallel to each other in the 
stack. 
 It seems, therefore, that these theoretical calcu-
lations of the transition state, if they actually define 
the required orientation for either direct hydride 
transfer, rule out the direct transfer of a hydride 
between carbon 4 of nicotinamide and nitrogen 5 
of isoalloxazine if they are stacked one one top of 
the other in the Michaelis complex, as they are in 
most if not all crystallographic molecular models of 
complexes between nicotinamide-adenine dinucleo-
tides and flavoenzymes. Indeed, it would seem that 
if the calculated orientations are the actual orienta-
tions required for hydride transfer, then the active 
sites that perform transfer of a hydrogen between a 
nicotinamide and an isoalloxazine would be assem-
bled by natural selection to hold the nicotinamide 
and the isoalloxazine in those orientations upon 
their initial association, just as other reactants are 
held in such favorable orientations in situations in 
which p molecular orbitals do not stack (2-52). It 
would seem that in-line transfer of a hydride is 
precluded by the actual dispositions. There are 
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several other possibilities for transfer of the hydrogen 
between nitrogen 5 of the flavin and carbon 4 of the 
nicotinamide. 
 The first possibility is tunneling. Theoretical 
calculations and observed kinetic isotope effects 
suggest that the formal transfer of a hydride between 
carbon 4 of nicotinamide and nitrogen 5 of flavin in 
such a situation could occur by hydrogen tunneling,489 
which is the process generally invoked to explain 
abnormal, idiopathic kinetic isotope effects in the 
transfer of a hydron. There are other results, however, 
suggesting that formal transfer of a hydride from 
NADH to flavin does not involve hydrogen tunnel-
ing.490 Furthermore, carbon 4 of the nicotinamide 
and nitrogen 5 of the flavin are farther apart than 
atoms between which hydrogen tunneling usually 
occurs, and they are unable to come closer together 
while stacked upon each other. In the crystallo-
graphic molecular model of the complex between 
1,4,5,6-tetrahydronicotinamide adenine dinucleotide 
and the active site of morphinone reductase from 
P. putida, the plane of the tetrahydronicotinamide 
ring is parallel to the plane of the isoalloxazine ring 
of the prosthetic flavin and stacked upon it.491 Theo-
retical calculations, however, of the transition state 
for transfer of a hydride from carbon 4 of the nicotin-
amide to nitrogen 5 of the flavin during the normal 
reaction in the active site of this enzyme require that, 
in order to accomplish the transfer of the hydride, 
when the full effects of tunneling are included, the 
plane of the nicotinamide ring must tilt away from 
the plane of the isoalloxazine through an angle of 
almost 90ª so that a normal in-line transfer of the 
hydride between carbon 4 of the nicotinamide and 
nitrogen 5 of the flavin, which would bring the two 
atoms close enough so that tunneling can occur, 
can be accomplished.492 
 The second possibility is transfer of an electron, 
followed by transfer of a hydron from carbon 4 to 
nitrogen 5, and finally transfer of the second electron. 
The standard free energy change for transfer of an 
electron from reduced nicotinamide (Eª¢ = +270 mV) 
to oxidized flavin (Eª¢ox/sq = -240 mV), were each of 
them in free solution, is +50 kJ mol-1, which is signif-
icantly unfavorable (Keq = 109). Likewise, in the other 
direction, the standard free energy change for transfer 
of an electron from reduced flavin (Eª¢red/sq = -130 mV) 
to oxidized nicotinamide (Eª¢ = -930 mV), again 
were each of them in free solution, is +77 kJ mol-1 
(Keq = 1013). These changes in standard free energy 
seem to indicate that a mechanism of two one-
electron transfers in successive steps is unrealistic 

in either direction because, in each direction, the 
first step is quite unfavorable. These are, however, 
changes in standard free energy for transfer of an 
electron in solution at pH 7. Furthermore, enzymatic 
active sites often lower free energies of activation 
for nucleophilic substitutions and additions and 
elimination–additions by similar amounts. 
 Unlike the situation in solution, in the active 
site of an enzyme, the nicotinamide is stacked upon 
the flavin, and the formation of a charge-transfer 
complex in this circumstance may permit the rate 
of the initial transfer of an electron to be rapid 
enough to participate in the overall reaction. There 
are many instances in which the first step in the 
enzymatic reduction by NADH or NADPH of oxidized 
flavin bound to an active site as a prosthetic group 
is formation of a complex between the reduced 
nicotinamide and the oxidized flavin that displays a 
charge-transfer band.325,406,493,494 These charge-
transfer bands are evanescent because reduction of 
the oxidized flavin follows immediately. For example, 
when NADPH is mixed with the domain of human 
NADPH—hemoprotein reductase that contains the 
active site for reduction of the prosthetic oxidized 
flavin adenine dinucleotide, within the first 4 ms 
the NADPH binds to the active site and forms a 
charge-transfer complex with the oxidized flavin, 
with a charge-transfer band that has a maximum of 
absorbance at around 620 nm (Figure 2-17).406 The 
formation of this charge-transfer complex precedes 
removal of the hydrogen nucleus from NADH or 
NADPH because when the protium on carbon 4 of 
NADH or NADPH is replaced with a deuterium, the 
rates of decay of the charge-transfer bands in the 
next step of several of these enzymatic reactions 
are decreased495,496 by a factor of 2-7. 
 The existence of the charge-transfer band indi-
cates that, in the complex between NADH or 
NADPH and oxidized flavin in the active site, the 
nicotinamide and the flavin are electronically coupled 
and that transfer of an electron between the two, 
under favorable circumstances, will be essentially 
instantaneous. Consequently, if a hydron must be 
removed from the NADH or NADPH coincident 
with transfer of an electron, the removal of that hydron 
would be the rate-limiting step in the transfer of 
the electron. This view of the situation is consistent 
with the fact that when the protium on carbon 4 of 
NADH or NADPH is replaced with a deuterium, the 
rate of reduction of oxidized flavin decreases497-500 
by a factor of 3-8. These kinetic isotope effects are 
consistent with dissociation of a hydron from carbon 
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but also with dissociation of a hydride from carbon. If 
the situation is such that the reduced flavin resulting 
from the formal transfer of a hydride from the nicotin-
amide to the flavin is not immediately oxidized, the 
product of the step in which the hydrogen has just 
been transferred from the nicotinamide to the flavin 
is now a complex between oxidized nicotinamide 
and reduced flavin that displays its own character-
istic charge-transfer bands.494,501-504 
 With again the disclaimer that these two types 
of associations may not be charge-transfer complexes 
in the respective ground states, these results are 
consistent with a mechanism in which an electron 
is transferred from reduced nicotinamide to flavin 
in a charge-transfer complex while a hydron is being 
removed from the developing radical cation of the 
nicotinamide and a hydron is added to the resulting 
anionic flavin semiquinone, and then an electron is 
transferred immediately from neutral nicotinamide 
radical to neutral flavin semiquinone in a second 
charge-transfer complex. The fact that the intensity 
of the charge-transfer bands between nicotinamide 
and flavin correlated with the rates of normal reduc-
tion of the flavin in the reaction catalyzed by 
4-hydroxybenzoate 3-monooxygenase [NAD(P)H] 
from Pseudomonas aeruginosa 

  
                (2-151) 

as the pH of the solution was varied505 is consistent 
with participation of the transfer of an electron 
through a charge-transfer complex in the mecha-
nism of its reaction. 
 In the crystallographic molecular model of 
human glutathione-disulfide reductase with NADPH 
bound at the active site, stacked upon what is proba-
bly reduced flavin, the amino group of Lysine 67 is 
between carbon 4 of the nicotinamide and nitro-
gen 5 of the flavin. Even though the amino group of 
Lysine 67 is only 0.37 nm away from carbon 4 of the 
nicotinamide (Figure 2-11), within the sum of van 
der Waals radii, nitrogen 5 of the flavin is closer 
(0.304 nm),306,310,311 but this contraction is proba-
bly the result of a normal hydrogen bond between 
the two nitrogens. From an examination of the 
crystallographic molecular model, it was concluded 
that a hydride could not be transferred from carbon 
4 of the nicotinamide to nitrogen 5 of the flavin.311 
Instead, it was proposed that, during the reduction, 
two electrons would flow from the nicotinamide to 

the flavin while the hydrogen of NADPH is being 
removed as a hydron by the oxygen of Gluta-
mate 202, which is within (0.33 nm) van der Waals 
contact (0.38 nm) of carbon 4.310 The hydron would 
be relayed to the 6-amino group of Lysine 67, which 
is in a hydrogen bond (0.284 nm) with the same 
oxygen of Glutamate 202, and then transferred from 
the lysine to the adjacent (0.304 nm) nitrogen 5 of 
the flavin. Both the charge-transfer complex resulting 
from the stacking of nicotinamide on flavin and the 
concerted transfer of the hydron would promote the 
otherwise difficult movement of the first electron. 
Following transfer of the hydron, accompanied by 
transfer of the electron, the second electron would 
be transferred. When the lysine in dihydrolipoyl 
dehydrogenase from E. coli, the 6-amino group of 
which is immediately adjacent to nitrogen 5 of its 
prosthetic flavin and homologous to Lysine 67 in 
glutathione-disulfide reductase, is mutated to an 
arginine, the rate of its enzymatic reaction decreas-
es by a factor of 1000.329 
 In the crystallographic molecular models of 
most if not all complexes between flavoenzymes 
and nicotinamides, there is a acid–base adjacent to 
carbon 4 of the nicotinamide and nitrogen 5 of the 
flavin in a position in which it could perform a similar 
tautomerization. It can be a glutamic acid and a lysine 
that together participate in a hydrogen bond,484 the 
hydroxy group of a serine or a threonine,483,485 or a 
molecule of water.486 In each of these instances the 
acid–base is at least bidentate. When the serine 
sitting in this location in NADPH—hemoprotein 
reductase is mutated to alanine, its proficiency for 
catalysis of the reduction of its flavin by NADPH 
decreases by a factor of 100.506 
 The dihydroorotate from which a hydride is 
transferred to flavin in the active site of dihydro-
orotate dehydrogenase (fumarate) from Lactococcus 
lactis is stacked upon the flavin,507 just as the nico-
tinamide is in the active sites of glutathione-disulfide 
reductase and other enzymes that catalyze transfer 
of a hydride from nicotinamide to flavin. The 
6-ammonio group of Lysine 43 in dihydroorotate 
dehydrogenase (fumarate) forms a hydrogen bond 
to nitrogen 5 of the flavin and is in van der Waals 
contact with the carbon on the orotate from which 
the hydride is transferred. When Lysine 43 is mutated 
to an alanine, the catalytic proficiency of the enzyme 
decreases by a factor of 7500.508 
 One set of results, however, seems to provide 
results that contradict the view that NADH or 
NADPH reduces oxidized flavin by transfer of indi-
vidual electrons coupled to transfer of a hydron. 

4-hydroxybenzoate  +  NADPH  +  H+  +  O2

1   3,4-dihydroxybenzoate  +  NADP 
+  +  H2O 
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This contradiction is the fact that enzymes in which 
this oxidation–reduction occurs transfer the hydrogen 
nucleus from the NADH or NADPH intact to 5-carba-
5-deazaflavin when it replaces the prosthetic flavin. 
For example, [4-3H]NADH in the active site of FMN 
reductase (NADPH) from Vibrio harveyi509 is trans-
ferred in the active site to 5-carba-5-deazaflavin 

    
                (2-152) 

If it were stoichiometric, such a transfer of tritium 
would be unlikely if the hydrogen nucleus were being 
transferred as a hydron on a multidentate acid. 
During the transfer in this instance, however, less 
than stoichiometric transfer was observed, but the 
exact percent of transfer could not be determined 
because the isotope effect for tritium in the reaction 
was not determined, so it could have resulted from 
transfer of the hydrogen nucleus as a hydron in the 
shielded environment of the active site. Nevertheless, 
if it turns out that, in most cases, when the prosthetic 
flavin in an active site is replaced by 5-carba-
5-deazaflavin and transfer of an isotope of hydrogen 
is observed to be quantitative, such observations 
would seem to rule out a mechanism in which a 
hydron is transferred between flavin and nicotin-
amide by a multidentate acid. 
 The third possibility would be transfer of the 
hydrogen from carbon 4 of reduced nicotinamide 
to oxidized flavin in an ene reaction. Precedent for 
this mechanism would be the cycloaddition that 
occurs in the active site of phenacrylate decarbox-
ylase between prenylated FMNH2 and the reactant 
(2E)-3-phenylprop-2-enoate,370 an enzymatic ene 
reaction in the biosynthesis of pyridoxatin in Asper-
gillus bombycis,510 and the apparent, but disputed, ene 
reaction between NADH and (E)-but-2-enoyl-SCoA 
(previously Equation 1-98) 

                (2-153) 

A similar ene reaction should be able to occur between 
NADH and oxidized flavin 

                (2-154) 

If this is indeed the mechanism for the formal 
transfer of the hydride, the transfer between carbon 4 
of the NADH and nitrogen 5 of the flavin would be 
quantitative and 5-carba-5-deazaflavin would be as 
capable a participant in the reaction as flavin, if not 
a more capable participant. The precedent for the 
final step in the reaction, reversible nucleophilic 
addition of reduced flavin to NAD+, would be the 
rapidly reversible nucleophilic addition of urocanate 
to NAD+ in the hydration catalyzed by the active 
site of urocanate hydratase (Equation 2-81). Carbon 2 
of NAD+ is as electrophilic as carbon 4, if not more 
so. In the crystallographic molecular model of the 
active site of human glutathione-disulfide reduc-
tase (Figure 2-11), the nucleophilic double bond 
between carbon 1a and carbon 4a, which would add  
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to or dissociate from carbon 2 of the nicotinamide, 
is immediately adjacent to carbon 2. The distance 
from carbon 1a or from carbon 4a to carbon 2 is 
0.35 or 0.37 nm, respectively. The distance between 
carbon 4 of the nicotinamide and nitrogen 5 of the 
flavin is 0.32 nm. 
 In summary, when oxidized flavin, HFlox, par-
ticipates in a two-electron oxidation of a reactant, 
one or two hydrons and two electrons are removed 
from that reactant, and two electrons and one or 
two hydrons are added to the flavin to produce the 
anionic conjugate base of reduced flavin, H2Flred

-, 
or neutral reduced flavin, H3Flred. One hydron is 
usually removed from the reactant as a hydron by a 
catalytic base properly positioned in the active site. 
It is removed from a normally acidic position such 
as a thiol, an amine, or a carbon a to a carbonyl 
group or an acyl group by a properly positioned 
base in the active site. It is the other hydron and the 
two electrons on the resulting conjugate base, all of 
which end up formally on the oxidized flavin, that 
are in question. The hydron and the two electrons 
may be transferred directly as a hydride. The nu-
cleophile left behind by the removal of the first hy-
dron may form an adduct with nitrogen 5 or 
carbon 4a of the flavin, and the two electrons in the 
resulting s bond may be absorbed by the flavin as it 
dissociates as a nucleophilic leaving group from the 
electrophilic product. Or the electrons may be 
transferred one at a time, and during the first trans-
fer of the electron, the remaining hydron may be 
removed from the substrate radical as a hydron and 
a hydron added to flavin semiquinone as a hydron. 
The fact that experimental observations have been 
reported that are consistent respectively with each 
of these mechanisms may illustrate the remarkable 
versatility of flavin. The fact that two or three of 
these mutually exclusive mechanisms have often 
been proposed for the same enzymatic reaction, 
however, may illustrate our ignorance of what fla-
vin actually does. It is possible that evolution by 
natural selection has been able to choose among 
these different possibilities and has settled on one 
or another of them for a particular enzymatic 
mechanism. Whether it has always made the same 
choice or made different choices with different fla-
voenzymes remains to be determined. It is also 
possible that the actual mechanism for a particular 
flavoenzyme is some hybrid of two or more of the 
possibilities, just as a concerted nucleophilic sub-
stitution is a mixture of a dissociative nucleophilic 
substitution and an associative nucleophilic substi-
tution. 

 Complicating one’s judgment of the mechanisms 
of flavin is the fact that it participates in one-
electron transfers such as that catalyzed by adreno-
doxin-NADP+ reductase 

    
                (2-155) 

In this reaction, the redox couple of NADP+ and 
NADPH oxidizes and reduces the flavin by the 
equivalent of the transfer of a hydride but the adrenal 
ferredoxin, the mitochondrial form (33% identity; 
5.4 gap percent; human and E. coli) of a bacterial 
ferredoxin, is a one-electron redox couple, and the 
single electrons are passed one after the other from 
flavin with flavin semiquinone as an intermediate.511 
 
 The ability of a flavin to exist as the stable 
semiquinone (Figure 2-9) permits it to connect a 
two-electron oxidation–reduction to two succes-
sive transfers of single electrons. Flavin sits at the 
junction between many two-electron oxidoreduc-
tants and one-electron oxidoreductants.283 The two 
members of almost all nominal redox couples that 
participate in oxidation–reduction of flavins in flavo-
enzymes, such as N5,N10-methylenetetrahydrofolate 
and N5-methyltetrahydrofolate, crotonyl-SCoA and 
butyryl-SCoA, and 2-iminopropanoate and ∂-alanine, 
accept or donate the formal equivalent of a hydride 
and differ from each other by two electrons and 
one or two hydrons. The two members of several of 
the general redox couples that act as acceptors or 
donors to flavin, for example NAD+ and NADH and 
O2 and H2O2, also differ from each other by the 
formal equivalent of a hydride. With all these redox 
couples, two electrons are transferred to or from 
flavin and then two electrons are transferred from 
or to flavin, respectively. In many instances, however, 
the general redox couple regenerating the oxidized 
flavin or the reduced flavin, such as a prosthetic 
metallic ion, a prosthetic iron–sulfur cluster, or a 
prosthetic heme, is capable of transferring only one 
electron from or to the flavin. In such instances, the 
flavin must split a pair of electrons or join a pair of 
electrons, respectively. 
 The ability of flavin to split pairs of electrons 
into two single electrons or join two single elec-
trons into a pair of electrons is one of its key roles 
in metabolism. When flavin splits a pair of elec-
trons that it has accepted in a two-electron reduc-
tion such as a hydride transfer, each electron by 

2 reduced adrenodoxin  +  NADP 
+  +  H+

   1   2 oxidized adrenodoxin  +  NADPH 
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itself can then be transferred successively among a 
subset of the large array of prosthetic groups capable 
of participating only in one-electron transfer. A single 
electron transferred to flavin from one member of 
such a subset of prosthetic groups can also be 
joined by flavin with a second electron transferred 
successively on the same path. A prosthetic flavin 
can also bifurcate two electrons. When flavin bifur-
cates two electrons, they are split between two 
separate acceptors rather than passed successively 
to the same acceptor. For example, one of the pros-
thetic flavins in electron-transfer flavoprotein from 
Acidaminococcus fermentans bifurcates two electrons 
that it accepts in a hydride transfer from NADH by 
transferring one to a prosthetic iron–sulfur cluster in 
a ferredoxin and the other to another prosthetic flavin 
in the same molecule of electron-transfer flavoprotein 
situated in an environment that stabilizes the anionic 
semiquinone.512 This capacity of flavin to split or 
join electrons serves as an introduction to biochem-
ical one-electron transfer. 
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Problem 2-17: Sarcosine oxidase (formaldehyde-
forming) from Corynebacterium is a flavoenzyme that 
catalyzes the reaction513 

 

 (A) Write a mechanism for the reaction as a direct 
hydride transfer. What provides the push? 

 (B) Write a mechanism for the reaction involving 
an adduct at nitrogen 5 of the flavin. 

 (C) Write a mechanism for the reaction involving 
an adduct at carbon 4a of the flavin. 

 (D) Write a mechanism for the reaction involving 
successive transfers of single electrons between 
sarcosine and flavin. Have the hydrogen nu-
cleus removed as a hydron by a base. 

 

Problem 2-18: Write the mechanism by which 
benzylamine is oxidatively deaminated to benzyl-
imine by 3,7,8,10-tetramethyl-5-ethylisoalloxazine 
in a reaction in which the amine adds nucleophil-
ically to carbon 4a of the prosthetic flavin.385 

 

Problem 2-19: The following reaction is catalyzed 
by flavin and thiamine diphosphate acting together 

 

Write a mechanism involving both prosthetic groups. 

 

Problem 2-20: Show how the reaction catalyzed by 
the flavoenzyme dihydroorotate dehydrogenase 
(NAD+)514 

 

can be written as the formal transfer of a hydride to 
flavin and how it resembles the reaction catalyzed 
by ∂-amino-acid oxidase. 

 

Problem 2-21: 2-Hydroxy-3-butynoate is capable 
of inactivating the flavoenzyme ¬-lactate oxidase in 
the following reaction 

 

H2O  +  sarcosine  +  HFlox  1
                    glycine  +  formaldehyde  +  H3Flred

+  2 ferriheme b1  +  H2O
O

COO–H3C
1

+  2 ferroheme b1  +  2 H 

+O

O–H3C
CO2  +  

(S )-dihydroorotate  +  HFlox  

                                          1  orotate  +  H3Flred
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Write a mechanism for this reaction involving hydron 
removal from 2-hydroxybut-3-ynoate at the carbon 
analogous to the carbon from which a hydrogen is 
removed in the regular reaction of lactate with the 
enzyme. 

 

Problem 2-22: Each of the reactions to the right is 
catalyzed by either pyridoxal 5¢-phosphate, thiamine 
diphosphate, or flavin.515 The equations are not 
necessarily balanced and you may have to add 
electrons and hydrons to balance them. Balance the 
equations, decide which prosthetic group is required, 
and write a mechanism for the reaction involving 
that prosthetic group. If there are several possible 
mechanisms, choose only one. There is no exclu-
sively correct mechanism, so the choice is one of 
personal preference, but the chemistry must be 
correct. 
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One-Electron Transfer 

 A prosthetic group capable of participating in 
transfer of single electrons is a redox couple the 
two members of which differ from each other by 
only one electron. If the biochemical standard reduc-
tion potential for such a one-electron redox couple 
is to be in the biochemical range of voltage (approx-
imately -1000 to +1000 mV),516 both members of 
the redox couple must have fairly stable electronic 
structures. For example, flavin semiquinone, because 
its unpaired electron is delocalized over a large 
p molecular orbital system, can be a stable organic 
radical within an active site and can join with either 
oxidized flavin or reduced flavin to produce in each 
case a reasonable one-electron redox couple. 
 
 There are a set of redox couples that transfer 
single electrons by forming stable organic radicals. 
Flavin, because its semiquinone is a stable organic 
radical, is an example of this class, but many of the 
members participate only in the transfer of one 
electron.  
 Pheophytins 

   
                 (2-156) 

are prosthetic groups capable of participating in 
one-electron transfer. In the radical anion of pheo-
phytin (2-55), as in the radical anion of flavin (Figure 
2-9), the unpaired electron is delocalized over a large 
p molecular orbital system. Within each pheophytin 
there is an aromatic ring of 18 atoms (designated 

by dotted circles in 2-54), each of which contributes 
a p orbital to form an unbroken ring with 18 p elec-
trons. In the various pheophytins, some of the carbon–
carbon double bonds are reduced to carbon–carbon 
single bonds, but there is always an unbroken ring 
of 18 p orbitals, although not necessarily in the loca-
tions indicated in Equation 2-156. The unpaired 
electron is added and delocalized into the lowest 
unoccupied molecular orbital in this aromatic 
p molecular orbital system.517 Ring IV has two satu-
rated carbons that lie outside this aromatic 
p molecular orbital system, and in some of the 
pheophytins the double bond in ring II, which also 
lies outside the p molecular orbital system, is either 
reduced or isomerized into an exocyclic vinylidene 
group, which is formed from an ethyl group at R3. 
 There are more than 15 different pheophytins, 
which differ from each other by the identity of the 
substituents around the ring. The substituents R2, 
R3, and R4 are almost always saturated alkyl groups 
such as methyl, ethyl, propyl, and isobutyl, but three 
pheophytins have a formyl group for R2 and another 
has an ethenyl group for R3. The substituent R1 is an 
ethenyl, formyl, acetyl, or 1-hydroxyethyl group. 
The substituent R5 is either a methoxycarbonyl 
group or a hydrogen, the substituent R6 is either a 
phytyl group or a hydrogen, and the substituent R7 
is either a methyl group or a hydrogen. 
 The most common pheophytins are pheo-
phytin a, pheophytin b, bacteriopheophytin a, and 
bacteriopheophytin b. In pheophytin a, R1 is an 
ethenyl group, R2 is a methyl group, R3 is an ethyl 
group, R4 is a methyl group, R5 is a methoxycarbonyl 
group, R6 is a phytyl group, and R7 is a hydrogen. 
Pheophytin b is identical to pheophytin a except 
that R2 is a formyl group. Bacteriopheophytin a is 
identical to pheophytin a except that R1 is an acetyl 
group and the double bond between R2 and R3 has 
been reduced to a single bond by the addition of a 
hydrogen to each carbon so that the carbons to 
which R2 and R3 are attached both have R stereo-
chemistry. Bacteriopheophytin b is the same as 
bacteriopheophytin a except that the R3 ethyl group 
has been oxidized to an ethylidene group. 
 Because the substituents and the ring itself are 
mostly hydrophobic, pheophytins are essentially 
insoluble in water and must be dissolved in organic 
solvents for observation when they are not in a protein 
or in the hydrocarbon of a phospholipid bilayer. 
 The standard reduction potential in dimethyl-
formamide of the most aliphatic of the pheophytins, 
bacteriopheophytin d, which has alkyl substituents 
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or hydrogens at positions R2 through R7 and a 
1-hydroxyethyl group at R1, is -810 mV.517 When a 
formyl group is found in place of the methyl group 
at R2, the standard reduction potential of the pheo-
phytin increases to -760 mV; when a methoxy-
carbonyl group is found in place of the hydrogen at 
R5, it increases to -640 mV; and when a methoxy-
carbonyl group is found in place of the hydrogen at 
R5 and an acetyl group in place of the 1-hydroxyethyl 
group at R1, it increases to -510 mV. These increases 
in standard reduction potential result from the 
electron withdrawal exerted by the various substit-
uents on the electron excess in the reduced state, 
the radical anion. It is also the case, as with flavin, 
that when a pheophytin is tightly bound to a protein 
as a prosthetic group, its standard reduction poten-
tial is different from the one it displays when it is 
dissolved in an organic solvent. It is usually more 
positive, probably because the protein provides 
donors that form hydrogen bonds with one or more 
of its oxygens or direct the positive poles of their 
dipoles toward the pheophytin. 
 When the two hydrons on the nitrogens in the 
center of a pheophytin are replaced by Mg2+ and all 
four of the nitrogens become ligands to the metallic 
ion, the corresponding chlorophyll  

 

is formed. Because it replaces two hydrons, inser-
tion of the Mg2+ does not alter the charge number 
of the prosthetic group, nor does the electrochemically 
inert Mg2+ participate in the one-electron oxidation–
reduction. As a Lewis acid, it simply substitutes for 
the two hydrons, which are also Lewis acids. The 
Mg2+, however, is a weaker Lewis acid than two 
hydrons, and as a result a chlorophyll has a standard 
reduction potential that is 200–300 mV more nega-
tive than the corresponding pheophytin (see Equa-
tion 2-109).517 Even though chemically they are the 
same, chlorophylls are more widely recognized 
than the corresponding pheophytins because they 
give leaves their green color. 

 There are a number of biochemically important 
quinones such as the ubiquinones (2-57), the 
plastoquinones (2-58), the menaquinones (2-59) 
and phylloquinone (2-59) 

 

There are also demethylmenaquinones, in each of 
which the methyl group on the quinone ring of the 
parent menaquinone is missing. When they are not 
tightly bound in an active site as prosthetic groups, 
each of these biochemical quinones transfers elec-
trons between enzymes, and when in this role, they 
are electron-transferring coenzymes. The different 
versions of these quinones differ in the length of 
the polyisoprenyl groups attached at position R 
and the degree of unsaturation of those polyiso-
prenoids. The polyisoprenyl groups 
 

 

contain four or more isoprenoid units (n ≥ 4) and 
can be saturated at any but the most proximal posi-
tion. For example, in phylloquinone, which is only 
distinguished from the other menaquinones for 
historical reasons, the three more distal isoprenoid 
groups in the phytyl group (n = 4) attached at posi-
tion R are all saturated while in menaquinones, 
which have the same quinone as phylloquinone 
but differ in the length of their polyisoprenoids, all 
the distal isoprenoid units are unsaturated. Be-
cause of its polyisoprenoid substituent, each of 
these quinones is as hydrophobic as the phospho-
lipids forming the bilayer in which they are dis-
solved. Each of these quinones, like a phospholipid, 
is an amphipathic molecule, with the ring of the 
quinone providing the hydrophilic end and the 
polyisoprenoid tail providing the hydrophobic end. 
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 When not tightly bound by membrane-bound 
proteins as prosthetic groups or weakly bound as 
coenzymes, these quinones are solutes dissolved in 
a phospholipid bilayer, either the plasma mem-
brane of a bacterium, the inner membrane of a mi-
tochondrion, a chromatophore, or the thylakoid of 
a chloroplast with which they are associated. When 
it is an amphipathic solute in one of these mem-
branes, ubiquinone, plastoquinone, menaquinone, 
or phylloquinone has the diffusional properties of a 
phospholipid, and most of the time it translates in 
two dimensions through the bilayer with the quinone 
at the interface between the alkane and the water. 
The hydrophilic portion of one of these quinones, 
however, is much less hydrophilic than the hydro-
philic portion of a phospholipid, and unlike phospho-
lipids, they can pass rapidly back and forth across 
the bilayer between the interfaces. 
 When they are free solutes in a phospholipid 
bilayer, these quinones can participate as coenzymes 
in the two-electron oxidation–reductions that pro-
duce the respective quinols. For example, the two-
electron oxidation–reduction for ubiquinone is 

   
                 (2-157) 

Because the two sequential values of pKa for the 
various quinols are greater than 10,518 the transfer 
of the two electrons to the p molecular orbital sys-
tem of the quinone always occurs in a cell with the 
uptake of two hydrons, one hydron on one of the 
s lone pairs on one of the oxygens and the other 
hydron on one of the s lone pairs on the other oxy-
gen (as in Equation 2-97). These associations of 
hydrons cause the midpoint reduction potentials, 
Em, to vary with pH (as in Figure 2-14) with a 
slope519-522 of -59.2 mV (unit of pH)-1. When it is a 
free solute in the membrane of a biological orga-
nelle, the biochemical standard reduction potential 

of a ubiquinone is +70 to +110 mV,519,520,523 that of 
a plastoquinone is +80 to +110 mV,521,522 and that 
of a menaquinone is around -60 mV.524 The plasma 
membranes and the various organelles of the cells in 
different organisms each have their own particular 
quinones. For example, anaerobic archaea have only 
menaquinones in their plasma membranes while 
bacteria have both menaquinones and ubiquinones. 
 In addition to the quinone and the quinol 
(Equation 2-157), each of these quinones can exist 
as a semiquinone. For example, the semiquinone 
of ubiquinone is ubisemiquinone (HQ· ), which is 
the conjugate acid of the ubisemiquinone radical 
anion (Q· -) 

   
                (2-158) 

In methanol,525 the pKa for ubisemiquinone is 6.5, 
and when it is formed by the transfer of an electron 
to the quinone (pKa < 0), the radical anion of the 
ubisemiquinone will pick up a hydron if the pH is 
less than its pKa under the particular circumstances 

  (2-159) 

In many instances, however, because its pKa is often 
even lower in a particular situation, a radical anion 
of a quinone remains unhydronated after it is 
formed, and the two hydrons necessary to form the 
neutral quinol are picked up only when the second 
electron arrives.526,527 
 Because they have stable semiquinones, each 
of these quinones is able to alternate between the 
oxidized state (the quinone) and the semiquinone 
or between the semiquinone and the reduced state 
(the quinol) in one-electron oxidation–reductions 
and between the quinone and the quinol in two-
electron oxidation–reductions. This ability to par-
ticipate in both one-electron and two-electron 
oxidation–reductions allows these quinones to 
receive two electrons together and then dispense 
each electron one at a time or to receive one electron 
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at a time and then dispense two electrons. Conse-
quently, each of these quinones, like flavin, is able 
to split or join pairs of electrons. In a particular 
enzyme, the active site, the substrates, and the 
surrounding prosthetic groups determine whether 
one-electron or two-electron oxidation–reductions 
dominate or if electrons are split in one direction 
and joined in the other.  
 In solution, such as the solution of one of these 
quinones dissolved in a biological membrane, the 
semiquinone radical is in equilibrium with the 
quinol and the quinone by a one-electron transfer 

                          (2-160) 

in analogy to the similar disproportionation in 
which flavin participates (Equation 2-111). The 
equilibrium constant for the disproportionation of 
Equation 2-160 is the formation constant for the 
semiquinone radical 

                          (2-161) 

The values of Kf,HQ. at pH 7 for plastosemiqui-
none528 and menasemiquinone529 have been esti-
mated to be 10-9 and 10-8, respectively. These small 
values reflect the fact that, outside an active site, 
the radicals are unstable because the unpaired 
electron is not delocalized in the highest occupied 
molecular orbital in a large p molecular orbital system. 
 Because of these values for this equilibrium 
constant, when ubiquinone is in free solution in a 
biological membrane, no ubisemiquinone radical 
can be detected regardless of the ratio between the 
concentrations of quinone and quinol.519 As with 
flavin, however, when ubiquinone is bound tightly 
to particular proteins involved in electron transfer, 
significant quantities of ubisemiquinone radical 
are observed as the concentrations of quinone and 
quinol are varied reciprocally.530,531 In the most 
common situation, in which only one electron at a 
time is transferred to one of these quinones bound 
at an active site on an enzyme or one electron at a 
time is removed from one of these quinols, the 
resulting semiquinone radical has to be stable.526,527  
 
 
 

In large part, the stability of these bound semiqui-
none radicals results from the fact that they are iso-
lated and unable to disproportionate as they would 
if they were free in solution in the surrounding bilayer 
of phospholipids. They are fixed in dispositions 
that preclude the conversion of two semiquinone 
radicals into a quinone and a quinol. Their stability, 
however, is also controlled by controlling their access 
to hydrons. Because a hydron is not required for 
the formation of the radical anion of the quinone 
upon one-electron reduction, if hydrons are not 
made available, the radical anion of the quinone 
cannot be further reduced532 and is stable. If only 
weak acids are provided by the protein as donors 
for hydrogen bonds to the two carbonyl oxygens of 
the quinone, the semiquinone radical anion will also 
be stabilized.533 In any case, the ability of one of 
these quinones to form a stable semiquinone radical 
or semiquinone radical anion when it is bound to 
an enzyme as a substrate or prosthetic group is 
essential because the quinone is usually required to 
accept electrons one at a time from other prosthetic 
groups. 
 ¬-Ascorbate is not incorporated into an active 
site as a prosthetic group, but it can provide a single 
electron as an electron-transferring coenzyme. For 
example, it is the electron-transferring coenzyme 
for peptidylglycine monooxygenase534 

    
                (2-162) 

In this instance, two molecules of ¬-ascorbate each 
provide in turn one electron to reduce two pros-
thetic Cu2+ ions on the enzyme to two Cu+, which 
then in turn provide the two electrons required for 
catalysis.535,536 
 ¬-Ascorbate is the monoanionic conjugate 
base of ascorbic acid (pKa = 4.04)537 and is the prin-
cipal form present at pH 7 

Qox  +  H2Qred  1  2 HQ·

  [ Qox ][ H2Qred]
 [ HQ.]2

K f ,HQ.  =

[peptide]-glycine  +  2 ¬-ascorbate  + O2

          1  [peptide]-(2S)-2-hydroxyglycine

                    +  2 ¬-monodehydroascorbate  +  H2O
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                (2-163) 

¬-Ascorbate is capable of providing single electrons 
because the radical anion of ¬-ascorbate,538 ¬-mono-
dehydroascorbate radical anion, is a relatively stable 
species as a result of the captodative effect.539 In 
the radical anion, the unpaired spin is delocalized over 
the three carbons and the three oxygens, mostly on 
the carbons but with significant spin density on the 
three oxygens. The adjacent oxygen donates electron 
density and the adjacent carbonyls withdraw electron 
density. ¬-Monodehydroascorbate radical anion is 
the analogue of the semiquinone of flavin or the 
semiquinone of ubiquinol and has almost the same 
equilibrium constant (8 ¥ 10-9)540 for dispropor-
tionation (see Equation 2-161) as the semiquinone 
of ubiquinol. In the enzymatic reactions for which 
it is an electron-transferring coenzyme, ¬-ascorbate 
provides a single electron with a biochemical 
standard reduction potential of +280 mV.537,540-542 
 Following the transfer of the electron and its 
dissociation from the active site, the resulting ¬-mono-
dehydroascorbate radical ion rapidly (105 M-1 s-1)543 
disproportionates to give ¬-ascorbate and ¬-dehydro-
ascorbate. Consequently, the concentration of 
¬-monodehydroascorbate radical ion in the cytoplasm 
is so small that the enzymatic reactions in which 
¬-ascorbate provides an electron do not proceed 
significantly in reverse. ¬-Dehydroascorbate is present 
in solution at neutral pH as the hydrate at carbon 2 
of the internal lactone.544 ¬-Dehydroascorbate is 
reduced by two electrons back to ¬-ascorbate by either 
monodehydroascorbate reductase (NADH) in plants 

and fungi or glutathione transferase, glutaredoxin, 
and protein disulfide-isomerase in animals.543 
 Because ¬-ascorbate is not used as a prosthetic 
group, ¬-monodehydroascorbate radical anion is 
not stabilized in an active site and is released as a 
product after the ¬-ascorbate has provided the 
electron. After its dissociation, it is present only 
evanescently. It follows that, unlike most other 
electron-transferring coenzymes, ¬-ascorbate only 
donates an electron; neither ¬-monodehydro-
ascorbate radical anion nor ¬-dehydroascorbate, 
which are the oxidized forms of ¬-ascorbate, accepts 
one electron or two electrons, respectively, from an 
enzyme other than those that are responsible for 
the reduction of ¬-dehydroascorbate back to 
¬-ascorbate. ¬-Ascorbate is also used, usually in 
concert with Fe2+, to reduce prosthetic groups in 
the active sites of enzymes, for example, the iron 
ion in the active sites of a group of dioxygenases, 
that have been adventitiously oxidized. In such in-
stances, the ¬-ascorbate is neither a prosthetic 
group nor a coenzyme but is used as a reductant 
that, when called upon, rescues the respective 
enzyme from occasional oxidative inactivation. 
 It has already been noted that a 2-(1¢¢-hydroxy-
ethyl)thiamine radical cation (Figure 2-7), which 
distributes its unpaired electron over seven atoms 
in a p molecular orbital system 

 

is an intermediate in the reaction catalyzed by 
pyruvate synthase.227 In addition, the N-(4,4¢-anhy-
dropyridoxyl)imine formed during the biosynthesis 
of a 3,6-dideoxymonosaccharide (Equation 2-42) is 
reduced to the N-(5¢-phosphopyridoxyl)imine in two 
one-electron steps. In this reduction, an N-(5¢-phos-
phopyridoxyl)imine radical cation, distributing its 
unpaired electron over 10 atoms in a p molecular 
orbital system 
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is an intermediate.141,142 Each of these two radicals 
permits the respective prosthetic group to join two 
electrons that arrive separately to accomplish two-
electron reductions. In each of these enzymatic 
oxidation–reductions, the electrons are transferred 
to or from these prosthetic groups, one at a time, 
from or to an iron–sulfur cluster. 
 
 There are also prosthetic redox couples that 
transfer single electrons by the one-electron reduc-
tion or oxidation of the ion of a transition metal. 
Iron–sulfur clusters and hemes are examples of 
prosthetic groups that, unlike flavin semiquinone 
radicals, pheophytin radical anions, chlorophyll 
radicals, quinone radicals, 2-(1¢¢-hydroxyethyl)-
thiamine radical cations, and N-(5¢-phosphopyri-
doxyl)imine radical cations, accommodate the single 
electron added or removed in the ion of a transition 
metal rather than in an organic radical spread over 
an extended p molecular orbital system. 
 Iron is a common transition metal participating 
in prosthetic groups capable of one-electron transfer. 
When an iron ion is coordinated by six molecules 
of water, the standard reduction potential for the 
reaction 

  (2-164) 

is +770 mV. When it is coordinated by six cyanides, 
the standard reduction potential for the reaction 

   (2-165) 

is +360 mV. When it is coordinated by the four sulfido 
groups of four cysteines in rubredoxin, the biochemi-
cal standard reduction potential is -100 mV. When 
it is coordinated by six sp2 nitrogens, four pyrrolinyl 
nitrogens from a mesoporphyrin and one from 
each of two imidazolyl groups, the biochemical 
standard reduction potential is -220 mV.545 Just in 
these four simple examples, the biochemical standard 
reduction potentials of the variously coordinated 
iron ions span a range of 1000 mV. Most of these 
differences can be attributed to the identity of the 
ligands coordinating the iron ions. 
 The bonding between iron and its ligands 
ranges from mostly ionic with the hard oxygen 
bases to mostly covalent with the soft sulfur bases. 
When the ligands are hard bases such as water, cya-
nide, or nitrogen, six ligands are arrayed octahedrally 

around the iron; when they are soft bases such as 
sulfido groups or sulfides, four ligands are arrayed 
tetrahedrally around the iron. To sort out the 
bonding and the overall charge number of such a 
complex, one can first assume that the iron is the 
cation appropriate to its oxidation state and that 
the ligands are the anions or neutral molecules, 
and then the reader can make her own decision 
about whether each of the bonds between a ligand 
and the iron is ionic or covalent. From here on, in 
order to avoid making any unconditional decision 
about covalency, the following conventions will be 
used in figures and equations. Whenever an oxidation 
number can be assigned to a transition metal ion, it 
will be assumed that the transition metal ion has 
that charge number—for example, FeIII will be des-
ignated as Fe3+—and a charge number will be assigned 
to each atom of a ligand to a transition metal ion 
equivalent to the charge number it would bear if that 
ligand were removed from the ion of the transition 
metal along with the electron pairs that coordinate 
the ion. For example, in a tetrahedral complex of a 
ferrous iron, FeII, and the sulfido groups of four 
cysteines, the ferrous iron will be represented by 
the dication, Fe2+, and the four sulfurs of four cysteines 
will be represented as the sulfido groups, each with 
a charge number of -1, giving the ferrous complex 
with the sulfurs of four cysteines a net charge 
number of -2. Then the reader can remember that 
the bonds between the iron ion and any oxygens 
are mostly ionic, the bonds between the iron ion 
and any sulfurs are mostly covalent, and the other 
bonds are intermediate between ionic and covalent. 
This strategy is applicable to the other prosthetic ions 
of transition metals in enzymes, such as vanadium, 
manganese, cobalt, nickel, copper, and molybdenum. 
In addition, in order again to avoid making any 
decision about covalency, thick dashed lines will be 
used to connect each transition metal ion and its 
ligands. This convention does not mean that these 
bonds are not covalent or not ionic, simply that 
they are somewhere in between completely covalent 
and completely ionic. 
 The valence electronic structure of elemental 
iron is 3d64s2. An Fe2+ is dicationic because it is 
missing the two 4s electrons but still has six d elec-
trons, and it is 3d6. An Fe3+ is tricationic because it 
is missing its two 4s electrons and one of its d elec-
trons so that it is 3d5. An Fe3+ such as the Fe3+ in the 
hexahydrate, accepts and gives back one electron 
and passes reversibly between Fe3+ and Fe2+ because 
the electron in question at the end of the reduction 

[Fe3+(OH2)6]3+  +  e–  1  [Fe2+(OH2)6]2+

[Fe3+(–CN)6 ]3–  +  e–  1  [Fe2+(–CN)6 ]4–
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ends up in the unfilled 3d atomic orbital of lowest 
energy or one of the five degenerate unfilled 
3d atomic orbitals of the Fe3+ to complete a pair, 
and in reverse, the electron in question at the end 
of the oxidation has left that filled 3d atomic orbital 
in the Fe2+ or a filled orbital of equal energy. It 
should be remembered that electrons cannot be 
followed in a reaction, so only the electron configu-
rations at the beginning and the end of an electron 
transfer can be assigned. 
 
 Iron–sulfur clusters are arrays of iron ions, 
sulfide ions, and sulfido groups of cysteines. Each 
of these arrays contains one or more iron ions. 
Each iron ion is usually surrounded by four sulfurs, 
either as bridging sulfide ions, S2-, which associate 
with two or three iron ions simultaneously, or as 
sulfido groups, -S-, which usually associate with 
only one atom of iron. For a protein carrying an 
iron–sulfur cluster as a prosthetic group, the sulfide 
ions incorporated into the cluster are generated 
during its assembly by either thiosulfate sulfur-
transferase546,547 or 3-mercaptopyruvate sulfur-
transferase,548 and the sulfido groups are the conjugate 
bases of the sulfanyl groups of cysteines from the 
protein. These cysteines incorporate the iron ion, 
and hence the iron–sulfur cluster, somewhat cova-
lently into the structure of the protein. 
 In an iron–sulfur cluster, four sulfurs are usually 
arranged tetrahedrally around each iron ion. If the 
four bonds between the four sulfurs and the iron 
were completely covalent bonds, then the lone 
pairs of electrons on the sulfurs would be occupy-
ing the four vacant 4sp3 atomic orbitals on the iron 
ion to form the four covalent bonds, which would 
be arranged tetrahedrally. If the four bonds were 
completely ionic bonds, then the four sulfurs 
would be arranged tetrahedrally around the iron 
ion because electron repulsion between the four 
sulfurs would be at a minimum in a tetrahedral ar-
rangement. Sulfide is a large ion (0.184 nm) and an 
iron ion is much smaller (0.06-0.07 nm), so the 
crowding and the resulting electron repulsion 
would be significant. The actual bonding is probably 
somewhere in between these two possibilities. 
 Mononuclear iron–sulfur clusters, containing 
one atom of iron, necessarily have all four positions 
around the iron occupied by the sulfido groups of 
cysteines in the protein.549 For example, in the mono-
nuclear iron–sulfur cluster of a rubredoxin,550,551 
the four sulfurs of the four cysteines surround the 
iron in a tetrahedron modestly distorted by steric 
effects engendered by the protein (bond angles 

[S-Fe-S] range from 104ª to 114ª) with fairly con-
stant iron–sulfur bond distances (0.227-0.233 nm)* 

 

Rubredoxin from C. pasteurianum has a biochemical 
standard reduction potential of -100 mV552 for the 
reaction 

        (2-166) 

This biochemical standard reduction potential is 
significantly more negative than that for the redox 
couple of ferricyanide and ferrocyanide (+360 mV) 
because the sulfur of a sulfido group is a more effective 
donor of electron density to iron than is the carbon 
of cyanide, so the cluster is a better reductant. 
 Dinuclear [2Fe-2S] iron–sulfur clusters† contain 
two iron ions, each coordinated tetrahedrally. In 
proteins containing these clusters, two of the positions 
around each iron ion are connected by two sulfide 
bridges, and the other two positions around each 
iron ion are occupied by the sulfido groups of cyste-
ines (Figure 2-18).553 This arrangement involves 
two irons, two bridging sulfides, and four sulfido 
groups. Such [2Fe-2S] iron–sulfur clusters are 
found in many of the ferredoxins, which are small 
proteins from animals,554 plants (Figure 2-18), and 
bacteria555 that act as electron-transferring coen-
zymes. A small model compound that contains 
such an iron–sulfur cluster complexed by two 
o-di(sulfanylmethyl)benzenes 

 

has been synthesized, and a crystallographic molec-
ular model of high accuracy has been obtained.556 
   

                                                
*Already it can be seen that insisting that all the iron–sulfur 
bonds are covalent would require that the formal charge on a 
ferrous ion in the cluster to be be -2, which seems strange. 
†The number of iron ions and sulfide ions in a cluster is tradi-
tionally indicated in brackets.  
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Figure 2-18: Stereodrawing50 from a portion of the crystal-
lographic molecular model of the [2Fe–2S] ferredoxin (94 aa) 
from S. fusca built from a map of electron density that was 
calculated from a data set to Bragg spacing of 0.14 nm.553 Black 
atoms are carbons, white atoms are oxygens, small gray atoms 
are nitrogens, and large light gray atoms are sulfurs. In the 
iron–sulfur cluster, large light gray spheres are sulfides and 
small dark gray spheres are iron ions. The [2Fe–2S] iron–sulfur 
cluster in the protein is in the center of the drawing. Cysteine 
75 provides a sulfur for a covalent bond to one of the iron ions 
of the cluster, and the amido nitrogen–hydrogen of the amino-
terminal peptide bond of Cysteine 75 provides a dipole directed  

toward the sulfur of Cysteine 45. The segment of the poly-
peptide from Serine 36 to Cysteine 45 wraps around the iron–
sulfur cluster as the stitches wrap around a baseball. Cyste-
ines 37, 42, and 45 provide the other three sulfurs for the other 
three covalent bonds to the irons. The amido nitrogen–hydro-
gens of Serine 36, Arginine 38, Alanine 39, Glycine 40, Ala-
nine 41, Cysteine 42, and Serine 44 in the respective peptide 
bonds of the polypeptide provide dipoles each directed toward 
a sulfide or the sulfur of a cysteine in the iron–sulfur cluster. 
These dipoles are connected to the sulfur to which they are 
directed by dotted lines. The side chains of only the cysteines 
are drawn. 
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In the central rhombus of a [2Fe-2S] iron–sulfur 
cluster, the angles at the sulfurs are more acute than 
the angles at the irons. Because the values of these 
bond angles are the same in the crystallographic 
molecular model of the model compound (75ª and 
105ª, respectively) and that of the iron–sulfur cluster 
in the ferredoxin from Scenedesmus fuscus (76ª and 
103ª, respectively) (Figure 2-18), the crystallographic 
molecular model of which was refined without con-
straints, they appear to represent undistorted energy 
minima. The iron–sulfide bond distances were also 
the same in the crystallographic molecular models 
of the model compound (0.221 ± 0.003 nm) and the 
ferredoxin (0.220 ± 0.003 nm). The cysteinyl sulfanyl–
iron–cysteinyl sulfanyl bond angles are also less 
than the value for tetrahedral bonding (109.5ª) in 
both the model compound (106ª) and the ferredox-
in (105ª). All these comparisons suggest that steric 
effects in the protein do not distort the metallacycle 
and leave the impression that the metallacycle is 
quite rigid. 
 The model compound 2-64 crystallizes in its 
oxidized state, [(Fe3+)2(2-S)2(-S-)4]2-, and this state 
has been shown to display electronic, Mössbauer, 
and nuclear magnetic resonance spectra similar to 
those of the oxidized form of a dinuclear iron–
sulfur cluster in a ferredoxin.556 Consequently, the 
biochemical standard reduction potential for a 
ferredoxin is for the reaction 

     
                (2-167) 

Because the two irons are symmetrically coupled by 
the bridging sulfides, the odd electron in the reduced 
state is shared between them equally by occupying 
a molecular orbital spread symmetrically among 
the irons and the sulfurs.557 Because the reduced 
form of the prosthetic group has an odd number of 
electrons, it gives an electron paramagnetic spec-
trum. The oxidized form, because it does not dis-
play an electron paramagnetic spectrum, must 
have no unpaired electron spins. The two Fe3+, 
each formally a species with an odd number of 
electrons, share the two odd electrons as a pair in 
the same highest occupied molecular orbital spread 
over the metallacycle. 
 
 

 The biochemical standard reduction potentials 
of the [2Fe-2S] iron–sulfur clusters in proteins, in 
which the iron ions are coordinated with only the 
sulfido groups of cysteines, span a large range (Fig-
ure 2-19).516 The biochemical standard reduction 
potential of the [2Fe-2S] ferredoxin from S. olera-
cea558,559 is -420 mV, which is typical of a plant fer-
redoxin (-450 to -300 mV),554 while that of bovine 
[2Fe-2S] ferredoxin is -270 mV, that of the [2Fe–2S] 
ferredoxin from the bacterium P. putida554 is –230 mV, 
and that of the [2Fe–2S] ferredoxin from the bacte-
rium Anabaena560 is -180 mV. The biochemical 
standard reduction potential of one of the [2Fe-2S] 
iron–sulfur clusters in NADH:ubiquinone reductase 
(H+-translocating) is -370 mV, matching it with 
that of the adjacent flavin (Eª¢ox/rad = -390 mV),561,562 
but that of the [2Fe–2S] iron–sulfur cluster in succinate 
dehydrogenase is +10 mV,563 matching it with that 
of the redox couple of fumarate and succinate 
(+30 mV). These differences in standard reduction 
potential result in part from differences in the 
number, position, and orientation of several dipoles 
in the protein surrounding each of these clusters. 
 In crystallographic molecular models of 
[2Fe-2S] ferredoxins, six or seven amido nitrogen–
hydrogen bonds from the polypeptide backbone 
are pointed at the various sulfurs around the two 
irons (Figure 2-18).554,555,560,564,565 The nitrogens in 
these nitrogen–hydrogen bonds are 0.31-0.37 nm 
from the sulfurs at which they are pointed. The 
dipole moment of an N-alkylamide is parallel to its 
nitrogen–hydrogen bond, so this arrangement 
points the positive poles of the dipoles of these six 
or seven amido groups at the iron–sulfur cluster 
and should increase its standard reduction poten-
tial. When an alanine in the [2Fe-2S] ferredoxin 
from Anabaena is mutated to serine, putting the 
even weaker dipole of an alcohol next to the iron–
sulfur cluster in addition to all the usual amido 
groups, its standard reduction potential increased 
by 24 mV.566 The standard reduction potential for 
model compound 2-64, the [2Fe-2S] iron–sulfur 
cluster of which is structurally identical to that in a 
ferredoxin, is -1250 mV in N,N-dimethylforma-
mide,556 a solvent that lacks nitrogen–hydrogen 
bonds, and it is thought that the oriented dipoles of 
the nitrogen–hydrogen bonds from the polypeptide 
backbone of the protein are responsible for raising 
the biochemical standard reduction potential of 
the iron–sulfur cluster into the range of -450 
to -170 mV seen in the ferredoxins. 
 

[(Fe3+)2(2–S)2(–S–)4]2–  +  e–  1
                                               [Fe2+Fe3+(2–S)2(–S–)4]3–
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Figure 2-19: Ranges of the biochemical standard reduction 
potentials (millivolts) for prosthetic groups and small electron-
transferring coenzymes of one-electron transfer. The ranges cited 
and referenced in the text are presented graphically. The biochem-
ical standard reduction potentials for several redox couples of 
substrates or coenzymes of central importance in biochemical 
oxidation–reductions are also presented as individual points on 

the graph. aBiochemical standard reduction potential for reac-
tion of Equation 2-169. bElectron-transferring flavoprotein. 
cSpan of all small electron-transferring coenzymes containing 
exclusively one or more hemes c. dHigh-potential iron–sulfur 
protein. eSpan of biochemical standard reduction potentials 
for prosthetic copper ions in small electron-transferring coen-
zymes and enzymes of oxidation–reduction.516 

 
 
 
 
 There are a number of variations on the ligands 
attaching a [2Fe-2S] iron–sulfur cluster to the protein 
surrounding the cluster.567 One of the sulfido groups 
of a cysteine can be substituted with the imidazolyl 
group of a histidine,568 or the sulfido groups of two 
of the cysteines can be replaced with the imidazolyl 
groups of two histidines. An example of the latter 
type of substitution would be a Rieske [2Fe-2S] iron–
sulfur cluster, in which there are two histidines as 
ligands to one of the irons instead of two cysteines 
(Figure 2-20)569-571 A substitution of the sulfido group 
of a cysteine by the imidazolyl group of a histidine 
increases the biochemical standard reduction poten-
tial of a [2Fe-2S] iron–sulfur cluster. The substitution 
of two cysteines by histidines increases the biochem-
ical standard reduction potential even more than the 
substitution of only one cysteine.567 There are also 
[2Fe-2S] iron–sulfur clusters in which one of the 
cysteines is substituted by an arginine,572 which causes 
a decrease in the biochemical standard reduction 
potential.567  
 Because an imidazolyl group, when it is a ligand 
to an iron ion, uses the s lone pair on only one of its 
nitrogens to coordinate the iron (Figure 2-20), the 
other s lone pair on the other nitrogen is available for 
hydronation. This availability causes the midpoint 
reduction potential of these [2Fe-2S] iron–sulfur 
clusters to become pH-dependent. For the Rieske 
[2Fe-2S] iron–sulfur clusters in their oxidized, 
[(Fe3+)2(2-S)2(-S-)2(imidazol-4-yl)2]0 state, the conju-
gate acids of the respective nitrogens that are oppo-
site each of the two nitrogens bound by the iron 
have acid dissociation constants with values of pKa 
between 7 and 12, depending on the protein.573 
Reduction of the iron–sulfur cluster by one electron 
increases the values of pKa by 2-5 units as expected 
from the increase in electron density, and dissociation 
of the two hydrons from these two available nitrogens 
decreases the biochemical standard reduction poten-
tial by 300-500 mV. For example, for the Rieske iron–
sulfur cluster in quinol—cytochrome-c reductase 
from R. sphaeroides, the difference in biochemical 

standard reduction potential between the iron–
sulfur cluster hydronated at both available nitro-
gens and the unhydronated iron–sulfur cluster 
is -440 mV. The first macroscopic pKa is 7.6 for the 
oxidized iron–sulfur cluster and the second is 9.6 
while the first macroscopic pKa for the reduced 
iron–sulfur cluster is 12.4 and the second is also 12.4. 
By the use of nuclear magnetic resonance spectros-
copy, it was possible to assign each of these values 
of pKa to the individual histidines in the Rieske 
iron–sulfur cluster in quinol—cytochrome-c reductase 
from T. thermophilus.574  
 When both of the nitrogens are unhydronated, 
so the iron is coordinated by two imidazolates, the 
biochemical standard reduction potentials of 
Rieske [2Fe-2S] iron–sulfur clusters are between -450 
and -100 mV, similar to those of [2Fe-2S] iron–
sulfur clusters in which both irons are coordinated 
by sulfido groups. At neutral pH, however, when 
both imidazolyl groups are usually hydronated and 
formally neutral ligands, the biochemical standard 
reduction potentials are between -170 and +360 mV 
(Figure 2-19).575-581 Consequently, the hydronation 
of the available nitrogens on the histidines at neutral 
pH is responsible for the high biochemical standard 
reduction potentials achieved by Rieske [2Fe-2S] iron–
sulfur clusters. When the imidazolyl groups are hydro-
nated and neutral, they donate less electron density 
than a sulfido group would, so the biochemical 
standard reduction potentials of hydronated Rieske 
[2Fe-2S] iron–sulfur clusters are much higher than 
those of [2Fe-2S] iron–sulfur clusters in which all 
the ligands are sulfido groups of cysteines. These 
high biochemical standard reduction potentials 
permit Rieske [2Fe-2S] iron–sulfur clusters to 
fulfill their assigned roles in electron transfer. The 
unusually high biochemical standard reduction 
potentials of some of these Rieske [2Fe-2S] iron–
sulfur clusters permit a second electron to be added to 
them in a reduction that produces the diferrous 
[(Fe2+)2(2-S)2(-S-)2(imidazol-4-yl)2]0 state.579 
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Figure 2-20: Stereodrawing50 from a portion of the crystal-
lographic molecular model of the domain of the [2Fe–2S] 
Rieske protein from S. acidocaldarius that contains its iron–
sulfur cluster.569 Black atoms are carbons, white atoms are 
oxygens, small gray atoms are nitrogens, and large light gray 
atoms are sulfurs. In the iron–sulfur cluster, large light gray 
spheres are sulfides and small dark gray spheres are iron ions. 
The complementary DNA for this domain, which comprises 
the sequence of amino acids for the full protein from 
Alanine 47 to Glycine 250, was expressed heterologously in 
E. coli. Serendipitously, during its expression the [2Fe–2S] 
Rieske iron–sulfur cluster was properly inserted. The resulting 
domain, with the intact iron–sulfur cluster, was purified and 
crystallized. A crystallographic molecular model was built from 
a map of electron density that was calculated from a data set to 
Bragg spacing of 0.111 nm. The [2Fe–2S] Rieske iron–sulfur 
cluster in the protein is just below the center of the drawing. 
The numbering of the amino acids in the sequence is that of 
the intact protein. The segment of the polypeptide in the 
crystallographic molecular model from Cysteine 140 to 
Cysteine 145 winds around the cluster below and to its left. 

Cysteine 140 and Histidine 142 form bonds to the left side of 
the upper iron ion and the back of the lower iron ion, 
respectively. The segment of the polypeptide from Cyste-
ine 170 to Tyrosine 177 winds around the cluster above and to 
its right. Cysteine 170 and Histidine 173 form bonds to the 
forward side of the upper iron ion and the right side of the 
lower iron ion, respectively. The amido nitrogen–hydrogens of 
Histidine 142, Leucine 143, Cysteine 145, Cysteine 172, Histi-
dine 173, Serine 175, and Tyrosine 177 in the respective 
peptide bonds of the polypeptide provide dipoles each directed 
toward a sulfide or the sulfido group of a cysteine in the iron–
sulfur cluster. The 4-hydroxy group of Tyrosine 177 and the 
hydroxy group of Serine 175 also provide dipoles directed 
toward the sulfido group of Cysteine 140 and a sulfide in the 
iron–sulfur cluster, respectively. Each of these dipoles is con-
nected to the sulfur to which it is directed by a dotted line. 
Only the side chains of the two cysteines and the two histidines 
forming bonds with the iron ions and the side chains of the 
tyrosine and the serine providing dipoles to the sulfurs are 
drawn.  
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 Unlike in the case of the Rieske [2Fe-2S] iron–
sulfur clusters, the biochemical standard reduction 
potential of a [2Fe-2S] iron–sulfur cluster in which 
only one of the cysteines has been replaced by a 
histidine is pH-dependent at lower ranges of pH. In 
the midrange of pH, the slope of the function defining 
the variation in biochemical standard reduction 
potential as a function of pH is -50 mV (unit of pH)-1 
for an [2Fe-2S] iron–sulfur cluster in which only 
one of the cysteines has been replaced by a histi-
dine.582 For Rieske [2Fe-2S] iron–sulfur clusters in 
which two of the cysteines have been replaced by 
histidines, the slopes of the biochemical standard 
reduction potential as a function of pH in the alka-
line regions are -110 mV (unit of pH)-1.573 These 
slopes are those expected if, for the former iron–
sulfur cluster with only one imidazolyl group as a 
ligand, one hydron is taken up by the single availa-
ble s lone pair on the imidazolyl group for every 
electron added; and for the Rieske iron–sulfur clusters, 
two hydrons are taken up for every electron added 
by the two available s lone pairs, one on each imidaz-
olyl group. 
 A model compound for those [2Fe-2S] iron–
sulfur clusters in which only one of the sulfido groups 
is replaced by an imidazolyl group583 and model 
compounds for Rieske [2Fe-2S] iron–sulfur clusters 
in which two of the sulfanyl groups are replaced by 
imidazolyl groups584 have been synthesized. In these 
synthetic model compounds, each sulfido group is a 
sulfidophenyl group and each imidazolyl group is a 
benzimidazolyl group. These model compounds 
also display values of pKa that shift upon oxidation 
or reduction and reduction potentials that shift upon 
hydronation of the imidazolyl groups. For example, 
in the model compound for the [2Fe-2S] iron–sulfur 
cluster in which one of the four sulfidophenyl 
groups is replaced by a benzimidazolyl group, the 
reduction potential in acetonitrile increases by 240 mV 
when the distal nitrogen of the benzimidazolyl group 
is hydronated.583 
 The structure of a Rieske [2Fe-2S] iron–sulfur 
cluster is almost identical to that of a [2Fe-2S] iron–
sulfur cluster in which all four ligands to the iron 
are sulfido groups of cysteines. The iron–sulfur bond 
lengths are 0.225 ± 0.002 nm, the S-Fe-S bond 
angles are 106ª, and the Fe-S-Fe bond angles are 
74ª in crystallographic molecular models in which 
the iron–sulfur cluster was unconstrained during 
refinement.569,585 
 From three to seven amido nitrogen–hydrogen 
bonds from the polypeptide backbone are directed 

toward sulfurs of a Rieske [2Fe-2S]iron–sulfur cluster 
(Figure 2-20), with their nitrogens 0.31-0.37 nm 
from those sulfurs.569,585-587 The dipoles of the hydroxy 
groups of a tyrosine and a serine are also directed 
toward sulfurs in several of these iron–sulfur clusters 
(Figure 2-20). When the tyrosine is mutated to a 
phenylalanine, the biochemical standard reduction 
potential decreases by -50 to -60 mV,576-578 and 
mutation of the serine decreases the biochemical 
standard reduction potential potential by -100 
to -130 mV.576,577 The biochemical standard reduc-
tion potentials of these Rieske [2Fe-2S] iron–sulfur 
clusters are linearly related to the number of amido 
dipoles directed toward the iron–sulfur cluster, 
with a slope of around +70 mV dipole-1.585 Thus the 
wide range in standard reduction potential seen 
with Rieske [2Fe-2S] iron–sulfur clusters results, in 
part, from the wide range in the number of dipoles 
directed by the protein so that their positive poles 
are toward the iron–sulfur cluster. 
 Tetranuclear [4Fe-4S] iron–sulfur clusters have 
three positions occupied by bridging sulfides around 
each iron ion (Figure 2-21).588 Each iron ion also is 
coordinated to the sulfido group of a cysteine from 
the protein to complete its tetrahedral coordina-
tion. There is a synthetic model compound for a 
[4Fe-4S] iron–sulfur cluster, in which the four posi-
tions that would be occupied by the sulfido groups 
of cysteines in a protein are occupied by phenyl-
methanethiolates589 

 

This synthetic [4Fe–4S] iron–sulfur cluster is indis-
tinguishable within its crystallographic molecular 
model of high accuracy from the [4Fe–4S] iron–
sulfur clusters found in crystallographic molecular 
models of ferredoxins from data sets with Bragg 
spacing less than 0.1 nm and in which the atoms of   
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Figure 2-21: Stereodrawing50 from a portion of the crystal-
lographic molecular model of the ferredoxin (55 aa) from 
Clostridium acidurici that contains two [4Fe–4S] iron–sulfur 
clusters.588 Black atoms are carbons, white atoms are oxygens, 
small gray atoms are nitrogens, and large light gray atoms are 
sulfurs. In the iron–sulfur cluster, large light gray spheres are 
sulfides and small dark gray spheres are iron ions. The 
molecular model was built from a map of electron density that 
was calculated from a data set to Bragg spacing of 0.094 nm. 
One of the two [4Fe-4S] iron–sulfur clusters in the protein is in 
the center of the drawing. The segment of the polypeptide in 
the crystallographic molecular model from Cysteine 8 to 
Cysteine 14 winds around the cluster both below and to its left. 
The sulfido groups of Cysteine 8, Cysteine 11, and Cysteine 14 
form bonds to irons in the back, in the front, and to the left 

side of the iron–sulfur cluster, respectively. The segment of the 
polypeptide from Cysteine 47 to Alanine 51 is in the upper 
right corner of the cluster. Cysteine 47 forms a bond to the iron 
ion on the right side of the cluster. The amido nitrogen–
hydrogens of Isoleucine 9, Serine 10, Glycine 12, Alanine 13, 
Cysteine 14, Valine 49, and Alanine 51 in the respective peptide 
bonds of the polypeptide provide dipoles each directed toward 
a sulfide or the sulfur of a cysteine in the iron–sulfur cluster. 
The amido nitrogen–hydrogen of Tyro-sine 30 in its peptide 
bond also provides a dipole directed toward the sulfur of 
Cysteine 8 in the iron–sulfur cluster. Each of these dipoles is 
connected to the sulfur to which it is directed by a dotted line. 
Only the side chains of the four cysteines forming bonds with 
the iron ions are drawn.  
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the iron–sulfur cluster were unconstrained during 
refinement (Figure 2-21).588,590 The iron ions 
again occupy vertices with wider angles (104 ± 2ª in 
both the model compound and the ferredoxins) than 
the vertices occupied by the sulfurs of the bridging 
sulfides (74 ± 2ª in both the model compound and 
the ferredoxins). Again the impression is left that 
the cluster is a rigid structure.  
 These bond angles at the irons and the sulfurs 
are the same as those of a [2Fe-2S] iron–sulfur cluster. 
In fact, a [4Fe-4S] iron–sulfur cluster seems to be 
two [2Fe-2S] iron–sulfur clusters that have been 
stuck together. Two cysteines on the same face of 
each of the constituent [2Fe-2S] iron–sulfur clusters 
have been replaced by the two sulfides of the other. 
This impression is reinforced by the fact that, in 
[4Fe-4S] iron–sulfur clusters, in both the model 
compound 2-65589 and ferredoxins,588,590 four of 
the iron–sulfur bonds that are parallel to each other 
and that connect two of the rhomboidal faces (the 
four horizontal bonds most parallel to the plane of 
the page in Figure 2-21) are shorter (0.224 nm in 
the model compound and 0.226 nm in the ferre-
doxins) than the other eight (0.231 nm in the model 
compound and 0.230 nm in the ferredoxins). This 
fact sets two of the faces across from each other in 
the iron–sulfur cluster apart from the other four 
and breaks the tetrahedral symmetry of the iron–
sulfur cluster. Because it is observed in both the 
model compound and the proteins, this compression 
appears to be intrinsic to the structure. 
 As was the case with the [2Fe-2S] iron–sulfur 
clusters, there are variations in the ligands attaching a 
[4Fe-4S] iron–sulfur cluster to the protein forming 
an active site.567 One of the sulfido groups of a cyste-
ine can be substituted by the imidazolyl group of 
a histidine,591,592 or the carboxylato group of an 
aspartate.593 A substitution of the anionic sulfido 
group of a cysteine by the neutral imidazolyl group 
of a histidine again increases the biochemical 
standard reduction potential of a [4Fe-4S] iron–
sulfur cluster. The midpoint reduction potential in 
tetrahydrofuran for a synthetic [4Fe-4S] iron–sulfur 
cluster increases by +340 mV when one of the four 
sulfido groups coordinating the cluster is replaced 
by 1,2,4,5-tetramethylimidazole.594 The substitution 
of an anionic sulfido group by an anionic carboxyl-
ato group, however, has no consistent effect on the 
biochemical standard reduction potential.567 Although 
almost all [4Fe-4S] iron–sulfur clusters are attached 
through their four iron ions to four ligands provided 
by the protein (Figure 2-21), there are instances in 
which a [4Fe-4S] iron–sulfur cluster is attached by 

only three cysteines, leaving one iron open for liga-
tion,595 or in which one of the irons expands its 
coordination to form a bond to an additional cyste-
ine.596,597 
 Because there twice as many iron ions in a 
[4Fe-4S] iron–sulfur cluster, its successive, one-
electron biochemical standard reduction potentials 
are fairly close to each other.589,598 The three biochem-
ically accessible oxidation–reductions are 

   
                (2-168) 

   
                (2-169) 

    
                (2-170) 

There has yet, however, to be a documented instance 
in which more than one of these redox couples is 
accessible for any particular protein containing a 
[4Fe-4S] iron–sulfur cluster. Instead, natural selection 
seems to have designed the environment around a 
given [4Fe-4S] iron–sulfur cluster to participate in 
only one specific oxidation–reduction that either 
requires the higher biochemical standard reduction 
potential of Equation 2-168 or the lower biochemical 
standard reduction potential of Equation 2-169. 
The diamagnetic, completely reduced and significantly 
anionic iron–sulfur cluster [(Fe2+)4 (2-S)4(-S-)4]4- of 
Equation 2-170 has been observed so far in only 
one protein, in which it is used as a strong two-
electron reductant.599,600 A [4Fe-4S] iron–sulfur 
cluster that is stable in this fully reduced form has 
been synthesized, but it was necessary to use four 
carbenes as the external ligands to the four iron 
ions rather than four thiolates. This synthetic cluster 
has a midpoint potential of -1300 mV in tetrahydro-
furan.601 
 The diamagnetic species [(Fe2+)2(Fe3+)2(2-S)4 
(-S-)4]2- has an even number of electrons, and all 
are paired. This species lacks an electron paramag-
netic resonance absorption. All the irons are coupled, 
so several electron pairs are delocalized among 
them by occupying molecular orbitals spread over the 

[Fe2+(Fe3+)3(2–S)4(–S–)4]–  +  e–  1
                                      [(Fe2+)2(Fe3+)2(2–S)4(–S–)4]2–

[(Fe2+)2(Fe3+)2(2–S)4(–S–)4]2–  +  e–  1  

                                 [(Fe2+)3Fe3+(2–S)4(–S–)4]3–

[(Fe2+)3Fe3+(2–S)4(–S–)4]3–  +  e–  1
                                                  [(Fe2+)4(2–S)4(–S–)4]4–
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entire iron–sulfur cluster. If one electron is removed 
from the highest occupied molecular orbital of these 
extended, pairwise occupied molecular orbitals 
(reverse of Equation 2-168) or one electron is added 
to the lowest unoccupied extended molecular orbital 
(Equation 2-169), each of the two species formed 
has an unpaired electron and each is paramagnetic 
and has a characteristic electron paramagnetic 
resonance absorption.602 In the reduced species 
[(Fe2+)3Fe3+(2-S)4(-S-)4]3- in a protein, two of the 
irons are a diferrous pair, and the other two share 
the unpaired electron that is delocalized over 
them.603,604  
 The tetranuclear [4Fe-4S] iron–sulfur clusters 
in proteins that normally participate as the redox 
couple in Equation 2-168 are referred to as high-
potential [4Fe-4S] iron–sulfur clusters. The biochem-
ical standard reduction potentials for these iron–
sulfur clusters usually lie between +50 and +470 mV 
(Figure 2-19).605-607 The iron–sulfur cluster in the 
high-potential iron–sulfur protein from Allochro-
matium vinosum, for example, has a biochemical 
standard reduction potential for Equation 2-168 of 
+350 mV. High-potential [4Fe-4S] iron–sulfur clusters 
are also found in enzymes such as benzylsuccinate 
synthase from Thauera aromatica.608 This latter 
high-potential [4Fe-4S] iron–sulfur cluster has a 
biochemical standard reduction potential of +80 mV. 
There is a high-potential [4Fe-4S] iron–sulfur cluster 
in ferredoxin:thioredoxin reductase from Synecho-
cystis in which one of the iron ions has the sulfido 
groups of two cysteines as ligands in the oxidized 
[Fe2+(Fe3+)3 (2-S)4(-S-)5]2- state.609 Upon reduction of 
the [4Fe-4S] iron–sulfur cluster with one electron, 
one of these two sulfido groups is released from the 
iron and displaces reduced thioredoxin from a 
mixed disulfide between one of its cysteines and 
another cysteine in the active site by thiol–disulfide 
exchange. Consequently, one of the sulfido groups 
coordinating the [4Fe–4S] iron–sulfur cluster reduces 
the disulfide between another cysteine in the enzyme 
and one of the cysteines of the thioredoxin.  
 The [4Fe-4S] iron–sulfur clusters in proteins that 
normally participate in Equation 2-169 are low-
potential [4Fe-4S] iron–sulfur clusters. The biochem-
ical standard reduction potentials for these low-
potential iron–sulfur clusters usually lie between –790 
and +80 mV (Figure 2-19).562,605,607,610 For example, 
both of the [4Fe-4S] iron–sulfur clusters (Figure 2-21) 
in the ferredoxin from C. acidurici have a biochem-
ical standard reduction potential of -430 mV, and 
each is reduced independently of the other.611 
2-Deoxy-scyllo-inosamine dehydrogenase (AdoMet-

dependent) from Niallia circulans contains a 
[4Fe-4S] iron–sulfur cluster,612 attached to the protein 
by four cysteines, that has a biochemical standard 
reduction potential of -765 mV. 
 The distinction between high-potential and 
low-potential [4Fe-4S] iron–sulfur clusters is the 
redox couple, either that of Equation 2-168 or that 
of Equation 2-169, that is accessible to the mem-
bers of each group. Although each [4Fe-4S] iron–
sulfur cluster in a particular protein is confined to 
only one of these two common redox couples, the 
fact that one or the other redox couple is neverthe-
less available to natural selection is what causes the 
whole family of [4Fe-4S] iron–sulfur clusters to be 
able to span the largest range of biochemical stand-
ard reduction potentials among the families of one-
electron prosthetic groups (Figure 2-19). 
 The biochemical standard reduction potential 
for the low-potential oxidation–reduction (Equa-
tion 2-169) of a synthetic [4Fe-4S] iron–sulfur cluster 
similar to 2-65 but with four N-(acetyl)-¬-cysteine 
methyl esters rather than benzylthiols as ligands 
is -740 mV when it is dissolved in dimethyl sulfox-
ide.613 In water, the biochemical standard reduction 
potential is -490 mV. The ¬-cysteine methyl esters 
make this model compound as similar as possible 
to a [4Fe-4S] iron–sulfur cluster in a protein. Because 
this synthetic [4Fe-4S] iron–sulfur cluster becomes 
more anionic upon reduction (Equation 2-169), the 
improved solvation provided by the water for the 
trianion [(Fe2+)3Fe3+(2-S)4(-S-)4]3- relative to the 
dianion [(Fe2+)2(Fe3+)2(2-S)4(-S-)4]2- explains the 
observed increase in standard reduction potential. 
Because the reduced synthetic iron–sulfur cluster 
with the four N-acetyl-¬-cysteine methyl esters is so 
anionic, the positive poles of the dipoles of the 
molecules of water surrounding it will be oriented 
toward the cluster, just as nitrogen–hydrogen 
bonds of the polypeptide backbone surrounding a 
[4Fe-4S] iron–sulfur cluster in a protein direct the 
dipoles of their amido groups toward the cluster 
(Figure 2-21). The fact that there are dipoles oriented 
toward the [4Fe-4S] iron–sulfur cluster in both situ-
ations explains in part why the standard reduction 
potentials for the synthetic iron–sulfur cluster in 
water and the natural iron–sulfur cluster in a ferre-
doxin are so similar.  
 [4Fe-4S] Ferredoxins are low-potential iron–
sulfur proteins that function as electron-transferring 
coenzymes. The range (Figure 2-19) over which the 
biochemical standard reduction potentials of the 
various [4Fe-4S] ferredoxins are spread, -400 
to -600 mV,607 is somewhat puzzling because the 



One-Electron Transfer 
 

269 

number of directed amido dipoles around the 
iron–sulfur clusters in most [4Fe-4S] ferredoxins is 
usually eight (Figure 2-21).588,590,614 The differences 
in biochemical standard reduction potential may 
be due to variation in the distances between the 
oriented dipoles and the [4Fe-4S] iron–sulfur clus-
ter615 and variation in the exposure of the [4Fe-4S] 
iron–sulfur cluster to the aqueous solvent.614,616 The 
oriented amido dipoles in these proteins increase 
the biochemical standard reduction potential for the 
redox couple of Equation 2-169 into the accessible 
range, and they increase the biochemical stand-
ard reduction potential for the redox couple of 
Equation 2-168 out of the accessible range. 
 The iron protein from nitrogenase contains the 
only [4Fe-4S] iron–sulfur cluster that participates 
in the lowest-potential oxidation–reduction (Equa-
tion 2-170), which requires that the biochemical 
standard reduction potentials for its [4Fe-4S] iron–
sulfur cluster be increased considerably more than 
they normally are to bring this redox couple into 
the accessible range. This iron–sulfur cluster not 
only is surrounded by 10 oriented amido groups 
from the polypeptide backbone but also is the most 
exposed to the aqueous phase of any [4Fe-4S] iron–
sulfur cluster for which a crystallographic molecular 
model is available.617 
 High-potential iron–sulfur proteins (HIPIP) are 
also electron-transferring coenzymes. The [4Fe-4S] 
iron–sulfur clusters in these proteins are confined 
by their surroundings to participate in the high-
potential oxidation–reduction of Equation 2-168. They 
have significantly fewer oriented amido groups from 
the polypeptide surrounding an otherwise identical 
iron–sulfur cluster than in the case of the ferredoxins, 
usually only four or five,607,614,618,619 and the dipoles 
that are present can account for the observed bio-
chemical standard reduction potential.616 The envi-
ronment around the iron–sulfur cluster is also 
“decidedly hydrophobic.”620 The fact that there are 
fewer directed dipoles and the fact that the envi-
ronment is considerably more nonpolar in these 
high-potential iron–sulfur proteins are the reasons 
that the biochemical standard reduction potentials 
for the high-potential oxidation–reduction of Equa-
tion 2-168 remain in an accessible range (+100 to 
+470 mV) and the reasons that the biochemical 
standard reduction potentials for the low-potential 
oxidation–reduction of Equation 2-169 remain in 
an inaccessible range.605 When one of the oriented 
amido nitrogen–hydrogens in a high-potential iron–
sulfur protein is mutated to an oxygen, the biochem-
ical standard reduction potential decreases by 

100 mV,607 an observation indicating how dramatic an 
effect these dipoles have, but there are high-
potential iron–sulfur proteins that have the same 
number of oriented dipoles surrounding the iron–
sulfur cluster yet differ in biochemical standard 
reduction potential by as much as 240 mV.618 Again, 
these differences may result from differences in the 
distances between the oriented dipoles and the 
[4Fe-4S] iron–sulfur cluster and from differences in 
the exposure of the iron–sulfur cluster to the aque-
ous phase. 
 There are outer-sphere influences other than 
oriented nitrogen–hydrogen bonds on the reduc-
tion potential of a [4Fe-4S] iron–sulfur cluster. For 
example, one of the [4Fe-4S] iron–sulfur clusters in 
hydrogenase (acceptor) from E. coli has the imidazolyl 
group of a histidine instead of the sulfido group of a 
cysteine as a ligand to one of the iron ions. The 
p molecular orbital system of the guanidinio group 
of an arginine is stacked against the imidazolyl 
group.592 When this arginine is mutated to a leu-
cine, the reduction potential of the [4Fe-4S] iron–
sulfur cluster decreases by 60 mV, as expected for 
the mutation of a positively charged side chain to a 
neutral side chain.621 
 Trinuclear [3Fe-4S] iron–sulfur clusters, con-
taining three atoms of iron 

 

are [4Fe-4S] iron–sulfur clusters in which one of 
the four irons has dissociated from the iron–sulfur 
cluster because a cysteine from the protein that 
would normally form a strong bond with this iron is 
either absent or unable to do so.622-624 In situations 
in which a naturally occurring [4Fe-4S] iron–sulfur 
cluster has lost an iron ion during purification or 
other manipulations of the protein, its trinuclear 
[3Fe-4S] iron–sulfur cluster can be often be con-
verted back into a [4Fe-4S] iron–sulfur cluster by 
adding Fe2+.625,626 These [3Fe-4S] iron–sulfur clusters 
are adventitious. There are, however, a number of 
permanently trinuclear [3Fe-4S] clusters that are 
both natural and essential prosthetic groups.627-631 
Nevertheless, in these instances, the mutation to a 
cysteine of an amino acid adjacent to the vacant 
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position in the iron–sulfur cluster can convert the 
natural [3Fe-4S] iron–sulfur cluster to an unnatural 
[4Fe-4S] iron–sulfur cluster.628,632 It is also possible 
to mutate a cysteine ligating one of the iron ions in 
a natural [4Fe-4S] iron–sulfur cluster and convert it 
into an unnatural [3Fe-4S] iron–sulfur cluster.633 
 In crystallographic molecular models of a fer-
redoxin that naturally contains a [3Fe-4S] iron–
sulfur cluster634 and in a model compound of a 
[3Fe-4S] iron–sulfur cluster,635 the iron–sulfur bond 
lengths are 0.227 ± 0.002 and 0.2286 ± 0.0003 nm, 
respectively, which are indistinguishable from each 
other and from those in a [4Fe-4S] iron–sulfur clus-
ter. The bond angles within the three intact rhombi 
are 104ª at the three irons and 73ª at the four sul-
furs in crystallographic molecular models of both 
the ferredoxin and the model compound, also 
indistinguishable from those in a [4Fe-4S] iron–
sulfur cluster. The three rhombi that are not held 
together at their vertices by a fourth iron atom open 
up slightly so that the three S-Fe-S bond angles 
outside the three intact rhombi (2-66) are 112ª 
instead of 104ª. 
 In its most oxidized state, a trinuclear [3Fe-4S] 
iron–sulfur cluster has an unpaired electron because 
it contains three Fe3+ atoms, each with an odd 
number of electrons, but pairs of electrons from 
every other substituent. At pH 7, the biochemical 
standard reduction potential636,637 for the trinuclear 
[3Fe-4S] iron–sulfur cluster in the ferredoxin from 
A. vinelandii is -400 mV. The oxidized form displays 
an absorption in electron paramagnetic resonance 
but the reduced form does not,638 so the reduced 
form must have no unpaired electrons. Therefore, 
the formal reaction in which this iron–sulfur cluster 
participates is  

   
                (2-171) 

There is spectral evidence that the pair of electrons 
formed upon addition of one electron to the 
[3Fe-4S] iron–sulfur cluster (Equation 2-171) is 
distributed over only two of the three iron ions,639 a 
fact which suggests that one of the irons is actually 
an unconjugated Fe2+ and the other two form a 
conjugated pair of Fe3+ ions. In this reduction, one 
hydron is taken up by the ferredoxin from Sulfolobus 
acidocaldarius at pH 7,640 and for the ferredoxin 

from A. vinelandii, one hydron is also taken up but 
only at values of pH less than 6.637 
 The biochemical standard reduction potentials 
for [3Fe-4S] iron–sulfur clusters in proteins are 
between -400 and +65 mV (Figure 2-19).630,640 Those 
for just the [3Fe-4S] ferredoxins are between -400 
and -140 mV. The [3Fe-4S] iron–sulfur clusters in 
crystallographic molecular models of two different 
ferredoxins, the one from A. vinelandii634 and the 
one from Desulfovibrio gigas,641 have six and eight 
amido nitrogen–hydrogens directed toward their 
sulfurs, respectively, which explains in part why the 
former has a more negative biochemical standard 
reduction potential than the latter by -290 mV. 
Trinuclear [3Fe-4S] iron–sulfur clusters in ferredoxins 
can also engage in a further two-electron reduction640 

   
                (2-172) 

in which two hydrons are taken up by the protein at 
pH 7 to neutralize the large increase in charge. 
 In the active site of ferredoxin:CoB-CoM het-
erodisulfide reductase from Methanothermococcus 
thermolithotrophicus, there are two identical 
[3Fe-3S-Fe-S] iron–sulfur clusters that can be 
considered the fusion of a [3Fe-4S] iron–sulfur 
cluster and a [2Fe-2S] iron–sulfur cluster642 

 

One of the sulfides in the [3Fe-4S] iron–sulfur cluster 
(2-66) that is the ligand to only two of the iron ions 
in that cluster and one of the iron ions that the sulfide 
coordinates are also a sulfide and an iron ion, respec-
tively, in the [2Fe-2S] iron–sulfur cluster. One of 
the open sulfides in the [3Fe-4S] iron–sulfur cluster 
has been replaced by the sulfido group of a cyste-
ine, and the open iron ion in the [2Fe-2S] iron–
sulfur cluster is coordinated by two sulfido groups 
from two cysteines, as usual. In the homologous* 
                                                
*Although the sequences do not align with a significant percent-
age of identity, every one of the cysteines in the two clusters 
occupies the same positions in the aligned sequences. 
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dihydromethanophenazine: CoB-CoM heterodisul-
fide reductase from Methanosarcina thermophila, 
the reduction potentials643 of the two clusters are -100 
and -400 mV, within the range of both [3Fe-4S] 
and [2Fe-2S] iron–sulfur clusters (Figure 2-19). The 
reduced form of each of the iron–sulfur clusters has 
an unpaired electron and their oxidation states 
have been assigned as [(Fe2+)3Fe3+(2-S)4(-S-)5]4-. The 
two [3Fe-3S-Fe-S] iron–sulfur clusters in dihydro-
methanophenazine: CoB-CoM heterodisulfide reduc-
tase from M. thermophila were originally mistaken 
for two [4Fe-4S] iron–sulfur clusters, in which case 
that assignment would be reasonable (Equation 
2-169). It is also possible, however, that the reduced 
form of a [3Fe-3S-Fe-S] iron–sulfur cluster with an 
unpaired electron could be [Fe2+(Fe3+)3(2-S)4(-S-)5]2– 
given the usual one-electron reduced states of a 
[3Fe-4S] iron–sulfur cluster (Equation 2-171) and a 
[2Fe-2S] iron–sulfur cluster (Equation 2-167). 
 A [4Fe-3S] iron–sulfur cluster has been ob-
served in crystallographic molecular models of the 
small iron–sulfur subunits of the membrane-bound 
hydrogenases (acceptor) from Cupriavidus necator644 
and Hydrogenovibrio marinus.645 The common 
structure of these clusters is again a variation on an 
[4Fe-4S] iron–sulfur cluster but one in which one 
of the sulfides is missing rather than one of the iron 
ions. Two of the three iron ions that would otherwise 
be coordinated by the missing sulfide are coordi-
nated by the same sulfido group of a cysteine, and 
the third iron that would have been coordinated by 
the missing sulfide is coordinated by the sulfido 
group of an additional cysteine. In effect, two sul-
fido groups replace one bridging sulfide, and this 
arrangement distorts the cluster in the region 
where the single missing sulfide would otherwise 
be forming bonds with these three iron ions. In 
both of these [4Fe-3S] iron–sulfur clusters, the oxi-
dized state, [Fe2+(Fe3+)3(2-S)3(-S-)6]-, is accessible, 
and in the [4Fe-3S] iron–sulfur cluster from 
H. marinus in this oxidized state, a dehydronated 
nitrogen from a peptide bond in the polypeptide 
becomes a ligand to one of the irons, presumably 
to stabilize the oxidized participant in the redox 
couple, analogous to that in Equation 2-168. 
 There are several iron–sulfur clusters that have 
more than four irons and four sulfurs as well as ad-
ditional transition metal ions such as molybdenum, 
copper, or nickel.646 They appear to be expansions 
of [4Fe-4S] iron–sulfur clusters, just as a [4Fe-4S] 
iron–sulfur cluster seems to be the expansion of a  
 

[2Fe-2S] iron–sulfur cluster. For example, in the 
[8Fe-7S] P-cluster of nitrogenase647  

 

one of the sulfides of a [4Fe-4S] iron–sulfur cluster 
coordinates the three iron ions from a [4Fe-3S] iron–
sulfur cluster that have open sites for coordination. 
The FeMo-cofactor of nitrogenase647 is a [4Fe-3S] 
iron–sulfur cluster fused by three additional sulfide 
ions through its three open iron ions to the three open 
iron ions of a [3Fe-Mo-3S] iron–molybdenum–
sulfur cluster, which is a [4Fe-3S] iron–sulfur cluster 
in which the iron ion in the fully coordinated site 
has been replaced with a molybdenum ion. 
 The various types of iron–sulfur clusters can be 
distinguished spectroscopically to identify the type 
present in a particular protein. Electron paramag-
netic resonance spectra,581,648 Mössbauer spectra,649 
ultraviolet–visible absorption spectra, and resonance 
Raman spectra650 can all distinguish among [4Fe-4S], 
[3Fe-4S], and [2Fe-2S] iron–sulfur clusters. Electron 
paramagnetic spectra can also be used to sort out 
the different iron–sulfur clusters in a protein. For 
example, five of the individual electron paramag-
netic spectra562 of the seven [4Fe-4S] iron–sulfur 
clusters and the two [2Fe-2S] iron–sulfur clusters in 
NADH:ubiquinone reductase (H+-translocating)651 
can be dissected from electron paramagnetic spec-
tra of the protein taken at different temperatures. 
 
 A heme is a visibly colored prosthetic group, 
always surrounded by protein, that takes on many 
roles in one-electron transfer. For example, a cyto-
chrome is a protein that contains one or more 
hemes as prosthetic groups and that acts as an 
electron-transferring coenzyme. Hemes are also 
prosthetic groups transferring electrons within 
enzymes responsible for oxidation–reduction. 
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 The parent compound of most of the various 
hemes is heme b 

 

which is the complex between an iron ion and the 
porphyrin, protoporphyrin. Protoporphyrin is de-
rived from uroporphyrinogen III  

 

by the decarboxylation of the carboxymethyl groups 
at positions 2, 7, 12, and 18; the oxidative decarboxy-
lation of the carboxyethyl groups at positions 3 and 8; 
and oxidation of the central ring coincident with its 
aromatization. Uroporphyrinogen III is also the 
precursor to the pheophytins (Equation 2-156) in a 
series of similar, even more complicated and varied 
modifications. 
 As does the magnesium ion in a chlorophyll, 
the iron ion in the center of a heme replaces two 
hydrons on the two nitrogens of the porphyrin. Unlike 
the pheophytins and their respective chlorophylls, 
however, only the hemes are prosthetic groups, not 
the respective uncomplexed porphyrins lacking the 
iron ion. Also, unlike the magnesium ion in a chloro-
phyll, which is inert to oxidation and reduction in 
the biochemical range of standard reduction potential, 

the iron ion in a heme is oxidized or reduced by 
removing or adding one electron. The iron ion is 
oxidized to Fe3+ or reduced to Fe2+. 
 There are several modified versions of heme b 
that also act as prosthetic groups. Heme o is 
heme b in which the ethenyl group at position 3 has 
been elongated to a 1-hydroxy-5,9,13-trimethyl-
tetradeca-4,8,12-trienyl group (a 1-hydroxyfarnesyl 
group), which is a long, hydrophobic polyisopre-
noid.652 Heme a is heme o in which the methyl 
group at position 18 has been oxidized to a formyl 
group. Heme d is heme b in which the double bond 
at positions 12 and 13 has been oxidized to a trans 
vicinal diol, a modification that does not affect the 
aromaticity, and the 2-carboxyethyl group at posi-
tion 13 has formed a lactone with the hydroxy 
group now at position 13.653  Heme d1 

 

however, is not derived from heme b but from uro-
porphyrinogen III (2-70) itself, the common pre-
cursor to heme b and heme d1. The carboxyethyl 
groups at positions 3 and 8 have been oxidized 
completely to oxo groups while the carbons at the 2 
and 7 positions have been methylated with the result 
that the two respective pyrrolyl groups are no longer 
unsaturated at positions 2 and 7, and the 2-carboxy-
ethyl group at position 17 has been oxidized to a 
2-carboxyethenyl group.654,655 The unsaturation of 
the two pyrrolyl groups again does not affect the 
aromaticity. Siroheme is the complex between an 
iron ion and a porphyrin which is also a derivative 
of uroporphyrinogen III (2-70), in which the bonds 
between carbons at positions 2 and 3 and between 
carbons at positions 7 and 8 are saturated and car-
bon 2 and carbon 7 are methylated with the same 
stereochemistry as in heme d1 (2-71). 
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Figure 2-22: Stereodrawing50 from a portion of the crystal-
lographic molecular model of cytochrome c (103 aa) from 
T. alalunga built from a map of electron density that was 
calculated from a data set to Bragg spacing of 0.15 nm.656 Black 
atoms are carbons, white atoms are oxygens, small gray atoms 
are nitrogens, large light gray atoms are sulfurs, and the small  

dark gray sphere is an iron ion surrounded by its ligands. The 
heme c in the protein is in the center of the drawing. Cyste-
ine 14 and Cysteine 17 have formed covalent adducts with the 
two former ethenyl groups at the top of the heme. Histidine 18 
and Methionine 80 provide the two axial ligands to the iron 
ion.  
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 Heme c is a heme b that is attached covalently 
to the polypeptide of a cytochrome by two sulfides 

 

that are the respective products of nucleophilic 
addition between two cysteines from the protein 
and the two ethenyl groups at positions 3 and 8 of 
heme b (Figure 2-22).656 The heme in hydroxyla-
mine reductase from Nitrosomonas europaea is co-
valently attached to the protein through an adduct 
between an ortho carbon of Tyrosine 467 that replaces 
the hydrogen on the methine carbon 5 of heme b 
and the 4-hydroxy group of Tyrosine 467 that has 
nucleophilically added to carbon 4 of the heme b as 
well as the two sulfides 2-72 from two cysteines.657 
The heme P460 from N. europaea is covalently at-
tached to the protein through an adduct between 
the amino group of Lysine 70 that replaces658 the 
hydrogen on methine carbon 5 of heme b as well as 
the two sulfides 2-72 from two cysteines.659 Both of 
these latter modifications at the methine carbon 
require oxidative additions catalyzed by the respec-
tive hemes. 
 An iron ion in a heme, unlike an iron ion in an 
iron–sulfur cluster, is octahedrally coordinated. 
The four nitrogens of the porphyrin provide four of 
the ligands, the equatorial ligands. The other two, 
the axial ligands, which are opposite each other 
across the iron, are provided by the protein, the 
solvent, or solutes in the solution. For example, in 
eukaryotic cytochromes c, the two axial positions 
are occupied by the lone pair of electrons of the 
sulfur of a methionine and the lone pair of electrons 
of the t nitrogen within the imidazolyl group of a 
histidine (Figure 2-22). The structure of the heme c 
in the crystallographic molecular model of cyto-
chrome c is almost indistinguishable656 from the 
crystallographic molecular model of a model com-
pound (Figure 2-23)660 which was built to incorporate 
the central features of the heme in cytochrome c 
and which should represent the most stable orien-
tation of the six atoms around the iron unperturbed 
by steric effects. The protein, however, does move 
its axial ligands slightly so that they are no longer 
directly above and directly below the iron ion (Fig-
ure 2-22).656 
 One of the axial ligands to the iron ion in a 
heme is usually661-663 the t nitrogen in the imidazolyl  

 
 
 
Figure 2-23: Drawing of the crystallographic molecular model 
of a synthetic heme660 that incorporates the ligation found in 
cytochrome c. The metallic ion is Fe2+, and the porphyrin is 
5,10,15,20-tetraphenylporphyrin. To one of the phenyl groups 
an o-amino group has been added, and this was used to attach 
N-(4-carboxybutyl)imidazolyl group in anilide linkage. This 
chain of atoms provided an imidazolyl group as the fifth ligand 
to the Fe2+. The sixth ligand is thiolane, which provides a 
sulfide to simulate the sulfide in the methionine in cyto-
chrome c. The imidazolyl group is above the porphyrin in the 
drawing, the thiolane is below the porphyrin, and the Fe2+ is in 
the center of the porphyrin. The nitrogen of the imidazolyl 
group that provides a ligand to the iron, the iron ion, and the 
sulfur in the thiolane are labeled. Reprinted with permission 
from reference 660. Copyright 1979 American Chemical Society. 
https://doi.org/10.1021/ja00507a040 
 
 
group of a histidine, but the other can be the 
t nitrogen in an imidazolyl group of another histidine, 
the neutral sulfide of a methionine, the amino nitro-
gen of the amino terminus of the protein, the pheno-
lato oxygen of a tyrosine, a molecule dissolved in 
the aqueous phase, or a molecule of water. For 
example, the heme b subunit of bovine quinol—
cytochrome-c reductase contains two hemes b. The 
axial ligands for the iron ion in one heme b are the 
t nitrogens from the imidazolyl groups of Histidine 83 
and Histidine 182, and the axial ligands for the iron ion 
in the other heme b are the t nitrogens from the imid-
azolyl groups of Histidine 97 and Histidine 196.664,665 
Cytochrome c from Thunnus alalunga contains a 
heme c, and the axial ligands to the iron ion in that 
heme c are Histidine 18 and Methionine 80 of the 
cytochrome (Figure 2-22). The heme f subunit of 
plastoquinol—plastocyanin reductase from Brassica 
rapa contains a heme c, and the axial ligands to the 
iron ion in that heme c are the imidazolyl group of 
Histidine 25 and the amino-terminal primary amine 
of the protein.666-669 The most unusual axial ligand 
to a heme is a cysteine that is found in assimilatory 
sulfite reductases that contain siroheme. In these 
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enzymes, the cysteine is simultaneously bound to 
the iron ion of the siroheme and to one of the iron 
ions of a [4Fe-4S] iron–sulfur cluster,661,670,671 
which permits this complex to deliver two electrons 
at a time in three separate steps,672 as is required 
for the conversion of sulfate to hydrogen sulfide 
catalyzed by the enzyme. 
 In many instances there is only one permanent 
axial ligand, and the other axial position is open to 
several different ligands. For example, bovine cyto-
chrome-c oxidase contains a heme a the iron ion of 
which has the t nitrogen in the imidazolyl group of 
Histidine 376 of subunit I as one of its axial ligands, 
but the opposite side of the iron ion is uncoordinated 
by the protein and is occupied by a molecule of water, 
a molecule of oxygen, or another ligand from the 
aqueous phase.673 One of the hemes c in cyto-
chrome c554 from N. europaea has the t nitrogen in 
the imidazolyl group of Histidine 64 as one of its 
axial ligands, and there is no permanent axial ligand 
 
 
 

 
 
Figure 2-24: The five d orbitals of iron in the orientation they 
assume in the octahedral coordination complex found in 
hemes.675 The six ligand positions of the octahedral arrange-
ment are the six small filled circles defining the x, y, and z 
coordinates. Because three of the orbitals, dz y, dyz, and dz x, lie 
between the repulsive lone pairs of electrons of the ligands, 
their energies are lower than the two orbitals, dx2 - y2 and dz2, 
that overlap the lone pairs of electrons of the ligands. The 
basicity of the axial ligands at the fifth and sixth positions con-
trols the energy of the dz2 orbital. The ligands at the four x and y 
positions are always the nitrogens of the heme. Reprinted with 
permission from reference 675. Copyright 1979 Annual Reviews 
Inc.https://doi.org/10.1146/annurev.bi.48.070179. 001551 
 

on the other side of the iron.674 When only one of 
the axial ligands is derived from the protein sur-
rounding the heme, that fixed ligand is designated 
the proximal ligand. Hemes with an open axial co-
ordination site usually catalyze chemical reactions 
that will be discussed later. 
 The octahedral coordination of an iron ion in a 
heme has consequences for the electronic configu-
ration of the iron ion. An Fe2+ has six 3d electrons 
(3d6), and an Fe3+ has five 3d electrons (3d5). These 
are the electrons farthest from the nucleus of the 
iron ion. Oxygen ligands or nitrogen ligands in octa-
hedral coordination of an iron ion, as are those to 
the iron in a heme, stabilize either a high-spin state 
or a low-spin state. The dx2-y2 and dz2 orbitals are on 
the axes of octahedral ligation, and the dxy, dxz, and 
dyz orbitals are between the axes (Figure 2-24).675 
Each ligand directs a lone pair of electrons at the 
iron ion, and those lone pairs of electrons repel the 
3d electrons of the iron ion, raise their energy, and 
split the degeneracy of the d orbitals (Figure 2-25A). 
If the ligands are such that they do not raise the energy 
of the dx2-y2 and dz2 orbitals sufficiently by electron 
repulsion relative to the energy of the dxy, dxz, and 
dyz orbitals, then, in the case of Fe2+, five of the six 
d electrons will distribute one into each of the five 
d orbitals; the remaining electron will enter either a 
dxy, dxz, or dyz orbital; and four of the five d orbitals 
will contain an unpaired spin (Figure 2-25B).676 In 
the case of Fe3+, the five d electrons will distribute 
one into each of the five d orbitals, and each 
d orbital will contain an unpaired spin (Figure 
2-25B). In each case, the iron ion will be in a high-
spin state. If the ligands are such that they do raise 
the energy of the dx2-y2 and dz2 orbitals sufficiently 
by electron repulsion relative to the energy of the 
dxy, dxz, and dyz orbitals, then, in the case of Fe2+, 
the six d electrons will distribute in pairs into each 
of the dxy, dxz, and dyz orbitals; and none of the five 
d orbitals will contain an unpaired spin (Figure 
2-25C). In the case of Fe3+, four of the five d elec-
trons will distribute in two pairs into two of the dxy, 
dxz, and dyz orbitals; the fifth d electron will enter 
the remaining dxy, dxz, or dyz orbital; and only one 
of the d orbitals will contain an unpaired spin (Fig-
ure 2-25C). In each case, the iron ion will be in a 
low-spin state. The identity of the ligands to the 
Fe3+ and Fe2+ in a particular redox couple determine 
both its spin state and its biochemical standard 
reduction potential. Only the biochemical standard 
reduction potential, however, determines the ability  
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Figure 2-25: Distribution of 3d electrons in low-spin and high-
spin Fe2+ and Fe3+ in octahedral coordination.676 (A) The 
ligands, by electron repulsion, split the energy levels of the five 
3d atomic orbitals of the iron so that the dx2–y2 and dz2 orbitals, 
which are aligned with the six ligands to the iron (Figure 2-24), 
have a higher energy for occupation by an electron than the 
dxy, dxz, and dyz orbitals, which lie in between the ligands. (B) If 
the difference in energy (Drep) due to the repulsion is small, 
then the electrons distribute by Hund's rule, which is that 
every orbital in a sublevel is singly occupied before any orbital 
is doubly occupied and all of the electrons in singly occupied 
orbitals have the same spin (to maximize total spin). The six 
d electrons of Fe2+ (d6) distribute one into each of the five 
d orbitals, leaving one to occupy one of the dxy, dxz, and dyz 
orbitals, which have a lower energy of occupation, giving a 
spin state of 4/2. The five d electrons of Fe3+ (d5) distribute one 
into each of the five d orbitals to give a spin state of 5/2. These 
two distributions are high-spin. (C) If the difference in energy 
(Drep) due to the repulsion is too large, then Hund's rule breaks 
down. The six d electrons of Fe2+ distribute in three pairs into 
each of the dxy, dxz, and dyz orbitals, giving a spin state of 0, and 
the five d electron of Fe3+ distribute in two pairs into two of the 
dxy, dxz, and dyz orbitals, and the remaining electron occupies 
the other, giving a spin state of 1/2. These two distributions are 
low-spin. 
 
 
 
 
 
 
 

of a particular redox couple of coordinated Fe3+ and 
Fe2+ to participate in an enzymatic one-electron oxida-
tion–reduction. 
 When passing reversibly between Fe3+ and Fe2+, 
an iron ion in a heme accepts and gives back one 
electron. During the reduction of the Fe3+ in a heme, 
the electron in question at the end of the reduction 
ends up in the unfilled 3d atomic orbital in the low-
spin state of the Fe3+ (Figure 2-25C) or in one of the 
unfilled 3d atomic orbitals of lowest energy in the 
high-spin state of the Fe3+ (Figure 2-25B) to complete 
a pair. In reverse, at the end of the oxidation the 
electron has left the 3d atomic orbital in the Fe2+ 
that was filled or a filled orbital of equal energy. 
Regardless of whether the iron ion is high-spin or 
low-spin, the d orbital that is filled or that becomes 
unfilled is a dxy, dxz, or dyz orbital. The identity of 
the ligands determines the energy of that dxy, dxz, or 
dyz orbital, even though they are not directed toward 
the ligand, and hence the biochemical standard 
reduction potential of the iron, regardless of spin 
state. Whether the iron is high-spin or low-spin, 
however, does affect the rates at which single electrons 
can be exchanged; the high-spin states are more 
reactive in single electron transfer.676 
 
 The biochemical standard reduction potentials 
of the iron ions in the hemes involved in one-
electron oxidation–reduction span the range from      
–550 to +450 mV (Figure 2-19).677-680 For example, 
in hydroxylamine dehydrogenase from N. europaea, 
the biochemical standard reduction potentials of 
its eight distinct hemes c span the range from -410 
to +290 mV.681 The type of heme seems to be of little 
consequence because the ranges of biochemical 
standard reduction potential for cytochromes with 
different types of hemes overlap extensively. Although 
the ranges for the cytochromes with hemes c (-410 
to +400 mV) and with hemes b (-200 to +400 mV) 
are the largest, these are also the most common 
types of cytochromes and have had the most oppor-
tunity for the standard reduction potentials to be 
manipulated by natural selection.  
 Variation in the substituents on the porphyrin 
affects the biochemical standard reduction potential 
of the iron ion in the heme to a degree. When the 
two ethenyl groups on heme b are reduced to ethyl 
groups, the biochemical standard reduction potential 
of its biscyano complex decreases by -35 mV; and 
when one of the ethenyl groups is replaced with a 
formyl group, it increases by +70 mV.682 These shifts 
in standard reduction potential result from increases 

ó

ó

óó

ó

ó

ó

ó

ó

ó

ó

ó ó óó ó

Drep

Drep

Fe2+  d 6    S = 2   

Fe2+  d 6    S = 0   Fe3+  d 5    S = 1/2   

Fe3+   d 5   S = 5/2   
óóóó

ó

ó

high-spin                 high-spin

low-spin                   low-spin

d xy    d xz    d yz

d z 2  d x 2 – y 2A

B

C



One-Electron Transfer 
 

277 

(or decreases) in basicity of the nitrogens of the por-
phyrin resulting from increases in electron donation 
(or electron withdrawal) at its edges that stabilize 
(or destabilize) the oxidized Fe3+ relative to the 
reduced Fe2+. 
 The identity of the axial ligands also affects 
the biochemical standard reduction potential of 
the iron ion in a heme in solution. When two waters 
are replaced as the axial ligands of heme b by two 
imidazolyl groups, which are more basic than mole-
cules of water, the biochemical standard reduction 
potential decreases by -50 mV.545 When one of 
those imidazolyl groups is then replaced by a sulfide, 
which is less basic than water, the biochemical 
standard reduction potential increases by +110 mV. 
This latter effect is due both to the decrease in basicity 
of the ligand and to the ability of the unfilled 
3d atomic orbitals on sulfur to overlap favorably 
with the filled 3d orbitals on iron.683 
 The effects of the axial ligands are manifested 
as well in the standard reduction potentials of 
hemes in proteins. The two hemes b in the quinol—
cytochrome-c reductase from Rhodobacter capsulatus, 
which each have two histidines as axial ligands, 
have biochemical standard reduction potentials 
of -90 and +50 mV while the heme b of cyto-
chrome b558 from E. coli, which has a histidine and 
a methionine as axial ligands,684 has a biochemical 
standard reduction potential of +180 mV.685 Among 
cytochromes c, small proteins that act as electron-
transferring coenzymes, those with hemes c with 
one histidine and one methionine as axial ligands 
have biochemical standard reduction potentials 
between +100 and +400 mV while those with two 
histidines have biochemical standard reduction 
potentials between –400 and -100 mV.686 
 Nevertheless, neither the variation of the sub-
stituents around the heme nor the identity of the 
axial ligands can explain the majority of the variation 
in the observed standard reduction potentials of 
hemes. For example, among those cytochromes c 
with a single heme c with axial ligands from one 
histidine and one methionine, the biochemical 
standard reduction potentials vary from +100 to 
+400 mV.687 The single heme b with two histidines 
as axial ligands in cytochrome b5 has a biochemical 
standard reduction potential of -100 mV688 while one 
of the hemes b with two histidines as axial ligands 
in quinol—cytochrome-c reductase from R. capsulatus 
has a biochemical standard reduction potential of 
+50 mV.575 Aspects of the environment surrounding 
 

the heme—such as charged side chains of amino acids 
in its vicinity, identity of donors or acceptors in hydro-
gen bonds to the imidazolyl groups of its axial histi-
dines, steric distortions of the heme, extent of its 
removal from the surrounding solution, surface 
charge of the protein, and ionic strength of the sur-
rounding solution—all have been shown to affect 
its standard reduction potential.680,689,690 For example, 
when a valine in cytochrome c6A from Arabidopsis 
thaliana is replaced by a glutamine,691 which is the 
amino acid at the homologous position in cyto-
chrome c6 from Phormidium laminosum, the bio-
chemical standard reduction potential of the heme 
increases by +110 mV. This observation explains in 
part the difference in the biochemical standard 
reduction potential of cytochrome c6A (+71 mV) and 
cytochrome c6 (+325 mV). The heme in the native 
structure of methyl-accepting chemotaxis protein 
is distorted significantly out of planarity by the protein. 
As mutations are made surrounding the heme that 
decrease this distortion and make the heme more 
planar,692 the biochemical standard reduction poten-
tial decreases from +166 to -5 mV. In cytochromes 
with multiple hemes that are close together, each 
successive electron that is taken up by the cytochrome 
causes a decrease in the standard reduction potential 
for the next because of the successive accumulation 
of negative charge.674,677,693 
 
 Copper is the second most common transition 
metal participating in biochemical one-electron 
transfers. The configuration of valence electrons in 
elemental, metallic copper, Cu0, is 3d104s1. The 
cuprous ion, Cu+, missing the single 4s electron, is 
the only stable monovalent ion of the transition metals 
of the fourth period because it has a completely 
filled 3d shell. The cupric ion, Cu2+, is a dication 
with a partially filled 3d shell (3d9), which is the 
case with all other stable cations of transition metals 
of the fourth period. In the biochemical oxidation–
reductions of prosthetic copper ions, Cu+ gives up 
one electron during its oxidation to Cu2+, and Cu2+ 
takes up one electron during its reduction to Cu+. 
Unlike the various prosthetic groups containing 
iron that participate in one-electron transfer, in 
which the iron has inorganic sulfides or a porphyrin 
as ligands, prosthetic copper ions usually have lone 
pairs of electrons only from sulfurs, nitrogens, or 
oxygens of side chains of amino acids in the protein, 
acyl oxygens of the polypeptide backbone, or mole-
cules of water as ligands (Figure 2-26). 
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Figure 2-26: Arrangements of the ligands around prosthetic cop-
per ions. Black atoms are carbons, red atoms are oxygens, blue 
atoms are nitrogens, large yellow atoms are sulfurs, and small 
green spheres are copper ions surrounded by their ligands. The 
drawings50 are of mononuclear copper ions in crystallographic 
molecular models of (A) laccase from C. cinerea;695 (B) stella- 
 
 
 
 The simplest arrangement of ligands, which 
defines the core ligands present in most of the 
prosthetic groups containing only one copper ion,694 
is that found in laccase from Coprinopsis cinerea 
(Figure 2-26A).695 The copper ion is coordinated by 
the p nitrogens of two histidines and the sulfur of a 
cysteine. The bond lengths between the three ligands 
and the copper are 0.20, 0.21, and 0.22 nm, respec-
tively; the three ligands are arranged trigonally 
around the copper; and four atoms (the copper, the 
two nitrogens, and the sulfur) are in the same plane. 
Again, this arrangement of ligands can be explained 

cyanin from C. sativus;740 (C) nitrocyanin from N. europaea;742 
(D) plastocyanin from P. nigra;707 (E) azurin from P. putida;722 
and (F) the dinuclear CuA cluster from cytochrome-c oxidase 
of T. thermophilus.746 The biochemical standard reduction 
potentials listed are relative to the standard hydrogen electrode 
and are for a standard state of pH 7. 
 
 
 
as the result of covalent bonding resulting from 
the occupation of three vacant 4sp2 atomic orbitals 
of the copper ion, the softest of the transition metals, 
by the lone pairs of electrons on the ligands or as 
the result of ionic bonding between the lone pairs 
of electrons and the positive copper ion in which 
steric and electronic repulsive forces the ligands 
and their lone pairs to be as far apart as possible, 
hence trigonal. Laccase is a member of a family of 
enzymes, each of which contains a prosthetic copper 
ion that is responsible for removing a single electron 
from its respective substrate.696,697 In the case of 
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laccase, the prosthetic Cu2+ removes an electron 
from a benzenediol. The biochemical standard 
reduction potential of the copper ion in the active 
site of laccase from C. cinerea is +550 mV,694 which 
is more than sufficient to permit the Cu2+ to remove 
an electron from a 1,2-dihydroxybenzene to give its 
semiquinone. This high biochemical standard reduc-
tion potential is in part a result of the fact that there 
are only three ligands to the copper ion from the 
protein, so the electron density around the cation is 
relatively low, which makes the Cu2+ more electro-
positive and more easily reduced. Although trigonally 
complexed copper is unusual outside a protein, 
there is a model compound for the prosthetic copper 
ions in this family of enzymes in which this configu-
ration of ligands is achieved.698,699 
 The most common arrangement of ligands for 
mononuclear, prosthetic copper ions700-706 is that 
found in plastocyanin from Populus nigra (Fig-
ure 2-26D).707 The core configuration of two nitro-
gens from two histidines and one sulfur from a 
cysteine, with respective bond lengths to the cop-
per of 0.19, 0.21, and 0.21 nm,708-710 is expanded to 
include the sulfur from a methionine with a long 
bond to the copper of 0.28 nm. The addition of this 
ligand, although it is more distant, nevertheless 
converts the planar, trigonal configuration of ligands 
into a roughly tetrahedral one.709 This arrangement 
of ligands can be explained as the result of covalent 
bonding resulting from the occupation of four vacant 
4sp3 atomic orbitals of the copper ion by the lone 
pairs of electrons on the ligands or ionic bonding 
between the lone pairs of electrons and the positive 
copper ion in which steric and electronic repulsion 
forces the ligands and their lone pairs to be a far 
apart as possible, hence tetrahedral. 
 The additional lone pair of electrons from the 
sulfide in the methionine, as expected, decreases 
the biochemical standard reduction potential of 
the prosthetic copper ion.694 If the methionine is 
mutated to a glycine, the biochemical standard 
reduction potential of the copper ion increases by 
about +100 mV,711 but this observation is equivocal 
because the space opened by deleting the side 
chain of the methionine can permit a molecule of 
water to become the fourth ligand to the copper.712 
When the methionine, however, is mutated to 
2-aminohexanoate, which fills the space that the 
methionine occupied, the biochemical standard 
reduction potential of the copper ion also increases 
by +100 mV.713 When the methionine in amicyanin 
 

from Paracoccus denitrificans is replaced with a 
leucine,714 the biochemical standard reduction 
potential increases by +130 mV. That the basicity of 
the lone pair of electrons on methionine is responsible 
for decreasing the biochemical standard reduction 
potential of the prosthetic copper ion is supported 
by the fact that when the methionine is mutated to 
6,6,6-trifluoromethionine, a far less basic sulfide, 
the biochemical standard reduction potential of 
the copper ion increases by +40 mV. The increase 
of +100 and +130 mV in biochemical standard reduc-
tion potential of the copper ion that is caused by 
mutating the methionine to a 2-aminohexanoate 
and a leucine, respectively, however, is much less 
than the increase of +330 mV that occurs when one 
of the more intimately associated histidines that are 
ligands to the copper ion is mutated to a glycine.715 
 The biochemical standard reduction potential 
of the prosthetic copper ion in plastocyanin from 
P. nigra (Figure 2-26D) is +370 mV,716,717 but the 
biochemical standard reduction potentials for 
prosthetic copper ions with the same four ligands 
with the same bond lengths710 vary between +210 
and +680 mV.694,711,712,716-721 These differences are 
caused, in part, by differences in the distance between 
the copper ion and the nearby dipole of an acyl oxygen 
from the polypeptide backbone and by differences 
in the number of amido nitrogen–hydrogens directed 
toward the sulfur of the sole cysteine that is a ligand 
to the copper ion.694 For example, in the crystallo-
graphic molecular model of azurin from P. putida 
(Figure 2-26E),722,723 the acyl oxygen from the pep-
tide bond preceding Histidine 46, which provides 
one of the p nitrogens that coordinate the copper 
ion, has been positioned by the protein so close to 
the prosthetic copper ion that it has become a fifth 
ligand at a distance of 0.30 nm, and there are two 
amido nitrogen–hydrogens pointed toward the sulfur 
of the cysteine that is a ligand to the copper. The 
distances from the sulfur to the two nitrogens of 
these nitrogen–hydrogens are 0.35-0.36 nm, well 
within the sum of the van der Waals radii of sulfur 
(0.18 nm) and hydrogen (0.11 nm) and the length of 
a nitrogen–hydrogen bond (0.10 nm). These oriented 
nitrogen–hydrogens are reminiscent of those in 
the polypeptide backbone surrounding iron–sulfur 
clusters (Figures 2-18, 2-20, and 2-21). 
 The biochemical standard reduction potential 
of the azurin from P. putida is +310 mV.724 In rusti-
cyanin from Acidithiobacillus ferrooxidans, there 
are also two nitrogen–hydrogens in the same relative 
positions in the sequence of amino acids directed 
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toward the cysteine, but the acyl oxygen is 0.6 nm 
away from the copper ion rather than 0.30 nm.702 
The biochemical standard reduction potential of 
rusticyanin is +680 mV.694 This increase in standard 
reduction potential is thought to be due mainly to 
removal of the lone pair of electrons of the acyl oxygen 
from the vicinity of the copper.694 In auracyanin 
from Chloroflexus aurantiacus which also has the 
same two homologous nitrogen–hydrogens directed 
toward the sulfur, the biochemical standard reduction 
potential of the copper ion is less that that of azurin 
(+210 mV),721 even though the distance between 
the copper and the oxygen (0.35 nm)705 is greater 
than that in azurin (0.30 nm). 
 The two nitrogen–hydrogen bonds from the 
polypeptide backbone directed toward the sulfido 
group of the cysteine in the crystallographic molecular 
models of the azurins, rusticyanin, and auracyanin 
are located in the peptide bond to the carboxy-
terminal side of one of the coordinated histidines and 
the peptide bond two positions carboxy-terminal to 
the coordinated cysteine (Figure 2-26E). Because 
they direct the positive pole of the dipoles of their 
respective amido groups toward the sulfur, they 
should increase the standard reduction potential of 
the prosthetic copper ion.694 In pseudoazurin from 
Alcaligenes faecalis, the amino acid two positions 
carboxy-terminal to the cysteine is a proline, so there 
is only one nitrogen–hydrogen directed toward the 
sulfido group of the cysteine.* When that proline is 
mutated to an isoleucine, to restore the second hydro-
gen bond,725 the biochemical standard reduction 
potential of the copper ion increases726 from +280 
to +450 mV as expected. The basic blue protein from 
Cucumis sativus, however, does not have a proline 
at this position and instead has two nitrogen–
hydrogens directed toward the sulfur, and the 
distance from its acyl oxygen to the copper ion 
(0.38 nm)727 is the same as that in the pseudoazurin 
from A. faecalis (0.38 nm),701 yet the biochemical 
standard reduction potential (+310 mV)718 is almost 
the same as that (+280 mV) of pseudoazurin. The 
copper ions in plastocyanin from Ulva prolifera728 
and auracyanin from C. aurantiacus705 are both the 
same distance from the respective acyl oxygens 
(0.35 nm). The latter has two nitrogen–hydrogens 

                                                
*In this pseudoazurin, as well as most of the other proteins 
with this arrangement of ligands around the copper ion, the 
nitrogen of the peptide bond immediately adjacent to the 
respective cysteine is only 0.35 nm from its sulfur,694 but the 
dipole of its amide is normal to the vector between the 
nitrogen and the sulfur (Figure 2-26E) and should have little 
effect on the standard reduction potential. 

directed toward the copper while the former has 
only one, yet the biochemical standard reduction 
potential of the latter (+210 mV) is significantly 
more negative than that of the former (+370 mV)720 
instead of the other way around. 
 All these results suggest that the biochemical 
standard reduction potential of a prosthetic copper 
ion in these proteins is not determined only by the 
distance between the copper ion and the acyl oxy-
gen and the number of amido nitrogen–hydrogens 
directed toward the sulfur of the cysteine.694 Rather, 
the biochemical standard reduction potential of the 
copper ion in a protein seems to be determined by a 
large array of interactions of the amino acid side 
chains that surround it. For example four mutants 
of azurin from P. aeruginosa were constructed by 
mutating just two amino acid side chains in the 
immediate vicinity of the copper ion, a phenylala-
nine and an asparagine, neither of which is a ligand 
to the copper.729 In the mutants, the biochemical 
standard reduction potential of the copper ion was 
decreased by as much as -90 mV or increased by as 
much as +240 mV. 
 The prosthetic copper ion in an azurin displays 
the full complement of five paradigmatic ligands. 
It is surrounded by the sulfurs of a cysteine and a 
methionine, the nitrogens of two histidines, and an 
acyl oxygen of the polypeptide backbone (Figure 
2-26E). The two sulfurs, the two nitrogens, and the 
oxygen span, respectively, the complete biochemical 
spectrum from soft to hard Lewis bases. This list of 
ligands, however, is not a complete one. For example, 
one of the copper ions in peptidylglycine monooxy-
genase from R. norvegicus, the one responsible for 
transfer of single electrons to the active site, is coordi-
nated only by the p nitrogens from the imidazolyl 
groups of three histidines.730 
 Copper ion is a soft Lewis acid, and in most of 
its prosthetic groups, it forms a strong, notably 
short, mostly covalent s bond with the soft sulfido 
sulfur of a cysteine731 In addition, in the oxidized 
cupric state, there is significant transfer of electron 
density from a p orbital on this sulfur, occupied by 
one of its lone pairs of electrons, to the dx2 - y2 or-
bital of the Cu2+, occupied by its single unpaired 
electron.732,733 Consequently, the sulfur must be 
hybridized p, sp2, sp2, sp2. This transfer of electron 
density is responsible for the strong blue color of all 
these mononuclear, prosthetic copper ions, and it 
is thought that the electron entering, or leaving, the 
copper ion during its reduction, or oxidation, can 
pass through the p orbital on the sulfur that partic-
ipates in this transfer of electron density.731 The 
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sulfur of a methionine is also a soft Lewis base, but 
as a sulfide it is only weakly basic (pKa @ -9) relative 
to the sulfido group of the cyteine (pKa = 8.7), so it 
is only a weak ligand, a fact reflected in its bond 
length of 0.28 nm. 
 The two nitrogens of the histidines, although 
as basic as the sulfido group of the cysteine, are 
harder bases and do not form such a strong associ-
ation with the soft copper. The distances between 
these nitrogens and the copper ion are the same as 
that between the sulfur of the cysteine and the 
copper ion even though their van der Waals radii 
(0.16 nm) are smaller than that of the sulfur 
(0.18 nm).185 From crystallographic molecular models 
of the complex between laccase from Melanocarpus 
albomyces and 2,6-dimethoxyphenol, an analogue 
of a 1,2-dihydroxybenzene that would be a natural 
substrate, it was concluded that the electron that is 
removed by the enzyme and that ultimately ends 
up on the prosthetic copper ion passes through one 
of the imidazolyl groups that are ligands to the 
copper, rather than the cysteine. This imidazolyl 
group sits between the respective substrate and the 
copper ion.734  
 The acyl oxygen of a peptide bond is an even 
harder base. The main effect of its lone pair of elec-
trons is to push the cysteine and the two histidines 
back into a trigonal plane (see Figure 2-26A). The 
acyl oxygen cannot participate in covalent bonding 
because it is a hard base and also because it is a 
weak base (pKa = -1). Consequently, the return to 
trigonal coordination must be the result of electron 
repulsion, in which case this reorientation suggests 
that the tetrahedral orientation distorted by this 
electron repulsion was not the result of covalent 
bonding in the first place. The acyl oxygen also lowers 
the biochemical standard reduction potential of the 
copper by donating electron density, even though 
its distance from the copper ion is 0.28-0.32 nm in 
the azurins.722,723,735,736 
 In the set of prosthetic copper ions737-739 repre-
sented by that of stellacyanin from C. sativus (Fig-
ure 2-26B),740 the sulfur of the methionine found in 
the plastocyanins (Figure 2-26D) has been replaced 
with the acyl oxygen in the side chain of glutamine. 
The prosthetic copper ion of the stellacyanin from 
C. sativus has a biochemical standard reduction 
potential of +260 mV,741 which is about -100 mV 
less positive than prosthetic copper ions that have 
methionine as a ligand, such as that in the plasto-
cyanin from P. nigra (Eª¢ = +370 mV). In stellacyanin 
from C. sativus, two nitrogen–hydrogens are directed 
at the sulfur of the cysteine, and the acyl oxygen of 

the peptide bond to the amino-terminal side of the 
histidine is at the same distance as it is in the plasto-
cyanin from P. nigra (Figure 2-26D). The difference 
in biochemical standard reduction potential between 
the stellacyanins and the plastocyanins is due, in 
part, to the greater basicity of the lone pair of elec-
trons on the acyl oxygen of a glutamine (pKa = -1) 
relative to that of the lone pair of electrons on the 
sulfur of a methionine (pKa @ -9). Consistent with 
this conclusion is that when the methionine that is 
the ligand to the prosthetic copper ion in azurin 
from P. putida (Figure 2-26E) is mutated to isosteric 
4-methoxy-2-aminobutyrate, which replaces a sulfide 
with an ether, the oxygen of which has a basicity 
(pKa @ -4) closer to that of the acyl oxygen of the 
side chain of a glutamine, the biochemical standard 
reduction potential of the prosthetic copper ion 
decreases by -120 mV.713 In the stellacyanin from 
C. sativus, the distance between the acyl oxygen of the 
glutamine and the copper ion (0.21-0.23 nm)738-740 
is significantly shorter than that between the sulfur of 
a methionine and the copper ion (0.27-0.31 nm),709,710 
which probably is the result of a steric effect because 
the oxygen is a hard base and less likely to engage 
in a covalent bond. The acyl oxygen of the glutamine 
(Figure 2-26B) is also much closer to the copper 
ion than is the more weakly associated acyl oxygen 
of the peptide bond (0.28-0.32 nm) in the azurins 
(Figure 2-26E). 
 The prosthetic copper ion in nitrocyanin from 
N. europaea (Figure 2-26C)742 illustrates the effect 
of two oxygens on the biochemical standard reduc-
tion potential. In addition to the three core ligands 
of two nitrogens from two histidines and the sulfur 
from a cysteine, with bond lengths to the copper of 
0.20, 0.20, and 0.23 nm, additional ligands are the 
oxygen of a molecule of water (pKa = 0) and the oxygen 
of the carboxylato group of a glutamate (pKa = 4.3) 
at distances of 0.22 and 0.21 nm, respectively, from 
the copper. These two oxygens, especially the more 
basic oxygen from the glutamate, cause the biochem-
ical standard reduction potential of the prosthetic 
copper ion to be quite low (+80 mV),743 at the lower 
end of the range of biochemical standard reduction 
potentials for prosthetic copper ions (Figure 2-19). 
In nitrocyanin, the copper has five ligands sur-
rounding it that are all intimate and almost equi-
distant from the metallic ion and oriented so that 
they are almost as far apart from each other as pos-
sible. It seems likely that the orientation of the four 
harder ligands other than the sulfido group is deter-
mined almost entirely by electron repulsion and 
steric effects. 
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 When an electron is added to a mononuclear, 
prosthetic Cu2+ during its reduction, the sulfur or 
sulfurs, the nitrogens, and the oxygen or oxygens of 
the ligands move away from the copper as a result 
of repulsion between the new electron and their 
lone pairs of electrons. Because of their strong inter-
actions with the copper ion, the core ligands (the 
two nitrogens of the histidines and the sulfur of the 
cysteine) are least affected and usually move out by 
only about 0.01 nm.735,738,739 Occasionally, howev-
er, one of the two histidines moves away more 
dramatically;708,744 in at least one instance by more 
than 0.1 nm.745 Upon reduction, the sulfur of the 
methionine or the acyl oxygen of the glutamine 
moves away from the copper ion more extensively, 
by 0.02–0.05 nm.702 The acyl oxygen of the peptide 
backbone that is the fifth ligand in the azurins (Fig-
ure 2-26E), however, moves very little upon reduc-
tion, probably because it is farther away from the 
copper ion and far more rigidly positioned than the 
ligands on the side chains. 
 As with iron ions, prosthetic copper ions partic-
ipating in the transfer of single electrons can be 
found in clusters. Unlike with iron, the clusters 
formed by copper ions do not contain sulfide, and 
they are considerably fewer in number. Two examples 
of such a cluster are the dinuclear CuA cluster from 
cytochrome-c oxidase of T. thermophilus (Figure 
2-26F),746 which is representative of the CuA clusters 
in other cytochrome-c oxidases,673 and the dinuclear 
CuA cluster in nitrous-oxide reductase.747 The central 
core of two copper ions and two sulfido groups in 
the dinuclear cluster of prosthetic copper ions in 
cytochrome-c oxidase resembles the central core of 
a [2Fe–2S] iron–sulfur cluster (Figures 2-18 and 2-20) 
in its planarity, the bond angles at the two sulfurs 
of the cysteines (65ª), and the bond angles at the 
two coppers (110ª and 118ª), but the two sulfurs are 
not bridging sulfides but sulfido groups from two 
cysteines. 
 This central core of the two copper ions and two 
sulfido sulfurs is covalently bonded with a molecular 
zuted over all four of its atoms.748 In the oxidized 
state, Cu2+:Cu+, the single unpaired electron is distrib-
uted equally between the two copper ions by the 
highest occupied molecular orbital of the conjugated 
system that it occupies. In the reduced state, Cu+:Cu+, 
the highest occupied molecular orbital of the core 
is filled by the added electron, and the cluster loses 
its intense purple color and its characteristic electron 
paramagnetic resonance spectrum.748 The biochem-
ical standard reduction potential for reduction of 

the dinuclear cluster of prosthetic copper ions in 
cytochrome-c oxidase of T. thermophilus is +240 mV.749 
 The ligands to the two copper ions of a CuA 
cluster, aside from the two cysteines, are those of the 
mononuclear copper ion in azurin (Figure 2-26E): 
two histidines, a methionine, and an acyl oxygen from 
the polypeptide backbone. The distances between 
the histidines and the respective coppers (0.19 and 
0.21 nm) are typical, but the methionine (0.25 nm) 
and the acyl oxygen of the polypeptide backbone 
(0.26 nm) are closer to their respective copper ions 
than they are to the lone copper ion in the azurins.746 
 A model compound containing a central core 
almost identical to that in this cluster has been syn-
thesized, but it is stable only in the mixed-valent, 
paramagnetic oxidation state,750 unlike the pros-
thetic CuA cluster in a protein, the reduced, dia-
magnetic state of which is quite stable. The fact 
that the synthetic cluster is unstable illustrates the 
fact that when a prosthetic group containing metallic 
ions is synthesized outside the protein it often fails 
to display the same range of abilities that it does 
when it is within the protein, perhaps because the 
protein that surrounds it prevents its dissociation. 
 As with flavin, the effect of pH on the reduction 
potential for prosthetic groups participating in the 
transfer of single electrons is determined by the 
features of the protein that surrounds them and, in 
the case of prosthetic groups containing ions of 
transition metals, by the nature of the ligands 
provided by the active site for the metallic ions. For 
example, as has been already noted, the reduction 
potentials for the Rieske [2Fe-2S] iron–sulfur clus-
ters and the [2Fe-2S] iron–sulfur clusters in which 
only one ligand is an imidazolyl group are predict-
ably dependent on pH. The reduction potentials of 
high-potential [4Fe-4S] iron–sulfur clusters, how-
ever, are usually invariant with pH. The reduction 
potentials of some low-potential [4Fe-4S] iron–
sulfur clusters are dependent on pH while those for 
other low-potential [4Fe-4S] iron–sulfur clusters are 
not. The biochemical standard reduction potential 
for the heme in bovine cytochrome c is +250 mV.751 
Upon addition of the electron, the central core of 
the heme in cytochrome c from T. alalunga (Fig-
ure 2-22) loses its net positive elementary charge and 
several amino acids near the sulfur of the methionine 
rearrange their orientations. These rearrangements 
are responses of the structure of the protein to the 
change in elementary charge at the iron.752 Between 
pH 8 and pH 3, however, which includes the range 
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in which the protein normally functions, the reduc-
tion of bovine cytochrome c proceeds without the 
uptake of a hydron from the solution, so its biochem-
ical standard reduction potential is not a function 
of pH.751 Above pH 8, one hydron is taken up with 
the electron and no change in net charge on the 
protein occurs during the reduction. The opposite 
behavior is observed with plastocyanin, a protein that 
performs a role similar to that performed by cyto-
chrome c. Below pH 6, one hydron is taken up with 
the electron by the plastocyanin from P. crispum, 
and above pH 6, none is taken up.753 
 
 The biochemical standard reduction potentials 
that have been noted above for the various pros-
thetic groups participating in the transfer of single 
electrons are usually ascertained by potentiometric 
titration or cyclic voltammetry. 
 In a potentiometric titration, the reduction 
potential of the solution is monitored with an elec-
trode. Various small molecules that can be oxidized 
or reduced by one electron or two electrons are 
added to the solution as mediators. The mediators 
are ubiquitous redox couples with standard reduction 
potentials that span the range of reduction potential 
to be sampled. They are added to bring the potential 
of the electrode to the reduction potential of the 
solution by engaging in efficient and rapid oxidation 
and reduction at its surface; to bring the concentra-
tions of the oxidized and reduced forms of the 
prosthetic group in the protein into equilibrium with 
the reduction potential of the solution by oxidizing 
and reducing it until equilibrium is reached; and to 
buffer the reduction potential of the solution by 
maintaining its reduction potential through the 
equilibrium concentrations of the oxidized and 
reduced forms of the several mediators (Equa-
tion 2-91). 
 The reduction potential of the solution is adjust-
ed systematically in one of two ways. In the first 
strategy, small portions of a strong reductant, or a 
strong oxidant, are added in succession to decrease, 
or increase, the reduction potential of the solution. 
In the second strategy, the electrode is used to impose 
a succession of voltages. In the latter instance, the 
electrode must have a surface area of sufficient capac-
ity to bring the potential of the solution to equilibrium 
all by itself in a reasonable interval. 
 After each adjustment, one waits for equilibrium 
to be established. For the titration to be accurate, 
the measurements must be taken at equilibrium. If 
the equilibrium is only slowly established and suffi-
cient time is not taken, the ultimate value obtained 

for the biochemical standard reduction potential 
will be in error. 
 After each adjustment, the reduction potential 
of the solution that is registered by the electrode is 
recorded, and the concentrations of the oxidized 
form or the reduced form or both forms of the 
prosthetic group are ascertained spectroscopically. 
Usually, the reduction potential of the solution is 
systematically decreased and then systematically 
increased, or vice versa, to be sure that the same 
spectra are obtained at the same reduction potential 
in each direction,754 a coincidence that demonstrates 
the reversibility of the oxidation–reduction and the 
fact that equilibrium was reached in each measure-
ment. 
 The potentiometric titration of a prosthetic group 
participating in the transfer of single electrons can 
be monitored by gathering visible absorption spectra. 
For example, the visible absorption spectrum of 
equine cytochrome c between 500 and 580 nm was 
monitored as a function of the measured reduction 
potential of a solution containing cytochrome c 
and the mediators N,N,N¢,N¢-tetramethyl-p-phenyl-
enediamine (Eª¢2e- = +260 mV), 2,3,5,6-tetramethyl-
1,4-benzenediamine (Eª¢2e- = +240 mV), 5-methyl-
phenazinium methyl sulfate (Eª¢2e- = +80 mV), and 
5-ethylphenazinium ethyl sulfate (Eª¢2e- = +55 mV). 
Ferric ethylenediaminetetraacetate was also present 
to shuttle single electrons to the mediators from 
the iron of the heme. The reduction potential of the 
solution was systematically increased by adding 
portions of a solution of potassium ferricyanide 
and was recorded with a gold electrode. The con-
centration of the reduced form of heme c in cyto-
chrome c was assessed by its absorbance at 550 nm 
(Figure 2-27).755 The data were fit to Equation 2-91 
to obtain a value for the biochemical standard 
reduction potential of the heme c in the cytochrome. 
The value obtained, 257 ± 0.4 mV, agrees closely with 
the value (256 ± 3 mV) for the same protein that was 
determined earlier with less accuracy.751 
 The different hemes can be most readily distin-
guished by their absorption spectra in the visible 
region, between 500 and 580 nm. For example, the 
ferrous forms of the two different hemes b and the 
heme c in quinol—cytochrome-c reductase have 
sharp, characteristic absorption bands at 552.4, 560, 
and 565.6 nm, respectively, and the three can be 
followed separately in a potentiometric titration to 
determine each of their biochemical standard reduc-
tion potentials.756 The strongest visible absorption 
of a heme is usually at around 400 nm, the Soret band, 
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and potentiometric titrations can also be moni-
tored in this region of the spectrum because the 
absorption shifts to longer wavelengths upon reduc-
tion of the heme,757,758 but the different hemes all 
have similar shifts in absorption in this range during a 
potentiometric titration and cannot be distinguished 
so readily. 
 It is also possible to monitor a potentiometric 
titration with electron paramagnetic resonance 
spectra. For example, the reduction potential of a 
solution containing lysine 2,3-aminomutase from  
 
 

 
Figure 2-27: Potentiometric titration of equine cytochrome 
c.755 A solution of the protein (16 mM) in 4.5 M urea, 0.3 mM 
ferric chloride, 10 mM ethylenediaminetetraacetate, 10 mM 
N,N,N¢,N¢-tetramethyl-p-phenylenediamine, 35 mM 2,3,5,6-tetra-
methyl-1,4-benzenediamine, 35 mM 5-methylphenazinium 
methyl sulfate, 35 mM 5-ethylphenazinium ethyl sulfate, and 
0.05 M sodium phosphate at pH 7.0 at 25 ªC was added to the 
chamber of an apparatus that permitted the solution to be in 
contact with a gold-plated platinum electrode and at the same 
time have its absorbance monitored. The heme c in the protein 
was in the reduced state and was held at an initial reduction 
potential of 100 mV. Successive additions of a 13 mM solution 
of potassium ferricyanide were added and, after the solution 
reached equilibrium, the reduction potential of the solution 
was recorded as well as an absorption spectrum from 500 to 
580 nm. (A) Superposed spectra, one for each potentiometric 
step in the oxidation. The absorbance at 550 nm decreases 
with each addition of ferricyanide. (B) Potentiometric titration. 
The reduction potentials (millivolts) of the solution at equili-
brium are plotted against the absorbance at 550 nm. Equa-
tion 2-91 was fit to the data (solid curve). The parameters 
obtained from the fit were the absorbance of fully reduced 
cytochrome c in the solution, 0.453 ± 0.0003; the absorbance of 
the fully oxidized cytochrome c in the solution, 0.159 ± 0.0007; 
and the biochemical standard reduction potential of equine 
cytochrome c, +257 ± 0.4 mV (horizontal dashed line).  
 
 
 
 
 
 
Clostridium subterminale, S-adenosyl-¬-methionine, 
and the mediators 1,1¢-trimethylene-2,2¢-dipyridyl 
bromide and 4,4¢-dimethyl-1,1¢-trimethylene-2,2¢-di-
pyridyl bromide was adjusted systematically to 
voltages in the range between -375 and -525 mV by 
adjusting the potential of a gold electrode to the 
desired voltage and waiting for equilibrium to be 
reached. At each voltage, following equilibration, a 
sample was removed from the solution and frozen, 
and the electron paramagnetic resonance spectrum 
of the [4Fe-4S] iron–sulfur cluster in the enzyme 
was measured (Figure 2-28A).595 The differences in 
the derivatives of the absorption between the maxima 
of the derivative at 0.345 T and the minima of the 
derivative at 0.356 T were plotted as a function of 
the measured reduction potential (Figure 2-28B). 
These differences are directly proportional to the 
magnitude of the actual absorption and hence the 
concentration of the reduced, paramagnetic form 
of the iron–sulfur cluster (Equation 2-169). The data 
were fit to Equation 2-91 to obtain a value for the bio-
chemical standard reduction potential (-437 ± 5 mV) 
of the iron–sulfur cluster in the active site of lysine 
2,3-aminomutase. 
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 Hemes also display electron paramagnetic 
spectra arising from the unpaired electron in the 
oxidized ferric form, and potentiometric titrations 
can be performed by monitoring the intensity of 
this signal. Most ferric hemes have the central 
unsplit absorption of their unpaired electron at 
around g = 2.29 and cannot be distinguished in this 
range, but the different hemes in a protein that 
contains more than one heme can often be distin-
guished because each will have characteristic absorp-
tions arising from differences in hyperfine coupling, 
and each can be potentiometrically titrated indepen-
dently by monitoring its characteristic hyperfine 
absorption.759 Likewise, differences in hyperfine 
couplig permit the different iron–sulfur clusters in 

Figure 2-28: Potentiometric titration of the [4Fe–4S] iron–
sulfur cluster in lysine 2,3-aminomutase from C. subter-
minale.595 A solution (1 mL) of the enzyme (40 mM in active 
sites) in 42 mM S-adenosyl-¬-methionine, 200 mM KCl, 100 mM 
of the mediator 4,4¢-dimethyl-1,1¢-trimethylene-2,2¢-dipyridyl 
bromide, 100 mM of the mediator 1,1¢-trimethylene-2,2¢-dipyr-
idyl bromide, and 150 mM N-(2-hydroxyethyl)piperazine-
N¢-3-propanesulfonate at pH 8.0 was added to the chamber of 
an of an apparatus at room temperature that permitted the 
solution to be in contact with a gold electrode poised at a 
particular potential. After equilibrium was reached between 
the electrode and the [4Fe–4S] iron–sulfur clusters in the 
solution, a portion of the solution was immediately frozen, and 
its electron paramagnetic resonance spectrum was recorded. 
(A) The spectra produced by the apparatus are plots of the first 
derivative (dA/dB) of the absorption (A; in arbitrary units) of 
microwave electromagnetic energy, at the fixed carrier 
frequency of 9.256 GHz, as a function of the flux density of the 
applied magnetic field (B; in Tesla). The magnetic field was 
varied from 0.29 T to 0.39 T. (B) The differences between the 
first derivatives (dA/dB) at 0.345 T and the first derivatives 
(dA/dB) at 0.356 T, which are measures of the concentration of 
unpaired electrons in the solution, are plotted as a function of 
the reduction potentials (millivolts) to which each solution was 
brought to equilibrium before it was frozen. Equation 2-91 was 
fit to the data (solid curve). The parameters obtained from the 
fit were the magnitude of the difference at full oxidation, 
0.39 ± 0.14; the magnitude of the difference at full reduction, 
4.18 ± 0.05; and the biochemical standard reduction potential 
of the [4Fe–4S] iron–sulfur cluster, -437 ± 5 mV (vertical dashed 
line). Adapted with permission from reference 595 Copyright 2006 
American Chemical Society.https://doi.org/10.1021/bi0519497 
 
 
 
 
 
 
 
 
a protein to be distinguished562 and potentiometrically 
titrated individually.760,761 A drawback of using elec-
tron paramagnetic resonance to follow a titration is 
the requirement for much larger quantities of pros-
thetic group to gather the required data. It is also 
possible to use both visible spectra and electron 
paramagnetic spectra in concert to monitor the 
individual potentiometric titrations of the different 
prosthetic groups in the same protein.643 
 Cyclic voltammetry is also used to determine 
the biochemical standard reduction potential of a 
prosthetic group that participates in a redox couple. 
In a cyclic voltammogram (Figure 2-29),762 the current 
entering or leaving an electrode suspended in a solu-
tion is monitored as a function of the potential of 
that electrode. The initial solution contains a certain 
concentration of the fully oxidized or the fully reduced 
prosthetic group within its protein. If the prosthetic 
group is fully oxidized, the initial potential of the 
electrode is made sufficiently positive that negligible 
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Figure 2-29: Cyclic voltammogram of the prosthetic copper 
ion in isoform 2 of azurin from Methylomonas.762 A solution of 
the protein in 0.1 M potassium phosphate at pH 7.0 was added 
to the chamber of a voltammometer in which there were a 
Ag/AgCl reference electrode, a platinum wire counter electrode, 
and a working electrode with a smooth surface of gold that had 
been modified with bis(4-pyridyl)disulfide. The chamber was 
flushed with argon. The voltage was then scanned between 
+300 and -100 mV at 2 mV s-1 and then back again, as 
indicated by the arrows, and the current at the working 
electrode (nanoamperes) was monitored as a function of its 
standard potential (millivolts). The two outer vertical dashed 
lines indicate, respectively, the positions of the maxima of 
positive and negative current when background has been 
subtracted from the data for the two sweeps. The distance 
between these two vertical lines is 60 mV, a number indicating 
that the apparatus is monitoring a one-electron oxidation–
reduction. The central dashed line is halfway between the 
outer two and is at the biochemical standard reduction 
potential (+280 mV) of the copper ion in the azurin. Adapted 
with permission from reference 762, Journal of Biological 
Inorganic Chemistry, Copyright 1999 Springer Nature. https:// 
doi.org/10.1007/pl00010653 
 
 
 
 
reduction of the prosthetic group occurs. The potential 
of the electrode is then decreased from the initial 
value at a certain linear rate (volts second-1) until it 
is significantly more negative than the reduction 
potential of the prosthetic group. It is then imme-
diately increased at the same rate back to the initial 
potential, and the full cycle is then repeated until 
the measurements are reproducible. If the prosthetic 
group is fully reduced, the initial potential of the 
electrode is made more negative than its standard 
reduction potential and is increased at a certain 
linear rate and then decreased. 

 Assume that the prosthetic group is initially 
oxidized and the potential of the electrode is being 
lowered. At the immediate surface of the electrode, 
if the rate of the voltage change is slow enough, the 
concentrations of the oxidized and reduced forms 
of the prosthetic group will be at the equilibrium 
appropriate to the voltage at the surface, as deter-
mined by Equation 2-91. Initially, if the potential of 
the electrode is high enough, the concentration of 
the oxidized form at equilibrium will be its concen-
tration in the solution. As the potential of the elec-
trode decreases, the concentration of the oxidized 
form of the prosthetic group at the immediate surface 
of the electrode will decrease below its concentration 
in the solution. The current due to this decrease 
will be negligible, but the decrease in the concen-
tration of the oxidized form at the immediate surface 
of the electrode will create a concentration gradient 
of the oxidized form between the surface of the 
electrode and the rest of the solution containing the 
oxidized form at a constant concentration.763,764 A 
diffusive flux of the oxidized form will move down 
this concentration gradient, delivering the oxidized 
form to the electrode by simple diffusion. Its reduction 
transfers electrons to the electrode. This diffusive 
flux of the oxidized form down the concentration 
gradient to the surface of the electrode and its subse-
quent reduction produces the observed current. 
 The concentration gradient increases as the 
voltage decreases, and the concentration of oxidized 
form at the immediate surface of the electrode 
becomes smaller and smaller. When the potential of 
the electrode, however, passes through the reduc-
tion potential of the prosthetic group and becomes 
significantly less than its reduction potential, the 
concentration of the oxidized form at the immediate 
surface of the electrode becomes essentially zero and, 
consequently, invariant. The concentration gradient 
then decreases as more and more of the oxidized 
form in the solution surrounding the electrode is 
consumed, and the current then decreases even 
though the potential of the electrode is still decreasing. 
 During a negative sweep such as the one just 
described, if the oxidation–reduction at the surface 
of the electrode is always at equilibrium as the volt-
age is changing762 and if the diffusion coefficients 
of the oxidized and reduced forms of the redox 
couple are the same, the peak of the current due to 
reduction of the prosthetic group (Figure 2-29) 
under the conditions of the experiment occurs at a 
potential at a distance (1.109 ± 0.002) RT(nF)-1 be-
low the reduction potential of the redox couple,765  
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which at 25 ªC is 28.5/n mV. The diffusive current 
at this peak, ip (amperes), that arises from only the 
reduction of the oxidized prosthetic group diffusing 
to the electrode is defined by the equation  

                     (2-173) 

where A is the surface area (centimeters2) of a planar 
electrode, C is the initial concentration (moles 
centimeter-3) of oxidized prosthetic group in the 
solution, D is its diffusion coefficient (centimeters2 
second-1), and v is the rate (volts second-1) at which 
the potential of the electrode is decreasing.763-766 
Both the dimensionless constant 1.109 (given earlier 
in the text) and the dimensionless constant 0.4463 
(Equation 2-173) are the products of terms arising 
from the diffusion equations. 
 Upon the positive, return sweep of voltage (Fig-
ure 2-29), all the same things happen in reverse, 
and a peak of current of the opposite sign but of the 
same magnitude is observed with its maximum at a 
distance (1.109 ± 0.002) RT(nF)-1 above the reduc-
tion potential of the redox couple, again only if the 
oxidation–reduction at the surface of the electrode 
is always at equilibrium as the voltage is changing. 
If the oxidation–reduction is fully reversible, succes-
sive sweeps should give superposable traces of 
current. 
 A cyclic voltammogram provides several pieces 
of information (Figure 2-29). First, if the current in 
the reverse direction is centrosymmetric to that in 
the forward direction, as it is in Figure 2-29, and 
currents in successive sweeps are superposable, 
the oxidation–reduction is reversible. Second, if 
the oxidation–reduction is reversible and the currents 
are centrosymmetric, the reduction potential of 
the redox couple is halfway between the potentials 
at which the two peaks of current occur, at the same 
potential as that of the point of centrosymmetry. 
Third, if the oxidation–reduction is reversible, if the 
oxidized and reduced forms of the prosthetic group 
are at equilibrium with the potential of the elec-
trode at all voltages, and if the current observed is 
corrected for background currents that are not due 
to the redox couple by performing voltammetry on 
an identical solution not containing the redox couple, 
then the distance between the maxima of the two 
peaks (outer vertical dashed lines in Figure 2-29) 
should be 57/n mV, so this distance provides a deter-
mination of n, the number of electrons involved in 

the oxidation–reduction.767 If the system does not 
remain at equilibrium as the voltage is decreased or 
increased, this distance will be greater than 
57/n mV, so if it is not too much greater, the value 
of n can still be determined because n must be an 
integer. Fourth, if the current observed is corrected 
for background currents, the corrected current at 
its peak, which should arise only from the diffusion 
of oxidant or reductant to the electrode, can be 
used to estimate the diffusion coefficient of the 
protein containing the prosthetic group.762,766 From 
the cyclic voltammogram of isoform 2 of azurin from 
Methylomonas (Figure 2-29), it could be concluded 
that the oxidation–reduction of the prosthetic copper 
ion was reversible, that its biochemical standard 
reduction potential was +280 mV, that only one 
electron was involved in the oxidation–reduction 
(DE = 61 mV), and that the diffusion coefficient of 
the azurin was 6 ¥ 107 cm2 s-1. By varying the rate of 
the potential sweep and demonstrating that the 
peak current is directly proportional to its square 
root (Equation 2-173), it is also possible to show 
that the current due to the oxidation–reduction is 
encounter-controlled,766 a property that is necessary 
if an accurate diffusion coefficient is to be measured. 
 Cyclic voltammetry can also be used to determine 
the same information for hemes in cytochromes768 
and iron–sulfur clusters in ferredoxins and other 
proteins.769 If there are several prosthetic groups in 
a protein,770 each produces its own individual peak 
of current on the same cyclic voltammogram. If the 
several peaks of current overlap too closely, the 
contributions of the individual prosthetic groups to 
the cyclic voltammogram can be resolved by elimi-
nating successively each of the prosthetic groups 
but one by site-directed mutation, performing cyclic 
voltammetry on each mutant to determine the reduc-
tion potential of each prosthetic group in isolation 
from the others, and then showing that the individual 
peaks of current sum to give the cyclic voltammogram 
of the unmutated protein.771 
 Cyclic voltammetry of isoform 2 of azurin from 
Methylomonas was so successful because it is a small 
protein (124 aa)* with a large diffusion coefficient. 
One of the drawbacks of cyclic voltammetry arises 
from the slower rates of diffusion for larger molecules 
of protein. These slow rates produce smaller currents 
at the same molar concentration, so they require 
that higher molar concentrations (0.1 mM-1 mM) of a 
large protein be used, which is a practical limitation. 

                                                
*The abbreviation aa is for "amino acids". 
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In one widely used variation of cyclic voltammetry, 
which overcomes the requirement for high concen-
trations of protein, a thin film of the protein can be 
adsorbed to the electrode.772-774 
 There are several ways to produce this thin 
film on the surface of the electrode. The electrode 
can be modified so that it has covalently attached 
amino groups or carboxy groups to which the protein 
can be attached covalently by amide linkages to 
carboxy groups or amino groups, respectively, on 
its surface. The surface of the electrode can be 
modified so that it is hydrophobic and can absorb 
hydrophobic patches on the surface of the protein. 
Fixed molecular elementary charges can also be 
attached to the surface of the electrode to form a 
layer of fixed charge. This fixed charge retains the 
molecules of the protein adjacent to the surface by 
ion exchange.775 In each instance, the layer contain-
ing the protein is so thin that very little protein is 
necessary for accurate measurements [on the order 
of 1 pmol (cm2 of electrode surface)-1]. 
 When cyclic voltammetry is performed on these 
films, the peaks of current in the forward and reverse 
directions are still centrosymmetric about the reduc-
tion potential of the prosthetic group, but their 
separation depends on the rate of the sweep in 
voltage,776,777 a fact that precludes using the sepa-
ration to define n, the number of electrons involved 
in the oxidation–reduction being observed. The 
number of electrons involved in the oxidation–
reduction, however, is proportional to the square of 
the current at the electrode, ie

2, and inversely propor-
tional to the peak width at half-height, two independ-
ent relationships that can be used to determine the 
value of n. Because the film contains so little of the 
protein and its stoichiometric prosthetic group and 
because the currents measured are from the direct 
reduction or oxidation of only the prosthetic groups 
in the protein at the surface rather than arising 
from the continuous diffusion of prosthetic groups 
from the bulk solution, the peaks of current due to 
the oxidation or reduction of the prosthetic group 
at the surface are quite small and the ratio between 
the signal and the background is much less, a fact 
requiring accurate measurement and careful subtrac-
tion of background from the signal.778-780 
 The advantage of using a film of protein is that 
the diffusive currents are almost eliminated, and as 
a result, the peaks of current are narrower and al-
most symmetrical. This property permits the peaks 
from several different prosthetic groups to be 
examined simultaneously715,779,781 or permits the 

investigator to step through several different oxida-
tion states of the same prosthetic group640 in the 
same voltammogram. The disadvantage of this 
procedure is that the protein is not in free solution, 
so there is always the possibility of denaturation at 
the surface or steric effects. 
 
 The prosthetic groups that are one-electron 
redox couples are incorporated into electron-
transferring coenzymes and enzymes that catalyze 
oxidation–reductions, and they transfer electrons 
between or within these enzymes. With few excep-
tions—the quinones such as ubiquinone, which are 
often prosthetic groups but are usually free solutes 
dissolved in a membrane; flavins, which are usually 
prosthetic groups but in occasional situations are 
coenzymes in free solution; and ¬-ascorbate, which 
is always a free solute—the various prosthetic 
groups involved in one-electron transfer in living 
organisms are always tightly bound to particular 
proteins. Pheophytins and chlorophylls are bound 
noncovalently in the active sites of proteins but are 
surrounded so extensively by the polypeptide that 
they remain attached to the protein over its life-
time. Iron–sulfur clusters do not exist outside pro-
teins and are covalently bound through the 
cysteines. The hemes of hemoproteins can also be 
covalently bound through peripheral locations on 
the heme, as in the case of cytochrome c (Fig-
ure 2-22 and 2-72), but in most hemoproteins they 
are noncovalently bound by the polypeptide that 
embraces them, and they never leave the protein in 
which they are enclosed during its lifetime.* Pros-
thetic copper ions are coordinated to the ligands 
provided by the polypeptide of the protein and are 
usually bound covalently to the sulfur of a cysteine 
(Figure 2-26). Even quinones such as ubiquinone, 
which are usually free solutes in the membrane, are 
tightly bound when they are functioning as pros-
thetic groups at particular locations in a protein, 
and they may or may not exchange occasionally 
over the lifetime of the protein. The proteins to 
which these prosthetic groups participating in the 
transfer of single electrons are permanently or al-
most permanently bound vary considerably in their 
sizes, locations within the cell, complexities, and 
roles in metabolism. 
 The largest of these proteins are enzymes that 
participate in electron transport chains and cata-
lyze the transfer of electrons between two widely 
separated locations. These enzymes are embedded 

                                                
*In fact, heme that escapes from protein is toxic.782 
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in biological membranes and are large enough to 
dwarf the phospholipid bilayers that they span. 
They vary in size from the reaction centers of photo-
synthetic bacteria, which have asymmetric units of 
three different subunits and a total of 850 amino 
acids,783 to mammalian NADH:ubiquinone reduc-
tases (H+-translocating) with asymmetric units of 
45 different subunits and a total of more than 8000 
amino acids.784 The membranes in which these 
enzymes are dissolved are plasma membranes of 
bacteria, the inner membranes of mitochondria, the 
chromatophores of bacteria, and the thylakoids of 
chloroplasts. 
 There are also enzymes that are dissolved in 
the cytoplasm or other aqueous phases within the 
cell and that are responsible for oxidation–
reductions. These enzymes are fairly large because 
they often contain several of the prosthetic groups 
for one-electron transfers involved in the oxidation–
reductions for which they are responsible. Typical 
asymmetric units for these enzymes vary in size 
from a single subunit with 300 amino acids to three 
different subunits with a total of 1200 amino acids. 
 Operating as lighters among these argosies are 
small proteins that act as coenzymes responsible for 
transferring electrons between these large proteins 
by diffusing rapidly through the cytoplasm or another 
cellular space or by diffusing over a biological mem-
brane. These small electron-transferring coenzymes 
rapidly associate with and dissociate from the large 
enzymes and, depending on the circumstances, 
can either enter or leave with the electron that they 
are responsible for carrying. 
 
 The small electron-transferring coenzymes use 
prosthetic flavins, prosthetic iron–sulfur clusters, 
prosthetic hemes, and prosthetic copper ions as 
carriers of single electrons. 
 Flavodoxin and electron-transferring flavo-
protein are small and not-so-small electron-
transferring coenzymes, respectively, that each have 
a single flavin within themselves.785,786 Flavodoxins 
are usually monomeric proteins with 140-170 amino 
acids,787 and electron-transferring flavoproteins are 
usually heterodimers with about 600 amino acids 
in the asymmetric unit.788 Flavodoxins stabilize the 
neutral flavin semiquinone significantly, so the 
biochemical standard reduction potential for the 
redox couple of neutral oxidized flavin and neutral 
flavin semiquinone is -240 to -180 mV and that for 
neutral flavin semiquinone and reduced flavin 
anion is -500 to -370 mV (Figure 2-19).789,790 The fact 

that the former standard reduction potential is so 
much more positive than the latter, unlike the situ-
ation with free flavin (Figure 2-15), favors one-
electron transfer, usually that between the redox 
couple of neutral oxidized flavin and neutral flavin 
semiquinone (Figure 2-9).791 If, however, the reduct-
ant is strong enough the redox couple of neutral flavin 
semiquinone, which is created by the first electron, 
and neutral reduced flavin is available to accept a 
second electron.789 If the second electron is accepted, 
the reduction becomes a two-electron reduction 
rather than a one-electron reduction. Unlike flavo-
doxin, electron-transferring flavoprotein stabilizes 
the anionic semiquinone of its flavin, which cannot 
be reduced further (Figure 2-9), and usually cycles 
as an electron-transferring coenzyme between neutral 
oxidized flavin and anionic flavin semiquinone, a 
one-electron redox couple with biochemical stand-
ard reduction potentials of -200 to 0 mV in these 
proteins (Figure 2-19).790 
 Rubredoxins and ferredoxins are small, water-
soluble proteins with iron–sulfur centers. Rubredoxins 
are usually monomeric but can be oligomeric,549 
and their monomer or subunit contains 45-60 amino 
acids and a single iron ion.551,792 Ferredoxins are 
monomeric proteins that usually have 60-120 amino 
acids, but there are a few large ferredoxins resulting 
from multiple gene duplications with as many as 10 
iron–sulfur clusters and 250 amino acids.793,794 
The small unmultiplicated ferredoxins have either 
a single [2Fe-2S] iron–sulfur cluster,795 a single 
[4Fe-4S] iron–sulfur cluster,598 two [4Fe-4S] iron–
sulfur clusters,796,797 or a [4Fe-4S] iron–sulfur cluster 
and a [3Fe-4S] iron–sulfur cluster634 covalently 
attached to the protein through cysteines. The 
biochemical standard reduction potentials of the 
[2Fe-2S] ferredoxins are in the range -450 to –175 mV, 
and those of the [4Fe-4S] ferredoxins are in the 
range -600 to -400 mV (Figure 2-19). In the ferre-
doxins with two [4Fe-4S] iron–sulfur clusters, each 
iron–sulfur cluster usually accepts an electron inde-
pendently of the oxidation state of the other iron–
sulfur cluster at essentially the same biochemical 
standard reduction potential, and the protein is able 
to carry two electrons, one on each iron–sulfur 
cluster.798 
 There are small, water-soluble cytochromes, 
such as cytochrome c, and there are also small 
anchored, membrane-bound cytochromes, such as 
cytochrome b5, that act as small electron-transferring 
coenzymes between larger enzymes. Cytochrome b5 
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can diffuse rapidly over the membrane of the endo-
plasmic reticulum while carrying an electron between 
enzymes also located in this membrane. Although 
there are water-soluble cytochromes containing 
hemes b that are small electron-transferring coen-
zymes,799 most of the cytochromes that perform 
this function contain hemes c. These cytochromes c 
are usually, but not always,800 monomeric proteins. 
They usually contain 80-140 amino acids, but there 
are examples of larger cytochromes c that are the 
products of gene duplication.690 Most cyto-
chromes c contain a single heme c (Figure 2-22),801 
but some contain more than one heme c.802 The 
cytochromes c that are the products of gene dupli-
cation contain two hemes in two separate super-
posable domains.803 There are also small undupli-
cated cytochromes c with three closely opposed 
hemes (70 aa)804,805 and four hemes (120 aa)806,807 
and a larger membrane-bound cytochrome c with 
four hemes.808 The hemes c in the cytochromes c 
have biochemical standard reduction potentials 
between -410 and +450 mV (Figure 2-19), which 
is the broadest range for the small electron-
transferring coenzymes. One of the most negative 
biochemical standard reduction potentials is for 
one of the hemes c in cytochrome c3, where its four 
hemes are in such close proximity that the reduction 
of each heme in turn decreases the biochemical stand-
ard reduction potential of the next to be reduced.809 
 The small electron-transferring coenzymes 
containing prosthetic copper ions are usually 
monomeric proteins but can be homooligomers.810 
Their monomers or subunits contain 90-200 amino 
acids. Although most are in free solution in one of 
the aqueous phases in a cell, a few are membrane-
bound,811 presumably diffusing between their donors 
and acceptors within the same membane. Their 
range of biochemical standard reduction potential 
is the same as that for prosthetic copper ions in 
general (Figure 2-19). Although, for historical reasons, 
they have many different names—such as amicyanins, 
auracyanins, azurins, halocyanins, mavicyanins, nitro-
socyanins, phytocyanins, plastocyanins, pseudo-
azurins, rusticyanins, stellacyanins, sulfocyanins, 
and umecyanins—these small electron-transferring 
coenzymes with single prosthetic copper ions are 
all related to each other.705,742 Within the sequence 
of amino acids for each member of this group of 
proteins, one of the histidines that coordinates the 
copper ion is 35-66 amino acids amino-terminal to 
the cysteine to which that copper ion is covalently 
 

bound; the other histidine is 3-8 amino acids and the 
methionine is 5-12 amino acids carboxy-terminal to 
the cysteine. Although they all seem to be the same 
protein found in the same or different species of 
organisms, they are nevertheless distinguished from 
each other because they are specific to the particular 
enzymes between which they carry electrons. For 
example, amicyanin accepts single electrons from 
methylamine dehydrogenase (amicyanin),812 plasto-
cyanin accepts single electrons from plastoquinol—
plastocyanin reductase, azurin accepts single elec-
trons from nitrite reductase (NO-forming),813,814 
amicyanin accepts single electrons from cyto-
chrome c-551i,745 and plastocyanin accepts single 
electrons from photosystem I. The names often reflect 
the function or location of one of their partners in 
the transfer of an electron.  
 Even though each type has its more limited range, 
as a group the various small electron-transferring 
coenzymes containing flavins, iron–sulfur clusters, 
hemes, or prosthetic copper ions provide biochemical 
standard reduction potentials that span continuously 
the range from -600 to +740 mV (Figure 2-19), 
which is almost coincident with the range from the 
ferredoxin that accepts815,816 the excited electron 
from an iron–sulfur center (-550 mV) in photosystem I 
to molecular oxygen, the strongest biological oxidant 
(+820 mV) unbound to protein. Within this biological 
range are all the standard reduction potentials of 
the prosthetic groups in the enzymes of biological 
oxidation–reduction that donate electrons to or accept 
electrons from these small electron-transferring 
coenzymes. 
 
 There are a number of enzymes, both soluble 
in the aqueous phases within a cell and embedded 
in cellular membranes, that catalyze the oxidation 
or reduction of a particular substrate and the subse-
quent reduction or oxidation, respectively, of one 
of the small electron-transferring coenzymes by 
passing single electrons among prosthetic groups 
within themselves. For example, the flavin in ¬-lactate 
dehydrogenase (cytochrome) from S. cerevisiae817,818 
or Wickerhamomyces anomalus819 

     
                (2-174) 
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Figure 2-30: Disposition of flavin and four hemes c in the 
crystallographic molecular model of fumarate reductase from 
S. frigidimarina.456 Black atoms are carbons, red atoms are 
oxygens, blue atoms are nitrogens, and rusty brown spheres 
are iron ions. When S. frigidimarina is grown under anaerobic 
conditions, the biosynthesis of this particular fumarate 
reductase is induced because the purpose of the enzyme is to 
dispose of the excess electrons from anaerobic glycolysis by 
reducing fumarate to succinate. The gene for the enzyme was 
transferred to a plasmid and expressed at a high level in cells of 
Shewanella. The enzyme was purified from the expression 
system and crystallized. The drawing50 is of the flavin and the 
four hemes c in the resulting crystallographic molecular 
model. The distances between the iron ions in the adjacent 
hemes are noted, as well as the distance from the iron ion in 
the closest heme to the p molecular orbital system of the flavin. 
 
 
 
 
 
 
 

when it is playing its normal role in metabolism, 
oxidizes lactate to pyruvate by hydride transfer, 
and then the resulting two electrons in the reduced 
flavin are transferred one at a time to a heme b, also 
in the enzyme. From the heme b, each electron is 
transferred to a small, electron-transferring coenzyme, 
the cytochrome c (109 aa in both) in the cytoplasm 
of each of these two fungi, when it is transiently bound 
to the ¬-lactate dehydrogenase (cytochrome).818,819 
Each molecule of ferrocytochrome c dissociates 
from ¬-lactate dehydrogenase (cytochrome) follow-
ing its reduction and is eventually replaced on its 
binding site by a molecule of ferricytochrome c, which 
can then be reduced in turn. One of the intermediate 
steps in this reaction is 

      
                (2-175) 

in which the stability of the flavin semiquinone is 
used to accomplish the transfer of only one electron 
from the flavin to the heme b, which can only accept 
one electron at a time. After the first electron has 
been passed on to a molecule of cytochrome c, the 
flavin semiquinone then passes the second electron 
to the heme b. 
 In fumarate reductase from Shewanella onei-
densis 820 or Shewanella frigidimarina,456,821 when 
it is playing its normal role in metabolism, the 
heme c on cytochrome CymA, a small electron-
transferring coenzyme in the cytoplasm of the 
bacterium, provides one electron at a time, and 
each electron is passed consecutively through four 
hemes c,821 which are covalently bound to the enzyme 
as prosthetic groups (Figure 2-30),456 to a flavin also 
in the enzyme. The flavin joins the electrons in 
pairs and uses them to reduce fumarate to succinate 
in a hydride transfer.822 
 In the normal directions of catalysis in the 
cytoplasm, ¬-lactate dehydrogenase (cytochrome) 
uses the flavin in its active site to sunder two elec-
trons, and fumarate reductase uses the flavin in its 
active site to join two electrons. When these enzymes 
are catalyzing their reactions in the reverse direction, 
the flavin in ¬-lactate dehydrogenase (cytochrome) 
joins two electrons, and the flavin in fumarate reduc-
tase splits two electrons. 
 Unlike the examples of ¬-lactate dehydrogenase 
(cytochrome) and fumarate reductase, it is often 
the case that, even though one of these enzymes with  
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Figure 2-31: Disposition of flavin and two [4Fe–4S] iron–sulfur 
clusters in the crystallographic molecular model of adenylyl-
sulfate reductase from A. fulgidus.377 Black atoms are carbons, 
red atoms are oxygens, and blue atoms are nitrogens. In the 
iron sulfur clusters, yellow spheres are sulfides, and rusty 
brown spheres are iron ions. The enzyme was purified and 
crystallized in a glove box under strictly anaerobic conditions 
from cells of A. fulgidus that had been cultivated under 
anaerobic conditions. The distance between the iron–sulfur 
clusters is noted, as well as the distance from the closest iron–
sulfur cluster to the flavin. 
 
 
 
 
 
 
 
 
 
 

multiple prosthetic groups has been purified and 
extensively characterized, the small electron-
transferring coenzyme that provides or removes the 
electrons during its reaction within the cell is as yet 
unknown. For example, it was only after many years 
that the previously823 unknown electron acceptor 
that removes electrons one at a time from the 
heme b in cellobiose dehydrogenase (acceptor) was 
identified as another enzyme, lytic cellulose monooxy-
genase (C4-dehydrogenating), for which cellobiose 
dehydrogenase (acceptor) provides electrons.824-826 
The heme b in cellobiose dehydrogenase (acceptor) 
in turn removes electrons one at a time from the 
flavin after it has been reduced by transfer of a 
hydride during the dehydrogenation of cellobiose 
to cellobiono-1,5-lac-tone.823 The identity of the 
immediate electron donor that provides electrons 
one at a time to the two [4Fe-4S] iron–sulfur clus-
ters in adenylyl-sulfate reductase from A. fulgidus 
(Figure 2-31) is still unclear.377 These electrons are 
passed along one at a time to regenerate the reduced 
flavin from the oxidized flavin produced upon disso-
ciation of the sulfite from adduct 2-50 during the 
reduction of adenylyl sulfate (Equation 2-125). 
Recent studies of mutants suggest that the ultimate 
source of the electrons is the multiheme cytochrome c 
subunit of menaquinone reductase Qrc in the plasma 
membrane of the bacterium,827 but whether that 
enzyme provides the electrons directly or by reducing 
an electron-transferring coenzyme which then 
reduces the peripheral [4Fe-4S] iron–sulfur cluster 
in adenylyl-sulfate reductase is unknown at the 
moment. As the experience with cellobiose dehydro-
genase illustrates, the natural donor or acceptor of 
electrons from a particular enzyme, if it is unknown 
at first, is usually ascertained later on. 
 When the natural electron donor or acceptor 
for a particular enzyme that catalyzes an oxidation–
reduction in which electrons are transferred one 
at a time is not known, an adventitious donor or 
acceptor can usually be discovered. In the case of 
cellobiose dehydrogenase (acceptor) from Phanero-
chaete chrysosporium, either 2,6-dichloroindophenol 
or equine cytochrome c can act as an acceptor of 
the electron in an assay of the enzyme,823 while in 
the case of adenylyl-sulfate reductase from A. fulgidus, 
ferricyanide is used routinely as the one-electron 
donor in the assay for the enzyme. 
 There is a family of related enzymes to which 
dimethyl sulfide:cytochrome c2 reductase belongs. 
Each member of this family transfers electrons 
removed from their respective substrate, dimethyl 
sulfide in the case of dimethyl sulfide:cytochrome c2 
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reductase, through a chain of four [4Fe-4S] iron–
sulfur clusters to a prosthetic heme b on the en-
zyme. One might expect that the midpoint potentials 
of the [4Fe-4S] iron–sulfur clusters would increase 
as the electron moved from one cluster to the next 
to encourage efficient transfer of the electron. The 
midpoint potentials in sequence, however, for 
dimethyl sulfide:cyto-chrome c2 reductase from 
Rhodovulum sulfidophilum are +180, -340, +70, 
and +300 mV. Several of the other enzymes of the 
family show the same unexplained pattern.828 
 In several enzymes, one or more one-electron 
carriers sit between two flavins. In one direction, 
one of the flavins splits two electrons and the other 
ultimately joins them; in the opposite direction, the 
roles are reversed. For example, in dihydroorotate 
dehydrogenase (NAD+) from L. lactis, one of the pros-
thetic flavins removes two electrons from dihydro-
orotate, oxidizing it to orotate. The reduced flavin 
passes the electrons one at a time to a [2Fe-2S] 
iron–sulfur cluster, from which they are transferred 
to another flavin in the protein that joins them in 
pairs and then reduces NAD+ to NADH.829,830 One 
of the flavins in porcine dihydropyrimidine dehydro-
genase (NADP+) is reduced by transfer of a hydride 
from either 5,6-dihydrouracil or 5,6-dihydrothymine 
during its oxidation to uracil or thymine, respectively, 
and the reduced flavin then passes the electrons 
one at a time to a [4Fe-4S] iron–sulfur cluster in the 
protein. From this iron–sulfur cluster, each elec-
tron is passed consecutively through three more 
[4Fe-4S] iron–sulfur clusters to another flavin in 
the enzyme that joins them in pairs and uses them 
to reduce NADP+ to NADPH.478,831 The single flavin 
in trimethylamine dehydrogenase from Methylophilus 
methylotrophus oxidizes trimethylamine to dimethyl-
amine and formaldehyde. The reduced flavin 
passes the resulting two electrons one at a time to a 
[4Fe-4S] iron–sulfur cluster in the enzyme, from 
which they are transferred one at a time to a flavin 
not in the protein but in the electron-transferring 
coenzyme, electron-transferring flavoprotein.832 
 There are many enzymes that perform two-
electron oxidation–reductions of their substrates 
by transferring single electrons one after the other 
among one-electron prosthetic groups without the 
necessity for flavin to join or split a pair of electrons or 
transfer a hydride. For example, there are two homol-
ogous enzymes, dihydromethanophenazine:CoB-CoM 
heterodisulfide reductase from M. thermophila643 
and H2:CoB-CoM heterodisulfide,ferredoxin reductase 
from M. thermolithotrophicus,642 which must use 
the same mechanism to reduce the heterodisulfide 

between 2-sulfanylethanesulfonate (coenzyme M; 
HSCoM) and N-[(7-sulfanyl)heptanoyl]-¬-threonine 
O-phosphate (coenzyme B, HSCoB). The former 
enzyme contains two [3Fe-3S-Fe-S] iron–sulfur 
clusters (2-67) and is a subunit in a stable, membrane-
embedded heterodimer the other subunit of which 
contains two hemes b. The latter enzyme also contains 
two [3Fe-3S-Fe-S] iron–sulfur clusters but is in a 
multienzymatic complex containing several other 
subunits in which there are twelve iron–sulfur 
clusters and a prosthetic flavin. The active site of 
each of the CoB-CoM heterodisulfide reductases is 
the two [3Fe-3S-Fe-S] iron–sulfur clusters, which 
are the only prosthetic groups common to both 
enzymes. An intermediate in the reduction of the 
heterodisulfide has been observed crystallographically 
in H2:CoB-CoM heterodisulfide,ferredoxin reductase 
from M. thermolithotrophicus in which the sulfido 
group of 2-sulfanylethanesulfonate has become a 
fifth ligand to one of the iron ions coordinated by 
only two sulfides in the [3Fe-3S] portion of the 
[3Fe-3S-Fe-S] iron–sulfur cluster, and the sulfido 
group of N-[(7-sulfanyl)heptanoyl]-¬-threonine 
O-phosphate is adjacent to an iron ion in the second 
[3Fe-3S-Fe-S] iron–sulfur cluster.642 It has been 
proposed that the two reduced [3Fe-3S-Fe-S] iron–
sulfur clusters, acting in concert, each transfer an 
electron to the disulfide and that, during the reduc-
tion, 2-sulfanylethanesulfonate ends up as a ligand 
to the iron ion. 
 Following the reduction of the heterodisulfide, 
the two resulting oxidized [3Fe-3S-Fe-S] iron–sulfur 
clusters in dihydromethanophenazine: CoB-CoM 
heterodisulfide reductase from M. thermophila 
receive electrons from the two hemes b in the other 
subunit. These hemes b receive the electrons in 
turn one at a time from the electron-transferring 
coenzyme, dihydromethanophenazine 

 

dissolved in the plasma membrane,643 which presum-
ably passes through a semiquinone intermediate. 
The two resulting oxidized [3Fe-3S-Fe-S] iron–
sulfur clusters in H2:CoB-CoM heterodisulfide, 
ferredoxin reductase from M. thermolithotrophicus 
receive electrons passed through six iron–sulfur 
clusters, the prosthetic flavin, and then three iron–
sulfur clusters. These electron-transferring prosthetic 
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groups are located in three other subunits in the 
multienzymatic complex. The electrons are ultimately 
derived from the reduction of molecular hydrogen 
to two hydrons and two electrons. 
 In pyruvate synthase from Desulfocurvibacter 
africanus, the electron-poor adduct 2-acetylthiamine 
diphosphate 

 

formed by a nucleophilic substitution at the acyl 
carbon of acetyl-SCoA by the ylide of thiamine diphos-
phate, accepts electrons one at a time, with a thiamine 
radical (Figure 2-7) as an intermediate, from a 
[4Fe-4S] iron–sulfur cluster in the protein. This 
[4Fe-4S] iron–sulfur cluster receives electrons one 
at a time from two other [4Fe-4S] iron–sulfur clusters, 
the two [4Fe-4S] iron–sulfur clusters in a reduced 
ferredoxin, associated reversibly with the enzyme, 
that brings the electrons in.833 
 
 The large membrane-spanning enzymes that 
catalyze transfers of electrons in the electron 
transport chains in bacterial cells, mitochondria, 
chromatophores, and chloroplasts differ from these 
water-soluble enzymes of oxidation–reduction 
because each membrane-spanning enzyme is able 
to conserve a portion of the free energy of its re-
spective exergonic transfer of an electron. The donor 
of the electron or pair of electrons to each of these 
membrane-bound enzymes has a significantly more 
negative biochemical standard reduction potential 
than the oxidant that accepts those electrons. For 
example, the biochemical standard reduction poten-
tial of NADH is -310 mV, that of ubiquinone or 
plastoquinone dissolved as a solute in a phospholipid 
bilayer is +100 mV, that of mammalian cytochrome c 
is +260 mV, that of the blue copper protein plasto-
cyanin834,835 is +380 mV, and that of molecular 
oxygen is +820 mV (Figure 2-19). In these electron 
transfers, ubiquinone, plastoquinone, cytochrome c, 
and plastocyanin are electron-transferring coenzymes. 
NADH:ubiquinone reductase (H+-translocating) 
transfers two electrons from NADH to ubiquinone; 
quinol—cytochrome-c reductase and its cousin, 
plastoquinol—plastocyanin reductase, transfer two 
electrons from ubiquinol or plastoquinol to two 
cytochromes c or two plastocyanins (Figure 2-26D), 
 
 

respectively; and cytochrome-c oxidase transfers 
four electrons from four cytochromes c to molecular 
oxygen. The differences in biochemical standard 
reduction potential among these steps (150-570 mV) 
translate into differences of free energy of -14 to -54 kJ 
for every mole of electrons passing through each of 
these enzymes. The energy is conserved and used 
for a number of purposes such as the synthesis of 
MgATP2- or the transport of metabolites against 
their concentration gradient across the membrane 
of a bacterial cell, the inner membrane of a mito-
chondrion, the chromatophore of a photosynthetic 
bacterium, or the thylakoid of a chloroplast. This 
energy realized by these enzymes from their respective 
oxidation–reductions is stored in the electrochemical 
gradient of hydrons across the respective membrane.  
 Mitochondria are the descendants of aerobic, 
nonphotosynthetic bacterial cells, and the inner 
membrane of a mitochondrion is the descendant of 
the plasma membrane of the ancestral bacterial 
cell. The interior of a mitochondrion, inside the 
boundary of its inner membrane, is the descendant 
of the cytoplasm of the ancestral bacterial cell. 
With the exception of alkaliphilic bacteria, both the 
interior of a mitochondrion and the cytoplasm of a 
bacterial cell are basic relative to the exterior of the 
mitochondrion and the exterior of the bacterial 
cell, respectively. With the exception of acidophilic 
bacteria, between the interior and exterior of a 
mitochondrion, or between the cytoplasm and the 
exterior of a bacterial cell, there is an electric potential, 
positive on the exterior and negative on the interior. 
 In photosynthetic bacteria other than cyano-
bacteria, photosynthesis occurs in chromatophores. 
Chromatophores are either invaginations of the 
plasma membrane or separate vesicles in the cyto-
plasm that arise from the pinching off of invaginations 
of the plasma membrane of a photosynthetic bacte-
rium. The interior of a chromatophore in a photo-
synthetic bacterium is the descendant of the exterior, 
extracytoplasmic solution now surrounding the 
photosynthetic bacterium. Chloroplasts are the 
descendants of a photosynthetic bacterium. Each 
chloroplast has an outer membrane that is the 
descendant of the plasma membrane of that photo-
synthetic bacterium. Inside this outer membrane of 
a chloroplast or the plasma membrane of a cyano-
bacterium, there are thylakoids, which are flattened 
vesicles of membrane that are descendants of the 
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chromatophores that were in the ancestral photo-
synthetic bacteria. The interior solution inside a 
thylakoid is the descendant of the exterior, extra-
cytoplasmic solution that surrounded the ancestral 
photosynthetic bacteria. The stromal solution or 
the cytoplasm surrounding the thylakoids, between 
them and the outer membrane of the chloroplast or 
the plasma membrane of a cyanobacterium, respec-
tively, is the descendant of the cytoplasm of the 
ancestral photosynthetic bacterium. Because of all 
these ancestries, the interior of a chromatophore 
(or thylakoid) is acidic relative to the cytoplasmic 
(or stromal) solution that surrounds it, and the 
electric potential in the cytoplasm of a photosyn-
thetic bacterium (or the stromal solution of a chlo-
roplast) is negative relative to the electric potential 
in the interior of a chromatophore (or thylakoid).  
 As a consequence of this evolutionary history, 
the exterior surface of the plasma membrane of a 
bacterial cell, the exterior surface of the inner 
membrane of a mitochondrion, the interior surface 
of the membrane of a chromatophore, and the 
interior surface of the membrane of a thylakoid 
face a positive, acidic solution. The opposite surfaces 
of these four membranes face a negative, basic 
solution.* 
 In the process of transferring electrons from 
NADH or the electron-transferring coenzyme that 
provides the electrons to the electron-tranferring 
coenzyme or molecular oxygen that receives the 
electrons, NADH:ubiquinone reductase (H+-trans-
locating), ubiquinone, quinol—cytochrome-c re-
ductase, plastoquinol—plastocyanin reductase, 
and cytochrome-c oxidase each transport hydrons 
from the negative, basic side of the respective mem-
brane to the positive, acidic side of the membrane. 
The resulting current of hydrons, in the absence of 
the transport of any counterions, is what causes the 
positive, acidic side on the exterior of a mitochondrion 
or bacterium or the interior of a chromatophore or 
thylakoid to have a positive electric potential relative 
to the negative, basic side and to be more acidic 
than the negative, basic side on the interior or exterior, 
respectively. The sum of the free energy stored in 
the electric potential and the free energy stored in 
the gradient of hydrons together is the free energy 
stored in the electrochemical gradient of hydrons. 
 The electrochemical gradient of hydrons between 
the two sides of a cellular membrane of phospholipid 
produces a hydron motive force. A hydron motive 

                                                
*Exceptions to this rule are the hydron gradient in alkaliphilic 
bacteria and the electric gradient in acidophilic bacteria. 

force is a difference in the free energy of a hydron 
between the two sides. The hydron motive force 
between the exterior and interior of a mitochondrion 
or a bacterial cell is such that the free energy of a 
hydron on the exterior is more positive than the 
free energy of a hydron in the interior. The hydron 
motive force between the interior and exterior of a 
chromatophore or a thylakoid is such that the free 
energy of a hydron in the interior is more positive 
than the free energy of a hydron on the exterior. 
Consequently, when a hydron moves from the pos-
itive, acidic compartment to the negative, basic 
compartment in any of the cells or organelles, the 
free energy change is negative and favorable. This 
favorable free energy change is used to perform work. 
 The most central enzymes catalyzing these 
electron transfers and the associated transport of 
hydrons are quinol—cytochrome-c reductase836,837 
and its sibling plastoquinol—plastocyanin reduc-
tase.838 The former enzyme is located in the plasma 
membranes of bacteria and the inner membranes 
of mitochondria, and it oxidizes ubiquinol to ubiq-
uinone (2-57; +100 mV)519,520,523 and reduces cyto-
chrome c (Figure 2-22; +260 mV).686 The latter enzyme 
is located in the membranes of chromatophores 
and the membranes of the thylakoids in chloro-
plasts, and it oxidizes plastoquinol to plastoquinone 
(2-58; +100 mV)521,522 and reduces plastocyanin 
(Figure 2-26D; +380 mV).834,835 
 The biological significance of the redox couple 
of ubiquinone and ubiquinol and the redox couple 
of plastoquinone and plastoquinol is their ability to 
transfer hydrons across the membranes of mito-
chondria, bacterial cells, chromatophores, and 
chloroplasts. When one of these quinones is reduced 
to the quinol, two hydrons are taken up to make 
the neutral quinol (Equation 2-157). Those two 
hydrons must come from some aqueous solution. 
When one of these quinols is oxidized to the quinone, 
two hydrons are released. Those hydrons must be 
released into some aqueous solution. When ubiqui-
none is reduced to ubiquinol, the active site on the 
enzyme in which this reduction occurs, for example, 
the active site of NADH:ubiquinone reductase 
(H+-translocating) in mitochondria and bacterial 
cells,839-841 faces the interior of the bacterium or 
mitochondrion or the exterior of a chromatophore 
or thylakoid on the negative, basic side of the 
membrane that encloses each organelle or organism. 
This orientation causes the hydrons that add to the 
quinone when it is reduced to the quinol to be taken 
up from the more basic, more negative solution, 
and this uptake increases its basicity and decreases 
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its electric potential. When ubiquinol is oxidized to 
ubiquinone or plastoquinol is oxidized to plasto-
quinone, the active site in the enzyme at which it is 
oxidized, for example, the active site in plasto-
quinol—plastocyanin reductase in chromatophores 
or thylakoids, faces the exterior of the bacterium or 
mitochondrion or the interior of a chromatophore 
or a thylakoid, which is on the positive, acidic side of 
the membrane enclosing each of them. This orien-
tation causes the hydrons dissociating from the 
quinol as it is oxidized to the quinone to be released 
into the more acidic solution. 
 During the various reactions catalyzed by the 
enzymes that use them as coenzymes, two hydrons 
are taken up from the negative, basic solution dur-
ing the reduction of ubiquinone or plastoquinone 
by two electrons; the ubiquinol or the plastoquinol 
diffuses across the membrane; two hydrons are 
released to the positive, acidic solution during its 
reoxidation; and the ubiquinone or plastoquinone 
diffuses back across the membrane. Because the 
quinone is reduced by a prosthetic group in the active 
site of the reductase with a more negative biochemical 
standard reduction potential than the prosthetic 
group in the active site of the oxidase by which it is 
later oxidized, the movement of hydrons up their 
electrochemical gradient from the basic interior to 
the acidic exterior is driven by the movement of 
electrons down a gradient of standard reduction 
potential. This strategy accounts for a portion of 
the electrochemical gradient across these mem-
branes. This strategy works because the quinone is 
a weak base, the quinolate dianion is a strong base, 
and neither the cationic conjugate acid of the qui-
none nor the anionic conjugate base of the quinol 
is present in significant concentration—nor can 
they pass readily across the membrane—but it also 
helps that the semiquinone radical is prone to rap-
id disproportionation while in solution in a bilayer 
of phospholipids. 
 Although the number of different subunits in 
the asymmetric units in homodimeric quinol—
cytochrome-c reductase and its homodimeric sibling 
plastoquinol—plastocyanin reductase differs,665,842-845 
they are clearly related to each other844,846 and 
catalyze the same transfers of electrons between 
their respective reactants and products by passing 
them in the same sequence among a Rieske 
[2Fe-2S] iron–sulfur cluster, two hemes b, and a 
heme c,846-848 which are each bound within their 
own subunits within the respective enzymes.849-856  
 

Plastoquinol—plastocyanin reductase, in addition to 
these four prosthetic groups in common with those 
of quinol—cytochrome-c reductase, has an additional 
heme c, which is covalently attached by only one 
sulfide linkage,857 as well as a chlorophyll a and a 
b-carotene as prosthetic groups.844,845,858  
 The electron transfers catalyzed by these two 
enzymes among these prosthetic groups constitute 
the Q-cycle.859,860 The Q-cycle adds a layer of com-
plexity to the oxidation–reduction catalyzed by these 
enzymes but allows them to transport hydrons 
across the membranes by using only the respective 
quinol to carry them across. The simplest place to 
start in a description of the Q-cycle is the associa-
tion of a molecule of the appropriate quinol with 
the enzyme at the quinol binding site (Qp) facing 
the aqueous phase on the positive, acidic side of the 
membrane in which it is located (Figure 2-32).861,862 
An electron is removed from that quinol (+100 mV) by 
the Rieske [2Fe-2S] iron–sulfur cluster (+300 mV)575,847 
adjacent to the binding site, at the same time that 
two hydrons dissociate from the quinol into the 
aqueous phase on the positive, acidic side of the 
membrane. The resulting radical anion of the semi-
quinone, which is a much stronger reductant than 
the quinol, remains in the site. The radical anion of 
the semiquinone reorients within the binding site863 
so that it now sits next to heme bp (-100 mV),575 
one of the two hemes b in the enzyme (Fig-
ure 2-32), and an electron is transferred from the 
radical anion of the quinone to this heme bp.*  
 This sequence of events accomplishes a bifur-
cation of the two electrons by causing each of them 
to move on a different path. The bifurcation can be 
achieved because each of these prosthetic groups, 
the Rieske [2Fe-2S] iron–sulfur cluster and heme bp, 
is only a one-electron redox couple; because the 
Rieske [2Fe-2S] iron–sulfur cluster has nothing in 
its vicinity to oxidize so that it could take up a second 
electron; and because only the radical anion of the 
semiquinone, not the quinol, is a strong enough 
reductant to reduce heme bp while the quinol, although 
  
 

                                                
*In many discussions of quinol—cytochrome-c reductase, the 
subscripts o and i are used for the two quinone binding sites, 
but these designations cannot be applied to the same sites in 
plastoquinol—plastocyanin reductase because these sites are 
on the inside and outside of this enzyme, respectively, rather 
than the outside and inside. Consequently, in this discussion, 
which emphasizes the similarities of these two enzymes, the 
subscripts p and n, for positive and negative, will be used for 
the binding sites for both quinones and the two hemes b. 
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a weaker reductant, is nevertheless a strong enough 
reductant to reduce the Rieske [2Fe-2S] iron–sulfur 
cluster. In bovine quinol—cytochrome-c reductase, 
the rate-limiting step in this bifurcation is the removal 
of the first electron from the quinol by the Rieske 
[2Fe-2S] iron–sulfur cluster. Following this step, 
the reduction of heme bp occurs immediately, so 
the reduction of the Rieske [2Fe-2S] iron–sulfur 
cluster and heme bp occur at the same rate,864 
presumably because the radical anion of the semi-
quinone is such a strong, reactive reductant. Under  

Figure 2-32: Disposition of heme c, the Rieske [2Fe–2S] iron 
sulfur cluster, two hemes b, and two quinones in the crystallo-
graphic molecular model of bovine quinol—cytochrome-c 
reductase.861 Black atoms are carbons, red atoms are oxygens, 
and blue atoms are nitrogens. In the iron–sulfur cluster, yellow 
spheres are sulfides and rusty brown spheres are iron ions. 
Intact bovine mitochondria were dissolved in a solution of 
the detergent dodecyl b-:-maltopyrano-side, and quinol—
cytochrome-c reductase was purified from the resulting 
solution by chromatography. Stigmatellin and antimycin A are 
two inhibitors of the enzyme: stigmatellin binds tightly to the 
quinone site Qp on the positive, acidic side of the inner 
mitochondrial membrane, and antimycin A binds tightly to the 
quinone site Qn on the negative, basic side of the inner 
mitochondrial membrane. These two inhibitors were added to 
a solution of the enzyme, which was then crystallized with 
them occupying their respective sites. In this drawing50 of the 
prosthetic groups in the resulting crystallographic molecular 
model, the heme c is labeled c1, the Rieske [2Fe–2S] iron–sulfur 
cluster is labeled FeS, the heme b on the positive, acidic side of 
the membrane is labeled bp, the heme b on the negative, basic 
side of the membrane is labeled bn, stigmatellin is labeled Qp 
for the site it occupies, and antimycin A is labeled Qn for the 
site it occupies. The approximate position of the planar 
hydrophobic core of the membrane, which is about 3.6 nm in 
width, is indicated with the bar. The ability of the Rieske [2Fe–
2S] iron sulfur cluster to swing back and forth between heme c 
and quinone site Qp is indicated by the double arrows. In the 
crystallographic molecular model, however, the Rieske [2Fe–2S] 
iron sulfur cluster occupies a stationary position next to 
quinone site Qp. The distances between iron ions in the 
prosthetic groups are noted. 
 
 
 
 
 
certain circumstances, a low amount (0.01-0.1 mole 
fraction) of the radical anion of the semiquinone, 
however, can be detected after mixing quinol—
cytochrome-c reductase from R. capsulatus and 
ubiquinol,865 a fact that demonstrates its existence. 
The quinone (Equation 2-157) that is the product 
of the bifurcation dissociates from the binding site 
on the positive, acidic side of the membrane but 
remains as usual in solution in the bilayer. 
 The Rieske [2Fe-2S] iron–sulfur cluster is on a 
loosely tethered domain that can swing back and 
forth between the Qp binding site for quinones on a 
subunit on the positive, acidic side of the mem-
brane and the prosthetic heme c1 (Figure 2-32) 
bound to another subunit of quinol—cytochrome-c 
reductase, or the respective subunit of plastoquinol—
plastocyanin reductase containing heme f. Both of 
these hemes are hemes c, and both of them are also 
on the portion of the protein in the aqueous phase 
on the positive, acidic side of the membrane but 
quite distant (3 nm) from the site for reducing the 
quinol.843,862,866-870 The reduced Rieske [2Fe-2S] 
iron–sulfur cluster swings through the solution within 
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its domain from the binding site for quinones to the 
heme c1 or heme f of the respective enzyme,667,849,850 
its electron is transferred to the heme c (+230 mV)871 
in this subunit, and the oxidized Rieske [2Fe-2S] 
iron–sulfur cluster swings back to the binding site 
for quinones. The reduced heme c1 on the subunit 
of quinol—cytochrome-c reductase reduces the 
heme c in a molecule of the small electron-transfer-
ring coenzyme cytochrome c, or the reduced heme f 
on the subunit of plastoquinol—plastocyanin reduc-
tase reduces the copper ion (Figure 2-26D) in the 
small electron-transferring coenzyme plastocyanin. 
In either case, the heme c in the respective enzyme 
becomes oxidized as a result. The small electron-
transferring coenzymes dissociate and carry the 
electron away. While all these steps are occurring, 
the other electron, which had been transferred to 
the heme bp (-100 mV), transfers to the heme bn 
(+50 mV),575,872 which is across the enzyme, and 
hence across the membrane, on its negative, basic 
side. 
 A second quinol binds to the binding site for 
quinones on the positive, acidic side of the mem-
brane, and its two electrons are also bifurcated. 
The now adjacent, reoxidized Rieske [2Fe-2S] iron–
sulfur cluster again removes the first electron; two 
hydrons are released from the quinol into the 
aqueous phase on the positive, acidic side of the 
membrane; the radical anion of the quinone reori-
ents in the binding site; heme bp, reoxidized after 
transferring the first electron to heme bn with the 
significantly more positive biochemical standard 
reduction potential and adjacent to the portion of the 
site now occupied, removes the second electron 
from the second quinol; and the quinone dissociates 
from the binding site. At this point, both heme bp 
and heme bn are reduced. 
  Heme bn in quinol—cytochrome-c reductase 
is adjacent to the other binding site for quinones 
(Qn) on the enzyme (Figure 2-32), which is across 
the membrane exposed to the solution on its nega-
tive, basic side.862 In the case of plastoquinol—
plastocyanin reductase, however, the extra heme c 
in the enzyme, which is electronically coupled to its 
heme bn,873 sits between heme bn and the binding 
site Qn for plastoquinone, and one of the oxygens 
on the plastoquinone may actually occupy the sixth 
position on the iron ion in this additional heme c 
when it is bound to this site, permitting it to be 
reduced directly by that iron ion.874 The electron 
on the reduced heme bn (+50 mV)575 is transferred 
to a quinone in the binding site Qn (Figure 2-32),862,875 
either directly or through the heme c, respectively, 

and this transfer of an electron reduces the quinone 
to the radical anion. Under appropriate circum-
stances, a small concentration (0.05-0.25 mole 
fraction) of the semiquinone can be observed in the 
Qn binding site of quinol—cytochrome-c reductase 
from S. cerevisiae during its turnover.876-878 The 
electron on the reduced heme bp is transferred to 
heme bn, and this second electron on heme bn is 
transferred to the radical anion of the quinone as 
the radical anion of the quinone picks up two hydrons 
from the aqueous phase on the negative, basic side 
of the membrane to produce the quinol.872 The 
quinol is then released from its binding site on the 
negative, basic side of the membrane. 
 Under normal circumstances, the concentration 
of semiquinone in the Qn binding site is negligible. 
This observation suggests that the electrons reducing 
the quinone arrive one right after the other from 
two reduced hemes b. As noted above, quinol—
cytochrome-c reductase is a homodimer, which 
contains two hemes bp and two hemes bn, each pair 
symmetrically arrayed around the twofold axis of 
symmetry. The two hemes bp are as close to each 
other as a heme bp and a heme bn on the same 
subunit, and electrons can be transferred between 
the symmetrically arrayed hemes bp as readily879 as 
between a heme bp and a heme bn. This arrange-
ment may provide additional insurance that the 
ubiquinone at the Qn site is reduced by two almost 
simultaneously arriving electrons. 
 While all these reactions are occurring, the 
reduced Rieske [2Fe-2S] iron–sulfur cluster is swing-
ing in its domain from the quinone binding site on 
the positive, acidic side of the membrane to heme c 
in the heme c1 subunit or the heme f subunit, which 
it then reduces. That heme c in turn reduces another 
molecule of cytochrome c or plastocyanin, respec-
tively, which carries away the electron. 
 Consequently, the overall reaction catalyzed 
by the respective enzyme is 

           (2-176) 

where pos designates the positive, acidic side of the 
enzyme, neg designates the negative, basic side of 
the enzyme, the quinol is either ubiquinol or plasto-
quinol, the quinone is either ubiquinone or plasto-
quinone, and the acceptor is either cytochrome c or 

2 H+
neg  +  2 quinol  +  2 acceptorox,pos

+  quinoneneg  1  quinolneg  +

2 acceptorred,pos  +  2 quinone  +  4 H+
pos
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plastocyanin. The stoichiometry stated in this equa-
tion for the hydrons released and taken up on the 
two sides of the membrane agrees with the numbers 
measured directly, and this reaction seems to account 
for all the hydron movements catalyzed by this 
enzyme.880 The only purpose for the transfer of 
electrons from the quinol to cytochrome c or plasto-
cyanin down the gradient of standard reduction 
potential, which is formally transferring hydrons 
from the negative, basic side of the membrane to 
the positive, acidic side, is accomplished. The free 
energy available from oxidation of the quinol and 
reduction of cytochrome c or plastocyanin has been 
transformed into a chemical gradient of hydrons and 
an even more dominant electric potential, together 
comprising an electrochemical potential. The 
quinols and quinones, which are free solutes miscible 
in the hydrocarbon of the phospholipid bilayer, 
rapidly equilibrate across the membrane, with the 
caveat that neither the monoanionic nor the dian-
ionic conjugate bases of the respective quinols are 
able to equilibrate across the membrane at a rate 
that is of any consequence to the overall flux of 
reducing equivalents through the system. 
 The hydrons that appear on the positive, acidic 
side of the membrane are hydrons that were on the 
two oxygens of ubiquinols or plastoquinols that 
associated with the enzyme at a site on its positive, 
acidic side and were then oxidized; the enzyme did 
not transport these two hydrons across itself from 
the negative, basic side to the positive, acidic side 
of the membrane. The hydrons that disappear from 
the negative, basic side of the membrane are hy-
drons that were taken up by the two oxygens of 
ubiquinone or plastoquinone that associated with 
the enzyme at a site on its negative, basic side as it 
was reduced to the respective quinol; the enzyme 
did not transport these two hydrons across itself 
from the negative, basic side to the positive, acidic 
side of the membrane. Consequently, this strategy, 
which is the formal transport of hydrons, should 
be distinguished from the actual active transport of 
hydrons through the portion of the protein embedded 
in the membrane and spanning it. This distinction 
is a real one because two other enzymes in the elec-
tron transport chain in a mitochodrion perform the 
active transport of hydrons through the portion of 
the enzyme that spans the membrane. This active 
transport requires that there be a continuous path 
for these hydrons to follow from one side of the 
enzyme to the other and a physical mechanism to 
couple the favorable transfer of the electrons to the 
unfavorable transport of the hydrons, which is not 

the case for the formal transport of hydrons catalyzed 
by quinol—cytochrome-c reductase and plasto-
quinol—plastocyanin reductase. 
 The key to the mechanism of the Q-cycle is 
the bifurcation of the electrons from the quinol at 
the binding site for quinones on the positive, acidic 
side of the membrane; one is transferred to the 
Rieske [2Fe-2S] iron–sulfur cluster and the other to 
heme bp. If both electrons were to pass to the two 
hemes b, heme bp and heme bn, quinol would be-
come quinone on the positive, acidic side of the 
membrane, releasing two hydrons to the aqueous 
phase on that side, and quinone would become 
quinol on the negative, basic side of the mem-
brane, absorbing two hydrons from the aqueous 
phase on that side of the membrane. The stoichio-
metric reaction would only be the formal transfer of 
two hydrons from the negative, basic solution to the 
positive, acidic solution without any net oxidation–
reduction. Because the release of hydrons on the 
positive, acidic side and the absorption of hydrons 
from the negative, basic side that would occur in 
this formal transport of hydrons would be signifi-
cantly endergonic, given the established electro-
chemical gradient, the reaction would not occur in 
the direction written; rather, it would occur in the 
opposite direction, formally transporting hydrons 
from the more positive, acidic side of the mem-
brane to the more negative, basic side of the mem-
brane and dissipating the electrochemical gradient 
of hydrons. 
 Another real concern is the short circuit that 
would occur if the Rieske [2Fe-2S] iron–sulfur cluster 
were electronically coupled to heme c in the 
heme c1 subunit or heme f subunit while it was 
removing an electron from the quinol at the binding 
site on the positive, acidic side of the membrane. If 
it were, two electrons would be removed from the 
quinol instead of one, one ending up on heme c 
(+250 mV) and the other on the Rieske [2Fe-2S] 
iron–sulfur cluster (+300 mV), and they would be 
passed from there to cytochrome c or plastocyanin. 
This transfer of these two electrons would be 
dramatically exergonic (DEª¢ = 170-300 mV)881,882 and 
certain to occur, and it would defeat completely the 
strategy used by the enzyme to transfer hydrons 
formally from the negative, basic side of the mem-
brane to the positive, acidic side because there would 
be no electrons passing through the membrane to 
reduce the quinone on the negative, basic side of the 
enzyme. This damaging short circuit is prevented 
by the fact that the domain in which the Rieske 
[2Fe-2S] iron–sulfur cluster is located swings a 
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significant distance through the solution between 
the binding site for quinones on the positive, acidic 
side of the membrane and heme c in the heme c1 
subunit or heme f subunit. For example, in bovine 
quinol—cytochrome-c reductase, when the Rieske 
[2Fe-2S] iron–sulfur cluster is in position to receive 
the electron from the ubiquinol, it is 2.70 nm from 
the closest atom in the p molecular orbital system 
of the heme c (Figure 2-32), too great a distance for 
effective transfer of an electron. Furthermore, because 
the domain in which the Rieske [2Fe-2S] iron–
sulfur cluster is located is only loosely tethered to 
the rest of the protein, there is no path through the 
protein that an electron can follow between the 
iron–sulfur cluster and heme c. Consequently, at 
any instant, the Rieske [2Fe-2S] iron–sulfur cluster 
can only be electronically coupled to the quinol or 
the heme c, never to both at the same time. This 
mutual exclusion precludes the transfer of an electron 
rapidly and directly from the quinol through the 
Rieske [2Fe-2S] iron–sulfur cluster to the heme c1 
subunit or heme f subunit. 
 The fact that the quinone binding site on the 
positive, acidic side of the membrane is constructed 
in such a way that the quinol can be electronically 
coupled at a given instant only to the Rieske [2Fe-2S] 
iron–sulfur cluster or heme bp, and must reorient to 
pass between the two,863 prevents an electron from 
a reduced heme bp from being transferred to an 
oxidized Rieske [2Fe-2S] iron–sulfur cluster that 
has swung back after it has been oxidized by 
heme c, an unlikely event but one that would also 
short-circuit the overall reaction. 
 Nitrate reductase (quinone) spans the plasma 
membrane of E. coli and performs a reaction that 
also oxidizes a quinol to a quinone and formally 
transports two hydrons from the negative, basic 
cytoplasm to the positive, acidic extracytoplasmic 
solution. This reaction, however, is simpler than 
that catalyzed by quinol—cytochrome-c reductase 
because it does not require the bifurcation of two 
electrons. The enzyme oxidizes either menaquinol 
or ubiquinol to the respective quinone, transfers the 
electrons across the enzyme and hence the mem-
brane, and uses them to reduce nitrate to nitrite on 
the other side. The oxidation of the quinol occurs at 
a site on the extracytoplasmic side of the bacterial 
membrane and releases the two hydrons into the 
positive, acidic extracytoplasmic solution, just as does 
the oxidation catalyzed by quinol—cytochrome-c 
reductase. The reduction of the nitrate (NO3

-) and 
two hydrons to nitrite (NO2

-) and a molecule of water 
occurs at a site on the cytoplasmic side of the 

membrane, and the two hydrons that end up on the 
molecule of water are removed from the negative, 
basic, cytoplasmic, solution. The quinol is oxidized in 
two one-electron steps by a heme b on the enzyme 
near its extracytoplasmic surface, and each elec-
tron is first passed to a heme b in the membrane-
spanning portion of the enzyme near its cytoplasmic 
surface, just as they are in quinol—cytochrome-c 
reductase (Figure 2-32), but the two hemes b are 
only 1.7 nm apart. Each electron is then passed 
through a [3Fe-4S] iron–sulfur cluster and a chain 
of four [4Fe-4S] iron–sulfur clusters to its ultimate 
destination, a molybdopterin at which the nitrate is 
reduced to nitrite and a molecule of water.883 In this 
instance, the overall reaction, the formal reduction 
of nitrate to nitrite and the molecule of water by the 
quinol, provides the driving force for the formal 
transport of the hydrons against their electrochem-
ical gradient. In the absence of an electrochemical 
gradient of hydrons, this reduction would be signif-
icantly exergonic. 
 The reduction catalyzed by nitrate reductase 
(quinone) illustrates why quinol—cytochrome-c 
reductase cannot oxidize ubiquinol on the positive, 
acidic side of the enzyme, pass both electrons 
through a series of prosthetic groups across the 
membrane, and reduce a ubiquinone (rather than 
nitrate) on the negative, basic side of the enzyme 
because the reaction would be isoergonic in the 
absence of the electrochemical gradient of hydrons. 
Consequently, there would be no free energy available 
to transport the hydrons against their concentra-
tion gradient, and the reaction could only operate 
in reverse. 
 The ubiquinol that is the substrate for quinol—
cytochrome-c reductase in mitochondria and hetero-
trophic bacteria is produced from ubiquinone by a 
number of different enzymes embedded in the 
same membrane in which quinol—cytochrome-c 
reductase, ubiquinol, and ubiquinone are dissolved. 
This coembedment assures that the active sites for 
reduction of quinones and oxidation of quinols are 
dissolved in the same solution as their substrates.  
 Succinate dehydrogenase884,885 is a flavoenzyme 
that spans the mitochondrial inner membrane or 
bacterial plasma membrane.563 Succinate is oxidized 
to fumarate (+30 mV) at the prosthetic flavin 
(-80 mV)563,886 in the cytoplasmic portion of the 
enzyme. The two electrons are passed one at a time 
through three iron–sulfur clusters:887-889 a [2Fe-2S] 
iron–sulfur cluster (+10 mV), then a [4Fe-4S] 
iron–sulfur cluster (-180 mV), and then a [3Fe-4S] 
iron–sulfur cluster (+70 mV). The electrons are then 
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passed to a ubiquinone associated with an active 
site also on the cytoplasmic side of the membrane. 
This ubiquinone is reduced one electron at a time 
to ubiquinol (+100 mV), with ubisemiquinone as an 
intermediate. The only purpose of succinate dehy-
drogenase is to oxidize succinate to fumarate and 
transfer the electrons to ubiquinone to produce 
ubiquinol; no hydrons pass across the membrane, 
either formally or by active transport. The reason for 
this lack of hydron transport is that the difference 
in biochemical standard reduction potential be-
tween succinate and ubiquinol (-70 mV) is too 
small. If the ubiquinone were reduced in an active 
site on the extracytoplasmic side of the enzyme, the 
free energy in the electrochemical gradient would 
reverse the normal direction of the reaction. It 
seems that the main reason that the enzyme spans 
the membrane is to ensure access to the ubiqui-
none and the ubiquinol dissolved in the hydrocar-
bon. 
 Succinate dehydrogenase contains a heme b, 
which is not necessary for the enzymatic reaction.890 
Electrons cannot be transferred efficiently between 
the iron–sulfur clusters and this heme b when the 
binding site for ubiquinone is unoccupied, but they 
are rapidly transferred back and forth between the 
heme b and ubisemiquinone when the ubisemi-
quinone is in the site.891 It seems to be the case that 
the function of the heme b is to stabilize the 
ubisemiquinone by sharing its unpaired electron 
while it waits for the second electron. One of the 
two hemes b in nitrate reductase (quinone) from 
E. coli stabilizes the adjacent menasemiquinone 
that is an intermediate in the transfer of an electron 
performed by this enzyme.892 
 Under anaerobic conditions, fumarate reductase 
(quinol) is produced in bacteria.893-896 Fumarate 
reductase (quinol) is related to succinate dehydro-
genase (37% identity; 1.4 gap percent for E. coli). It 
catalyzes the same reaction as succinate dehydro-
genase through the same prosthetic groups, but 
anaerobiosis requires that it mostly reduce fumarate 
to succinate. Consequently, instead of the ubiqui-
none (+100 mV) used by succinate dehydrogenase, 
fumarate reductase (quinol) uses menaquinone 
(-60 mV) as its substrate. Because the biochemical 
standard reduction potential of the redox couple of 
fumarate and succinate is +30 mV, the reaction runs 
efficiently in one direction with succinate dehydro-
genase (ubiquinone) because succinate is enough 
of a reductant to reduce ubiquinone effectively, 
and it runs efficiently in the other direction with 

fumarate reductase (quinol) because fumarate is 
enough of an oxidant to oxidize menaquinone effec-
tively. Fumarate reductase (quinol) also does not 
transport hydrons across its membrane.897,898 
 As many as eight different flavoenzymes in the 
interior of a mitochondrion oxidize their respective 
nominal substrates and reduce the same general 
substrate, the flavin in electron-transferring flavo-
protein dissolved in the interior solution.899 The 
reduced flavin (-20 mV) in the electron-transferring 
flavoprotein is then reoxidized at the interior surface 
of the mitochondrial inner membrane by the mem-
brane-anchored enzyme electron-transferring-flavo-
protein dehydrogenase.899-901 During the oxidation 
of the reduced flavin in electron-transferring flavo-
protein, the two electrons are distributed singly,900 
one to the prosthetic flavin (+20 mV) in the enzyme, 
which becomes the semiquinone, and the other to 
the prosthetic [4Fe-4S] iron–sulfur cluster (+50 mV) 
in the enzyme.899,902 They are then passed one at a 
time to the ubiquinone bound in the active site for 
its reduction to produce ubiquinol. In this instance, 
both the active site at which the electron-transferring 
flavoprotein is oxidized and the site for the reduction 
of ubiquinone to ubiquinol are in the interior of the 
mitochondrion, so no hydron transport is involved 
in the transfer of the electrons. In fact, the enzyme 
does not even span the inner membrane of the mito-
chondrion but is only embedded in it by a hydro-
phobic portion of its surface. 
 The largest of the enzymes that reduce ubiqui-
none to ubiquinol in mitochondria and bacterial 
plasma membranes is NADH:ubiquinone reductase 
(H+-translocating),903-906 which dwarfs the mem-
brane that it spans. Reduced nicotinamide-adenine 
dinucleotide is oxidized by the flavin within the 
enzyme907 by hydride transfer, and the two electrons 
on the reduced flavin are then transferred one at a 
time through at least seven of the nine iron–sulfur 
clusters in the enzyme from T. thermophilus (Fig-
ure 2-33),651,908-910 two of which are [2Fe-2S] clusters 
and seven of which are [4Fe-4S] clusters.911,912 The 
[4Fe-4S] iron–sulfur cluster 2.05 nm off the main 
chain does not participate in electron transfer913 
and exists in only a few bacteria. Aside from the fact 
that this latter [4Fe-4S] iron–sulfur cluster is miss-
ing, the arrangements and orientations of the iron–
sulfur complexes in the NADH:ubiquinone reductases 
(H+-translocating) in the inner membranes of the 
mitochondria from animals are the same839 as 
their arrangements and orientations in the enzyme 
from T. thermophilus. 
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Figure 2-33: Disposition of flavin and nine iron–sulfur clusters, 
seven [4Fe–4S] and two [2Fe–2S], in the crystallographic mole-
cular model of a portion of NADH:ubiquinone reductase 
(H+-translocating) from T. thermophilus.651 Black atoms are 
carbons, red atoms are oxygens, and blue atoms are nitrogens. 
In the iron–sulfur clusters, yellow spheres are sulfides and rusty 
brown spheres are iron ions. Membranes from fragmented 
bacteria were dissolved in a solution of the detergent dodecyl 
b-:-maltopyranoside, and the hydrophilic portion of 
NADH:ubiquinone reductase (H+-trans-locating) was purified 
chromatographically.909 The protein was then crystallized. The 
drawing50 is of the flavin and the nine iron–sulfur clusters in 
the resulting crystallographic molecular model. The distances 
between the closest atoms in adjacent iron sulfur clusters are 
noted, as well as the distance from the closest atoms in the two 
closest iron sulfur clusters to the p molecular orbital system of 
the flavin. The midpoint potentials listed are those for 
NADH:ubiquinone reductase (H+-translocating) from C. livia 
within intact mitochondria.908,910 
 
 
 
 
 
 
 
 
 Six of the seven iron–sulfur clusters in the 
main chain for electron transfer890,908,910 have the 
same biochemical standard reduction potential 
(-250 mV)* and are used to span the distance 
(>10 nm) in steps of 0.8-1.4 nm between the site for 
oxidation of NADH and the site at which ubiqui-
none is reduced.561 The last iron–sulfur cluster 
(-20 mV) in the chain is a sink for the electron to 
pull it along this chain of iron–sulfur clusters. The 
flavin has a biochemical standard reduction poten-
tial of -340 mV, so the initial rise in potential be-
tween the flavin and the initial iron–sulfur cluster 
pushes the electrons forward through the chain. 
 Ubiquinone is reduced by two electrons on the 
negative, basic side of the membrane and picks up 
two hydrons from that solution. The NADH is oxidized 
to NAD+ and two electrons, also on the negative, 
basic side of the membrane, and releases one hydron 
into that solution. In addition to the resulting net 
of one hydron removed from the negative, basic 
solution, known as the scalar hydron, four addi-
tional hydrons from the negative, basic side of the 
membrane are transported to the positive, acidic 
side for every two electrons passed from NADH 
to ubiquinone.915 A strategy for formal transfer of 
 

                                                
*There are electrostatic interactions between the clusters in 
this region of the protein. The reduction of one cluster can 
lower the midpoint potentials of its neighbors.914 
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hydrons similar to the Q-cycle does not seem to 
be involved since all the prosthetic groups among 
which the electrons are transferred are located on 
the negative, basic side of the membrane outside 
the membrane-spanning portions of the protein, 
which contains no prosthetic groups of oxidation–
reduction.651,916-921 Consequently, these four hydrons 
are actively transported through the enzyme. 
 In mitochondria, the three reactions catalyzed 
by NADH:ubiquinone reductase (H+-translocating), 
succinate dehydrogenase, and electron-transfer-
ring-flavoprotein dehydrogenase, as well as several 
other oxidation–reductions, receive electrons from 
diverse sources, but each transfers the electrons to 
one of the quinones, in particular ubiquinone, to 
form ubiquinol. This common product passes the 
electrons derived from each of these enzymes to 
the central clearinghouse of quinol—cytochrome-c 
reductase. As the concentration of ubiquinone and 
ubiquinol in the mitochrondrial inner membrane is 
varied experimentally, the kinetics of electron 
transfer between either NADH:ubiquinone reductase 
(H+-translocating) or succinate dehydrogenase, 
acting as the donor, and quinol—cytochrome-c 
reductase, acting as the acceptor, are consistent 
with the following sequence of events. The ubiquinone 
bound to the donor receives the electrons. The result-
ing ubiquinol dissociates from the donor, diffuses 
at random within the mitochondrial membrane, 
collides with the acceptor, associates with the accep-
tor, and transfers the electrons to it.922-924 When 
ubiquinone is added back to mitochondria that 
have been depleted of endogenous ubiquinone, the 
behavior of the increase in electron transfer among 
these enzymes is also consistent with the postulate 
that each of them has access to the same mobile 
pool of ubiquinone and ubiquinol dissolved in the 
phospholipid bilayer of the membrane.925 
 The reduced cytochrome c produced by quinol—
cytochrome-c reductase in mitochondria and the 
plasma membranes of bacteria is reoxidized by 
cytochrome-c oxidase,926,927 an enzyme that spans 
the membrane and catalyzes the reaction928,929 

   
                (2-177) 

The electron from the ferrocytochrome c is first 
transferred746 to the dinuclear CuA cluster of copper 
ions (+240 mV) (Figure 2-26F), and from there to a  

heme a (+250 to +380 mV)930,931 with the imidazolyl 
groups of two histidines as axial ligands (heme a), 
and finally to a heme a (heme a3) with only one imid-
azolyl group from a histidine as a ligand. Heme a3 is 
immediately adjacent to an additional prosthetic 
copper ion coordinated by three imidazolyl groups 
from three histidines with their nitrogens in a planar 
trigonal array.673,746,932 The ultimate receptacle of the 
electrons is a molecule of oxygen bound between 
the iron of heme a3 and the copper ion and occupying 
simultaneously the vacant sites for ligands on each 
of them. The site to which the oxygen binds is on 
the negative, basic side of the membrane. Four of 
the eight hydrons taken up on this side, the scalar 
hydrons, end up on the two molecules of water. 
The other four hydrons are actively transported 
along a path through the portion of the enzyme 
that spans the membrane. 
 One of the two quinol oxidases933-935 

   
                (2-178) 

located in bacterial plasma membranes is closely 
related to cytochrome-c oxidase.936 In this quinol 
oxidase, however, a heme o937,938 replaces heme a3 
and a heme b939 replaces heme a of cytochrome-c 
oxidase. The prosthetic copper ion adjacent to 
heme o, in the active site where the oxygen is re-
duced, is still present, but the CuA copper cluster, 
which is the entry in cytochrome-c oxidase for the 
electron from cytochrome c, is missing. The enzyme 
has a site with high affinity for ubiquinol and ubiqui-
none940,941 where electrons are removed one at a 
time from ubiquinol and transferred to heme b, 
with a radical anion of ubisemiquinone as an inter-
mediate,942 and then to heme o. Again, reduction of 
oxygen consumes four hydrons from the negative, 
basic side of the membrane, but oxidation of two 
molecules of ubiquinol produces four hydrons on 
the positive, acidic side of the membrane, and conse-
quently the enzyme accomplishes the formal trans-
port of four hydrons. An additional four hydrons are 
transferred by active transport through the protein 
from the negative, basic side to the positive, acidic 
side of the membrane during the complete reaction 
catalyzed by the enzyme.943 
 The transfer of electrons between quinol—
cytochrome-c reductase and cytochrome-c oxidase 
is mediated by cytochrome c, each molecule of 
which accepts an electron from the reductase and 
donates that electron to the oxidase. Cytochrome c  

8 H+
neg +  4 ferrocytochrome cpos +  O2  1

                  2 H2O  +  4 ferricytochrome cpos  +  4 H+
pos

2 ubiquinol  +  O2  1  2 H2O  +  2 ubiquinone
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performs this transfer by accepting an electron 
from quinol—cytochrome-c reductase, dissociating 
from it, diffusing at random through the solution 
between the outer and inner mitochondrial mem-
branes until it collides with the site for its oxidation 
on cytochrome-c oxidase, associating with that site, 
and donating the electron. 
 At physiological ionic strength, cytochrome c 
binds tightly to the cytoplasmic surface of the inner 
mitochondrial membrane, presumably to quinol—
cytochrome-c reductase or cytochrome-c oxidase 
at a given instant. When cytochrome c is bound 
tightly to the mitochondrial membrane and then 
crosslinked to it, the protein to which it becomes 
covalently attached is cytochrome-c oxidase, not 
quinol—cytochrome-c reductase.944 A similar result is 
obtained when mixtures of cytochrome c and puri-
fied cytochrome-c oxidase are crosslinked.945 This 
observation is puzzling because a complex between 
cytochrome-c oxidase and cytochrome c has never 
been crystallized. 
 At low ionic strength, cytochrome c binds specif-
ically and with high affinity to the heme c1 subunit 
purified from quinol—cytochrome-c reductase, 
and there is a crystallographic molecular model of 
a specific complex between cytochrome c and the 
heme c1 subunit in an intact molecule of quinol—
cytochrome-c reductase from S. cerevisiae. In this 
complex, which forms at high concentrations of 
cytochrome c and quinol—cytochrome-c reductase 
at physiological ionic strength, the two hemes c 
from the respective proteins are only about 0.5 nm 
apart.946 In more dilute solution, however, the 
transfer of electrons between purified heme c1 subunit 
from bovine quinol—cytochrome-c reductase and 
cytochrome c is a purely bimolecular reaction at 
normal ionic strengths,947 and at physiological ionic 
strength, the dissociation constant of cytochrome c 
from the heme c1 in quinol—cytochrome-c reduc-
tase from R. capsulatus948 was greater than 0.5 mM. 
These facts are inconsistent with the existence of 
a strong, long-lived complex between these two 
proteins in mitochondria949 and suggest that, in a 
mitochondrion, cytochrome c may have to associate 
many times with quinol—cytochrome-c reductase 
before the electron is transferred.  
 The possibility that cytochrome c is bound to 
both proteins simultaneously has been roundly 
discounted. The crystallographic molecular model of 
the complex between cytochrome c and the heme c1 
subunit in quinol—cytochrome-c reductase946 places 
 
 

the cytochrome c in a location that makes it sterically 
impossible to bind simultaneously to any location 
on cytochrome-c oxidase, let alone the site thought 
to be its binding site on cytochrome-c oxidase.950 
Furthermore, there is a crystallographic molecular 
model of a large complex containing both cyto-
chrome-c oxidase and quinol—cytochrome-c re-
ductase that is thought to represent the state in 
which these enzymes exist in the mitochondrial 
membrane. In this complex, the exterior surface of 
cytochrome-c oxidase is so distant from the exteri-
or surface of quinol—cytochrome-c reductase that 
cytochrome c could not come close to bridging the 
gap,924 and cytochrome c must be added to the 
solution in which this complex is dissolved in order 
to observe electron transfer between the two en-
zymes.951 
 
 In the chromatophores of most photosynthetic 
bacteria, the ubiquinol oxidized to ubiquinone by 
quinol—cytochrome-c reductase is the product of 
reduction of ubiquinone by a photosynthetic reaction 
center, and the reduced cytochrome c or high-
potential [4Fe-4S] iron protein952-954 produced by 
quinol—cytochrome-c reductase is oxidized by a 
photosynthetic reaction center. A photosynthetic 
reaction center is a membrane-spanning enzyme 
that forces an electron to move from a donor of 
more positive standard reduction potential to an 
acceptor of more negative standard reduction poten-
tial by coupling that movement to the consumption 
of the energy in a photon of visible light. A photon of 
visible light or an exciton resulting from the absorption 
of a photon of light by prosthetic groups in antenna 
proteins and passed to the reaction center by elec-
tronic energy migration is absorbed to form the 
electronically excited state of a prosthetic group. 
The excited electron in this electronically excited 
state has a much more negative standard reduction 
potential than it did in the ground state. As a result, 
the excited electron can pass spontaneously to other 
prosthetic groups that have more positive standard 
reduction potentials than the electronically excited 
state. A photosynthetic reaction center can be 
viewed as a cage that encloses and positions an 
array of prosthetic groups that perform one-electron 
transfers. This array of prosthetic groups in the 
reaction center from the photosynthetic purple 
bacterium R. sphaeroides (Figure 2-34)955-957 describes 
the path taken by the excited electron. 
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Figure 2-34: Stereodrawing50 of the disposition of four bacterio-
chlorophylls a (BChla), two bacteriopheophytins a (BPha), two 
ubiquinones (QA and QB), and a prosthetic Fe2+ in the 
crystallographic molecular model of photosynthetic reaction 
center from the bacterium R. sphaeroides.955 The bacterio-
chlorophylls have magnesium ions in their centers, and the 
bacteriopheophytins are empty. The path of the electron is 
from the top of the figure downward. It begins in the 
electronically excited state of the special pair, which is the 
rotationally pseudosymmetric dimer of bacteriochlorophylls a 
at the top of the array. The local twofold rotational axis of 
pseudosymmetry within the reaction center itself runs verti-
cally through the Fe2+ and the center of the special pair. On 
each side of the array, right and left, a bacteriochlorophyll a 
bridges the space between the special pair and each of the 
symmetrically positioned bacteriopheophytins a, but the electron,  

under normal circumstances, transfers from the special pair 
through the bacteriochlorophyll a on the right side of the array 
in the drawing to the bacteriopheophytin a also on the right 
side. Below each of the bacteriopheophytins is an ubiquinone. 
The two ubiquinones are on opposite sides of the Fe2+. The 
electron is transferred from the bacteriopheophytin a on the 
right side of the array to the ubiquinone on the right side (QA) 
and from the ubiquinone on the right side to the ubiquinone 
on the left side (QB). The approximate position of the planar 
hydrophobic core of the membrane, which is about 3.6 nm in 
width, is indicated with the bar. The phytyl chains on most of 
the bacteriochlorophylls a and bacteriopheophytins a are not 
complete in the crystallographic molecular model, and the 
polyisoprenoid on one of the ubiquinones is incomplete also. 
The polyisoprenoid on the other ubiquinone was truncated in 
the drawing to save space. 
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 The central prosthetic group in a photosyn-
thetic reaction center in the chromatophore of a 
photosynthetic purple bacterium is the special pair 
formed from two958 bacteriochlorophylls (Figure 
2-35).959,960 Two of the pyrrolyl groups, one from 
each bacteriochlorophyll, are stacked against each 
other. The two bacteriochlorophylls* of the special 
pair are arrayed about a twofold rotational axis of 
pseudosymmetry that runs between the two stacked 
pyrrolyl groups and is horizontal in the drawing of 
Figure 2-35. The stacking of the pyrrolyl groups, the 
resulting overlap of their two aromatic p molecular 
orbital systems, and the relative orientation of the 
transition dipoles of the two bacteriochlorophylls 
that is produced by the juxtaposition shifts the absorp-
tion of light by the pair of bacteriochlorophylls to 
longer wavelengths (800-1000 nm) than that of a 
lone bacteriochlorophyll (765–785 nm). This shift in 
the absorption to lower energy permits the special 
pair to be a much more efficient sink for the exciton 
that is transferred to it from the prosthetic groups 
in the light-harvesting antennae, which absorb 
light of shorter wavelengths and higher energy. 
 The twofold rotational axis of pseudosymmetry 
that produces the overlap in the special pair in a 
photosynthetic purple bacterium exists because 
two of the three subunits961 of the reaction center, 
subunits L and M, are homologous in sequence 
(30% identity; 2 gap percent),962 superposable on 
each other’s native structure,963 span the membrane, 
and necessarily are arrayed around a twofold rota-
tional axis of pseudosymmetry normal to the plane 
of the membrane.964 This rotational axis of pseudo-
symmetry within the protein relates the two bacterio-
chlorophylls of the special pair. Because these two 
subunits in the protein arose from the same common 
ancestor, the first oligomer containing a reaction 
center must have been an a2 dimer of identical 
membrane-spanning subunits that coincidentally 
brought the two bacteriochlorophylls together in 
the proper orientation to display the unique properties 
of a special pair. In fact, in the crystallographic molec-
ular model of one bacterial reaction center, that 
from Heliobacterium modesticaldum, the structures 
of the two subunits that surround the prosthetic 
groups are superposable respectively on the L and 
M subunits of the other bacterial reaction centers, 
but both of these two subunits in this reaction cen-
ter are identical in their sequence of amino acids 

                                                
*Blastochloris viridis contains bacteriochlorophylls b and bacterio-
pheophytins b, while R. sphaeroides and T. tepidum contain 
bacteriochlorophylls a and bacteriopheophytins a. 

and are arrayed around a perfect, crystallographic 
twofold rotational axis of symmetry.965 
 At the same time that the primordial dimeriza-
tion occurred, each of the identical subunits also 
brought along one copy of each of the remaining 
prosthetic groups necessary for the reaction cata-
lyzed by the enzyme: a second bacteriochlorophyll 
and a bacteriopheophytin. Each subunit also con-
tributed a binding site for ubiquinone or menaqui-
none. Consequently, in a reaction center, each of 
these features is duplicated around the twofold 
rotational axis of pseudosymmetry (Figure 2-34). 
 Crystallographic molecular models from data 
sets with short Bragg spacing are available for the 
photosynthetic reaction centers from the purple 
bacteria Blastochloris viridis,959,960 R. sphaeroides 
(Figure 2-34), 956,957 and Thermochromatium tepi-
dum,966 which closely resemble each other.967 The 
special pair in the photosynthetic reaction center 
from R. sphaeroides absorbs light of wavelength 
865 nm, where photons have energies of 138 kJ mol-1 
(equivalent to a difference in reduction potential 
of -1430 mV), while the special pair in the reaction 
center from B. viridis absorbs light of wavelength 
960 nm,968 where photons have energies of 
124 kJ mol-1 (equivalent to a difference in reduc-
tion potential of -1290 mV). The reaction centers 
from B. viridis and R. sphaeroides accept electrons 
from a cytochrome c and the reaction center from 
T. tepidum accepts electrons from a high-potential 
iron–sulfur protein, but most photosynthetic bacteria 
use a high-potential iron–sulfur protein as the electron 
donor.969 
 Either the absorption of an exciton transferred 
from an antenna protein by electronic energy migra-
tion or the absorption of light within the reaction 
center itself in a photosynthetic purple bacterium 
produces an electronically excited state. There are 
several ways for a photon of light to be absorbed 
within a reaction center that has been purified and 
lacks its antenna.970 Although it can be absorbed 
directly by the special pair, light can also be ab-
sorbed by either of the two bacteriochlorophylls 
that are adjacent to the special pair and symmetrically 
positioned around the axis of pseudosymmetry 
(Figure 2-34). Regardless, however, of where the light 
is absorbed by the purified reaction center, the 
immediate (t" < 200 fs) result is the same electroni-
cally excited state of the special pair in which one 
electron has been transferred from the highest oc-
cupied p molecular orbital of the special pair in its   
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Figure 2-35: Stereodrawing50 of the special pair of bacteriochloro-
phylls b in the crystallographic molecular model of the 
photosynthetic reaction center from B. viridis.960 Black atoms 
are carbons, white atoms are oxygens, small gray atoms are 
nitrogens, and small dark gray spheres are magnesium ions. 
The two bacteriochlorophylls b of the special pair are held in 
orientations displayed symmetrically about the twofold 
rotational axis of pseudo-symmetry of the protein itself. The 
rotational axis runs horizontally in the plane of the page 
between the two bacteriochlorophylls b and causes them to 
overlap at the same pyrrole from each. The tetraisoprenoid phytyl 
groups attached in ester linkage to the 3-(2-carboxyethyl) 
groups at the carbons 17 of each of the bacteriochlorophylls a 
(R6 in 2-54) were not drawn beyond their first two carbons. 
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ground state to its lowest unoccupied p molecular 
orbital. Crystallographic molecular models of the 
special pair in the active site of the reaction center 
from B. viridis in the first 5 ps indicate that, in the 
initial excited state, the two bacteriochlorophylls 
move even closer together as they share the excited 
electron.971 From here on, unless otherwise noted, 
the fate of this one electron, now alone in the highest 
occupied p molecular orbital in the electronically 
excited state of the reaction center of R. sphaeroides, 
will be followed. 
 Normally, after the immediate electronic relaxa-
tion of the excited state (t" = 0.12 ps),972 the electron 
in the electronically excited state of the special pair 
would return within several nanoseconds to the 
p molecular orbital of lower energy from which it 
came and that now contains only one electron, and 
this process would emit a quantum of light of longer 
wavelength (920 nm) as fluorescence. In fact, a short 
time after the absorption of the photon, such fluores-
cence emission can be observed from a population 
of electronically excited reaction centers, but it decays 
rapidly (200 ns-1; t" = 4 ps).972,973 
 The quenching of this fluorescence is due to 
the transfer of the excited electron from the special 
pair to the lowest unoccupied p molecular orbital 
on one of the bacteriopheophytins (Figure 2-34) in 
the enzyme.973 This transfer is favorable because 
the excited electron in the special pair has become 
a much stronger reductant than it was when it was 
in the ground state. After the immediate, automatic 
relaxation of the electronically excited state, the 
biochemical standard reduction potential of the 
special pair has experienced, relative to the ground 
state, a decrease equivalent to the energy in a 
quantum of light of a wavelength equal to that of its 
fluorescent emission (920 nm; DEª¢ = -1350 mV). 
 The transfer of the electron to the bacteriopheo-
phytin creates a radical anion on the bacteriopheo-
phytin (Equation 2-156) and leaves a radical cation 
behind on the special pair.974 As soon as the excited 
electron is passed to the bacteriopheophytin, the 
p molecular orbital that it occupied on the special 
pair is no longer occupied but has become the low-
est unoccupied p molecular orbital of the special 
pair. The special pair is now no longer electronically 
excited because the excited electron has left, and 
the radical cation of the special pair is in its 
ground state. 
 Because a bacteriochlorophyll, not involved in 
the special pair, lies between the special pair and 
the bacteriopheophytin (Figure 2-34), it is assumed 
that transfer of the electron occurs through the 

bacteriochlorophyll.973 There is spectroscopic 
evidence for the transfer of the electron through 
this bacteriochlorophyll,972 and when the bacterio-
pheophytin is replaced with pheophytin a, which 
has a more negative biochemical standard reduction 
potential, the electron can be trapped on the bacterio-
chlorophyll before it returns to the ground state of 
the special pair (2 ns-1; t" = 430 ps).975 Under normal 
circumstances, however, the electron passes through 
this bacteriochlorophyll to the bacteriopheophytin 
so rapidly (kin = 100 ns-1, t" = 7 ps; kout = 200 ns-1, 
t" = 4 ps)970,972 that it does not reside detectably on 
the bacteriochlorophyll.976,977 
 In the ground state as opposed to the electron-
ically excited state, the equation for the transfer of 
an electron from the special pair to this adjacent 
bacteriochlorophyll would be 

    
                      (2-179) 

In the ground state, the half-reaction of this overall 
oxidation–reduction that occurs at the bacterio-
chlorophylls in the special pair would be 

            (2-180) 

and the half-reaction that occurs at the adjacent 
bacteriochlorophyll (BChl) would be 

                (2-181) 

As is normally the case for the formation of a radical 
cation of one molecule and the formation of a radical 
anion of the same molecule or another, similar mole-
cule, in the ground state, the biochemical standard 
reduction potential for Equation 2-180 is much 
more positive than that for Equation 2-181 
(DEª¢ = +1290 mV)972 because it involves separation 
of charge and unpairing of electrons. It follows that, in 
the ground state, an electron cannot be transferred 
from a bacteriochlorophyll in the special pair to the 
adjacent bacteriochlorophyll, but the biochemical 
standard reduction potential for Equation 2-180 is 
decreased by -1350 mV upon the formation of the 
relaxed electronically excited state. This decrease in 
the standard reduction potential causes the transfer 
of the electron to the adjacent bacteriochlorophyll 
on its way to the bacteriopheophytin to become fa-
vorable. 

BChl·BChl  +  BChl  1  BChl·BChl·+  +  BChl·–

BChl·BChl·+  +  e–  1  BChl·BChl

BChl  +  e–  1  BChl·–
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 When either Histidine L173 or Histidine M202 
in the enzyme is mutated to a leucine, one or the 
other of the bacteriochlorophylls in the special pair 
loses its magnesium ion; and, as a result, the rate at 
which the electron is transferred to the bacteriopheo-
phytin is decreased, the lifetime of the electronically 
excited state is decreased, and the quantum yield of 
the transfer of the excited electron to the bacterio-
pheophytin decreases from nearly 1.0 in the native 
enzyme to about 0.5 in the mutant.978,979 
 As a result of the primordial dimerization that 
created the special pair, each dimeric reaction center 
originally contained two identical paths for electron 
transfer. When the gene duplicated and the two 
subunits began to evolve independently, one of the 
two paths was shut down. Under normal circum-
stances, the transfer of the excited electron occurs 
between the special pair and only the bacteriochloro-
phyll and its adjacent bacteriopheophytin in the 
L subunit of the enzyme (on the right side of Fig-
ure 2-34). It has been proposed that, at least in part, 
this preference is due to the hydroxy group of a 
tyrosine that is oriented so that the positive pole of 
its dipole is directed toward the bacteriochlorophyll 
in the L subunit, which would make it the more effec-
tive oxidant. The orientation of this dipole stabilizes 
the radical anion on this particular bacteriochloro-
phyll (Equation 2-181).980 The same position in the 
sequence of amino acids for the homologous subunit 
is occupied by a phenylalanine. When the identity 
of these amino acids is switched by site-directed 
mutation, a portion of the electron transfer is diverted 
artifactually into the opposite bacteriopheophytin 
on the M subunit.981 
 If the excited electron can be delocalized to the 
bacteriopheophytin in the first place, it must be 
able to return to the highest occupied p  molecular 
orbital in the ground state of the radical cation of 
the special pair that is now occupied by an unpaired 
electron. If its transfer beyond the bacteriopheo-
phytin is blocked by reducing the ultimate acceptor 
of the electron,974 the trapped electron eventually 
returns to this highest occupied p molecular orbital 
in the ground state of the radical cation of the special 
pair, which is at a much lower energy than the 
highest occupied p molecular orbital on the radical 
anion of the bacteriopheophytin that it now occupies. 
Were it to return to the special pair, the energy of 
the electronically excited state would be dissipated 
inconsequentially as heat and fluorescence. The 
rate of decay of the electronically excited state under 
these circumstances (70 ms-1; t" = 10 ns in B. viridis 

and 50 ms-1; t" = 14 ns in R. sphaeroides)974,982 is 
less than it would have been if all the excited elec-
tron density had remained in the highest occupied 
p molecular orbital on the excited special pair rather 
than spreading between the two locations. This 
decrease in rate is due to the fact that the biochemical 
standard reduction potential of the electron on the 
bacteriopheophytin b is about +70 mV more positive 
than in the relaxed electronically excited state of 
the special pair,972 and this difference in biochemical 
standard reduction potential causes most of the 
electron density to reside on the bacteriopheophytin 
at equilibrium. 
 Under normal circumstances, the electron that 
is now on the bacteriopheophytin transfers from 
the bacteriopheophytin to the quinone (QA) bound 
in the A site adjacent to the bacteriopheophytin at 
a rate (5 ns-1; t" = 150 ps)982 that is significantly 
more rapid that the rate at which it would return to 
the ground state of the radical cation of the special 
pair. The product of this next transfer is the radical 
anion of the semiquinone. In the reaction center 
from B. viridis, this quinone is menaquinone, while 
in the reaction center from R. sphaeroides (Figure 
2-34), it is ubiquinone, and each of these respective 
quinones is bound tightly to the A site as a prosthetic 
group. A crystallographic molecular model of the 
reaction center from B. viridis 300 ps after the absorp-
tion of a photon indicates that, upon the arrival of 
the electron, the now radical anion in the A site 
moves much closer to the closest imidazolyl group 
that is a ligand to the iron ion.971 
 At this point, the excited electron located in 
the semiquinone radical anion of the semiquinone 
is a good distance (Figure 2-34) from the hole in the 
highest occupied p molecular orbital in the radical 
cation of the special pair where it was located before 
the excitation. Because the biochemical standard 
reduction potential of the radical anion of the semi-
quinone is +750 mV more positive than the relaxed 
electronically excited state of the special pair (Figure 
2-36),968,982 the electron has also lost a significant 
amount of its original energy. In exchange for this 
expenditure of -72 kJ mol-1 of free energy associated 
with this increase in standard reduction potential 
(Figure 2-36), the electron has gained time. The 
observed rate constant982-984 for the reaction 

                  (2-182) 

is 8 s-1 (t" = 90 ms). This rate constant is considerably 
smaller than the rate constant for the return of the  

P·+BPhQA
·–  1  PBPhQA
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Figure 2-36: Energy diagram for the path of the electron in 
bacterial photosynthesis.968,982 The four successive prosthetic 
groups on the path of the electron (Figure 2-34) are the special 
pair (P), the bacteriopheophytin (BPh), the tightly bound qui-
none (QA), and the loosely bound quinone (QB). The instan-
taneously populated electronically excited state of the special 
pair is indicated by P*0; the vibrationally relaxed electronically 
excited state of the special pair is indicated by P*; its radical 
cation is indicated by P· +; and the successive radical anions 
are indicated by BPh· -, QA

· -, and QB
· -. The energy levels and 

rate constants are those for the reaction center from R. sphae-
roides. The energy levels of the various steps relative to the 
ground state are presented in kilojoules mole-1. The rate 
constants for transfer of the electron between the various steps 
are k0 = 6000 ns-1 (t" = 0.12 ps); k1 = 200 ns-1 (t" = 4 ps); k2 = 5 ns-1 
(t" = 150 ps); and k3 = 5 ¥ 103 s-1 (t" = 140 ms). Before the elec-
tron has time to move from quinone A to quinone B, an 
electron from the cytochrome c2 in intact cells of R. sphae-
roides would normally fill the hole in P· +. 
 
 
 
 
 
 
 
 
 
 
 
 

electron from the radical anion of the bacteriopheo-
phytin to the radical cation of the special pair 
(5 ¥ 107 s-1; t" = 14 ns). This difference in rate 
constants is a measure of the time gained by the 
electron by the expediture of the free energy origi-
nally in the electronically excited state. The rate 
constant for return of the electron to the radical 
cation of the special pair from the radical anion of 
the semiquinone (Equation 2-182), however, is still 
too large to provide sufficient time for the energy to 
be trapped efficiently. To overcome this dilemma, a 
second strategy is employed. 
 Long after the electron has been transferred from 
the bacteriopheophytin to the quinone (1-30 ms), 
the hole in the highest occupied p molecular orbital 
of the radical cation of the special pair, left behind 
by the departed excited electron and to which it 
might return, is filled by an electron from a heme c 
on a cytochrome c or the electron from a [4Fe-4S] 
iron–sulfur cluster on a reduced high-potential 
iron–sulfur protein. The enzyme from B. viridis binds 
its cytochrome c so tightly that it is purified with 
the enzyme and is present in the crystallographic 
molecular model (Figure 2-37).959 The cytochrome c2 
from R. sphaeroides binds to its reaction center less 
strongly (Kd = 0.34 mM)985 and under normal circum-
stances transfers its electron to the reaction center in 
a bimolecular reaction, (k = 1 ¥ 108 M-1 s-1),986 and 
the cytochrome c2 from R. capsulatus at physiological 
ionic strength does not show any tendency to associ-
ate with its reaction center and transfers its electron 
to the reaction center in a bimolecular reaction with 
a similar rate constant (7 ¥ 107 M-1 s-1).987 
 Cells of R. capsulatus, in addition to the water-
soluble cytochrome c2, also contain a cytochrome c 
that is anchored in their plasma membranes. This 
cytochrome c diffuses over the surface of the mem-
brane to provide electrons to the reaction cen-
ters.988,989 In other photosynthetic bacteria, only 
cytochromes c that are anchored in the membrane 
and diffuse over its surface can provide electrons 
to the reaction center.990 The cytochrome c in 
R. sulfidophilum, which is anchored in the membrane 
by an extension at its amino terminus and provides 
an electron to its reaction center, is homologous in 
sequence with the water-soluble cytochrome c2 found 
in its cytoplasm (50% identity; 0.6 gap percent), so 
both are descended from a common ancestor.991 
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Figure 2-37: Stereodrawing50 of the special pair of bacterio-
chlorophylls b and four hemes c in the tightly bound cyto-
chrome c found in the crystallographic molecular model of the 
reaction center from B. viridis.960 The cytochrome c that pro-
vides the electron to the radical cation of the special pair co-
purifies and cocrystallizes with the reaction center from B. viridis 
and is bound to it in the resulting crystallographic molecular 
model. The four hemes c of the cytochrome c are to the top of  

the drawing, and the special pair is at the bottom. The distance 
from the iron ion of the nearest heme c to the nearest carbon 
atom (carbon 9) within the aromatic p molecular orbital sys-
tem of one of the chlorophylls b in the special pair is 1.75 nm 
(arrow in the drawing), but the nearest carbon of the double 
bond of the ethylidene group at position 8 of that chlorophyll b 
(R3 in 2-54), which is conjugated to the aromatic p molecular 
orbital system, is only 1.51 nm away from that iron ion. 
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 In intact cells of photosynthetic bacteria, the 
rate constant for the respective transfer of the 
electron between the reduced heme c on the partic-
ular indigenous cytochrome c and the hole in the 
special pair of the reaction center varies from 
1.4 ms-1 (t" = 0.5 ms) to 0.03 ms-1 (t" = 25 ms),992 which 
is more than 3000-fold greater than the rate constant 
for transfer of the electron from the respective radical 
anion of the semiquinone back to the special pair. 
 After the excited electron has departed from it, 
the radical cation of the special pair (Equation 
2-180), which is now in the ground state, is a strong 
oxidant that readily removes the electron from the 
reduced cytochrome c. Because this is a reaction 
that proceeds with a negative change of free energy 
(DEª¢ = 200 mV; DGª = -19 kJ mol-1), the concentra-
tion of the species P· +BPhQA

· - is decreased by the 
amount of PBPhQA

· - that is consequently formed 

    
                (2-183) 

Because so little P· +BPhQA
· - is present at any instant, 

the rate constant for the return of the electron from 
the radical anion of the semiquinone to the special 
pair (Equation 2-182) is decreased significantly. 
 The transfer of the electron from the cyto-
chrome c, or the high-potential iron–sulfur protein, 
to the hole in the special pair makes the overall 
reaction catalyzed by a photosynthetic reaction 
center in a purple bacterium upon the absorption 
of one photon 

      
                (2-184) 

The electron is transferred from a donor of more 
positive biochemical standard reduction potential, 
the cytochrome c, to an acceptor of more negative 
biochemical standard reduction potential, the qui-
none bound at the A site, and the energy of the 
photon is used to drive the transfer. At this point, 
the system is still at a higher energy than the 
ground state, and it is capable of returning, albeit 
slowly, to the ground state. This return is prevented 
and the energy is conserved because the electron,  
 

at the moment on the radical anion of the semiqui-
none, subsequently dissociates entirely from the 
reaction center before the energy can be dissipated. 
 In a reaction center under normal circum-
stances, in addition to the quinone QA tightly bound 
as a prosthetic group on the A site (Figure 2-34), 
which receives the electron directly from the bacterio-
pheophytin immediately adjacent to it, there is a 
second quinone,993 usually ubiquinone, even in 
B. viridis.994 This ubiquinone (QB) is a loosely bound 
electron-transferring coenzyme at the B site, and 
under normal circumstances, it is freely exchanging 
with the pool of ubiquinone in the membrane. The 
B site at which the coenzymatic ubiquinone is located 
is related by the twofold rotational axis of pseudo-
symmetry of the LM dimer to the A site at which 
the prosthetic ubiquinone is found in the crystallo-
graphic molecular model of the reaction center 
from R. sphaeroides (Figure 2-34). The two quinones 
in a given reaction center are pseudosymmetrically 
displayed around a Fe2+ that sits upon the twofold 
rotational axis of pseudosymmetry. The electron is 
transferred from the radical anion of the semiqui-
none at site A to the ubiquinone at site B with a rate 
constant995 of 5 ms-1 (t" = 140 ms).  
 The role of the iron ion in this transfer of the 
electron is unclear. Although reaction centers depleted 
of iron, either directly or by mutation of one of its 
ligands, display slower rates of electron transfer 
between quinone A and quinone B, 979,996 if the iron is 
replaced by other divalent cations, even ones incapa-
ble of participating in electron transfer, the rates of 
transfer are essentially the same as those of a native 
reaction center.997 
 Because of a difference in the amino acids that 
surround the quinones and their orientations in the 
two sites, quinone B has a more positive biochemical 
standard reduction potential than the prosthetic 
quinone in site A so that the equilibrium constant 
for the reaction 

                           (2-185) 

is 15.983,998 Consequently, under usual conditions 
of illumination the first electron ends up on qui-
none B as a radical anion of the semiquinone, 
which remains tightly bound to the reaction center 
until the arrival of a second electron. 
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 The second electron arrives, as did the first, 
from an electronically excited state of the same 
special pair, which was regenerated upon the 
transfer of an electron from the cytochrome c. After it 
is regenerated with the electron from cytochrome c, 
the special pair can absorb the energy of a second 
photon or exciton to generate a new electronically 
excited state that passes its electron as before to the 
quinone in site A, and this transfer forms the radical 
anion of the semiquinone QA

· - next to the radical 
anion of the semiquinone QB

· - in site B. The radical 
anion of the semiquinone in site B is hydronated 
rapidly on one of its oxygens as the second electron 
is transferred from QA

· - to QB
· - to form the ubiqui-

nolate monoanion QBH-, so the product of the 
coupled hydron and electron transfers following 
the arrival of the second electron is QAQBH-.999 
Site-directed mutation of Serine 223,984,1000 Aspar-
tate 213,1001 or Aspartate 2101002 in the L subunit of 
the reaction center from R. sphaeroides dramatically 
decreases the rate at which the second electron can 
be transferred from QA

· - to QB
· - by decreasing the 

rate at which QB
· - is hydronated. These results are 

consistent with the conclusion that hydronation of 
the radical anion of the semiquinone in site B must 
be concerted with the transfer of the electron to it 
from the radical anion of the semiquinone in site A. 
 If a solution of reaction centers is exposed to a 
saturating flash of light, the absorption spectrum of 
the radical anion of the semiquinone in site B appears, 
which remains stable in amplitude over 5 s. When a 
second saturating flash is administered, the absorp-
tion of this radical anion of the semiquinone disap-
pears because the second electron has arrived at 
site B from the excited special pair and has produced 
the ubiquinolate monoanion QBH-. If a third satu-
rating flash is administered, however, the absorption 
of the radical anion of the semiquinone at site B 
reappears.1003,1004 This last observation means that 
the ubiquinolate monoanion formed in the second 
flash has been replaced by ubiquinone or the third 
electron could not have been received. Because the 
radical anion of the semiquinone was bound stably 
at the instant of the second flash, the replacement 
must occur only after the ubiquinolate anion is 
formed. 
 Site-directed mutation of Glutamate 2121005 in 
the L subunit of the reaction center from R. sphae-
roides does not interfere with the transfer of the first 
hydron to the radical anion of semiquinone QB

· - but 
does interfere with the transfer of the second hydron,  
 
 

the one that hydronates the ubiquinolate monoanion 
QBH- at site B. Because the side chain of this amino 
acid is an acid–base in site B in the crystallographic 
molecular model,984 this result suggests that the 
ubiquinolate anion is hydronated by the enzyme 
before it is released from site B. This acid–base and 
Aspartate 210, Aspartate 213, and Serine 223 from the 
L subunit are thought to be responsible for ensuring 
that the two hydrons are efficiently provided and 
that they are derived from the aqueous solution on 
the negative, basic side of the membrane. Together 
they form a chain of acid–bases connected by hydro-
gen bonds that shuttle hydrons from the aqueous 
solution on the negative, basic side of the membrane 
to the two oxygens of the radical anion of the semi-
quinone or the ubiquinolate monoanion bound 
loosely as a coenzyme at site B. 
 The complete reaction catalyzed by a photo-
synthetic reaction center in a bacterial chromato-
phore upon absorption of the energy of two photons 

    
                (2-186) 

where the acceptor is either a cytochrome c or a 
high-potential iron–sulfur protein. This equation is 
the sum of all the steps that have been described. 
 The energy in each photon of light that has 
been absorbed by a photosynthetic reaction center 
has been divided among three purposes. Part of it 
has been used to gain time and prevent the decay 
of the electronically excited state that would occur 
if the electron were permitted to return to the hole 
in the special pair. Part of it has been used to move 
an electron from a cytochrome c (+370 mV for 
R. sphaeroides) to ubiquinone, an acceptor of more 
negative biochemical standard reduction potential 
(+100 mV). And part of it has been used to remove 
two hydrons from the negative, basic side of the 
membrane. 
 
 Bacterial photosynthesis is a cyclic process. A 
reaction center in the chromatophore of a photo-
synthetic bacterium uses a photon of light to reduce 
ubiquinone and two hydrons to ubiquinol. The two 
hydrons come from the negative, basic solution on 
the exterior of the chromatophore and are trans-
ferred from that solution during the neutralizations  
  

2 acceptorred,pos + quinone + 2 h   + 2 H+
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of the radical anion of the semiquinone and the 
ubiquinolate monoanion QBH-. While it is reducing 
the ubiquinone with two successive electrons excited 
from the highest occupied molecular orbital of the 
special pair, the reaction center is oxidizing two 
cytochromes c or two high-potential iron–sulfur 
proteins dissolved in the positive, acidic solution 
on the interior of the chromatophore, which provide 
two electrons consecutively to the successive holes 
in the highest occupied molecular orbital in the 
special pair, which is situated on that side of the 
membrane (Figure 2-34). The ubiquinol produced 
at the negative, basic surface of the membrane 
then dissociates from site B on the reaction center 
and diffuses across the membrane to the Qp site on 
quinol—cytochrome-c reductase on the positive, 
acidic side at which it is oxidized (Figure 2-32). 
When the ubiquinol is oxidized by quinol—
cytochrome-c reductase at the Qp site, it releases 
two hydrons to the positive, acidic side of the 
membrane. The two cytochromes c or two high-
potential iron–sulfur proteins that dissociate in 
turn from the reaction center into the solution on the 
positive, acidic side diffuse through that solution988 
to the location on the heme c1 subunit of quinol—
cytochrome-c reductase at which they are reduced 
during the Q-cycle. The ubiquinones dissociate 
from the quinol—cytochrome-c reductase and diffuse 
across the membrane to be reduced by the reaction 
center, and the two reduced cytochromes c or the 
two reduced high-potential iron–sulfur proteins 
diffuse back to the reaction center to be oxidized. 
 The net result of this cyclic process (the sum of 
Equation 2-176 and Equation 2-186, realizing that 
quinones also migrate back and forth across the 
membrane) is that four hydrons are formally transpor-
ted from the negative, basic solution on the exterior 
of the chromatophore to the positive, acidic solution 
on the interior of the chromatophore, against a sig-
nificant electrochemical gradient of hydrons. The 
energy to perform the work of this formal transport 
of four hydrons is the energy in two photons of 
light.1006 These photons may be absorbed consecu-
tively by the reaction center itself, or more often, 
two photons of light are absorbed in an antenna 
and transferred to the special pair in the reaction 
center. 
 In the absence of the usual electron-transferring 
coenzyme, either cytochrome c or high-potential 
iron–sulfur protein, the heme c1 on quinol—cyto-
chrome-c reductase can itself provide an electron  
 

to the hole in the special pair during collisions 
within the membrane between the reaction center 
and heme c1 on quinol—cytochrome-c reductase,1007 
but this process is not so effective as the transfer of 
the electron by the appropriate electron-transferring 
coenzyme. 
 
 In the chloroplasts of plants and in the mem-
branes of cyanobacteria, photosynthesis is catalyzed 
by photosystem II and photosystem I. The plasto-
quinol oxidized by the central enzyme in the process, 
plastoquinol—plastocyanin reductase, is the product 
of reduction of plastoquinone at the quinol B site 
by excited electrons in the reaction center of photo-
system II, and the reduced plastocyanin produced 
by plastoquinol—plastocyanin reductase is oxidized 
by providing electrons to the radical cation of the 
special pair in photosystem I. The core of both 
photosystem II1008-1013 and photosystem I1014-1017 is 
a photosynthetic reaction center. These two respective 
reactions centers are descendants of the reaction 
centers of photosynthetic bacteria. Their prosthetic 
groups are also positioned around a twofold rota-
tional axis of pseudosymmetry, and that rotational 
axis of pseudosymmetry creates a special pair. Photo-
system II has a special pair formed from two chloro-
phylls a; in addition, two chlorophylls a replace the 
two bacteriochlorophylls, two pheophytins a replace 
the two bacteriopheophytins, and two plastoquinones 
replace the menaquinone and ubiquinones of the 
bacterial reaction center. In photosystem I (Figure 
2-38),1018,1019 the special pair is also formed from 
two chlorophylls a; in addition, four chlorophylls a 
replace the two bacteriochlorophylls and the two 
bacteriopheophytins, and two phylloquinones replace 
the menaquinones and ubiquinones of the bacterial 
reaction center. All these substitutes play the same 
roles as their parental prosthetic groups in a bacterial 
reaction center. 
 In photosystem II in plants and cyanobacteria, 
the primary excitation of the electron and its transfer 
to pheophytin a1020 differ somewhat from those in 
the bacterial reaction center because the special pair is 
more weakly coupled. The initial separation between 
the excited electron and the hole can occur in either 
of two locations. It can occur between one of the 
chlorophylls a of the special pair, which ends up with 
the hole, and the adjacent chlorophyll a, which 
ends up with the electron, on its way to pheophytin a 
as in the bacterial reaction center. It can also, however,  
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Figure 2-38: Stereodrawing50 of the distribution of chlorophylls 
within the crystallographic molecular model of the reaction 
center of photosystem I from P. sativum and the antenna that 
surrounds it.1018,1019 Only the central rings of the chlorophylls 
(thin bonds in the drawing), and not the carotenoids, of the 
antenna formed by the core protein and light-harvesting 
complex I are included in the drawing. The reaction center is 
formed from six chlorophylls a and two phylloquinones (thick 
bonds in the drawing) and a [4Fe–4S] iron–sulfur cluster. The 

[4Fe–4S] iron–sulfur cluster is embedded in the portion of the 
core protein that protrudes into the solution on the negative, 
basic side of the membrane. The special pair (P) is labeled. The 
plane of the membrane is vertical and perpendicular to the page. 
The twofold rotational axis of pseudosymmetry that creates the 
special pair is horizontal and in the plane of the page. The 
array of chlorophylls embedded in the protein spans the mem-
brane of the thylakoid and defines its boundaries. 
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occur between this same chlorophyll a adjacent to 
the special pair, which ends up with the hole, and 
pheophytin a, which ends up with the electron. After 
the initial excitation at either location, the system 
almost immediately resolves into the normal distri-
bution in which the excited electron is in the radical 
anion of pheophytin a and the hole is in the radical 
cation of the special pair. This resolution is accom-
plished by migration of the electron from the adjacent 
chlorophyll a to pheophytin a or migration of the 
hole from the adjacent chlorophyll a to the chloro-
phyll a of the special pair.1021 
 The subsequent transfer of the electron from 
pheophytin a to the two plastoquinones1022 symmetri-
cally bound around the iron ion1023 in photosystem II 
is the same as in a bacterial reaction center. After 
the second electron arrives, the plastoquinol, which 
has taken up two hydrons from the negative, basic 
solution, dissociates into the phospholipid bilayer 
on its way across the membrane to the positive, 
acidic side of plastoquinol—plasto-cyanin reductase, 
just as the ubiquinol dissociates from the bacterial 
photosynthetic reaction center on its way to quinol—
cytochrome-c reductase. The hole in the special 
pair, however, is a much stronger oxidant than the 
hole in the special pair in a bacterial reaction center1024 
because it is mainly located on only one of the two 
chlorophylls a in the special pair,1021 rather than being 
delocalized over both. This is the advantage gained 
from the weaker coupling. This stronger oxidant 
removes an electron from the 4-oxido group of a 
particular1025 tyrosine in the enzyme to form the 
neutral tyrosyl radical, rather than removing an 
electron from a cytochrome c.1026,1027 The tyrosyl 
radical then removes an electron from a cluster of four 
manganese ions and a calcium ion1011,1028 respon-
sible for oxidizing water to molecular oxygen, an 
oxidation that ultimately releases four hydrons into 
the positive, acidic solution inside the thylakoid. 
 In photosystem I in plants and cyanobacteria, 
the primary excitation of the electron by a photon 
and its transfer to the chlorophyll a that takes the 
place of bacteriopheophytin also differ somewhat 
from those in the bacterial reaction center. The 
chlorophyll a adjacent to the special pair absorbs 
the photon, and the excited electron is immediately 
(3 ps-1) passed to the distal chlorophyll a that takes 
the place of the bacteriopheophytin in a bacterial 
reaction center. The hole then moves from the ad-
jacent chlorophyll a to the special pair, and the 
electron moves from the distal chlorophyll a to the 
phylloquinone,1029 to produce a distribution homolo-
gous to that in the bacterial reaction center, with 

the hole in the special pair and the electron in the 
ubisemiquinone.1030 The hole in the special pair 
(+480 mV) is filled with an electron from the small 
electron-transferring coenzyme, reduced plasto-
cyanin (+360 mV),1031 that freely associates with 
and then dissociates from the reaction center on its 
positive, acidic surface on its way to the plasto-
quinol—plastocyanin reductase,1032 just as the hole 
in the bacterial special pair is filled with an electron 
from a cytochrome c that then dissociates on its 
way to quinol—cytochrome-c reductase. 
 The unique feature of photosystem I (Figure 2-38) 
is that it produces a radical anion of the prosthetic 
phyllosemiquinone with a high biochemical standard 
reduction potential (-700 mV) by using a chloro-
phyll a (-1200 mV) as the acceptor of the excited 
electron rather than a pheophytin.815 Because of 
the excitation process unique to photosytem I, the 
radical anion of this phyllosemiquinone is formed 
even more rapidly (70 ns-1; t" = 10 ps) than the radical 
anion of the prosthetic ubisemiquinone in the bac-
terial system.1030 This radical anion of phyllosemi-
quinone transfers its electron rapidly (0.003 ns-1; 
t" = 200 ns) to a prosthetic [4Fe-4S] iron–sulfur 
cluster1033,1034 with a biochemical standard reduction 
potential of around -700 mV815 that sits on the two-
fold rotational axis of symmetry of the reaction center 
of photosystem I (Figure 2-38),1016,1035 roughly in the 
location of the single Fe2+ in the bacterial reaction 
center (Figure 2-34). The electron is then transferred 
rapidly through two prosthetic [4Fe-4S] iron–sulfur 
clusters to a coenzymatic [2Fe-2S] ferredoxin loosely 
bound to the enzyme, which then dissociates into 
the solution on the negative, basic side of the 
membrane.1036 The key to this sequence of events is 
that the radical anion of the phyllosemiquinone is 
not stabilized by the enzyme, so its full instability 
and hence its full, low biochemical standard reduction 
potential can be exerted. The fact that the small 
electron-transferring coenzyme is a [2Fe-2S] ferre-
doxin that can accept only one electron means that 
there is no need for the radical anion of the phyllo-
quinone to wait for a second excited electron. The 
[2Fe-2S] ferredoxins in higher plants have biochem-
ical standard reduction potentials559 around –400 mV. 
The [2Fe-2S] ferredoxins reduced by photosystem I 
provide reducing equivalents to the plant cell or the 
cyanobacterial cell; an example would be the reduc-
tion catalyzed by ferredoxin—NADP+ reductase, to 
produce NADPH (Eª¢ = -310 mV), the universal reduc-
tant used in biosynthesis, the generation of MgATP2-, 
and in particular, for a plant cell, in carbon fixation. 
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 In chloroplasts, there is a large membrane-
spanning enzyme that is structurally homologous 
to NADH:ubiquinone reductase (H+-translocat-
ing).1037,1038 A molecular model of this enzyme in 
chloroplasts, derived from image reconstruction of 
electron micrographs,1037 however, has only three 
of the usual eight iron–sulfur clusters present in most 
NADH:ubiquinone reductases (H+-translocating) from 
mitochondria and bacteria: the upper three in Fig-
ure 2-33, which are closest to the membrane. It is 
possible that several subunits of the intact enzyme 
are missing in this molecular model,1038 in particular 
those containing the other five usual iron–sulfur 
clusters (the lower five in Figure 2-33) more distal 
to the membrane and connecting the three that are 
present in the molecular model to the site at which 
NADH is oxidized in NADH:ubiquinone reductase 
(H+-translocating). The quinone that is reduced by 
this enzyme while it actively transports hydrons 
from the negative, basic side of the membrane of 
the chloroplast to the positive, acidic side, as does 
NADH:ubiquinone reductase (H+-translocating), is 
plastoquinone rather than ubiquinone; and the 
reduced plastoquinol is then a substrate for plasto-
quinol—plasto-cyanin reductase. The immediate 
source of reducing equivalents for this enzyme in 
the membranes of chloroplasts is unclear. The ulti-
mate source is the reduced ferredoxin produced by 
photosystem I.1039,1040 The structural homology 
with NADH:ubiquinone reductase (H+-translocating) 
suggests that the immediate source of reducing 
equivalents for the enzyme in chloroplasts is the 
NADPH produced by ferredoxin—NADP+ reduc-
tase. In any case, the reducing equivalents in ferre-
doxin are ultimately used to transport hydrons 
against their electrochemical gradient by passing 
through this homologue of NADH:ubiquinone 
reductase (H+-translocating). Because the electro-
chemical gradient is the source of the energy used to 
synthesize MgATP2-, this enzyme serves the purpose 
of balancing the needs of the cell for reducing 
equivalents, in the form of NADPH, and energy, in 
the form of MgATP2-. 
 The achievement that has been accomplished 
by a photosynthetic reaction center is denying the 
excited electron access to the hole that it vacated by 
disconnecting it rapidly enough so that its return to 
the hole by the normal process of fluorescent decay 
is precluded. To accomplish this disconnection, the 
electron is shuttled at an extremely rapid rate to a 
quinone (ubiquinone, menaquinone, plastoqui-
none, or phylloquinone) distant enough from the 

hole and at a positive enough standard reduction 
potential that the return of the electron to the hole 
becomes so slow that the electron can be held long 
enough to be used as a reductant for the respective 
electron-transferring coenzyme (ubiquinone, plas-
toquinone, or ferredoxin) and long enough for the 
hole to be filled by an electron from the appropriate 
donor (cytochrome c, high-potential iron–sulfur 
protein, a cluster of four manganese ions and a 
calcium ion, or plastocyanin). This speed and this 
span can be accomplished because a continuous 
chain of closely spaced prosthetic groups connects 
the special pair with the respective quinone in 
site A (Figure 2-34) and because, along the way, the 
excited electron is passing through large aromatic 
p molecular orbital systems of bacteriochlorophylls 
and bacteriopheophytins that themselves each 
span a large distance (0.7 nm).1041 In these en-
zymes, the requirement that the electron travel 
over such a great distance (about 4 nm) is dictated 
by two facts. First, the greater the dilution of the 
electron, the slower its return to the ground state 
will be. Second, the electron from the respective 
reduced electron-transferring coenzyme must be 
received by the hole in the special pair at one side 
of the membrane, and the excited electron must be 
added to the respective oxidized electron-transferring 
coenzyme at the other side of the membrane to create 
the respective gradient of hydrons. In the reaction 
center from R. sphaeroides, the distances between 
the closest points in the p molecular orbital systems 
are 0.63 nm from the special pair to bacteriochloro-
phyll and 0.65 nm from bacteriochlorophyll to 
bacteriopheophytin (Figure 2-34). These short dis-
tances ensure that the transfer of the excited electron 
is extremely rapid (200 ns-1; t" = 4 ps). The distance 
between the closest points in the p molecular orbital 
systems is 1.09 nm from bacteriopheophytin to the 
quinone in site A. The greater distance may in part 
explain the less rapid transfer from bacteriopheo-
phytin to the quinone in site A (5 ns-1; t" = 150 ps), 
but it does accomplish the final jump to the negative, 
basic side of the membrane. 
 
 In many of the membrane-spanning enzymes 
catalyzing the transfer of electrons (Figures 2-32 and 
2-33) and in many of the water-soluble enzymes 
catalyzing oxidation–reductions that proceed by 
the transfer of single electrons (Figures 2-30 and 
2-31), there are chains of prosthetic groups that 
perform one-electron transfers and move elec-
trons over considerable distances. These chains of  
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prosthetic groups can be formed from iron–sulfur 
clusters (Figures 2-31 and 2-33)478 or hemes (Fig-
ure 2-30 and 2-32)1042,1043 or, if the biochemical 
standard reduction potential of the hole into which 
the electron is donated is positive enough, the side 
chains of tryptophans1044 and tyrosines. 
 The individual prosthetic groups in one of these 
chains are usually spaced at distances that are less 
than particular limits.1045 Because the electron 
that is transferred to or from each prosthetic group 
occupies a molecular orbital spread over the entire 
p molecular orbital system in a flavin, chlorophyll, 
pheophytin, or quinone, the distance over which 
the electron is transferred between donor and accep-
tor in such situations is the distance from the closest 
edge of the respective p molecular orbital system 
(Figures 2-30 and 2-31). Because the electron occu-
pies a molecular orbital spread over the entire cluster 
in a prosthetic group such as an iron–sulfur cluster 
or a copper–sulfur cluster, the distance over which 
the electron is transferred between donor and accep-
tor in such situations is the distance between the 
closest atoms in the two clusters (Figures 2-31, 
2-32, and 2-33). Because the electron occupies an 
atomic orbital in a single copper ion or an iron ion 
in a prosthetic group such as a heme, the distance 
over which the electron is transferred between 
donor and acceptor in such situations1046 may be 
the distance from the metallic ion itself (Figures 
2-30 and 2-32). 
 The distances between the two orbitals in 
which the electron resides before and after it is 
transferred through chains of flavins, chlorophylls, 
pheophytins, quinones, iron–sulfur clusters, clus-
ters of copper ions, and single copper ions are 
usually from 0.4 to 1.4 nm (Figures 2-30, 2-31, and 
2-33).478,651,894,1042-1045,1047,1048 Even in enzymes that 
have only two such prosthetic groups between which 
the electron is transferred, the distance between 
the two orbitals containing the transferred electron 
before and after the transfer usually fall in this 
range.674,817,1049,1050 For example, in nitrite reductase 
(NO-forming) from A. xylosoxidans, the two copper 
ions between which electrons are transferred are 
1.3 nm apart.1051 
 In an apparent exception to the rule, while the 
distance from the iron in a heme to the nearest 
electron donor or acceptor frequently falls within 
the range 0.4-1.4 nm, it is also often greater than 
1.4 nm (Figures 2-30 and 2-32).1047 For example, 
the distance between the iron in the heme c and the 
iron in the heme d1 of nitrite reductase (NO-forming)  

from Paracoccus pantotrophus is 2.06 nm.1691 Partly 
these larger distances are due to the fact that the 
heme itself is quite large and hard to approach very 
closely, especially by another heme, but it is probably 
the case that the p  molecular orbital system sur-
rounding the iron in a heme carries a certain fraction 
of the highest occupied atomic orbital of the iron 
containing the electron to be donated or of the 
lowest unfilled atomic orbital of the iron that will be 
accepting the electron. Consequently, the p molecular 
orbital system projects a portion of that atomic orbital 
beyond the iron, bringing it closer to the edge of 
the heme. 
 Although in some cases two prosthetic groups 
are close enough to touch each other,1052 the space 
between the molecular orbitals or the iron or copper 
ions covered by these distances between the pros-
thetic groups is usually filled with the side chains and 
polypeptide backbone of the protein enclosing them. 
Consequently, the question of how the electron is 
transferred so rapidly from prosthetic group to 
prosthetic group in these situations is how is an 
electron transferred through protein.  
 
 During a one-electron oxidation–reduction 
between two redox couples separated from each 
other in a protein, an unaccompanied electron 
can transfer through unadulterated protein over a 
considerable distance (1.5-2.5 nm).1045,1046,1053,1054 
For example, when Histidine 33 in oxidized equine 
cytochrome c is used as one of the ligands to Ru3+, 
the other five ligands to which are molecules of 
ammonia, the derivative that results is a cytochrome c 
in which the Fe3+ in heme c is 1.5 nm from the penta-
amminoruthenium at Histidine 33. When Ru2+ 
coordinated with three 2,2A-bipyridines [Ru(bpy)3

2+] 
is dissolved in an aqueous solution of this modified 
cytochrome c and excited by a flash of light with a 
wavelength of 532 nm, its electronically excited state 
is a strong enough reductant to transfer an electron 
rapidly to either Ru3+ or Fe3+ in the modified cyto-
chrome c. This transfer of an electron occurs in a 
5:1 molar ratio, respectively, between Ru3+ and Fe3+. 
This kinetic product, in which most of the ruthenium 
ions are reduced and most of the iron ions remain 
oxidized, then converts to the thermodynamic 
product in which most of the iron ions are reduced 
and most of the ruthenium ions are oxidized.1053 
This conversion results from the intramolecular 
transfer of an electron from Ru2+ to Fe3+ through 
1.5 nm of unadulterated protein with a rate constant of 
20 s-1, which is independent of temperature between 
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0 and 37 ªC. This rate constant is for the approach 
to thermodynamic equilibrium of a reversible transfer 
of the electron between the ruthenium ion bound 
to the protein and the iron ion of the heme.1055  
 It is also possible to observe such an unnatural 
transfer of an electron through a protein without 
the necessity to modify it. The single disulfide in 
azurin from P. aeruginosa can be reduced to the 
radical anion of the disulfide by the radical anion 
CO2

· -. The electron in the resulting radical anion of 
the disulfide is then transferred across 2.0 nm of 
protein1056 to the Cu2+ at a rate of 50 s-1. 
 Because cytochrome c may not have evolved to 
transfer an electron from Histidine 33 to its heme 
and because azurin may not have evolved to trans-
fer an electron from its disulfide to its copper ion, 
these observations of the transfer of electrons in 
these two proteins suggest that transfer of electrons 
may be able to occur through any protein. Azurin and 
cytochrome c, however, have evolved to catalyze 
electron transfer. 
 Hemoglobin is a protein that does not normally 
participate in oxidation–reduction; and it is a protein 
that definitely has not evolved to be able to support 
the transfer of electrons through itself. The protein 
normally contains four hemes b, one within each of 
its subunits. It is an (ab)2 heterotetramer, but a and 
b polypeptides are homologous in sequence, and 
the native structures of the a and b subunits are 
superposable. It is possible to separate a and b sub-
units and reconstitute the protein from these sepa-
rated subunits. Therefore, a hemoglobin in which 
the a subunits contained an Fe3+ porphyrin and the 
b subunits contained a Zn2+ porphyrin could be 
constructed.1057 
 When a Zn2+ porphyrin is excited by absorbing 
a photon of light, the excited electron is particularly 
prone to a spin inversion that produces a triplet 
electronically excited state, 3Zn2+ porphyrin, in good 
quantum yield. The lifetime of this phosphorescent 
triplet electronically excited state is much longer 
(greater than 10 ms) than that of the fluorescent 
singlet electronically excited state from which it 
was derived.1058 The triplet electronically excited state 
is also a strong enough reductant (Eª¢ = -1100 mV) 

   
                     (2-187) 

to transfer an electron1054 to an Fe3+ porphyrin 
(Eª¢ = +150 mV) 

 
                (2-188) 

The free energy change of the overall reaction is 
quite favorable (DGª = -120 kJ mol-1). 
 When hemoglobin containing a Zn2+ porphyrin 
in the b subunits and an Fe3+ porphyrin in the 
a subunits is photolyzed, the decay of the triplet 
state of the Zn2+ porphyrin is more rapid than it is 
when the Fe3+ porphyrin has been reduced to 
Fe2+ porphyrin prior to photolysis.1054 If it is assumed 
that this increase in the rate of decay is due to 
transfer of the electron from the 3Zn2+ porphyrin to 
the Fe3+ porphyrin, the first-order rate constant of 
that transfer is 100 s-1 at 25 ªC.1059 In the crystallo-
graphic molecular model of a molecule of hemo-
globin, the shortest distance between a heme on a 
b subunit and a heme on an a subunit is 2.5 nm. 
This experiment demonstrates that the transfer of an 
electron can occur through any protein and reverses 
the question from “can an electron transfer through 
protein” to “how can an electron be prevented from 
transferring through protein.” In this experiment, it 
is also the case that the electron passes between 
two subunits of an oligomeric protein. 
 Traditionally, transfers of electrons have been 
divided into inner-sphere and outer-sphere transfers. 
An inner-sphere electron transfer is one in which 
the electronic coupling between the donor (a reduc-
tant) and the acceptor (an oxidant) is strong 
(>20 kJ mol-1) in the transition state. In the original 
examples of inner-sphere electron transfer, the 
donor and acceptor, which were transition metallic  
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ions, were strongly coupled because in the transition 
state they shared a ligand between themselves. For 
example, in the oxidation–reduction1060 

                (2-189) 

the transfer of the electron from Co2+ to Cr3+ occurs 
within the inner sphere created by the intermediate 
ion [(NH3)3Co3+Cl-Cr2+(H2O)5]4+. The electron passes 
through the chloride that the transition metallic 
ions share as a ligand and that strongly couples them 
electronically. An outer-sphere electron transfer is 
one that takes place with weak (<20 kJ mol-1) elec-
tronic coupling between the donor and acceptor in 
the transition state. For example, the transfer of an 
electron in which two transition metallic ions retain all 
their ligands during their encounter in the transition 
state and no ligand is shared between them usually 
progresses with weak electronic coupling in an outer-
sphere transfer. 
 In enzymatic reactions, inner-sphere transfer 
of an electron occurs when a bond, anywhere between 
ionic and covalent, is formed between a substrate 
and a transition metallic ion, which then oxidizes 
or reduces that substrate. For example, in nitrite 
reductase (NO-forming) from A. faecalis, the substrate, 
nitrite, replaces a dissociable ligand in the open 
coordination site of the prosthetic Cu+ in the en-
zyme.1061 An electron is transferred from the Cu+ to 
the nitrite. reducing it to nitric oxide, which then 
dissociates from the Cu2+. In laccase, an oxygen of 
the substrate, a benzenediol, replaces a dissociable 
ligand in the open coordination site of the Cu2+ in 
the enzyme.695 An electron is instantaneously trans-
ferred from the benzenediol to that Cu2+, oxidizing 
the benzenediol to the hydroxyphenoxy radical, 
which then dissociates from the resulting Cu+. 
 In such inner-sphere electron transfers, because 
the transfer of the electron is to all intents and 
purposes instantaneous once the complex forms, 
the rate at which the ligand initially occupying the 
open site on the metallic ion exchanges with the 
substrate and the rate at which the product on the 
metallic ion exchanges with a ligand in solution 
determine the rate of the overall reaction. In aqueous 
solution, the ligand occupying the open site is usually 
a molecule of water. The rate constants with which 

molecules of water exchange at divalent metallic 
ions1062,1063 are in excess of 104 s-1. For Fe2+, the rate 
constant is 3 ¥ 106 s-1; and for Cu2+, it is 8 ¥ 109 s-1. 
The rate constant for exchange of water from 
Fe3+(OH2)6, however, is slower, 3 ¥ 103 s-1; and that 
for chloride,1064 the main anion in the cytoplasm, 
from [Fe3+(OH2)5Cl-]3+ is slower still, 2.3 s-1. Con-
sequently, the exchange of a substrate into coordi-
nation with a prosthetic Fe3+ or a product out of 
coordination with a prosthetic Fe3+ will be slow. 
 Although the transfer of an electron between 
two prosthetic groups separated by 0.5-2.5 nm of 
protein is technically between a donor and an accep-
tor that share the same ligand, namely the protein 
itself, the distances involved and the number of atoms 
located in the intervening space cause the electronic 
coupling between donor and acceptor to be so 
weak that the transfer of the electron is unmistakably 
an outer-sphere electron transfer.  
 When the transfer of an electron is inner-
sphere, one, two, or three bonds connect the donor 
and the acceptor, and as soon as the exchange of 
ligands occurs and these bonds have formed, the 
transfer of the electron is instantaneous. When trans-
fer of an electron is outer-sphere, the electronic 
coupling between donor and acceptor is so weak 
that the actual transfer of the electron is the slow 
step in the reaction. Because the electronic coupling 
is so weak, the electron has to wait until all the atoms 
surrounding and between the donor and acceptor 
reach a configuration that is favorable to the transfer 
before the electron can transfer from the orbital it 
occupies on the donor to the orbital it will occupy 
on the acceptor.1065 
 Because an electron has almost no mass and 
because, once a favorable configuration has been 
achieved, the transfer of the electron from the donor 
to the acceptor is instantaneous, the Franck–Condon 
principle requires that the position and momentum 
of all the nuclei in the system be the same before 
and after the transfer of the electron.1066 The equilib-
rium positions of the nuclei in the reactants, when 
the electron is on the donor, however, are different 
from their equilibrium positions in the products, 
when the electron is on the acceptor. For example, 
when the electron is on the donor, the donor is 
more negative by one elementary charge and the 
acceptor is more positive by one elementary charge 
than they are when the electron has transferred to 
the acceptor. Consequently, the coordination of 
the charges differs significantly in the reactants and  
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products of the electron transfer, and the atoms 
accomplishing that coordination are in significantly 
different locations. Likewise, the equilibrium bond 
lengths between a transition metallic ion and its 
ligands shorten when it loses an electron or lengthen 
when it gains an electron. The normal spontaneous 
fluctuations in the positions of the atoms surrounding 
and between the donor and the acceptor must bring 
those atoms into a configuration intermediate between 
their equilibrium configurations in the reactants 
and in the products, and that intermediate config-
uration must be compatible with the transfer of 
the electron. 
 The configuration of the atoms surrounding 
and between the donor and acceptor is compatible 
with transfer of the electron when the energy of 
that configuration is the same in the reactants and 
the products.1065 In other words, the configuration 
of all the atoms surrounding and between the do-
nor and the acceptor must be such that the energy 
of the system is the same before and after the in-
stantaneous transfer of the electron from donor to 
acceptor. 
 The atoms surrounding and between the do-
nor and the acceptor are constantly fluctuating in 
their position and momentum. When they happen 
to reach a configuration in which the energy before 
and after the transfer of the electron would be the 
same, the requirement of the Franck–Condon princi-
ple and the requirement that energy be conserved 
are both met, and the electron can transfer from donor 
to acceptor. Whether it transfers or not depends 
on the strength of the electronic coupling. The 
weaker the electronic coupling, the more often a 
compatible configuration will be realized before the 
transfer of the electron actually occurs.1046 
 When an electron is transferred in the outer 
sphere between a donor and acceptor, such as a 
reduced prosthetic group and an oxidized prosthetic 
group in the same protein, the equation derived 
from these considerations, the Marcus equation, 
defines the rate constant of this intramolecular 
electron transfer1067,1068 

       

                (2-190) 
where h is the Planck constant, kB is the Boltzmann 
constant, HAB is the electronic matrix element quanti- 
 

fying the coupling of the electronic state of the donor 
with the electronic state of the acceptor when both 
are in the configuration of the transition state,1046 
DGª is the change in the standard free energy of the 
overall oxidation–reduction (Equation 2-92), and l 
is the reorganization energy. The reorganization 
energy is the difference between the free energy of a 
Franck–Condon state in which the position and 
momentum of the nuclei and their respective solva-
tion are the same before and after the transfer of an 
electron and the sum of the free energies of the 
equilibrium nuclear configuration of the donor, the 
equilibrium nuclear configuration of the acceptor, 
and their respective solvations. In the case of self-
exchange between an identical donor and acceptor, 
the reorganization energy is equal to the energy re-
quired to alter the nuclear configuration of the donor 
and acceptor and their solvation from their equilib-
rium configuration to a configuration that matches 
the equilibrium nuclear configuration of the products 
of the electron transfer and their their solvation, 
and it is often assumed that, in other instances, the 
reorganization energy is approximately equal to this 
energy.1041,1046,1069 
 For a given electron transfer, the values of DGª,  
HAB, and l  can be estimated by following the temper-
ature dependence of the rate constant for the transfer 
of the electron (Equation 2-190). The standard free 
energy of the overall oxidation–reduction at each 
temperature can be determined by measuring the 
respective standard reduction potentials (Equation 
2-92) by potentiometric titrations. After these 
measurements are completed, the standard free 
energy at any given temperature is known, so the 
only two unknowns in Equation 2-190 are HAB and l. 
The measured rates of electron transfer as a function 
of temperature can be fit with the simplified equation 
to determine these two parameters.1070-1072 
 Because the reorganization energy is always a 
positive number, the unexpected prediction made 
by this equation is that the rate of transfer for an 
electron should pass through a maximum as the 
standard free energy of the oxidation–reduction is 
decreased to more negative values, as long as the 
structure of the reactants and products remain as 
similar as possible so that the reorganization energy 
remains about the same, while the reactant is 
varied to accomplish this decrease in the change of 
the standard free energy for the reaction. For example, 
in a series of 17-(4-biphenylyl)androstanes 
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the identity of A, the acceptor, was varied among a 
set of functional groups with different standard 
reduction potentials (Figure 2-39).1069 When the 
resulting compounds were individually reduced by 
solvated electrons injected into the solution by an 
electron beam, the rate at which an electron was 
transferred from the radical anion of the 4-biphenylyl 
group, formed by the association of a solvated elec-
tron, to the respective acceptor could be measured. 
The rate constants for these electron transfers do 
go through a maximum as the standard reduction 
potential of the acceptor increases and the change 
in standard free energy for the transfer of the electron 
decreases. The data could be fit with Equation 2-190 
with a reorganization energy of +75 kJ mol-1. 
 The fact that the rate of an outer-sphere electron 
transfer passes through a maximum as its change 
in standard free energy is decreased is a conse-
quence only of the fact that the equilibrium config-
urations of the atoms surrounding and between the 
donor and the acceptor lie at the bottom of a potential 
well for the reactants and the bottom of a different 
potential well for the products.1065,1069 The fact that 
the data seem to fit the behavior predicted by Equa-
tion 2-190, and that such behavior was unexpected, 
validates the equation. This maximum in the rate of 
electron transfer as the change in standard free energy 
of the reaction is varied has been observed consist-
ently for simple intramolecular chemical oxidation–
reductions,1073,1074 for intermolecular electron transfer 
between a donor in which an electron is widely 
delocalized and a series of small acceptors,1075 and 
for intramolecular transfers of electrons through 
proteins (Figure 2-40).982,1041,1076-1079 Such a maximum 
is also observed for the transfer of an electron from 
a Ru2+ ion on Histidine 33 of equine cytochrome c 
to the Fe3+ in its heme.1080 The value for the change 
in free energy for the oxidation–reduction at the 
maxima of these observed curves is the negative of 
the value of the reorganization energy (Equa-
tion 2-190). The fits of Equation 2-190 to the data, 
however, are usually not so convincing as the fits in 
Figures 2-39 and 2-40, which were chosen for the 
present discussion to convince. 
  For transfer of an electron through protein, 
the reorganization energy is usually around +70 to 
+110 kJ mol-1. For example, the reorganization energy  
 

 
 
Figure 2-39: Dependence of the rate constant (kET) for intra-
molecular transfer of an electron within various versions of the 
17-(4-biphenylyl)androstane 2-75 on the difference in stand-
ard reduction potential (-DGª) between the 4-biphenylyl group 
and the respective acceptor.1069 Several versions of 
17-(4-biphenylyl)androstane, each with a different acceptor for 
intramolecular transfer of an electron at carbon 3, were 
synthesized. The structures of the various functional groups 
acting as acceptors are drawn next to the points on the graph 
for their rates of intramolecular electron transfer. Each version 
was dissolved separately in di(n-butyl) ether. The respective 
solutions were each exposed to a intense, short pulse (30 ps to 
a few nanoseconds) of an electron beam from a linear 
accelerator. The resulting hydrated electrons that were formed 
instantaneously in the solution were trapped by biphenylyl 
groups to create biphenylyl radical anions, which absorb light 
of wavelengths between 400 and 650 nm. The decay in the 
concentration of the biphenylyl radical anion was followed by 
its absorbance. It was found that when an acceptor was located 
at carbon 3 of the androstane, the decay of the biphenylyl 
radical anion was hastened by intramolecular electron trans-
fer. In appropriate cases, the appearance of the radical anion 
of the acceptor could also be followed. The rate constants for 
each intramolecular electron transfer (second-1) calculated 
from these data are plotted as a function of the differences in 
standard reduction potential (kilojoules mole-1) between a 
biphenylyl group and the respective acceptor. Note that the 
difference in rate constant between the most rapid transfer 
and the slowest transfer is greater than a factor of 100. 
 
 
 
 
for transfer of an electron from bacteriopheophytin 
to quinone A in the reaction center of R. sphae-
roides (Figure 2-34)982 has been estimated to be 
+60 kJ mol-1, that for the transfer of an electron 
between a ruthenium ion and the iron ion in the 
heme in cytochrome b5 (Figure 2-40)1076 has been 
estimated to be +90 kJ mol-1, and that for the transfer 
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of an electron from the T1 prosthetic Cu+ to the NI 
prosthetic Cu2+ of laccase from Toxicodendron vernici-
fluum1081 has been estimated to be +115 kJ mol-1. 
The changes in standard free energy for most natural 
electron transfers in enzymes that catalyze oxida-
tion–reductions are often significantly less than -70 
to -80 kJ mol-1. Under these circumstances, the 
rate constant for transfer of an electron through 
protein increases almost exponentially as the change 
in standard free energy for the reaction decreases 
(Equation 2-190).1078,1082-1084 
 Because the rate constant for transfer of an 
electron, within the normal range of changes in 
standard free energy, is also increased by decreas-
ing the reorganization energy (Equation 2-190), it 
is possible that reorganization energy is subject to 
natural selection.1065 For example, when the methio-
nine that was placed by natural selection as a ligand 
to one of the copper ions in nitrite reductase from 
A. faecalis is removed by site-directed mutation,1085 
the reorganization energy for the transfer of an 
electron from this copper ion to the other copper 
ion in the enzyme increases by 40 kJ mol-1. 
 The two parameters that determine the value 
of the rate constant for an electron transfer, the 
reorganization energy, l, and the electronic matrix 
element describing the coupling of the electronic 
state of the reactant with the electronic state of the 
product, HAB, can be separately factored in Equa-
tion 2-190 and therefore have independent effects 
on the rate constant. If the space between donor 
and acceptor within a protein were not filled by 
other atoms but were empty vacuum, the magni-
tude of the electronic coupling would be a function 
of only the distance between donor and acceptor 
because it would be determined by the degree of 
overlap that occurs between the wave functions of 
the molecular orbitals occupied by the electron on 
the donor and the electron on the acceptor.1086 
 In the realm of energies in which the reorgani-
zation energy is more positive than the change in 
standard free energy is negative, which is the normal 
situation in a molecule of protein, the more negative 
the change in standard free energy, the greater the 
rate of electron transfer (Equation 2-190). In the 
enzyme laccase, an electron is transferred over a 
distance of 1.23 nm through the protein between a 
mononuclear, prosthetic Cu+ coordinated by two 
histidines and a cysteine (Figure 2-26A), at which 
each of four benzenediols in turn are oxidized by one  
 

 
 
Figure 2-40: Dependence of the rate constant (kET) for 
intramolecular transfer of an electron through the folded 
polypeptide of cytochrome b5 to and from the Fe3+ in its heme 
on the difference between the standard reduction potential 
(-DGª) of the heme and donors attached to the protein, each at 
the same location.1076 The gene for cytochrome b5 from R. nor-
vegicus was mutated in the codon for Threonine 69 to to 
produce a codon for a cysteine. The mutated gene was expres-
sed in E. coli, and the mutant protein was purified. The 
resulting Cysteine 69 is the only cysteine in the mutant, and it 
was modified in separate reactions with [4-(bromomethyl)-
4¢-methylbipyridine]bis(bipyridine)ruthenium(II), [4-(bromo-
methyl)-4¢-methylbipyridine]bis(4,4¢-dimethylbipyridine)ruthe-
nium(II), and [4-(bromomethyl)-4¢-methylbipyridine](bipyri-
dine)(bipyrimidine)ruthenium(II). Each coordinated ruthenium 
dication that was attached to the protein through Cysteine 69 
has a different standard reduction potential in its excited 
electronic state, and each has a different standard reduction 
potential in its ground electronic state. The three different 
modified proteins were dissolved separately and the resulting 
solutions were excited with short, intense flashes of light that 
formed the electronically excited states of the respective 
ruthenium dications. The transfers of an electron to and from 
the heme in each derivative were monitored at 424 and 
556 nm; and the transfers of the electron from and to the 
ruthenium complexes were monitored at the isosbestic points 
for the heme at 439 and 547 nm. The natural logarithms of the 
rate constants (second-1) fortransfer of the electron from the 
excited electronic state of Ru2+ to the Fe3+ of the heme (open 
symbols) and those for subsequent transfer of the electron 
from the resulting Fe2+ in the heme back to the ground 
electronic state of Ru3+ (filled symbols) are plotted as a func-
tion of the differences in standard reduction potential 
(kilojoules mole-1) of the respective donor and acceptor. 
 
 
 
 
  
electron, and a trinuclear cluster of prosthetic copper 
ions coordinated by the imidazolyl groups of eight 
histidines,1087 at which a molecule of oxygen is 
reduced by the four electrons to two molecules of  
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water. The transfer between these two prosthetic 
groups is exergonic because the prosthetic, mono-
nuclear copper ion has a less positive biochemical 
standard reduction potential than the trinuclear 
cluster. There are two homologous (25% identity; 
1.4 gap percent) laccases, one from Trametes versicolor 
and one from T. vernicifluum, in which the biochem-
ical standard reduction potentials for the prosthetic, 
mononuclear copper ion have significantly different 
values of +780 and +430 mV, respectively. This differ-
ence causes transfer of the electron from the former 
mononuclear copper ion through the protein to its 
trinuclear cluster (+1030 mV) to be less exergonic 
than transfer of the electron through the latter protein 
to its trinuclear cluster (+970 mV); in other words, 
the change in standard free energy, DGª, in Equa-
tion 2-190 is negative in both cases but is less negative 
in the former laccase (-25 kJ mol-1) than in the latter 
laccase (-52 kJ mol-1). The reorganization energies, l, 
for the electron transfer have been estimated to be 
+115 and +110 kJ mol-1, respectively, a difference that 
is most likely within the error of the estimations. 
The electronic matrix elements, HAB, have also 
been shown to be the same in the two proteins. The 
equivalence of these two factors is not surprising 
since the two proteins are homologues of each other. 
The observed rate of electron transfer in the laccase 
from T. versicolor is 20 s-1, and the observed rate 
constant of electron transfer in the laccase from 
T. vernicifluum is greater than 700 s-1. Both values 
are consistent with the respective values for the 
change in standard free energy.1081 
 It has been observed in many situations1041,1088-

1093 that, provided DGª and l remain the same, the 
function describing the distance dependence of 
the rate constant for transfer of electrons through 
molecules other than proteins is1067,1069 

        (2-191) 

where r is the distance between donor and acceptor, 
r0 is the sum of their van der Waals radii or the 
closest distance they can approach each other, and 
k0 is the rate constant for transfer of an electron 
when donor and acceptor are as close together as 
possible and the exponential term equals 1. For 
example, a series of compounds analogous to 2-75 
was synthesized in which the donor again was the 
 
 
 
 

radical anion of the 4-biphenylyl group and the 
acceptor R was a naphthyl group (Figure 2-39). The 
rigid hydrocarbon separating the biphenylyl group 
and the naphthyl group was varied in length, and 
the donor and acceptor each occupied equatorial 
positions of the cyclohexyl rings of the rigid hydro-
carbon. The variation in the rate constants for 
transfer of an electron between the biphenylyl and 
naphthyl groups satisfied Equation 2-191 with a 
value of b equal to -12 nm-1 (Figure 2-41A).1069,1088 
Although this was not the case in the measure-
ments made with this series of compounds, the 
most reliable way to ensure that the effects of small 
changes in DGª and l on the rate constants for 
transfer of an electron are minimized in such an 
experiment is to use a donor and an acceptor for 
which -DGª @ l (Figures 2-39 and 2-40), a situation 
in which the derivative of the rate constant for ex-
change as a function of the change in free energy is 0. 
 
 The dependence on the distance r between 
donor and acceptor of the rate constant for transfer 
of an electron through protein has been extensively 
measured. In the most extensive set of experiments 
(Figure 2-42),1045,1094 ruthenium ions were bound 
to histidines inserted by site-directed mutation at 
particular positions in the sequence of amino acids 
for isoform 1 of cytochrome c from S. cerevisiae 
(3; six different positions),1095-1097 equine cyto-
chrome c (3; two different positions),1098 cyto-
chrome b562 from E. coli (Í; nine different posi-
tions),1099 azurin from P. aeruginosa (2; six different 
positions),1095,1100,1101 myoglobin from Physeter 
macrocephalus (Ü; three different positions),1046,1102 or 
high-potential iron–sulfur protein from A. vinosum 
(ˆ; four different positions).1103 In each case, the 
ruthenium ion was coordinated by two 2,2A-bipyri-
dines, an imidazole, and the imidazolyl group of the 
particular histidine that had been placed on the 
surface of the particular protein.1098 For each pro-
tein, the rate constants for transfer of an electron 
from Fe2+ in its heme, its Cu+, or its reduced 
[4Fe-4S] iron–sulfur cluster to Ru3+ on the histidine 
were measured.1098,1104 These electron transfers are 
all exergonic enough (DGª = -71 kJ mol-1 for cyto-
chrome c, DGª = -76 kJ mol-1 for cytochrome b562, 
and DGª = -73 kJ mol-1 for azurin) that they are in 
the range where DGª @ -l.1080  
  

k ET  =  k 0 exp [    (r – r 0)]b
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Figure 2-41: Dependence of the rate constant (kET) for 
intramolecular transfer of an electron between a 4-biphenylyl 
group and a 2-naphthyl group, held apart by various rigid 
hydrocarbons, on the distance between the 4-biphenylyl group 
and the 2-naphthyl group.1069 cis-1-Naphthyl-3-(4-biphenylyl)-
cyclohexane, trans-1-naphthyl-4-(4-biphenylyl)cyclohexane, 
cis-2-naphthyl-7-(4-biphenylyl)decalin, trans-2-naphthyl-6-(4-bi-
phenylyl)decalin, and cis-1-naphthyl-17-(4-biphenylyl)andro-
stane were synthesized. The structure of each of the 
hydrocarbons positioning the acceptor (A) and the donor (D) 
at fixed distances from each other is drawn next to the point 
for the respective rate of electron transfer. Each compound 
was dissolved separately in tetrahydrofuran. The respective 
solutions were each exposed to an intense, short pulse (30 ps 
to a few nanoseconds) of an electron beam from a linear 
accelerator. The resulting hydrated electrons that were formed 
instantaneously in the solution were trapped by biphenylyl 
groups to create biphenylyl radical anions. The decay in the 
concentration of each of the biphenylyl radical anions was 
followed by its absorbance. In each instance, it was found that 
the presence of the acceptor hastened the decay of the 
biphenylyl radical anion. The amount that the rate was 
accelerated by the presence of the acceptor was used to 
calculate the rate constant (second-1) for each intramolecular 
electron transfer. The natural logarithms of these rate con-
stants are plotted as a function of (A) the respective distances 
(nanometers) between the edges of the aromatic p molecular 
orbital systems of the biphenylyl group and the naphthyl 
group and (B) the respective number of carbon–carbon bonds 
between the two edges. 
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Figure 2-42: Dependence of the rate constant (kET) for intra-
molecular transfer of an electron through azurin (2),1095 
cytochrome c (3),1046,1096-1098 cytochrome b562 (Í),1099 myo-
globin (fi),1046,1102 and high-potential iron–sulfur protein (ˆ),1103 
as a function of the distance between donor and accep-
tor.1094,1099 The amino acids at positions 83, 107, 109, 122, 124, 
and 126 in azurin from P. aeruginosa; at positions 39, 54, 58, 
62, and 66 from isoform 1 of cytochrome c from S. cervisiae; at 
positions 33 and 72 from equine cytochrome c; at positions 12, 
15, 19, 63, 70, 73, 86, 89, and 92 in cytochrome b562 from E. coli; 
at positions 70, 83, and 95 in myoglobin from P. macro-
cephalus; and at positions 18, 42, 50, and 81 in high-potential 
iron–sulfur protein from A. vinosum were changed one at a 
time to histidines by site-directed mutation. Each resulting 
histidine was modified with bis(bipyridine)ruthenium(II) carbo-
nate followed by treatment with imidazole to produce a Ru2+ 
coordinated by two bipyridines, an imidazole, and the 
imidazolyl group of the respective histidine.1104 Each modified 
cytochrome and high-potential iron–sulfur protein was 
exposed to a short (25 ns) intense pulse of light at 480 nm to 
form the electronically excited state of Ru2+. An electron then 
transferred from this electronically excited state to the Fe3+ in 
the ferric heme of cytochrome c or the oxidized [4Fe–4S] iron–
sulfur cluster of high-potential iron–sulfur protein to produce 
the ferrous heme or the reduced [4Fe–4S] iron–sulfur cluster 
and Ru3+. The rate at which the electron transferred from the 
ferrous heme or the reduced [4Fe–4S] iron–sulfur cluster back 
to Ru3+ was then measured at wavelengths that monitor the 
transformation of ferrous heme to ferric heme and Ru3+ to 
Ru2+. Each modified azurin or myoglobin was exposed to a 
short (25 ns) intense pulse of light at 480 nm to form the 
electronically excited state of the Ru2+. The electron then 
transferred instantaneously from this electronically excited 
state to a quencher that had been added to the solution to 
create Ru3+. The rate at which an electron transferred from the 
natural Cu+ of azurin or the natural Fe2+ in the heme of 
myoglobin to Ru3+ was then measured1101 at wavelengths that 
monitor the transformation of cuprous azurin to cupric azurin, 
ferrous myoglobin to ferric myoglobin, and Ru3+ to Ru2+. The 
rates for the transfers of the electrons (second-1) are plotted on 
a common logarithmic scale as a function of the distances 
(nanometers) between the respective donors and acceptors as 
estimated from the crystallographic molecular models of the 
proteins. The thin solid line is a least-squares fit of the data, 
the thick solid line is the dependence on distance for transfer 
of an electron between Ru(2,2A:6,2AA-terpyridine)22+ and 
Fe(OH2)63+ in a frozen glass of water,1094 and the dashed line is 
the dependence on distance for transfer of an electron in the 
vacuum.1045,1094 
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 From the crystallographic molecular models of 
the unmodified proteins, the distance from the ruthe-
nium ion bound at each histidine to the ion of the 
transition metal or the nearest ion of the transition 
metal in the natural prosthetic group was calculated. 
When the common logarithms of the rate constants 
for these electron transfers are plotted as a function 
of these distances, the value of b obtained from a 
fit of Equation 2-191 to the data is –11 nm-1 (Fig-
ure 2-42).1099 The linearity of the rate constants for 
high-potential iron–sulfur protein suggests that it 
might be more informative to plot the rate constants 
for each protein separately, but the scatter of the 
rate constants for the other proteins suggests that 
this approach would not reveal any significant 
differences among the different proteins. 
 The distances between natural redox couples 
in proteins can also be used to evaluate this corre-
lation between the rate of electron transfer and 
distance. When the rate constants for transfer of an 
electron between the various pairs of prosthetic 
groups in the reaction center in R. sphaeroides (Fig-
ure 2-34) are adjusted from their actual values to 
the values they would have if DGª were equal to -l, 
and the natural logarithms of these adjusted rate 
constants are plotted as a function of the edge to edge 
distances between the p molecular orbital systems 
of the prosthetic groups, a linear relationship is 
observed.1041 The data in this latter correlation fit 
Equation 2-191 far more successfully than do the 
data in Figure 2–42, but these were rate constants 
that had been significantly adjusted, rather than 
the actual rate constants. The value of b for the fit 
of these distances in the reaction center to Equa-
tion 2-191 is -14 nm-1. 
 One problem with the actual rate constants for 
the artificial electron transfers through protein 
(Figure 2-42) is that they do not fit Equation 2-191 
with much success. This failure as well as theoretical 
arguments suggest that, rather than through an 
orbital overlap as would be the case in the vacuum, 
the electron is transferred through unoccupied 
antibonding molecular orbitals of a continuous 
sequence of covalent bonds1105-1107 and hydrogen 
bonds1108 that connect the donor of the electron to 
the acceptor of the electron.* Transfer of an electron 
also can occur through fixed molecules of water 
connecting two segments of polypeptide.1094,1109-1112 
 
 

                                                
*Hydrogen bonds are equivalent to covalent bonds in their 
ability to catalyze transfer of an electron.1108 

 Certainly, transfers of electrons through protein, 
for which the values of b are -11 to -14 nm-1, are 
faster than they would be through the vacuum, for 
which the values of b are -28 to -35 nm-1 for the same 
span of distances (dashed line in Figure 2-42),1045,1094 
or even between Ru(2,2A:6,2AA-ter-pyridine)2

2+ and 
Fe(OH2)6

3+ through an unbonded glass of molecules 
of water, for which the value of b is -17 nm-1 (thick 
solid line in Figure 2-42).1094 The fact that transfer 
of an electron through a molecule of protein is so 
fast suggests that it is occurring by some process 
beyond the overlap of molecular orbitals occupied 
by the electron in the donor and the acceptor. 
 In this view, for each intramolecular transfer of 
an electron through a protein, there are several (or 
more than several) explicit but often tortuous paths 
through the antibonding molecular orbitals of the 
chemical bonds, hydrogen bonds, and fixed molecules 
of water between donor and acceptor, and associated 
with each path is a particular value of the electronic 
matrix element HAB.1113,1114 The actual transfer of the 
electron occurs along the path or paths with the 
highest values of HAB. 
 This view is not inconsistent with the observation 
that rate constants of intramolecular transfer of an 
electron through molecules other than protein are 
usually exponential functions (Equation 2-191) of the 
distance between donor and acceptor (Figure 2-41A) 
because they are also exponential functions of the 
number of covalent bonds between donor and 
acceptor, and those covalent bonds are usually the 
same covalent bonds as the length is increased 
(Figure 2-41B). This equivalence of distance, the 
number of bonds, and their identity in synthetic 
molecules is due to the fact that they are usually 
built from regular repeating structures such as rigid 
rings of hydrocarbon or rigid regular polymers such 
as polyproline. Molecules of protein, however, are 
irregularly folded, irregular polymers interconnected 
by multiple hydrogen bonds and sometimes fixed 
molecules of water, so the lengths of the paths 
through the antibonding molecular orbitals of cova-
lent bonds, hydrogen bonds, and molecules of water 
connecting donor and acceptor often are uncorrelated 
with the distance between donor and acceptor. 
 One indication that an electron might be trans-
ferred through a protein along a particular path of 
covalent and noncovalent bonds is the behavior of 
the rate constants for transfer of an electron to the 
prosthetic Cu2+ from Ru+ coordinated at each of the 
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respective histidines placed by site-directed muta-
tion on the surface of azurin from P. aeruginosa. 
The positions chosen for the histidines in these 
experiments were along three continuous b strands, 
each of which contains one of the ligands to the 
copper ion, Histidine 46, Methionine 121, or Cyste-
ine 112 (see Figure 2-26E). In this case, the distance 
from each Ru+ ion to the Cu2+ should be directly 
proportional to the number of covalent bonds between 
them, and the correlation between the distances and 
the common logarithms of the rate constants for 
transfer of an electron is a good one (filled circles in 
Figure 2-42). In the case of cytochrome c, however, 
the positions chosen for the histidines were scattered 
over the structure,1095 and the correlation between 
the distances and the common logarithms of the 
rate constants is poor (open circles in Figure 2-42). 
 For transfer of an electron that proceeds through 
a path of the antibonding orbitals in a sequence of 
bonds connecting donor and acceptor1113,1115 

      (2-192) 

where HªAB is the electronic coupling of the anti-
bonding molecular orbitals immediately adjacent 
to molecular orbitals in the donor and the acceptor 
between which the electron is transferred, ec,i is the 
decay parameter for the ith covalent bond of the nc 
covalent bonds along the path, es,j is the decay 
parameter for the jth jump through space of the 
ns jumps through space along the path, and eH,k is 
the decay parameter for the kth hydrogen bond of 
the nH hydrogen bonds along the path. The decay 
parameters quantify the decay of the electronic 
coupling at each step along the path. The value of HAB 
is calculated for as many paths between donor and 
acceptor as time will permit, and the one or two 
giving the largest values are then assigned as the 
most likely.242,1048,1114-1116 This exercise provides an 
explicit chain of covalent bonds, hydrogen bonds, 
and jumps through space that permits a visualization 
of the passage of the electron. Unfortunately, the 
number of parameters required for a calculation by 
Equation 2-192 is so large and their uncertainty so 
great that reliable values of rate constants for transfer 
of an electron cannot be calculated with it for compar-
ison with experimental values. 
 Although the term electron transfer seems to 
imply that the same electron leaves the donor and 
 

arrives on the acceptor, it is obvious that this is not 
the case. If transfer occurs through bonds, these 
bonds contain pairs of electrons, none of which 
can be distinguished from the electron that is 
transferred from the donor. If electron transfer 
occurs through space, there are electrons in the 
space between donor and acceptor, none of which 
can be distinguished from the electron that is 
tranferred from the donor. Strictly speaking, electron 
transfer through bonds or through space should be 
referred to as net electron transfer. 
 The argument over outer-sphere intramolecular 
transfer of an electron is whether it occurs through 
bonds (Equation 2-192)1113 or through space (Equa-
tion 2-191).1045 In the former view, the failure of the 
observed rate constants for intramolecular electron 
transfer through proteins (Figure 2-42) to follow 
Equation 2-191 is due to the intricacy of the various 
paths through bonds connecting donor and acceptor. 
In the latter view, the failure results from variations in 
the dielectric properties of the intervening medium, 
in particular the fraction of the space occupied by 
atoms and the fraction of the space that is vacant. 
Various molecules have been synthesized to contrib-
ute experimental justification for one or the other 
side in this argument. 
 There are results suggesting that electron 
transfer in solution occurs through space. For ex-
ample, two calixarenes have been synthesized that 
covalently connect a zinc porphyrin with a pyro-
mellitimide group by the same path of covalent 
bonds, but in one of these calixarenes, the edge of 
the zinc porphyrin is 0.5 nm from the edge of the 
pyromellitimide, and in the other, the edges are 
1.5 nm apart. In benzene, transfer of an electron is 
observed between the zinc porphyrin and the py-
romellitimide in the former but not in the latter.1117 
Transfer of an electron from the 1,4-dimethoxy-
5,8-diphenylnaphthyl group to the 1,1-dicyano-
ethenyl group in 

 

nc

P
i = 2

HAB  =  H ªAB          c,i           s,j           H,k

ns

P
j = 1

nH

P
k = 1

e           e           e

CNNC

N
R

O
O

OCH3
OCH3

H3CO
H3CO O O

C6H5

H5C6
OCH3

H3CO
2  – 76    R = p-ethylphenyl
2  – 77   R = propyl



One-Electron Transfer 
 

329 

was measured in acetonitrile. When a phenyl group 
sits between the donor and acceptor (2-76), the 
rate constant for transfer of an electron (0.64 ns-1) 
is 2.6 times faster than the rate constant (0.25 ns-1) 
when a propyl group (2-77) sits between them, 
even though the through-bond paths are identical 
in each case.1118,1119 
 There are other results, however, suggesting 
that transfer of an electron in solution occurs 
through bonds. For example, the rate constants for 
transfer of an electron from a phthalimido group to 
a tert-butyl peroxy group actually increase as the 
number of a-aminoisobutyryl groups separating 
them, and the distance between them, increases.1120 
This observation suggests that the increase in the 
number of hydrogen bonds in the 310 helix formed 
by these polymers of a-aminoisobutyric acid ex-
plains the increase in the rate constants. 
 It is possible that in some situations transfer of 
an electron proceeds through space while in other 
situations it proceeds through the antibonding 
molecular orbitals of bonds, and in still other situa-
tions by some combination of the two. 
 
 Side chains of aromatic amino acids such as 
tryptophan and tyrosine can act as intermediate 
relay stations through which a hole for an electron 
is relayed within a protein by hopping from one to 
the next.1068,1121-1124 For example, in photoreduction 
of the oxidized prosthetic flavin in the active site of 
deoxyribodipyrimidine photo-lyase from E. coli, a 
hole for an electron is transferred from the elec-
tronically excited state of the prosthetic oxidized 
flavin in the active site to Tryptophan 306 on the 
surface of the enzyme following photolytic excitation 
of the flavin. Between the flavin and Tryptophan 306 
are two others, Tryptophan 382 and Tryptophan 359, 
that act as relay stations to relay the hole from the 
electronically excited state of the oxidized flavin to 
Tryptophan 306.1125  
 While there has never been any doubt that 
electrons hop from one prosthetic group to another 
in instances where there is a chain of prosthetic 
groups, such as pheophytins, chlorophylls, iron–
sulfur clusters, or hemes, that normally transfer an 
electron by successive one-electron reductions, the 
low standard one-electron reduction potentials 
for the side chains of tryptophan and tyrosine 
(Eª¢ < -1800 mV)1126 to form their respective radical 
anions preclude transfer of an electron from a donor 
to one of them and from the resulting radical anion 
to the acceptor. The biochemical standard reduction 
potentials, however, for the radical cation of the 

indolyl group of tryptophan (Eª¢ = +1000 mV)1127 
and for the radical cation of the 4-hydroxyphenyl 
group of tyrosine (Eª¢ = +800 mV)1128 are in the 
reasonable range. Consequently, rather than an 
electron hopping among the tryptophans and the 
tyrosines from donor to acceptor, a hole hops from 
acceptor to donor. 
 The difference is somewhat semantic. For exam-
ple, in the case of photoactivation of deoxyribodipyri-
midine photo-lyase, which reduces the oxidized 
flavin in its active site to flavin semiquinone, it has 
been shown1125 that an electron first transfers from 
the indolyl group of the closest tryptophan, Trypto-
phan 382, to the photoexcited oxidized flavin, creating 
a hole in Tryptophan 382 in the form of an indolyl 
radical cation and the flavin semiquinone. The 
hole is then transferred to the next tryptophan, 
Tryptophan 359, when an electron transfers from it 
to the hole in Tryptophan 382, creating a hole in 
Tryptophan 359 in the form of an indolyl radical 
cation. Finally, the hole is transferred to Trypto-
phan 306 on the surface of the protein when an 
electron transfers from it to the hole in Trypto-
phan 359. The net result of this process is that an 
electron has been transferred from Tryptophan 306 
to the photoexcited oxidized flavin. 
 In ribonucleoside-diphosphate reductase from 
E. coli, which reduces ribonucleoside diphosphates 
to deoxyribonucleoside diphosphates, a hole is 
transferred from a stable tyrosyl radical in another 
protein, which functions as an electron-transferring 
coenzyme during catalysis, to the sulfido group of 
Cysteine 439 in the active site of the enzyme to 
create a thiyl radical. The role of the electron-
transferring coenzyme in the reaction is to be a 
one-electron oxidant and then a one-electron reduct-
ant, donating a hole to ribonucleotide reductase 
and then accepting back a hole each time the ribo-
nucleoside-diphosphate reductase reduces a ribo-
nucleotide to a deoxyribonucleotide. The peculiar 
aspect of the transfer of this hole is that it is ender-
gonic;1129 the difference in reduction potential be-
tween the tyrosyl radical and the thiyl radical has 
been estimated to be around +200 mV.* It is the 
change in overall free energy for enzymatic reduc-
tion by ribonucleoside diphosphate that pulls the 
hole to the sulfido group. There are two tyrosines in 
ribonucleoside-diphosphate reductase, Tyrosine 731 

                                                
*Transfer of an electron from a donor of more negative reduc-
tion to an acceptor of more positive reduction potential is 
exergonic, but transfer of a hole from a donor of more negative 
reduction potential to an acceptor of more positive reduction 
potential, as is the case here, is endergonic. 
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and Tyrosine 730, immediately adjacent to the 
cysteine in the active site that could act as relay 
stations for the hole from the stable tyrosyl radical 
in the electron-transferring coenzyme and among 
which it would hop.1130 In this instance, an electron 
in the 4-hydroxyphenyl group of Tyrosine 731 would 
transfer to a hole arriving from the tyrosyl radical in 
the electron-transferring coenzyme, then an electron 
in the 4-hydroxyphenyl group of Tyrosine 730 would 
transfer to the resulting hole in the radical cation 
of the 4-hydroxyphenyl group of Tyrosine 731, 
and then an electron in the sulfido group of Cyste-
ine 439 would transfer to the resulting hole in the 
radical cation of Tyrosine 730, resulting in the thiyl 
radical necessary for catalysis. 
 The biochemical standard reduction potentials 
for the radical cations of tryptophan or tyrosine can 
be decreased by positioning a catalytic base adjacent 
to the nitrogen–hydrogen bond in the indolyl group 
or the oxygen–hydrogen bond in the 4-hydroxyphenyl 
group to accept the hydron from the respective 
radical cation, each of which is a stronger acid than 
the neutral, unoxidized group. The drawback of 
stabilizing the hole by removing a hydron from the 
radical cation, however, is that the rate of transfer 
of the electron to the hole from the next participant 
in the chain is decreased. In the case of photo-
reduction of deoxyribodipyrimidine photo-lyase, 
the nitrogen–hydrogen bonds on Tryptophan 382, 
Tryptophan 359, and Tryptophan 306 form hydrogen 
bonds with the acyl oxygen in the carbamoyl group 
on the side chain of Asparagine 378, a fixed molecule 
of water, and a fixed molecule of water, respectively, 
in the crystallographic molecular model of the pro-
tein,1131 each of which is only a weak base, and in 
this instance the three successive radical cations 
remain hydronated and cationic.1125 In the case of 
ribonucleotide reductase, however, in the crystal-
lographic molecular model of the enzyme,1132 the 
4-hydroxy group of Tyrosine 731 forms a hydrogen 
bond with the 4-hydroxy group of Tyrosine 730, 
which also forms a hydrogen bond with the sulfanyl 
group of Cysteine 439. It has been proposed that 
when the hole arrives at Tyrosine 731 to form its 
radical cation, the 4-oxido group of the conjugate 
base of Tyrosine 730 removes a hydron from it. This 
transfer of a hydron turns the radical cation into 
the neutral 4-hydroxyphenyl radical. Then when 
the hole is transferred to Tyrosine 730, the resulting 
4-oxido group of the conjugate base of Tyrosine 731 
removes a hydron from it. Finally, when the hole 
arrives at the sulfanyl group of Cysteine 439, the 
resulting 4-oxido group of the conjugate base of 

Tyrosine 730 removes a hydron from it.1133 The hydron 
transfers would serve the purpose of stabilizing the 
hole on each successive relay station. 
 When Tryptophan 306 in deoxyribodipyrimidine 
photo-lyase from E. coli is mutated to a phenylalanine, 
the hole ends up in one of the indolyl groups of the 
tryptophans that act as relay stations rather than 
on Tryptophan 306.1134 When either Tyrosine 730 
or Tyrosine 731 in ribonucleoside-diphosphate re-
ductase from E. coli is mutated to a 3-aminotyrosine, 
which has a lower biochemical standard reduction 
potential for the redox couple of the 3-amino-4-phen-
oxyl group and the 3-amino-4-hydroxyphenyl group 
(+400 mV)1135 than for the redox couple of a thiyl 
radical and a sulfanyl group (+900 mV),1136 an electron 
is transferred from that 3-aminotyrosine to the hole 
in the tyrosyl radical rather than from the sulfanyl 
group of the cysteine in the active site.1137 Each of 
these results has been presented as evidence that, 
in the normal reaction of each enzyme, the hole 
hops along the chain of relay stations (tryptophans 
and tyrosines) from the acceptor (either the elec-
tronically excited state of the flavin semiquinone or 
the tyrosyl radical in the electron-transferring coen-
zyme) to the donor (the tryptophan or the sulfido 
group). In the normal reaction of each mutated 
enzyme, however, a pre-established transfer of an 
electron must naturally occur from the normal donor 
to the normal acceptor, so it is not surprising that 
when the normal donor is eliminated, an even 
closer donor supplies the electron in its stead, or 
that when a better donor is placed immediately 
adjacent to the normal donor, the better donor 
would simply provide the electron rather than the 
normal donor. 
 It has also been observed that when a tyrosine 
or a tryptophan that could act as a relay station in a 
protein through which a hole is transferred is 
substituted by mutation, the rate for transfer of the 
electron decreases. For example, when either Trypto-
phan 382 or Tryptophan 359 in deoxyribodipyrimidine 
photo-lyase from E. coli is mutated to a phenylalanine, 
the photoexcited state of the flavin semiquinone 
decays before the electron can be transferred to it 
from Tryptophan 306.1125 When Tyrosine 730 and 
Tyrosine 731 in ribonucleotide reductase from E. coli 
were mutated in turn to phenylalanine, the enzymatic 
activity of each mutant was less than 1% of the wild-
type enzyme.1138 
 The effects of specific chemical modification 
of each of 12 lysines on the surface of equine cyto-
chrome c on transfer of an electron between it and 
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bovine cytochrome-c oxidase,1139 as well as compu-
tational descriptions of the docking of equine cyto-
chrome c and bovine cytochrome-c oxidase,1140 
have tentatively defined the structure of the complex 
between them, in which electron transfer occurs 
between the heme in cytochrome c and the dinuclear 
CuA cluster of copper ions in cytochrome-c oxidase 
(Figure 2-26F). In that proposed complex, Trypto-
phan 143 in cytochrome-c oxidase from R. sphaeroides 
sits between the heme and the dinuclear CuA cluster. 
When Tryptophan 143 is mutated to phenylalanine, 
the rate constant for electron transfer between the 
reduced heme in equine cytochrome c and the 
oxidized dinuclear CuA cluster in cytochrome-c 
oxidase from R. sphaeroides decreases1141 from 
38 ¥ 103 s-1 to 85 s-1. 
 In tyramine b-monooxygenase from Drosophila 
melanogaster, Tyrosine 79 is stacked upon Histi-
dine 172, which is a ligand to one of the two pros-
thetic copper ions in the enzyme. Tyrosine 79 lies 
between this copper ion and the other copper ion 
in the enzyme. When Tyrosine 79 is mutated to 
alanine, the rate for transfer of an electron from the 
one copper ion to the other, which in the native 
enzyme is not rate-limiting, becomes the rate-
limiting step in the enzymatic reaction.1142 
 It is also possible to accelerate an electron 
transfer by adding a relay station for the hole. For 
example, the P450 peroxidase from S. acidocaldarius 
contains a heme with a sulfido group as its axial 
ligand. Lysine 97, on the surface of the enzyme, was 
mutated to cysteine, and a ruthenium ion coordinated 
by two 2,2¢-bipyridines and a 1,10-phenanthroline 
was covalently attached to the sulfanyl group of the 
cysteine. The ruthenium ion ended up about 
2.1 nm from the heme. Histidine 76 is adjacent to 
the heme and forms a hydrogen bond with one of 
its carboxyethyl groups.1143 The homologous enzyme 
(30% identity; 1.9 gap percent) from Bacillus mega-
terium has a tryptophan in place of the histidine 
that also forms a hydrogen bond with the same 
carboxyethyl group of the heme.1144 No transfer of 
an electron from an Fe3+ in the heme to a photolyt-
ically generated Ru3+ on the surface of peroxidase 
from S. acidocaldarius is observed in the native en-
zyme over the lifetime (100 ms) of the Ru3+, but 
when Histidine 76 in the enzyme is mutated to 
tryptophan to create a relay station 0.7 nm from the 
heme and 1.2 nm from the ruthenium ion, an elec-
tron is transferred1145 from the Fe3+ to the transient 
Ru3+ during its lifetime. 
 

 The rate for transfer of an electron through 
azurin from P. aeruginosa between its prosthetic 
Cu+ (Figure 2-26E) and a Ru3+ coordinated by a 
histidine added to the surface of the protein by site-
directed mutation (filled circles in Figure 2-42) is 
accelerated by the addition of a relay station1146 for 
the hole between Cu+ and Ru3+. A single histidine 
was placed by site-directed mutation at position 107 
on one strand of b-structure in azurin or at position 
124 or 126 on another strand of b-structure in the 
protein to construct three mutants. A ruthenium 
ion coordinated by two 2,2A-bipyridines and an 
imidazole was then coordinated to the imidazolyl 
group of the inserted histidine in each of these 
three mutants.1098 Cysteine 112, which is a ligand 
to the copper ion (Figure 2-26E), is at the carboxy-
terminal end of the first strand of b-structure, and 
Methionine 121, which is also a ligand to the copper 
ion (Figure 2-26E), is at the amino-terminal end of 
the second strand of b-structure. The relay station 
chosen for the hole, a 3-nitrotyrosyl side chain 
(Eª¢ = +1100 mV),1128 was then placed in turn by 
mutation on the same strand of b-structure between 
the inserted histidine to which the ruthenium ion 
was attached and the respective ligand to the copper 
ion in each of the three mutants. The relay stations 
were placed at position 109 on the first strand of 
b-structure in the mutant with the inserted histidine 
at position 107, at position 122 on the second 
strand of b-structure in the mutant with the inserted 
histidine at position 124, and at position 122 on the 
second strand of b-structure in the mutant with the 
inserted histidine at position 126. Both positions to 
which nitrotyrosyl relay stations were added were 
amino acids in the wild-type protein, Methionine 109 
and Lysine 122, that had side chains incapable of 
being oxidized and acting as a relay station for a 
hole, and the positions chosen in each case for the 
relay stations were between the respective positions 
chosen for the histidine and the ligand to the copper 
ion, either cysteine or methionine (Figure 2-26E). 
 The rate for transfer of an electron from Cu+ to 
Ru3+ was determined for each of the three mutants 
both with and without the inserted relay station. 
Addition of each nitrotyrosine as a relay station for 
the hole between Ru3+ and Cu+ in the three mutants 
increased the rates of electron transfer by factors of 
30, 50, and 15, respectively.1146 The neutral 3-nitro-
phenyl radical of nitrotyrosine has about the same 
biochemical standard reduction potential as a radical 
cation of the indolyl group of a tryptophan, but the 
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Ru3+ is such a strong oxidant that it is able to abstract 
an electron readily from the nitrotyrosyl group. This 
abstraction of an electron creates a hole on the nitro-
tyrosyl group, which is the hole into which the electron 
from Cu+ is then transferred in the instances in which 
the relay stations were present. 
 Hopping of a hole or an electron through one 
or more relay stations should significantly increase 
the rate for overall transfer of an electron over 
long distance from a donor to an acceptor. One 
way to understand this acceleration is to consider 
an idealized situation in which a relay station sits 
on the line of centers from donor to acceptor. Assume 
that the relay station is of an intermediate reduc-
tion potential between donor and acceptor, so the 
standard free energies of each oxidation–reduction 
are approximately the same. Assume also that the 
three respective electronic matrix elements and 
reorganization energies are similar enough that 
each transfer of the electron—the one from relay 
station to acceptor, the one from donor to the hole 
in the relay station, and the one from donor to 
acceptor in the absence of the relay station—is a 
function only of the distance between the partici-
pants (Equation 2-191). To make the mathematics 
simpler, it is also better to assume that the relay 
station is closer to the donor or closer to the accep-
tor. Suppose that the donor and acceptor are 3 nm 
apart, the relay station is 1.2 nm from the acceptor 
and 1.8 nm from the donor, and a b of 11 nm-1 
(Figure 2-42) applies to this situation. Given the 
distance between them, the rate constant for transfer 
of the electron from donor to acceptor in the absence 
of hopping should be around 2 s-1. Assume that the 
reverse reactions can be ignored, that the relay station 
relays a hole, and that the kinetic mechanism for 
transfer of the electron when the relay station is 
present is 

                          (2-193) 

where D is the donor, RS is the relay station, and A 
is the acceptor. If k1 is 500 ms-1 and k2 is 1 ms-1 (Figure 
2-42), the rate constant for transfer of the electron 
from donor to acceptor, after about 100 ns, should 
be equal to k2 (1 ms-1). The resulting acceleration of 
the rate (5 Z 105) is significant. 
 The ideal case just examined, however, repre-
sents the maximum acceleration that can be achieved 
with the stipulated distances. If the reverse reactions 
are not negligible, if the relay station is not on the 
line of centers, if the interaction energies are not 

ideal, or if the differences in free energy of the electron 
between donor and relay station or between relay 
station and donor or both are not ideal, then the 
acceleration in the rate constant for transfer of an 
electron through a relay station will be less than in 
the foregoing demonstration, although the acceler-
ation can still be significant. It is possible to take 
account of all these factors and estimate the rate to 
be expected for particular values of these param-
eters.1122-1124 
 In the case of photoreduction of the oxidized 
flavin in deoxyribodipyrimidine photo-lyase from 
E. coli, the rate constants for each step in which the 
hole is transferred from the electronically excited 
state of the flavin to Tryptophan 306 have been 
determined. Tryptophan 382 or Tryptophan 359 in 
the enzyme were substituted with phenylalanine, 
and effects of these mutations on the transient 
absorptions at 500 and 580 nm following photo-
excitation were assessed. These are wavelengths at 
which the radical cations of the tryptophans absorb. 
The effects of these mutations on the transient 
absorption at 800 nm, a wavelength at which the 
electronically excited state of the flavin absorbs, 
were also ascertained.1125 In this way, it was possible 
to dissect the transients into the contributions of 
these three chromophores as well as that from 
Tryptophan 306. The hole is passed from the elec-
tronically excited state of the flavin by an electron 
transfer from the indolyl group of Tryptophan 382 
with a rate constant of 1200 ns-1. The hole is then 
passed from the resulting radical cation of the indolyl 
group of Tryptophan 382 by an electron transfer 
from the indolyl group of Tryptophan 359 with a 
rate constant of 14 ns-1. Finally, the hole is passed 
from the resulting radical cation of the indolyl 
group of Tryptophan 359 by an electron transfer 
from the indolyl group of Tryptophan 306 with a 
rate constant of 7 ns-1. 
 There is some electron transfer from the 
ground state of the flavin semiquinone, which re-
sults from relaxation of the electronically excited 
state of the flavin after it has been reduced by the 
one electron. This electron transfer fills the hole on 
the radical cation of the indolyl group of Trypto-
phan 382 and short-circuits the ultimate oxidation 
of Tryptophan 306, but once the hole is beyond 
Tryptophan 382, there is no further short circuit. 
This situation is reminiscent of the race to move 
the electron away from the electronically excited 
state of the special pair to the ubiquinone in site B 
in the photosynthetic reaction center before it can 
return back to the ground state of the radical cation 
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of the special pair, except in this instance it is a hole 
returning to the source rather than an electron. 
 The acceleration observed when a 3-nitrotyrosine 
was installed as a relay station for transfer of an 
electron in azurin was as much as 50-fold. In this 
instance, however, the biochemical standard reduc-
tion potential of the relay station was not ideally 
matched to the biochemical standard reduction 
potentials of the donor and acceptor. In proteins 
containing chains of prosthetic groups through 
which an electron hops (Figures 2-30, 2-31, and 2-33) 
or proteins containing chains of aromatic groups 
through which a hole hops, it is entirely possible 
that natural selection has ensured that the differ-
ences in free energy and the interaction energies are 
more successfully matched, and the accelerations 
achieved by hopping are more significant. In any 
case, it is hard to see how an electron could be 
transferred over the large distances that often in-
tervene between donor and acceptor in enzymes 
that accomplish rapid transfer of an electron with-
out providing relay stations between which the 
electron or the hole can hop. 
  
 Other than a few instances, such as reaction 
centers and deoxyribodipyrimidine photo-lyase and 
perhaps cytochrome-c oxidase,1147 the rate constants 
of normal intramolecular electron transfers between 
prosthetic groups within enzymes1045 are usually 
between 10 s-1 and 105 s-1. For example, when 5-deaza-
riboflavin semiquinone is produced in solution by 
flash photolysis, it rapidly reduces the oxidized flavin 
in trimethylamine dehydrogenase from M. methylo-
trophus to the semiquinone. Transfer of the electron 
from this semiquinone, monitored by the decrease 
in its absorption at 470 nm, to the [4Fe-4S] iron–
sulfur cluster in the enzyme1148 has a rate constant 
of 60 s-1. The rate constant for transfer of an electron 
from the flavin semiquinone to the heme b in ¬-lactate 
dehydrogenase (cytochrome) from S. cerevisiae818 
is 120 s-1. When the heme c in nitrite reductase 
(NO-forming) from P. pantotrophus is rapidly reduced 
with a hydrated electron, an electron is transferred 
from it to the heme d1 in the enzyme, measured by 
a decrease in absorption at 550 nm and an increase 
in absorption at 640 nm,1149 with a rate constant of 
1400 s-1. These rates are a compromise between the 
change in standard free energy of the reaction, for 
which the greater the expenditure of free energy, the 
greater the rate (Equation 2-190), and the distance 
between donor and acceptor, for which the greater 
the distance, the slower the rate (Figure 2-42).1045 

 In the cases of a reaction center and deoxyribo-
dipyrimidine photo-lyase, the unusually rapid rates 
for transfer of an electron or transfer of a hole, respec-
tively, result from the short distances between the 
large aromatic p molecular orbitals of the prosthetic 
groups or between the tryptophans and the flavin, 
respectively, and the significant increases in standard 
reduction potential from one to the next in the case 
of the reaction center. In addition, neither photo-
synthesis nor photolytic repair of DNA would occur 
if the rates were not so fast because in each instance 
there is a race: between transfer of the electron away 
from the special pair and return of the electron to 
the ground state of the radical cation of the special 
pair, or between transfer of the hole away from the 
flavin and return of the hole to the ground state of 
the flavin semiquinone. The race is intense because 
the electronically excited state in each instance is 
produced photolytically, so the return of the elec-
tronically excited state to the ground state is rapid. 
This last fact explains why natural selection had to 
guarantee that transfer of the electron was as fast as 
possible. The fact that a reaction center is immersed 
in the nonpolar interior of a membrane is also conse-
quential. Because a significant portion of the reorgani-
zation energy arises from dielectric reorganization 
of the solvent, the lower the permittivity of the sur-
roundings, the lower the reorganization energy,1065 
and the larger the rate constant (Equation 2-190). 
This factor should increase not only the rate constants 
for transfers of electrons between the prosthetic 
groups in the reaction center but also those between 
all the prosthetic groups in those portions of other 
enzymes that are embedded in the phospholipid 
bilayers of biological membranes. 
 
 Transfer of an electron can occur between 
subunits of a protein, between domains in a protein, 
or between prosthetic groups on different molecules 
of protein. The two extremes of interprotein transfer 
are transfer of an electron between two subunits 
permanently associated with each other in the 
same protein and transfer of an electron during the 
transient collision of otherwise unassociated proteins. 
In between these extremes would be the case of an 
electron-transferring coenzyme that associates with 
an enzyme as a substrate, accepts or donates an 
electron while associated, and then dissociates from 
the enzyme. 
 Examples of transfer of an electron between two 
subunits associated with each other in the same 
protein would be transfer of an electron between 
the flavin on one subunit of the ab hetereodimer of 
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sulfide-cytochrome-c reductase (flavocytochrome c) 
from A. vinosum and the heme c on the other sub-
unit1150 and transfer of an electron between a heme c 
on a firmly associated subunit of the reaction center 
from B. viridis and the special pair.959,960 
 An example of a similar situation is transfer of 
an electron between prosthetic groups on two sep-
arate domains of the same protein that are connected 
by a single strand of polypeptide distant from the 
line connecting the two prosthetic groups,1048,1151 
such as between the flavin and the heme each in a 
separate domain in the NADPH—hemoprotein reduc-
tase (flavocytochrome P450 BM-3) of unspecific 
monooxygenase from B. megaterium1152 or between 
heme in one domain and two prosthetic copper 
ions in a second domain naturally tethered to the 
first by a strand of polypeptide in nitrite reductase 
(NO-forming) from Ralstonia pickettii.1112 
 Domains in an enzyme can swing back and forth 
between donors and acceptors of electrons, as does 
the domain in quinol—cytochrome-c reductase 
(Figure 2-32). In NADPH—hemoprotein reductase 
from R. norvegicus, NADPH bound in the active site 
reduces an adjacent flavin in a prosthetic flavin 
adenine dinucleotide that then reduces the flavin 
in a prosthetic flavin mononucleotide. The reduced 
prosthetic flavin mononucleotide then passes one 
electron to the oxidized prosthetic heme in a mole-
cule of heme oxygenase (biliverdin-producing) that 
associates reversibly with NADPH—hemoprotein 
reductase. Once the prosthetic heme on the first 
heme oxygenase (biliverdin-producing) is reduced, 
it dissociates. The next oxidized heme oxygenase 
(biliverdin-producing) associates with the enzyme, 
and its prosthetic heme is reduced by the second 
electron on the semiquinone of the prosthetic flavin 
mononucleotide, returning the flavin mononucleotide 
to its oxidized state. 
 The NADPH and the prosthetic flavin adenine 
dinucleotide are on a separate hinged domain from 
the domain in which the prosthetic flavin mononu-
cleotide is located. When the reduced flavin adenine 
dinucleotide in the enzyme from R. norvegicus is 
reducing the flavin mononucleotide by two electrons, 
the hinge is closed, the two domains are in intimate 
contact with each other, and the 7-methyl groups 
of the two flavins, one on each of the domains, are 
in van der Waals contact with each other.1052 When, 
however, the NADPH—hemoprotein reductase from 
R. norvegicus is associated with heme oxygenase 
(biliverdin-producing) from R. norvegicus, the hinge  
 

has opened so that the distance between the flavin 
adenine dinucleotide and the flavin mononucleotide 
is now 2.2 nm, but in the complex, the distance 
between the flavin mononucleotide and the pros-
thetic heme of the heme oxygenase (biliverdin-
producing) is only 0.6 nm, close enough for rapid elec-
tron transfer.1153 These necessary rearrangements 
of the domains in NADPH—hemoprotein reductase 
require that the flavin mononucleotide be reduced 
while the hinge is closed; when the hinge opens, 
the flavin mononucleotide can then reduce the 
prosthetic heme on heme oxygenase in the space 
created by the swinging away of the domain on 
which the NADPH and the prosthetic flavin adenine 
dinucleotide are located. 
 Examples of transfer of an electron during 
the collision of two proteins would be the self-
exchange of an electron between two pseudoazurins 
(k = 4 Z 103 M-1 s-1),813 the self-exchange of an elec-
tron between two azurins from P. aeruginosa 
(k = 3 Z 106 M-1 s-1),1109 transfer of an electron be-
tween ferricytochrome f from B. rapa and a close 
homologue of its biological partner cupriplasto-
cyanin from Phaseolus vulgaris (5 Z 107 M-1 s-1),1154 
and transfer of an electron between flavodoxin and 
its biological partner, photosystem I in Synecho-
cystis (k = 2 Z 108 M-1 s-1).789 
 The more common situation is one in which a 
small electron-transferring coenzyme provides an 
electron to or removes an electron from an enzyme 
of oxidation–reduction by forming a complex with 
the enzyme, and the electron is transferred inter-
molecularly within the complex before it dissociates 
rather than during a collision with its partner. For 
example, in P. putida, an electron is transferred from 
putidaredoxin—NAD+ reductase to putidaredoxin 
in a complex between these two proteins that has a 
dissociation constant of 5 mM.1155 Within the complex, 
the electron is transferred from the neutral flavin 
semiquinone of the reductase to the [2Fe-2S] iron–
sulfur cluster of putidaredoxin at a rate of 230 s-1. 
The dissociation constant between amicyanin and 
methylamine dehydrogenase (amicyanin) from 
P. denitrificans1156 is also 5 mM, and the rate con-
stant for transfer of the electron is 10 s-1. The disso-
ciation constant between bovine cytochrome c and 
bovine cytochrome-c oxidase1157 is 20 mM, and the 
rate constant for transfer of the electron is 2600 s-1. 
Cytochrome c3 and flavodoxin from D. vulgaris form 
a complex with a dissociation constant of 60 mM in 
which an electron is transferred between them.791 
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 Crystallographic molecular models for the nor-
mally transient complexes between an enzyme and 
a protein serving the role of an electron-trans-
ferring coenzyme are available for cytochrome-c 
peroxidase and isoform 1 of cytochrome c from S. cere-
visiae,1158 methylamine dehydrogenase (amicyanin) 
and amicyanin from P. denitrificans,812,1159,1160 ferre-
doxin—NADP+ reductase and ferredoxin from 
Z. mays,1161 reaction center and cytochrome c2 
from R. sphaeroides,1162 quinol—cytochrome-c reduc-
tase and isoform 1 of cytochrome c from S. cere-
visiae,946 human medium-chain acyl-CoA dehydro-
genase and human electron-transfer flavoprotein,1163 
aralkylamine dehydrogenase (azurin) and azurin 
from A. faecalis,1164 carbazole 1,9a-dioxygenase from 
Janthinobacterium and ferredoxin from Pseudomonas 
resinovorans,1165 rubredoxin—NAD+ reductase and 
rubredoxin from P. aeruginosa,1166 ferredoxin—
NADP+ reductase and ferredoxin from Pseudo-
monas,1167 nitrite reductase (NO-forming) and cyto-
chrome c551 from A. xylosoxidans,1168 methylamine 
dehydrogenase (amicyanin) and methylamine utili-
zation protein MauG from P. denitrificans,1169,1170 
and ¬-ascorbate peroxidase and cytochrome c from 
Leishmania major.1171 There is evidence from nuclear 
magnetic resonance spectra that the complex between 
methylamine dehydrogenase (amicyanin) and amicy-
anin is the one that exists in solution,1160 and the 
complex between methylamine dehydrogenase 
(amicyanin) and methylamine utilization protein 
MauG performs the normal transfer of electrons 
within the crystal.1169 
 The prosthetic groups on the individual pro-
teins in the crystallographic molecular models of 
these binary or ternary complexes are usually within 
1.4 nm of each other,1159,1161 as is the case for transfer 
of an electron between prosthetic groups within 
the same protein, but there is at least one example 
of a complex in which they are greater than 2.0 nm 
apart,1045 which suggests that this complex may 
not be the natural one. In an electron micrographic 
reconstruction of the complex between the electron-
transferring coenzyme and ribonucleoside-diphos-
phate reductase, however, the distance between 
the cysteine in the active site and the tyrosyl radical in 
the electron-transferring coenzyme, is  3.5 nm.2610 
 Continuous paths of covalent bonds between 
the prosthetic groups in crystallographic molecular 
models of these complexes do not exist because the 
prosthetic groups are on different proteins. Often a 
continuous path of covalent bonds in one protein 
can be connected to a continuous path of covalent 
bonds in the other by a hydrogen bond1086,1162 or 

by a molecule of water in the interface fixed in 
position by hydrogen bonds,1165,1166 but in other 
instances, the connection between the two proteins 
along the path is a van der Waals contact between 
one or more atoms in one protein and one or 
more atoms in the other rather than a hydrogen 
bond.1158,1159,1164,1167,1168,1171 For the complex be-
tween quinol—cytochrome-c reductase and isoform 1 
of cytochrome c, it has been proposed that transfer 
of an electron occurs through space rather than 
through s bonds,1172 even though two of the exocy-
clic carbon atoms, one from each heme, are in van 
der Waals contact.946 
 Cytochrome-c peroxidase from S. cerevisiae 
catalyzes the reaction 

    
                (2-194) 

which serves the purpose of eliminating hydrogen 
peroxide from the cytoplasm of the fungal cell. The 
hydrogen peroxide binds to a ferric heme on the 
enzyme. This complex is converted by the enzyme 
to a molecule of water; an oxoiron(IV),* [(Fe4+)(2-O)], 
at the heme; and a radical cation of the indolyl group 
(indolyl· +) of Tryptophan 191 in the enzyme.1173-1175 
Ferrocytochrome c from S. cerevisiae reduces the 
radical cation of the indolyl group in a bimolecular 
reaction1176 with a rate constant of 2 ¥ 108 M-1 s-1 at 
an ionic strength of 300 mM. An equilibrium is then 
established between the oxo-iron(IV) and the in-
dolyl group of Tryptophan 191  

   
                (2-195) 

where [Fe3+OH-]2+ is the complex between Fe3+ in 
the heme and hydroxide.1173 The equilibrium con-
stant (Keq) for this reaction is 0.4 at pH 6 and decreases 
as the pH is raised because the oxygen of the 
[(Fe4+)(2-O)]2+ must be hydronated before the electron 
can be transferred. A second molecule of ferro-
cytochrome c then reduces the radical cation of the 
indolyl group with a bimolecular rate constant1176 
of 3 ¥ 107 M-1 s-1 at an ionic strength of 300 mM. 

                                                
*Oxoiron(IV) is usually abbreviated [Fe=O]2+ to indicate that 
there is thought to be both a s bond and a p bond between the 
iron and the oxygen. In keeping with the decision to allow the 
reader to decide on bonding, ionic bonding is used here. 

2 H+  +  H2O2  +  2 ferrocytochrome c  1
                                       2 H2O  +  2 ferricytochrome c  

H+  +  [Fe4+O2–]2+ +  indolyl  1
                                                [Fe3+OH–]2+ +  indolyl·+  
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This rate constant is less than the first because the 
concentration of the radical cation of the indolyl group 
is decreased by the equilibrium (Equation 2-195).1177 
Addition of two electrons by two successive mole-
cules of ferrocytochrome c returns the radical cation 
of the indolyl group of the tryptophan to the neu-
tral indolyl group and returns the iron to the ferric 
oxidation state, and the hydroxide is hydronated to 
become water. 
 At high ionic strength (>100 mM), the dissocia-
tion constant for the formation of a complex between 
cytochrome-c peroxidase and cytochrome c from 
S. cerevisiae is so great (>10 mM)1178 that there was 
no complex present in significant concentration in 
the foregoing experiments measuring the bimolecular 
rate constant for transfer of an electron from cyto-
chrome c (at less than 1 mM) to cytochrome-c peroxi-
dase (at less than 3 mM) and at an ionic strength of 
300 mM.1176 At low, unphysiological ionic strength 
(20 mM), however, cytochrome c from S. cerevisiae 
does form a complex with cytochrome-c peroxidase 
from S. cerevisiae1179,1180 with a dissociation constant 
of 2 mM.1178 A crystallographic molecular model of 
this complex places the iron in the heme of the 
cytochrome c 2.03 nm from the nearest edge of the 
p molecular orbital system of the radical cation of 
the indolyl group.1158 The rate constant for transfer 
of an electron from heme c of ferrocytochrome c to 
the radical cation of the indolyl group1181 within 
this complex1182,1183 is 2 ms-1. It is thought that this 
complex is the same as that formed transiently during 
the normal bimolecular transfer of the electron 
from cytochrome c to cytochrome-c peroxidase. 
 At high ionic strength, does transfer of an electron 
from the iron in ferrocytochrome c to the radical 
cation of the indolyl group of cytochrome-c peroxidase 
nevertheless occur only after this complex, albeit 
unstable, forms evanescently? Is the electron trans-
ferred intramolecularly only within a specific struc-
turally defined complex, formed by the combination 
of two unique faces on the surfaces of cytochrome c 
and cytochrome-c peroxidase to form the unique 
interface observed in the crystallographic molecular 
model through which the electron passes,1184 even 
though the reaction is kinetically bimolecular as if it 
resulted simply from the collision of cytochrome c 
and cytochrome-c peroxidase? These question can 
be asked of any transfer of an electron between two 
proteins that is kinetically bimolecular. Fundamen-
tally, it is a question about the evolution of electron 
transfer. Does natural selection have to produce a 
specific interface and a specific path for the electron 

to ensure that the required transfer of an electron 
occurs? 
 There are experiments suggesting that any 
collision between two proteins is capable of accom-
plishing electron transfer. For example, an electron 
can be transferred with a rate constant of 2 ms-1 
over a distance of 2.4 nm between a heme in cyto-
chrome c in which a Zn2+ has replaced the iron to 
the Fe3+ in a cytochrome c adjacent to it in a crystal 
of cytochrome c.1185 The contacts between molecules 
of protein in any crystal of protein are adventitious, 
arbitrary, and certainly not interfaces created by 
natural selection. The two molecules of cytochrome c, 
however, are held next to each other by the crystal. 
A specific complex between two faces forming an 
interface would hold the two proteins together, albeit 
fleetingly, and it may be that such an immobilization 
is required for transfer of an electron to occur. 
 That transfer of an electron from cytochrome c 
to the radical cation of the indolyl group proceeds 
within the specific complex between cytochrome-c 
peroxidase and cytochrome c at low ionic strength 
does not mean that it does so at high ionic strength. 
There is one result, however, suggesting that it does. 
A cysteine was introduced by site-directed mutation 
at position 193 in cytochrome-c peroxidase, which 
is in the middle of the interface in the specfic complex 
that forms at low ionic strength. This cysteine was then 
modified with 3-(N-maleimidyl-propionyl)biocytin, 
which is large enough to prevent the complex from 
forming. The rate for transfer of an electron from 
cytochrome c to cytochrome-c peroxidase at high 
ionic strength was decreased by a factor of 70 by 
this modification1186 but not completely eliminated. 
 Two other questions are raised by cytochrome-c 
peroxidase. What is an oxoiron(IV) and how does 
the enzyme produce it? 
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Problem 2-23: The midpoint reduction potential of 
cytochrome c is invariant with pH between pH 2 
and pH 7.8 and decreases with a slope of 60 mV 
(unit of pH)-1 above pH 7.8.751 Explain these obser-
vations in terms of the pKa of an amino acid in 
oxidized cytochrome c and its pKa in reduced cyto-
chrome c. 

 

Problem 2-24: Draw the structure of heme d1. 
Draw circles around the 18 atoms that provide 
p orbitals to the aromatic p molecular orbital sys-
tem of the heme. How many p electrons are there 
in this molecular orbital system? 

 

Problem 2-25: The biochemical standard reduc-
tion potentials of the flavin adenine dinucleotide, 
the [2Fe-2S] iron–sulfur cluster, the [4Fe-4S] iron–
sulfur cluster, the [3Fe-3S] iron–sulfur cluster, and 
the heme b of succinate dehydrogenase from E. coli 
are -80, +10, -170, +70, and +30 mV, respective-
ly.563 If the flavin is reduced to FADH2 by two elec-
trons from succinate while the other four centers 
are initially in the fully oxidized states, what is the 
distribution of those two electrons among the five 
centers at equilibrium? It is thought that the two 
electrons being transferred from reduced flavin to 
ubiquinone bound to the enzyme do not pass 
through the heme b. Why is it there? 

Migration of Electronic Excitation 

The photon responsible for excitation of an electron 
in a photosynthetic reaction center is almost never 
absorbed directly from the ambient light by the 
special pair; instead it is absorbed nearby by an array 
of accessory light-harvesting prosthetic groups. The 
electronically excited state produced upon absorption 
of a photon by a prosthetic group in this array then 
migrates* to the special pair in the reaction center 
through the array along a network of the same or 
similar prosthetic groups. The individual subunits 
of protein enclosing one or more of these light-
harvesting prosthetic groups associate with each 
other to form antennae. An antenna is a large 
structure in a photosystem the prosthetic chromo-
phores of which are responsible for absorbing photons 
of incident light and in which the resulting electronic 
excitation, an exciton, migrates to the special pair of 
the reaction center. The light-harvesting prosthetic 
groups in an antenna are positioned and oriented 
by the protein of the subunits in which they are 
found. Individual light-harvesting prosthetic groups 
or clusters of electronically coupled light-harvesting 
prosthetic groups capture photons of light, and 
within the network formed by the array each of the 
resulting electronically excited states migrates to a 
reaction center. The advantage of a large antenna is 
to increase the cross-sectional area associated with 
each reaction center that contains prosthetic groups 
capable of absorbing a photon and hence increase its  
ability to capture photons. 
 Migration of electronic excitation occurs among 
the light-harvesting prosthetic groups in the network. 
Any one of the light-harvesting prosthetic groups, 
or a cluster of these prosthetic groups, has two abil-
ities. It can either absorb an ambient photon or act 
as a conductor of electronic excitation between its 
neighbors. Once a photon is absorbed by a light-
harvesting prosthetic group or a cluster of light-
harvesting prosthetic groups in an antenna, the 
electronic excitation rapidly migrates among the 
prosthetic groups it contains. Eventually it reaches 
the special pair in the reaction center with which 
  

                                                
*As it migrates to the special pair of the reaction center, the 
electronic excitation is often considered to be an “exciton”, as if 
it were a quasi-particle moving through the network, to 
distinguish it from the electronically excited state on a single, 
isolated chromophore. When, however, an exciton is located 
on one of the prosthetic groups transferring it, that prosthetic 
group is in an electronically excited state. 
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the antenna is associated, and migration of the 
electronically excited electron in the special pair 
takes over. The individual prosthetic groups found in 
these antennae that are responsible for absorption of 
the photon and migration of the resulting electronic 

excitation to the special pair are chlorophylls, carote-
noids, and bilins. 
 Carotenoids contain extended, linear p molecular 
orbital systems. b,b-Carotene 
 
 

 

 
 
and its parent y,y-carotene (lycopene) 
 
 

 
 

 
 
are examples of carotenoids.* They are octaisopre-
noids that each contain 40 carbon atoms and a linear 
conjugated p molecular orbital system of 22 or 30 
carbon atoms that is all trans and fairly rigid through-
out its length. Rotation about the carbon–carbon 
bonds is hindered by the extended p molecular orbital 
system, as is rotation about the carbon–carbon 
bond in buta-1,3-diene. Most, if not all, of the carote-
noids in a chloroplast or chromatophore are tightly 
bound to its proteins and each is uniquely oriented 
by its protein. Most carotenoids are related to 
y,y-carotene, and most differ from it only at the 
two ends, where the isoprenoid units are substituted, 
saturated, or cyclized as in b,b-carotene. Examples 
of carotenoids that are light-harvesting prosthetic 
groups, in addition to b,b-carotene, are neurosporene, 
chloroxanthin, zeaxanthin, violaxanthin, rhodopin, 
and peridinin. 
 Bilins are linear, extensively conjugated tetra-
pyrroles. All bilins are derived from biliverdin, 
which is derived from heme b (2-80) as are all 
hemes. Biliverdin (2-81) is produced by oxidative 
cleavage of heme b at carbon 5 by heme oxygenase 
(biliverdin-producing, ferredoxin) that uses three 
molecules of molecular oxygen to cleave the porphyrin 
 

                                                
*Lycopene is the red color in tomatoes. Because of its long 
conjugated system, it absorbs light of fairly high energy, 
380-520 nm, in the green to blue range, causing the tomato to 
have a red color. 
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by turning carbon 5 into carbon monoxide. The oxy-
genation leaves oxo groups at carbons 4 and 6 of 
heme b while breaking the ring and releasing the 
iron. 
 Examples of bilins that are used as light-har-
vesting prosthetic groups are phycocyanobilin, 
phycoerythrobilin, 15,16-dihydrobiliverdin, and 
phycourobilin. In both phycocyanobilin1187 

 

and phycoerythrobilin, a hydride has been added 
to the distal methylene of the ethenyl group at car-
bon 3 of biliverdin (2-81) and the resulting enolate 
is hydronated at carbon 2. In phycocyanobilin 
(2-82), the ethenyl group that was at carbon 18 of 
biliverdin (2-81) has been reduced to an ethyl 
group, but it remains a ethenyl group in phyco-
erythrobilin. In phycoerythrobilin, the double bond 
that was between carbons 15 and 16 of the biliverdin 
has been reduced rather than the ethenyl group. In 
15,16-dihydrobiliverdin only the double bond 
between carbons 15 and 16 of biliverdin has been 
reduced,1188 but in phycourobilin the carbon–
carbon double bonds between carbons 4 and 5 and 
carbons 15 and 16 in biliverdin have been reduced 
and the ethenyl groups at carbon 3 and carbon 18 
have been reduced to ethyl groups. Running 
through a bilin is an extended p molecular orbital 
system that permits it to absorb visible light. 
  In most cases, phycocyanobilin is covalently 
attached to the proteins in which it is found through a 
sulfide to a cysteine side chain1189,1190 

 

The sulfido group of the cysteine adds to the exocy-
clic carbon of the double bond of the 3-ethylidene 
group in phycocyanobilin (2-82) with a vinylogous 
enamine as an intermediate. Phycoerythrobilin1191 
and 15,16-dihydrobiliverdin1192 are covalently at-
tached to a cysteine with the same linkage at the 
same carbon, but they can also be covalently attached 
to a second cysteine at the distal carbon of their 
respective ethenyl groups at carbon 18 (see 
2-81).1188,1193 The sulfido group of the cysteine 
adds to the carbon–carbon double bond in the 
respective ethenyl group, also with a vinylogous 
enamine as an intermediate. 
 
 Although the reaction centers in different classes 
of photosynthetic organisms are the same, the 
antennae associated with these reaction centers are 
wildly diverse from class to class in the identity of the 
prosthetic groups, their number, their distribution, 
and the mechanism for migration and capture of the 
excited electrons.1194 
 In higher plants and green algae, the antennae 
on the reaction centers of photosystems I and pho-
tosystems II are quite different from each other, but 
each is formed from a large number of subunits 
that are embedded in the phospholipid bilayer of 
the membrane and span it. All these subunits and 
the reaction center form large intact, discrete pro-
teins. The protein in each extended antenna en-
traps from 50 to 170 molecules of chlorophyll, both 
a and b, and from 10 to 40 carotenoids, almost all 
within the membrane. 
 In some cyanobacteria and red algae, antennae 
are made from subunits that contain bilins rather 
than chlorophylls. These subunits form cylindrical 
disks, which stack upon each other to form cylin-
drical rods that are assembled into phycobilisomes. 
Rather than being embedded in the membrane of 
the thylakoid, phycobilisomes are arrays of these 
rods that radiate out into the negative, basic cyto-
plasmic solution surrounding the thylakoids, on 
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the opposite side of the reaction center from the 
special pair (Figure 2-34). They are attached to the 
reaction center by a central, multisubunit core. 
 In cryptophyte algae, the lumen of the thylakoid, 
on the positive, acidic side of the reaction center 
closest to the special pair, is packed with large multi-
subunit biliproteins, each of which binds eight 
bilins. This solution of biliproteins is the common 
antenna for reaction centers in the membrane of 
the thylakoid that encloses them. The antennae in 
dinoflagellates are also proteins that are not attached 
to the reaction center but dissolved at high concen-
tration in the lumenal, positive, acidic space of the 
thylakoid. The protein in each identical subunit in 
these homotrimers entraps, instead of bilins, eight 
carotenoids and two chlorophylls. 
 In purple bacteria, each antenna consists of 
two concentric rings with a total of 32 subunits, 
each of which spans the membrane of a chromato-
phore. The two concentric rings surround the reaction 
center, and each subunit in the rings contains only 
one bacteriochlorophyll, either a or b, depending 
on the species. 
 In green sulfur bacteria, the antennae are large 
vesicles, each formed from a continuous bilayer of 
phospholipids containing some embedded pro-
teins. Each vesicle contains large crystalline arrays 
that together contain 50,000 to 200,000 bacterio-
chlorophylls as well as carotenoids. These huge 
antennae are attached to the cytoplasmic membrane 
of one of these bacteria, in which reside the reac-
tion centers, by proteins that each contain eight 
bacteriochlorophylls a that act as relays. 
 The crystallographic molecular models of pho-
tosystem I from P. sativum (Figure 2-38)1018,1019,1195 
contain its antenna. These molecular models consti-
tute a paradigm for the photosynthetic antenna in 
a higher plant. The antenna is almost completely 
embedded within the membrane and consists of 
around 140 chlorophylls a, around 10 chorophylls b, 
and around 30 carotenoids.* The six chlorophylls a 
of the reaction center (thick bonds) and the [4Fe-4S] 
iron–sulfur cluster in the reaction are in the center 
of the photosystem. There is an external subunit on 
the negative, basic side of the photosystem, adja-
cent to the [4Fe-4S] iron–sulfur cluster within the 
reaction center, that contains the two additional 
prosthetic [4Fe-4S] iron–sulfur clusters (not shown 
in the drawing) that pass electrons to ferredoxin, 
                                                
*There is a slight disagreement between the two crystallographic 
molecular models of the same protein1018 as to the number of 
prosthetic groups and the subunits with which they are 
associated. 

the electron-transferring coenzyme that is the 
ultimate acceptor. In addition to this external subunit, 
11 polypeptides, two long ones (758 aa and 734 aa) 
and nine short ones (40-168 aa), that are folded 
within the thylakoid membrane in intertwined 
associations of 32 membrane-spanning a helices 
comprise the core of the photosystem. On one side 
of this central core there are four additional subunits 
of light-harvesting complex I, each of which has 
three membrane-spanning a helices. 
 With the exception of the external subunit 
containing the two prosthetic [4Fe-4S] iron–sulfur 
clusters, most of the mass of the protein comprising 
the central core of the photosystem is embedded in 
the membrane, and segments from 9 of the 11 
constituent polypeptides forming the central core 
span the membrane in one or more a helices. The 
two folded long polypeptides contain the reaction 
center. They are homologous (44% identity; 1.5 gap 
percent) to each other and arrayed around the usual 
twofold rotational axis of pseudosymmetry that 
creates the special pair and the pseudosymmetry of 
the reaction center. Although the two long folded 
polypeptides are also homologous in the portions 
of their structures that surround the reaction cen-
ter to the L and the M subunit in a bacterial reac-
tion center, in particular, five of the a helices from 
each of them, they are each around 450 amino acids 
longer than the respective folded polypeptides in 
an L or M subunit. Within this additional protein, 
these two large subunits, unlike the L and M subunits, 
enclose most of the prosthetic groups that form the 
antenna for the reaction center. The two large subu-
nits each span the membrane with 11 a helices. In 
addition to surrounding the reaction center, these 
two long subunits entrap and orient among their 
membrane-spanning a helices around 10 b-carotenes 
and around 80 chlorophylls a in addition to the 
6 chlorophylls a in the reaction center itself. These 
prosthetic groups are the contribution of these two 
large subunits to the antenna. Around 10 chloro-
phylls a and around 10 b-carotenes are enclosed by 
the 10 membrane-spanning a helices of the small 
subunits. 
 Associated with the core protein of photosys-
tem I is another protein, light-harvesting complex I. 
Four subunits, with homologous sequences 
252-275 amino acids in length, and hence superpos-
able structures, comprise light-harvesting complex I 
that spans the membrane and encloses around 50 
chlorophylls a, around 10 chlorophylls b, and around 
10 carotenoids among its 12 membrane-spanning  
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a helices, three in each subunit. The four subunits 
of light-harvesting complex I are in a row, flush 
against the surface of the core protein within the 
membrane. 
 The rotational axis relating the two large subunits 
in photosystem I from P. sativum is a rotational axis 
of pseudosymmetry (passing through the special 
pair in Figure 2-38). Consequently, the surface of 
the pseudosymmetric heterodimer of the two large 
subunits within the membrane, which is composed of 
a helices spanning the membrane, is not duplicated 
across the rotational axis and is different on the 
opposite sides of the heterodimer. It turns out that 
there is only one face on the heterodimer within the 
membrane with which light-harvesting complex I 
associates. This face is not duplicated across the 
rotational axis. As a result, only one light-harvesting 
complex I of four subunits associates with the hetero-
dimer of large subunits on only one of its sides, 
which makes the entire photosystem lopsided even 
though it has a rotational axis of pseudosymmetry. 
 The chloroplasts of plants contain an addi-
tional light-harvesting complex, light-harvesting 
complex II, that is also embedded in the mem-
brane of the thylakoid, that absorbs around half the 
light used for photosynthesis, and that transfers the 
resulting electronic excitation to both photosystem I 
and photosystem II. It diffuses in the membrane 
as a protein separate from the two photosystems. 
Each monomer of this homotrimeric protein in the 
thylakoids of S. oleracea contains eight chlorophylls a, 
six chlorophylls b, and four carotenoids: two luteins, 
a neoxanthin, and a violaxanthin.1196,1197 The transi-
tion dipoles of two of the chlorophylls a in each 
subunit of light-harvesting complex II are so 
strongly coupled that they act as a single chromo-
phore with a dipole strength two times larger than 
that of an isolated chlorophyll a.1198 This dimer 
of chlorophylls a gathers the electronic excitation 
from the others and passes it on to one or the other 
of the photosystems. In a thylakoid, the concentra-
tion of light-harvesting complex II is so high that it 
paves the membrane. Consequently, electroni-
cally excited states migrate among adjacent mol-
ecules of light-harvesting complex II on their way 
to a photosystem.1199 
 Photosystems II in higher plants,1200 algae,1013 
and cyanobacteria,1011 like photosystems I, are also 
asymmetric. In the molecular model of photosystem II 
from S. oleracea derived from image reconstruction 
from electron micrographs,1200 the two subunits that 
 

are homologous to the L and M subunits and homol-
ogous to each other (25% identity; 2.2 gap percent) 
are, unlike those in photosystem I, only about 
50 amino acids longer than their bacterial counter-
parts, and each encloses only one chlorophyll a 
and one b-carotene of the antenna. The remaining 
48 chlorophylls a, 7 chlorophylls b, 8 b-carotenes, 
3 luteins, 2 neoxanthins, and a violaxanthin of the 
antenna are distributed among 15 different mem-
brane-embedded subunits of various sizes. As in 
photosystem I (Figure 2-38), all these prosthetic 
groups entrapped within the a helices of these 
subunits are within the membrane, and the antenna 
created, although significantly smaller, is similar to 
that in photosystem I. The partners in several pairs 
of these subunits are homologous to each other 
and distributed pseudosymmetrically around the 
twofold rotational axis creating the reaction center. 
In the molecular model, one homotrimer of light-
harvesting complex II is docked at a site on photo-
system II. Again, there is only one face on the 
membrane-embedded surface of the pseudosym-
metric photosystem with which the trimer of light-
harvesting complex II associates. Two photosys-
tems II of higher plants, however, also participate 
in a larger complex in which they are arranged 
around a twofold rotational axis of true symmetry, 
and this larger complex contains two copies of an 
additional membrane-spanning subunit arrayed 
across the axis of symmetry and two additional 
symmetrically arrayed light-harvesting complexes 
II, for a total of four docked light-harvesting com-
plexes II and two photosystems II.1201 
 In the asymmetric unit of the crystallographic 
molecular model of photosystem I from the cya-
nobacterium Synechococcus elongatus, there are 90 
chlorophylls a responsible for harvesting light that 
are bound at locations distributed at random 
through the protein. Most of them are spaced far 
enough apart that their transition dipoles are not 
strongly coupled, but there are three pairs of chlo-
rophylls a and a group of three chlorophylls a in 
which the p molecular orbital systems are stacked 
upon each other.1016 These clusters are thought to 
be responsible for the absorption of light at longer 
wavelengths and to act as a sink for electronic exci-
tation, which then migrates from them to the reaction 
center at the core of the photosystem.1202 There are 
also 22 b,b-carotenes in each asymmetric unit of 
this photosystem I. 
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 Phycobilisomes are additional antennae asso-
ciated with reaction centers in the thylakoids of 
some cyanobacteria and red algae that harvest light 
of shorter wavelengths (450–650 nm). The units from 
which a phycobilisome is constructed are cylindrical 
rods, formed from two to five individual cylindrical 
disks stacked one upon the other.1203 Each disk in 
one of these cylindrical rods is a phycobiliprotein 
the subunits of which each enclose one or two 
bilins. 
 The paradigm of such a phycobiliprotein would 
be C-phycocyanin from Fremyella diplosiphon 
(Figure 2-43)1204. The prosthetic group in this protein 
is phycocyanobilin (2-82), and it is an (ab)6 hexamer 
with dihedral symmetry of point group 322(D3).1205 
The central core of each (ab)6 hexamer, along its 
threefold rotational axis of symmetry, is hollow, 
and the three twofold axes of symmetry normal to this 
threefold axis relate ab heterodimers in the opposed 
(ab)3 trimers composing the (ab)6 hexamer. The a poly-
peptides are homologous to the b polypeptides in 
sequence (22% identity; 1.8 gap percent), and the 
a subunits in the crystallographic molecular model 
are superposable on the b subunits. Each a subunit, 
however, has only one covalently attached phyco-
cyanobilin, while each b subunit has two covalently 
attached phycocyanobilins, one in a location homol-
ogous to that occupied in an a subunit. In the 
(ab)6 hexamer, the eighteen prosthetic groups (one 
from each a subunit and two from each b subunit) 
are distributed evenly with the dihedral symmetry 
of the oligomer over the volume of the protein. The 
arrangement of the prosthetic groups in a rod 
formed from phycocyanin can be deduced from the 
spontaneous stacking of the individual (ab)6 hexamers 
of C-phycocyanin one on top of the other that occurs 
in the crystals of this protein. 
 Phycoerythrin and allophycocyanin are two 
phycobiliproteins closely related to phycocyanin, 
and their crystallographic molecular models are 
superposable on that of C-phycocyanin.1193,1206 Each 
ab asymmetric unit of phycoerythrin, however, has 
three phycoerythrobilins as prosthetic groups,1193 
while each ab asymmetric unit of allophycocyanin 
has only two phycocyanobilins instead of three.1206 
 The cylindrical rods of (ab)6 hexameric phyco-
biliproteins are gathered into phycobilisomes, each 
of which contains 20-70 (ab)6 hexameric phyco-
biliproteins. There are four different ways that have 
been identified in electron micrographs in which 
the rods are assembled into phycobilisomes: hemi- 
 

discoidal,1207 hemiellipsoidal,1208 block-type,1209 and 
bundle-type.1210 The different ways in which the 
rods are assembled are determined by the particu-
lar collection of linker proteins that join the rods 
together. In each instance, however, the rods are 
arranged around a central core of phycobiliproteins 
that is attached to the negative, basic surface of the 
reaction center and that funnels each electronically 
excited state originating in the bilins in the rods and 
the core into the reaction center of a photosystem I 
in a thylakoid.1190 Because the phycobiliproteins 
absorb light of shorter wavelengths, migration of 
the excited states into the membrane-embedded 
antenna of the associated photosystem II is exergonic. 
Each photosystem II in the thylakoid, however, is 
associated with a photosystem I in a megacomplex 
within the membranes of the thylakoids of cyano-
bacteria, and the electronic excitations gathered by 
the phycobilisomes can also migrate within this 
complex to photosystem II.1211 Molecular models 
of the block-shaped phycobilisome from Griffithsia 
pacifica1212 and the hemiellipsoidal phycobilisome 
from Porphyridium purpureum1213 have been con-
structed from image reconstructions of electron 
micrographs. 
 The molecular model of the block-shaped phyco-
bilisome from G. pacifica contains 62 (ab)6 hexa-
meric phycobiliproteins and 72 linker proteins. The 
linker proteins, in addition to assembling the cylin-
drical rods, also have bilins within them and bring the 
total number of bilins in the phycobilisome to 2048. 
The cylindrical rods of two to five (ab)6 hexameric 
disks of the phycobiliproteins (Figure 2-43) radiate 
outward from the central core in a structure resem-
bling a fan. The rods are held together in the structure 
by linker proteins that run down the hollow center 
of each rod, as well as linker proteins holding the 
rods to the core and linker proteins holding the 
phycobiliproteins in the core together. The distal 
phycobiliproteins in each rod radiating from the 
core are phycoerythrobilins. The linker proteins in 
the center of each rod, beyond those linker proteins 
within the first phycoerythrobilin in each rod, have 
phycourobilins within their sites for binding bilins. 
In about half of the rods, the phycobiliprotein most 
proximal to the core is a phycocyanobilin, and the 
phycobiliproteins in the core closest to the reaction 
center are allophycocyanins.. Because the linker 
proteins running through the center of each rod 
contain phycourobilins that have a maximum absorb-
ance at 500 nm, because the phycoerythrobilins in 
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Figure 2-43: Stereodrawing50 of the distribution of phycocyano-
bilins within the crystallographic molecular model of C-phyco-
cyanin from F. diplosiphons.1204 In the photosynthetic 
bacterium, (ab)6 hexamers of the protein, each assembled with 
dihedral symmetry of point group 322(D3), stack one on top of 
each other to form the cylindrical rod of a phycobilisome, and 
this arrangement is preserved in the crystal, which is formed 
from continuous cylindrical columns of hexamers packed side 
by side. In the drawing, the distribution of the phycocyano-
bilins in a single hexamer from one of these columns is 
presented. A crystallographic threefold rotational axis of 
symmetry runs through the center of each column and, 
consequently, through the center of the distribution of phyco-
cyanobilins in each (ab)6 hexamer. In the drawing, this exact 
threefold rotational axis of symmetry (dashed line) is 
horizontal and inclined at a 40ª angle to the plane of the page. 
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the distal portion of each rod have maximum absorb-
ances at 540 and 565 nm, because the phycocyanins 
have a maximum absorbance at 620 nm, and because 
the allophycocyanins have a maximum absorbance 
at 650 nm,1206 this distribution of the various bilins, 
in addition to covering a wide range of absorption 
wavelengths, creates a gradient of energy for electronic 
excitation from absorption at shorter wavelengths 
to absorption at longer wavelengths, down the rod 
and into the core. The electronic excitation produced 
by absorption of a photon by one of the prosthetic 
groups is passed down this gradient in the rods in 
the direction of the photosystem. 
  In the hemiellipsoidal phycobilisome from 
P. purpureum, which contains 52 phycobiliproteins, 
the rods of two to four (ab)6 hexameric disks also 
radiate from the core, but the arrangement of the 
rods is wider and more splayed than in the block-
shaped phycobilisome from G. pacifica. The same 
gradient—formed from distal linker proteins with 
phycourobilins (500 nm), distal phycoerythrobilins 
(540-565 nm), proximal phycocyanins (620 nm), 
and a core of allophycocyanins (650 nm)—is still 
found in this phycobilisome. 
 Two concentric elliptical rings—an inner ring 
of sixteen a subunits (60 aa), each contributing one 
membrane-spanning a helix, and an outer ring of 
sixteen b subunits (50 aa), each contributing one 
membrane-spanning a helix—together comprise 
light-harvesting protein LH1, which surrounds 
each reaction center in a purple bacterium.1214,1215 
The reaction center is in the center of these two 
concentric rings of sixteen membrane-spanning 
a helices, which cleave tightly to it and completely 
enclose it. These two rings of a helices entrap the 
thirty two bacteriochlorophylls a and sixteen spirillo-
xanthin molecules that comprise the primary antenna 
intimately associated with each reaction center. 
Although the structure is elliptical because the reac-
tion center is not circular, it has a twofold rotational 
axis of symmetry that superposes the eight ab sectors 
in each half ellipse, each sector enclosing their two 
bacteriochlorophylls a and their spirilloxanthin, on 
the eight in the other half. In addition to this primary 
antenna, however, there is an additional protein in 
the chromatophores, light-harvesting protein LH2. 
Light-harvesting protein LH2 from the purple bacte-
rium Rhodoblastus acidophilus is an (ab)9 nonamer 
that spans the membrane of the chromatophore. 
The ab asymmetric units are arrayed around a 
ninefold rotational axis of symmetry and create two 
concentric rings each containing nine a helices. 
Each a subunit (53 aa) within the inner ring and 

each b subunit (41 aa) within the outer ring contrib-
utes one transmembrane a helix to the entire 
structure. Eighteen bacteriochlorophylls a in an 
eighteenfold rotationally symmetric circular array 
are enclosed between the two rings of nine 
a helices (Figure 2-44),1216 and nine additional 
bacteriochlorophylls a are interspersed between 
the nine a helices of the b subunits in a more widely 
spaced ninefold rotationally symmetric circular array 
deeper in the membrane. There are also nine 
rhodopin ∂-glucosides arrayed around the ninefold 
rotational axis of symmetry. 
 The light-harvesting protein LH2 in purple photo-
synthetic bacteria, such as R. acidophilus, diffuses 
over the membrane of a chromatophore,1217 colliding 
frequently with the primary antenna, light-harvesting 
protein LH1, or it is in a weak association with 
light-harvesting protein LH1. The fact that the elec-
tronically excited state resulting from capture of a 
photon by light-harvesting protein LH2 always ends 
up in its ring of 18 bacteriochlorophylls a, while 
moving among the bacteriochlorophylls a in this ring 
with a rate constant of around 10,000 ns-1, means 
that whenever an excited molecule of this protein col-
lides at random with a molecule of light-harvesting 
protein LH1 or is in a particular evanescent complex 
with light-harvesting protein LH1, the electronically 
excited state will arrive at the point of contact between 
the two proteins almost instantaneously. It then mi-
grates within the complex from light-harvesting 
protein LH2 (lmax = 860 nm) to light-harvesting pro-
tein LH1 (lmax = 875 nm) with a rate constant1218 of 
200 ns-1, and it eventually migrates to the special pair 
of the reaction center in the complex with a rate 
constant1219 of 30 ns-1. 
 
 The physical explanation for absorption of the 
photon by the arrays of light-harvesting prosthetic 
groups in an antenna and migration of the resulting 
electronic excitation among them is not entirely 
clear.1194,1220-1223  
 If two light-harvesting prosthetic groups, the 
chromophores, are far enough apart and the initial 
absorption of the photon is confined to only one of 
these two chromophores, the consequent migration 
of electronic excitation from the initially excited 
chromophore, the donor, to the other chromophore, 
the acceptor, can be described satisfactorily by the 
process of radiationless transfer of energy by 
resonance.1224,1225 This formalism describes the 
migration of electronic excitation, without photon 
emission or absorption, to be the consequence of a 
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Figure 2-44: Stereodrawing50 of the distribution of bacterio-
chlorophylls a and rhodopin glucosides within the crystal-
lographic molecular model of light-harvesting protein LH2 
from R. acidophilus.1216 In the photosynthetic bacterium, 
(ab)9 nonamers of the protein, each assembled with cyclic 
symmetry of point group 9(C9), are integral membrane-bound 
proteins that diffuse translationally in a crowded membrane. 
In the figure, the distribution of the prosthetic groups in the 
crystallographic molecular model of one of these (ab)9 nona-
mers is presented. A ninefold rotational axis of symmetry (dashed 
line) runs through the center each array and, consequently, 
through the center of each (ab)9 nonamer. The 27 bacterio-
chlorophylls a that are bound within the protein are distrib-
uted by this rotational axis of symmetry into two circular rings, 
one containing 18 bacteriochlorophylls a and the other 9 
bacteriochlorophylls a. In the ring of eighteen, the bacterio-
chlorophylls a are tightly packed and touch each other, and 
each chlorin ring is perpendicular to the plane of the mem-
brane. The ring of eighteen bacteriochlorophylls a is on the 
side of the protein facing the positive, acidic surface of the 

membrane. In the ring of nine, the bacteriochlorophylls a are 
in a larger circle and more widely spaced and each chlorin ring 
is parallel to the plane of the membrane. The ring of nine is in 
the center of the membrane. Only the chlorin rings of bacterio-
chlorophylls a have been drawn; phytol chains, 2-carboxyethyl 
groups, and alkyl groups on each of them were not drawn in 
order to simplify the figure. The nine rhodopin glucosides are 
the long polyisoprenoids located between the bacteriochloro-
phylls a in the ring of nine. They are also distributed by the 
ninefold rotational axis of symmetry and oriented roughly 
perpendicular to the plane of the membrane, and they span its 
hydrophobic core. Only the carotenoid portions of the rho-
dopin glucosides are drawn. The glucosyl groups are at the end 
of each rhodopin-glucoside farthest from the ring of eighteen 
bacteriochorophylls a on the negative, basic surface of the 
membrane. The glucosyl groups are hydrophilic enough to 
anchor that end of the polyisoprenoid at the surface of the 
membrane. The ninefold rotational axis of symmetry is exactly 
normal to the plane of the membrane. 
 

  



Prosthetic Catalysis 
 

346 

dipole–dipole interaction the magnitude of which 
depends on the spectral overlap between the donor 
and acceptor states, the intermolecular distance 
between them, and the relative orientation of the 
transition dipole moments of the molecules. The 
symmetrically arrayed phycocyanobilins responsible 
for harvesting light in C-phycocyanin from F. diplo-
siphon (Figure 2-43), are spaced far enough apart 
that an electronically excited state produced by the 
absorption of a photon is always situated immediately 
only on one of the prosthetic groups, yet they are 
close enough together for efficient radiationless 
transfer of energy by resonance to occur. 
 The efficiency of radiationless transfer of energy 
by resonance, the ratio between the quanta trans-
ferred before the return of the electronically excited 
state to the ground state and the quanta absorbed 
that created that electronically excited state, depends 
inversely on r6, where r is the distance between the 
transition dipoles of the chromophores. It has been 
estimated that R0, the distance at which the efficiency 
for transfer of an electronic excitation between two 
phycocyanobilins in a C-phycocyanin by radiationless 
transfer of energy by resonance should be 50%, is 
5.0 nm.1226 In an individual phycobiliprotein and in 
the rods into which phycobiliproteins are assembled, 
each of the respective bilins, which in this case are 
the chromophores, is within 5 nm of at least one 
other,1204 and many of the pairs of bilins are less 
than 3 nm apart.1227 Since the dependence is to the 
sixth power, the difference between 5 and 3 nm is a 
factor of 20, which would increase the efficiency of 
transfer to 96%. 
 If prosthetic groups in an array, however, are 
close enough together and rigidly held in the prop-
er orientation, the electronically excited state that 
results upon absorption of a photon is delocalized 
over the entire array, as is the case with a special pair. 
This delocalization results from the strong coupling 
of their adjacent, stationary transition dipoles. In 
effect, the electronic excitation is not actually migrat-
ing among the closely and rigidly held prosthetic 
groups but distributed instantaneously among them, 
as is the case in any delocalization. 
 The light-harvesting protein LH2 from R. acido-
philus (Figure 2-44) illustrates the two extremes in 
mechanism for migration of electronic excitation. 
The eighteen bacteriochlorophylls a in the closely 
spaced continuous ring have strongly coupled 
transition dipoles, and at low temperature at least, 
the electronic excitation does not migrate among 
them but is delocalized among them. The nine bac- 

teriochlorophylls a in the more widely spaced ring, 
however, absorb photons as individual chromophores 
and the electronic excitation migrates among 
themselves and to the ring of eighteen bacterio-
chlorophylls a by radiationless transfer of energy by 
resonance. 
 For the eighteen bacteriochlorophylls a in the 
closely spaced continuous ring, the electronically 
excited state that results upon absorption of a photon 
is delocalized over the entire ring at a temperature 
of 1.2 K.1228 Although this complete delocalization 
requires the rigidity of the low temperature, at a 
temperature of 7 K, the electronic excitation migrates 
among the eighteen bacteriochlorophylls a in the 
ring with a rate constant1229 of 10 ps-1 rather than 
instantaneously, and there is strong coupling of their 
transition dipoles at room temperature.1230 The 
strong coupling of these eighteen bacteriochloro-
phylls a in the ring permits the electronic excitation 
to migrate among them more rapidly than the radi-
ationless transfer of energy by resonance from one 
of the nine, more distant bacteriochlorophylls a to 
the ring of eighteen.1231 
 When one of the nine widely spaced bacterio-
chlorophylls a absorbs light, the electronically ex-
cited state that results upon absorption of a photon 
is localized initially in the bacteriochlorophyll a 
that absorbed the photon.1228,1230 Migration of 
electronic excitation from one of the bacteriochloro-
phylls in the ring of nine to the ring of eighteen has 
a rate constant of 0.5 ps-1 at 77 K1219 and 0.4 ps-1 at 
300 K.1232 
 The strong coupling of the transition dipoles of 
bacteriochlorophylls a within the ring of eighteen 
and the relative orientation of those transition 
dipoles also shift the absorption of the bacterio-
chlorophylls a in this ring to longer wavelengths 
(850 nm), just as the enforced orientation of the 
transition dipoles in the special pair of a reaction 
center shifts the absorption of its bacteriochloro-
phylls b to longer wavelengths. The nine more 
widely spaced bacteriochlorophylls a in the ring at 
the center of the protein, however, absorb photons 
as individual chromophores with unperturbed 
absorption maxima at 800 nm. In each of the nine 
asymmetric units of light-harvesting protein LH2 
from R. acidophilus (Figure 2-44), there is also a 
carotenoid, in this instance the ∂-glucoside of rho-
dopin (1,2-dihydro-1-hydroxy-y,y-carotene),1233 that 
absorbs light with wavelengths from 450 to 550 nm. 
The resulting electronic excitation migrates from the 
carotenoid to the bacteriochlorophylls a with a rate 
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constant1232 of 4 ps-1 and an efficiency approaching 
100%.* Consequently the whole array is able to absorb 
light at 450-550 nm and 800-860 nm. Absorption at 
the shorter wavelengths, and hence higher energies, 
is funneled from the other prosthetic groups into 
the bacteriochlorophylls a in the ring of eighteen, 
from which it migrates to the antenna surrounding the 
reaction center. 
 The problem with describing migration of elec-
tronic excitation within the arrays of prosthetic 
groups in most photosynthetic antennae is that 
their spacing, orientation, and the rigidity with 
which the chromophores are held is intermediate 
between the extremes of radiationless transfer of 
energy by resonance and electronic delocalization. 
In many, if not most, situations, the magnitude of 
the electronic coupling between light-harvesting 
prosthetic groups is so large that the point dipole 
assumption of radiationless transfer of energy by 
resonance breaks down, but the spacing, orienta-
tion, and the rigidity with which the prosthetic 
groups are held is not such that widely distributed 
delocalization of the electronically excited state can 
occur. The situation is further complicated by the 
fact that migration of electronic excitation in an 
antenna can also display properties indicating that 
quantum coherence contributes significantly to the 
migration, even at ambient temperatures.1220 It seems 
that natural selection has discovered several differ-
ent means to transfer electronic excitation rapidly 
and with high efficiency. The issues in a physical 
description of migration of electronic excitation in 
a particular antenna are controversial enough and 
complicated enough to be beyond the scope of the 
present discussion. Nevertheless, efficiencies and 
rates of migration can be measured, and there is little 
doubt that the excitation is successfully funnelled 
from the point of initial absorption to the special pair.  
 The role of harvesting light is not confined 
completely to chlorophylls, carotenoids, and bilins. 
Deoxyribodipyrimidine photo-lyase, the photore-
duction of which has been described, is a widely 
distributed enzyme responsible for photolytically 
repairing cyclobutadipyrimidine dimers that result 
from unavoidable photolytic damage to double-
stranded DNA. In the different varieties of deoxy-
ribodipyrimidine photo-lyase, either 5,10-methenyl-
tetrahydropteroylpolyglutamate,1234 7,8-didemethyl-
8-hydroxy-5-carba-5-deazariboflavin,1235 flavin mono-
                                                
*The transfer of electronic excitation from carotenoid to bacterio-
chlorophyll is usually less efficient. Depending on the type of 
carotenoid and the energy levels for excitation of the bacterio-
chlorophyll, the efficiency can be as low as 30%. 

nucleotide,1236 or flavin adenine dinucleotide1237 acts 
as a light-harvesting prosthetic group, absorbing a 
photon and transferring the electronic excitation to 
the anionic conjugate base of flavin adenine dinucleo-
tide, H2Flred

-, responsible for providing the excited 
electron to the cyclobutadipyrimidine.1238 The un-
paired electron in the highest occupied molecular 
orbital of the electronically excited state of the reduced 
flavin is passed through the indolyl group of an adja-
cent tryptophan to the cyclobutanyl group of the 
cyclobutadipyrimidine to form the radical anion of 
the cyclobutanyl group that then dissociates to 
produce the two undamaged pyrimidines.1239 
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Problem 2-26: Draw the structure of heme b, the 
structure of phycoerythrobilin, the structure of 
phycocyanobilin, and the structure of 15,16-dihy-
drobiliverdin.1240 Phycocyanobilin and phyco-
erythrobilin both have two isomers at carbon 3. 

 
 (A) Draw each of the isomers. 
 (B) Why should there be a reasonable equilibrium 

between the two isomers? 
 (C) Draw phycoerythrobilin and 15,16-dihydro-

biliverdin attached at their two ends to cyste-
ines.1188,1193 
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Photoisomerization 

There are several prosthetic groups in which a par-
ticular double bond is isomerized from the initial 
E or Z conformation to the opposite conformation 
as a result of absorption of a photon of light. Such 
photoisomerizations also occur in nonenzymatic 
chemical reactions. For example, when a molecule 
of (E)-stilbene dissolved in a 4:1 mixture of ethanol 
and methanol at 25 ªC absorbs a quantum of light 
at 313 nm, the Z isomer and E isomer are produced 
during the decay of the electronically excited state 
in a 1:1 ratio,1241 even though (Z)-stilbene is signifi-
cantly less stable in the ground state than (E)-stilbene. 
When a quantum of light is absorbed by a molecule 
of (E)-stilbene, an excited singlet state is produced 
in which the excited electron occupies an anti-
bonding molecular orbital. The isomerizing bond is 
at a node in the antibonding orbital. The electron 
repulsion of the p orbitals across the isomerizing 
bond is relieved by twisting one side of the bond 
relative to the other. This torsional rotation produces 
a state in which the dihedral angle across the bond 
that is isomerizing is significantly less than the 180ª 
of the ground state.1242,1243 From this twisted transition 
state, the electronically excited state decays to the 
E isomer or the Z isomer in the observed ratio of 
1:1.1244 
 One of the simplest biochemical prosthetic 
groups that undergoes photoisomerization is the 
(E)-4-hydroxycinnamic acid esterified to Cysteine 69 

 

in photoactive yellow protein from Halorhodospira 
halophila.1245,1246 Upon excitation with blue light 
of wavelength 445 nm, which is the maximum of its 
visible absorption within the protein, the quantum 
yield for the Z isomer from the electronically excited 
state is 0.64.1247 
 There are crystallographic molecular models 
of the various conformational changes that occur 
to the chromophore and its surroundings over an 
interval from 150 fs to 10 ms following the absorp-
tion of light.1248-1252 From one of these crystallo-
graphic time courses, it could be determined that 
the rate constant for isomerization of the carbon–
carbon double bond to the Z conformation1248 is 
3 ns-1. 
 In crystallographic molecular models of the 
ground state, the peripheral 4-hydroxyphenyl group 

of the 4-hydroxycinnamoyl group is held firmly by 
two hydrogen bonds between its 4-hydroxy group 
and the 4-hydroxyphenyl group of Tyrosine 42 and 
the carboxy group of Glutamate 46. The thioester is 
in the trans conformation, and its acyl oxygen 
forms a hydrogen bond with the amido nitrogen–
hydrogen bond of the cysteine to which it is es-
terifed, as in 2-84. After an interval of 100 ns, two 
different conformations of the active site are ob-
served in approximately equal concentrations.1249 
In one conformation, the two hydrogen bonds to 
the 4-hydroxy group remain intact, the thioester 
has flipped over in response to the photoisomeriza-
tion but remains in the trans conformation,1252 and 
its hydrogen bond to the amido group has broken. 
In the other conformation, the two hydrogen bonds 
to the 4-hydroxy group have broken, the thioester 
has not flipped over and remains in the trans con-
formation in the same location as it was in the 
ground state, and the 4-hydroxyphenyl group, freed 
from the hydrogen bonds, has flipped over.1250 Af-
ter an interval of 100 ms following the absorption of 
light, only one conformation of the Z isomer has 
become predominant. In this conformation, the two 
hydrogen bonds to the 4-hydroxy group have been 
broken, the 4-hydroxyphenyl group has flipped 
over, the thioester, which remains in the trans con-
formation, is no longer flipped over, the hydrogen 
bond between the amido group of the cysteine and 
the acyl oxygen of the thioester has reformed, and 
the thioester is in the same position as in the 
ground state.1251 At this point, a global conforma-
tional change in the protein has occurred.1253 This 
global conformational change initiates, for example, 
a repellent response of the bacterium H. halophila 
toward intense blue light.1254 The prosthetic group 
slowly (3 s-1)1255 returns thermally to the E isomer, 
and the conformation of the ground state is re-
sumed to complete the photocycle. 
 Phytochrome is a protein that contains a phy-
tochromobilin. Phytochromobilin is closely related 
to phycocyanobilin (2-82), the only difference being 
that the ethenyl group at carbon 18 in biliverdin 
(2-81) is not reduced to an ethyl group during its 
modification to phytochromobilin. Phytochromo-
bilin is attached as usual through a sulfide linkage 
at carbon 3 (2-83). Upon absorption of light at 
670 nm, the double bond at position 15 photoisom-
erizes from the more stable Z isomer (see 2-82) to 
the E isomer.1256,1257 The photoisomerization initiates 
a sequence of events that, in five discrete steps taking 
about 0.25 s, produces a conformational change of 
the protein1258 that registers the fact that light has 

S

O NO
H

OH
2  – 84



Photoisomerization 
 

349 

been absorbed. This altered conformational change 
initiates responses to light in a higher plant that 
control germination of seeds, biosynthesis of chloro-
phyll, inhibition of stem elongation in the dark, expan-
sion of leaves, and flowering.1259 The return of the 
phytochromobilin to the Z isomer at at position 15, 
although exergonic, is achieved photochemically 
rather than thermally through another photoisom-
erization requiring light of 730 nm and with a com-
posite rate constant1260 of 200 s-1. The return of the 
prosthetic group to the Z isomer following the second 
photoisomerization completes the photocycle. 
 Retinal, which is the aldehyde of one half of 
b,b-carotene (2-78) 

 

is a carotenoid that is covalently bound as a pros-
thetic group through an imine with a lysine in an 
opsin to produce a rhodopsin. An opsin is a protein 
composed of a single polypeptide of 250-450 amino 
acids, depending on the species, that is embedded 
in a biological membrane. The polypeptide is folded 
into seven a helices, each of which is about 20 amino 
acids long and spans the membrane, with loops of 
variable length connecting the helices. 
 The visual pigments in a mammalian eye are 
rhodopsins. They are a set of homologous proteins: 
visual rhodopsin, long-wave-sensitive visual rho-
dopsin, medium-wave-sensitive visual rhodopsin, 
and short-wave-sensitive visual rhodopsin. Their 
function is to register photons of visible light. The 
chromophore in each of these proteins is retinal, 
which is present in the active site as a retinyl group 
linked to the protein through an imine with the 
amino group of a lysine. In the dark-adapted retina, 
the retinyl group within visual rhodopsin is in the 
Z isomer at position 11. When retinal is in free solu-
tion in an organic solvent or in the phospholipid 
bilayer of the membrane in which the visual rho-
dopsin is located, this (7E,9E,11Z,13E)-retinal is the 
less stable isomer relative to (7E,9E,11E,13E)-
retinal (all-trans-retinal). Nevertheless, in the dark 
and in solution, (7E,9E,11Z,13E)-retinal, like any 
other compound containing a cis double bond, 
does not isomerize spontaneously in the absence of 
a catalyst. 
 

 In the crystallographic molecular model of 
bovine visual rhodopsin,1261-1263 the cis double bond 
at position 11 is twisted out of planarity by 45ª, making 
the retinyl group even less stable. Upon the absorption 
of light by the (7E,9E,11Z,13E)-retinyl group attached 
to the lysine of the opsin in visual rhodopsin, the 
instantaneously formed Franck–Condon electroni-
cally excited state decays with a rate constant1264 of 
5 ps-1 to an excited intermediate in which the dihedral 
angle of the double bond at position 11 has increased 
even further as a result of repulsion from the anti-
bonding molecular orbital occupied by the excited 
electron.1265 This form of the electronically excited 
state, which is distorted even further toward the 
thermally more stable (7E,9E,11E,13E) isomer by 
the protein itself,1266 then decays to a static 2:1 mix-
ture of the E and Z isomers at position 11. In this 
mixture, the two stereoisomers do not equilibrate 
with each other. The isomerization of the retinyl 
group in the bovine visual rhodopsin, in addition to 
changing the double bond from cis to trans, causes 
the bond between nitrogen 7 of the lysine and car-
bon 15 of the retinyl group to rotate almost 180ª 
and the cyclohexyl ring also to rotate 180ª1267 

         
              (2-196) 

The conformational change of the retinyl group in 
the visual rhodopsin from Todarodes pacificus, 
however, upon isomerization of the double bond at 
position 11 produced by the absorption of light, is 
much less dramatic.1268 
 Coincident with absorption of a photon and 
isomerization of the retinyl group from Z to E,1269,1270 
bovine visual rhodopsin undergoes a change in 
conformation in response to the dramatic change 
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that has occurred in the structure of the retinyl 
group (Equation 2-196). This change in confor-
mation of the protein is the event that registers 
absorption of the photon and leads to visual percep-
tion. 
 Following the change in conformation of the 
visual rhodopsin, the thermally more stable 
(7E,9E,11E,13E)-retinal is released from the opsin 
and the less stable (7E,9E,11Z,13E)-retinal is regen-
erated in a sequence of enzymatic steps1271 that 
proceed while the retinal and the other intermediates 
in the sequence are free solutes in the phospholipid 
bilayer of the membrane of the rod or cone. The 
enzyme that catalyzes the actual reisomerization, 
retinoid isomerohydrolase, couples the unfavorable 
conversion of the double bond at position 11 from 
trans to cis with the favorable hydrolysis of the 
ester between (7E,9E,11E,13E)-retinol and palmitic 
acid.1272-1274 The isomerization involves an allylic 
carbocationic intermediate1275 at positions 12, 13, 
and 14 resulting from the hydronation of carbon 11. 
The reassociation of (7E,9E,11Z,13E)-retinal with a 
molecule of opsin completes the photocycle. 
 There are a number of bacteria and archaea 
that have a bacteriorhodopsin, particular to their 
species, in their membranes. In contrast to the retinyl 
group in visual rhodopsin, the retinyl group in 
bacteriorhodopsin from Halobacterium salinarum, 
in the light-adapted, continuously cycling state 
immediately prior to the absorption of a quantum 
of light, exists as the thermally more stable 
(7E,9E,11E,13E) isomer. Also in contrast to visual 
rhodopsin, the Z isomer at carbon 13, rather than 
the Z isomer at position 11, is produced by the photo-
isomerization.1276-1279 The initial absorption of a 
photon is followed by a photocycle with a number 
of different intermediates, distinguished by their 
absorption spectra.1280 Crystallographic molecular 
models1281,1282 of all the intermediates in this 
photocycle are available.1281,1283-1288 The function 
of bacteriorhodopsin in H. salinarium is to use the 
energy stored in the photoisomerization to move a 
hydron across the membrane. The hydron is 
transported from the negative, basic solution on 
the one side of the membrane to the positive, acidic 
solution on the other. In the flavobacterium Dok-
donia eikasta, there is a homologous (22% identity; 
3.3 gap percent) bacteriorhodopsin that uses a similar 
mechanism to transport a sodium ion from a solution 
of low concentration to a solution of high concen-
tration.1289 
 In the initial state, immediately prior to photo-
isomerization, the nitrogen–hydrogen bond of the 

hydronated iminium at carbon 15, adjacent to the 
E double bond at position 13 (see 2-85 and Equa-
tion 2-196) in the bacteriorhodopsin from H. salin-
arum, is pointed in the direction of the positive, 
acidic side of the membrane1281 and is the donor in 
a hydrogen bond to a molecule of water pinned in 
place by hydrogen bonds1290 to Aspartates 85 and 
212. After the electronically excited state produced 
by absorption of a photon has relaxed and the double 
bond at position 13 has isomerized to the Z isomer, 
a torque is exerted on this imine by the Z config-
uration of the adjacent double bond. Both crystal-
lographic molecular models1290 taken at 16, 290, 
and 760 ns and solid-state nuclear magnetic spectra 
taken in the same interval1291 indicate that as the 
isomerization proceeds, the hydronated iminio group 
swings past the hydroxy group of Threonine 89, 
which is a donor in a hydrogen bond with the car-
boxylato group of Aspartate 85 in the ground state, 
and that as it swings by, the hydron is transferred 
from the lysyl iminium to the hydroxy group of 
Threonine 89 and relayed through the hydroxy 
group to the carboxylato group of Aspartate 85 on 
the side of the retinyl group closest to the positive, 
acidic side of bacteriorhodopsin. The hydron is re-
layed from the carboxy group of Aspartic Acid 85 
through two molecules of water to the guanidinio 
group of Arginine 82 and eventually to the positive, 
acidic side of the protein. Following the transfer, 
the two molecules of water dissociate from the pro-
tein as a result of slower conformational changes to 
the carboxy groups holding them in place that are 
induced by the isomerization of the retinyl 
group,1290 so there is no path on which the hydron 
can return. 
 The unhydronated imino group has been 
turned by the torque of the adjacent Z double 
bond, so its lone pair of electrons, from which the 
hydron was transferred to the hydroxy group of 
Threonine 89, faces in the opposite direction toward 
the negative, basic side of the bacteriorhodopsin, 
just as the imine in visual rhodopsin rotates almost 
180ª following the photoisomerization of the retinyl 
group (Equation 2-196). Following this pivot, the 
lone pair of electrons on the imino nitrogen picks up 
a hydron relayed from the carboxy group of Aspartic 
Acid 96 on the negative, basic surface of the bacterio-
rhodopsin. A conformational change in the protein, 
induced by the photoisomerization of the retinyl 
group, opens a channel between the carboxy group 
of Aspartic Acid 96 and the lone pair of electrons on 
the imino nitrogen. This channel becomes occupied 
by three molecules of water that form a continuous 
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chain of hydrogen bonds, from the carboxy group 
of Aspartic Acid 96 to the lone pair of electrons on 
the imino nitrogen,1292 through which a hydron from 
the negative, basic solution is transferred to the imino 
nitrogen. In this instance, the conformational change 
has assembled rather than disassembled a chain of 
molecules of water joined by hydrogen bonds. 
 Following all these more rapid steps, the more 
stable (7E,9E,11E,13E)-retinyl group is regenerated 
thermally with a rate constant of 200 s-1. During 
this regeneration, the nitrogen–hydrogen bond of 
the hydronated iminium rotates back to the initial 
position, pointed in the direction of the positive, 
acidic side of the membrane.1284 During this thermal 
isomerization, the hydron must remain on the nitro-
gen so that it is pointed to the positive, acidic side 
of the membrane. The net result is that one hydron 
is released into the solution on the positive, acidic side 
of the membrane and one hydron is taken up from 
the negative, basic side for every photon absorbed, 
and the free energy required to formally transport 
the hydron against the electrochemical gradient 
from the negative, basic solution to the positive, 
acidic side of the membrane is supplied by the 
photon of light absorbed by the retinyl group. 
 The answers to the most important questions, 
however, remain unclear. What forces the imine to 
be hydronated before it begins to flip during its 
conformational change in response to the photo-
lytic isomerization of the retinyl group from all 
trans to 13-cis? What forces the imine to be dehy-
dronated by the hydroxy group of Threonine 89 
while it passes by so that, when it completes the 
flip, it is dehydronated? What forces the imine to be 
hydronated before it can flip back in response to 
the thermal isomerization of the retinyl group from 
13-cis to all trans? What forces the iminium to remain 
hydronated as it presumably again passes by the 
hydroxy group of Threonine 89 so that it brings the 
hydron to the other side of the retinyl group? The 
answers to these questions probably rely on a careful 
tabulation of the positions of all the hydrons in the 
hydrogen bonds in which the hydroxy group of 
Threonine 89 participates and all the hydrogen 
bonds among the atoms that relay a hydron to the 
positive, acidic solution and a hydron from the 
negative, basic solution. Similar issues will arise later 
with regard to H+-transporting two-sector ATPase. 
 The retinyl group is long and bulky. Because it 
is hydrophobic along its entire length, there are no 
donors or acceptors for hydrogen bonds to enforce a 
particular rotational isomer. In the various rhodopsins, 
the retinyl group is almost completely surrounded 

by mostly hydrophobic side chains.1267 There can 
be little doubt that the structure of the active site 
formed by this constellation of hydrophobic amino 
acids surrounding a particular rhodopsin influences 
the course of the particular photocycle for which it 
is responsible. For example, the structure of the 
active site of bacteriorhodopsin must determine 
that the (7E,9E,11E,13Z) isomer is the major prod-
uct of the photoisomerization rather than the 
(7E,9E,11E,13E) isomer and then must determine 
that the major product of the thermal equilibrium 
between the two isomers, when a photon has not just 
been absorbed, is the (7E,9E,11E,13E) isomer of the 
retinyl group, which happens to be the inherently 
most stable isomer in solution but not necessarily 
the more stable on an active site. The active site in 
visual rhodopsin distorts the double bond at posi-
tion 11 in the (7E,9E,11Z,13E) retinyl group (Equa-
tion 2-196), presumably to weaken it, but does not 
distort it enough to break it and cause it to isomer-
ize because, in the dark, the (7E,9E,11Z,13E) isomer 
remains unisomerized. The active site of visual 
rhodopsin then exploits the inherent stability of the 
(7E,9E,11E,13E) isomer, which the active site has 
caused to be the major photoproduct, to leverage 
the conformational change. 
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Oxides and Hydrides of Hydrogen, 
Nitrogen, Oxygen, and Sulfur 

Molecular nitrogen is diatomic and has 10 valence 
electrons, and molecular oxygen is diatomic and 
has 12 valence electrons. The molecular orbital 
systems (Figure 2-45)675 occupied by these electrons 
to form the bonds in molecular nitrogen (N2) and 
molecular oxygen (O2) are the same, and they are 
the same as the molecular orbital systems of the 
other diatomic molecules of the elements of the se-
cond period, such as molecular fluorine (F2), car-
bon monoxide (CO), and nitric oxide (NO· ) and the 
diatomic ions of the elements of the second period,1293 
such as the conjugate base of nitroxyl (ON-), carbide 
ion (CC2-), and cyanide ion (CN-) as well as diatomic 
intermediates of atoms from the second period in 
enzymatic reactions. The nuclei, however, and, 
consequently, the energy levels of the respective 
molecular orbitals in each of these molecules and 
ions differ because the energy levels of the atomic 
orbitals that mix to form the molecular orbitals differ. 
In the diatomic molecules and ions in which the two 
atoms are different, the shapes of the molecular 
orbitals are asymmetric because of the differences 
in electronegativity of the two atoms. There are 
both s molecular orbitals and p molecular orbitals 
between the two respective atoms in these diatomic 
molecule or diatomic ions. 
 The two s  molecular orbital systems, ss and 
sp, are formed by the combination of two 2s atomic 
orbitals, one from each atom, and the combination of 
two 2pz atomic orbitals, one from each atom, respec-
tively (Figure 2-45). The 2pz orbitals are the 2p orbitals 
that lie along the line of centers between the atoms. 
These two pairs of atomic orbitals, s and p, combine 
to create two pairs of s molecular orbitals. Each 
pair contains a bonding s molecular orbital and an 
antibonding s molecular orbital. Because all four of 
the constituent atomic orbitals, the two 2s atomic 
orbitals and the two 2pz atomic orbitals, were cylin-
drically symmetric with the axis between the two 
nuclei before they mixed, the four molecular orbitals 
in the two s molecular orbital systems that they 
create are also cylindrically symmetric around the 
axis between the atoms,675,1294-1296 but they are 
asymmetric about axes perpendicular to the central 
axis when the atoms are different. The resulting four 
molecular orbitals are considered to be s molecular 
orbitals because they form bonds and antibonds 
along the line of centers between the two atoms. 
 

 
 
Figure 2-45: One of several ways to depict the molecular 
orbitals of the O2 molecule.675 The drawings of the individual 
molecular orbitals are distributed and labeled as they are in 
2-87. The two lowest, cylindrically symmetric s molecular orbi-
tals along the line of centers between the two oxygen atoms 
(ss and ss*) are formed from the overlap of two s atomic 
orbitals, one from each oxygen atom. The two highest 
cylindrically symmetric s molecular orbitals along the line of 
centers between the two oxygen atoms (sp and sp*) are formed 
from the overlap of two pz atomic orbitals, one from each 
oxygen atom. The two pairs of p molecular orbitals, which are 
orthogonal and degenerate to each other, are formed from the 
px orbitals (px and px*) and the py orbitals (py and py*) of the 
two oxygen atoms. In the ground state, the distribution of 
electrons in these orbitals is as in 2-87. Reprinted with per-
mission from reference 675. Copyright 1979 Annual Reviews, Inc. 
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 The two p  molecular orbital systems, px and py, 
are formed as shown in Figure 2-45. The px molecular 
orbital system is formed by the overlap of the two 
parallel px orbitals, one from each atom, which creates 
a bonding p molecular orbital (px) and an antibonding 
p molecular orbital (px*). The py molecular orbital 
system is formed by the overlap of the two parallel 
py orbitals, one from each atom, which also creates 
a bonding p molecular orbital (py) and an antibonding 
p molecular orbital (py*). Because the px and py orbitals 
on each atom were orthogonal and degenerate, the 
two p molecular orbital systems they create are 
perpendicular to each other, orthogonal, and degen-
erate; as, for example, are the two p molecular orbital 
systems in ethyne. 
 The energy levels of these molecular orbitals 
are distributed in the order of the atomic orbitals 
that form them 

 

To the right and to the left, the diagram shows the 
energy levels of the atomic orbitals of the two at-
oms that mix among themselves to produce the 
molecular orbitals of the molecule, which are dis-
played in the center. The total number of molecular 
orbitals is always equal to the sum of the atomic 
orbitals that mixed together.  
 The first ten valence electrons in a diatomic 
molecule or ion fill the molecular orbitals in order 
of their energy: the two bonding s molecular orbitals 
(ss and sp,) the antibonding s molecular orbital of 
lowest energy (ss*), and the two bonding p molecular 
orbitals (px and py). Because two bonding s molecular 
orbitals and one antibonding s molecular orbital 
are occupied by six electrons, there is a net number 
of one s  bond. Because two bonding p molecular 
orbitals are occupied by four electrons, there is a 
net number of two p  bonds. This distribution of 
electrons completes the catalogue of occupied 

molecular orbitals of N2, as well as CO, CC2-, and 
CN-. In each case, the five molecular orbitals of 
lowest energy are filled with the ten valence elec-
trons, and there is a net number of three bonds be-
tween the two atoms, two p bonds and one s bond. 
As a result, one way to represent molecular nitrogen 
is N?N. 
 The remaining two valence electrons in molec-
ular oxygen, however, are found in the two separate 
antibonding p  molecular orbitals,675,1294-1296 formed 
from overlap out of phase (Figure 2-45) of the two 
2px and the two 2py atomic orbitals, respectively 

 

The two orthogonal, antibonding p molecular orbitals, 
px* and py*, are degenerate, and by Hund’s rule, 
each is occupied by an unpaired electron. This distri-
bution of electrons causes molecular oxygen in its 
ground state to be a triplet diradical and paramag-
netic. Only one of these two antibonding p molecular 
orbitals is occupied by the single unpaired electron 
in NO· , which is a stable radical. 
 The four electrons in the two bonding p molec-
ular orbitals and the two electrons in the two anti-
bonding p molecular orbitals in molecular oxygen 
produce the equivalent of one p  bond. Conse-
quently, molecular oxygen can be abbreviated as if 
it had a double bond, one s bond and one p bond, 
O=O, as is the case in a carbon–carbon double bond. 
Another way of abbreviating it, however, would be 

, which accounts for all twelve valence electrons 
and indicates approximately where they are, but 
this representation is cumbersome and difficult to 
set in type. Even though the two unpaired electrons  
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are in separate antibonding orbitals, with a node 
between the two oxygens, they are delocalized over 
the two atoms of oxygen, and this delocalization 
does provide extra stabilization to the bonding in 
the p molecular orbital system beyond what would 
be realized by only a single p bond.1297 The fact, 
however, that the antibonding molecular orbitals 
in the s molecular orbital systems are filled weak-
ens the oxygen–oxygen s bond and makes it more 
susceptible to dissociation. 
 The two unpaired electrons of molecular oxygen 
in the two degenerate p molecular orbitals have spins 
of the same sign in the triplet ground state. Upon 
excitation in an appropriate fashion, one of the two 
electrons can have its spin inverted to create an 
excited singlet state in which the two electrons are 
of opposite spin. There are two excited singlet states: 
one in which the two electrons of opposite spin are 
in the same antibonding p* molecular orbital and 
one in which they are split between the two anti-
bonding p* molecular orbitals. The triplet state of 
molecular oxygen engages in homolytic radical 
chemistry and single electron transfer. The hetero-
lytic, singlet electronically excited state of molecular 
oxygen, in which the two electrons are in the same 
antibonding p* molecular orbital, can participate as 
an electron-deficient dienophile in a cycloaddition 
reaction with an electron-rich diene and can partic-
ipate in a [2 + 2] cycloaddition with an olefin to 
produce a dioxetane, and the pair of electrons in 
the p bond of an olefin as a nucleophile can add to 
one of the oxygen atoms in singlet oxygen acting as 
an electrophile to form a peroxirane.1298 
 In molecular oxygen, the two p molecular orbitals 
that are each occupied by an unpaired electron are 
antibonding but only half-filled. The addition of one 
electron to one of these two antibonding orbitals 
produces the superoxide radical anion 

          (2-197) 

This reaction, even though it fills an orbital, is not a 
favorable one [Eª¢ = -330 mV (standard state of 105 
pascals of oxygen)]1299,1300 because the electron is 
added to an antibonding orbital. Unlike the other 
intermediates in the reduction of molecular oxygen, 
as well as molecular oxygen itself, the superoxide 
radical anion is a mild reducing agent. 
 The addition of a second electron to the remain-
ing unfilled, antibonding p molecular orbital, which 
is very favorable under standard conditions, makes 
the dioxygen diamagnetic because all electrons are 

now paired. It also produces an electron-rich mole-
cule, the peroxide dianion, that is quite basic and 
picks up two hydrons at pH 7 to form two oxygen–
hydrogen s bonds, one to each oxygen. This one-
electron reduction and dihydronation forms hy-
drogen peroxide1300,1301 

   
                (2-198) 

 The acid dissociation constants of the conjugate 
acids of superoxide radical anion and of hydrogen 
peroxide define the character of the respective lone 
pairs of electrons in these two molecules. Molecular 
oxygen is not basic because the two pairs of non-
bonding s electrons it contains (Figure 2-45) are, 
at best, located in two sp atomic orbitals or, at 
worst, delocalized into molecular orbitals cylindrically 
symmetric to the axis of the molecule, and pairs of 
electrons in p bonds are always poor bases. 
 After an electron is added to molecular oxygen 
to produce the superoxide radical anion, the mole-
cule becomes considerably more basic1302 

                 (2-199) 

This basicity suggests that the s electrons in super-
oxide radical anion are not all delocalized as they 
are in molecular oxygen. This pKa is low enough 
relative to that of water (pKa = 15.7) to suggest that 
there is considerably less p character in the s lone 
pair of electrons accepting the hydron in superox-
ide radical anion than there is in an sp3 s lone pair 
of electrons on hydroxide, which is the conjugate 
base of water, even when the electron withdrawal 
of the other oxygen is taken into account. 
 The pKa of dihydrogen superoxide radical cat-
ion1301 

            
               (2-200) 

is 1.2. This value suggests that the basic lone pairs 
of electrons in the conjugate base, hydrosuperoxide 
radical, are similarly hybridized to those in super-
oxide radical anion, the conjugate base of hydrosuper-
oxide radical (Equation 2-199). The two successive 
acid dissociations resemble the two successive acid 
dissociations in a diprotic acid. The only difference 
  

O2  +  e–  1  O2
·–

O2
·–  +  2 H+  +  e–  1  H2O2       E ª  =  + 940 mV

HO2
·  1  H+  +  O2

·–       pKa = 4.7

H2O2
·+  1  H+  +  HO2

·            pK a  =  1.2
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 between the basic lone pairs of electrons in hydro-
superoxide radical and superoxide radical anion is 
that in the former case the oxygen on which they 
reside is immediately adjacent to a hydroxy group 
and in the latter case they are immediately adjacent 
to an oxyanion. It is also the case that the pKa for 
dihydrogen superoxide radical cation (Equa-
tion 2-200) is higher than the pKa for the oxygen of 
the conjugate acid of formaldehyde 

           
                (2-201)  

The replacement of a methylene carbon with a 
hydroxy group should only lower the pKa of the 
sp2 oxygen. This comparison suggests that there is 
more p character in the s lone pair of electrons 
accepting the hydron in hydrosuperoxide radical 
than in the sp2 s lone pair of electrons on formal-
dehyde. 
 If the hybridizations of the basic lone pairs of 
electrons in superoxide radical anion and those in 
hydrosuperoxide radical are similar, if not the 
same, the conclusion that the basic lone pairs in 
these two molecules have less p character than a 
lone pair of electrons on the sp3 oxygen of a hy-
droxide and more p character than the sp2 oxygen 
on formaldehyde suggests that their hybridization 
is somewhere in between. 
 After a second electron has been added to molec-
ular oxygen, there would be as many antibonding 
p electrons (four) as bonding p electrons (four) if 
the molecular orbital structure of molecular oxygen 
(2-87) were retained. For this reason, the p molecular 
orbitals become even weaker, and in a hydrogen-
bonding solvent like water, they decompose com-
pletely into localized s  lone pairs of electrons on 
each oxygen. This rehybridization is reflected in the 
acid dissociation constant of hydrogen peroxide 

     
                (2-202) 

which is that expected of a simple hydroxy group 
with a strong electron-withdrawing group attached 
to it [for example, pKa(CF3CH2OH) = 12.5]. That only 
a single s bond remains is also reflected in the long 
bond length (0.148 nm) of hydrogen peroxide. The  
 

dihedral angle between the two hydrogens (92ª) in 
hydrogen peroxide can also be explained by the 
consideration that, were the value of this angle 90ª, 
each of the two sp3 lone pairs on one oxygen would 
be as far as possible from being parallel to either of the 
two sp3 lone pairs on the other oxygen. This dihedral 
orientation of 92ª minimizes electron repulsion. 
 In molecular oxygen, the s molecular orbital 
system is delocalized and there are no basic lone 
pairs of electrons. In hydrogen peroxy ion, the 
basic lone pairs are similar if not the same as the 
oxygens on a hydroxy group that are hybridized sp3. 
The hybridization of the lone pairs of electrons on the 
superoxide radical anion and the hydrosuperoxide 
radical is somewhere between sp2 and sp3. For the 
sake of argument and for simplicity, it will be assumed 
that the two oxygens in the superoxide radical anion, 
although they are weak bases, are effective accep-
tors for hydrogen bonds and that when superoxide 
radical anion is dissolved in water, a hydrogen-
bonding solvent, it is hybridized so that, in one 
plane, each oxygen has two sp2 lone pairs of electrons 
accepting hydrogen bonds and, in the orthogonal 
plane, there is a p molecular orbital system occupied 
by three electrons 

 

This electronic structure in aqueous solution resem-
bles, at each oxygen, the electronic structure at the 
oxygen of formaldehyde (Equation 2-201). It is 
promoted by the weakening of the p system to the 
benefit of the s system, owing to addition of the extra 
electron to one of the antibonding p molecular orbitals 
on molecular oxygen. The result of the consequent 
breakdown of the p molecular orbital system to 
which the electron has been added is that the now-
filled antibonding p molecular orbital becomes a 
localized s lone pair of electrons on one oxygen and 
the associated, filled bonding p molecular orbital 
becomes a localized s lone pair of electrons on the 
other oxygen. Either the occupation of the one 
antibonding p molecular orbital in the gas phase or 
this reconfiguration of the electronic structure in 
water lowers the bonding order from 2 to 1.5, which is 
reflected in the lengthening of the oxygen–oxygen 
bond from 0.121 nm in molecular oxygen to 0.133 nm 
in superoxide radical anion, about half the distance 
to the single bond in hydrogen peroxide. 
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 There are two more one-electron steps in the 
reduction of oxygen to two molecules of water. 
When one electron is added to hydrogen peroxide, 
the s bond dissociates and hydroxide and hydroxyl 
radical are produced.1300,1303 The hydroxide (pKa = 15.7) 
immediately associates with a hydron to form wa-
ter as the ultimate product  

               (2-203) 

Hydroxyl radical is a strong and dangerous oxidant 
that can pull an electron1300 

  
                (2-204) 

or a hydrogen atom 

  
                (2-205) 

from almost anything during its reduction to hydrox-
ide or water.1303 In biochemical situations, the two 
final steps in the reduction of molecular oxygen 
(Equations 2-203 and 2-204) are usually forced to 
be concerted1300,1303 

                    (2-206) 

to avoid the production of hydroxyl radical. 
 There are several chemical features of molecular 
oxygen that must be taken into account by the 
prosthetic groups that react with it. Its s lone pairs 
of electrons are neither basic nor nucleophilic. It is 
a triplet molecule, a diradical with two unfilled 
p molecular orbitals. These molecular orbitals are 
antibonding, so their occupation rearranges the 
electronic structure of the molecule. 
 
 There are flavoenzymes that use molecular 
oxygen as a general oxidant to reoxidize reduced 
flavin produced during oxidations of their respective 
nominal reactants.* For example, in glucose oxidase, 
oxidized flavin oxidizes ∂-glucose to ∂-glucono-
lactone, and the resulting reduced flavin is then re-

                                                
*In such situations the flavoenzyme is usually called an 
“oxidase”. The nominal reactant gives the particular name to 
the oxidase—for example, ∂-glucose and glucose oxidase—and 
the general oxidant is a molecule of oxygen. 

oxidized by molecular oxygen to then oxidize the 
next ∂-glucose. During the reaction catalyzed by 
glucose oxidase and the other flavoprotein oxidases, 
molecular oxygen is reduced by the two electrons 
from the reduced flavin to hydrogen peroxide 
(Equations 2-197 and 2-198). In most cases, oxida-
tion of the nominal reactant is the purpose of the 
flavoprotein oxidase, and the hydrogen peroxide is 
an undesired product that is usually disproportion-
ated to water and molecular oxygen by catalase. In 
the case of aryl-alcohol oxidase from Pleurotus 
eryngii, however, the production of hydrogen peroxide 
is the purpose of the enzyme, and the nominal sub-
strate, an aromatic primary alcohol such as veratryl 
alcohol, is recycled.1304 
 When molecular oxygen is used in a flavoprotein 
oxidase as the final receptacle for the two electrons 
passing through the flavin, there is no reason to invoke 
any type of covalent intermediate between flavin 
and molecular oxygen;352 simple electron transfer 
should be sufficient. The reduced form of flavin in 
glucose oxidase is the anion (H2Flred

- in Figure 2-9), 
and its standard two-electron reduction potential in 
glucose oxidase from Aspergillus niger is -174 mV,1305 
which is close to the two-electron biochemical stand-
ard reduction potential (-203 mV) of the anionic 
form, H2Flred

-, of riboflavin when it is free in solu-
tion (Figure 2-15). If the offset for the one-electron 
biochemical standard reduction potential (+44 mV) 
for the redox couple of H2Fl· and H2Flred

- in glucose 
oxidase is similar to that for riboflavin, then the 
one-electron biochemical standard reduction po-
tential for the flavin in glucose oxidase should be 
around -130 mV, but the enzyme may well stabilize 
the semiquinone, in which case the biochemical 
standard reduction potential would be more nega-
tive. On the basis of these considerations, transfer 
of an electron from H2Flred

-  to molecular oxygen 
[Eª¢ = -160 mV (standard state of 1 M O2 and 1 M 
O2

· -)]1295 

             (2-207) 

should be almost isoergonic. 
 In glucose oxidase, the rate for transfer of the 
first electron from reduced flavin anion (H2Flred

- ) 
to molecular oxygen to form superoxide radical 
anion as an intermediate1306 is accelerated at least 
100-fold when a histidine adjacent to the oxygen in 
the active site is hydronated so that it can form an 
ionized hydrogen bond to the superoxide radical 
anion1307 or even transfer a hydron to the superoxide 

H2O2  +  H+  +  e–  1  HO·  +  H2O
E ª¢  =  + 380 mV

HO·  +  H+  +  e–  1  H2O       E ª  =  + 2310 mV

HO·  +  H·  1  H2O       DH ª  =  – 500 kJ mol 
–1

H2O2  +  2 H+  +  2 e–  1  2 H2O
E ª  =  + 1350 mV

H2Fl red
–  +  O2  1  O2

·–  +  H2Fl·
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radical anion (DpKa = +2). Because molecular oxygen 
is not a base while superoxide radical anion is 
(Equation 2-199), the hydrogen bond forms or the 
hydron is transferred as the electron is being trans-
ferred, a consequence that stabilizes the superoxide 
radical anion and makes the transfer more favorable. 
In glucose oxidase, this transfer of the electron 
between H2Flred

- and oxygen to form superoxide 
radical anion and the neutral flavin semiquinone 
(H2Fl· in Figure 2-9) is the rate-limiting step in the 
reoxidation of the flavin.1307 
 The superoxide radical anion formed transiently 
in certain flavoprotein oxidases1308 rapidly accepts 
the second electron from the flavin semiquinone to 
form hydrogen peroxide in a strongly exergonic 
reaction, provided hydrons are available from im-
mediately adjacent acids in the active site of the 
enzyme352,1309 or from the water surrounding the 
enzyme 

   
                (2-208) 

The fact that molecular oxygen so readily reoxidizes 
reduced flavin by unembellished transfer of two 
electrons suggests that enzymes that are required 
to reoxidize reduced flavin with other oxidants, 
such as NAD+, must purposely prevent molecular 
oxygen from doing so.1310 
 Reduced flavin anion (H2Flred

-) in free solution, 
at early times in the reaction before other side reac-
tions become important, reacts with molecular oxygen 
to produce superoxide radical anion,286,291,1308,1311 
albeit slowly (rate constant of around 100 M-1 s-1). 
In these reactions in solution, the superoxide radical 
anion and the flavin semiquinone can dissociate 
before a second electron is transferred, but on an 
enzyme, the active site retains the superoxide radical 
anion long enough for a second electron to be 
transferred. Therefore, the reduction of molecular 
oxygen to hydrogen peroxide performed by reduced 
flavin, as the terminal step in the reactions cata-
lyzed by flavoprotein oxidases, can be thought of as 
a simple two-electron transfer, within the encounter 
complex, to the p molecular orbital system of the 
molecular oxygen concerted with transfers of hydrons 
to the s lone pairs of the developing peroxide dianion 
and hydroperoxide anion. 
 The involvement of both superoxide radical 
anion and hydrogen peroxide in the reoxidation of 
reduced flavin by molecular oxygen is illustrated by 

the reoxidation of reduced xanthine oxidase.1312 
Fully reduced xanthine oxidase has six more elec-
trons than the fully oxidized enzyme: two on a 
prosthetic molybdenum ion, one in each of its two 
iron–sulfur clusters, and two in its reduced flavin. The 
reoxidation of the reduced complex by molecular 
oxygen occurs at the flavin. The first four electrons 
are removed by two molecules of oxygen during 
reoxidation, and they are transferred rapidly enough 
that two molecules of hydrogen peroxide are pro-
duced at the flavin. When only two electrons remain 
on the enzyme, however, the electrons are distributed 
over the other prosthetic groups at equilibrium 
such that the flavin exists as a mixture of oxidized 
flavin and its semiquinone. In an active site occupied 
at a particular instant by the semiquinone, only one 
electron can be transferred to molecular oxygen, 
and as a result, superoxide radical anion, rather 
than hydrogen peroxide, is produced. When xanthine 
oxidase is functioning normally, it produces a vari-
able mixture of hydrogen peroxide and superoxide 
radical anion, depending on its steady-state level of 
reduction. 
 There is a remaining difficulty with transfer of 
the electrons during the reoxidation of flavin 

 (2-209) 

Molecular oxygen is a diradical because the two 
unpaired electrons have parallel spins in the triplet 
ground state, 3O2. The products of the reaction, 
oxidized flavin and hydrogen peroxide, and the 
reactant, reduced flavin, are all singlet molecules in 
which each of the electrons is paired with one of 
opposite spin. Therefore during the overall reaction, 
one electron must invert its spin. Such a spin inver-
sion is normally a slow process, but it can be cata-
lyzed. 
 Spin inversions can be accelerated by electron 
transfer. For example, in the active site of glucose 
oxidase, after transfer of the electron from reduced 
flavin to molecular oxygen to form O2

· - and H2Fl· , 
the two unpaired electrons of the still triplet state 
are now located, respectively, on flavin and super-
oxide radical anion rather than both being on mo-
lecular oxygen. Because they are single unpaired 
electrons on different atoms (nitrogen and oxygen) 
in different molecules (flavin and superoxide radi-
cal anion), spin inversion becomes rapid. There is 
no indication that the second step in reoxidation of 
the flavin in glucose oxidase, the step in which the 
triplet state of the separated electrons formally 

H2Fl·  +  O2
· –  +  H+  1

            HFl ox  +  HO2
–  +  H+  1  H2O2  +  HFl ox

H2Fl red
–  +  3O2  +  H+  1  H2O2  +  HFl ox
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becomes a singlet state, is hindered by spin inver-
sion.1307 
 Spin inversions are also catalyzed by transition 
metallic ions. For example, triplet oxygen combines 
with a ferroheme with an open site for ligation on 
Fe2+ to form a complex between the heme and oxygen, 
as in hemoglobin. The complex is diamagnetic,1313 
so its formation necessarily involves a spin inversion. 
As this spin inversion is essentially instantaneous, 
it can be concluded that it is catalyzed by Fe2+. 
Transition metallic ions other than iron are also 
used to catalyze spin inversion. Galactose oxidase 
catalyzes the reaction  

 (2-210) 

During the reaction, spin inversion must take place 
because both products are singlet molecules. Instead 
of flavin, the reduced prosthetic group in the active 
site of galactose oxidase is a complex between a 
copper ion and a 2-(S-cysteinyl)tyrosine.1314,1315 
This complex, in its reduced state, is the immediate 
electron donor to triplet oxygen. Either transfer of 
an electron from the Cu+ to triplet oxygen, to split 
the triplet between oxygen and Cu+, or direct complex-
ation of singlet oxygen with copper1316 accomplishes 
the necessary spin inversion. 
 
 There are many monooxygenases that use flavin 
as a prosthetic group in the monooxygenation of a 
substrate by molecular oxygen. Examples are melilo-
tate 3-monooxygenase1317 

    
                (2-211) 

4-hydroxybenzoate 3-monooxygenase1318 

  
                (2-212) 

cyclohexanone monooxygenase1319 

   
                (2-213) 

6-hydroxynicotinate 3-monooxygenase1320 

    
                (2-214) 

and the epoxidation of the carbon–carbon double 
bond in the center of fumitremorgin C catalyzed by 
a flavin monooxygenase from Aspergillus fumigatus 
that is related to 4-hydroxybenzoate 3-monooxy-
genase. In this last case, the epoxide produced then 
dissociates at one of the carbon–oxygen bonds, and 
the resulting carbenium ion undergoes an alkyl mi-
gration as in a pinacol rearrangement to form the 
spiro carbon in spirotryprostatin A.1321 In the reaction 
catalyzed by a monooxygenase, by definition, one 
of the two oxygen atoms of molecular oxygen is 
incorporated into the product and the other into 
water.* 
 Melilotate 3-monooxygenase, 4-hydroxyben-
zoate 3-monooxygenase, and 6-hydroxynicotinate 
3-monooxygenase are enzymes that catalyze hydrox-
ylations. 6-Hydroxynicotinate 3-monooxygenase 
catalyzes an unusual hydroxylation in which a hydroxy 
group replaces a carboxy group rather than a hydro-
gen, a fact that reiterates the equivalence between 
carbon dioxide and a hydron. These three enzymes 
catalyze the hydroxylation of aromatic rings. Long-
chain alkane monooxygenase from Geobacillus ther-
modenitrificans, however, is able to convert a linear 
alkane of up to 36 carbons into the corresponding 
primary alcohol.1322,1323 The bond dissociation energy 
for a primary carbon–hydrogen bond (+410 kJ mol-1), 
which seems to be the only logical first step in this 
reaction at an alkane, is quite large. 

                                                
*Dioxygenases are enzymes that incorporate both atoms of 
molecular oxygen into their reactants.  

∂-galactose  +  
3O2  1

                                            H2O2  +  ∂-galacto-hexodialdose
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 In these hydroxylations and the reaction cata-
lyzed by cyclohexanone monooxygenase, the species 
that reacts with the molecular oxygen is reduced 
flavin.1317-1319 The flavin is usually reduced by either 
NADH or NADPH. The reduced flavin then reacts 
with molecular oxygen to produce an intermediate 
that performs the actual monooxygenation, after 
which the resulting oxidized flavin is again reduced 
by either NADH or NADPH. 
 The spectral characteristics of the initial inter-
mediate formed in one of these flavin monooxy-
genases (Figure 2-46)1319,1324-1327 from reduced flavin 
and molecular oxygen are indistinguishable from 
those of a 4a-peroxyflavin or its conjugate acid, a 
4a-hydroperoxyflavin. 4a-Peroxyisoalloxazines or 
4a-hydroperoxyisoalloxazines can be formed in 
solution nonenzymatically from an isoalloxazine and 
superoxide radical anion or hydrogen peroxide, 
respectively. For example, superoxide radical anion 
reacts in dimethylformamide with the neutral semi-
quinone radical of 5-ethyl-3,7,8,10-tetramethyliso-
alloxazine1328 to produce its 4a-peroxyisoalloxazine 
anion (2-89) 

  
                   (2-215) 

by a simple colligation.* The respective 4a-hydro-
peroxyisoalloxazine (2-90) has been produced from 
the reaction between peroxide and an oxidized iso-
alloxazine in nonpolar solvents1329 
 

                                                
*A colligation is the combination of two radicals to form a co-
valent bond. 

 
 
Figure 2-46: Absorption spectra of the two intermediates in the 
reaction of molecular oxygen with reduced flavin in the active 
site of 4-hydroxybenzoate 3-monooxygenase from P. aerugi-
nosa.1324 4-Hydroxybenzoate 3-monooxygenase, the pros-
thetic flavin adenine dinucleotide of which was in the reduced 
state and to which the substrate 4-hydroxybenzoate was already 
bound, was mixed with a solution of O2 so that the final concen-
trations of reactants would be 13 mM active sites, 1.1 mM 
oxygen, and 2.5 mM 4-hydroxybenzoate in a solution of 50 mM 
potassium phosphate at pH 6.55 at 3.5 ªC. The absorbances of 
the solution at wavelengths separated by 5 or 10 nm were 
monitored as a function of time. Following the mixing of the 
reduced enzyme with oxygen, two sequential intermediates 
were observed. The first was formed in a bimolecular reaction 
between the enzyme and the O2 with a rate constant of 
2.6 ¥ 105 M-1 s-1 (a pseudo-first-order rate constant of 280 s-1 
at 1.1 mM O2) and the second with a rate constant of 45 s-1. 
The measurements were repeated at a series of wavelengths 
and the extinction coefficients of each of the two intermediates 
is plotted as a function of the wavelength. The intermediates 
were identified as 4a adducts of the reduced flavin (Figure 
2-16) by comparison with spectra of model compounds. The 
intermediate that formed first (2) was identified as 4a-hydro-
peroxyflavin adenine dinucleotide. The intermediate that 
formed afterward (3) was identified as 4a-hydroxyflavin adenine 
dinucleotide. 
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                (2-216) 

The neutral 4a-hydroperoxyflavin 2-90 reverts readily 
to reactants because the reaction is a simple addition 
of the conjugate base of hydrogen peroxide, HO2

-, as a 
nucleophile, to the iminium ion in the oxidized 
5-ethylflavin to produce the peroxy homologue of a 
hemiaminal. 
 A 4a-hydroperoxyflavin (see 2-90) may be an 
intermediate in the nonenzymatic formation of 
hydrogen peroxide from oxygen by reduced flavins 
in solution.286 In at least one flavoprotein oxidase, 
pyranose oxidase from Trametes ochracea, molecular 
oxygen oxidizes the reduced flavin, produced by 
oxidation of a pyranose, by forming a 4a-peroxy-
flavin anion (see 2-89), which is then hydronated 
and dissociates into oxidized flavin and hydrogen 
peroxide (Equation 2-216),1330 rather than transferring 
electrons one at a time to molecular oxygen. In this 
instance, the 4a-hydroperoxyflavin was identified 
spectroscopically (see Figure 2-46). 
 In the active sites of flavin monooxygenases, 
formation of the 4a-hydroperoxyflavin proceeds in 
a similar manner (Equations 2-207 and 2-215) 

                (2-217) 

During its formation, a hydron is provided by the 
active site. In the active site of 4-hydroxyphenyl-
acetate 3-monooxygenase from Acinetobacter bau-
mannii, the molecule of oxygen is hydronated by the 
imidazolio group of Histidine 396 as the electron is 
transferred from the reduced flavin to molecular 
oxygen. Following transfer of the electron, the system 
is still in the triplet state, but it rapidly undergoes a 
nearly barrierless spin inversion to the singlet state 
before the hydronated superoxide radical anion, 
which is hydroperoxy radical (Equation 2-199), 
combines with the semiquinone of the flavin1331 
in a colligation. In the active site of ¬-ornithine 
N5-monooxygenase [NAD(P)H] from A. fumigatus, 
the catalytic acid is the 2A-hydroxy group of the 
NADP+ that has just provided the hydride to reduce 
the flavin.1332 The 2A-hydroxy group relays a hydron 
from the d-ammonio group of the substrate 
¬-ornithine.1333 
 A 4a-hydroperoxyflavin or 4a-peroxyflavin that 
forms in an active site of a flavin monooxygenase 
either dissociates into hydrogen peroxide and oxi-
dized flavin (a wasted reaction) or oxygenates the 
substrate.1318 Two strategies are used to prevent 
the production of hydrogen peroxide under normal 
circumstances. In the first strategy, which has been 
adopted by monooxygenases that hydroxylate phenyl 
groups, the rate of reduction of the oxidized flavin 
by NADH or NADPH is usually hindered in the ab-
sence of the nominal reactant. For example, reduc-
tion of the oxidized flavin by NADPH in 4-hydroxy-
benzoate 3-monooxygenase [NAD(P)H] is 2 ¥ 105 
times slower in the absence of 4-hydroxybenzoate 
than in its presence.1334 In the second strategy, which 
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Figure 2-47: Mechanisms for (A) the Baeyer–Villiger mono-
oxygenation catalyzed by cyclohexanone monooxygenase and 
(B) a nonenzymatic Baeyer–Villiger oxidation (Equation 2-219). 
(A) In the enzymatic reaction, the anionic distal oxygen of the 
4a-peroxyflavin anion adds as a nucleophile to the electro-
philic carbonyl carbon of the cyclohexanone. The resulting 
dialkyl peroxide cleaves heterolytically at the oxygen–oxygen 
bond, coincident with the migration of one of the alkyl carbons 
of the cyclohexanone to the adjacent oxygen. The migrating 
alkyl carbon is pushed by a lone pair of electrons on the alkox-
ide oxygen. The products of the rearrangement are the lactone 
and the 4a-hydroxyflavin. (B) In the nonenzymatic reaction, 
the anionic conjugate base of the peroxy acid adds as a nucleo- 
 
 
 
has been adopted by monooxygenases that hydrox-
ylate other substrates and by the enzymes that cata-
lyze Baeyer–Villiger oxidations, the flavin is reduced 
by NADPH in the absence of the nominal reactant, 
and after reduction of the flavin, the NADP+ remains 
bound. The reduced flavin reacts with molecular 
oxygen to form the 4a-hydroperoxyflavin, which is 
quite stable as long as the NADP+ remains bound. If 
the flavin is reduced with NADH or dithionite, no 
4a-hydroperoxyflavin is observed. The 4a-hydro-
peroxyflavin lurks on the enzyme until an unsuspect-
ing nominal reactant is bound and becomes oxygen-
ated. If no reactant is bound, hydrogen peroxide is 
slowly formed and the reduction is wasted. Thus, 
inhibition of the production of hydrogen peroxide 
can occur either at the reduction step or at the step 
in which the nominal reactant is oxidized. 
 
 
 

phile to the electrophilic carbonyl carbon of the acetylcyclo-
pentane. The resulting dialkyl peroxide cleaves heterolytically 
at the oxygen–oxygen bond, coincident with the migration of 
the cyclopentyl group of the acetylcyclopentane to the adja-
cent oxygen. The migrating carbon of the cyclopentyl group is 
pushed by a lone pair of electrons on the oxygen of the hydroxy 
group. The migration of the carbon is coincident with the intra-
molecular transfer of the hydron on the hydroxy group to the 
acyl oxygen of the peroxy acid. The transfer of the hydron 
makes the benzoic acid a better leaving group and increases 
the push of the lone pair of electrons on the hydroxy group. 
The products of the rearrangement are cyclopentyl acetate and 
benzoic acid. 
 
 
 
 4a-Hydroperoxides of isoalloxazines in solution 
are as active as peroxycarboxylic acids [-C(O)OOH],1335 
which are routinely used as oxidants for Baeyer–
Villiger oxidations (Figure 2-47B), for the monooxy-
genations of alkenes to epoxides, and for the oxidation 
of amines and sulfides to amine N-oxides and sulfox-
ides, respectively.1336,1337 The oxygenated flavin in the 
active site of cyclohexanone monooxygenase from 
Acinetobacter has been shown to participate in a 
series of monooxygenations characteristic of a peroxy 
acid1319 as well as the oxidation of sulfides to sulfox-
ides,1338 a reaction that is also characteristic of a 
4a-hydroperoxyisoalloxazine. It has been shown that 
the oxygenating species in the active site for all the 
various reactions catalyzed by cyclohexanone mono-
oxygenase is the 4a-peroxyflavin itself (2-92 in Fig-
ure 2-47A),1339 or 4a-hydroperoxyflavin, its conjugate 
acid. These observations suggest that the enzymatic 
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Figure 2-48: Mechanism for the hydroxylation of 4-hydroxy-
benzoate by 4a-hydroperoxyflavin in the reaction catalyzed by 
the flavoenzyme 4-hydroxybenzoate 3-monooxygenase (Equa-
tion 2-212). The electrophilic hydroperoxy group of the 4a-hydro-
peroxyflavin, formed by the reaction of molecular oxygen with 
reduced flavin, is attacked by a pair of the nucleophilic p electrons 
in the aromatic p molecular orbital system of the 4-hydroxy-
phenyl group of the 4-hydroxybenzoate at the same time that a 
 
 
 
monooxygenations in which 4a-hydroperoxy-flavins 
and 4a-peroxyflavins are the oxidants have mecha-
nisms similar to those for the oxidations performed 
by peroxycarboxylic acids and peroxycarboxylates. 
 The 4a-peroxyflavin in the active site of cyclo-
hexanone monooxygenase is likely formed by the 
colligation of the neutral flavin semiquinone and 
superoxide radical anion, which in turn are formed 
by direct transfer of an electron from reduced flavin 
anion H2Flred

- (Figure 2-9) to molecular oxygen 
(Equation 2-217).1339 In the enzymatic monooxygen-
ations performed by melilotate 3-monooxygenase 
(Equation 2-211), 4-hydroxybenzoate 3-monooxy-
genase (Equation 2-212),1340 or 6-hydroxynicotinate 
3-monooxygenase (Equation 2-214), the 4a-hydro-
peroxyflavin performing the hydroxylation is also 
probably formed by this colligation of the flavin 
semiquinone and the superoxide radical anion, fol-
lowed by a hydronation of the distal oxygen of the 
resulting 4a-peroxyflavin. This conclusion follows 

catalytic acid hydronates the proximal oxygen of the hydro-
peroxy group to increase its electrophilicity. The resulting 
4a-hydroxyflavin 2-93, a hemiaminal, dehydrates to oxidized 
flavin. A hydrogen on the carbon adjacent to the 6-hydroxy-
cyclohexa-2,4-dienone (2-94), which is the other product of the 
first step, dissociates as a hydron to restore the aromaticity of 
the phenyl group. 
 
 
 
 
from the fact that hydrogen peroxide in solution 
cannot produce a 4a-hydroperoxyflavin from the 
flavin in the active sites of these former enzymes, 
so it is probably not hydroperoxy ion, HO2

-, the 
conjugate base of hydrogen peroxide formed from 
molecular oxygen by two successive one-electron 
transfers from reduced flavin (Equations 2-207 
and 2-208), that adds nucleophilically to oxidized 
flavin (Equation 2-216). 
 Melilotate 3-monooxygenase, 4-hydroxyben-
zoate 3-monooxygenase, and 6-hydroxynicotinate 
3-monooxygenase catalyze the hydroxylation of an 
aromatic ring.1327,1341,1342 The distal hydroxy group 
of the 4a-hydroperoxyflavin (2-91) is transferred to 
the aromatic ring, ortho or para to a hydroxy group 
or an amino group on that ring (Figure 2-48). An 
intermediate has been observed in transfer of the 
hydroxy group to various phenols by 4-hydroxyben-
zoate 3-monooxygenase from P. fluorescens1318,1343,1344 
and phenol 2-monooxygenase (NADPH) from S. cere-
visiae1345 that has an absorption spectrum similar 
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to the sum of the spectrum of enzyme-bound 
4a-hydroxyflavin (Figure 2-46) and the spectrum of 
cyclic pentadienyl radical 2-95 of the respective 
aromatic ring.1346,1347 

 

Consequently, it is possible that a cyclic pentadi-
enyl radical is an intermediate in the formation of 
the usual cyclic pentadienyl cation in an electro-
philic aromatic substitution. Because, however, no 
evidence for unpaired electrons in this spectral in-
termediate has been obtained,1344 it seems more 
likely that the derivative of the aromatic reactant in 
this intermediate is actually the respective 2-hydroxy-
cyclohexa-3,5-dieneone 2-96. 
 The effects of electron-withdrawing groups in 
the 4-hydroxybenzoate on the rate of 4-hydroxy-
benzoate 3-monooxygenase,1348 as well as the effects 
of electron-donating and electron-withdrawing 
substituents on the flavin,1340 are most consistent 
with an electrophilic aromatic substitution in 
which the p molecular orbital system of the aro-
matic ring, as a nucleophile, attacks the distal oxy-
gen of the 4a-hydroperoxyflavin, the electrophile, 
with the anionic conjugate base of the 4a-hemiaminal 
of the flavin, probably being hydronated in concert, 
as the leaving group (Figure 2-48).1349 Certainly the 
facts that 4-hydroxybenzoate 3-monooxygenase and 
6-hydroxynicotinate 3-monooxygenase are related 
to each other1350 and that the former replaces a 
hydrogen with a hydroxy group while the latter 
replaces a carboxy group with a hydroxy group are 
consistent with a mechanism in which the hydro-
gen on carbon 3 of 4-hydroxybenzoate leaves as a 
hydron, as it would in an electrophilic aromatic 
substitution. There are also results from kinetic iso-
topic effects that are consistent with the conclusion 
that 6-hydroxynicotinate 3-monooxygenase from 
Bordetella bronchiseptica catalyzes the hydroxylation 
through an electrophilic aromatic substitution.1320 
In the crystallographic molecular model of 4-hydroxy-
phenylacetate 3-monooxygenase from A. baumannii, 
the imidazolyl group of a histidine is positioned to 
hydronate the proximal oxygen of the 4a-hydro-
peroxyflavin to improve its ability as a leaving 
group,1342 and there is a molecule of water located in 
the active site of 4-hydroxybenzoate 3-monooxy-

genase (Equation 2-212) that can perform the same 
function.1351 
 That the conjugate base (2-94) of the usual 
cyclic pentadienyl cation in an electrophilic aromatic 
substitution is an intermediate in the reactions of 
these monooxygenases is demonstrated by a 
1,2 sigmatropic rearrangement that is observed in 
some of them. When the hydroxy group is being 
added para to an electron-donating substituent, such 
as a hydroxy, alkyl, or amino group on the reactant, 
as in anthraniloyl-CoA monooxygenase 

  
                (2-218) 

a deuterium located on the reactant at the site of 
the hydroxylation is found to migrate to the adjacent 
carbon.1341 Such a 1,2-hydride migration is evidence 
for a carbocationic intermediate1352 in an electro-
philic aromatic substitution. 
 In these hydroxylations, the nucleophilic aro-
matic ring adds the distal hydroxy group of the 
electrophilic 4a-hydroperoxyflavin. In the active 
site of premalbrancheamide halogenase from Mal-
branchea aurantiaca, the distal hydroxy group of 
the prosthetic 4a-hydroperoxyflavin also acts as an 
electrophile that participates in a concerted nucleo-
philic substitution with a chloride as the nucleophile 
and the 4a-hydroxyflavin as the leaving group to 
produce hypochlorite (OCl-). The hypochlorite 
chlorinates the 5-amino group of Lysine 108 to 
produce a chloramine that performs the actual halo-
genation of the anilino group in premalbranche-
amide.1353 
 The nucleophilic 4a-peroxyflavin formed in 
the initial step in the enzymatic reaction of cyclo-
hexanone monooxygenase (Equation 2-213) performs 
a Baeyer–Villiger oxidation. A nonenzymatic example 
of a Baeyer–Villiger oxidation1354 in which the oxidant 
is a peroxycarboxylic acid would be 
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                (2-219)  

The step following the formation of the 4a-peroxy-
flavin in the active site of cyclohexanone monooxy-
genase (Figure 2-47A), by analogy with a Baeyer–
Villiger reaction in solution (Figure 2-47B), is pro-
posed to be the nucleophilic addition of the anionic 
oxygen in the 4a-peroxy group to the carbonyl of 
the cyclohexanone. In the crystallographic molecular 
model of the active site of cyclohexane monooxy-
genase from Rhodococcus occupied by NADP+ and 
cyclohexanone, in which the flavin is in the oxidized 
state but not the 4a-peroxyflavin, the carbonyl carbon 
of the cyclohexanone is 0.39 nm from carbon 4a of 
the flavin, an appropriate distance for the two oxygens 
of a 4a-peroxy group to span.1355 
 The accepted mechanism for the Baeyer–
Villiger oxidation performed in solution by a peroxy 
acid relies on the ability of the acyl oxygen of the 
peroxy acid to be intramolecularly hydronated and 
the resulting incipient carboxylic acid to function 
as the leaving group in a 1,2-alkyl migration. The 
4a-peroxy group of the 4a-peroxyflavin resides on a 
fully saturated carbon, but the proximal oxygen of 
the peroxy group could be hydronated by the 
hydoxy group of the hemiketal in a similar way to 
improve the ability of the 4a-hydroxyflavin (2-93) 
as a leaving group (Figure 2-47A). In at least one 
Baeyer–Villiger monooxygenase,1356 the guanidinio 
group of an arginine is stacked upon the p molecular 
orbital system of the flavin and its û nitrogen could 
also act as the donor for a hydrogen bond to the 
proximal oxygen of the 4a-peroxyflavin, improving 
its ability to leave as a 4a-hydroxy group. The ring 
expansion concerted with the leaving of the 
4a-hydroxyflavin results from a 1,2-alkyl migration. 
 In the Baeyer–Villiger oxidations, prosthetic 
4a-peroxyflavin is formed by electron transfer from 
reduced flavin anion to molecular oxygen (Equa-
tion 2-207) followed by the colligation of the two 
radicals (Equation 2-215). The distal oxyanion of 
4a-peroxyflavin then participates as a nucleophile 
that adds to the carbonyl group in the reactant 
(Figure 2-47A). Carbon 4 of uracil is an acyl carbon 
in an N-[(alkylamino)carbonyl]amide, and it also 
participates in nucleophilic substitutions. In the 

apparent hydrolysis of this amide catalyzed by 
pyrimidine oxygenase 

 
                (2-220) 

from E. coli, in which the N-acylurea is substituted 
by a hydroxy group, it has been concluded that rather 
than a hydroxide, which would usually be the reactant 
in a hydrolysis, the distal oxyanion of the 4a-peroxy-
flavin formed from molecular oxygen and the pros-
thetic flavin in the active site adds as a nucleophile 
to acyl carbon 4 in the first step in a nucleophilic 
substitution because one of the oxygens from oxy-
gen-18 in enriched molecular oxygen ends up as 
one of the oxygens in the carboxy group of the 
product.1357 The peroxy acid that results from this 
nucleophilic substitution by the hydroperoxy group 
then oxidizes the flavin to form an N-oxide on nitro-
gen 5 and the carboxylic acid that is the product of 
the enzymatic reaction (Equation 2-220). This flavin 
N5-oxide has been isolated from an enzymatic reac-
tion.1358 The N-oxide is then reduced back to the 
reduced flavin by two successive hydride transfers 
from two NADH. 
 In the hydroxylation of nucleophilic aryl 
groups, a 4a-hydroperoxyflavin acts as an electro-
phile at the distal oxygen, but in the Baeyer–Villiger 
monooxygenations and the monooxygenation per-
formed by pyrimidine oxygenase, a 4a-peroxyflavin 
acts as a nucleophile, also at the distal oxygen. The 
only difference is a hydronation. The hydronation 
of the distal oxygen is required to produce the electro-
phile, just as a hydronation of a carbonyl group 
significantly increases the electrophilicity of the 
carbonyl carbon, and the dehydronation of the distal 
oxygen is required to produce the nucleophile, just 
as the dehydronation of a molecule of water signifi-
cantly increases the nucleophilicity of its oxygen. 
The identity of the other reactant, however, be it a 
nucleophile or an electrophile, respectively, dictates 
the course of the reaction, not the hydronation. 
 At the completion of either the hydroxylation 
of an aromatic ring (Figure 2-48) or a Baeyer–
Villiger monooxygenation (Figure 2-47A), the other 
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oxygen atom of molecular oxygen remains at the 
4a-position of the flavin on a carbonyl carbon, 
presumably as a hydroxy group. The resulting 
4a-hydroxyflavin, a hemiaminal (Figures 2-47 and 
2-48), loses hydroxide to the solution in a reaction 
that is the reverse of the addition of hydroxide to 
oxidized flavin 

       
                (2-221) 

 
 Menaquinones and phylloquinones are both 
2-alkyl-3-methyl-1,4-naphthoquinones 

 

and 2-alkyl-3-methyl-1,4-naphthoquinones are 
vitamins K. Vitamins K are a group of coenzymes that 
differ only in their isoprenoid 2-alkyl groups, which 
are irrelevant to their function, and they are used 
interchangeably and indistinguishably in their enzy-
matically catalyzed reactions with molecular oxygen. 
 An enzyme that catalyzes the reaction of a 
vitamin K with molecular oxygen is peptidyl-
glutamate 4-carboxylase. In the active site, molecular 
oxygen is combined with the reduced quinol of a 
vitamin K to produce a base (”B(–)) strong enough to 
remove a hydron from carbon 4 of a glutamate in 
one of several proteins so that the resulting enolate 
can be carboxylated1359 

  
                (2-222) 

in a posttranslational modification of the respective 
protein. Coincident with the carboxylation, which 
does not incorporate either oxygen of molecular 
oxygen into the g-carboxyglutamate, the quinol of 
vitamin K is monooxygenated by one of the two at-
oms of molecular oxygen to form its 
2,3-epoxyquinone1360 

     
                (2-223) 

During this epoxidation of vitamin K, the necessary 
base is formed.147 
 When there is sufficient carbon dioxide present, 
one mole of the epoxide of vitamin K is produced 
for every mole of glutamic acid carboxylated.1361 
When there is insufficient carbon dioxide present, 
the enolate formed by the base eventually picks up 
a hydron from the solution to regenerate the gluta-
mate,1359 and the ratio of epoxide to peptidyl-
4-carboxyglutamate increases accordingly. Both 
the carboxylation (Equation 2-222) and the epoxi-
dation (Equation 2-223) are performed by peptidyl-
glutamate 4-carboxylase.1362 The 2,3-epoxide of 
vitamin K is reduced back to the quinol by a different 
enzyme or pair of enzymes to be used again. 
 There is a nonenzymatic, intramolecular Claisen 
condensation that is a model for the enzymatic 
reaction 

O N O

N

N

N

N

O

CH3

N

N

N

O

CH3

OH

:

“
“:
)

1
OH

(+)A

H
H H

“
(–)A

H “

CH3

O

O
R

2  – 97

N
H

H

O

O O

HH

N
H

H

O

O O
H

H

H:

”B(–)

+  HB(+)

::)

N

O

N

O1

1

HB(+)

O
C

“
:

O
“
:

““ “ ““ “

HN N
H

O

O

O O

O

H

H ““

)

:

:

O

““ “

““

O
C

O

O

O

CH3

H

H

O

O

CH3

O

1  +  O2                    

                 H2O  +



Prosthetic Catalysis 
 

366 

   
                (2-224) 

Under the conditions of the reaction, the initial 
2,4-dimethyl-1-naphtholate 2-98 is too weak a 
base (pKa @ 10) to remove a hydron a to one of the 
esters in the diethyl 1,6-hexanedioate to form the 
required enolate, but it combines with molecular 
oxygen to produce a base that is strong enough to 
do so.1363 
 There are several other observations that provide 
an explanation for the mechanism of this reaction. 
The conjugate acid of naphtholate 2-98, 2,4-dimethyl-
1-naphthol, reacts with molecular oxygen in chloro-
form to give the stable 4-hydroperoxide (2-100)1364 

   
                (2-225) 

In aqueous solution, the 4-hydroperoxide 2-100 
turns into tertiary alcohol 2-99, the product in the 
model reaction (Equation 2-224), in an intramolec-
ular rearrangement.1365 Both this rearrangement and  
 

the model reaction itself produce the two diastereo-
isomers of 2-99, in each of which the oxygen of the 
epoxide is cis to the oxygen of the tertiary alcohol. 
It is proposed that an intermediate dioxetane (2-101) 
explains the cis stereochemistry of the product.1364 
When molecular oxygen reacts with the 2,4-dimethyl-
1-naphtholate 2-98 to produce the tertiary alkoxide 
2-102, the standard enthalpy change of the reac-
tion1366 is around -200 kJ mol-1, an observation 
demonstrating that there is more than enough 
energy released in the oxidation to convert a weak 
base, the naphtholate, into a strong base, the tertiary 
alkoxide (pKa @ 20),1366 which is strong enough to 
produce the enolate responsible for the intramolec-
ular condensation (Equation 2-224).  
 All these observations suggest a particular 
mechanism for the enzymatic formation of a strong 
base from the quinol of a vitamin K and molecular 
oxygen (Figure 2-49).1367 As with the reaction of 
flavin with molecular oxygen, transfer of an electron 
from the quinol of vitamin K to oxygen under catalysis 
by a general base1368 separates the electrons of the 
triplet state of molecular oxygen and permits rapid 
spin inversion. The two radicals then combine to 
form the 4-peroxynaphthoquinone, which converts 
to the anionic conjugate base of a 4-hydroxy group 
in the 2,3-epoxynaphthoquinone 2-103 through 
intermediate dioxetane 2-101. The alkoxide ion 
2-103 is not so strong a base as the tertiary alkox-
ide 2-102 because the electron-withdrawing hydroxy 
group in place of the electron-donating methyl 
group should lower the pKa of its conjugate acid by 
about three or four units, but hydronation of the 
alkoxide by the hydron on carbon 4 of the glutamate 
can be concerted with dehydration of the hydrate 
of the 2,3-epoxynaphthoquinone, which is a signif-
icantly favorable reaction (Table 1-2). 
 When carboxylation of a glutamate by vitamin K 
is performed with 18O2, about 15% of the 4-oxo 
group of the 2,3-epoxide of the vitamin K that is the 
product of the reaction1369-1372 ends up as oxygen-18. 
This observation supports the mechanism (Figure 
2-49) because it indicates that one of the oxygens 
of the molecular oxygen was attached at some 
point to carbon 4 of the vitamin K. It also indicates 
that dehydration of the hydrate is not completely 
stereospecific. When [4-3H]-¬-glutamate is used as 
a reactant, the enzyme exchanges the tritium at the 
pro-S position1373 with a protium from the solution  
 
 

O– K+

CH3

CH3

O
CH3

O

H

H

OH

OC2H5

O

OC2H5

O

O OC2H5

O

H3C

2  – 98

2  – 99

+                                  +  O2 1

H5C2O– K+   +                            +   

2  – 100

O

O O

H

O

O

H
O

O

O
H

O

O

H

O

CH3

H3C“
“ : “

H

“ “
CH3

CH3 CH3

H3C H3C

H3C

“

“

““

“ “:
)

““ ”) ““ H

“ “

2  – 101

2  – 102

1

1
pK a @ 20

1 :

O “

+  H 

+

+  H 

+



Oxides and Hydrides of Hydrogen, Nitrogen, Oxygen, and Sulfur  
 

367 

 
 

 
Figure 2-49: Mechanism for the formation of a glutamyl enol-
ate by molecular oxygen and a vitamin K. Transfer of an electron 
from the vitamin K to molecular oxygen produces superoxide 
radical anion and the radical cation of the vitamin K, from the 
now oxo oxygen of which a hydron dissociates to produce the 
neutral radical. The separation of the unpaired electrons onto 
two molecules permits spin inversion to occur rapidly. Radical 
collapse forms a bond between the superoxide radical anion 
and the vitamin K radical, to form an adduct in which the super-
oxide has become a peroxy group. The anionic distal oxygen of 
the peroxy group participates as a nucleophile in an intra-
molecular conjugate addition to the a,b-unsaturated ketone to  
 
 
 
2.5 times more rapidly than it catalyzes the carbox-
ylation of the glutamate.1374 Consequently, the 
hydroxide (Figure 2-49) bearing tritium must exchange 
with hydroxide ions in solution, which each bear a 
protium, rapidly and reversibly, a process that will 
also dilute the 18O in the 4-hydrate of the 2,3-epoxide 
of the vitamin K. This consideration suggests that 
the dehydration of the hydrate is even less stereo-
specific than it seems to be. It is difficult to reconcile 
the high stereospecificity of the hydron abstraction 
with the low stereospecificity of the dehydration. 
 
 Aside from enzymes using flavin and vita-
min K as prosthetic groups and coenzymes, almost 
all1375-1377 of the enzymes that use molecular oxygen, 
molecular nitrogen, molecular hydrogen, superoxide 
 
 

produce a dioxetane. The resulting enolate of the vitamin K 
adds nucleophilically and intramolecularly to the adjacent 
electrophilic oxygen of the dioxetane to produce the epoxide of 
the vitamin K. During the addition, the other oxygen is the 
leaving group from the dioxetane and becomes the oxyanion. 
This newly formed oxyanion removes the hydron from 
carbon 4 of the glutamatic acid to form its enolate. If, as is 
drawn, it uses the hydron that was on carbon 4 of the glutamatic 
acid as the acid required during its ejection as a hydroxide 
from the hydrate of the ketone, the free energy of the 
dehydration of the ketone is coupled to the removal of the 
hydron, a strategy that would increase its basicity even further. 
 
 
 
radical anion, hydrogen peroxide, oxides of nitrogen, 
oxides of sulfur, and carbon monoxide as substrates 
have transition metals such as iron, copper, nickel, 
manganese, and molybdenum as prosthetic cations.* 
With the exception of peroxidases, the reactions cata-
lyzed by these enzymes are oxidation–reductions 
that proceed by inner-sphere electron transfers 
during which the respective substrates occupy an 
open, exchangeable coordination site on the transi-
tion metallic ion. 
 

                                                
*There is an oxidase in Streptomyces wadayamensis of unknown 
mechanism that uses only a prosthetic pyridoxal phosphate to 
catalyze a four-electron oxidation of ¬-arginine to 2-oxo-4(S)-
hydroxy-5-guanidinovalerate and that uses two molecules of 
molecular oxygen only as general oxidants to accept the four 
electrons.1378 
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Figure 2-50: Complexes formed between iron ions and the 
different oxidation states of oxygen. Superoxide radical anion 
combines with Fe3+ (top) or molecular oxygen combines with 
Fe2+ (bottom) to produce the same complex, oxyiron(II), which 
stereochemically resembles a superoxide radical anion on Fe3+ 
but has the oxygen–oxygen bond length of molecular oxygen. 
The addition of a hydron and an electron to this complex 
produces hydroperoxyiron(III), identical to the complex resulting 
from the addition of hydroperoxide ion, the conjugate base of 
hydrogen peroxide, to Fe3+. Hydroperoxyiron(III) is the conju-
gate acid of peroxyiron(III). The addition of a hydron to the 
distal oxygen in hydroperoxyiron(III) and the heterolytic loss of 
 
 
 One of the simplest examples of such a pros-
thetic metallic ion participating in such an inner-
sphere transfer of an electron is the iron ion in 
superoxide reductase from Pyrococcus furiosus. In 
its ferric form, the Fe3+ is octahedrally coordinated, 
strongly by the imidazolyl groups of four histidines 
and the sulfido group of a cysteine and loosely by 
the carboxylate of a glutamate.1379 In its ferrous form, 
the carboxylato group of the glutamate dissociates 
from the iron in response to the decrease in charge 
number of the iron ion, and a superoxide radical 
anion associates in a encounter-controlled second-
order reaction at the open site on the Fe2+ made avail- 

water produces oxoiron(V), which, if it is in a porphyrin, ab-
stracts an electron from the aromatic p molecular orbital system 
of the porphyrin coincident with its formation to produce 
oxoiron(IV) porphyrin radical. The addition of an electron to 
oxoiron(V) produces oxoiron(IV). The hydronation of oxo-
iron(IV) produces hydroxyiron(IV), which is a resonance hybrid 
of hydroxide ion, OH-, on Fe4+ and hydroxyl radical, ·OH, on 
Fe3+. The addition of an electron to hydroxyiron(IV) produces 
hydroxyiron(III), the complex between hydroxide and Fe3+, which 
is the conjugate base of aquoiron(III), the complex between 
water and Fe3+. 
 
 
 
able by the dissociation. During the association of 
the superoxide radical anion, a hydron is transferred 
(Equation 2-199) to it, coincident with transfer of 
an electron from the Fe2+ to the superoxide in the 
inner sphere, to produce hydroperoxyiron(III), the 
equivalent of a complex between hydroperoxide 
(HO2

-) and Fe3+ (Figure 2-50). After the rate-
limiting transfer of a hydron to the hydroperoxide 
ion (Equation 2-202), the resulting hydrogen 
peroxide dissociates1380 from the Fe3+. With its 
open site again occupied by the carboxylato group 
of the glutamate, the Fe3+ is reduced by rubredoxin 
in the outer sphere back to Fe2+, and the carboxylate 
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dissociates. The Fe2+ in a synthetic complex with 
1,4,8,11-tetramethyl-1,4,8,11-tetraazacyclotetra-
decane, to which a sulfanyl group has been appended 
so that it can act as one of the axial ligands to the 
iron, is able to reduce superoxide radical anion catalyt-
ically at the other axial location when it is supplied 
with a reductant able to supply electrons one at a 
time to the iron.1381 
  Superoxide dismutase catalyzes a reaction 

            (2-226) 

in which superoxide radical anion is also a substrate. 
As in the case of superoxide reductase, an electron 
is again transferred in the inner sphere from a reduced 
prosthetic transition metallic ion to a bound super-
oxide radical anion (Equation 2-198), coincident 
with the necessary hydron transfers. After dissociation 
of the resulting hydrogen peroxide and association 
of a second superoxide radical anion with the now-
oxidized transition metallic ion, the metallic ion is 
reduced by one electron transferred in the inner 
sphere from that superoxide radical anion, which 
becomes molecular oxygen (Equation 2-197). 
 In the different species of superoxide dismutase, 
different prosthetic metallic ions are used. Although 
the superoxide dismutases do not run the gamut of 
transition metallic ions, they come close. Depending 
on the species of superoxide dismutase, the prosthetic 
transition metallic ion is either a copper ion,1382 
which alternates between Cu+ and Cu2+; a nickel 
ion,1383 which alternates between Ni2+ and Ni3+; a 
manganese ion,1384 which alternates between Mn2+ 
and Mn3+; or an iron ion,1385 which alternates between 
Fe2+ and Fe3+. One superoxide dismutase may be 
closely related to another yet have a different pros-
thetic ion. For example, superoxide dismutase from 
M. tuberculosis is closely related to superoxide dismu-
tase from Mycobacterium leprae (80 percent identity, 
0 gap percent), but the former has an iron ion in its 
active site and the latter has a manganese ion.1386 
The superoxide dismutases containing a prosthetic 
nickel ion1387 or a prosthetic copper ion,1388 however, 
are unrelated to those that have an iron ion or a 
manganese ion. 
 The coordinations of the metallic ions differ 
significantly among the superoxide dismutases. 
Superoxide dismutases containing a prosthetic 
nickel ion coordinate the ion with the a-amino 
group of the protein, the amido nitrogen of a peptide 
bond, the sulfido groups of two cysteines, and the  
 

imidazolyl group of a histidine.1387 Superoxide 
dismutases containing an iron ion and those con-
taining a manganese ion coordinate the ion with 
the same side chains, the imidazolyl groups of three 
histidines and the carboxylato group of an aspartate, 
in the homologous positions in the sequences of 
amino acids.1389-1394 The ligands around the manga-
nese ion in the superoxide dismutase from E. coli 
are arranged octahedrally. The ligand position oppo-
site one of the imidazolyl groups is occupied by a 
molecule of water, but the position opposite the 
single carboxylato group can be either vacant or 
occupied by a molecule of water. When a hydroper-
oxide associates with Mn3+, it binds side-on and 
occupies the two positions occupied by molecules 
of water.1395 
 In the active site of a superoxide dismutase 
that contains a single mononuclear copper ion, the 
copper ion is coordinated in the reduced state by 
three imidazolyl groups from three histidines in an 
almost planar, trigonal array.1396 In the reduced 
cuprous state of bovine superoxide dismutase, 
there are only these three ligands to the copper 
ion,1397-1400 but there is a fourth imidazolyl group from 
another histidine nearby. This imidazolyl group is a 
ligand to a Zn2+ at its p nitrogen. In the reduced 
state, its t nitrogen is 0.34 nm from the copper ion 
and therefore not a ligand.1401 In the oxidized, cu-
pric state of bovine superoxide dismutase, however, 
this zinc-imidazolyl group, in response to the change 
in charge number, has swung over and become a 
fourth ligand to the copper ion at its t nitrogen, 
while the other three imidazolyl groups remain in 
the trigonal plane.1388,1402 
 The standard reduction potentials of aquo 
d4 Mn3+ (Eª¢ = +1510 mV) and aquo d5 Fe3+ (Eª¢ = 
+770 mV) are quite large, making them strong oxi-
dants. Both the superoxide dismutases containing 
a prosthetic iron ion and the related superoxide 
dismutases containing a manganese ion have evolved 
to lower the biochemical standard reduction poten-
tial of the respective metallic ion into the range 
of -100 to +300 mV,1403,1404 which is appropriate 
for the dismutation, being between the biochemical 
standard reduction potential of the redox couple of 
oxygen and the superoxide radical anion (-330 mV), 
the superoxide of which will reduce the oxidized 
metallic ion to form molecular oxygen, and the redox 
couple of superoxide radical anion and hydrogen 
peroxide (+940 mV), the superoxide radical anion 
of which will oxidize the reduced metallic ion to 
form hydrogen peroxide. When the correct metallic  
  

2 H+  +  O2
· –  +  O2

· –  1  O2  +  H2O2
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ion, Fe2+ or Mn2+, is replaced by the incorrect metallic 
ion, Mn2+ or Fe2+, respectively, the respective environ-
ment still performs the same net shift in biochemical 
standard reduction potential, which brings the bio-
chemical standard reduction potential for the wrong 
transition metallic ion to the wrong value, either 
too high or too low, respectively, to perform the 
dismutation.1404 In contradistinction to this evolution 
of the protein to accommodate the properties of 
the metallic ions, there is a protein that binds either 
an iron ion or a nickel ion, and the respective metal-
loenzymes that result perform different oxygenations 
of the same reactant.1405 The biochemical standard 
reduction potential of bovine superoxide dismutase 
containing a prosthetic copper ion is +120 mV,1403 
again appropriate to the task at hand. 
 A detailed mechanism has been presented for 
superoxide dismutases, such as those from Bos taurus 
and S. cerevisiae, containing a prosthetic copper 
ion in their active sites. A neutral, hydronated super-
oxide radical anion associates with Cu2+ at the axial 
coordination site and displaces the zinc-imidazolyl 
group. During this displacement, the t nitrogen of 
the imidazolyl group removes the hydron from the 
hydrosuperoxide radical.1406 Upon coordination, an 
inner-sphere transfer of an electron occurs instan-
taneously between the resulting superoxide radical 
anion and the Cu2+, and the resulting molecule of 
molecular oxygen dissociates.1407 A neutral hydro-
superoxide radical, which is a hydroperoxy radical 
(Equation 2-199), associates with the trigonally 
coordinated Cu+ at the open axial site. After the 
instantaneous inner-sphere transfer of an electron 
to the peroxy group, a hydroperoxy ion1408 is sitting 
on a Cu2+. The hydroperoxy ion is hydronated on 
its proximal oxygen by the adjacent zinc-imidazol-
ium.1406 The resulting unhydronated zinc-imidazolyl 
group recoordinates with the Cu2+ replacing the 
hydrogen peroxide and completing the catalytic 
cycle. 
 There is a manganese superoxide dismutase, 
with a manganese ion coordinated by the same 
ligands as those used by the enzymes in the family 
of iron and manganese superoxide dismutases,1409 
that can catalyze the reaction of oxalate oxidase 

     
                (2-227) 

as well as the usual dismutation of superoxide radical 
anion. The oxidized Mn3+ form of the enzyme removes 
an electron from oxalate dianion, rather than from 
superoxide radical anion, and the resulting radical 
anion of oxalate decarboxylates almost immediately, 
as do most if not all radicals at the oxygens of carbox-
ylic acids, to produce the first molecule of CO2. The 
remains of the decarboxylation—a radical anion of 
carbon dioxide, a strong reductant, that is bound 
tightly by the now Mn2+—reduces molecular oxygen 
to superoxide radical anion and becomes the second 
molecule of CO2, which can no longer be a ligand 
to the Mn2+ and dissociates to be replaced as a lig-
and by the superoxide radical anion. The superoxide 
radical anion is reduced as usual to hydrogen peroxide 
by the Mn2+, regenerating the Mn3+.1405 
 
 There are a number of enzymatic reactions in 
which hydrogen peroxide is a substrate and a heme 
is the prosthetic group and in which the hydrogen 
peroxide oxidizes the iron in the heme to a high-
valent state. The enzymes with hemes as prosthetic 
groups that have hydrogen peroxide as a substrate 
are hemoperoxidases. 
 There are synthetic examples of high-valent 
oxoiron(IV) (Figure 2-50).1410-1414 One is the oxo-
iron(IV) 

     
               (2-228) 

that is the product of two-electron oxidation of a 
pentacoordinated Fe2+ by iodosylbenzene.1411 The 
neutral tertiary amino nitrogens in the cyclic tetra-
amine coordinating the iron ion in Equation 2-228 
are basic and contribute sufficient electron density 
to the iron ion to permit it to achieve the +4 oxidation 
state. In the product of the oxidation, the formal 
oxidation state of the iron is +4 and that of the oxygen 
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from the iodosylbenzene that has become an axial 
ligand is -2. Similar oxoirons(IV) in cyclic tetraamines 
can be produced by using hydrogen peroxide1410 or 
molecular oxygen itself1414 as the oxidants. 
 A more extreme example of high-valent iron is 
the oxoiron(V) (Figure 2-50)1415,1416 

   
                (2-229) 

that is the product of oxidation of a coordinated 
Fe3+ by m-chloroperoxybenzoic acid. In the product 
of the oxidation, the formal oxidation state of the 
iron is +5 and that of the oxygen is -2 

        (2-230) 

The strong electron donation of the four strongly 
basic, anionic amido nitrogens in the tetraamido 
macrocycle coordinating the Fe3+, which are signif-
icantly more basic than four tertiary amino groups, 
is in part responsible for the capacity of the iron ion 
to achieve the +5 oxidation state when it is within 
this ligand.* The tetraamidooxoiron(V) in Equation 
2-229 is in square pyramidal pentacoordination 
with the oxo group at the apex. When an iron(V) is 
generated in a more flexible ligand, again by the 
use of a peroxy acid, a complex between the peroxy 
acid and an iron(III) could be identified1418 in 
which the acyl oxygen and the distal oxyanion of 
the peroxy acid had become the fifth and sixth lig-
and to a hexacoordinated, octahedral Fe3+, a result 
that suggests that such an intermediate might be 
 

                                                
*When a bis[1-(2,4,6-trimethylphenyl)imidazol-2-ylidene], which 
is an even more basic, dicarbanionic ligand, coordinates an 
iron ion, an Fe6+ can be stabilized.1417 

involved in the oxidation of Equation 2-229 and 
that the oxygen–oxygen bond of this intermediate 
dissociates to give the oxo group and the m-chloro-
peroxybenzoate, which then dissociates from the 
oxoiron(V).  
 The porphyrin of a heme (2-69) is the biologi-
cal equivalent of the 1,4,8,11-tetramethyl-1,4,8,11-tetra-
azacyclotetradecane in Equation 2-228 or the 
tetraamido macrocyclic ligand in Equation 2-229. 
The main difference among these three macrocyclic 
ligands is the values of pKa for their respective nitro-
gens. In the cyclic tetraamide (Equation 2-229), each 
of the nitrogens is equivalent to the nitrogen in 
N-phenylacetamide (pKa = 15) or the nitrogen in 
2-methylpropionamide (pKa = 17). In the cyclic tetra-
amine (Equation 2-228), each of the nitrogens is 
equivalent to the nitrogen in N-methyl-N,N-diethyl-
amine (pKa = 10.5). In the cyclic tetrapyrrole of pro-
toporphyrin (2-69), the situation is complicated by 
the existence of two different types of nitrogen. A 
net of two of the nitrogens are similar to the nitro-
gen in pyrrole (pKa = 17.5), and the net of two of the 
nitrogens are similar to the nitrogens in pyridine 
(pKa = 5.2). These are net values because all four of 
the unhydronated nitrogens in a heme are essen-
tially equivalent and have some hybrid of these two 
values of pKa. 
 Hemes are one of the classes of prosthetic 
groups that form complexes directly with molecular 
oxygen, superoxide radical anion, hydrogen peroxide, 
and water. In the hemes that form these complexes, 
unlike in the hemes in proteins involved in electron 
transfer (Figure 2-22), the sixth coordination site on 
the iron ion, one of the two sites for an axial ligand 
in a heme transferring electrons, is not occupied by 
a basic amino acid from the protein but is occupied 
by ligands from the solution, or in a ferroheme, it is 
sometimes even unoccupied. The chemistry proceeds 
at the single open site on the iron, as in superoxide 
reductase.  
 Synthetic ferrihemes that are properly construct-
ed to prevent destructive side reactions also react 
with peroxy acids 
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                (2-231) 

to produce a high-valent iron. The main difference 
between a porphyrin and the tetraamido macro-
cyclic ligand of Equation 2-229 is that because of 
its extensive, continuous, cyclic p molecular orbital 
system, the redox couple of dihydronated porphyrin 
radical cation and dihydronated neutral porphyrin 
has a much more negative reduction potential than 
the redox couple of dihydronated radical cation of 
the tetraamido macrocycle and dihydronated tetra-
amido macrocycle. Consequently, an electron is 
transferred from the highest occupied p molecular 
orbital of this p molecular orbital system of the 
porphyrin to the iron ion as the oxoiron(V) porphyrin 
is formed during the reaction with the peroxy acid, 
and the iron ends up in the +4 oxidation state and 
the porphyrin ends up as a p radical cation (por-
phyrin· +) to give oxoiron(IV) porphyrin· +. As the 
designation indicates, the electron deficiency, and 
hence the positive formal elementary charge of the 
hole, is in the p molecular orbital system of the radical 
cation* of the porphyrin.1419,1420 
 When an iron ion is inserted into a heme, the 
ligand field of the four nitrogens orients its five 
d orbitals (Figure 2-24) while affecting their ener-
gies (Figure 2-25). In the oxoiron(IV) porphyrin· + 
(Equation 2-231), there are four s  molecular orbitals 
and four dpp  molecular orbitals among the iron 
and the oxygen. These molecular orbitals resemble 
 
 
                                                
*Since the porphyrin in a heme is a dianion, when the radical 
forms, the charge on the entire porphyrin is -1. There is, 
however, a positive formal charge and an unpaired electron 
delocalized over the p molecular orbital system of the porphyrin, 
which make the p molecular orbital system a radical cation. 

the molecular orbitals in a diatomic molecule (Fig-
ure 2-45 and 2-86). The single s  molecular orbital 
system is formed by a combination of the 2s atomic 
orbital on the oxygen, the 4s atomic orbital on the 
iron, the 2pz orbital on the oxygen, and the 
3dz2 orbital on the iron. These four atomic orbitals 
together combine to create four molecular orbitals: 
two bonding s molecular orbitals and two anti-
bonding s molecular orbitals. Because all four of 
these atomic orbitals are cylindrically symmetric 
with the axis between the oxygen and the iron, the 
four molecular orbitals in the s molecular orbital 
system that they create must also be, as are those in 
molecular oxygen. Unlike molecular oxygen, however, 
they are asymmetric about the two perpendicular 
rotational axes because the atoms are different. 
There are two perpendicular dpp  molecular orbital 
systems. One dpp molecular orbital system is 
formed by overlap of the 2px orbital of the oxygen 
and the 3dxz orbital of the iron ion, which creates a 
bonding dpp molecular orbital and an antibonding 
dpp molecular orbital, and the other is formed by 
overlap of the py orbital of the oxygen and the 
dyz orbital of the iron, which also creates a bonding 
dpp molecular orbital and an antibonding dpp molec-
ular orbital. Because the two p orbitals on the oxygen 
were orthogonal to each other and degenerate and 
the two d orbitals on the iron were also orthogonal 
to each other and degenerate, the two p molecular 
orbital systems they respectively create are perpen-
dicular to each other, orthogonal, and degenerate. 
Except for the fact that these latter two overlaps are 
dpp overlaps rather than ppp overlaps, the two 
dpp molecular orbital systems are homologous to 
the two p molecular orbital systems in molecular 
oxygen itself. 
 Upon dissociation of the m-chlorobenzoic acid 
with two electrons that were in the oxygen–oxygen 
bond, two electrons are required to complete the 
octet around the remaining oxygen. One is contrib-
uted by the iron and the other by the p molecular 
orbital system of the porphyrin. Formally, this creates 
an oxide dianion, O2- (8 valence electrons), bonded 
to Fe4+ (4 valence electrons), which together account 
for 12 valence electrons, the same number as in 
molecular oxygen. Six of these electrons occupy 
three of the s molecular orbitals for a net of one 
s bond; and the six remaining valence electrons 
occupy the two orthogonal, degenerate dpp molec-
ular orbital systems, just as six valence electrons 
occupy the two orthogonal, degenerate p molecular 
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orbital systems of molecular oxygen (2- 87). The 
same result occurs in the dpp molecular orbital 
systems. Four of the electrons occupy the two 
bonding dpp molecular orbitals, and two of the 
electrons are split between the two antibonding 
dpp molecular orbitals to create a paramagnetic 
triplet state and a net of one dpp bond. 
 Consequently, the oxygen–iron bond in an 
oxoiron(IV) porphyrin· + is usually abbreviated Fe=O 
as if it were a double bond, one s bond and one 
p bond; but another way of abbreviating it would 
be , which accounts for all 12 of the valence 
electrons (Equation 2-229). This latter formalism 
resembles the formalism that can be used for molec-
ular oxygen. Unlike molecular oxygen, however, 
there is a significant difference in electronegativity 
between iron and oxygen, a difference of nuclear 
elementary charge, a difference in the type of 
atomic orbitals from the iron and the oxygen used 
to form the molecular orbitals, and the presence of 
the other axial ligand and the four lone pairs of 
electrons from the nitrogens of the heme that are 
ligands to the iron ion. All these factors affect the 
distribution of electrons between the iron and the 
oxygen. From here on, however, the bonding will 
simply be represented by three vertical dashed 
lines to indicate that there is a sigma bond and two 
dpp overlaps, and the decision on covalency and 
distribution of electrons, as usual, will be left to the 
reader. 
 A synthetic oxoiron(IV) porphyrin· + (Equation 
2-231) can be produced with both hydrogen peroxide 
and alkyl hydroperoxides1421,1422 as well as with 
peroxy acids. The former two reactions are most 
relevant to biochemical oxoiron(IV) porphyrins· +. 
The reactions proceed with general acid catal-
ysis1421,1423-1428 to promote the heterolysis of the 
respective oxygen–oxygen bond* 

                                                
*From here on, a heme will be abbreviated by a square with 
nitrogens at its vertices. 

  
                (2-232) 

where R is a hydrogen (hydrogen peroxide), an alkyl 
group (a hydroperoxide), or an acyl group (a peroxy 
acid) and the leaving group (ROH) is a molecule of 
water, an alcohol, or a carboxylic acid, respectively. 
 In the absence of effective general acid catalysis, 
the oxygen–oxygen bond can also break homoly-
tically1424,1426,1429-1432 

 
                (2-233) 

to give a synthetic hydroxyiron(IV) porphyrin 
within an unoxidized heme. A hydroxyiron(IV) is 
formally equivalent to either a hydroxyl radical 
bound to Fe3+ or a hydroxide bound to Fe4+ (Fig-
ure 2-50). The conjugate base of a hydroxyiron(IV) 
is an oxoiron(IV) (Figure 2-50). 
 Alkyl hydroperoxides (R = alkyl) are more prone 
to homolysis than hydrogen peroxide (R = H), 
which is more prone to homolysis than peroxy acids 
(R = acyl).1422,1429 Peroxy acids are more prone to 
heterolysis than hydrogen peroxide, which is more 
prone to heterolysis than alkyl hydroperoxides. The 
former sequence is that expected from the stability 
of the corresponding oxy radicals that are the homo-
lytic leaving groups from the hydroxy group of the 
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peroxide or peroxy acid, and the latter sequence is 
that expected from the ability of the corresponding 
oxyanions to be heterolytic leaving groups from the 
hydroxy group of the peroxy acid or peroxide. Under 
appropriate conditions, the reaction with a peroxy 
acid, which provides the best leaving group for heter-
olysis, proceeds with no homolysis.1421,1423 
 The hydroperoxyiron(III) (Figure 2-50) in 
1,4,8,11-tetramethyl-1,4,8,11-tetraazacyclotetra-
decane (see Equation 2-228) has been produced as 
a relatively stable compound and examined spectro-
scopically.1413,1433 When a hydron and an electron, 
from triethylammonium and triethylamine, respec-
tively, are then provided, the hydroperoxyiron(III) 
converts to oxoiron(IV). It is thought that the first 
step in this conversion is heterolytic dissociation of 
the oxygen–oxygen bond under acid catalysis by tri-
ethylammonium to give oxoiron(V), which, as a strong 
oxidant, then takes up an electron from triethylamine 
to become oxoiron(IV). This sequence of events 
suggests that when the nitrogens in the cyclic ligand 
are not strong anionic bases, as in Equation 2-229, 
a source of electrons is required to form oxoiron(IV). 
In the case of a heme, the porphyrin is an intra-
molecular source of the necessary electron. The 
same oxoiron(IV) can be formed from the complex 
between hydrogen peroxide and an Fe2+ in the 
same cyclic ligand by adding catalytic amounts of a 
base to catalyze the tautomerization in which a hydron 
dissociates from the proximal oxygen of the hydrogen 
peroxide and a hydron is added to the distal oxygen 
to permit heterolysis of the oxygen–oxygen bond. 
Because the iron begins as iron(II), no electron is 
needed to produce oxoiron(IV). 
 An oxoiron(IV) porphyrin· + is so electrophilic 
that its oxygen is not basic enough to be hydronated 
at any pH. The oxygen atom in an oxoiron(IV) por-
phyrin, however, because an oxoiron(IV) porphyrin 
has one more electron than an oxoiron(IV) porphy-
rin· +, is a base. Its basicity depends on the identity 
of the proximal ligand on the other side of the 
heme.1434 In the active site of an enzyme, the pKa of 
the oxygen atom in a hydroxyiron(IV) porphyrin in 
which the proximal ligand is the imidazolyl group 
of a histidine1435 is usually less than or equal to 3.5, 
so it is normally unhydronated.1436 When the ligand 
is the sulfido group of a cysteine, which is a much 
stronger donor of electron density that an imidazolyl 
group, the pKa of the oxygen atom1434,1437 in a hydrox-
yiron(IV) porphyrin is between 10 and 12, so it is 
normally hydronated. The fact that the oxygen atom 
in an oxoiron(IV) porphyrin is basic indicates that, 

in its reactions, it should be susceptible to acid–
base catalysis regardless of the identity of the prox-
imal ligand. 
 A synthetic oxoiron(IV) porphyrin· + is able to 
convert an alkene into its epoxide1420,1438-1440 

     (2-234) 

The reaction proceeds with a kinetic intermediate, 
and the rearrangements of the alkene observed 
during its epoxidation suggest that this intermediate 
is a carbocation. The correlation between the rate 
constant of the epoxidation and the ionization po-
tential of the carbon–carbon double bond suggests 
that the intermediate is a radical carbocation 

                             (2-235) 

resulting from transfer of one electron from the 
p bond of the carbon–carbon double bond to the 
oxoiron(IV) porphyrin· +.1441 If so, the intermediate is 
both a radical and a carbocation. The oxygen incor-
porated into the epoxide is that of the oxo group on 
the iron, but this fact was difficult to determine 
because the oxygen in a synthetic oxoiron(IV) 
porphyrin· + is capable of rapid exchange with the 
oxygen in any water present in the solvent1420,1426 
before it performs the epoxidation. There has, how-
ever, been no evidence suggesting that the oxygen 
in an oxo group at a heme in an enzyme is capable 
of exchange with the water in the solution. A synthetic 
hydroxyiron(IV) porphyrin produced by homolysis 
(Equation 2-233) also performs epoxidation of 
olefins,1426,1431,1442 but the distribution of products 
is quite different from that produced by oxoiron(IV) 
porphyrin· +, an observation suggesting that it pro-
ceeds by a different mechanism. 
 Both synthetic oxoiron(IV) porphyrins· + and 
synthetic hydroxyiron(IV) porphyrins are also able 
to hydroxylate alkanes to alcohols,1426,1443,1444 but 
the heme in the hydroxyiron(IV) porphyrin has to 
have substituents that withdraw electrons to make 
the hydroxyiron(IV) a strong enough oxidant. If a 
hydrocarbon chain is intramolecularly positioned 
over the iron in a heme model compound and the 
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heme is converted to oxoiron(IV) porphyrin· +, the 
closest methylene in the chain to the oxygen is 
converted into a secondary alcohol.1445 If, however, 
there are several carbon–hydrogen bonds equally 
accessible to the oxygen of an oxoiron(IV) porphyrin· +, 
the carbon in the carbon–hydrogen bond with the 
smallest bond dissociation energy (BDE) is the one 
that is hydroxylated. This result suggests that the 
first step in the hydroxylation is abstraction of a 
hydrogen atom from the alkane. A synthetic oxo-
iron(IV) porphyrin is able to turn xanthene into 
xanthone,1446 presumably by a hydrogen abstraction 
from the xanthene (BDE = 350 kJ mol-1) followed by 
an electron transfer and then a hydrogen abstraction 
from the intermediate xanthydrol (BDE = 340 kJ mol-1) 
followed by an electron transfer to give xanthone. 
The oxoiron(IV) in the cyclic ligand 1,4,8,11-tetra-
methyl-1,4,8,11-tetraazacyclotetradecane (Equa-
tion 2-228) is able to abstract hydrogens from the 
oxygen of a phenol.1411 The bond dissociation en-
ergy (340 kJ mol-1) for the hydroxy group of a phenol, 
however, is significantly less than that for an alkane 
(400 kJ mol-1). A synthetic oxoiron(V), however, is a 
strong enough oxidant to hydroxylate alkanes.1416 
Providing an acidic donor for a hydrogen bond, in 
particular 2,6-dimethylpyridinium (pKa = 6.6), to 
the oxygen of a synthetic hydroxyiron(IV) porphy-
rin increases its reactivity, both in rate and in the 
bond dissociation energies of its reactants,1446 by 
increasing its electrophilicity. The active sites of 
enzymes often have one or two donors for hydro-
gen bonds to the oxygen of a prosthetic oxoiron. 
 A synthetic oxoiron(IV) porphyrin· + is also able 
to participate in one-electron transfer1432 

 (2-236) 

 

 Hemoperoxidases use hydrogen peroxide or 
an alkyl hydroperoxide as a reactant to produce 
prosthetic oxoiron(IV) porphyrin· + or oxoiron(IV) 
porphyrin from their ferric hemes. They use these 
high-valent intermediates either as a means to remove 
from the cytoplasm the hydrogen peroxide or the 
particular alkylperoxide that are the reactants 

       (2-237) 

or use these intermediates to oxidize particular 
substrates. An uncomplicated example of the former 
purpose is ¬-ascorbate peroxidase, which reductively 
removes hydrogen peroxide from the cytoplasm 
and uses two molecules of the one-electron-transfer-
ring coenzyme ¬-ascorbate (Equation 2-163) to 
provide the necessary two electrons (Equation 2-237). 
An uncomplicated example of the latter purpose is 
myeloperoxidase 

          (2-238) 

which produces oxoiron(IV) porphyrin· + from hydro-
gen peroxide to oxidize chloride to hypochlorous 
acid1447,1448 

  
                (2-239) 

where hydroxyiron(III) porphyrin (see Figure 2-50) 
is the complex between a hydroxide and the ferric 
heme. The same reaction is catalyzed by another 
peroxidase in mammalian tissue that oxidizes 
bromide to hypobromous acid but does not oxidize 
chloride.1449 
 In the resting state of a hemoperoxidase, the 
heme is usually an aquoiron(III) porphyrin (see 
Figure 2-50), the complex between a molecule of 
water and the ferric heme. In a few instances, however, 
the coordination site on the iron is not occupied by 
a molecule of water or any other ligand and is open 
to a strong enough ligand. The first step in the for-
mation of oxoiron(IV) porphyrin· + at the heme in a 
hemoperoxidase is replacement of the water on the 
open coordination site of the aquoiron(III) porphyrin 
by hydrogen peroxide or alkyl hydroperoxide 

N N

N N

“
)

)
.+

1

N N

N N

“
)

)

N

N

O

O

O N

N

H

H
“

:

:

OH“:
.

H
“
(

+

+

Fe4+

O2–

Fe4+

O2–

“

ROOH  +  2 H+  +  2 e–  1  ROH  +  H2O

H+  +  H2O2  +  Cl 
–  1  HOCl  +  H2O

H2O  +  oxoiron(IV) porphyrin·+  +  Cl 
–  1

                            HOCl  +  hydroxyiron(III) porphyrin



Prosthetic Catalysis 
 

376 

  
                (2-240) 

In the active site of most hemoperoxidases, there is 
the side chain of a histidine forming a hydrogen 
bond with the water initially on the Fe3+.1450,1451 
This histidine must be both present and unhydro-
nated1452,1453 so that it can remove the hydron from 
the proximal oxygen of the hydrogen peroxide, 
either as the complex is forming or after it has 
formed.1454 
 The result of the replacement of the molecule 
of water and transfer of the hydron is a hydroper-
oxyiron(III) porphyrin (see Figure 2-50), the com-
plex between a hydroperoxide ion and the ferric 
heme. A hydroperoxyiron(III) porphyrin has been 
observed transiently in the peroxidase from Armoracia 
rusticana1455 and could be trapped as a stable species 
at low temperature.1456 The bond formed between 
oxygen and iron is between a s lone pair of electrons 
from the conjugate base of hydrogen peroxide and 
the empty, axial dz2 atomic orbital on the iron.1294  
 In the next step of the reaction, heterolytic 
cleavage of the oxygen–oxygen bond occurs.1457 
The histidine that has just removed the hydron 
from the proximal oxygen of the hydrogen peroxide 
(Equation 2-240) hydronates its distal oxygen1458,1459 
to provide the necessary acid catalysis 

       
                (2-241) 

for dissociation of the oxygen–oxygen bond and 
formation of the oxoiron(IV) porphyrin· +. The net 
of one double bond between iron and oxygen in the 
oxoiron(IV) porphyrin· + in the active site of a hemo-
peroxidase that is the product of this sequence of 
steps has an infrared absorption band at a wave-
length in the same range as the one for the net double 
bond in a synthetic oxoiron(IV) porphyrin· +.1460,1461 
The crystallographic molecular model of an oxo-
iron(IV) porphyrin· + in catalase from Penicillium 
janthinellum, a hemoperoxidase, shows a single 
oxygen sitting on the iron in the heme (Figure 
2-51).1430,1457 
 Chlorite O2-lyase from Dechloromonas aromatica 
uses chlorite rather than hydrogen peroxide to 
produce an oxoiron(IV) porphyrin· + in its active 
site. Chlorite (OClO-) associates through one of its 
oxygens with the ferric heme in the active site to form 
an adduct homologous to a hydroperoxyiron(III) 
porphyrin. Instead of the distal oxygen being hydro-
nated to create a leaving group, in this case the 
leaving group is hypochlorite (ClO-) and its disso-
ciation produces the oxoiron(IV) porphyrin· +. The 
hypochlorite reorients in the active site and the 
oxoiron(IV) porphyrin· + then abstracts the oxygen 
atom from it. The final products of the reaction are 
Cl-, molecular oxygen, which is formed from the 
two peripheral oxygens of the chlorite, and iron(III) 
porphyrin.1462 In this case, an oxygen–oxygen bond 
is made rather than being broken. 
 In most of the peroxidases, the electron that 
reduces oxoiron(V) to oxoiron(IV) is provided by the 
porphyrin itself to produce oxoiron(IV) porphyrin· +. 
In cytochrome-c peroxidase from S. cerevisiae1463,1464 
and lignin peroxidase from P. eryngii,1465,1466 however, 
the radical cation arising from transfer of the electron 
to oxoiron(V) during heterolysis of the oxygen–
oxygen bond ends up located on the nearby indolyl 
group of a tryptophan in an oxoiron(IV) indolyl· +.  
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Figure 2-51: Stereodrawing50 from the crystallographic molec-
ular model of oxoiron(IV) porphyrin· + in the active site of 
catalase from P. janthinellum.1430 Black atoms are carbons, 
white atoms are oxygens, gray atoms are nitrogens, and the small 
dark gray sphere surrounded by ligands is an iron ion. A crystal 
of catalase from P. janthinellum was soaked for 2 min in 
125 mM peroxyacetic acid, during which time its color turned 
from brown to green, suggesting that its heme had become 
oxoiron(IV) porphyrin· +. It was immediately brought to 100 K 
and stored at this temperature. In the crystallographic model 
derived from this crystal, there was a single atom of oxygen on 
the iron ion of the heme at a bond length expected for an iron–
oxygen double bond (0.172 nm). The other axial ligand to the  

iron ion in the heme of this enzyme is the 4-oxido group of 
Tyrosine 339. The heme b (2-69) originally present in this 
catalase has been oxidatively modified during its lifetime of 
performing catalysis in the cell before it was purified. In addi-
tion to the methyl group at position 12, there is a hydroxy 
group (upper right corner in drawing) and the bond between 
carbon 12 and carbon 13 is a single bond instead of a double 
bond. In addition to the 2-carboxylatoethyl group on carbon 13, 
there is also a hydroxy group, and these two groups have formed 
a lactone (upper right corner in drawing). The oxygen of the 
oxo group is participating in a hydrogen bond with a molecule 
of water, which is held in place by the carbamoyl group of 
Asparagine 129 and the imidazolyl group of Histidine 56. 
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The tryptophan in cytochrome-c peroxidase is located 
in a pocket that stabilizes its radical cation,1467 and 
when that tryptophan is mutated to a phenyl-
alanine, the usual oxoiron(IV) porphyrin· + forms 
instead.1468 It has already been noted that, in cyto-
chrome-c peroxidase, the two successive electrons 
transferred from two successive molecules of cyto-
chrome c are both transferred to the p  radical cation 
of the tryptophan. In the case of lignin peroxidase, 
the radical cation of the tryptophan actually oxidizes 
the lignin by abstracting electrons from it.1469 In 
¬-ascorbate peroxidase, however, which has a trypto-
phan in the homologous location, a normal oxo-
iron(IV) porphyrin· + is formed1470,1471 rather than 
an oxoiron(IV) indolyl· +. 
 In methylamine utilization protein, a peroxidase 
from P. denitrificans, there are two hemes: one at 
which the hydrogen peroxide is converted to an 
oxoiron(V) porphyrin and the other that provides 
the extra electron to convert the oxoiron(V) porphy-
rin to an oxoiron(IV) porphyrin. The iron ion in the 
other heme has a tyrosine and a histidine as axial 
ligands, and the Fe3+ is converted to the oxidation 
state of Fe+4 after providing the electron. The extra 
electron is transferred back and forth between the 
hemes by hopping through a tryptophan that serves 
as a relay station.1472 
 In many hemoperoxidases, in addition to the 
imidazolyl group that performs the acid catalysis, 
there is also the guanidinio group of an arginine 
located appropriately1473,1474 to provide a hydrogen 
bond to a molecule of water that in turn forms a 
hydrogen bond to the distal oxygen of the hydrogen 
peroxide. This arrangement should polarize the oxy-
gen–oxygen bond and hasten its cleavage.1475 After the 
bond cleaves and the water leaves, this guanidinio 
group then swings over to form a hydrogen bond 
with the oxygen of oxoiron(IV) in the oxoiron(IV) 
porphyrin· +.1451,1476 The fact that this hydrogen 
bond can form is an indication that there must be 
sufficient electron density on the oxygen to act as 
an acceptor. 
 In catalase 

                     (2-242) 

the proximal axial ligand to the iron in the heme, 
opposite its open site, is the 4-oxido group of a 
tyrosine (Figure 2-51),1458,1477,1478 rather than the 
more common imidazolyl group of a histidine 
(Equation 2-240).1459 A portion of the spin density 
of the p radical cation in the oxoiron(IV) porphyrin· +  

in catalase is delocalized into the tyrosinate ligand 
on the iron.1479 An electron from the highest occupied 
p molecular orbital system of the tyrosinate is trans-
ferred into the highest occupied p molecular orbital 
of the porphyrin radical cation. It fills the hole left 
by the electron that was transferred to the oxoiron(V) 
and pairs with the electron in the highest occupied 
p molecular orbital of the porphyrin, and it leaves 
behind a hole and an unpaired electron in the highest 
occupied p molecular orbital of the tyrosinate. The 
degree to which the unpaired electron and the hole 
reside on the tyrosine varies among the catalases 
from different organisms,1430 but in at least one 
case, the majority of the spin density of the radical 
resides on the tyrosine.1480 In the catalase-peroxidase 
KatG from M. tuberculosis, the indolyl group of 
Tryptophan 107 is stacked against the heme. When 
the oxoiron(IV) porphyrin· + is formed, as long as 
the radical cation remains on the heme, the enzyme 
is a peroxidase performing hydrogen abstraction 
from various reactants. When, however, the unpaired 
electron transfers to the indolyl group to form an 
indolyl radical cation, the resulting oxoiron(IV)por-
phyrin indolyl· + becomes a catalase (Equation 2-242) 
and converts a molecule of hydrogen peroxide to a 
molecule of water. In the process it becomes a super-
oxyiron(III) porphyrin indolyl· + that dissociates into 
a molecular oxygen and an iron(III)porphyrin, which 
again can act as either a catalase or a peroxidase.1481 
 The length of the iron–oxygen bond in the oxo-
iron(IV) within the cyclic ligand 1,4,8,11-tetramethyl-
1,4,8,11-tetraazacyclotetradecane (Equation 2-228),1410 
is short (0.165 nm). When the radical cation remains 
localized to the porphyrin, the length of the iron–
oxygen bond in the oxoiron(IV) porphyrin· + in a 
crystallographic molecular model of a synthetic 
model compound is longer (0.172 nm),1482 a fact 
indicating that there is less p bonding between iron 
and oxygen because the porphyrin radical cation, a 
weaker base, provides more electron density to the 
antibonding dpp molecular orbitals of the oxoiron 
than the cyclic ligand. When the radical cation is 
localized on the tyrosinate or elsewhere in the 
protein, the length of the iron–oxygen bond in the 
oxoiron(IV) porphyrin that results is long (0.182 nm), 
a fact indicating that there is much less p bonding 
between iron and oxygen because the porphyrin, 
no longer the radical cation, provides even more 
electron density  to the antibonding dpp molecular 
orbitals. As a result, the s lone pair of electrons is more 
localized on the oxygen so that it can be hydronated 
(right resonance structure in Equation 2-233).1430  
   

H2O2  +  H2O2  1  2 H2O  +  O2
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Figure 2-52: Stereodrawing50 of the crystallographic molecular 
model of a compound that serves as a model for the heme in 
an oxygen-binding hemoprotein in its oxygenated form.1514 
Black atoms are carbons, white atoms are oxygens, gray atoms 
are nitrogens, and the small dark gray sphere surrounded by 
ligands is an iron ion. The porphyrin in this model compound 
is a tetra(o-aminophenyl)porphyrin. Four molecules of pivalic 
acid [(CH3)3CCOOH] have been attached as amides, one to the 
anilino nitrogen in each of the four o-aminophenyl groups. 
These four pivalamides form a dome over one side of the heme. 
The axial position on the iron opposite the dome is occupied 
by a 2-methylimidazole to give the heme properties similar to the 
heme in hemoglobin or myoglobin. The ferrous model com-
pound was recrystallized from refluxing ethanol in the absence 
of molecular oxygen. The resulting crystals were exposed to 
1-2 atm of molecular oxygen saturated with ethanol vapor for 
several days and then prepared for crystallography. The map of 
electron density of the crystal that had been treated in this way 
showed that the iron of the heme in the crystals was occupied 

by molecular oxygen at its open axial position. In this complex 
between heme and molecular oxygen, the molecular oxygen 
assumes four different rotational isomers around the iron–
oxygen bond because the heme has a fourfold rotational axis of 
pseudosymmetry coincident with the iron–oxygen bond. There 
are four orientations of equal energy, at rotational angles of 90ª 
to each other, that are assumed by the molecule of oxygen. In 
the drawing only one of these four equally populated orienta-
tions is shown. Crystallographic molecular models were made 
for both the unoccupied heme and the heme occupied by oxygen. 
In the unoccupied heme, which is not shown, the iron is pulled 
40 pm out of the plane of the porphyrin in the direction of the 
2-methylimidazole by steric effects arising from the methyl 
group of 2-methylimidazole. When oxygen binds, as shown in 
the drawing, the iron returns almost to the plane of the 
porphyrin (final displacement of only 9 pm). In the heme 
occupied by molecular oxygen, the bond angle between the 
iron–oxygen bond and the oxygen–oxygen bond is 129ª. 
 

  



Prosthetic Catalysis 
 

380 

 In many of the reactions catalyzed by hemo-
peroxidases, the oxoiron(IV) porphyrin· +, oxoiron(IV) 
phenoxy· , or oxoiron(IV) indolyl· + accepts a single 
electron during the oxidation of its natural sub-
strate or can accept a single electron from an appro-
priate unnatural substrate. Examples of the former 
case would be ¬-ascorbate peroxidase, cytochrome-c 
peroxidase, and manganese peroxidase, each of which 
accepts two successive single electrons in two separate 
outer-sphere transfers from two successive molecules 
of the one-electron donors that are their natural sub-
strates: ¬-ascorbate (Equation 2-163), cytochrome c, 
and Mn2+·oxalate2-, respectively.1483,1484 Examples of 
the latter case would be transfer of one electron 
from amines1485 and sulfides1486 to the oxoiron(IV) 
porphyrin· + of the peroxidase from A. rusticana, 
which normally removes single electrons from 
phenols. When a single electron is transferred to 
oxoiron(IV) porphyrin· +, oxoiron(IV) porphyrin 
(Equation 2-233) is formed,1487,1488 which in the cases 
of ¬-ascorbate peroxidase, cytochrome-c peroxidase, 
and manganese peroxidase then accepts the second 
electron. 
 Both oxoiron(IV) porphyrin· + and oxoiron(IV) 
porphyrin in a hemoperoxidase are strong oxi-
dants. In ¬-ascorbate peroxidase, the one-electron 
biochemical standard reduction potential for the 
redox couple of oxoiron(IV) porphyrin· + and oxo-
iron(IV) porphyrin is +1160 mV and that for the redox 
couple of oxoiron(IV) porphyrin and aquoiron(III) 
porphyrin is +750 mV.1489 In cytochrome-c peroxi-
dase, the two-electron reduction potential at pH 6.1 
for the redox couple of oxoiron(IV) indolyl· + and 
aquoiron(III) indolyl is +740 mV.1490 In a model 
compound in which an oxoiron(IV) is coordinated 
equatorially by the nitrogens of four pyridines and 
has a proximal axial ligand of a trialkylamine,1491 a 
coordination similar to that of heme, the biochemical 
standard reduction potential for the redox couple of 
oxoiron(IV) and hydroxyiron(III) at pH 4 is +650 mV. 
These significantly positive standard reduction poten-
tials permit such intermediates to participate as 
strong one-electron acceptors. 
 In an oxoiron(IV) porphyrin· +, the highest occu-
pied molecular orbital of the porphyrin, which is 
occupied by the unpaired electron and the hole, 
has its greatest spin density at the four meso posi-
tions (carbons 5, 10, 15, and 20 in 2-69),1430 and 
these positions should be locations at which trans-
fer of an electron can occur. In the peroxidase from 
A. rusticana, the channel that leads from the solution 
to the heme, in which the substrates are oxidized 
by the enzyme, is centered on one of these meso 

positions.1492 During the oxidation of phenylhydra-
zine by the peroxidase from C. cinerea, which leads 
to inactivation of the enzyme, phenyl radical is 
produced within the active site by the successive 
abstraction by the enzyme of the equivalent of 
three hydrogen radicals from the two nitrogens of 
the phenylhydrazine, which leads to the production 
of molecular nitrogen and the phenyl radical. The 
phenyl radical then phenylates one of the meso 
positions of the heme.1493 Because the phenyl radical 
(bond dissociation energy = 470 kJ mol-1) is so reac-
tive, its insertion at the meso carbon suggests that 
the meso carbon was immediately adjacent to it 
when it was formed. 
 In the reaction catalyzed by ¬-ascorbate perox-
idase and cytochrome-c peroxidase, the hydrogen 
peroxide or alkyl hydroperoxide that produces the 
oxoiron(IV) porphyrin· + associates with Fe3+ of the 
heme (Equation 2-240) and is turned into a mole-
cule of water or alcohol, respectively, and the oxygen 
of the oxoiron(IV) porphyrin· + (Equation 2-241). 
The oxygen of the oxoiron(IV) porphyrin· + becomes 
a molecule of water following the formal transfer of 
two electrons and two hydrons. The net result is 
either that the hydrogen peroxide is turned into 
two molecules of water or that the alkyl hydroper-
oxide is turned into a molecule of alcohol and a 
molecule of water. Either result accomplishes the 
purpose of removing peroxides. In the process, two 
one-electron reductants, ¬-ascorbate and ferrocyto-
chrome c, respectively, provide the required reducing 
equivalents. 
 Catalase (Equation 2-242) uses the oxoiron(IV) 
porphyrin· +, or the oxoiron(IV) porphyrin phenoxy· , 
formed in its active site (Figure 2-51) from hydrogen 
peroxide to oxidize a second molecule of hydrogen 
peroxide to molecular oxygen, a reaction that is of 
course only appropriate to aerobic organisms and 
that serves twice over the role of removing hydrogen 
peroxide from the cytoplasm. It has been demon-
strated that oxoiron(IV) porphyrin· +, formed nonenzy-
matically in a synthetic heme, can readily abstract a 
hydrogen atom from hydrogen peroxide1432 to pro-
duce hydrogen superoxide radical 
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                (2-243) 

The bimolecular rate constant of this nonenzymatic 
reaction in solution at 25 ªC is 107 M-1 s-1, and the 
magnitude of this rate constant suggests that no catal-
ysis is required at this step in the enzymatic reaction. 
The other product of this reaction is the hydroxy-
iron(IV) porphyrin,1494 an intermediate formed 
stably when the oxoiron(IV) porphyrin· + of catalase 
is reduced by a one-electron donor rather than a 
two-electron donor such as hydrogen peroxide. 
 The last step in the enzymatic reaction of cata-
lase could be transfer of an electron from hydrogen 
superoxide radical coupled to removal of a hydron 

    
                (2-244) 

The imidazolyl group of the histidine, which removed 
the hydron from the proximal oxygen of hydrogen 
peroxide (Equation 2-240) and added the hydron to 
the distal oxygen (Equation 2-241), could remove a 
hydron from hydrogen superoxide radical while an 
electron is transferred from the superoxide radical 
anion to Fe4+. In this case, the hydroxyiron(IV) porphy-
rin is acting as a hydroxide on Fe4+, which is a strong 
oxidant. The imidazolium ion could then add a hydron 
to the hydroxide on hydroxyiron(III) porphyrin 
(Equation 2-244) to return the heme to aquoiron(III) 
porphyrin. 
 An alternative possibility for the last step is the 
abstraction of a second hydrogen atom by the 
hydroxyiron(IV) porphyrin from the hydrogen super-

oxide radical that has turned around within the active 
site of the enzyme1432 

     
                (2-245) 

In this reaction the hydroxyiron(IV) porphyrin would 
be functioning as a hydroxyl radical on Fe3+. A hydroxyl 
radical (bond dissociation energy = 497 kJ mol-1) is 
capable of abstracting a hydrogen atom from almost 
anything. Either scenario is consistent with the fact 
that when a mixture of H2

18O2 and H2
16O2 is used 

as substrate for catalase, the molecular oxygen 
produced had the same percentage of doubly labeled 
18O2 as the percentage of doubly labeled H2

18O2 in 
the mixture,1495 a result requiring that the s oxygen–
oxygen bond of the H2

18O2 remains intact during 
the enzymatic reaction. 
 There are, however, as already noted, many 
peroxidases that use the oxoiron(IV) porphyrin· + to 
perform useful oxidations of particular substrates, 
rather than just removing hydrogen peroxide from 
the cytoplasm. For example, manganese peroxi-
dase uses its oxoiron(IV) porphyrin· + in two suc-
cessive removals of an electron from each of two 
Mn2+·oxalate2- ylides. Each Mn3+·oxalate2- ion it 
produces is a strong oxidant that is used to degrade 
lignin, one of the components of wood and one of 
the most difficult biological polymers to degrade. 
The inability to degrade lignin was responsible for 
the Carboniferous period. Lignin peroxidase also uses 
its oxoiron(IV) porphyrin· + productively to remove 
two successive electrons from methoxyphenols in 
lignin by an outer-sphere electron transfer1451 or an 
inner-sphere electron transfer1496 to produce p radical 
cations in the lignin that lead to its fragmentation.1497 
In mammalian prostaglandin-endoperoxide synthase, 
there is a hemoperoxidase the only purpose of which 
is to regenerate the tyrosyl radical in the active site 
of the enzyme that is required for prostaglandin 
synthesis1498 when that tyrosyl radical is occasionally 
lost by an adventitious reduction. This peroxidase 
uses its oxoiron(IV) porphyrin· + to abstract either a 
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hydrogen or an electron from the tyrosine to regen-
erate the necessary tyrosyl radical.1499,1500 The 
oxoiron(IV) porphyrin· + in the active site of a dehalo-
peroxidase from Amphitrite ornata removes two 
electrons, one at a time, from a single molecule of 
chlorophenol to produce 4-benzoquinone and 
chloride.1501 
 During the oxidations of substrates catalyzed 
by hemoperoxidases, the hydrogen abstractions and 
electron transfers performed by oxoiron(IV) porphy-
rin· + and hydroxyiron(IV) porphyrin often generate 
reactive oxidants in the vicinity of the heme. In 
many of these enzymes, these reactive oxidants 
adventitiously modify the heme itself or amino acids 
nearby. In catalase, the heme b in the active sites of 
the initially synthesized enzyme is often modified 
by oxidation to heme d (Figure 2-51);653 in lacto-
peroxidase and iodide peroxidase, the hemes b are 
modified by oxidation to hemes l;1502 and in myelo-
peroxidase, the heme b is modified by oxidation to 
heme m.1503,1504 Such adventitious oxidations account 
for the existence of many if not most of these unusual 
hemes. In several of these instances, the oxoiron(IV) 
porphyrin· + modifies amino acids in the protein as 
well. In a catalase, an adjacent sulfanyl group of a 
cysteine1477 or the nitrogen of an adjacent imidazolyl 
group from a histidine1478 is often oxidatively coupled 
to the b carbon of the tyrosinate that coordinates 
the iron ion. In catalase-peroxidase from M. tuber-
culosis, a methionine, a tryptophan, and a tyrosine 
have all been oxidatively coupled together.1505,1506 
Perhaps, originally, this coupling was adventitious, 
but presently this covalent complex is the location 
of a radical that forms during turnover of the enzyme 
and is essential for its enzymatic activity.1507-1509 In 
cytochrome-c peroxidase from S. cerevisiae, an elec-
tron is removed adventitiously from each of two 
tyrosines in the protein during catalysis.1510 
 Hydrogen peroxide-dependent heme synthase 
from G. stearothermophilus is an enzyme that turns 
coproheme III, the complex between an iron ion and 
uroporphyrinogen III (2-70) and hence a precursor 
of heme b, into heme b (2-69), which is the precursor 
of almost all prosthetic hemes. Coproheme III has 
2-carboxyethyl groups at positions 3 and 8 instead 
of vinyl groups, and the enzyme turns those two 
carboxyethyl groups into the vinyl groups that are in 
heme b. In the active site of the enzyme, the Fe3+ in 
coproheme that is a reactant is turned into an oxo-
iron(IV) tyrosine· in the usual way with hydrogen 
peroxide.1511 The tyrosine radical abstracts a hydro-
gen from carbon 1 of a 2-carboxyethyl group that 

then undergoes oxidative decarboxylation to become 
a vinyl group. The oxidative decarboxylation is then 
repeated at the other 2-carboxyethyl group. During 
the oxidative decarboxylation, an electron is trans-
ferred to the oxoiron(IV) porphyrin to regenerate the 
hydroxyiron(III) in the heme that was the reactant 
for the enzyme. This reaction resembles the adventi-
tious reactions in which hemes in the active sites of 
peroxidases are oxidatively modified, but instead of a 
prosthetic heme being modified, it is a heme that is 
the reactant for the enzymatic oxidation. 
 A hemoperoxidase is usually inhibited by super-
oxide radical anion, which forms a complex with 
Fe3+ in the resting state of its heme (Figure 2-50). 
This complex is identical to the one that results when 
molecular oxygen binds to an Fe2+ in its heme1512 

   
                (2-246) 

The complex between a ferrous heme and molecular 
oxygen is an oxyiron(II) porphyrin (see Figure 2-50). 
 
 Ferrous hemes in hemoproteins such as hemo-
globin and myoglobin form reversible complexes 
with molecular oxygen. In these proteins, the prox-
imal axial ligand to the iron, opposite the open site, 
is the imidazolyl group of a histidine in the protein 
and the open ligand position opposite this imidazolyl 
group is the one occupied by the molecular oxygen. 
Because an Fe2+ is less acidic when it is in a heme 
than when it is in solution, it forms complexes with 
bases such as water or hydrogen peroxide poorly. 
Consequently, when a ferrous heme is in aqueous 
solution in the absence of molecular oxygen, carbon 
monoxide, or similar ligands, the open site is vacant 
or fitfully occupied. The purpose of the complex 
between molecular oxygen and the Fe2+ in the heme 
in a hemoglobin at the open site is to carry the molec-
ular oxygen from a location of high concentration 
to a location of low concentration: for example, from 
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the lungs to the skeletal muscles in a mammal. The 
heme in at least one hemoglobin, that from A. ornata, 
is able to double as a carrier of molecular oxygen 
and as a peroxidase. In its ferrous form it carries 
molecular oxygen, and in its ferric form it is a perox-
idase.1513 
 There are several facts that are known about 
the complex between oxygen and a ferrous heme. It 
is diamagnetic.1313 This fact states that all electrons 
in the complex are paired. The Fe-O-O angle in the 
oxygen complex of a heme model compound, the 
crystallographic molecular model for which can be 
constructed with high accuracy (Figure 2-52),1514 is 
129ª. The Fe-O-O angles in crystallographic molecular 
models of oxymyoglobin from P. macrocephalus 
(123ª)1515-1518 and human oxyhemoglobin (125ª)1519 
from data sets collected to Bragg spacings of 
0.12 nm are almost the same as that in the model 
compound. Nuclear magnetic resonance spectra of 
17O2 bound to heme model compounds are in 
agreement with this bent ligation.1520 In complexes 
between molecular oxygen and the hemes in hemo-
globin1519,1521 and myoglobin,1517,1518,1522 a hydrogen 
bond forms between the distal oxygen of the molec-
ular oxygen and the imidazolyl group of a histidine 
(Figure 2-53).1523,1524 In a complex between molecular 
oxygen and the heme in the hemoglobin from Ascaris 
suum, there are hydrogen bonds between the distal 
oxygen and the 4-hydroxyphenyl group of a tyrosine 
and between the proximal oxygen and the carbamoyl 
group of a glutamine.1525 
 The Fe-O-O bond angle of 126ª and the observed 
hydrogen bonds suggest that there are two sp2 lone 
pairs of electrons on each oxygen (Equation 2-246) 
when it is bound by the iron. The oxygen–oxygen bond 
length in the complex (0.123 ± 0.01 nm),1514,1516,1517,1519 
however, is almost indistinguishable* from that of 
molecular oxygen itself (0.121 nm) and is much 
shorter than that of superoxide radical anion 
(0.133 nm)1295 or hydrogen peroxide (0.148 nm). 
This fact only states that the bond order is the same 
as that in molecular oxygen and that the net of one 
p bond remains in the oxygen–oxygen bond. In other 
words, there are two more electrons in bonding 
p molecular orbitals than there are in antibonding 
p molecular orbitals. This conclusion does not mean, 
however, that the bound molecule of oxygen has the 
 
 

                                                
*This equivalence assumes that the oxygen–oxygen bond was 
unconstrained in the several refinements. 

same p molecular orbital systems as an unbound 
molecule of oxygen. 
 Iron(II) has an even number of electrons (6 va-
lence electrons and 18 core electrons); but it is para-
magnetic in the high-spin state, as is molecular 
oxygen in the triplet state, because there are four 
unpaired electrons in the five 3d atomic orbitals 
(Figure 2-25). Upon the entry of Fe2+ into a heme, 
the high-spin state becomes less stable, but it is still 
more stable than the low-spin, diamagnetic state in 
which all electrons would be paired. Upon formation 
of the complex, the six formerly unpaired electrons, 
four from iron and two from oxygen, must become 
paired because the complex is diamagnetic.1313 In 
the process of pairing these electrons, the proximal 
of the two oxygens becomes bonded to the iron. 
 Although there is little agreement on the details 
of the electronic structure, even though there is little 
ambiguity in the facts, several features of the bonding 
of molecular oxygen to the ferrous ion in a heme 
are commonly emphasized. Mixing between one or 
two d atomic orbitals on iron (dxz and dyz or both) 
and one or more of the four off-axial p atomic orbitals 
on the two oxygen atoms (px orbitals and py orbitals, 
or some set of both of these off-axial orbitals) creates 
one or two dpp molecular orbital systems, each with 
a bonding and an antibonding molecular orbital. 
There is also the possibility of a third nonbonding 
molecular orbital formed from two p atomic orbitals, 
one from each oxygen, and a d atomic orbital from 
the iron ion. The occupied, bonding dpp molecular 
orbitals provide energy to the bond. The entry of 
d electrons from iron into antibonding p  molecular 
orbitals on molecular oxygen in turn enhances the 
basicity of one of the s lone pairs of electrons on 
the proximal oxygen so that it can form a s bond 
with the dz2 orbital on iron.1294 The atomic orbital 
on the oxygen that participates in the s bond with 
iron must have gained sufficient p character to 
cause the oxygen atom in the bond to have almost 
sp2 hybridization because the Fe-O-O bond has an 
angle of around 125ª and the proximal oxygen that 
is bonded directly to the iron can also accept a hydro-
gen bond, presumably with the pair of electrons in 
the other sp2 orbital. If the s orbitals of the lone 
pairs of electrons on molecular oxygen had not 
gained extra p character, they would have remained  
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Figure 2-53: Stereodrawing50 of portions of the superposed 
crystallographic molecular models of human oxyhemoglobin 
(white bonds) and human deoxyhemoglobin (black bonds) in 
the regions surrounding the histidine that is the fifth ligand to 
the iron in the heme from the a subunit.1523,1524 Black atoms 
are carbons, white atoms are oxygens, gray atoms are nitrogens, 
and dark gray spheres surrounded by ligands are iron ions. The 
hemes in the two crystallographic molecular models have been 
superposed so that the changes demonstrated in the drawing 
between oxyhemoglobin and deoxyhemoglobin are relative to 
the fixed hemes. The a helices from both oxyhemoglobin and 
deoxyhemoglobin that contains the respective histidines 
(Histidines 87) are drawn as well as the iron ions in each heme, 
the molecule of oxygen bound to the iron in oxyhemoglobin, 
and the imidazolyl group of Histidine 58 that forms a hydrogen 
bond to the molecule of oxygen bound to the iron in oxy-
hemoglobin. For clarity, however, only the heme from 
oxyhemoglobin, viewed edge-on, is drawn because the two 
hemes, which have been purposely superposed, overlap each  

other throughout their structures, and this superposition 
would complicate the drawing. Aside from the side chains of 
the respective Histidines 87, only the peptide backbones of the 
two a helices are presented. The hydrogen bonds within each 
a helix and the hydrogen bond between the molecule of 
oxygen and Histidine 58 are drawn as thin dashed lines. The 
bonds between the respective iron ions and the imidazolyl 
groups of the coordinated histidines and the molecule of 
oxygen are drawn with thick dashed lines. In the deoxy confor-
mation of the protein, the position of the imidazolyl group in 
Histidine 87 is such that it pulls the iron out of the plane of the 
heme. In the oxy conformation of the protein, the a helix shifts 
its position to the left, the imidazolyl group comes closer to the 
center of the heme, and the iron drops into the plane of the 
porphyrin. The binding of oxygen, because it is much stronger 
when the iron is in the plane of the porphyrin than when it is 
pulled away from the center, shifts the equilibrium between 
the deoxy conformation and the oxy conformation in favor of 
the oxy conformation. 
 

  

His 87His 87
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aligned with the axis of the two oxygen atoms, and the 
Fe-O-O bond angle would have been 180ª because 
the s molecular orbital system in molecular oxygen 
is required to be axially symmetric. Presumably, this 
extra p character in the s bond to the iron results 
from occupation of antibonding p molecular orbitals 
on oxygen by electrons from the iron ion. This intru-
sion of electron density causes pairs of electrons in 
the delocalized p molecular orbitals to become local-
ized, just as they are either during the production of 
superoxide radical anion or during the production 
of hydrogen peroxide. In each of these cases, an 
electron is added to an antibonding p molecular 
orbital during the respective reduction. 
 As electron density, entering what were formerly 
antibonding orbitals, is gained from iron in the 
p molecular orbitals on oxygen and all the valence 
electrons become paired, the net p bonding between 
the two oxygen atoms—the difference between 
occupation of bonding and antibonding orbitals—
must not change because the oxygen–oxygen bond 
length remains the same. After these readjustments 
have taken place, there is excess electron density 
on the molecular oxygen, creating negative formal 
elementary charge on the distal oxygen.1526 Therefore, 
iron, in the electron-rich, ferrous state, has contributed 
more electron density to the dpp molecular orbital 
system than the oxygens, both more electronegative 
atoms, has contributed to the s bond. The unique 
feature of Fe2+ in this reaction is the ability of its 
d orbitals to overlap with the p molecular orbital 
system of oxygen and donate sufficient electron 
density through the resulting p molecular orbital 
systems. This back donation of p  electron density 
to the p  molecular orbital system of the molecular 
oxygen is a common feature of the prosthetic cations 
of transition metals that interact directly with molec-
ular oxygen. 
 The reversible association between hemoproteins 
and oxygen can be duplicated quite closely with the 
synthetic heme 

 

 

and its homologues when they are dissolved in 
aqueous solutions of detergents.1527,1528 The deter-
gent provides micelles into which these hemes can 
dissolve. Properties of hemes in globins that are 
duplicated by the synthetic heme include changes in 
optical spectra upon ligation, dissociation constants, 
and on and off rates. These observations suggest 
that the protein of monomeric globins such as myo-
globin simply provides a convenient way of simul-
taneously dissolving the otherwise insoluble heme 
in water, sterically preventing the formation of stable 
heme dimers held together by peroxide dianion, 
and providing the required axial ligand opposite 
the open site on the Fe2+. 
 The affinity for oxygen of the heme in oligo-
meric globins such as hemoglobin, which contains 
four hemes, is further influenced by the structure of 
the protein. Depending on the conformation of the 
protein, the hemes in hemoglobin have either low 
or high affinity for oxygen. The Fe2+ is displaced in 
the direction of the imidazolyl group in the unco-
ordinated heme, which usually has no sixth ligand, 
by the electron repulsion between the four lone 
pairs of electrons on the pyrrole nitrogens and the 
lone pair of electrons on the nitrogen of the imid-
azolyl group. When molecular oxygen binds, the 
Fe2+ moves into the center of the heme1514 because 
the s bond and the dpp bonds to the oxygen bal-
ance the electron repulsion on the two sides of the 
heme. Because the iron must move into the plane 
of the heme during the association of molecular 
oxygen, any steric constraint that hinders this 
movement should decrease the affinity of the heme 
for molecular oxygen. When alterations are made 
in the structure of heme model compound 2-104 
that pull the imidazolyl group away from the plane 
of the porphyrin and consequently hinder the 
movement of the iron into the plane, the affinities 
for oxygen decrease.1529 
 It is also possible to compare crystallographic 
molecular models of hemoglobin in the confor-
mations of high affinity and low affinity.1530 In the 
conformation of low affinity, the a helix in which 
the histidine providing the axial ligand opposite the 
open site is located has moved relative to its position 
in the conformation of high affinity. This movement 
pulls the imidazolyl group farther away from the 
plane of the heme. Because the iron should respond 
to this tug, the movement of this a helix should be 
at least part of the explanation for the lower affinity 
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for molecular oxygen in this conformation (Figure 
2-53).1523,1524 In the conformation of high affinity, 
the imidazolyl group is not pulled away from its 
unconstrained position. 
 Occasionally the iron–oxygen bond in the com-
plex between molecular oxygen and a ferroheme 
splits heterolytically to yield superoxide radical anion 
and iron(III) porphyrin 

   
                (2-247) 

The molecular oxygen bound reversibly to a heme in 
hemoglobin or myoglobin, however, is almost inert 
to this dissociation. It has already been pointed out 
that oxyiron(II) is not simply a molecule of oxygen 
associated through its s molecular orbital system 
with an Fe2+. Nor is it simply a superoxide radical 
anion associated by the bonding of one of its s lone 
pairs of electrons with an Fe3+. In some contexts, 
however, it is useful to assume that oxyiron(II) has 
properties expected of a superoxide radical anion 
associated with an Fe3+, a superoxyiron(III). Some 
justification for this assumption is that in the active 
site of the TxtE protein from Streptomyces scabiei, 
which nitrates the phenyl ring of ¬-tryptophan, the 
prosthetic oxyiron(II) porphyrin participates in a 
colligation with the neutral radical nitric oxide to 
form peroxynitrite ion as the axial ligand to iron(III) 
porphyrin.1531 This colligation acts as a detection of 
a radical. 
 The advantage of considering oxyiron(II) 
porphyrin as superoxyiron(III) porphyrin, which 
is similar to what is done when the properties of a 
molecule are considered to be the consequence of 
only one of its resonance forms, is illustrated by the 
indole dioxygenases. Tryptophan 2,3-dioxygenase1532 
and indoleamine 2,3-dioxygenase1533 are two dis-
tantly related enzymes1534 that both use hemes for 
the dioxygenation of the respective indolyl group 

   
                (2-248) 

 
 

They are often present together in the same species, 
and they are assumed to have the same mechanism. 
In the reactions catalyzed by tryptophan 2,3-dioxy-
genase from Pseudomonas1535 and by human trypto-
phan 2,3-dioxygenase,1536 the respective products, 
each N-formyl-¬-kynurenine, contain both oxygens 
from the molecular oxygen, a fact that causes trypto-
phan 2,3-dioxygenase to be designated a dioxygen-
ase. 
 The first step in the mechanism of tryptophan 
2,3-dioxygenase is the binding of molecular oxygen 
to the ferroheme adjacent to an already bound 
¬-tryptophan to produce the usual oxyiron(II) por-
phyrin. The identical complex can be produced by 
association of superoxide radical anion with the 
ferric heme.1537 Synthetic complexes between super-
oxide radical anion and several similarly coordinated 
Fe3+ are able to convert a number of indoles into 
the corresponding 2,3-dioxygenated products.1538 
In the crystallographic molecular model of the 
complex between ¬-tryptophan and tryptophan 
2,3-dioxygenase from Xanthomonas campestris,1534 
the closest carbon of the indolyl group to the iron 
of the heme is carbon 2, and in the crystallographic 
molecular model of the complex between ¬-trypto-
phan, molecular oxygen, and human tryptophan 
2,3-dioxygenase,1539 the closest carbon to the distal 
oxygen is also carbon 2, which is 0.31 nm away, 
within the sum of the van der Waals radii (0.33 nm). 
 After the association of molecular oxygen with 
ferrous heme, the equivalent of a superoxide radical 
anion (Equation 2-247) on an iron(III) porphyrin is 
then thought to participate in a radical addition at 
carbon 2 of the indolyl group1540,1541 to produce the 
equivalent of an alkylperoxyiron(III) porphyrin and 
a tertiary radical at carbon 3 of the indolyl group 
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significantly stabilized by delocalization into the 
phenyl ring. During addition of the radical in the 
superoxide radical anion to the double bond, 
p electron density is withdrawn onto the proximal 
oxygen as the bond between the distal oxygen and 
the carbon forms. When substituents that withdraw 
more and more of this p electron density into the 
heme are added to the porphyrin, the rate of disap-
pearance of the oxyiron(II) porphyrin, a measure of 
formation of the s bond, increases,1542 and in the 
synthetic complexes, the most electron-deficient 
superoxyiron(III) complexes and the most electron-
rich indoles are observed to form the oxygenated 
products with the greatest rates.1538  
 The alkylperoxyiron(III) then dissociates ho-
molytically, rather than heterolytically, into the 
2,3-epoxide of the indolyl group and oxoiron(IV) 
porphyrin,1541 rather than the oxoiron(IV) porphyrin· +. 
There is a side product of the enzymatic reaction 
catalyzed by both human tryptophan 2,3-dioxygen-
ase and human indoleamine 2,3-dioxygenase that 
could reasonably arise from intramolecular nucleo-
philic addition of the a-amino group of ¬-tryptophan 
to carbon 2 of the 2,3-epoxide,1536 and this side prod-
uct is considered to be an indicator of the existence 
of the epoxide in the normal mechanism. The MarE 
protein from Streptomyces is a hemoprotein that is 
a distant relative of tryptophan 2,3-dioxygenase and 
indoleamine 2,3-dioxygenase. It catalyzes the mono-
oxygenation of indole to 1,3-dihydroindol-2-one, a 

product that would result from dissociation of the 
2,3-epoxide of indole at carbon 3 to form the tertiary 
carbenium ion, stabilized by delocalization into the 
phenyl ring, followed by a hydride migration1543 
from carbon 2 to the carbenium ion on carbon 3. 
 In the active sites of tryptophan 2,3-dioxygenase 
and indoleamine 2,3-dioxygenase, however, oxo-
iron(IV) porphyrin and the 2,3-epoxide are converted 
to the products, N-formyl-∂-kynurenine and iron(II) 
porphyrin. All that is known about these latter steps 
is that the oxygen of oxoiron(IV) porphyrin, as well as 
the other oxygen from the original molecular oxygen, 
is incorporated into the products, but the results 
from the MarE protein suggests that dissociation 
of the epoxide at carbon 2 to form the iminium of 
nitrogen 1, rather than the tertiary carbenium ion 
at carbon 3, could initiate oxidative cleavage of the 
carbon–carbon bond.  
 

 Proteins containing hemes P450 comprise a 
family of enzymes in which a complex between 
molecular oxygen and ferroheme can be reduced 
by one electron to peroxyiron(III) porphyrin or 
hydroperoxyiron(III) porphyrin. Historically, the 
members of this family have been referred to as cyto-
chromes P450 even though they are not responsible 
for electron transfer. Each member of this family of 
enzymes has a heme in which the proximal axial 
ligand opposite its open site is the sulfido group of 
a cysteine.662,1544,1545 This sulfido group is responsible 
for the absorption maximum of the heme at 450 nm, 
which gives this family the name cytochromes P450. 
Although the criterion for membership in this family 
of enzymes is only the possession of a heme with a 
sulfido group as the proximal axial ligand, most 
members of the family catalyze similar oxidations 
and have superposable tertiary structures.  
 The resting state of a prosthetic heme P450 is 
aquoiron(III) porphyrin (see Figure 2-50), the ferric 
heme with its open site occupied by a molecule of 
water. In most of these enzymes, reduction of the 
heme to the ferrous state by transfer of one electron 
is performed either by a [2Fe-2S] ferredoxin1546,1547 
or by flavoenzyme NADPH—hemoprotein reductase, 
which can be either a separate protein1548 or a separate 
domain of the enzyme containing the heme P450 
itself.1152 Following production of the ferrous heme 
by transfer of one electron, oxygen binds to form a 
complex stereochemically indistinguishable from 
oxyiron(II) porphyrins in model compounds (Figure 
2-52)1514,1549,1550 except that, as in hemoglobin and 
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myoglobin, the dioxygen is confined to a single orien-
tation by steric effects and by a hydrogen bond 
between a side chain from the protein and the distal 
oxygen. 
 Usually reduction of the heme to the ferrous 
state, which initiates the catalysis; the association of 
the oxygen; the eventual production of an unstable 
oxoiron(IV) porphyrin· +; and then its conversion to 
an unstable hydroxyiron(IV) porphyrin occur effi-
ciently only after the reactant to be oxidized has 
bound to the active site of the enzyme so that it is 
prepared for the oxidation.1551 Binding of the reactant 
also changes the spin state of Fe3+ in the aquoiron(III) 
porphyrin from low-spin to high-spin,1552,1553 in-
creases the biochemical standard reduction potential 
of the aquoiron(III) porphyrin, and stabilizes the 
subsequent complex between ferrous heme and 
molecular oxygen.1554 
 Following the binding of molecular oxygen to the 
iron(II) porphyrin, there is a second one-electron 
reduction. The second electron is provided by another 
molecule of the same ferredoxin or by the second 
electron from the flavin semiquinone of NADPH—
hemoprotein reductase. The complex between molec-
ular oxygen and Fe2+ in the heme is reduced by one 
electron to give peroxyiron(III) porphyrin1555,1556  

    
                (2-250) 

where peroxyiron(III) is the complex (Figure 2-50) 
between peroxide dianion and Fe3+. This interme-
diate has been produced in a stable form in solution 
with a synthetic heme by reducing the complex 
between its Fe2+ and molecular oxygen by one elec-
tron, and its spectroscopic properties have been 
documented.1557 
 The peroxyiron(III) porphyrin is then hydronated 
on its distal oxygen to form hydroperoxyiron(III) 
porphyrin (see Figure 2-50),1555,1558,1559 which is 
the same as the complex between the ferriheme in 

a hemoperoxidase and hydroperoxide ion (Equa-
tion 2-240) except for the identity of the catalytic 
acid–bases that surround it. Again, this intermediate 
has been produced in a stable form in the same 
synthetic heme by hydronating the peroxyiron(III) 
porphyrin.1557 
 As in a peroxidase, the hydroperoxyiron(III) por-
phyrin is heterolytically cleaved under acid cataly-
sis1560 to give oxoiron(IV) porphyrin· +.1549,1561,1562 
The peroxyiron(III) porphyrin in the active site of 
chloride peroxidase from Leptoxyphium fumago can 
be trapped as a stable species at 77 K and converts 
first to the hydroperoxyiron(III) porphyrin, which is 
also stable until the temperature is raised further, 
at which point it then converts to the oxoiron(IV) 
porphyrin· +, but this intermediate can be observed 
only at temperatures below 220 K.1456 
 Because, in most cases, none of these trans-
formations leading to the production of oxoiron(IV) 
porphyrin· + in a heme P450 can occur until the 
reactant is bound and ready to be oxidized, most 
studies of the oxoiron(IV) porphyrin· + in these 
enzymes have of necessity been of the evanescent 
intermediates in the enzymatic reaction, which almost 
immediately oxidize the substrate. For example, at 
4 ªC, the complex between iron(II) porphyrin, cam-
phor, and molecular oxygen in the active site of 
camphor 5-monooxygenase from P. putida can be 
rapidly reduced by hydrated electrons to hydroper-
oxyiron(III) porphyrin, which then decays with a 
rate constant 96 ms-1 to iron(III) porphyrin, but no 
intermediates are observed.1563 This observation 
demonstrates that the rate-limiting step, at least in 
this case, is heterolytic dissociation of the hydro-
peroxyiron(III) porphyrin and that all the steps in 
the reaction following formation of the resulting 
oxoiron(IV) porphyrin· + are so fast that they are 
hidden from observation. 
 Stable forms of the oxoiron(IV) porphyrin· +, 
however, have been produced in chloride peroxidase 
from L. fumago1564,1565and in the peroxidase from 
S. acidocaldarius,1566,1567 both of which contain hemes 
P450 by virtue of having sulfido groups as their 
proximal ligands. In chloride peroxidase, the length 
of the iron–oxygen bond (0.165 nm) is shorter than 
that in a hemoperoxidase (0.172 nm) that has an 
imidazolyl group as its proximal ligand rather than 
a sulfido group1565 because electron donation from 
the sulfido group of the cysteine that is the axial 
ligand to the iron opposite the oxygen of the oxo-
iron(IV) fills in the p molecular orbitals and gives the  
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bond between the iron ion and the oxygen greater 
triple-bond character. When the oxoiron(IV) porphy-
rin· + of the peroxidase from S. acidocaldarius is 
reduced unnaturally by one electron and sponta-
neously hydronates to become hydroxyiron(IV) 
porphyrin, the bond length of the iron–oxygen bond 
increases to 0.182 nm as more electron density is 
withdrawn onto the oxygen from the p molecular 
orbitals and the bond becomes more like a single 
s bond.1568 
 Although most enzymes containing hemes P450 
use molecular oxygen as the substrate to produce 
oxoiron(IV) porphyrin· + coincident with two one-
electron reductions, there are examples that use only 
hydrogen peroxide and no reductant to produce oxo-
iron(IV) porphyrin· +, just as a peroxidase would.1569-1571 
Regardless of how the enzyme containing a 
heme P450 produces the oxoiron(IV) porphyrin· +, 
however, it seems to have the same capabilities, as 
a result, in part, of the cysteine that is the ligand to 
the iron ion opposite the oxygen.1562 
 Enzymes containing hemes P450 catalyze several 
different types of oxidations. The oxoiron(IV) porphy-
rin· + of a heme P450 can engage two successive one-
electron transfers,1572 as it does in a hemoperoxidase. 
It can epoxidize olefins (Equation 2-234),1573,1574 just 
as it does in nonenzymatic reactions. It can abstract a 
hydrogen atom from a carbon adjacent to an amino 
nitrogen1575 

     
                (2-251) 

And it can remove the equivalent of a hydride from 
a secondary alkane.1576 
 The most common oxidations catalyzed by 
hemes P450, however, are hydroxylations of alkanes. 
An example of the hydroxylation of an alkane is the 
stereospecific exo hydroxylation of camphor cata-
lyzed by camphor 5-monooxygenase 

     
                (2-252) 

To hydroxylate a saturated carbon requires a strong 
oxidant. It has been proposed that the advantage of 
a sulfido group as the proximal ligand is that it 
decreases the biochemical standard reduction poten-
tial of the oxoiron(IV) porphyrin· +, which is one of 
the intermediates in these reactions, into a range in 
which it is a strong enough oxidant to hydroxylate a 
saturated carbon but not strong enough to pull an 
electron irreversibly out of the tyrosines elsewhere 
in the protein.1434 
 Theoretical calculations1577 have led to the 
suggestion that the mechanism of hydroxylation takes 
place in three steps. The oxoiron(IV) porphyrin· + 
that is formed in the active site first abstracts the 
hydrogen atom of the carbon–hydrogen bond to be 
hydroxylated. The resulting hydroxy group on the 
hydroxyiron(IV) porphyrin (see Figure 2-50) and 
the alkyl radical reorient so that the orbital contain-
ing the unpaired electron on the hydroxyl radical of 
the hydroxyiron(IV) porphyrin and the orbital con-
taining the unpaired electron of the alkyl radical 
can overlap. The two unpaired electrons in these 
two orbitals colligate to form a covalent bond between 
the carbon of the alkyl group and the oxygen of the 
hydroxy group. 
 There are a number of facts that are consistent 
with this suggestion. When the hydrogen to be re-
placed by the hydroxy group is replaced by a deuteri-
um, the rate of the enzymatic hydroxylation at that 
location decreases1578 by a factor of as much as 10.1579 
Because the initial hydrogen abstraction is usually 
the rate-limiting step in a hydroxylation catalyzed 
by a heme P450 , the postulated hydroxyiron(IV) 
porphyrin has rarely been observed, but in the active 
site of terminal olefin-forming fatty acid decarbox-
ylase from Jeotgalicoccus, an enzyme containing a 
heme P450, even though the rate of the reaction 
decreases by a factor of 8 when the hydrogen ab-
stracted is replaced by a deuterium, the hydrogen 
abstraction is not completely rate-limiting, and 
hydroxyiron(IV) porphyrin has been observed as a 
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transient intermediate in the enzymatic reaction.1580 
The hydroxylation of an asymmetric carbon with a 
deuterium and a hydrogen, on which the hydrogen 
is replaced by a hydroxy group, proceeds with sig-
nificant but not complete racemization.1579,1581,2609 
Both results suggest that a planar intermediate such 
as a carbenium ion or carbon radical is formed by 
removal of a hydride or a hydrogen atom, respec-
tively, from the carbon to be hydroxylated. The rate 
constants for hydroxylation of a series of alkanes by 
the oxoiron(IV) porphyrin· + in the active site of 
unspecific peroxygenase from Agrocybe aegerita 
decrease monotonically as the bond dissociation 
energies of the hydrogen that is replaced increase.1582 
This correlation is consistent with abstraction of 
the hydrogen being the rate-limiting step in the 
hydroxylation catalyzed by this heme P450. 
 When a complex between [5-2H2]camphor, 
oxygen, and iron(II) porphyrin in the active site of 
camphor 5-monooxygenase from P. putida at 74 K is 
reduced radiolytically and the temperature is raised 
to 190 K, the oxoiron(IV) porphyrin· + forms and then 
hydroxylates the camphor at carbon 5. The product, 
(+)-exo-5-hydroxycamphor, remains as a ligand 
through its oxygen to the resulting iron(III) porphy-
rin, but the hydrogen of the hydroxy group is a deu-
teron,1583 which could only have come from carbon 5 
of the camphor. This observation is consistent with 
abstraction of a deuterium from carbon 5 of the cam-
phor by the oxygen of the oxoiron(IV) porphyrin· + 
to form deuterohydroxyiron(IV) porphyrin, the 
deuterohydroxy group of which colligates with the 
radical at carbon 5 of the camphor. Similar results 
were observed with the heme P450 in bovine choles-
terol monooxygenase (side-chain-cleaving).1584 
 A number of compounds known as radical 
clocks have been submitted to hydroxylation.1585 
These compounds, such as methylcyclopropane or 
trans-2-methyl-1-phenylcyclopropane, rearrange 
rapidly when the respective radical is produced at 
the respective methyl group, and the rate constant 
of each rearrangement is known. The fact that rear-
ranged products in these reactions are observed 
suggests that abstraction of a hydrogen atom is in-
volved in the mechanism even if it is only occurring 
in a transition state with radical character. Also 
consistent with the conclusion that hydrogen abstrac-
tion is involved in the mechanism is that when the 
hydrogens that would be abstracted from the methyl 
group of trans-2-methyl-1-phenylcyclopropane are 
changed to deuteriums, the yield of oxidation of the 
phenyl ring increases.1586 From the observed ratios 
 

of the alcohols with unrearranged and rearranged 
structures for a series of these radical clocks, the 
lifetime of a radical intermediate in the hydroxylation 
catalyzed by hemes P450 that are unspecific monooxy-
genases has been estimated to be around 100 fs1587-1589 
or around 50 ps.1590,1591 The former seems too fast 
for a radical to be an intermediate, while the latter 
is consistent with a radical as an intermediate. One 
explanation of these discrepancies in the rates is 
that the active site of the enzyme may hinder steri-
cally the rearrangements of the radicals of some of 
these molecular clocks, cause the lifetimes of the 
unrearranged radicals to increase, and lead to longer 
lifetimes of the radicals.1589 This explanation, however, 
seems at odds with the rather large, hydrophobic 
pockets in crystallographic molecular models of 
these unspecific monooxygenases1592 that arise from 
their need to hydroxylate an array of alkanes non-
specifically. 
 In contradistinction to these results from isotope 
effects, stereochemistry, and rearrangements of 
radical clocks, which are consistent with hydrogen 
abstraction as the first step, a high yield of products 
resulting from the rearrangements expected for an 
oxocarbenium ion and none of the products result-
ing from the rearrangements expected for a radical 
have been observed during the hydroxylation of 
(trans, trans-2-tert-butoxy-3-phenylcyclopropyl)meth-
ane by unspecific monooxygenase from R. norveg-
icus1593 

      
                (2-253) 

The radical would rearrange to the benzyl position 
rather than to the carbon with the tert-butoxy group. 
 There is little doubt about the fact that the 
oxoiron(IV) porphyrin· + formed on an appropriate 
heme P450 is able to hydroxylate a saturated carbon.  
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For example, the stable oxoiron(IV) porphyrin· + that 

can be produced in the active site of the epoxidase 
from S. acidocaldarius is able to hydroxylate dodeca-
noic acid at the fully saturated carbons at positions 9, 
10, 11, and 12.1567,1594 The oxoiron(IV) porphyrin· + 
formed transiently in the active site of unspecific 
peroxygenase from A. aegerita is stable enough to 
be observed and has been shown to be able to hydrox-
ylate alkyl carbons in a series of 10 carboxylic acids 
and ethers.1595 
 It is also possible, however, that in some situa-
tions the peroxyiron(III) porphyrin or hydroperoxy-
iron(III) porphyrin that is an intermediate preceding 
formation of the oxoiron(IV) porphyrin· + can also 
perform hydroxylations. When the step in the 
mechanism in which hydroperoxyiron(III) porphyrin 
is converted to oxoiron(IV) porphyrin· + by a non-
specific monooxygenase, cytochrome P450 2B4 from 
R. norvegicus, is inhibited by mutating a threonine 
serving as the required catalytic acid, the rates of 
hydroxylation of alkanes decrease but not so much as 
they should were the oxoiron(IV) porphyrin· + the only 
species hydroxylating them, and the rates of epoxi-
dations of alkanes actually increase.1596 The homol-
ogous mutation in camphor 5-monooxygenase 
from P. putida eliminated hydroxylation completely 
while decreasing the rate of epoxidation by only 
about 80%.1597 At the least, these results suggest 
that peroxyiron(III) porphyrin or hydroperoxy-
iron(III) porphyrin, the immediate precursors of 
oxoiron(IV) porphyrin· +, can perform the epoxida-
tions and perhaps also the hydroxylations cata-
lyzed by these enzymes, but not so effectively as 
the oxoiron(IV) porphyrin· +. In model reactions, a 
m-chlorobenzoylperoxyiron(III) porphyrin (Equa-
tion 2-232; R = m-chlorobenzoyl) is able to hydrox-
ylate alkanes.1443 There are results from various 
measurements of the effects of deuteration on the 
rates of hydroxylations catalyzed by enzymes contain-
ing hemes P450 that are interpreted to mean that 
oxoiron(IV) porphyrin· + is responsible exclusively 
for the hydroxylation1598 or that it is not.1599,1600 
Theoretical calculations, however, lead to the con-
clusion that peroxyiron(III) porphyrin is too weak 
an oxidant to perform a hydroxylation.1577 
 Enzymes containing hemes P450 also perform 
monooxygenations of arenes.1601 For example, an 
unspecific peroxygenase from A. aegerita catalyzes 
the epoxidation of naphthalene 

    
                (2-254) 

In this case, the oxoiron(IV) porphyrin· + is formed 
by association of hydrogen peroxide with the pros-
thetic iron(III) porphyrin in the active site, followed 
by the usual heterolytic dissociation. The immediate 
product of this oxidation is the arene epoxide that 
undergoes an acid-catalyzed ring opening after its 
dissociation from the active site to give the ultimate 
product of the reaction, which is 1-hydroxynaph-
thalene,1602 in addition to the water that dissociated 
during formation of the oxoiron(IV) porphyrin· +. A 
hydrogen on a carbon in an aromatic system is quite 
difficult to abstract (470 kJ mol-1), so the monooxygen-
ation of an arene proceeds by electrophilic aromatic 
substitution. 
 An analysis of the rates of aromatic monooxy-
genation by a synthetic oxoiron(IV) porphyrin· + 
suggests that the first step in monooxygenation of 
an arene is electron transfer1603 from the aromatic 
p molecular orbital system to the significantly elec-
tron-deficient oxoiron(IV) porphyrin· +. This electron 
transfer would be followed by a colligation to form 
a carbon–oxygen bond between the oxygen of the 
resulting oxoiron(IV) porphyrin and a carbon of the 
resulting radical cation of the arene. This colligation 
would form the usual intermediate in an electrophilic 
aromatic substitution. In the case of naphthalene, 
this intermediate would be a nonatetraenyl carbenium 
ion, with the oxygen of the now oxidoiron(III) and a 
hydrogen at the tetrahedral carbon at carbon 2 
breaking the ring of p orbitals.1604 Either the electro-
philic aromatic substitution is completed as usual 
by dissociation of the hydron to give the hydrox-
ylated arene as a product, or the oxido oxygen on 
the oxidoiron(III) porphyrin adds as a nucleophile 
to the carbocationic carbon immediately adjacent 
to it in the adduct to give the arene epoxide, as is 
the case in the nonspecific peroxygenase from 
A. aegerita (Equation 2-254). 
 In part because of the electron donation from 
the axial sulfido group (Equation 2-250), the peroxy-
iron(III) porphyrin of a heme P450 is nucleophilic at 
its distal oxygen1556 and can add to a carbonyl.1605-1609 
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17a-Hydroxyprogesterone deacetylase is responsible 
for an oxidative cleavage 

 
                (2-255) 

where H2Flred
- and HFlox are the reduced and oxi-

dized flavin, respectively, in a separate enzyme, 
NADPH—hemoprotein reductase, that acts as an 
electron-transferring coenzyme for 17a-hydroxypro-
gesterone deacetylase. The acetyl group at carbon 17 
of the 17a-hydroxyprogesterone becomes the acetate 
that is a product, and carbon 17 becomes a carbonyl 
group in the androstenedione that is the other 
product. The oxidation requires two electrons and 
breaks the bond between carbon 17 and the carbonyl 
carbon of the acetyl group. An intermediate in the 
reaction catalyzed by human 17a-hydroxyproges-
terone deacetylase has been trapped at low tem-
perature after adding O2 to the complex between 
17a-hydroxyprogesterone and human 17a-hydroxy-
progesterone deacetylase in which the heme had 
already been reduced by NADPH—hemoprotein 
reductase. This intermediate had a resonance Raman 
infrared spectrum consistent with ferric peroxy 
hemiketal 2-105, which is the product of nucleo-
philic addition of a peroxyiron(III) porphyrin to 
the carbonyl in the acetyl group at carbon 17 of 
17a-hydroxyprogesterone1610  

     
                (2-256) 

In the crystallographic molecular model of the 
complex between human 17a-hydroxyprogesterone 
deacetylase and progesterone, the acetyl group is 

in the proper location and orientation1611 for the 
nucleophilic addition. 
 In the normal enzymatic reaction, the peroxy-
iron(III) porphyrin that is the nucleophile is formed 
in the usual way from iron(III) porphyrin and an 
electron, molecular oxygen and the resulting iron(II) 
porphyrin, and a second electron. The normal 
complete cleavage (Equation 2-255) also occurs, 
however, when iodosylbenzene is substituted in the 
reaction catalyzed by human 17a-hydroxyproges-
terone deacetylase for the molecular oxygen and 
the NADH that reduces the flavin.1612 Iodosylbenzene 
produces oxoiron(IV) porphyrin· + directly from 
iron(III) porphyrin in a two-electron oxidation (see 
Equation 2-228) requiring no other oxidant or reduct-
ant. This observation suggests that the only role of 
the initial addition of peroxyiron(III) porphyrin to 
the acetyl group to form 2-105 is that the electro-
philic acyl carbon of the acetyl group acts in place 
of a hydron to permit heterolytic dissociation of 
the oxygen–oxygen bond to produce the gem-diol, 
which could otherwise form by a simple hydration, 
and oxoiron(IV) porphyrin· + from peroxyiron(III) 
porphyrin (Equation 2-256). If this is the case, then 
the iodosylbenzene simply takes the place of the 
usual stratagem used by the enzyme to form an 
oxoiron(IV) porphyrin· +. One of the oxygens in the 
acetate produced from the conversion of 17a-hydrox-
ypregnenolone by porcine 17a-hydroxyprogesterone 
deacetylase is an oxygen-18 that was the oxygen-18 
of an [18O]acetyl group on a reactant,1605 and the 
other oxygen atom is an oxygen-18 from [18O2]molec-
ular oxygen.1612,1613 These two facts would require 
that the intact gem-diol proceed to the next steps in 
the reaction rather than dehydrating. 
 It is unclear, however, how the oxoiron(IV) 
porphyrin· + and the gem-diol would proceed from 
this point to accomplish the cleavage. All, or almost 
all, of the most obvious mechanisms1612 seem to be 
ruled out by the preceding and following observations. 
The other atom of oxygen-18 in [18O2]oxygen ends 
up as the oxygen in the carbonyl group at carbon 17 
of the product, rather than the oxygen in the hydroxy 
group that was there in the reactant and already 
forming a covalent bond to carbon 17. The fact that 
both deuteriums in a 16,16-2H2-labeled reactant 
remain on carbon 16 in the product1613 and the fact 
that all deuteriums in a 2H3-labeled acetyl group at 
position 17 in the reactant also remain in the 
[2H3]acetate that is the product1612,1613 together 
seem to rule out the abstraction of any hydrogen on 
a carbon by the oxoiron(IV) porphyrin· +. The fact 
that the bond dissociation energy of the oxygen–
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hydrogen bond of a hydroxy group is quite large 
(445 kJ mol-1) argues against the abstraction of a 
hydrogen from the hydroxy group at carbon 17 in 
the reactant, even though, in a crystallographic 
molecular model of a complex between 17a-hydroxy-
progesterone and human 17a-hydroxyprogesterone 
deacetylase, the oxygen in the 17-hydroxy group is 
one of the closest (0.45 nm) atoms in the steroid to 
the iron ion in the heme. In this molecular model, 
the carbonyl carbon and the carbonyl oxygen of the 
17-acetyl group and carbon 16 of the steroid are al-
so all between 0.4 and 0.5 nm from the iron ion, so 
any one of them or all of them could be involved in 
the rearrangement leading to the cleavage.  
 All these considerations seem to rule out a hetero-
lytic cleavage of the peroxy group (Equation 2-256) 
as a step in the oxidative deacetylation of 
17a-hydroxyprogesterone deacetylase. Before the 
observation was made that iodosylbenzene could 
substitute for oxygen, the accepted mechanism for 
the oxidative cleavage performed by 17a-hydroxy-
progesterone deacetylase was a homolytic one 
(Figure 2-54).1556,1606-1609,1614 The homolytic proposal 
takes advantage of a spontaneous dissociation of 
the carbon–carbon bond adjacent to the radical of 
a gem-diol and the fact that a radical on carbon 17 
of the steroid adjacent to the hydroxy group 
(BDE = 396 kJ mol-1) is even more stable than a rad-
ical on a tertiary carbon (BDE = 400 kJ mol-1). The 
fact that one of the oxygens in the molecular oxygen 
ends up in the carbonyl group of the androstenedi-
one requires that the resulting hydroxyiron(IV), 
which is equivalent to a hydroxyl radical on Fe3+, 
colligate with the radical on carbon 17 to form anoth-
er, different gem-diol, but in the crystallographic 
molecular model, carbon 17 is 0.52 nm from the 
iron ion, albeit because it is a tetrahedral carbon in 
the 17a-hydroxyprogesterone, and it would have to 
move closer, presumably as the acetate that is the 
product of the reaction shifts away. The observation 
that iodosylbenzene can substitute for the molecular 
oxygen would require that the oxoiron(IV) porphy-
rin· + formed by the iodosylbenzene remove the 
equivalent of a hydrogen atom from a gem-diol of 
the 17a-hydroxyprogesterone that is the reactant to 
produce the usual radical of the gem-diol and the 
oxoiron(IV)porphyrin. This abstraction would be 
difficult (BDE = 450 kJ mol-1) unless a catalytic base 
 
 

 
 
Figure 2-54: Homolytic deacetylation performed by the peroxy-
iron(III) porphyrin (Equation 2-250) in the active site of 
human 17a-hydroxyprogesterone deacetylase.1606-1609 The nucleo-
philic1556 peroxy group of the peroxyiron(III) porphyrin adds 
to the carbonyl of a methyl ketone to form peroxy hemiketal 
2-105. Upon hydronation of the oxygen proximal to the Fe3+, 
the oxygen–oxygen bond of the peroxy group undergoes homo-
lysis to produce hydroxyiron(IV) and the oxy radical of a 
geminal diol. The oxy radical of the geminal diol undergoes 
spontaneous fragmentation to produce acetate and the radical 
of the deacetylated hydroxyhydrocarbon. The radical of the 
hydroxyhydrocarbon ends up adjacent to the hydroxyiron(IV), 
which is the resonance hybrid of a hydroxyl radical on Fe3+. 
The hydroxyl radical either reacts directly with the unpaired 
electron of the radical of the hydroxyhydrocarbon to produce 
the hydrate at carbon 17 of the final product, androstenedione, 
bound to the Fe3+ or abstracts a hydrogen immediately adjacent 
to the unpaired electron of the radical of the hydroxyhydro-
carbon to produce the enol of androstenedione. The product 
that predominates in this last step depends upon the enzyme 
in which it occurs.1606-1609 
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removed the hydron from the hydroxy group first 
or the electron is removed from the oxyanion of the 
immediate product of the addition of hydroxide to 
the carbonyl. 
 A different enzyme containing a heme P450, 
cholest-4-en-3-one 26-monooxygenase [(25S)-3-oxo-
cholest-4-en-26-oate forming] from M. tuberculosis 
turns the terminal pro-S methyl group in the linear 
1,5-dimethylhexyl side chain of cholest-4-en-3-one 
into a carboxy group by three successive hydroxyla-
tions at that carbon. A significant portion (40%) of 
the products formed by the enzyme, however, when 
cholesterol, which has the same 1,5-dimethylhexyl 
side chain, is the reactant rather than cholest-4-en-
3-one result from the deformylation of the (5S)-1,5-di-
methyl-6-oxohexyl side chain. The (5S)-1,5-dimethyl-
6-oxohexyl side chain is an intermediate in the 
overall reaction. It is formed by the first two hydrox-
ylations and dehydration of the resulting gem-diol. 
In addition to the formic acid common to this deform-
ylation of the side chain in cholesterol, the five other 
products making up this portion of the products of 
the reaction are those expected from various reac-
tions between a hydroxyiron(IV) porphyrin in the 
active site and a radical at carbon 5 of the side 
chain resulting from dissociation of the formic acid. 
Both a hydroxyiron(IV) porphyrin and a radical at 
carbon 5 of the side chain should be produced by 
nucleophilic addition of the distal peroxy oxygen of 
peroxyiron(III) porphyrin to the 6-oxo group of the 
side chain that results from the first two hydrox-
ylations followed by homolytic cleavage (see Fig-
ure 2-54). These five products are a fingerprint 
identifying the final oxidation of at least cholesterol 
as a homolytic process. 
 The oxoiron(IV) porphyrin· + of a heme P450 
can also function as a strong electrophile. Choles-
terol monooxygenase (side-chain-cleaving), which 
is an enzyme containing a heme P450, is responsi-
ble for cleaving the bond between carbons 1 and 2 
in the 1,5-dimethylhexyl side chain of cholesterol 
(carbons 20 and 22 of the cholesterol). The cleavage 
proceeds in three successive steps, each involving 
an oxoiron(IV) porphyrin· + as a intermediate.1615 
The first two steps are simple hydroxylations at 
carbons 1 and 2 in the side chain, respectively. In 
the crystallographic molecular model of the complex 
between the human enzyme and 20,22-dihydroxy-
cholesterol, which is the product of these first two 
hydroxylations of the side chain and the reactant for 
the final oxidation leading to cleavage of the carbon– 
 
 

carbon bond, the two hydroxy groups at carbon 1 
and carbon 2 of the side chain sit astride the iron of 
the heme. When an oxygen atom is added to the 
heme in the molecular model to mimic the oxo-
iron(IV) porphyrin· + that performs the cleavage of 
the carbon–carbon bond, the hydroxy group on 
carbon 2 of the side chain is only 0.23 nm from that 
oxygen.1616 The conclusion drawn from this obser-
vation is that the 2-hydroxy group adds as a nucleo-
phile to the electrophilic oxygen of the oxoiron(IV) 
porphyrin· + to produce the peroxyiron(III) porphyrin 
with carbon 2 of the 1,2-dihydroxy side chain still 
attached to the distal oxygen of the peroxy group. 
The bonds in this intermediate then rearrange hetero-
lytically, and the rearrangement produces hydroxy-
iron(III) porphyrin, pregnenolone, and 4-methyl-
pentanal, the products of the side-chain cleavage.  
 Cytochrome-c oxidase catalyzes the complete 
reduction of molecular oxygen 

                        (2-257) 

by a mechanism that is similar to the mechanism 
of an enzyme containing a heme P450. The four 
electrons required in the reaction are supplied to 
the enzyme by four molecules of the reduced form 
of the small electron-transferring coenzyme cyto-
chrome c. The enzyme contains just enough pros-
thetic groups to store all four of these electrons at 
once. These prosthetic groups are a CuA dinuclear 
copper cluster (Figure 2-26F); a heme a or a heme b, 
depending on the species, in which the iron ion is 
fully coordinated and diamagnetic in its ferrous state 
and that acts as a one-electron donor; a heme a, 
heme b, or heme o, again depending on the species, 
that has an open site to which the molecular oxygen 
binds and that is high-spin and paramagnetic in its 
ferrous state; and a copper ion coordinated by 
three histidines that also has an open site.932,1617-1621 
One of the histidines that is a ligand to this mono-
nuclear, prosthetic copper ion is the histidinyl 
group participating in the posttranslational modifi-
cation that produces the 3-(Nt-histidinyl)tyrosine 
(Figure 2-55), which is formed by a covalent 
crosslink between this histidine and a nearby tyro-
sine in the protein.1047,1622-1624 The simultaneous 
presence of four metallic electron donors permits 
the fully reduced enzyme to reduce the molecular 
oxygen completely in one fell swoop without the 
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Figure 2-55: Stereodrawing50 of one of the hemes a and one of 
the prosthetic copper ions complexed with a peroxide dianion 
in the crystallographic molecular model of bovine cyto-
chrome-c oxidase.1047 Black atoms are carbons, white atoms 
are oxygens, gray atoms are nitrogens, and the two dark gray 
spheres surrounded by ligands are an iron ion and a copper 
ion. Bovine cytochrome-c oxidase was purified from mito-
chondria under ambient aerobic conditions.1624 The enzyme 
purified in this way and then recrystallized aerobically was 
fully oxidized, and six moles of electrons for every mole of 
enzyme were required to fully reduce its hemes and copper 
ions.1623 This titration is consistent with the presence of the 
equivalent of a peroxide dianion in its active site. In the map of 
electron density from crystals of this enzyme, a feature of 
electron density equal in volume and shape to a peroxide 

dianion was observed spanning the iron ion of heme a, to 
which oxygen is known to bind, and the mononuclear copper 
ion adjacent to it. This feature of electron density was assumed 
to be a peroxide dianion and was modeled as such, in spite of 
the fact that the final oxygen–oxygen bond length following 
refinement was 0.17 nm,1622 which is somewhat longer than 
the 0.14-0.15 nm of the usual peroxide dianion complexed by 
two metallic ions. The drawing is of the heme a and the side 
chain of Histidine 376 that is its axial ligand; the copper ion 
and the side chains of the three histidines, Histidines 240, 290, 
and 291, that are its ligands; and the peroxide dianion of the 
final crystallographic molecular model.1047 One of the histidines, 
Histidine 240, is a 3-(Nt-histidinyl)tyrosine with Tyrosine 244. 
The peroxide dianion is a ligand to Fe3+ in the heme a at one of 
its oxygens and a ligand to the copper ion at the other. 
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accumulation of intermediates that might release 
superoxide radical anion or hydrogen peroxide or, 
even worse, hydroxyl radical into the cytoplasm. 
During reduction of the fully oxidized bovine enzyme, 
the rate-limiting step is reduction of the iron in the 
heme with the open site with which the oxygen 
associates when it is in its reduced ferrous state 
(Figure 2-52) and at which the oxygen is reduced.1625 
Consequently, molecular oxygen usually does not 
bind to the enzyme nor does catalysis commence 
until the enzyme is fully reduced. 
 The iron ion in the fully coordinated heme that 
acts as the donor of a single electron in the bovine 
enzyme has as one of its axial ligands the imidazolyl 
group of a histidine that is only two positions in the 
sequence of amino acids away from the histidine 
providing the only axial ligand to the heme with the 
open site at which the reduction of the oxygen oc-
curs.1618 This connection provides a continuous 
path for an electron on which it can pass rapidly by 
outer-sphere electron transfer between the iron 
ions in these two hemes.1626 The copper ion that is 
coordinated by the three histidines in bovine cyto-
chrome-c oxidase is only 0.45 nm from the iron that 
has the open catalytic site, and there is nothing be-
tween these two metallic ions. This distance would 
be spanned by the two oxygen atoms in a peroxide 
dianion coordinated to the iron at one oxygen and 
the copper ion at the other (Figure 2-55). The dinu-
clear CuA cluster is coupled electronically to the iron 
of the fully coordinated heme participating in electron 
transfer, and a single electron equilibrates rapidly 
between their respective oxidized states.1627,1628 
The other copper ion, adjacent to the open site on 
the other heme, is coupled antiferromagnetically to 
the iron of that heme.1629 All these arrangements 
guarantee the rapid arrival of four electrons at the 
site of reduction. 
 In the enzymes containing a heme P450 that 
hydroxylate alkanes, molecular oxygen is initially 
converted into water and an oxoiron(IV) porphyrin· + 
(Equation 2-250). Occasionally, the oxoiron(IV) 
porphyrin· + is converted by mistake in a two-
electron reduction into a hydroxyiron(III) porphyrin 
(see Figure 2-50), and hence a second molecule of 
water, by absorbing two electrons from the reduced fla-
vin of the NADPH—hemoprotein reductase1630,1631 
or by oxidizing the alkane, which normally is hydrox-
ylated, to an alkene rather than an alcohol.1632,1633 
This abortive side reaction for a heme P450 mimics the 
actual reaction catalyzed by cytochrome-c oxidase. 
 
 

 When the reaction begins with fully reduced 
cytochrome-c oxidase, molecular oxygen is bound 
at the open site on the iron(II) porphyrin of the cat-
alytic heme,1634 perhaps by binding initially to the 
adjacent prosthetic Cu+ and then moving to the 
iron1635 to produce the prosthetic copper(I)oxy-
iron(II) porphyrin where the molecular oxygen is a 
ligand to both the Cu+ and the Fe2+. In several 
model compounds in which a ferroheme is properly 
positioned adjacent to a triply coordinated Cu+, 
when oxygen binds between the two metallic ions, 
it is reduced in the inner sphere by an electron 
from the Fe2+ and an electron from the Cu+ to 
give1636-1640 the complex between the ferriheme, a 
peroxide dianion, and the Cu2+, copper(II)peroxy-
iron(III) porphyrin. In bovine cytochrome-c oxidase, 
cytochrome-c oxidase from P. denitrificans, and 
cytochrome-c oxidase from Columba livia, the 
same reaction takes place following the binding of 
oxygen to produce a copper(II)peroxyiron(III) 
porphyrin1641-1647 in which the prosthetic Cu2+ is 
coordinated by the distal oxygen of the peroxide 
dianion.1629 The initial complex, copper(I)oxyiron(II) 
porphyrin, and the peroxy complex, copper(II)per-
oxyiron(III) porphyrin, must be in extremely rapid 
equilibrium because transfer of the electrons is in 
the inner sphere, but the question of which of the 
two complexes predominates at this stage of the 
reaction seems to be controversial.1648 Either a 
copper(II)-peroxyiron(III) porphyrin or a copper(I)-
oxyiron(II) porphyrin, which are isosteric and hence 
indistinguishable as well as being in equilibrium 
with each other, has been observed crystallograph-
ically in the bovine enzyme,1648-1650 and in this 
crystallographic molecular model, the peroxide 
dianion or the molecule of oxygen is coordinated 
by both the iron ion at the proximal oxygen and the 
copper ion at the distal oxygen (Figure 2-55).1047 
 In the next step of the mechanism, the distal 
oxygen of the copper(II)peroxyiron(III) porphyrin 
is hydronated. The source of the hydron is unclear. 
It has been proposed that, because it is the closest 
catalytic acid to the bound oxygen, the source of 
the hydron is the hydroxy of the 4-hydroxyphenyl 
group of the adjacent 3-(Nt-histidinyl)tyrosine, the 
histidinyl group of which is a ligand to the copper 
ion.1047,1651-1653 The distance, however, from this 
hydroxy group to the distal oxygen1650 in bovine 
cytochrome-c oxidase is 0.54 nm, and the orienta-
tions of these two groups are incompatible with such 
a hydron transfer (Figure 2-55). In one crystallo-
graphic molecular model of bovine cytochrome-c 
oxidase, however, there is a fixed molecule of water 
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forming a hydrogen bond to the hydroxy group of 
the 3-(Nt-histidinyl)tyrosine, and it would be between 
the hydroxy group and the distal oxygen of the 
molecular oxygen. There are also thought to be other 
disordered molecules of water in the immediate 
vicinity.1648 Consequently, one or two molecules of 
water could relay the hydron from the hydroxy 
group of the 3-(Nt-histidinyl)tyrosine to the distal 
oxygen of the copper(II)peroxyiron(III) porphyrin. 
Nevertheless, the copper(II)hydroperoxyiron(III) 
porphyrin resulting from the hydronation dissociates 
heterolytically to produce an oxoiron(IV) porphyrin 
and a hydroxide bound1643,1644,1654-1658 by the Cu2+. 
The copper(II)-hydroperoxyiron(III) porphyrin that 
precedes the dissociation has been observed in a 
model compound that has a triply coordinated copper 
ion covalently attached to a heme positioned in the 
proper orientation.1659 
 Just as the tryptophan in cytochrome-c peroxi-
dase provides an electron to the oxoiron(V) porphyrin 
formed initially by heterolysis of the hydroperoxy-
iron(III) porphyrin in its active site, in the active 
site of bovine cytochrome-c oxidase, the 3-(Nt-histi-
dinyl)tyrosine provides an electron from its electron-
rich p molecular orbital system to the oxoiron(V) 
porphyrin formed initially by heterolysis of the 
copper(II)hydroperoxyiron(III) porphyrin so that, 
after a second hydronation, the intermediate at this 
step is a hydroxyiron(IV) porphyrin adjacent to a neu-
tral radical on the 3-(Nt-histidinyl)tyrosine,1652,1660-1663 
rather than the oxoiron(IV) porphyrin· + that usually 
forms from an oxoiron(V) porphyrin. This hydroxy-
iron(IV) porphyrin with the adjacent imidazolyl-
4-hydroxyphenyl radical has been reproduced in a 
model compound,1664 which is able to catalyze the 
entire reduction of oxygen to water with electrons 
supplied by an electrode.1665 In fact, another model 
compound in which a peroxyiron(III) porphyrin, the 
distal oxygen of which is a ligand to a Cu2+, oxidizes 
2,4,6-tri-tert-butylphenol to the neutral 2,4,6-tri-
tert-butylphenoxy radical. In this reaction, the tri-
tert-butylphenol hydronates the distal oxygen of 
the peroxyiron(III) porphyrin that is a ligand to the 
copper initiating the dissociation of the oxygen–
oxygen bond, and the resulting oxoiron(V) porphyrin 
then removes an electron from the tri-tert-butyl-
phenoxide.1666 A complex between a different model 
compound also containing a peroxyiron(III) por-
phyrin, the distal oxygen of which is a ligand to a 
Cu2+, forms a complex with 4-nitrophenol in which 

there is a hydrogen bond between the 1-hydroxy 
group and the distal oxygen of the peroxyiron(III) 
porphyrin.1667 
 The final steps in the reaction catalyzed by cyto-
chrome-c oxidase are outer-sphere transfer of an 
electron from the other heme to the imidazoyl-
phenoxy radical,1647 rapid equilibration of the re-
maining electron between the CuA copper cluster 
and the other heme,1668 and transfer of this second 
electron from the other heme to the hydroxyiron(IV) 
porphyrin to produce hydroxyiron(III) porphyrin.1654 
 In bovine cytochrome-c oxidase and cyto-
chrome-c oxidase from P. denitrificans, this last 
transfer of an electron can be resolved into two 
steps. The first step is transfer of an electron from a 
nearby tryptophan to the hydroxyiron(IV) porphyrin 
to produce a tryptophan radical and the hydroxy-
iron(III) porphyrin, and the second step is transfer 
of the remaining electron from the other heme to 
the tryptophan radical to produce fully oxidized 
enzyme with one hydroxide ion on the Fe3+ and one 
on the Cu2+, and the regenerated tryptophan.1641,1669 
The participation of this tryptophan is another exam-
ple of an indolyl group acting as a relay station in 
the transfer of an electron. 
 The hydroxide that ends up on the ferric heme 
in bovine cytochrome-c oxidase can exchange rap-
idly with molecules of water in the solution.1670 
Nevertheless, the hydroxyiron(III) porphyrin is hy-
dronated on its hydroxy oxygen, presumably the 
same hydronation permitting the exchange of the 
hydroxy group, to release water.1671 
 There is a model compound in which a copper 
ion is triply coordinated by two imidazolyl groups 
and a 2-(N-imidazolyl)phenol. These ligands are 
covalently attached to a heme in such a way that 
the copper and the iron are positioned at the prop-
er orientation and distance to share a peroxide di-
anion. This model compound reduces molecular 
oxygen to two molecules of water, using electrons 
supplied by cytochrome c.1672  
 
 Oxides of nitrogen (Figure 2-56)1673,1674 are 
substrates for enzymes that use the same prosthetic 
groups that service the various oxides of oxygen. 
Sulfite, an oxide of sulfur, also is a reactant for such 
enzymes. An example of a prosthetic group that is 
used in oxidation–reductions with either an oxide 
of nitrogen as a substrate or molecular oxygen as a  
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Figure 2-56: Oxides and hydrides of nitrogen and their inter-
conversion by oxidation–reduction. Dihydroxydiazene and 
nitroxyl exist in the gas phase in equilibrium with each other, 
and dihydroxydiazene decomposes in water.1673 Hydroxyamid- 
 
 
 
substrate would be a heme P450. Nitric oxide 
reductase [NAD(P)+, nitrous oxide-forming] is an 
enzyme containing a heme P450 that performs a 
two-electron oxidation–reduction 

  
                (2-258) 

ogen has not been isolated, but its properties have been 
calculated.1674 The remaining compounds and ions are rela-
tively stable and can be purchased. 
 
 
 
 
 Nitric oxide, NO. (2-115), is molecular oxygen 
in which one of the oxygen atoms and its six valence 
electrons has been substituted by a nitrogen atom 
and its five valence electrons, so it has one fewer 
electron than molecular oxygen. As a result, nitric 
oxide is a stable radical. One of the two highest 
occupied p* molecular orbitals of the diatomic 
molecular orbital system (Figure 2-45 and 2-86) 
occupied by the unpaired electrons in molecular 
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oxygen (2-87) is unoccupied in nitric oxide, and 
the remaining unpaired electron occupies the other 
p* molecular orbital. Unlike oxygen, which associates 
with only ferroheme, or the superoxide radical anion, 
which is isoelectronic with nitric oxide but associ-
ates with only ferriheme, nitric oxide binds with 
almost equal affinity to both ferroheme and ferri-
heme.1675,1676 In these complexes, the nitrogen is 
on the iron. 
 The nitrogen of one of the two nitric oxides 
associates with the ferriheme of nitric oxide reduc-
tase [NAD(P)+, nitrous oxide-forming] from F. oxy-
sporum. During its association, the nitric oxide is 
oxidized by transfer of its unpaired electron to the 
Fe3+ to produce an Fe2+ coordinated by an azanyl-
idyneoxidanium ion (2-114) 

                 (2-259) 

a cation that is diamagnetic because all its molecular 
orbitals are occupied by pairs of electrons. Because 
azanylidyneoxidanium is a cylindrical ion, it should 
associate as a coaxial ligand on the resulting Fe2+, 
which is the case for a synthetic model complex 
that can be formed between an iron(III) porphyrin 
and nitric oxide. This synthetic model complex has 
been identified as that between azanylidyneoxida-
nium and iron(II) porphyrin.1677 In the active site 
of nitric oxide reductase [NAD(P)+, nitrous oxide-
forming], NADH reduces this complex directly by 
formal transfer of a hydride to the electrophilic, 
cationic distal oxygen of the azanylidyneoxida-
nium,1678-1680 just as a hydride from BH4

- is able to 
reduce the synthetic model complex between the 
iron(II) porphyrin and azanylidyneoxidanium.1677 
 The resulting reduced intermediate1681 is the 
complex between nitroxyl (2-119) and Fe2+. Nitroxyl  

is isoelectronic with molecular oxygen and should 
be, as is molecular oxygen, a bent ligand to the 
Fe2+. As in the case of the complex between a ferro-
heme and molecular oxygen, there is a resonance 
form of the complex, in which an electron is trans-
ferred from the Fe2+ to the nitroxyl to give the complex 
between Fe3+ and the anionic conjugate base (2-117) 
of hydroxyamidogen (2-120),1674 which is isoelec-
tronic with hydrosuperoxide radical (Equation 2-199). 
This resonance form illustrates how the nitroxyl on 
Fe2+ is able to participate in a colligation with a 
second molecule of nitric oxide to form the conjugate 
base (2-111) of (Z)-dihydroxydiazene (2-110). This 
colligation is followed by a heterolytic dissociation 
with water as the leaving group to give nitrous oxide, 
NNO (2-106), and H2O. 
 An example of a set of prosthetic groups that is 
used both in oxidation–reductions with an oxide of 
nitrogen as a reactant and in oxidation–reductions 
with molecular oxygen as a reactant would be the set 
of prosthetic groups in cytochrome-c oxidase. In 
addition to nitric oxide reductase [NAD(P)+, nitrous 
oxide-forming], which contains a heme P450 (Equa-
tions 2-258 and 2-259), there are also nitric oxide 
reductases 

        (2-260) 

namely nitric oxide reductase (cytochrome c) and 
nitric oxide reductase (menaquinol), from bacteria 
such as Bradyrhizobium japonicum, P. aeruginosa, 
P. denitrificans, and Schinkia azotoformans that are 
evolutionarily related to cytochrome-c oxidases and 
the homologous bacterial quinol oxidases.1682,1683 
As might be expected from this relationship, the 
two electrons needed for the reduction are provided 
by either a cytochrome c1684,1685 or a quinol.1686 Each 
of these related nitric oxide reductases contains a 
fully coordinated heme b acting as a one-electron 
donor and a heme b with an open site to which, in 
its ferrous state, the nitric oxide (2-115) binds. 
These two hemes are in homologous locations to 
the two in cytochrome-c oxidase, and as in cyto-
chrome-c oxidase, an electron can be transferred 
rapidly (>1 ms-1) between them.1687 In place of the 
coordinated copper ion with an open site in the 
active site of cytochrome-c oxidase, however, there 
is a coordinated nonheme iron ion, also with an 
open site.1684,1688 
 In the active site of one of these nitric oxide 
reductases, unlike in the active site of nitric oxide 
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reductase [NAD(P)+, nitrous oxide-forming], the nitric 
oxide associates when the iron ion in the catalytic 
heme and the nonheme iron ion are both Fe2+ ions. 
The nitric oxide binds with its nitrogen on the Fe2+ 
in the heme and its oxygen on the nonheme Fe2+, 
just as the isosteric molecular oxygen binds between 
the iron and the copper ion in cytochrome-c oxidase 
(Figure 2-55). The nonheme Fe2+ provides one 
electron in the inner sphere to the nitric oxide to 
produce the intermediate, [FeNOFe]4+, the complex 
between the anionic conjugate base (2-116) of 
nitroxyl and the Fe2+ in the heme and the nonheme 
Fe3+. Because the conjugate base of nitroxyl is isoelec-
tronic with molecular oxygen, the complex with the 
Fe2+ in the heme is isoelectronic with a molecule of 
oxygen on an Fe2+ in a heme. This intermediate is 
also homologous with the intermediate, [FeNOH]2+, 
the complex between the conjugate acid of nitroxyl 
(2-119) and the Fe2+ in the heme after the first step 
in Equation 2-259 with the nonheme Fe3+ replacing 
the hydron, H+. 
 The second nitric oxide then participates in a 
colligation as it does in Equation 2-259 to produce 
again the conjugate base (2-111) of (Z)-dihydroxy-
diazene. Computations1689 suggest that, following 
the colligation, both oxygens of the conjugate base 
or the dianionic dibase of (Z)-dihydroxydiazene are 
ligands to the nonheme Fe3+ to form a pentacyclic 
metallacycle of the two nitrogens, the two oxygens, 
and the Fe3+. Consequently, it is probably the case 
that the oxygen of the second nitric oxide, after it 
enters the active site, also becomes a ligand to the 
nonheme Fe3+ before the colligation occurs. The 
heterolytic dissociation then proceeds as before 
(Equation 2-259). The NNO then dissociates from 
the active site and leaves behind an oxido oxygen 
held between the two now Fe3+ ions but somewhat 
closer (0.04 nm) to the nonheme Fe3+, which is the 
substitute for a hydron.1688 A synthetic heme with a 
nonheme Fe2+ held in the proper location relative 
to the Fe2+ in the heme is able to convert two mole-
cules of nitric oxide nonenzymatically to NNO.1690 
 The two electrons from the reduced heme b 
within the enzyme and a molecule of reduced cyto-
chrome c or a quinol then successively reduce the 
two Fe3+ ions, the one in the heme and the non-
heme Fe3+, to Fe2+ ions, and the oxido oxygen picks 
up two hydrons and dissociates as a molecule of 
water.1690 As the diferric oxide is unreactive, there 
is no need for the two electrons to arrive simulta-
neously as there is in cytochrome-c oxidase. These 
nitric oxide reductases are another, quite different, 

example of the ability of the same arrangements of 
prosthetic groups to process both an oxide of oxygen 
and an oxide of nitrogen. 
 Oxides of nitrogen can also be oxidized or re-
duced by the removal or addition of only one elec-
tron instead of two. In the active site of nitrite 
reductase (NO-forming) from bacteria such as Pseudo-
monas stutzeri, P. pantotrophus, and P. denitrificans, 
the Fe2+ in a heme d1

654,1691 with the imidazolyl 
group of a histidine as the proximal axial ligand is 
responsible for the reduction of nitrite ion, ONO– 
(2-113), the central nitrogen of which reversibly 
associates with the iron as its sixth ligand.1692 The 
nitrite ion is reduced by one electron to nitric oxide 
(NO) and a molecule of water. During the reaction, 
two hydronated imidazolio groups from two histi-
dines provide the two hydrons to one of the two 
oxygen atoms of the nitrite ion that leaves as a mole-
cule of water. The Fe2+ in the heme provides the 
single electron. Following dissociation of the molecule 
of water from the nitrogen, the resulting complex 
between nitrous oxide (2-106) and the Fe3+ has the 
properties of a complex between Fe2+ and azanyli-
dyneoxidanium ion (Equation 2-259).1693 The Fe3+ 
in the heme d1, either with the nitric oxide still 
bound or after its dissociation, is reduced by an 
electron from a heme c1149 covalently attached as a 
prosthetic group to a separate structural domain in 
the protein.1050,1691 The heme c in turn is reduced 
with an electron from the small dissociable electron-
transferring coenzyme cytochrome c550. 
 Ferredoxin—nitrite reductase from plants such 
as S. oleracea1694 catalyzes the complete reduction of 
nitrite ion to ammonium ion, a reduction requiring 
six electrons 

   (2-261) 

The enzyme uses a heme for the reduction, but the 
heme is a siroheme 
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The ligand to the iron at the axial position is the 
sulfido sulfur of a cysteine, as in a heme P450, but 
what disqualifies the enzyme from being an enzyme 
containing a heme P450 is that the same sulfido 
sulfur is also the ligand to one of the irons in a 
[4Fe-4S] iron–sulfur cluster.1695 The two redox 
couples, the siroheme and the [4Fe-4S] iron–sulfur 
cluster, act as independent electron-transferring 
prosthetic groups,1696 but they are strongly coupled 
in the inner sphere by the bridging sulfur of the 
cysteine that they share.671 The reductants providing 
the six electrons are six [2Fe-2S] ferredoxins in a 
sequence of outer-sphere, one-electron steps involv-
ing association of the reduced form and dissociation 
of the oxidized form of each of these small electron-
transferring coenzymes. When a reduced ferredoxin 
is bound to the enzyme and the prosthetic [4Fe-4S] 
iron–sulfur cluster has already been reduced, two 
electrons are available to be simultaneously trans-
ferred to the siroheme. 
 The lone pair of electrons on the central nitrogen 
of the nitrite ion (2-113) associates with the open 
site on the ferric siroheme to become a sixth lig-
and,1695,1697 and the two electrons passing through 
the prosthetic [4Fe-4S] iron–sulfur cluster and a 
hydron perform a reductive heterolytic dissociation 
of a nitrogen–oxygen bond of the nitrite ion to produce 
the complex between nitric oxide (2-115) and ferrous 
siroheme1698 and a hydroxide ion1699 

  
                (2-262) 

In the active site of the enzyme from S. oleracea, 
the hydron is provided by the ammonio group of 

Lysine 224.1695 A complex between nitric oxide and 
ferrous heme has been stabilized in the unrelated, 
pentaheme nitrite reductase (cytochrome; ammo-
nia-forming) from S. oneidensis, which catalyzes 
the same reduction (Equation 2-261), by control-
ling the reduction potential of the solution to pre-
vent the later steps in the overall reaction.1700 
 In the active site of ferredoxin—nitrite reductase, 
the reductive heterolytic dissociation is accom-
plished by transfer of one of the arriving electrons 
from the reduced ferredoxin and the reduced pros-
thetic [4Fe-4S] iron–sulfur cluster through a dxz or 
dyz orbital on the iron ion (Figure 2-24) into a vacant 
antibonding p molecular orbital in the allyl p molec-
ular orbital system on the nitrite ion. The push of 
the electron density arriving on the nitrogen and 
the fact that it is entering an antibonding p molecular 
orbital of the nitrite ion weaken the nitrogen–oxygen 
bond for heterolysis.1701 
 The resulting complex between nitric oxide 
(2-115) and iron(II) porphyrin is equivalent to the 
complex between nitroxyl ion (2-116) and iron(III) 
porphyrin. Nitroxyl ion is the conjugate base of 
nitroxyl (2-119), a fact that explains how the nitrogen 
is then hydronated. Following hydronation of the 
nitrogen, the next two electrons are transferred to 
the resulting complex between nitroxyl and iron(III) 
porphyrin, while a hydron is transferred to the oxygen 
and another hydron is transferred to the nitrogen 
to produce the complex between hydroxylamine, 
HONH2 (2-118), and ferric siroheme.1698 This 
complex is then reduced by two electrons, and two 
hydrons are added to produce a molecule of water, 
ammonia, and uncoordinated ferrisiroheme. In 
this final reduction, the electrons have to arrive two 
at a time to avoid the formation of hydroxyl radical, 
hence the prosthetic [4Fe-4S] iron–sulfur cluster in 
ferredoxin—nitrite reductase. 
 Assimilatory sulfite reductase (NADPH) 

        (2-263)  

from bacteria such as E. coli and D. vulgaris is an 
enzyme evolutionarily related (22% identity; 
2.3 gap percent) to ferredoxin—nitrite reductase 
(Equation 2-261). In fact, many sulfite reductases 
also catalyze the reduction of nitrite ion to ammonia. 
Sulfite reductases contain a subunit homologous to 
ferredoxin—nitrite reductase1695 in which there is 
the same inner-sphere complex1697 of an [4Fe-4S] 
iron–sulfur cluster and a siroheme.661,1702 
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 The main difference between assimilatory sulfite 
reductase (NADPH) and ferredoxin—nitrite reductase 
is the presence in the former of an additional subunit 
containing sites at which two flavins are bound as 
prosthetic groups.1703 One of the flavins is reduced 
by successive hydride transfers from molecules of 
NADPH; and the other, by transfer of two electrons 
from the first. When the enzyme is fully reduced, 
there are six electrons immediately available for 
each turnover, two on each of the flavins, one on 
the[4Fe-4S] iron–sulfur cluster, and one on the si-
roheme. All six of these electrons are ultimately de-
rived from NADPH. Having them all immediately 
available ensures that sulfite can be fully reduced 
in one blast without the need for additional associ-
ations and dissociations of molecules of NADPH.  
 The nucleophilic lone pair of electrons on the 
central sulfur of the sulfite ion (see Equation 2-124) 
associates with the Fe2+ of the reduced siroheme, 
and its three oxygens form hydrogen bonds with 
the guanidinio nitrogens of two arginines, two 
ammonio nitrogens of lysines, and two molecules 
of water.1697 These catalytic acids successively 
provide the eight hydrons needed for hydronation 
of the oxygens and the sulfur so that the hydrons 
are all immediately available as well. Overlap between 
the vacant d orbitals on the sulfur of the sulfite and 
the occupied dxz and dyz orbitals on the Fe2+ in the 
electron-rich siroheme permits efficient transfer of 
electron density onto sulfur, and the push of this 
electron density weakens each of the sulfur–oxygen 
bonds in turn to permit their successive reductive 
heterolytic dissociation,1699 as happens to nitrite 
ion in the active site of ferredoxin—nitrite reductase. 
The rate-limiting step in the reaction is the reductive 
heterolytic dissociation of the first molecule of water 
to give a hydrosulfinate ion associated with the iron 
ion of the heme, and the further reduction by four 
electrons and the consumption of six hydrons pro-
ceeds so rapidly that no intermediates that could 
dissociate are allowed to accumulate, nor have any 
intermediates been observed. 
 As with assimilatory sulfite reductase (NADPH), 
nitrite reductase (cytochrome; ammonia-forming) 
from bacteria such as Sulfurospirillum deleyianum 
and Wolinella succinogenes, which catalyzes the same 
reaction as ferredoxin—nitrite reductase (Equa-
tion 2-261), contains enough prosthetic groups, 
which in this case are five prosthetic hemes c, to 
provide simultaneously, along with its small electron-
transferring coenzyme cytochrome c, the six electrons 
 

needed to accomplish the reduction and avoid the 
problem of having intermediates accumulate. 
Four of the prosthetic hemes c have as their two axial 
ligands imidazolyl groups from histidines and 
transfer electrons, and the fifth, at which the reaction 
proceeds, has nitrogen 7 of a lysine as its proximal 
axial ligand opposite the open site.1704,1705 The reac-
tion also requires eight hydrons (Equation 2-261). In 
the active site of nitrite reductase (cytochrome; 
ammonia-forming) from W. succinogenes with a nitrite 
ion bound to the iron of the heme, the imidazolyl 
group of a histidine forms a hydrogen bond with 
one of the oxygens of the nitrite ion. There is a cluster 
of eight molecules of water and the 4-hydroxyphenyl 
group of a tyrosine that are all held together by hydro-
gen bonds, and two of the molecules of water in 
this cluster form hydrogen bonds with the other 
oxygen of the nitrite ion. This cluster is continuous 
with the surrounding solution and is responsible 
for shuttling the necessary hydrons into the active 
site, rather than having all the hydrons immediately 
at hand.1701,1706 Other than the immediate availa-
bility of at least six electrons in the fully reduced 
enzyme, the mechanism of the reaction and the 
intermediates are the same as those of ferredoxin—
nitrite reductase (Equation 2-262).1701 Nitrite reduc-
tase (cytochrome; ammonia-forming) from W. succin-
ogenes also reduces sulfite to hydrogen sulfide, a 
reaction also requiring six electrons and eight hydrons 
(Equation 2-263), at a rate that is actually faster than 
assimilatory sulfite reductases (NADPH).1707 
 Hydroxylamine dehydrogenase from N. europaea, 
however, contains more than enough prosthetic 
groups, seven hemes c in addition to the heme with 
the open site at which the oxidation occurs, to absorb 
all four of the electrons produced during the oxidation 
of hydroxylamine (2-118)1042 

     (2-264) 

The hemes c are grouped in pairs, a fact suggesting 
that the electrons are removed two at a time during 
the oxidation 

   
                (2-265) 

  

H2O  +  H2NOH  1  NO2
–  +  5 H+  +  4 e–

H2O  +  H2NOH  1  H2O  +  NO–  +  3 H+  +  2 e–

      1  NO2
–  +  5 H+  +  4 e–
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while the intermediate conjugate base of nitroxyl, 
NO- (2-116), remains tightly bound to the iron ion of 
the heme. Nitrite reductase (cytochrome; ammonia-
forming) from Thioalkalivibrio nitratireducens, which 
only uses six electrons for its enzymatic reaction 
(Equation 2-261), contains eight hemes c,1708 again 
more than enough. 
 In all the reactions involving a prosthetic heme 
that have been discussed so far, the axial ligand 
opposite the open site on the prosthetic heme usually 
does not involve itself directly in the oxidation–
reduction performed by the heme other than to tune 
the iron ion to a reduction potential appropriate to 
the oxidation–reduction. The axial ligand to the 
iron ion in the prosthetic heme in ferredoxin—
nitrite reductase (Equation 2-262) is an exception 
to this general rule because of its coordination of 
the prosthetic [4Fe-4S] iron–sulfur cluster. Another 
exception is the sulfido group of Cysteine 123, 
which is the axial ligand to the prosthetic heme in 
thiosulfate dehydrogenase from A. vinosum, which 
oxidizes two thiosulfates to tetrathionate, the disul-
fide between two thiosulfates. In this instance, the 
sulfido group of Cysteine 123 participates in a 
mixed disulfide between itself and one of the thio-
sulfates that is the result of a two-electron oxida-
tion mediated by the heme. The second thiosulfate 
participates in a thiol–disulfide exchange with the 
mixed disulfide to regenerate the sulfido group of 
the axial ligand and tetrathionate.1709  
 
 Nitric-oxide synthase1710,1711 contains a heme 
P450 that catalyzes two successive monooxygena-
tions, one at a guanidinio nitrogen and the next at 
the carbonate carbon of the hydroxylated guani-
dinio group1712-1715 

     
                (2-266)  

  
                (2-267) 

The consequential product of the reaction, as the 
name implies, is NO, nitric oxide (2-115). 
 The first reaction catalyzed by nitric-oxide syn-
thase, the hydroxylation of a guanidinio nitrogen 
(Equation 2-266), has the usual stoichiometry of an 
enzyme containing a heme P450 and a mechanism 
that proceeds through the usual oxoiron(IV) porphy-
rin· +. Although the second of the successive reactions 
catalyzed by nitric-oxide synthase (Equation 2-267) 
requires only one electron, the ultimate source of 
that single electron is nevertheless the flavin of the 
NADPH—hemoprotein reductase that is a domain 
of nitric oxide synthase in animals and that is homol-
ogous (31% identity; 4 gap percent) with the 
aforementioned, detached independent NADPH—
hemoprotein reductase that provides electrons to 
hemes P450.1716,1717 Because NADPH can supply 
electrons only two at a time, the overall stoichio-
metric reaction catalyzed by the enzyme is 

    
                (2-268) 

and a single electron or a hole has to be stored on 
the enzyme between the production of the first nitric 
oxide and the production of the second.  
 In addition to the stoichiometric fact that the 
conversion of Nw-hydroxy-¬-arginine to citrulline 
and nitric oxide requires only one electron, this 
reaction is unusual because an oxygen atom from 
molecular oxygen ends up where the oxygen atom 
of a molecule of water would end up were there a 
hydrolysis at the guanidinio carbon of the Nw-hydroxy-
¬-arginine that ends up as citrulline. The second 
monooxygenation does not involve an oxoiron(IV) 
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porphyrin· + because when an oxoiron(IV) porphy-
rin· + is formed at the heme in the enzyme from 
R. norvegicus by using hydrogen peroxide as the 
oxidant rather than molecular oxygen, Nw-hydroxy-
¬-arginine is converted by that oxoiron(IV) porphy-
rin· + to Nd-cyano-¬-ornithine and nitroxyl ion, 
ON- (2-116)1718-1720 

  
                (2-269) 

a two-electron oxidation, instead of the normal 
¬-ornithine and nitric oxide (Equation 2-267), a 
one-electron oxidation. 
 In addition to the heme, the active site of nitric-
oxide synthase contains a prosthetic (6R)-¬-erythro-
5,6,7,8-tetrahydrobiopterin,1721-1723 a homologue of 
flavin. The (6R)-¬-erythro-5,6,7,8-tetrahydrobiop-
terin (BH4) participates in the enzymatic reaction 
by providing a single electron and becoming the 
radical cation (BH4

· +) 

          
                (2-270) 

The radical cation participates in the enzymatic 
reaction by taking up a single electron.1724-1727 The 
BH4 is located in the crystallographic molecular 
model of the murine and the human enzymes with 

its 2-imino group forming a hydrogen bond to the 
carboxy group of the 17-(2-carboxyethyl) group of 
the heme (see 2-69)1728,1729 but directed 180ª away 
from the heme and far from the open site on the 
iron. Consequently, it can participate only in outer-
sphere electron transfer, albeit over a short distance 
and through a hydrogen bond. 
 During catalysis, the BH4

· + that is a required 
intermediate in the enzymatic reaction is slowly and 
inescapably converted by adventitious oxidation to 
6(R)-¬-erythro-6,7-dihydrobiopterin,1730 which dis-
sociates from the enzyme and must be replaced by 
free BH4 either from the cytoplasm or from the solu-
tion of the enzymatic assay. Depending on how 
rapidly the enzyme is turning over, many cycles of 
oxygenation are completed before this replacement 
is necessary. Consequently, the BH4 does not appear 
in the overall equation (Equation 2-268). 
 The BH4 participates during the hydroxylation 
of ¬-arginine. When a form of murine nitric-oxide 
synthase lacking the domain for NADPH—hemo-
protein reductase and its flavin and having a ferro-
heme and ¬-arginine in its active site is mixed with 
molecular oxygen, oxyiron(II) porphyrin is formed 
immediately by association of the oxygen with the 
ferroheme and then decays coincident with both the 
appearance of BH4

· + and the hydroxylation of the 
¬-arginine to Nw-hydroxy-¬-arginine.1725,1731,1732 This 
observation indicates that the BH4 is responsible 
for the outer-sphere electron transfer necessary to 
produce the peroxyiron(III) porphyrin1726,1733-1735 that 
precedes the formation of oxoiron(IV) porphyrin· +, 
which is required to hydroxylate the guanidinio 
nitrogen of ¬-arginine1727 

   
                (2-271) 

 Unlike in the foregoing reaction in which the 
heme was chemically reduced, in the intact nitric-
oxide synthase from R. norvegicus, the reduced flavin 
in the active site of the attached NADPH—hemo-
protein reductase is responsible for one-electron 
reduction of the heme from aquoiron(III) porphyrin 
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to iron(II) porphyrin, and as a result, the reduced 
flavin becomes the semiquinone. The production 
of nitric oxide and ¬-citrulline from ¬-arginine and 
molecular oxygen depends on the ability of the flavin 
in the NADPH—hemoprotein reductase domain to 
form a stable semiquinone.1736 
 Consequently, in the reaction in which ¬-argi-
nine is hydroxylated, reduced flavin reduces the 
heme from iron(III) porphyrin to iron(II) porphyrin 
and becomes the semiquinone, molecular oxygen 
binds to the Fe2+, and BH4 provides the electron 
necessary to produce peroxyiron(III) porphyrin 
and becomes BH4

· +. The kinetics of these two steps 
have been followed by using hydrated electrons to 
reduce the iron(III) porphyrin and rapidly initiate 
the reaction.1737 Molecular oxygen associates with 
the iron(II) porphyrin with a rate constant of 
3 ¥ 108 M-1 s-1, and the BH4 then transfers the neces-
sary electron with a rate constant of 2 ms-1. The 
hydron required to hydronate the peroxyiron(III) 
porphyrin to form the oxoiron(IV) porphyrin· + (Equa-
tion 2-250) is provided by the ¬-arginine itself.1738 
Following hydronation, the hydroperoxyiron(III) 
porphyrin becomes oxoiron(IV) porphyrin· +, which 
hydroxylates the w nitrogen of the ¬-arginine in the 
usual manner. 
 At the end of these steps, the flavin is the semi-
quinone, the BH4 is the radical cation,1725 the heme 
is the iron(III) porphyrin, and the ¬-arginine has 
become Nw-hydroxy-¬-arginine. The BH4

· + is then 
reduced to BH4 by the flavin semiquinone1725 with 
the heme serving as a relay station.1730,1734 When it 
is fully reduced, the flavin is able to reduce by one 
electron the iron(III) porphyrin to iron(II) porphyrin, 
so it must be the case that the semiquinone can also 
do so. The reduced heme in turn is able to reduce 
BH4

· + to BH4. The oxidized flavin is then reduced 
by an NADPH. 
 In the conversion of Nw-hydroxy-¬-arginine to 
nitric oxide and ¬-citrulline (Equation 2-267) by 
nitric-oxide synthase from B. subtilis,* in which 
Nw-hydroxy-¬-arginine occupies the active site instead 
of ¬-arginine, the now-reduced flavin reduces iron(III) 
porphyrin to iron(II) porphyrin, and the BH4 pro-
vides the electron necessary to form peroxyiron(III) 
porphyrin (Equation 2-271), just as both of these 
prosthetic groups did before. The peroxyiron(III) 

                                                
*Although murine nitric-oxide synthase and nitric-oxide synthase 
from B. subtilis are quite different in size (1144 aa and 363 aa, 
respectively), the catalytic domain (365 aa) in murine nitric-
oxide synthase is essentially the same (44% identity; 0.5 gap 
percent) as the entire enzyme (363 aa) from B. subtilis, and the 
two enzymes share the same mechanism.  

porphyrin, however, is only slowly hydronated 
because there is no catalytic acid, which in the first 
step was the guanidinio group of the ¬-arginine, in 
its vicinity.1739 As a result, in the bovine enzyme, 
the peroxyiron(III) porphyrin becomes a detectable 
intermediate that immediately precedes the for-
mation of nitric oxide and ¬-citrulline.1740 Because 
peroxyiron(III) porphyrin is a nucleophile (see Fig-
ure 2-54),1556 because it is the intermediate that 
immediately precedes formation of the products, 
and because one of its oxygen atoms ends up at the 
acyl oxygen of ¬-citrulline,1719,1741 it must be the 
distal oxyanion of the peroxide in the peroxyiron(III) 
porphyrin that is the nucleophile that adds to the 
carbonate carbon in the nucleophilic substitution 
that occurs at that carbon of the Nw-hydroxy-
¬-arginine and that ultimately produces ¬-citrulline, 
just as the distal oxygen of 4a-peroxyflavin adds to 
the acyl carbon in uracil during the analogous nucleo-
philic substitution catalyzed by pyrimidine oxygenase 
(Equation 2-220). 
 In crystallographic molecular models of the 
complexes of both Nw-hydroxy-¬-arginine and nitric 
oxide with nitric-oxide synthases from B. subtilis1739 
and R. norvegicus,1742 the nitrogen of the nitric ox-
ide occupies the open coordination site on the iron. 
In this instance, nitric oxide was bound to the active 
site not as a product of the reaction but as an inert 
analogue of a peroxide dianion in peroxyiron(III) 
porphyrin. This complex between the heme and nitric 
oxide is isosteric with a peroxyiron(III) porphyrin, 
but the nitric oxide is not a nucleophile. In the 
crystallographic molecular models, the oxygen of 
the nitric oxide, taking the place of the nucleophilic 
distal oxygen of peroxyiron(III) porphyrin (see Fig-
ure 2-54), is 0.36 nm from the carbonate carbon of 
the N-hydroxyguanidino group. If, however, the 
peroxy group in place of the nitric oxide were to rotate 
around the iron–oxygen bond, a rotation for which 
there is no hindrance, it would be in the proper 
location to add nucleophilically to the carbonate 
carbon of the N-hydroxyguanidino group. In these 
crystallographic molecular models, the hydroxylated 
nitrogen on the Nw-hydroxy-¬-arginine forms a 
hydrogen bond (0.28 nm) with the nitrogen of the 
nitric oxide that sits upon the iron ion.  
 When all these dispositions are considered, the 
following nucleophilic substitution 
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    (2-272) 

should be a part of the mechanism for the produc-
tion of nitric oxide. The fact that the hydroxide 
produced in the reaction ends up on the Fe3+ at the 
end of the reaction catalyzed by murine nitric-
oxide synthase1743 is consistent with this proposal. 
The nucleophilic substitution as written, however, 
yields nitroxyl ion, ON- (2-116), instead of nitric 
oxide, ON (2-115). Nitroxyl ion has one more electron 
than nitric oxide (Figure 2-56), hence the negative 
charge number, and it is isoelectronic with molecular 
oxygen, with the additional electron occupying the 
other p* molecular orbital (2-87). The negative 
charge number can be explained by the fact that 
the nucleus of a nitrogen atom has one fewer proton 
than the nucleus of an oxygen atom. 
 If the BH4 in the active site of murine nitric-
oxide synthase is present as the radical cation, the 
heme is in the ferric state, and Nw-hydroxy-¬-argi-
nine is added along with hydrogen peroxide to 
form the hydroperoxyiron(III) porphyrin by direct 
association with iron(III) porphyrin, the active site, 
in a single turnover, produces nitric oxide and 
¬-citrulline and ends up containing BH4 rather than 
BH4

· +.1744 If, however, the active site contains BH4 
instead of BH4

· +, the products are ¬-citrulline and 
nitroxyl, ONH (2-119), the conjugate acid of nitroxyl 
ion, ON- (2-116), as in Equation 2-272. When the 
enzyme from R. norvegicus is depleted of BH4, 
¬-arginine is turned into N6-cyano-¬-ornithine and 
nitroxyl ion (Equation 2-269), the anionic conju-
gate base of nitroxyl, rather than ¬-citrulline and 
NO.1733,1745 

 In other words, the presence of BH4
· + is essential 

to the production of nitric oxide (2-115) instead of 
nitroxyl ion (2-116), two oxides of nitrogen that 
differ by only one electron (Figure 2-56). It is essen-
tial because BH4

· + is the acceptor for the electron 
on nitroxyl ion. It has been shown that when nitroxyl 
ion is generated in solution, it associates with the 
ferric heme of murine nitric-oxide synthase in which 
the tetrahydrobiopterin is BH4

· +, and the nitroxyl ion 
is oxidized to nitric oxide while the BH4

· + is reduced 
to BH4.1744 It is not surprising that a complex between 
ferric heme and nitroxyl ion is able to reduce BH4

· + 
because nitroxyl ion is a strong reductant (-810 mV). 
The fact that it can, however, provides a role for BH4

· + 
and explains why nitroxyl is the product when BH4

· + 
is not present. 
 In the crystallographic molecular model of nitric-
oxide synthase in the complex with nitric oxide, 
replacing the peroxide ion, and Nw-hydroxy-
¬-arginine, the p molecular orbital system of the 
N-hydroxyguanidino group is stacked flat against 
the p molecular orbital system of the porphyrin, and 
the hydroxyamino group is immediately adjacent 
to the nitrogen of one of the pyrrolyl groups in the 
porphyrin, and both the nitrogen and the oxygen 
are in van der Waals contact (0.36 nm) with that ni-
trogen. Consequently, the nitroxyl ion released in 
the nucleophilic substitution (Equation 2-272) would 
be right up against this nitrogen of the pyrrolyl 
group, and the nitroxyl ion, as a strong reductant, 
should be able to reduce BH4

· + easily by injecting 
an electron into the p molecular orbital system of 
the heme, through which it would transfer directly to 
BH4

· + through the hydrogen bond between the heme 
and the BH4

· +. Because the BH4
· + is electronically 

coupled to the heme, it probably withdraws elec-
tron density from the highest occupied molecular 
orbital of the porphyrin, which has a lobe over the 
nitrogen of the pyrrolyl group. This electron transfer 
from nitroxyl ion to BH4

· + immediately following the 
nucleophilic substitution (Equation 2-272) completes 
the reaction. 
 When all these observations are considered, 
the overall enzymatic reaction (Equation 2-268), 
which is a three-electron reduction, can be divided 
into two cycles. 
 Before the first cycle, the initial enzyme contains 
as its prosthetic groups reduced flavin, BH4, and 
aquoiron(III) porphyrin, which together have an odd 
number of valence electrons. The first ¬-arginine 
then associates, and at the end of the first cycle, the 
enzyme from which the first nitric oxide and the 
first ¬-citrulline have dissociated and which has 
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consumed one NADPH contains, as its prosthetic 
groups, the semiquinone of flavin, BH4, and aquo-
iron(III) porphyrin, which together have an even 
number of valence electrons because the single 
electron required in the second half of the first cycle 
has departed with the products (Equation 2-267). 
After the first cycle, there is probably an equilibrium 
mixture of reduced flavin, flavin semiquinone, oxi-
dized flavin, iron(III) porphyrin, iron(II) porphyrin, 
BH4, and BH4

· +, as well as radicals at any relay sta-
tions between the flavin and the heme. 
 In the second cycle, this collection of prosthetic 
groups with an even number of electrons binds 
¬-arginine, and the electrons distribute in such a 
way that the heme is iron(II) porphyrin, the flavin is 
oxidized, and the pterin is BH4, a configuration with 
an even number of electrons in the proper distribu-
tion to hydroxylate ¬-arginine (Equation 2-271). 
The hydroxylation is a reaction that requiries two 
electrons and that leaves the prosthetic groups with 
again an even number of electrons. At some point, 
before the intermediate Nw-hydroxy-¬-arginine is 
converted to nitric oxide and ¬-citrulline during the 
second half of the second cycle, the oxidized flavin 
is reduced by a second molecule of NADPH. The 
flavin then reduces, by the transfer of one electron, 
the BH4

· + formed during the conversion of ¬-arginine 
to Nw-hydroxy-¬-arginine, and the resulting flavin 
semiquinone reduces the aquoiron(III) porphyrin to 
iron(II) porphyrin. The oxidized flavin is then reduced 
by a third molecule of NADPH. After the Nw-hydroxy-
¬-arginine has been oxidized in the second half of 
this second cycle (Equations 2-271 and 2-272) and 
the second nitric oxide and the second ¬-citrulline 
have dissociated, the flavin is reduced, the heme is 
aquoiron(III) porphyrin, and the pterin is BH4. The 
prosthetic groups with an odd number of valence 
electrons are ready to repeat the first cycle, and the 
overall reaction (Equation 2-268) has been accom-
plished. 
 In each cycle, at the point at which nitroxyl ion 
dissociates from the tetrahedral intermediate dur-
ing the nucleophilic substitution (Equation 2-272), 
the BH4 is the radical cation ready to accept the 
undesired electron. The difference in the active 
sites at this point in the two cycles is whether or not 
the flavin is the semiquinone. 
 During the first cycle, Nw-hydroxy-¬-arginine can 
dissociate from the active site to leave it with BH4

· +, 
 
 

aquoiron(III) porphyrin, and flavin semiquinone. The 
flavin semiquinone then reduces the BH4

· + to BH4 
using the heme as a relay station, the flavin is reduced 
by a molecule of NADPH, and the active site is returned 
to the state that precedes the first cycle. During the 
second cycle, Nw-hydroxy-¬-arginine can dissociate 
from the active site to leave it with BH4, aquoiron(III) 
porphyrin, and flavin semiquinone, the state in 
which the enzyme exists after the full first cycle and 
before the second. Eventually, any Nw-hydroxy-
¬-arginine that has dissociated into the solution re-
associates with one of these two forms of the enzyme 
to be converted to nitric oxide and ¬-citrulline. 
 There are hemoproteins the purpose of which 
is to bind nitric oxide.1746 One property of its binding 
to a heme is that, unlike oxygen, nitric oxide signif-
icantly weakens the affinity of the iron ion for the 
axial ligand opposite the open site to which it 
binds—for example, the affinity of the iron for the 
imidazolyl group of a histidine. This weakening of 
the bond to the proximal axial ligand may trigger 
the conformational changes that these hemopro-
teins undergo upon binding nitric oxide1675 and 
that are responsible for their function. 
 
 Hemes, because of the rigid, sterically defined 
arrangement of their ligands, provide the clearest 
introduction to high-valent iron and to the com-
plexes between iron ions and the oxides of oxygen, 
sulfur, and nitrogen. A number of enzymes that react 
with the oxides of oxygen, however, have nonheme 
iron ions as prosthetic groups (Figure 2-57). The 
nonheme iron ion in all-trans-8¢-apo-b-carotenal 
15,15¢-oxygenase from Synechocystis (Figure 2-57A)1747 
is the most similar to the iron ion in a heme, as it is 
octahedrally coordinated with four sp2 nitrogens 
from the imidazolyl groups of four histidines at 
four of the octahedral positions. In the resting fer-
rous enzyme, one open position is occupied by a 
molecule of water and the other is vacant. The two 
open positions, however, are adjacent to each other 
rather than opposite each other as in a heme, so 
the comparison with a heme would be that three of 
the nitrogens from three of the imidazolyl groups 
take the place of three of the nitrogens in the heme, 
the octahedral position occupied by the fourth ni-
trogen of the heme is vacant, the axial ligand to the 
iron ion is the fourth imidazolyl group, and the 
other axial ligand is the molecule of water. 
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Figure 2-57: Drawings50 of the ligands to prosthetic nonheme 
iron ions in the crystallographic molecular models of (A) all-
trans-8¢-apo-b-carotenal 15,15¢-oxygenase from Synechocystis,1747 
(B) protocatechuate 3,4-dioxygenase from P. putida,1758 (C) 
linoleate 13S-lipoxygenase from G. max,1763 (D) cephalosporin 
synthase from S. clavuligerus,1780 (E) naphthalene 1,2-dioxy-
genase from P. putida,1790 (F) hemerythrin from Themiste 
dyscritum,1876 (G) murine inositol oxygenase,1883 (H) rubre-
doxin:oxygen oxidoreductase from D. gigas,1893 and (I) methane 
monooxygenase (soluble) from M. capsulatus.1904 Black atoms 
are carbons, red atoms are oxygens, and blue atoms are nitro-
gens. Iron ions are the rusty brown spheres surrounded by 
their ligands. In most cases, there are six ligands to each iron 
ion, sometimes in undistorted and sometimes in distorted 
octahedral array. The side chains acting as ligands are labeled. 
The lone red spherical ligands in Panels A, B, D, H, and I are 
molecules of water or hydroxide ions. Often the coordinated 
molecule of water or the hydroxide forms a hydrogen bond to 
the carboxy group of an aspartate (D) or a glutamate (I). In 
Panel C, a portion of the alkyl hydroperoxide that is the 
product of the lipoxygenase reaction, which was coordinated 
to the iron ion in the enzyme in the crystal submitted to diffrac- 
 
 
 
 There are three related enzymes: all-trans-8¢-apo-
b-carotenal 15,15¢-oxygenase (Figure 2-57A), carote-
noid oxygenase 1 from Neurospora crassa (27% 
identity; 3.1 gap percent), and b-carotene 15,15¢-dioxy-
genase from G. gallus (26% identity; 3.7 gap per-
cent).1749 The first oxidatively cleaves all-trans-
8¢-apo-b-carotenal at the central carbon–carbon 
double bond to all-trans-retinal (2-85) and 
(2E,4E,6E)-2,6-dimethylocta-2,4,6-trienedial, the 
second oxidatively cleaves stilbenoids at the central 
carbon–carbon double bond to two substituted 
benzaldehydes, and the third oxidatively cleaves 
b,b-carotene (2-78) at the central carbon–carbon 
double bond to two molecules of retinal (2-85). In 
each case, a carbon–carbon double bond is cleaved 
and the two carbons end up as the carbonyls of the 
two aldehydes that are the products. No electrons 
other than those in the respective reactants and 
those in the molecular oxygen are required. The 
two atoms in molecular oxygen end up as the two 
atoms of oxygen in the carbonyl groups of the two 
aldehydes, so these enzymes are dioxygenases.1748 
 The first steps in the respective oxidative 
cleavages are the association of the respective reactant 
with the active site followed by the association of 
molecular oxygen with Fe2+.1749 In a crystallographic 
molecular model of the active site of carotenoid oxy-
genase 1 occupied by a reactant for the enzyme, the 
position on the iron ion occupied by the molecule 
of water homologous to the one in the active site 
of all-trans-8¢-apo-b-carotenal 15,15¢-oxygenase 
(Figure 2-57A) is pointed at the reactant and only 
 
 

tion, is drawn; and in Panel G, a complete molecule of 
myo-inositol, which was coordinated to the one of the iron 
ions in the inositol oxygenase in the crystal, is drawn. In Panels 
E, F, and H, the complex between the respective enzyme and 
molecular oxygen was present in the crystal and the molecule 
of oxygen is drawn. In naphthalene 1,2-dioxygenase (E), the 
molecule of oxygen forms two bonds to the iron ion; in 
hemerythrin (F), one oxygen forms a bond to an iron ion and 
the other forms a hydrogen bond with a m-oxo group; and in 
rubredoxin:oxygen oxidoreductase (H), one oxygen forms a 
bond to an iron ion and the other forms a hydrogen bond with 
the carboxy group of a glutamate. In prosthetic clusters of 
more than one iron ion, there are often m-oxo groups between 
two of the irons. In the drawings (F, G, H, and I), they are the 
white spheres that connect two iron ions. Often a m-oxo group 
will form a hydrogen bond to the side chain of an amino acid 
(G, H, and I) or an oxygen in a molecule of oxygen (F). A single 
iron ion can be coordinated by the two oxygens of the same 
carboxylate (E). In prosthetic clusters of more than one iron 
ion, two of the iron ions are often coordinated by the same 
carboxylate of an aspartate (F, G, and H) or a glutamate (F, H) 
with each of its oxygens coordinating a different iron ion.  
 
 
 
0.31 nm from the double bond that will be oxida-
tively cleaved, an orientation and proximity stating 
that the position on the prosthetic Fe2+ at which the 
molecular oxygen binds is the position occupied by 
the molecule of water. The vacant position is pointed 
away from the reactant. It is unclear how the oxidative 
cleavage proceeds, but the fact that the products are 
aldehydes and the fact that oxygen in the carbonyl 
group of each aldehyde was one of the oxygens in 
molecular oxygen suggests that a dioxetane (see 
2-101) is an intermediate in the reaction.1748 
 In cysteine dioxygenase from R. norvegicus, the 
Fe2+ in the resting active site is coordinated by three 
imidazolyl groups from only three histidines.1750-1752 
¬-Cysteine, as a reactant, associates with the active 
site by coordinating the Fe2+ with its sulfido group 
and its a-amino group,1753 which provides the 
fourth nitrogen in the coordination of the Fe2+, so 
that the complex then resembles the coordination 
in all-trans-8¢-apo-b-carotenal 15,15¢-oxygenase 
(Figure 2-57A). Molecular oxygen binds to the re-
maining open site on the octahedral Fe2+, which is 
only partially occupied by loosely bound water,1754 
and the sulfido sulfur then forms a covalent bond 
with the proximal oxygen atom, which is adjacent 
to it in the complex, to form the adduct 

   
                (2-273) 
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through a colligation between a thiyl radical and a 
superoxyiron(III).1755 This adduct has been ob-
served crystallographically.1756,1757 The colligation 
does not result in any change in the oxidation state 
of the Fe2+, which in this instance is approximating 
the sulfido group and the proximal oxygen, but the 
ability of Fe2+ to form superoxyiron(III), the ability 
of the Fe3+ in superoxyiron(III) to promote a radical 
on sulfur, and the ability of the iron to catalyze inter-
system crossing are all exploited.  Whether or not this 
adduct is an intermediate in the normal enzymatic 
reaction, however, is controversial, but it does result 
in the formation of a covalent bond between the 
sulfur and the oxygen, which would be one of the 
two covalent bonds between sulfur and oxygen in 
¬-3-sulfinoalanine, which is the final product of the 
enzymatic reaction. 
 Unlike the preceding examples, most prosthetic 
nonheme iron ions are coordinated both by the 
nitrogens of the imidazolyl groups of histidines 
and by the oxygens in the 4-oxido groups of tyro-
sines, in the carboxylates of aspartates or gluta-
mates, or in the acyl oxygens of the carbamoyl 
groups of asparagines or glutamines. For example, 
in protocatechuate 3,4-dioxygenase from P. pu-
tida,1758,1759 two of the four imidazolyl groups found 
in all-trans-8¢-apo-b-carotenal 15,15¢-oxygenase 
(Figure 2-57A) have been replaced by two tyrosinates 
and the coordination is roughly bipyramidal, with 
one of the tyrosines and one of the histidines at the 
axial positions of the bipyramid (Figure 2-57B).1758,1760 
In this active site, the basic oxyanions of the 
4-oxido groups of two tyrosines stabilize the Fe3+ 
oxidation state. In human persulfide dioxygenase, 
which, although unrelated, has a mechanism anal-
ogous to that of cysteine dioxygenase (Equation 
2-273),1761 the prosthetic Fe3+ is coordinated by two 
imidazolyl groups and the carboxylato group of an 
aspartate1762 rather than three imidazolyl groups. 
 In linoleate 13S-lipoxygenase from Glycine 
max, the two oxygens in the coordination sphere of 
the iron ion are provided by the carboxylate of the 
carboxy terminus of the protein and the carbamoyl 
group of an asparagine (Figure 2-57C),1763 but 
there are three imidazolyl groups instead of two, 
which together produce an octahedrally coordinated 
iron ion with only one open site.1764,1765 Neverthe-
less, the two oxygens stabilize the ferric state. The 
12Z double bond in the linoleate [(9Z,12Z)-9,12-octa-
decadienoate)] that is a reactant for linoleate 13S-
lipoxygenase associates with the open site on the 
Fe3+. Transfer of an electron from that double 
bond, probably concerted with the dissociation of a 

hydron from the methylene carbon between what 
were the 12Z double bond and the 9Z double bond 
on the linoleate, produces a stable, neutral penta-
dienyl radical delocalized over carbons 9 through 13. 
The pentadienyl radical has been defined by electron 
paramagnetic resonance spectroscopy.1766 Transfer 
of the electron to the Fe3+ reduces it to Fe2+.1767,1768 
The unpaired electron density at carbon 13 in the 
highest occupied molecular orbital of the pentadienyl 
radical then adds to the distal oxygen of a molecule 
of oxygen that has associated as usual at the now 
open octahedral site on the now Fe2+. This radical 
addition to the molecular oxygen forms an acyclic 
lipid peroxy radical, (9Z,11E,13S)-13-peroxyoctadeca-
9,11-dienoate. The ability of molecular oxygen to 
add rapidly to an alkyl radical and form the more 
stable alkylperoxy radical is a well-known reaction. 
A common example of such a radical addition is 
the use of molecular oxygen to terminate radical 
polymerizations. The electron needed to turn the 
resulting peroxy radical into the peroxy ion is pro-
vided by the Fe2+, so at the end of the reaction, the 
anionic conjugate base of (9Z,11E,13S)-13-hydro-
peroxyoctadeca-9,11-dienoate ends up as a ligand 
to the octahedrally coordinated Fe3+ (Figure 2-57C) 
The conjugate base of the alkylperoxide is then 
hydronated on its peroxy oxygen by the carboxy-
terminal carboxy group1763,1769 to form the product 
of the enzymatic reaction, (9Z,11E,13S)-13-hydro-
peroxyoctadeca-9,11-dienoate. 
 Protocatechuate 3,4-dioxygenase is a member 
of the family of intradiol dioxygenases. A member 
of this family dioxygenates a vicinal dihydroxyphenyl 
group and turns it into a (2Z,4Z)-hexa-2,4-diene-
dioate. For example, protocatechuate 3,4-dioxygenase 
turns protocatechuate (3,4-dihydroxybenzoate) into 
(2Z,4Z)-3-carboxyhexa-2,4-dienedioate 

        
                (2-274) 

In the active site of protocatechuate 3,4-dioxygenase, 
one of the hydroxyls of the dihydroxyphenyl group 
in the reactant displaces the 4-hydroxyphenyl group 
of the axial tyrosine (Figure 2-57B) from the Fe3+, 
and the adjacent hydroxy group of the catechol 
displaces the equatorial molecule of water, so the diol 
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becomes a bidentate ligand1770 to the Fe3+. When the 
axial tyrosine in protocatechuate 3,4-dioxygenase 
from P. putida is replaced by a histidine, the anionic 
imidazolio group of which is a much stronger ligand 
to Fe3+, the rate of association of protocatechuate 
with the Fe3+ is decreased by at least 600-fold.1771 
 Following the association of the diol, the Fe3+ 
withdraws electron density from the phenyl ring 
and creates a partial radical at carbon 3 of the proto-
catechuate.1772 The resulting partial radical of Fe2+ 
associates with a molecule of oxygen to approximate 
it to the radical. The radical of protocatechuate at 
carbon 3 then reacts as an alkyl radical with the 
bound molecular oxygen.1773 In the case of proto-
catechuate 3,4-dioxygenase, the partial radical at 
carbon 3 of protocatechuate enters one of the half-
occupied, antibonding p molecular orbitals of the 
molecule of oxygen, and this molecular orbital and 
an atomic orbital of carbon 3 form a bond between 
the carbon and the distal oxygen atom. An electron 
from the now Fe2+ enters the other half-occupied, 
antibonding p molecular orbital of the molecular 
oxygen, and the two electrons in this latter orbital 
become a pair of s electrons sitting between the 
distal oxygen atom and the now Fe3+,1774,1775 coor-
dinating the Fe3+ and forming a metallacyclic per-
oxide (2-126) 

             (2-275) 

The cyclic peroxide rearranges to the anhydride 
(2-127) of the product1775-1777 in a ring expansion 
analogous to a Baeyer–Villiger reaction (Figure 
2-47). There are crystallographic molecular models 
of metallacyclic peroxide 2-126 and ring-expanded 
anhydride 2-127 formed from 4-fluoro-2-hydroxy-
phenol in the active site of protocatechuate 3,4-dioxy-
genase from P. putida.1778 The anhydride is hydro-
lyzed by the adjacent hydroxide on the Fe3+, which 

was originally derived from molecular oxygen,1759,1770 
and both atoms from the molecular oxygen are incor-
porated into the product (Equation 2-274). 
 The most prevalent coordination of a mono-
nuclear, prosthetic, nonheme iron ion is one in 
which the nitrogens of two imidazolyl groups and 
one or both1779 of the oxygens from one carboxy 
group, either an aspartate or a glutamate, provide 
three or four of the octahedral ligands to the iron ion 
and, in the resting unoccupied enzyme, the oxygens 
of three or two waters, respectively, provide the 
remaining octahedral ligands (Figure 2-57D).1780 
When only one of the oxygens of the carboxylate is 
a ligand, the other can form a hydrogen bond to 
one of the waters on the iron ion and is available as 
a catalytic acid–base. Any one of the molecules of 
water can be replaced by an oxygen, nitrogen, or 
sulfur in one of the substrates or, when the iron ion 
is Fe2+, by molecular oxygen. This coordination is 
capable of several different types of oxygenation. 
 The extradiol dioxygenases are a family of 
enzymes that, by and large, use this coordination of 
an iron ion by two imidazolyl groups and the car-
boxy group of a glutamate. The reactants for these 
dioxygenases are dihydroxyphenyl or aminohydroxy-
phenyl groups. The two hydroxy groups or the hydroxy 
group and the amino group on the phenyl group 
can be either ortho to each other or para to each 
other. A member of this family converts a dihydroxy-
phenyl group or an aminohydroxyphenyl group into 
the respective 6-oxohexa-2,4-dienoate by oxida-
tively cleaving the carbon–carbon bond adjacent to 
one of the hydroxy groups but not the carbon–
carbon bond between two vicinal ortho hydroxy 
groups. For example, 3-carboxyethylcatechol 
2,3-dioxygenase 

      
                (2-276) 

converts 3-(2,3-dihydroxyphenyl)propanoate to 
(2E,4Z)-2-hydroxy-6-oxonona-2,4-diene-1,9-dioate. 
3,4-Dihydroxyphenylacetate 2,3-dioxygenase 
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                (2-277) 

from Brevibacterium fuscum1781 converts 3,4-dihy-
droxyphenylacetate to (2E,4Z)-2-hydroxy-5-carboxy-
methyl-6-oxohexa-2,4-dienoate, and biphenyl-2,3-diol 
1,2-dioxygenase from Pseudomonas1782 converts 
biphenyl-2,3-diol to (2E,4Z)-2-hydroxy-6-oxo-
6-phenylhexa-2,4-dienoate. 
 Unlike the intradiol dioxygenases, in the rest-
ing state, the iron in the active site of an extradiol 
dioxygenase is an Fe2+, in part because there is only 
one weakly basic anionic oxygen coordinating the 
iron ion. The Fe2+ in the active site of gentisate 
1,2-dioxygenase from Pseudaminobacter salicylato-
xidans, however, which is a member of a separate 
family of extradiol dioxygenases, is coordinated by 
three histidines and no carboxylate.1783 When the 
Fe2+ in 3,4-dihydroxyphenylacetate 2,3-dioxygenase 
(Equation 2-277) from B. fuscum is changed to a 
Mn2+, there is almost no change in the rate of the 
enzymatic reaction.1784 Consequently, because the 
biochemical standard reduction potentials of Mn2+ 
and Fe2+ differ by 700 mV, the oxidation state of the 
metallic ion probably is not required to change 
during the enzymatic reaction and its role is to 
assemble the reactants. 
 The mechanism of the extradiol dioxygenases 
begins when the hydroxy group of the substrate 
that is adjacent to the site of cleavage associates 
with the Fe2+ in the active site. In a crystallographic 
molecular model of the complex between the Fe2+ 
and the reactant 3,4-dihydroxy-¬-phenylalanine in the 
active site of 3,4-dihydroxyphenylalanine 2,3-dioxy-
genase (see Equation 2-277) from Streptomyces 
sclerotialus, both the 3-hydroxy group, adjacent to 
the site of cleavage, and the 4-hydroxy group become 
ligands to the Fe2+, and the 2-imidazolyl groups and 
the carboxy oxygen fill three of the other octahedral 
positions around the Fe2+, an arrangement that 
leaves an open site.1785 A molecule of oxygen then 
binds to the open site—or when the reactant does 
not have vicinal diols, to one of the two open sites—
on the Fe2+ to form an oxyiron(II). The oxyiron(II) 
withdraws an electron from the phenyl ring to form 
a radical on the carbon adjacent to the hydroxy group 
next to the site of cleavage, just as in the intradiol 
dioxygenases (see Equation 2-275).  

 The conclusion that this radical exists is based 
on results from radical probes. The 3-carboxyethyl-
catechol 2,3-dioxygenases (Equation 2-276) from 
both E. coli and C. necator catalyze the isomerization 
of the radical probe cis-2-(2,3-dihydroxyphenyl)-
cyclopropane-1-carboxylate to trans-2-(2,3-dihydroxy-
phenyl)cyclopropane-1-carboxylate, an isomerization 
that requires that the 2,3-dihydroxyphenyl group in 
these radical probes be converted in the active site 
to the 2,3-dihydroxyphenyl radical.1786 Two different 
complexes between 2-hydroxy-4-nitrophenol and 
the oxyiron(II) in the active site of 3,4-dihydroxy-
phenylacetate 2,3-dioxygenase from B. fuscum (Equa-
tion 2-277) have been examined spectroscopically.1787 
The various spectra of the first complex identify it as 
2-hydroxy-4-nitrophenol associated through its 
2-hydroxy group to oxyiron(II), and those of the 
second complex are consistent with it being 
2-hydroxy-4-nitrophenol radical bound to super-
oxyiron(II). In the second complex, an electron from 
the 2-hydroxy-4-nitrophenol has been withdrawn 
onto the molecular oxygen to form the superoxide 
radical anion. 
 Because the oxidation state of the Fe2+ probably 
does not change during formation of the initial radical, 
it must be the molecule of oxygen on the Fe2+ that 
forms this initial radical. Either the complex between 
homogentisate and oxyiron(II) or homogentisate 
radical and superoxyiron(II), which are indistin-
guishable, has been observed crystallographically 
in the active site of homogentisate 1,2-dioxygenase 
from P. putida,1788 and either the complex between 
3,4-dihydroxynitrobenzene and oxyiron(II) or 
3,4-dihydroxynitrobenzene radical and superoxy-
iron(II), which are indistinguishable, has been ob-
served crystallographically in the active site of 
3,4-dihydroxyphenylacetate 2,3-dioxygenase from 
B. fuscum.1789 In these complexes, either the mole-
cule of oxygen or the superoxide radical anion is 
bound sideways to the iron ion (see Figure 2-57E),1790 
and the homogentisate (2,5-dihydroxyphenylacetate), 
or its radical, is coordinated to the iron ion by the 
2-hydroxy group 
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or the 3,4-dihydroxynitrobenzene, or its radical, is 
coordinated to the iron ion by both the 3-hydroxy 
group and the 4-hydroxy group. In the crystallo-
graphic molecular model of the occupied active site 
of homogentisate 1,2-dioxygenase (2-128), the closest 
oxygen atom in the molecular oxygen is 0.26 nm 
from carbon 2; and in the crystallographic molecular 
model of the occupied active site of 3,4-dihydroxy-
phenylacetate 2,3-dioxygenase, the closest oxygen 
atom in the molecular oxygen is 0.24 nm from 
carbon 3. In both of these cases, the distances are 
well within the sum of the van der Waals radii. This 
disposition suggests that the radical at the respective 
carbon in each of these two active sites is the result 
of an inner-sphere electron transfer from the highest 
occupied p molecular orbital for the aromatic 
p molecular orbital system of the respective phenyl 
group to one of the half-occupied p* molecular orbitals 
on the oxygen molecule. A model compound that 
mimics this complex between a hydroxyphenyl rad-
ical and an Fe2+ has been synthesized.1791 
 The next step in the reaction of an extradiol di-
oxygenase, for example, 3,4-dihydroxyphenylacetate 
2,3-dioxygenase 

  
                (2-278) 

is the addition of the radical at the carbon on which 
the coordinated hydroxy group is located to the 
closest oxygen of the superoxide radical anion in a 
colligation to form metallacyclic peroxide 2-129, 
analogous to the one in protocatechuate 3,4-dioxy-
genase (2-126) but on an Fe2+ rather than a Fe3+. 

This intermediate metallacyclic peroxide has been 
observed crystallographically in the active sites of 
3,4-dihydroxyphenylacetate 2,3-dioxygenase from 
B. fuscum1789 and homogentisate 1,2-dioxygenase 
from P. putida1788 and has been identified spectro-
scopically in the active site of 3,4-dihydroxyphenyl-
acetate 2,3-dioxygenase from B. fuscum.1787 
 Given that the distance between the carbon 
and the oxygen is only 0.24-0.26 nm, it seems odd 
that formation of the bond producing the peroxide 
is not coincident with formation of the radical, and 
that the radical and the superoxide radical anion 
are identifiable intermediates. Because molecular 
oxygen is a triplet molecule and the peroxide is a 
singlet molecule, however, the existence of these 
intermediates may result from the fact that inter-
system crossing must occur before the peroxide 
can form and that separation of the two electrons 
into the two reactants and coordination to the Fe2+ 
hastens but does not eliminate this usually slow 
process. It may also be slow because the spin density 
on the carbon is meager. 
 The cyclic peroxide then rearranges to form 
the lactone of the product (Equation 2-278), which 
in the case of 3,4-dihydroxyphenylacetate 2,3-dioxy-
genase would be 2-130. This ring expansion is 
again an analogue of a Baeyer–Villiger rearrange-
ment (Figure 2-47B) with the leaving group being a 
hydroxyiron(II) instead of a carboxylate. The 4-oxido-
phenyl group of a tyrosine in the active site of 
3,4-dihydroxyphenylacetate 2,3-dioxygenase from 
B. fuscum (0.25 nm) removes a hydron from the 
hydroxy group that becomes one of the acyl ox-
ygens during this rearrangement.1789 
 In the crystallographic molecular model of the 
complex between the active site of 3,4-dihydroxy-
phenylacetate 2,3-dioxygenase from B. fuscum and 
2-hydroxy-4-nitrophenol, which is a slow substrate 
for the enzyme, the respective metallacyclic peroxide 
(see 2-129) that precedes the ring expansion is 
observed.1789 In this intermediate, the imidazolyl 
group of a histidine forms a hydrogen bond (0.30 nm) 
to the oxygen of the peroxy group that is on the iron 
ion. 2,2-Hydroxy-4-sulfonatocyclohexa-2,4-dienone 
is isosteric and isoatomic but not isoelectronic with 
the product of only a heterolysis of the oxygen–
oxygen bond in the respective metallacyclic perox-
ide (see 2-129) but not a rearrangement. In a com-
plex of the same enzyme with this analogue, the 
imidazolyl group of the same histidine forms a 
hydrogen bond (0.28 nm) to a hydroxide on the 
Fe2+.1792 It can be concluded that this imidazolyl 
group hydronates the proximal oxygen of the peroxy 
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group in 2-129 during the actual rearrangement 
(Equation 2-278) so that the leaving group in the 
heterolysis of the oxygen–oxygen bond that occurs 
during the rearrangement is ferrous hydroxide. 
 2-Hydroxy-2-hydroxymethylcyclohexa-3,5-dien-
1-one is an analogue of peroxy intermediate 2-127 
that is missing the carboxymethyl group and the 
other hydroxy group and in which the oxygen atom of 
the peroxy group on carbon 2 has been replaced with a 
methylene carbon. When 2-hydroxy-2-hydroxymethyl-
cyclohexa-3,5-dien-1-one is mixed with 3-carboxy-
ethylcatechol 2,3-dioxygenase from E. coli, 2-hydroxy-
1-oxocyclohepta-2,4,6-triene is produced by the 
enzyme1793 

    (2-279) 

The cycloheptatriene ring in this rearranged inter-
mediate is a carbon analogue of the lactone of the 
product (2-130) in which the oxa group in the ring 
of the latter is a methylene carbon in the former. 
This ring expansion is analogous to a pinacol rear-
rangement with neighboring group participation. 
This rearrangement catalyzed by this extradiol 
dioxygenase is the homologue of the usual ring 
expansion that occurs in the active site of an extra-
diol dioxygenase (Equation 2-278).  
 In the crystallographic molecular model of the 
active site of 3,4-dihydroxyphenylacetate 2,3-dioxy-
genase from B. fuscum occupied by the respective 
metallacyclic peroxy intermediate (2- 129) of 
2-hydroxy-4-nitrophenol, the hydroxy oxygen of a 
tyrosine side chain distorts the ring of the interme-
diate 2-hydroxy-4-nitro-1-oxo-2-peroxycyclohexa-
3,5-diene by pushing the bond between carbon 2 
and carbon 3 of the phenyl ring toward the oxygen 
of the peroxy group.1794 Such a distortion in the 
normal enzymatic reaction would encourage the 
migration of the bond between carbon 2 and carbon 3 
of the phenyl ring to that oxygen (Equation 2-278). 

 Following the migration of the s bond during 
ring expansion, the resulting lactone is hydrolyzed 
by the hydroxide on the Fe2+ that was the leaving 
group in dissociation of the peroxyiron(II). The 
imidazolyl group of the histidine dehydronates the 
oxygen of the hydroxy group on the Fe2+, itself a 
Lewis acid, during the nucleophilic addition to 
increase its nucleophilicity. The hydrolyzed lactone 
has been observed in crystallographic molecular 
models of the active site of homogentisate 1,2-dioxy-
genase from P. putida1788 and the active site of 
3,4-dihydroxyphenylacetate 2,3-di-oxygenase from 
B. fuscum.1789 
 So far the prosthetic nonheme iron ions that 
have been discussed have either remained in the 
same oxidation state throughout the respective re-
actions or changed back and forth from Fe2+ to 
Fe3+, but no high-valent intermediates have been 
evoked or have been needed. There are a collection 
of enzymes in the active sites of which there are 
prosthetic, nonheme iron ions that do pass through 
high-valent intermediates. 
 
 The same coordination of an iron ion by two 
imidazolyl groups and a carboxylate oxygen (Fig-
ure 2-57D) is used by oxidases and oxygenases that 
require two electrons from the electron-transferring 
coenzymes, ¬-ascorbate or (6R)-5,6,7,8-tetrahydro-
biopterin (Equation 2-270), or 2-oxoglutarate, a 
cosubstrate, to accomplish the oxidation or oxygena-
tion of their respective nominal substrates through 
high-valent intermediates.1780,1795-1800 An example 
of an oxidase that uses ¬-ascorbate (Equation 2-163) 
as a reductant is aminocyclopropanecarboxylate 
oxidase1801 

 
                (2-280) 

The two ¬-monodehydroascorbates then dispro-
portionate to an ¬-dehydroascorbate (Equation 2-163) 
and an ¬-ascorbate. An example of a monooxygen-
ase that uses BH4 as a reductant is phenylalanine 
4-monooxygenase 
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                (2-281) 

In this latter reaction (Equation 2-281), the 4a-hy-
droxyhemiaminal of 6,7-dihydrobiopterin,1802 which, 
as shown, is the actual product of the enzymatic 
reaction,1803,1804 is dehydrated to 6,7-dihydrobiopterin 
by 4a-hydroxytetrahydrobiopterin dehydratase,1805 
and the resulting 6,7-dihydrobiopterin is enzymati-
cally reduced back to BH4 by 6,7-dihydropteridine 
reductase. An example of an oxygenase that uses 
2-oxoglutarate as a reductant is procollagen-proline 
4-dioxygenase 

      
                (2-282) 

The product of this reaction is succinate, which is a 
common metabolite in the citric acid cycle, as is 
2-oxoglutarate. Bovine procollagen-proline 4-dioxy-
genase incorporates one oxygen-18 from 18O2 into 
the hydroxy group on the proline in the procollagen 
and the other oxygen-18 from 18O2 into the carbox-
ylate of the succinate.1806 
 The conversion of two ¬-ascorbates to two 
¬-monodehydroascorbates, the conversion of tetra-
hydrobiopterin to 4a-hydroxytetrahydrobiopterin, 
and the conversion of 2-oxoglutarate to carbon 
dioxide and succinate in each case provides the 

two electrons needed to convert an oxyiron(II) to 
an oxoiron(IV) 

   
                (2-283) 

within the respective active sites,1796,1807-1812 and 
this prosthetic high-valent iron oxide participates 
in the observed oxygenations.1813 Nuclear resonance 
vibrational spectra of the oxoiron(IV) in such an active 
site are consistent with pentacoordination with the 
two imidazolyl groups and the carboxylato group 
as three of the ligands, the oxo group as the fourth 
ligand, and an oxygen atom from a molecule of water 
or a reactant as the fifth ligand.1814 
 ¬-Ascorbate provides two electrons to the active 
site, one at a time as required, in outer-sphere 
transfers. The first electron converts the nonheme 
oxyiron(II) to peroxyiron(III) (see Equation 2-250). 
A hydron and the second electron, in place of an 
electron from a surrounding porphyrin (Equation 
2-241), are needed to convert the peroxyiron(III) to 
an oxoiron(IV). 
 In contrast to ¬-ascorbate, BH4 and 2-oxoglu-
tarate engage in covalent intermediates while pro-
viding the two electrons needed for the respective 
oxygenations. 
 Tetrahydrobiopterin converts oxyiron(II) to the 
hemiaminal of a peroxyiron(II)1815 
 

                (2-284) 
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Although formation of this 4a-[peroxyiron(II)]-dihy-
drobiopterin is formally a nucleophilic addition of a 
pair of electrons in the electron-rich BH4 to the 
molecular oxygen, the actual reaction probably 
involves two steps. The first is the transfer of an 
electron from BH4 to the molecular oxygen of the 
oxyiron(II) to form superoxyiron(II). The second is 
the colligation of the two radicals, as in the active 
site of 3,4-dihydroxyphenylacetate 2,3-dioxygenase 
(Equation 2-278). These two steps permit rapid inter-
system crossing. In this instance, the two radicals 
that colligate are the semiquinone of tetrahydro-
biopterin, BH3

· , and superoxyiron(II).1816 
 2-Oxoglutarate converts oxyiron(II) that is 
formed between molecular oxygen and the Fe2+ of 
the active enzyme,1817 and which is equivalent (Figure 
2-50) to superoxyiron(III), to a succinylperoxy-
iron(II)1780,1818-1822 

  
                (2-285) 

which is the complex between monoperoxysuccinic 
acid and Fe2+. This complex has been observed in 
a crystallographic molecular model of ¬-arginine 
hydroxylase from Streptomyces vinaceus.1821 
 From both the hemiaminal of a peroxyiron(II) 
(Equation 2-284) and the acylperoxyiron(II) (Equa-
tion 2-285), upon the usual heterolytic cleavage, an 
oxoiron(IV) is formed 

              (2-286) 

with the respective oxygens, those of 4a-hydroxy-
dihydrobiopterin and succinate, respectively, as 
leaving groups. This oxoiron(IV) intermediate has 

been detected spectroscopically in several of these 
enzymes.1823-1827 In the case of the oxoiron(IV) formed 
by 2-oxoglutarate, the succinate that is one of the 
products remains a ligand to the iron ion until the 
oxygenation catalyzed by the enzyme has been 
completed, when both the oxidized product and 
the succinate dissociate.1821 
 The only purpose of formal nucleophilic addi-
tion to BH4 (Equation 2-284) or decarboxylation of 
2-oxoglutarate (Equation 2-285) is to provide the 
two electrons necessary during the conversion of 
oxyiron(II) to oxoiron(IV). Phenylalanine 4-mono-
oxygenase from R. norvegicus, stripped of BH4, is 
able to hydroxylate ¬-phenylalanine if hydrogen 
peroxide is used to produce oxoiron(IV) from the 
iron(II) in its active site, bypassing the normal route 
in the cytoplasm that relies on BH4.1828 
 There is a model compound for a nonheme 
oxoiron(IV) in which the iron ion is coordinated by 
three guanidino nitrogens and an amino nitrogen and 
the iron–oxygen bond is of the appropriate length 
(0.165 nm). The arrangement of the five ligands in 
this model compound is a trigonal bipyramid.1829 
In a similar model compound, the four ligands to 
the iron are three pyrimidinyl nitrogens and an 
amino nitrogen and the iron is in the ferric state. 
The Fe3+ in this model compound is able to associ-
ate with hydrogen peroxide, and the ferric hydro-
peroxide dissociates to form oxoiron(V) rather than 
oxoiron(IV).1830 This observation demonstrates that 
with the proper ligands a nonheme oxoiron(V) can 
be a stable product, but it may not be attainable in 
the active site of an enzyme. 
 The two nonheme oxoirons in these synthetic 
models for high-valent, nonheme iron ions in en-
zymes illustrate an important distinction between 
an iron ion in a heme and an iron ion that is not in 
a heme. When a hydroperoxyiron(III) porphyrin in 
a heme is provided with a hydron by an acid, the 
oxygen–oxygen bond dissociates heterolytically to 
form initially an oxoiron(V) porphyrin, which 
immediately or coincidently removes an electron 
from the highest occupied p molecular orbital of the 
porphyrin and becomes an oxoiron(IV) porphyrin· +. 
This latter option is not available to a nonheme iron 
ion. A nonheme hydroperoxyiron(III) can dissociate 
in solution under acid catalysis to produce a non-
heme oxoiron(V), but because an oxoiron(V) is so 
unstable in most instances, it is difficult to form, 
and an oxoiron(V) has not yet been observed in the 
active site of an enzyme. If an electron is provided 
along with the hydron, as occurs in a heme, a hydro-
peroxyiron(III) dissociates to form an oxoiron(IV). A 
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nonheme oxyiron(II), however, which is formed by 
the association of molecular oxygen with a non-
heme Fe2+, upon two-electron reduction and the 
addition of a hydron becomes the equivalent of a 
hydroperoxyiron(II) which dissociates heterolytically 
to form an oxoiron(IV). In this case, the electron 
required is provided before the dissociation of the 
peroxide rather than during its dissociation. 
 Depending on the specificity of the particular 
oxidase, monooxygenase, or dioxygenase, the oxo-
iron(IV) formed on the prosthetic nonheme iron 
ion (Equation 2-286) in an active site that obtains 
the necessary two electrons from ascorbate, BH4, or 
2-oxoglutarate can perform one of several different 
types of oxidation. The oxoiron(IV) can hydroxylate 
an aliphatic carbon;1799,1819,1831,1832 hydroxylate the 
carbon adjacent to either a sulfonato group1831,1833 
or a carbamoyl nitrogen1834 to produce ultimately a 
carbonyl group from that carbon upon hydrolysis of 
the resulting 1-hydroxy-1-sulfonate or the resulting 
hemiaminal, respectively, hydroxylate a methyl 
group to a hydroxymethyl group, hydroxylate the 
resulting hydroxymethyl group to the formyl group, 
and hydroxylate the resulting formyl group to the 
carboxy group in three separate steps.1835 
 The first step in the hydroxylation of an aliphatic 
carbon–hydrogen bond by oxoiron(IV) is the abstrac-
tion of hydrogen from the carbon. In the hydrox-
ylation of ¬-arginine by 2-oxoglutarate dioxygenase 
(ethene-forming) from P. savastanoi, when the 
hydrogen on the ¬-arginine that is replaced by the 
hydroxy group is substituted with a deuterium, the 
rate at which the oxoiron(IV) formed in the active site 
decays during the enzymatic reaction decreases1836 
by a factor of greater than 16. In the hydroxylation 
of the normal substrate 2-amino-ethanesulfonate 
by taurine dioxygenase from E. coli, a hydroxyiron(III) 
is the intermediate that is formed directly from 
oxoiron(IV), the result expected (Figure 2-50) for 
abstraction of a hydrogen atom as the first step in 
the actual hydroxylation.1837 In a crystallographic 
molecular model of the active site of the enzyme in 
which the oxoiron(IV) has been replaced by an inert 
oxovanadium(IV) and 2-aminoethanesulfonate is 
bound, the nearest hydrogen on carbon 1 of the 
2-aminoethanesulfonate is only 0.20 nm from the 
oxo group on the vanadium ion, well within van 
der Waals contact (0.26 nm), and its carbon–hydrogen 
bond is pointed at the oxo group.1838 In the reaction 
catalyzed by deacetoxycephalosporin-C synthase from 
S. clavuligerus, the role of the oxoiron(IV) formed in 
its active site is only that of abstracting a hydrogen 

from a methyl group to initiate a ring expansion.1839 
In verruculogen synthase from A. fumigatus, the 
radical produced on the substrate by abstraction of 
a hydrogen atom by oxoiron(IV), instead of becom-
ing an alcohol, reacts with a second molecule of 
molecular oxygen to form the peroxy radical (see 
Equation 2-275).1840 
 If the first step in hydroxylation of an aliphatic 
carbon is the abstraction of a hydrogen by oxoiron(IV), 
then the result at the iron ion would be hydroxy-
iron(III), and the next step should be the combination 
of the carbon radical with the hydroxyiron(III) to 
produce the hydroxy group in the product coordi-
nated to iron(II).1837 In the aliphatic halogenase 
SyrB2 from Pseudomonas syringae, the oxoiron(IV) 
abstracts a hydrogen from a saturated carbon, and 
the resulting aliphatic radical reacts with a chloride, 
which is a ligand to the hydroxyiron(III), rather 
than its hydroxy group, to give a chloro group on the 
product rather than a hydroxy group.1841 There is 
a synthetic model compound containing a hydroxy-
iron(III) pentacoordinated by two pyrimidino nitro-
gens, a tertiary amino group, and a hydroxy group 
in addition to the hydroxy group of hydroxyiron(III). 
The hydroxy group on Fe3+ in this model compound 
adds to a carbon radical to give the alcohol as the 
product.1842 Consequently, just as hydroxyiron(IV) 
is equivalent to a hydroxyl radical on an Fe3+ (Figure 
2-50), hydroxyiron(III), although formally a simple 
ferric hydroxide, is also equivalent to a hydroxyl radical 
on an Fe2+, or a chloride as a ligand on a hydroxy-
iron(III) is equivalent to a chlorine radical on hydroxy-
iron(II). 
 There are epoxidases in this family of enzymes 
that use oxoiron(IV) to convert a carbon–carbon 
double bond into an epoxide1822 or produce the diol 
from a carbon–carbon double bond,1834 presumably 
by an intermediate epoxidation. For example, the 
epoxidase AsqJ, which is involved in a step in the 
biosynthesis of aspoquinolone mycotoxin by Emeri-
cella nidulans, monooxygenates the electron-rich 
carbon–carbon bond of an enamine adjacent to a 
4-methoxyphenyl group. In the active site of the 
2-oxoglutarate-dependent enzyme, the prosthetic 
oxoiron(IV) acts as an electrophile to which the 
nucleophilic a position of the enamine adds, and 
during the addition the iminium is formed 
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          (2-287) 

This intermediate has been observed in a crystallo-
graphic molecular model of the enzyme.1822 In the 
intermediate, the oxygen–carbon bond of the oxido 
group is normal to the plane of the enamine and 
parallel to its p molecular orbital system as expected, 
but the 4-methoxyphenyl ring is rotated so that in 
the reactant it would have been out of conjugation 
with the enamine. Following the nucleophilic addi-
tion, the oxyanion of the oxido group on the resulting 
Fe2+ then nucleophilically adds intramolecularly to 
the iminio carbon to form the epoxide that is the 
product of the reaction. The initial addition of the 
carbon–carbon double bond to the oxoiron(IV) is 
only marginally affected by the substitution of the 
4-methoxy group, a strong electron-donating group, 
with strong electron-withdrawing groups. This result 
is consistent with weak conjugation of the 4-methoxy-
phenyl ring with the enamine.  
 In the enzymes that use BH4 as a coenzyme and 
that hydroxylate an aryl carbon–hydrogen bond, 
such as in the hydroxylation of ¬-phenyl-alanine at 
carbon 4 (Equation 2-281), ¬-tyrosine at carbon 3, 
and ¬-tryptophan at carbon 5, oxoiron(IV) forms an 
intermediate that is chemically equivalent to penta-
dienyl carbenium ion 2-132 

  
                (2-288) 

A fact that is consistent with the existence of this 
carbenium ion is the observation of a 1,2-hydride 
migration (Equation 2-288) or a 1,2-methyl migration 
from the carbon that is hydroxylated to an adjacent 
carbon when deuterated or methylated substrates, 
respectively, are used.1352,1843-1847 In the crystallo-
graphic molecular model of the complex between 
¬-tryptophan and tryptophan 5-monooxygenase from 
G. gallus, carbon 5 of the ¬-tryptophan is 0.39 nm from  
 

the iron ion, but carbon 4 is only 0.43 nm from the 
iron ion.1779 These are appropriate distances if the 
oxygen of oxoiron(IV) is sitting between the iron 
and the double bond between carbon 4 and carbon 
5 during an epoxidation to produce, perhaps,1848 an 
intermediate arene epoxide,1849 which would then 
dissociate to pentadienyl carbenium ion 2-132. 
 In addition to hydroxylation and epoxidation, 
oxoiron(IV) in one of the enzymes in this family can 
also remove a hydride1850 or aggressively withdraw, 
in the inner sphere, two electrons from 1-amino-
cyclopropane-1-carboxylate also bound to iron(IV) 
to produce ethene, carbon dioxide, and hydrogen 
cyanide.1851 Each of these reactions regenerates 
iron(II) ready to begin again. 
 With many of the enzymes that activate molec-
ular oxygen by using a nonheme Fe2+, in particular 
the 2-oxoglutarate dioxygenases, a serious flaw arises 
in practice. When molecular oxygen is bound to an 
Fe2+, there is always a significant probability that 
the complex will dissociate to produce superoxide 
radical anion and Fe3+ (Equation 2-246). As super-
oxide radical anion is rapidly disproportionated in 
the cytoplasm by superoxide dismutase (Equa-
tion 2-226), it does not accumulate sufficiently to 
reduce the Fe3+ back to Fe2+, and the enzyme is 
inactivated by its own reaction. In most oxygenases, 
especially those using nonheme iron, the usual mech-
anism for reducing the iron back to the ferrous form 
and reactivating the enzyme is to use ¬-ascorbate 
(Equation 2-163) as a one-electron reductant. When 
one of these leaky oxygenases, such as procollagen-
proline 4-dioxygenase (Equation 2-282), is operating, 
¬-ascorbate must be present continuously. Even at 
its maximum rate, a molecule of procollagen-proline 
4-dioxygenase can oxygenate only about 50-200 
molecules of substrate in the absence of ¬-ascorbate 
before the iron becomes adventitiously oxidized. 
Procollagen-proline 4-dioxygenase can be rereduced 
only at the expense of one electron from ¬-ascorbate 
(Equation 2-163).1852,1853 A failure to hydroxylate 
collagen causes scurvy, a result of ascorbic acid defi-
ciency. In other oxygenases, however, reductants 
other than ¬-ascorbate, and even superoxide radical 
anion itself, can substitute in this role.1854 
 There are a number of enzymes in the nonheme, 
iron-dependent dioxygenase family that have Fe2+ 
ions in their active sites also coordinated by two 
imidazolyl groups from two histidines and one or 
two of the oxygens of a carboxylate from aspartate 
or glutamate (Figure 2-57D) but that obtain electrons 
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for their oxygenations from sources other than ¬-ascor-
bate, 2-oxoglutarate, or BH4. In 4-hydroxymandelate 
synthase 

           
                (2-289) 

from Amycolatopsis orientalis, the substrate 4-hydroxy-
phenylpyruvate has within itself a 2-oxo carboxylic 
acid that forms oxoiron(IV) just as 2-oxoglutarate 
does by decarboxylation. The oxoiron(IV) then hydrox-
ylates the methylene carbon of the intermediate 
2-(4-hydroxyphenyl)acetate.1855 
 In (S)-2-hydroxypropylphosphonic acid epoxidase 
from Streptomyces wedmorensis,1855,1856 2-hydroxy-
ethylphosphonate dioxygenase from Streptomyces vir-
idochromogenes,1857-1860 and isopenicillin-N synthase 
from E. nidulans,1861,1862 the respective prosthetic 
iron ion coordinated by two imidazolyl groups and 
a carboxylato oxygen begins the respective oxygen-
ation in the ferrous state; binds molecular oxygen to 
form the usual oxyiron(II), which as always is equiv-
alent to superoxy-iron(III). The superoxyiron(III) then 
converts to hydroperoxyiron(III) upon the transfer 
of an electron and a hydron or hydrogen atom from 
the respective reactant. A subsequent, transient inter-
mediate oxoiron(IV) has been identified spectro-
scopically in the oxidation catalyzed by 2-hydroxy-
ethylphosphonate dioxygenase.1863 This oxoiron(IV) 
would result from the homolytic dissociation of a 
hydroxyl radical from hydroperoxyiron(III). A compu-
tationally reasonable proposal for the epoxidation 
catalyzed by (S)-2-hydroxypropylphosphonic acid 
epoxidase is that the resulting hydroxyl radical, 
which is reactive enough (BDE = 497 kJ mol-1) to 
abstract a hydrogen from any carbon atom, then 
abstracts a hydrogen from carbon 1 of 2-hydroxy-
propylphosphonic acid to initiate its epoxidation.1864 
In the case of 2-hydroxyethylphosphonate dioxy-
genase, however, the hydroxyl radical would partic-
ipate in a colligation with the radical at carbon 2 of the 
2-hydroxyethylphosphonate that, in this case, re-
sults from the abstraction of hydrogen from carbon 2 
by superoxyiron(III), which becomes hydroperoxy-
iron(III).1860 
 

 There are a number of oxygenases that obtain 
the two electrons necessary for their oxygenations 
one at a time from a reduced Rieske [2Fe-2S] iron–
sulfur cluster,1865-1868 rather than from ascorbate, BH4, 
or 2-oxoglutarate. The Rieske [2Fe-2S] iron–sulfur 
cluster is ultimately reduced one electron at a time 
by flavin. In naphthalene 1,2-dioxygenase 

 
                (2-290) 

from P. putida, the prosthetic iron ion is coordinated 
by two imidazolyl groups from two histidines and 
two oxygens from the same bidentate carboxylato 
group of an aspartate (Figure 2-57E). The flavin that 
provides the electrons to the Rieske [2Fe-2S] iron–
sulfur cluster is reduced by NADH.1790 Naphthalene 
1,2-dioxygenase with only a reduced nonheme Fe2+ 
and a reduced Rieske [2Fe-2S] iron–sulfur cluster 
catalyzes one dioxygenation of a naphthalene in the 
absence of any further source of electrons1869 to 
give the diolate monoanion of the product tightly 
bound to the resulting Fe3+.1870 The diol, however, 
is released only upon reduction of the Fe3+. These 
observations demonstrate that the actual oxygenation 
performed by the nonheme Fe2+ requires only one 
electron from the Rieske [2Fe-2S] iron–sulfur cluster 
and that the role of the second electron is to reduce 
the Fe3+ formed during oxygenation back to Fe2+. 
 The first step in the reaction catalyzed by 
naphthalene 1,2-dioxygenase is the association of 
molecular oxygen with the prosthetic nonheme 
Fe2+. In a crystallographic molecular model of fully 
reduced naphthalene 1,2-dioxygenase exposed to 
molecular oxygen, either a peroxide dianion or 
molecular oxygen is bound sideways to the Fe2+, 
occupying both of its open positions (Figure 
2-57E).1790 Kinetic studies of the electron transfer 
from the prosthetic Rieske [2Fe-2S] iron–sulfur 
cluster during the dioxygenation of a series of reac-
tants by benzoate 1,2-dioxygenase,1868 a related 
enzyme (25% identity; 3.6 gap percent) also from 
P. putida, and during the monooxygenation of a 
series of reactants by the related enzyme, salicy-
late 5-hydroxylase1871 from Ralstonia (23% identity; 
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3.3 gap percent), are consistent with an adduct 
forming between the reactant and the oxyiron(II) 
prior to transfer of an electron from the Rieske 
[2Fe-2S] iron–sulfur cluster, which would require 
that the distal oxygen of the equivalent of a super-
oxyiron(III) add to the phenyl ring of a reactant to 
form a pentadienyl radical within the ring. This 
conclusion would identify the complex observed in 
the crystallographic molecular model as the com-
plex between molecular oxygen and Fe2+. The 
products formed by naphthalene 1,2-dioxygenase 
when radical probes are used as reactants instead 
of naphthalene are consistent with a radical of the 
naphthalene1872 being an intermediate in the en-
zymatic reaction. 
 The fact that fully oxidized benzoate 1,2-dioxy-
genase, in the absence of any reductant, catalyzes the 
same 1,2-dioxygenation of benzoate that it normally 
does when hydrogen peroxide is substituted for 
molecular oxygen1873 and the fact that during this 
unnatural reaction a hydroperoxyiron(III) is an inter-
mediate1874 at first suggested that, following the 
association of molecular oxygen with Fe2+ in the 
active site, an electron is transferred from the 
reduced Rieske [2Fe-2S] iron–sulfur cluster to the 
complex and a peroxyiron(III) is formed, as would 
be formed directly from hydroperoxide ion and 
Fe3+, and that peroxyiron(III) is the species accom-
plishing the rest of the reaction. It has been con-
cluded, however, that this unnatural oxidation with 
hydrogen peroxide follows a different mechanism 
from the natural reaction up to a point at which the 
two mechanisms converge.1874 
 Once the radical of the substrate is formed by 
radical addition of the superoxyiron(III) to the 
aromatic ring, how the rest of the reaction pro-
ceeds is unclear. There are computations that favor 
a particular mechanism.1874 In a model compound 
containing peroxyiron(III) in which the Fe3+ is 
coordinated with ligands homologous to the two 
imidazolyl groups and the carboxylato group, the 
carboxylato group ends up as a peroxy acid. Spectro-
scopic observations indicate that the distal oxygen 
of the peroxy acid and the acyl oxygen of the peroxy 
acid are ligands to an octahedral Fe3+. This obser-
vation implies that a peroxy acid could be involved 
in the enzymatic reaction.1418,1875  
 
 There are also dinuclear clusters of prosthetic 
iron ions that bind molecular oxygen and use it to 
perform oxidations. Hemerythrin is an example of 
a dinuclear prosthetic iron cluster that binds molec-
ular oxygen. One of the Fe2+ ions of its dinuclear 

cluster is coordinated by three histidines from the 
protein, and the other Fe2+ is coordinated by two 
histidines (Figure 2-57F).1876-1878 Two of the other 
ligands to each of the Fe2+ ions are provided by the 
respective oxygens of the same aspartate and the 
same glutamate. Finally, the two Fe2+ ions are 
bridged by a m-oxo group. A m-oxo group is an oxide 
dianion or a hydroxide that coordinates simultane-
ously two metallic ions.1879 The m-oxo oxide or 
m-hydroxo hydroxide in a m-oxo diiron cluster or a 
m-hydroxo diiron cluster couples the Fe2+ ions ferro-
magnetically in the inner sphere. 
 Hemerythrin, like hemoglobin, is responsible 
for binding molecular oxygen and transporting it in 
the circulation. In its deoxygenated, diferrous state, 
one Fe2+ is octahedrally and fully coordinated, but 
the other, although it is also octahedrally coordi-
nated, has an open site. When molecular oxygen is 
bound by diferrous hemerythrin, it occupies this 
open site (Figure 2-57F) to saturate the octahedral 
coordination of this Fe2+. When molecular oxygen 
is bound to the Fe2+ in the heme of a hemoprotein 
such as hemoglobin or myoglobin, the resulting 
complex has properties expected of both a complex 
between molecular oxygen and Fe2+ and a complex 
between superoxide radical anion and Fe3+ (Equa-
tion 2-246). When molecular oxygen is bound to the 
Fe2+ with the open site in diferrous hemerythrin, 
however, both iron ions are reversibly oxidized to 
Fe3+ ions.1880,1881 The molecular oxygen in turn is 
reversibly reduced by the two electrons from the 
two Fe2+ ions and hydronated by the adjacent 
m-hydroxo group on its distal oxygen through a 
hydrogen bond that remains in the final complex 
between the diferric cluster and a hydroperoxide 
ion (Figure 2-57F).1882 This ability of a dinuclear, 
diferrous cluster to convert molecular oxygen on 
an open Fe2+ spontaneously to a peroxyiron(III) 

 

is one of the novel features of this type of prosthetic 
group. Hemerythrin performs no further chemistry 
with the peroxyiron(III), using it only as a stable form 
of molecular oxygen while carrying it from regions 
of high concentrations of molecular oxygen to regions 
of low concentrations of molecular oxygen. 
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 In the m-oxodiiron cluster (Figure 2-57G)1883 of 
murine and human1884 inositol oxygenase 

   
                (2-291) 

one of the iron ions is coordinated by the oxygen of 
a carboxylate and two nitrogens from imidazolyl 
groups and the other by two nitrogens from imid-
azolyl groups, and the iron ions are bridged by a m-oxo 
group but only one carboxylato group. Because the 
other bridging carboxylato group is missing, one of 
the octahedral sites on the former iron ion (to the 
right in the drawing) is open, and two of the octa-
hedral sites on the latter iron ion (to the left in the 
drawing) are open. The m-oxodiiron cluster in inositol 
oxygenase oxidatively cleaves a carbon–carbon bond 
between two carbons, each with a hydroxy group 
trans to each other but equatorial (Equation 2-291). 
The distantly related1885 2-amino-1-hydroxyethyl-
phosphonate dioxygenase (glycine-forming) from 
an unassigned species of bacterium has the same 
m-oxodiiron cluster with the same ligands in the same 
orientation. It cleaves a bond between a carbon 
with a hydroxy group and a phosphorus with two 
hydroxy groups.1886 
 The active form of inositol oxygenase is not the 
diferrous state but a mixed-valent state1887 in which 
one electron is delocalized between two Fe3+. There 
is a completely symmetric, synthetic dinuclear 
cluster of prosthetic iron ions1888 that is also able to 
support a similar mixed-valent state.1889 Because 
this synthetic complex is symmetric, the two iron 
ions are in identical coordination, and the electron 
is delocalized equally between them. 
 myo-Inositol associates with the two open sites 
on the one iron ion in the active site of inositol oxy-
genase (Figure 2-57G), and upon its association, 
the affinity of the other iron ion for the molecule of 
water in its open, axial coordination site decreases 
measurably.1890 This decrease in affinity for water 
suggests that this iron ion is now a localized Fe2+ 
while the other iron ion has become a localized Fe3+. 
The decrease in affinity for water as the iron ion 
becomes a localized Fe2+ promotes the exchange of 
the molecule of water with a molecule of oxygen. 
The two hydroxy groups of the myo-inositol that have 
associated with the now Fe3+ are the two hydroxy 
groups between which the oxidative cleavage of the 
ring by the oxygenation catalyzed by the enzyme 

occurs (Equation 2-291 and Figure 2-57G), and the 
hydroxy group on carbon 1 and the hydroxy group 
on the phosphorus that associate with the iron ion 
in the active site of 2-amino-1-hydroxyethylphos-
phonate dioxygenase (glycine-forming) are the two 
hydroxy groups between which the oxidative cleavage 
occurs.1886 The dioxygen of the oxyiron(II) at the 
iron ion to which the myo-inositol is not bound has 
the properties of a superoxide radical anion bound 
to Fe3+ and is in position to abstract the hydrogen 
from carbon 1 of the bound myo-inositol (Figure 
2-57G).1891 Following abstraction of the hydrogen 
atom, the oxyiron(II) has become a hydroperoxy-
iron(III), which is then converted into a species of 
high-valent iron that performs the oxygenation. No 
reductant is required in the stoichiometry reaction, 
so at the end for the oxygenation, the diiron cluster 
has necessarily returned to the mixed-valent state. 
Abstraction of the hydrogen on carbon 1 in 2-amino-
1-hydroxyethylphosphonate also initiates the oxi-
dative cleavage performed by 2-amino-1-hydroxy-
ethylphosphonate dioxygenase (glycine-forming) 
from Gimesia maris.1892 
 In the m-oxodiiron cluster (Figure 2-57H)1893 of 
rubredoxin:oxygen oxidoreductase 

      
                (2-292) 

from D. gigas, one of the iron ions is coordinated by 
the imidazolyl groups of two histidines and the 
carboxylato group of a glutamate and the other by 
the imidazolyl group of one histidine and the carbox-
ylato group of an aspartate, and they are bridged 
by a m-oxo group and the carboxylato group of 
another aspartate. The carboxylato group of the 
nonbridging aspartate forms a hydrogen bond with 
the m-oxo hydroxide, as did one of the carboxylato 
groups of an aspartate in inositol oxygenase (Fig-
ure 2-57G).  
 In the first step in the four-electron reduction 
catalyzed by rubredoxin:oxygen oxidoreductase, 
molecular oxygen binds to the diiron(II) cluster in 
the resting enzyme at an open site on one of the 
two Fe2+ ions in the cluster (Figure 2-57H), and it is 
converted to hydroperoxydiiron(III). In 4-amino-
benzoate N-oxygenase from Streptomyces thioluteus, 
which has the same distribution of ligands in its 
diiron cluster as rubredoxin:oxygen oxidoreduc-
tase, nuclear resonance vibrational spectra of this 
intermediate are consistent with an arrangement in 
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which each oxygen of the hydroperoxide is a ligand 
to a different iron ion in the cluster,1894 and the 
hydron on the hydroperoxy group forms a hydrogen 
bond with the carboxylato group of the glutamate 
the carboxy group of which was a donor in the 
hydrogen bond with molecular oxygen (Figure 2-57H) 
and must have hydronated that oxygen. In the active 
site of rubredoxin:oxygen oxidoreductase, one of the 
oxygens of the hydroperoxydiiron(III), presumably 
the one already hydronated, becomes a molecule of 
water and and the other either becomes a higher-
valent iron ion, which is then reduced to aquoiron(III) 
to complete the conversion of the molecular oxy-
gen to two molecules of water, or it is reduced to 
aquoiron(III) in concert with the dissociation of the 
oxygen–oxygen bond. It is thought, however, that an 
oxoiron(IV) is formed during the dissociation of the 
oxygen–oxygen bond in 4-aminobenzoate N-oxygen-
ase and that oxoiron(IV) is responsible for the oxy-
genation of the 4-amino group to the N-oxide as 
the first step in oxidizing it to the 4-nitro group. 
 In the m-oxodiiron cluster in rubrerythrin from 
D. vulgaris in its diferric state, one Fe3+ is coordi-
nated by the imidazolyl group of a histidine and by 
both oxygens of the carboxylato group of a glutamate 
and the other Fe3+ is coordinated by one of the 
oxygens of the carboxylato group of a glutamate and 
both oxygens of the carboxylato group of another 
glutamate. The carboxylato groups of two glutamates 
bridge the two Fe3+, as do the aspartate and the 
glutamate in hemerythrin (Figure 2-57F), and there 
is one m-oxo group.1895 This coordination has the 
fewest imidazolyl groups and the most carboxylato 
groups and other oxyanions of any diiron cluster. 
Ruberythrin is a peroxidase (Equation 2-237) that 
uses two rubredoxins as the source of the necessary 
two electrons.1896 The diferrous form of the pros-
thetic group binds hydrogen peroxide with one of 
its oxygens on each of the Fe2+ ions, reduces the 
hydrogen peroxide with the two electrons from the 
two Fe2+ ions to a molecule of water and a hydroxide 
that ends up as that m-oxo group between the two 
now Fe3+ ions. The dinuclear cluster then releases 
the m-oxo hydroxide as a molecule of water, but only 
after both Fe3+ ions have been reduced back to Fe2+ 
ions.1897 As a result, the diferrous cluster has no 
m-oxo group and each Fe2+ has an open site because 
the m-oxo group of the diferric cluster has been 
released as the second molecule of water derived 
from the hydrogen peroxide. This sequence of events 
demonstrates that a m-oxo group is nothing more 
than an oxide ion, which is the conjugate base of a 

hydroxide ion, which is the conjugate base of a 
molecule of water. 
 The most common diiron cluster,1895,1898-1903 
however, is one in which each of the two iron ions 
is coordinated by the imidazolyl group of a histi-
dine and the carboxylato group of a glutamate, and 
they are bridged by a third carboxylato group from 
a glutamate (Figure 2-57I).1904,1905 This arrangement 
of these five ligands is bilaterally pseudosymmetric 
rather than rotationally pseudosymmetric and hence 
the symmetry is serendipitous. The other partici-
pants coordinating the diferric cluster in methane 
monooxygenase (soluble) from Methylococcus cap-
sulatus are a fourth carboxylato group from a gluta-
mate (the upper glutamate in Figure 2-57I) and two 
m-oxo groups. 
 In these clusters, the coordination of the two 
irons varies noticeably between the diferric state 
and the diferrous state and from one enzyme to the 
next. For example, in the diferric cluster in methane 
monooxygenase (soluble) from M. capsulatus (Fig-
ure 2-57I) there are two m-oxo groups, one of which 
forms a hydrogen bond to the other oxygen of the 
carboxylato group of the upper glutamate in the 
drawing; but in the diferrous cluster in the same 
enzyme, there is only one m-oxo group. The other 
m-oxo group has been replaced completely by the 
now bidentate anionic oxygen of the carboxylato 
group of the upper glutamate, which swings in to 
replace the m-oxo group and bridge the two Fe2+.1905 
In its mixed-valent state, the diiron cluster in methane 
monooxygenase (soluble) has a structure intermediate 
between the diferrous and the diferric structures.1906 
In yet other enzymes in particular oxidation states, 
the carboxylato group of the glutamate in the front 
of the drawing bridges the two iron ions to form an 
arrangement like that of the two carboxylato groups 
in hemerythrin (Figure 2-57F) except that there is 
no m-oxo group.1907 In the diferrous state of the 
cluster in the active site of benzoyl-CoA 2,3-epoxidase 
from Aromatoleum evansii, only one oxygen from 
the carboxylato group of a glutamate coordinates 
one of the Fe2+ ions, in addition to the imidazolyl 
group of a histidine and the single oxygen from the 
carboxylato group of a glutamate coordinating each 
of the Fe2+ ions, respectively.1908 In general, the 
diferric form of one of these diiron clusters has one 
or two m-oxo groups as well as additional carboxy-
lato oxygens coordinating the two Fe3+ ions while 
the diferrous form of the same cluster usually has 
no m-oxo group or m-hydroxo group bridging the 
Fe2+ ions or one m-hydroxo group bridging 
them.1905,1908-1910 The imidazolyl group and the 
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single carboxylato oxygen at each iron ion and the 
bridging carboxylato group, however, are the constant 
ligands from species to species, remain unchanged 
by reduction or oxidation, and form the core of the 
dinuclear cluster. 
 This most common m-oxodiiron cluster performs 
several different oxidation–reductions. For example, 
the diferrous diiron cluster in toluene 4-mono-
oxygenase1911 catalyzes the hydroxylation of toluene 
at carbon 4 (the para position). Several intermedi-
ates in the monooxygenation catalyzed by toluene 
4-monooxygenase from Pseudomonas mendocina 
have been observed crystallographically.1912 In the 
initial complex between molecular oxygen and the 
dinuclear diiron(II) complex, one of the two oxygens 
is coordinated by both of the Fe2+ as if it were a 
m-oxo group. In an intermediate 4-peroxytolyl com-
plex and an unnatural complex between hydrogen 
peroxide and the prosthetic diiron(III) in the oxi-
dized enzyme, the two oxygens of the peroxy group 
are both ligands to both of the iron ions. It was 
concluded from these observations that in the initial 
complex between toluene and oxydiiron(II), the 
superoxyiron(II)iron(III), which is a resonance hybrid 
of the oxydiiron(II), adds homolytically to carbon 4 
of the toluene to form the 4-peroxytolyl radical, in 
which the other carbons in the ring are participants 
in a delocalized pentadienyl radical and the two 
oxygens of the peroxy group are both ligands to 
both of the iron ions 

 

 How this intermediate proceeds through the 
necessary aromatization and dissociation of the 
oxygen–oxygen bond of the peroxide is unclear. It 
does not, however, seem to proceed through a high-
valent intermediate. A nearly quantitative hydride 
migration of the hydrogen from carbon 4 of the tol-
uene to carbon 3 of the product 4-hydroxytoluene 
(see Equation 2-288) requires that the hydride 
migration be a step in the overall mechanism and 
consequently that the pentadienyl radical in the 
intermediate become a pentadienyl carbenium ion 
by losing its unpaired electron.1913 This transfor-

mation of the radical to the carbenium ion would 
require an outer-sphere electron transfer because 
there is a saturated carbon between the pentadi-
enyl radical and the rest of the complex that would 
act as an acceptor of the electron. The weakest 
bond in the intermediate is the oxygen–oxygen 
bond, but the point at which it dissociates has not 
been established. One possibility is that the electron 
is transferred, the hydride migrates, and the resulting 
carbenium ion withdraws the electrons in the oxygen-
oxygen bond. The final step in the reaction is reduc-
tion of the two Fe3+ by two electrons to two Fe2+ and 
the release of the now loosely bound 4-hydroxy-
toluene and the m-hydroxy group as a water.  
 The diferrous diiron cluster in stearoyl-[acyl-
carrier-protein] 9-desaturase from Ricinus communis 

    
                (2-293) 

also has all the same ligands as the diferrous diiron 
cluster in methane monooxygenase (soluble). It 
performs the conversion of an alkane to an alkene. 
In the resting diferrous state, there are no m-oxo 
groups and the two iron ions are bridged by the 
carboxylato groups of the two glutamates.1910 There 
is one vacant position on each of the two Fe2+ ions. 
The diferrous cluster binds molecular oxygen, and 
during the association, the molecular oxygen is re-
duced by the two Fe2+ ions to a peroxide dianion 
that bridges the two now Fe3+ ions with one of its 
oxyanions bound by each of the irons1914 

 

 A peroxydiiron(III) with this structure has 
been chemically synthesized. This model compound, 
unlike the clusters in the various enzymes, is two-
fold rotationally symmetric around the oxygen–
oxygen bond, and the bonding between the one 
Fe3+, the one oxygen, the other oxygen, and the 
other Fe3+, Fe-O-O-Fe, is twisted so that the dihedral 
angle for the two Fe3+ down the oxygen–oxygen 
bond is 52ª to accommodate, within the steric 
constraints, the usual 90ª dihedral angle along the 
oxygen–oxygen bond in a peroxide.1915 There is also 
a crystallographic molecular model of the peroxy-
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diiron(III) intermediate in stearoyl-[acyl-carrier-
protein] 9-desaturase.1916 In this molecular model, 
the same dihedral angle for the four atoms, 
Fe-O-O-Fe, is only 30ª, presumably because the 
crystallographic molecular model is not so accurate 
as that for the model compound and because there 
are different steric constraints. 
 In aldehyde oxygenase (deformylating) from 
Nostoc punctiforme, the peroxydiiron(III) itself is 
the species accomplishing the enzymatic reaction, 
in which the peroxyanion first adds as a nucleo-
phile to the carbonyl of an aldehyde.1917 In stearoyl-
[acyl-carrier-protein] 9-desaturase, however, and 
most other enzymes that have this type of nonheme 
diiron(II) cluster, the peroxydiiron(III) (2-135), upon 
heterolysis, becomes a high-valent intermediate. 
In the active site of stearoyl-[acyl-carrier-protein] 
9-desaturase, this high-valent intermediate is electro-
philic enough to remove the formal equivalent of a 
hydride from the saturated alkane of the reactant to 
desaturate it.1918 The two electrons supplied by two 
[2Fe-2S]-ferredoxins during this reaction (Equation 
2-293) are required to convert the diiron(III) that is 
formed during the oxidation of the alkane to the 
alkene back to diiron(II). In the diiron(III) state, there 
is at least one m-oxo group bridging the iron, which 
one might think comes from the molecular oxygen, 
but when the diiron(III) cluster is formed using 18O2, 
there is no m-oxo oxygen that is an oxygen-18,1898 
perhaps because it exchanges with water in the solu-
tion too rapidly to be observed. 
 The chemical identity of the high-valent inter-
mediate formed from one of these peroxydi-
irons(III) (2-135) has been elucidated in methane 
monooxygenase (soluble) from bacteria such as 
Methylosinus trichosporium and M. capsulatus. The 
peroxydiiron(III) in one of these enzymes, which 
is the same whether it is formed from molecular 
oxygen bound to the diferrous cluster1919 or hydrogen 
peroxide bound to the diferric cluster,1920 is hydro-
nated and cleaves heterolytically to produce a cyclic 
2,4-dioxo-1,3-diiron(IV)*1921-1924 

                                                
*The three oxygens involved in the rearrangement are labeled 
with the letters a, b, and c to distinguish them one from the 
others, and their disposition before and after the rearrange-
ment has been determined experimentally with isotopes of 
oxygen. 

         
                (2-294) 

This cyclic 2,4-dioxo-1,3-diiron(IV), in which each 
iron is iron(IV), has solved the problem of the source 
of the electron that is usually transferred from a 
porphyrin, a tryptophan, a tyrosine, or an ¬-ascorbate 
to the oxoiron(V) formed by heterolysis of a hydro-
peroxyiron(III) by taking that electron from the 
other Fe3+ 

 

Its structure is homologous to a [2Fe-2S] iron–
sulfur cluster, but the bonding is more ionic and 
the two iron ions are octahedrally rather than tetra-
hedrally coordinated because the ligands are oxygens 
instead of sulfurs. The more electronegative oxygens 
stabilize the Fe+4 oxidation states as opposed to the 
Fe+3 oxidation states of an oxidized [2Fe-2S] iron–
sulfur cluster. A model compound containing this 
2,4-dioxo-1,3-diiron(IV) has been synthesized. In 
the model compound, the lengths of the iron–
oxygen bonds are 0.177 nm,1925 similar to the iron–
oxygen bond (0.172 nm) in the oxoiron(IV) porphyrin· + 
of a hemoperoxidase. A mixed-valent, cyclic dioxo-
iron(IV)iron(III) has also been synthesized,1926 and 
its crystallographic molecular model is also avail-
able.1927 
 In addition to being able to turn an alkyl group 
into an alkenyl group as it does in stearoyl-[acyl-
carrier-protein] 9-desaturase, a cyclic 2,4-dioxo-
1,3-diiron(IV) also can hydroxylate methane as it 
does in the reaction catalyzed by methane mono-
oxygenase1928,1929 

     
                (2-295) 

The hydroxylation of methane is the most difficult 
hydroxylation of an alkane because methane has 
the greatest bond dissociation energy (440 kJ mol-1) 
for its carbon–hydrogen bonds. Another synthetic 
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version of cyclic 2,4-dioxo-1,3-diiron(IV) (2-136) is 
capable of hydroxylating a hydrocarbon.1930 
 As with the hydroxylations of alkyl carbons 
performed by enzymes containing hemes P450, which 
proceed by the same stoichiometry, the mechanism 
of these hydroxylations has not been settled.1931-1933 
Several aspects of the reaction catalyzed by methane 
monooxygenase (soluble), however, have been estab-
lished. It is known that the oxygen of the hydroxy 
group of the methanol is one of the oxygen atoms 
that was in the molecular oxygen1934,1935 and that, at 
the completion of the reaction catalyzed by methane 
monooxygenase from M. capsulatus, the oxygen of the 
methanol that is the product of the monooxygenation 
is in one of the m-oxo positions in the cyclic di-m-oxo-
diiron(III) that is the product of the oxygenation per-
formed by the cyclic 2,4-dioxo-1,3-diiron(IV).1936 
These results suggest that the 2,4-dioxo-1,3-diiron(IV) 
abstracts a hydrogen from the methane, and the 
resulting methyl radical colligates with the hydroxyl 
radical that is a m-oxo group in the resulting hydroxyl-
oxodiiron(III) to give methanol with its oxygen at 
that m-oxo position. 
 Two electrons are required at the end of the 
hydroxylation to return the dioxodiiron(III) to the 
diiron(II) state, so the cluster is ready to go again, 
and also able to release the methanol. In methane 
monooxygenase (soluble) from M. trichosporium, 
these two electrons are ultimately from NADH redu-
cing a flavin, and in the membrane-embedded 
methane monooxygenase (particulate) from M. capsu-
latus, these two electrons are from a quinol.  
 When the electrons are required in one of these 
reactions is in part determined by the reactants and 
the products. Because the stoichiometry of the 
reaction of molecular oxygen with myo-inositol to 
produce ∂-glucuronate (Equation 2-291) does not 
involve any electrons, none have to be supplied. 
When molecular oxygen and methane are turned 
into methanol and water (Equation 2-295), or molec-
ular oxygen and stearoyl-[acyl-carrier protein] are 
turned into oleoyl-[acyl-carrier protein] (Equa-
tion 2-293), two electrons are required, but these 
are used only at the end of the reaction to regener-
ate the dioxo-diiron(II). When molecular oxygen is 
turned into water (Equation 2-292), however, four 
electrons are required and at least some of them 
must be supplied during the oxidation. 
 Although the cyclic 2,4-dioxo-1,3-diiron(IV) in 
methane monooxygenase (soluble) from M. capsu-
latus is required to hydroxylate methane, methyl 
groups adjacent to a functional group such as a cyano 
group or a nitro group, which can withdraw electron 

density effectively, can be hydroxylated by the initial 
peroxydiiron(III) (2-135). The rate of this hydroxy-
lation decreases as the bond dissociation energy of 
the carbon–hydrogen bond in such substituted 
methyl groups increases,1937 a result suggesting 
that the first step in such a hydroxylation is also the 
abstraction of a hydrogen atom. The same enzyme, 
however, hydroxylates a set of radical clocks without 
significant rearrangement,1938 a result suggesting 
that a radical intermediate, which would result from 
the abstraction of a hydrogen atom, is not involved 
in these hydroxylations, The hydroxylations of these 
radical clocks, however, are probably accomplished 
by the 2,4-dioxo-1,3-diiron(IV) rather than the peroxy-
diiron(III) because these substrates are electron-
rich rather than electron-poor. Significant rearrange-
ment of 1,1-dimethylcyclopropane, however, which 
is another radical clock, occurs when it is hydroxy-
lated by the methane monooxygenase (soluble) from 
M. trichosporium, but the products of the rearrange-
ments that occur during this particular hydroxylation 
are consistent with the formation of both a methyl 
radical and a methyl carbenium ion.1935 
 In murine ribonucleoside-diphosphate reduc-
tase, a cyclic 2,4-dioxo-1,3-diiron(IV) formed in the 
usual way is first reduced by one electron,1939 perhaps 
from a neighboring tryptophan.1940 This reduction 
forms a mixed-valent species in which the ring in 
2-136 has been broken and the iron(III) that is the 
product of the reduction has a hydroxide, which 
was a m-oxo group, as a ligand but is still connected 
by the remaining m-oxo group to the remaining 
iron(IV), which now has an open site, the site from 
which the hydroxide on the iron(III) left.1941,1942 
This species removes the formal equivalent of a 
hydrogen atom, perhaps as an electron and a hydron, 
from the hydroxy group of a tyrosine in the protein1943 
to produce the neutral tyrosyl radical required for 
the enzymatic reaction. The role of the diiron cluster 
is to create this tyrosyl radical initially, and presum-
ably to maintain it over the lifetime of the enzyme, 
but the diiron cluster does not participate in the 
reduction of the ribonucleoside diphosphate that is 
the enzymatic reaction catalyzed by ribonucleo-
side-diphosphate reductase. 
 A diiron(II) cluster can also have an oxide of 
nitrogen rather than an oxide of oxygen as its sub-
strate. Nitric oxide reductase [NAD(P)+, nitrous oxide-
forming] (Equation 2-258) from Thermotoga mari-
tima has a diiron(II) cluster. Two molecules of nitric 
oxide, NO (2-115), bind to the cluster, one nitric 
oxide on each Fe2+. The two Fe2+ ions provide the two 
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electrons needed for the production of one molecule 
of nitrous oxide, NNO (2-106), from the two nitric 
oxides in the process forming a double bond between 
the two nitrogens, and one of the oxygen atoms from 
one of the two nitric oxides leaves as a molecule of 
water.1944 The resulting diiron(III) cluster is then 
reduced back to the diiron(II) cluster by a reduced 
flavin. 
 There are also oxygenases in which the non-
heme metallic ion is a nickel ion rather than an iron 
ion. Acireductone dioxygenase (Ni2+-requiring) from 
K. pneumoniae uses molecular oxygen to perform 
an oxidative cleavage 

   
                (2-296) 

When acireductone dioxygenase from K. pneumonia 
is expressed in E. coli, it retains both Fe2+ and Ni2+ 
upon purification. Both metallic dications are in 
the respective high-spin states.1945,1946 The enzyme 
with Fe2+ in the active site and the enzyme with 
Ni2+ in the active site can be separated and shown 
to produce, from the same reactant, 1,2-dihydroxy-
5-thiomethylpent-1-ene-3-one, the product 2-oxo-
4-thiomethylbutanoate in the former case and the 
product 3-thiomethylpropanoate in the latter.1947 
The difference in the products results from a differ-
ence in the electronic properties in the two metallic 
ions.1948 There are also two different groups of 
hydrogenases, diiron hydrogenases and nickel–
iron hydrogenases. 
 
 Unlike those in diiron oxygenases, the diiron 
clusters found in hydrogenases have two m-sulfido 
groups instead of m-oxo groups. A hydrogenase 
reduces the equivalent of two hydrons to form 
molecular hydrogen in one direction and oxidizes 
molecular hydrogen in the other 

                              (2-297) 

rather than reducing molecular oxygen. The two 
electrons participating in the reaction are provided 
or taken up, respectively, by various electron-trans-
ferring coenzymes, such as ferredoxins, cyto-
chromes c, and menaquinones, depending on the 
species in which the hydrogenase is found. The 
cluster in the crystallographic molecular model of 
the diiron hydrogenase from C. pasteurianum  

 

has only one ligand from the protein itself, the sul-
fido group of a cysteine,1949 but it is surrounded 
and enclosed by the folded polypeptide. Two of the 
ligands to the iron ions are cyanide ions and three 
are isoelectronic, but neutral, carbon monox-
ides.1950 In the resting state of the enzyme, one of 
the carbon monoxides bridges the two iron ions as 
a m-carbonmonoxy group. There is some disagree-
ment in the crystallographic molecular models as 
to whether or not the bridging carbon monoxide is 
present in all the diiron clusters, but Fourier-
transform infrared spectra of diiron hydrogenases 
from C. acetobutylicum1951 and Chlamydomonas 
reinhardtii1952,1953 demonstrate that when the clus-
ter is enzymatically active, the bridging carbon mon-
oxide is present throughout the reaction. The two 
m-sulfido groups are the two sulfido groups from 
the dithiodihemiaminal, 2-aza-1,3-disulfanylpro-
pane,1954-1957 which would not be a stable com-
pound in free aqueous solution. The sulfido group 
of the lone cysteine is also one of the four cysteines 
that attach the four iron ions of a separate prosthet-
ic [4Fe-4S] iron–sulfur cluster to the protein1954,1958,1959 
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and thus the sulfido group of this cysteine electron-
ically couples the two prosthetic groups, the diiron 
cluster 2-137 and the [4Fe-4S] iron–sulfur cluster, 
in the inner sphere. There are three other [4Fe-4S] 
iron–sulfur clusters in the diiron hydrogenase from 
C. pasteurianum to remove or provide electrons 
during the oxidation of molecular hydrogen or the 
reduction of hydrons, respectively. 
 There are also hydrogenases with a nickel–
iron dinuclear cluster. These hydrogenases are appar-
ently unrelated to the diiron hydrogenases.591,1949 The 
cluster itself 

 

however, can be viewed as homologous to a diiron 
cluster in the family of diiron hydrogenases in 
which some of the ligands have been changed. First 
and foremost, the iron ion on the right in 2-137 is 
replaced by a nickel ion. There is no bridging carbon 
monoxide, and in its place in the fully oxidized but 
inactive nickel–iron hydrogenase from A. vinosum is 
a m-oxo group,1960 which dissociates as a hydroxide 
upon activation of the enzyme by reduction.1961,1962 
This dissociation leaves an open site on the iron ion 
and an open site on the nickel ion, both of which 
probably participate in the oxidation–reduction. 
The two bridging sulfido groups from the 2-aza-
1,3-disulfanylpropane are replaced by the sulfido 
groups of two cysteines, the carbon monoxide on 
the iron ion is replaced by a cyanide, and the water 
on the iron ion is replaced by a carbon monoxide. 
The nickel ion has the sulfido group of a fourth cys-
teine and a open site instead of a carbon monoxide 
and a cyanide, respectively. The replacement of a 
carbon monoxide by a sulfido group makes sense 
because nickel is a softer metal than iron,1963,1964 
the bond dissociation energy of a nickel–sulfur 
bond (+360 ± 20 kJ mol-1) is greater than that of an 
iron–sulfur bond (+340 ± 20 kJ mol-1), and the bond 
dissociation energy of a nickel–carbonyl bond 
(+100 kJ mol-1) is less than that of an iron–
carbonyl bond (+170 kJ mol-1).1965 

 In a subunit of nickel–iron hydrogenase from 
A. vinosum, in addition to the nickel–iron dinuclear 
cluster, there are three [4Fe-4S] iron–sulfur clusters 
evenly spaced in a chain leading away from the 
nickel–iron dinuclear cluster to remove electrons 
or provide electrons as needed.  
 The details of the catalytic cycle of diiron hydro-
genases are well understood. Because the [4Fe-4S] 
iron–sulfur cluster is electronically coupled to the 
diiron cluster in its inner sphere, it is difficult to 
distinguish spectroscopic absorptions based on 
unpaired spins arising from an unpaired electron 
in the [4Fe-4S] iron–sulfur cluster from those aris-
ing from an unpaired electron in the diiron cluster. 
It has been found, however, that the distribution of 
electrons between the [4Fe-4S] iron–sulfur cluster 
and the diiron cluster can be distinguished by Fou-
rier-transform infrared spectroscopy, and this has 
allowed potentiometric titrations of diiron hydro-
genase from C. reinhardtii to be dissected.1966 In 
the oxidized paramagnetic resting state, one of the 
iron ions in the diiron cluster is an Fe+ and the 
other is an Fe2+,1967 and the [4Fe-4S] iron–sulfur 
cluster is in the [(Fe2+)2(Fe3+)2 (2-S)4(-S-)4]2- state. 
After reduction by one electron, there is a pH-depen-
dent electronic equilibrium1966 between [iron(I) 
iron(II)]·[(Fe2+)3Fe3+(2-S)4(-S-)4]3- and [diiron(I)]·[(Fe2+)2 
(Fe3+)2(2-S)4(-S-)4]2-. Below a pKa of 7.2, the equi-
librium is between [iron(I)iron(II)]·[(Fe2+)3Fe3+(2-S)4 
(-S-)4]3– and [H+diiron(I)]·[(Fe2+)2(Fe3+)2(2-S)4 (-S-)4]2– 
with a reduction potential of greater than -250 mV.* 
Above the pKa of 7.2, the equilibrium is between 
[iron(I)iron(II)]·[(Fe2+)3Fe3+(2-S)4(-S-)4]3- and [di-
iron(I)]·[(Fe2+)2(Fe3+)2 (2-S)4(-S-)4]2- with a reduction 
potential of -530 mV. Consequently, as might be 
expected, hydronation of the diiron cluster makes 
it significantly easier for the [4Fe-4S] iron–sulfur clus-
ter to reduce the diiron cluster to diiron(I). Because 
of the value of the pKa, it has been concluded that 
the nitrogen in the 2-aza-1,3-disulfanylpropane is 
the acid–base responsible for easing the reduction 
when hydronated. The two Fe+ in either the 
[diiron(I)]·[(Fe2+)2(Fe3+)2(2-S)4(-S-)4]2- state or the 
[H+diiron(I)]·[(Fe2+)2(Fe3+)2(2-S)4(-S-)4]2- state are 
able to reduce a hydron to a hydride.1951,1953,1968-1970 

                                                
 *The notation [Hxiron(X)iron(X)]·[(Fex+)3Fex+(2-S)4(-S-)4]3- refers 
to the distribution of electrons in the complete cluster 2-138. The 
two irons in the hydrogenase cluster are designated as iron 
rather than Fe to distinguish them from the four irons in the 
[4Fe-4S] iron–sulfur cluster.   
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Nuclear magnetic resonance,1971 Mössbauer,1972 
Fourier-transform infrared, and nuclear resonance 
vibrational1973 spectra are those expected if the hy-
dride ends up occupying the open site on the iron 
ion to the left in 2-137 as a terminal iron hydride. 
During reduction of the hydron, an electron is 
transferred from the other iron–sulfur clusters in 
the enzyme to the coupled [4Fe-4S] iron–sulfur 
cluster, so the final state of the active site is 
[H-diiron(II)]·[(Fe2+)3Fe3+(2-S)4(-S-)4]3-. The conver-
sion of [H+diiron(I)]·[(Fe2+)2(Fe3+)2(2-S)4 (-S-)4]2- to 
[H-diiron(II)]·[(Fe2+)3Fe3+(2-S)4(-S-)4]3- can be fol-
lowed by Fourier-transform infrared spectroscopy 
at cryogenic temperatures.1951  
 During reduction of the hydron to the hydride, 
because the diiron cluster ends up after reduction 
as diiron(II) rather than diiron(I), Fourier-transform 
infrared spectra gathered at cryogenic temperatures 
demonstrate that the hydron on the nitrogen in 
the 2-aza-1,3-disulfanylpropane has dissociated.1953 
Presumably, the increase in charge on the iron ions 
has lowered the pKa for the nitrogen. In the active 
sites of diiron hydrogenases from C. reinhardtii and 
Desulfovibrio desulfuricans, the hydronation state 
of this nitrogen at this stage can be monitored by 
57Fe nuclear resonance vibrational spectroscopy.1974 
There is a hydrogen bond between the sulfanyl group 
of a cysteine in the active site and the amino nitrogen 
in the 2-aza-1,3-disulfanylpropane (Equation 2-298). 
Because the amino nitrogen and the iron ion on 
which the hydride is located are only 0.32 nm 
apart,1950,1954 when the sulfanyl group is a donor to 
the amino nitrogen and the hydron on the amino 
nitrogen is pointed at the hydride, the two van der 
Waals circumferences of the hydrogen on the 
ammonium and the hydrogen in the iron hydride 

are only separated by around 0.05 nm. The sole 
hydron on the amino nitrogen, however, is not 
acidic enough to react with the hydride, but when 
there is a hydrogen bond between the lone pair of 
electrons on the sulfanyl group of the cysteine 
rather than the hydrogen and one of the hydrons 
on the hydronated ammonio group of the 2-aza-
1,3-disulfanylpropane, the hydron pointed at the 
hydride has become acidic enough to hydronate the 
hydride.* This hydronation forms H2, the product 
of the reaction, which probably dissociates imme-
diately. The hydronation and the dissociation of 
the H2 return the clusters to the resting oxidized 
[iron(I)iron(II)]·[(Fe2+)2(Fe3+)2(2-S)4(-S-)4]2- state. 
 The catalytic cycle of the nickel–iron hydro-
genases seems to differ significantly from that of 
the diiron hydrogenases. During the oxidation of 
molecular hydrogen, the nickel–iron cluster in the 
hydrogenase from D. vulgaris passes through three 
major intermediates, Ni-SIa, Ni-R, and Ni-C, that have 
been identified spectroscopically.1975 By microscopic 
reversibility it must pass through through the same 
three intermediates in the reverse direction when it 
is reducing two hydrons. In the resting, reduced, 
activated Ni-SIa state, the metallic ions are Ni2+ and 
Fe2+, and the two respective sites on the metallic 
ions that were coordinated by the m-oxo group in 
the inactive, oxidized state 2-139 are open. Upon 
the association of molecular hydrogen from the 
solution to form the fully reduced Ni-R intermediate, 
a hydride, as a m-hydrido group, bridges the two 
formerly open sites on the metallic ions 

   
                (2-299) 

                                                
*One should recall that there is no such thing as a bare hydron 
in aqueous solution. 
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 This Ni-R intermediate has been crystallized 
under an atmosphere of molecular hydrogen, and 
reflections from the resulting crystal could be col-
lected to Bragg spacing of 0.089 nm. At this level of 
resolution, hydrogen atoms could be observed in 
the map of electron density.1964 There was clear 
electron density for the m-hydrido group between 
the Ni2+ and the Fe2+ as well as for a hydron on the 
sulfido group coordinating the nickel ion that is 
closest to the m-hydrido group.1976 The distance 
from the bridging hydride to this hydron is 0.245 nm, 
so the two are almost within van der Waals contact 
(0.23 nm). It has been concluded that a molecule of 
hydrogen from the solution has been dissociated 
heterolytically by the cluster into the m-hydrido group 
and this hydron. 
 Because there is a channel1977 from the solution 
to the Ni2+, it has been suggested that the hydrogen 
associates first with it. Calculations of dissociation 
energies between Ni2+ and molecular hydrogen and 
between Fe2+ and molecular hydrogen are con-
sistent with this conclusion.1978 This conclusion is 
also consistent with the fact that the hydron ends 
up on one of the sulfido groups coordinating the 
Ni2+. If the molecular hydrogen associates initially 
with the open site on the Ni2+, this would bring the 
hydrogen that is to become the hydron immediately 
adjacent to the sulfido group. 
 The next intermediate in the direction of the 
oxidation of molecular hydrogen, the Ni-C state, is 
normally formed upon the transfer of an electron 
from the Ni-R intermediate (Equation 2-299). Spectra 
of this intermediate with a bridging atom of pro-
tium and a bridging atom of deuterium provided 
the first unambiguous evidence for the existence of 
an atom of hydrogen bridging the two metallic ions 
in the mechanism of the enzyme.1979,1980 In the 
Ni-C state, which is one electron more oxidized 
than the Ni-R state in which a hydride bridged the 
two metallic ions, the two metallic ions are Ni3+ 
and Fe2+,1975 so the atom of hydrogen bridging the 
two metallic ions that was observed spectroscopi-
cally in the Ni-C intermediate must still be a hy-
dride. Because the nickel ion is so electropositive, 
the hydron has dissociated from the sulfanyl group. 
 Even though, in the usual steps that occur dur-
ing the oxidation of molecular hydrogen, the Ni-C 
intermediate is produced by oxidizing the Ni-R 
intermediate by the removal of one electron, in the 
spectroscopic experiments, the Ni-C intermediate 
was formed by reducing the resting, activated Ni-SIa 
state with an external reductant. It follows that the 
reductive conversion of the Ni-SIa state to the Ni-C 

intermediate, which is the first step in the reduction 
of two hydrons (Equation 2-299), requires that the 
addition of an electron to the resting, activated 
Ni-SIa state causes a hydron to be converted into a 
bridging m-hydrido group, since no molecular hydro-
gen was present. Presumably, in the reverse direction, 
the removal of an electron from the intermediate 
Ni-C state state oxidizes the bridging m-hydrido 
group to a hydron that dissociates during the oxida-
tion returning the enzyme to the resting, activated 
Ni-SIa state. One way to explain the oxidation in this 
step that occurs during the oxidation of molecular 
hydrogen is that during the transition from the Ni-C 
state with a bridging hydride to the resting Ni-SIa 
state (Equation 2-299), an electron is removed from 
the Fe2+, and the resulting Fe3+ and the Ni3+ then 
each remove an electron from the hydride to convert 
it into a hydron that is forced to dissociate immedi-
ately from the cluster. This step would resemble the 
reverse of the step in which a hydron is converted 
to a hydride by the transfer of one electron from 
each of the Fe+ in a diiron hydrogenase (Equation 
2-298). 
 In Equation 2-299, the conversion of two hy-
drons and two electrons to molecular hydrogen 
proceeds in a counterclockwise direction; and the 
conversion of molecular hydrogen to two hydrons 
and two electrons, in a clockwise direction. 
 There are model compounds for intermediates 
in the oxidation–reduction catalyzed by the nickel–
iron cluster in a hydrogenase. There are synthetic 
nickel–iron clusters in which a hydride bridges the 
two metallic ions.1981-1983 A model compound that 
mimics the nickel–iron cluster in hydrogenase is 
hydronated by HBF4 (pKa = -4.9) preferentially on 
one of the alkanethiolates coordinating the nickel ion 
rather than an equivalent alkanethiolate coordinating 
the iron ion.1984 In a different model compound 
in which there are only two m-sulfido groups, the 
hydronation occurs on one of these sulfurs, but 
generation of molecular hydrogen from this hydro-
nated complex requires the addition of both an 
electron and an external hydron.1983 A mononuclear 
nickel(I) complex, in which one of the ligands to 
the nickel is a tertiary amine, is able to dissociate a 
molecule of hydrogen heterolytically; the hydride 
ends up on the nickel and the hydron ends up on 
the amino nitrogen.1981,1982 
 There are synthetic model compounds for the 
diiron cluster in a hydrogenase that have a carbon 
monoxide as well as two sulfido groups, bridging two 
Fe+ ions in their resting state. Kinetic and spectro-
scopic observations of these model diiron clusters 
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have led to the conclusion that a hydron, trans-
ferred from a nearby ammonio nitrogen, associates 
with an open site on one of these Fe+ ions. The 
resulting complex then rearranges by a concerted 
ligand exchange 

   
                (2-300) 

so that the hydron ends up as a bridging hydride1985 
between the two now Fe2+ ions and the carbon 
monoxide ends up at the position at which an open 
site was located before the rearrangement.1986-1988 
These four ligands are not attached covalently to 
the iron ion and are free to move across its surface. 
The result would be a bridging hydride in place of 
the former bridging carbon monoxide, which 
would become a nonbridging carbon monoxide. It 
is possible to accomplish such a ligand exchange in 
the active site of diiron hydrogenase from C. rein-
hardtii, the product of which has been identified as 
containing a bridging hydride by infrared spectro-
electrochemistry. It was concluded, however, that 
this arrangement is not involved in the normal 
equilibration of two hydrons and two electrons with 
molecular hydrogen catalyzed by the enzyme.1951,1952 
 The diiron hydrogenases complete the panoply 
of the oxidation states of iron, from iron(I) to 
iron(V), that are achieved in enzymatic reactions. 
 
 The ligands to the iron ions in a diiron hydro-
genase and the ligands to the iron ion in a nickel–
iron hydrogenase are cyanide ions and carbon 
monoxides. These diatomic ions and molecules are 
isoelectronic with a molecule of nitrogen (2-140) 

 

The ten electrons in molecular nitrogen are distributed 
into the five molecular orbitals of a symmetric, dia-
tomic molecular orbital system (2-86). The two 
pairs of electrons indicated in 2-140 and the pair of  

electrons in the s bond are delocalized into the 
three cylindrically symmetric s molecular orbitals—
bonding ss, antibonding ss*, and bonding sp—and 
there are two orthogonal p bonds, each occupied 
by two electrons. 
 When the nucleus of a nitrogen atom is replaced 
by the nucleus of a carbon atom, the same molecular 
orbital system remains in the resulting cyanide 
(2-141) with the following exceptions. The electric 
field of a carbon nucleus with only six protons is 
less than that of a nitrogen nucleus that has seven 
protons, so the atomic orbitals from carbon that are 
mixing are of higher energy than those from nitro-
gen. As a result, there is more mixing between the 
pz orbital on nitrogen and the s orbital on carbon. 
The carbon atom, because its nucleus has one fewer 
proton, has a negative formal elementary charge. 
 When the nucleus of a nitrogen atom is replaced 
by the nucleus of an oxygen atom, the same molec-
ular orbital system remains in the resulting azanyl-
idyneoxidanium ion (2-114) with the following 
exceptions. The electric field of an oxygen nucleus 
with eight protons is greater than that of a nitrogen 
nucleus that has only seven protons, so the atomic 
orbitals from oxygen that are mixing are of lower 
energy than those from nitrogen. As a result, there 
is more mixing between the pz orbital on oxygen and 
the s orbital on nitrogen. The oxygen atom, because 
its nucleus has one more proton, has a positive 
formal elementary charge. 
 In carbon monoxide (2-142), the difference in 
the energies of the atomic orbitals that are mixing 
is even more extreme, but for the same reasons, the 
carbon atom has a negative formal elementary charge 
and the oxygen has a positive formal elementary 
charge, which is the reverse of their differences in 
electronegativity. The negative formal elementary 
charges on the carbon atoms in the cyanide and 
carbon monoxide cause their lone pairs of elec-
trons to be the ligands to a metallic ion rather than 
the lone pairs on the oxygens, which in most other 
Lewis bases would be the ligands to a metallic ion. 
 Certain anaerobic bacteria, such as Carbox-
ydothermus hydrogenoformans, M. thermoacetica, 
Methanosarcina barkeri, and M. thermophila, convert 
carbon monoxide into carbon dioxide and use the 
reducing equivalents obtained from this oxidation 
as a source of energy as well as for reducing metab-
olites, much as carbon monoxide used to be burned 
in households for heat. These bacteria also convert 
carbon monoxide into acetyl-SCoA, from which they 
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can produce all the carbon in their metabolites1989,1990 
by the Wood–Ljungdahl metabolic pathway.1991 In a 
sense this is a strategy similar to photosynthesis, in 
which reducing equivalents are obtained from light 
and all the fixed carbon is obtained from carbon 
dioxide. Any excess reducing equivalents that arise 
during metabolism in these bacteria are excreted as 
molecular hydrogen, which is produced by a ferre-
doxin hydrogenase with the usual nickel–iron cluster. 
 
 The enzyme responsible for oxidizing carbon 
monoxide to carbon dioxide is anaerobic carbon 
monoxide dehydrogenase 

     
                (2-301) 

The standard reduction potential for the half-
reaction1992,1993 

    (2-302) 

is -560 mV, which is why a [4Fe-4S] ferredoxin 
(Figure 2-19) is the carrier of electrons that has 
been matched with the enzyme, just as a [4Fe-4S] 
ferredoxin is matched with photosystem I. 
 Carbon dioxide, bound to the nickel ion in the 
crystallographic molecular model of the complex 
between carbon dioxide and the [4Fe-4S-Ni] iron–
sulfur–nickel cluster in the active site of anaerobic 
carbon monoxide dehydrogenase from C. hydrogeno-
formans,1994 can be superposed on the crystallo-
graphic molecular model of the complex between 
cyanide, hydroxide, and the [4Fe-4S-Ni] iron–
sulfur–nickel cluster and its surrounding catalytic 
amino acids in active site of the enzyme from 
M. thermoacetica1995 
 

 

In the drawing, only the carbon dioxide and one of 
the nickel ions are from the former crystallographic 
molecular model while the cyanide and the hydroxide, 
as well as the entire cluster and the surrounding 
amino acids, are from the latter. Because the complex 
between carbon dioxide (CO2) and the [4Fe-4S-Ni] 
iron–sulfur–nickel cluster in the former active site is 
assumed to be the complex between the cluster and 
the substrate carbon dioxide, the complex between a 
cyanide (CN-), a hydroxide (OH-), and the [4Fe-4S-Ni] 
iron–sulfur–nickel cluster is assumed to mimic the 
complex between the cluster and the substrates 
carbon monoxide and hydroxide ion in the latter 
active site. Electron-paramagnetic spectra of the 
[4Fe-4S-Ni] iron–sulfur–nickel clusters in the en-
zymes from M. thermoacetica and M. thermophila 
change as either carbon monoxide or carbon dioxide 
associates with the respective enzyme.1996,1997 
 In the anaerobic carbon monoxide dehydrogen-
ases from both C. hydrogenoformans and M. thermo-
acetica, the [4Fe-4S-Ni] iron–sulfur–nickel cluster 
(2-143) is a [4Fe-4S] iron–sulfur cluster from 
which one of the iron ions has pulled away and its 
former location in the cluster has become occupied 
by a nickel ion. Both the nickel ion and the iron ion 
that has been pulled away are tetracoordinate. The 
iron ion that has pulled away is still coordinated by 
one of the sulfides in the cluster, the sulfido group 
of the usual cysteine, and the imidazolyl group of a 
histidine while the nickel ion is coordinated by two 
sulfides within the cluster (large light gray atoms) 
and the sulfido group of another cysteine. In both 
the complex with cyanide and hydroxide and the 
complex with carbon dioxide, the nickel ion is in a 

2 H+  +  CO2  +  2 reduced ferredoxin  1
                         CO  +  H2O  +  2 oxidized ferredoxin
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slightly distorted square planar coordination, which 
is one of its usual dispositions, with the cyanide or 
the carbon of the carbon dioxide as its fourth ligand, 
and the detached iron ion is in a somewhat more 
distorted tetrahedral coordination with the oxygen 
of the hydroxide or an oxygen of the carbon dioxide 
as its fourth ligand. 
 In addition to this [4Fe-4S-Ni] iron–sulfur–
nickel cluster, in each of these enzymes there is a 
standard [4Fe-4S] iron–sulfur cluster 1.1 nm away, 
and another standard [4Fe-4S] iron–sulfur cluster 
1.0 nm further away.1996-1999 These clusters shuttle 
electrons from the [4Fe-4S-Ni] iron–sulfur–nickel 
cluster to the oxidized ferredoxin that is a substrate 
for the enzyme and that carries each of the electrons 
away from the enzyme. In the reverse direction, these 
clusters shuttle electrons to the [4Fe-4S-Ni] iron–
sulfur–nickel cluster from the reduced ferredoxin 
that brings each of the electrons to the enzyme. 
 In the crystallographic molecular model (2-143) 
of the complex between the cluster and carbon 
dioxide,2000 the bond length between the nickel ion 
and the carbon of the carbon dioxide is 0.181 nm, 
and the three bond angles around the carbon are 
all within 5ª of 120ª. The bond length between 
nickel and carbon is quite short for a bond of this 
type.2001 Both this short bond length and the bond 
angles suggest that this complex can be considered 
to be the nickel ester of carbonic acid. In fact, 
the carbon–oxygen bond lengths (0.130 ± 0.003 nm) 
are indistinguishable from those (0.128 nm) in a 
carbonate ion.2002 
 The biochemical standard reduction potential 
of the [4Fe-4S-Ni] iron–sulfur–nickel cluster in 
anaerobic carbon monoxide dehydrogenase from 
M. thermoacetica2003,2004 is -530 mV, and this value is 
for a two-electron reduction. Because the biochemical 
standard reduction potential of a [3Fe-4S] iron–
sulfur cluster is in the range of +65 to -400 mV 
(Figure 2-19), because the reduced form of a [3Fe-4S] 
iron–sulfur cluster is [Fe2+(Fe3+)2(2-S)4(-S-)3] (Equa-
tion 2-171), and because the reduced [4Fe-4S-Ni] 
iron–sulfur–nickel cluster in anaerobic carbon mon-
oxide dehydrogenase is paramagnetic, the most likely 
form of the reduced [4Fe-4S-Ni] iron–sulfur–nickel 
cluster is equivalent to [(Fe2+)2(Fe3+)2Ni+(2-S)4(-S-)2]. 
The nickel ion in such an oxidation state would be 
Ni+1, which is nucleophilic, and the peripheral iron 
ion could be Fe3+, which is a strong Lewis acid. The 
reduced state of the [4Fe-4S-Ni] iron–sulfur–nickel 
cluster binds carbon dioxide,2005 and the crystal of  
 

anaerobic carbon monoxide dehydrogenase from 
C. hydrogenoformans was poised in the reduced 
state before the carbon dioxide that formed the 
complex with the [4Fe-4S-Ni] iron–sulfur–nickel 
cluster (2-143) was diffused into the crystal.1994 
 From all these considerations, a reasonable 
mechanism for the reduction of carbon dioxide can 
be formulated.2004 One of the oxygen atoms of the 
carbon dioxide associates with the peripheral Fe3+ 
as a coordinated ligand and forms a hydrogen bond 
to the ammonio group of a lysine, and the other 
oxygen forms a hydrogen bond with the imidazolyl 
group of a histidine. The nucleophilic Ni+ adds to 
the carbon atom to form the nickel analogue of an 
ester of carbonic acid observed in the one crystal-
lographic molecular model (2-143). The ammonio 
group of the lysine hydronates the oxygen of the 
carbonate, the hydronated oxygen leaves the car-
bon as a ferric hydroxide,2005 and the carbon of the 
resulting carbon monoxide rotates away from the 
hydroxide into the position of the carbon of the cy-
anide in the other crystallographic molecular model, 
while the hydrogen bond between the oxygen atom 
and the imidazolyl group remains intact. The cluster 
has been oxidized by the removal of two electrons 
during this transformation, and the carbon monoxide 
leaves the oxidized form of the cluster, which is the 
equivalent of [Fe2+(Fe3+)3Ni2+(2-S)4(-S-)2]. Two ferre-
doxins bind in sequence and their single electrons 
are passed in the outer sphere through the [4Fe-4S] 
iron–sulfur clusters to rereduce the [4Fe-4S-Ni] 
iron–sulfur–nickel cluster.2005 In the reverse reac-
tion, as one or two electrons are removed from the 
carbon monoxide by the nickel and the iron ions of 
the [Fe2+(Fe3+)3Ni2+ (2-S)4(-S-)2] cluster, the carbon 
of the carbon monoxide becomes electrophilic 
enough for the hydroxide on the adjacent iron ion 
in the cluster (2-143) to accomplish a nucleophilic 
addition to produce carbon dioxide. 
 It has been proposed,2004 however, that the re-
duced state of the cluster is actually paramagnetic 
[(Fe2+)4Ni+(2-S)4(-S-)2] rather than paramagnetic 
[(Fe2+)2(Fe3+)2Ni+(2-S)4(-S-)2], and the oxidized state 
is, therefore, [(Fe2+)3Fe3+Ni2+(2-S)4(-S-)2]. If this is 
the case, the ferrous hydroxide rather than a ferric 
hydroxide is the leaving group, albeit a poorer one, 
during the reduction of carbon dioxide, but the 
nickel ion would still be nucleophilic because the 
cluster would have two additional electrons. The 
hydroxide, on an Fe2+, would exchange more rapidly 
with the next molecule of CO2, but in the oxidation 
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of carbon monoxide, the electron withdrawal from 
the carbon monoxide by the oxidized cluster would 
be significantly weaker, making it less electrophilic. 
 
 There are also mononuclear, prosthetic copper 
ions and dinuclear, trinuclear, and tetranuclear 
clusters of prosthetic copper ions that catalyze 
reactions in which the oxides of oxygen and the 
oxides of nitrogen are substrates. For example, 
quercetin 2,3-dioxygenase* 

   
                (2-303) 

from Aspergillus japonicus oxidatively cleaves two 
adjacent carbon–carbon bonds, between carbons 2 
and 3 and between carbons 3 and 4, while turning 
the central carbon into carbon monoxide. The 
prosthetic, mononuclear Cu2+ in its active site is 
coordinated by three imidazolyl groups from three 
histidines as well as the carboxylato group of a glu-
tamate, which stabilizes the cupric state. In the 
crystallographic molecular model of the anaerobic 
complex between the reactant kaempferol (Equa-
tion 2-303), and this Cu2+ in the enzyme (Figure 
2-58A),2006 the 3-hydroxy group of the kaempferol, 
which will become the oxygen of the carbon mon-
oxide (Equation 2-303), is coordinated2007 to the 
Cu2+. In this complex, the Cu2+ withdraws electron 
density from carbon 3 of the kaempferol (Equation 
2-303) to create a partial radical cation at carbon 3. 
The positive elementary charge of the radical cation, 
which resides mostly on carbon 2, is stabilized by 
p electron donation from both the 4-hydroxy-
phenyl group and oxygen 1. Oxygen reacts with this 
partial radical as it does with the partial radical in 
protocatechuate 3,4-dioxygenase (Equation 2-275), 

                                                
*In Equation 2-303, the enzyme is shown oxidizing kaemp-
ferol, 2-(4-hydroxyphenyl)-3,5,7-trihydroxy-4H-chromen-4-one, 
which is a close relative of quercetin, 2-(3,4-di-hydroxy-
phenyl)-3,5,7-trihydroxy-4H-chromen-4-one. 

and the resulting 3-hydroxy-3-peroxy intermediate 
rearranges to the products by a mechanism that has 
yet to be determined. The actual mechanism may 
involve1775 a Baeyer–Villiger rearrangement similar to 
the one thought to occur in the mechanism for an 
extradiol dioxygenase (Equation 2-278). 
 The prosthetic, mononuclear copper ion in lytic 
chitin monooxygenase 

    
                (2-304) 

which is a polysaccharide monooxygenase from 
Serratia marcescens, oxidatively cleaves chitin, 
poly-(b1,4)-2-acetamido-2-deoxy-∂-glucose. From 
isotopic distributions it has been determined that 
one of the oxygens in the new carboxylate comes 
from molecular oxygen (denoted Ø) and the other 
from water (denoted with a gray O).2008 In a crystal-
lographic molecular model of the related (45% iden-
tity; 2.0 gap percent) polysaccharide monooxygenase 
from Bacillus amyloliquefaciens, the copper ion is 
coordinated by the imidazolyl group of a histidine 
and both the imidazolyl group and the amino 
group of the amino-terminal histidine.2009 In the 
crystallographic molecular model of the complex 
between molecular oxygen and the active site of 
the yet again related (29% identity; 3 gap percent) 
lytic chitin monooxygenase from Jonesia denitrifi-
cans, the oxygen associated with the prosthetic Cu+ 
is bound in a bent configuration to the now mono-
nuclear Cu2+ and has been identified as a peroxide. 
In a crystallographic molecular model by neutron 
diffraction of the same complex, the amino-
terminal amino group coordinating the Cu2+ has 
been observed to be the highly unusual anionic 
conjugate base of the amino group,2010 which might 
stabilize a higher-valent form of the copper ion that 
could be responsible for the monooxygenation. 
Hydroxylation of carbon 1 of a 2-acetamido-2-deoxy-
∂-glucose (bond dissociation energy = 380 kJ mol-1) 
would create a tetrahedral intermediate. 
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Figure 2-58: Drawings50 of the ligands to prosthetic copper 
ions in the crystallographic molecular models of (A) quercetin 
2,3-dioxygenase from A. japonicus,2006 (B) galactose oxidase 
from H. rosellus,1314,2013 (C) peptidylglycine monooxygenase from 
R. norvegicus,2055 (D) hemocyanin from L. polyphemus,2026,2027 
(E) laccase from M. albomyces,2065 and (F) nitrous-oxide reduc-
tase from A. cycloclastes.2073 Black atoms are carbons, red atoms 
are oxygens, and blue atoms are nitrogens. Copper ions are the 
dark green spheres surrounded by their ligands. Each copper ion 
has three, four, or five ligands and, unlike in most inorganic 
copper complexes, there are no regular geometries to the 
arrangements of the ligands. The side chains acting as ligands 
are labeled. The open site on the copper in galactose oxidase in 
Panel B is occupied by a molecule of acetate. The two lone red 
spherical ligands in Panel F are molecules of water or 
hydroxide ions that form a hydrogen bond with each other. In 
Panel A, a molecule of kaempferol, a substrate for quercetin  
 
 
 
 
 There is a methane monooxygenase (particulate) 
embedded in the plasma membranes of Methylo-
cystis, M. trichosporium, and M. capsulatus that uses 
a copper ion, similarly coordinated to two imidaz-
olyl groups and both the imidazolyl group and the  
 

2,3-dioxygenase, which was coordinated to the copper ion in the 
enzyme in the crystal submitted to diffraction, is drawn. In 
Panels C, D, and E, the complex between the respective 
enzyme and molecular oxygen was present in the crystal, and 
the molecule of oxygen is drawn. In peptidylglycine mono-
oxygenase (C), the molecule of oxygen forms one bond to the 
copper ion. In hemocyanin (D) and laccase (E), however, the 
molecule of oxygen is found between two copper ions; one 
oxygen forms two bonds, one to each copper ion, and the other 
oxygen also forms two bonds, one to each copper ion. In 
laccase (E), one of the oxygens forms a third bond, to a third 
copper ion. This third copper ion has a chloride (lone, large, 
light green sphere at very bottom of the drawing) as its fourth 
ligand. The four copper ions in nitrous-oxide reductase (F) are 
each coordinated by a single central sulfide dianion (lone, large, 
light yellow sphere in the center of the drawing). 
 
 
 
 
 
amino group of the amino-terminal histidine, to 
hydroxylate methane (bond dissociation energy = 
439 kJ mol-1).2011,2012  
 In the active site of galactose oxidase 
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                (2-305) 

from Hypomyces rosellus, the mononuclear Cu2+ is 
coordinated by the imidazolyl groups of two histi-
dines, the 4-oxidophenyl group of a tyrosine, and 
the 4-oxidophenyl group of the conjugate base of a 
3-(S-cysteinyl)tyrosine (Figure 2-58B).1314,2013 In the 
active form of the oxidized cupric galactose oxidase 
from H. rosellus, the 3-(S-cysteinyl)-4-oxidophenyl 
ion has been converted into the fairly stable, neutral 
3-(S-cysteinyl)phen-4-oxi radical 

 

by removal of an electron.1316,2014,2015 In this radical, 
the unpaired spin is distributed evenly among the 
oxygen, the sulfur, and carbons 1 and 3 of the phenyl 
group,536 as expected from the resonance structures. 
To exploit the last resonance form that defines the 
delocalization of the unpaired electron onto the 
sulfur, the alkylsulfanyl group must be in an orien-
tation that brings one of its lone pairs of electrons 
parallel to the p molecular orbital system of the 
phenyl group so that it can be conjugated with it. 
Aligning this lone pair of electrons decreases the 
standard reduction potential of the phenolato oxygen 
by as much as 150 mV.2016 
 The 6-hydroxy group of the ∂-galactose that is 
to be oxidized associates with the Cu2+ at its open 
site, which is occupied by a molecule of water in 
the resting state, located at the same ligand posi-
tion as acetate in the crystallographic molecular 
model (Figure 2-58B). The hydron is removed from 
the 6-hydroxy group, and the equivalent of a hydride 
is removed from carbon 6 of the ∂-galactose to 
convert it to the product ∂-galacto-hexodialdose. 
The hydron and the two electrons equivalent to a 
hydride are removed in such a way that one of the 
electrons converts the Cu2+ to a Cu+ and the other 
electron converts 3-(S-cysteinyl)tyrosinyl radical to 

3-(S-cysteinyl)tyrosine,2017 which remains associ-
ated2018 with the Cu+. Following dissociation of the 
product, molecular oxygen associates with the Cu+, 
an electron is transferred from the Cu+ to the molec-
ular oxygen to produce the equivalent of superoxide 
radical anion coordinated to Cu2+, and the cupric 
superoxide removes an electron from the 3-(S-cyste-
inyl)tyrosine and is hydronated to produce cupric 
hydroperoxide.2019 The hydroperoxide ion dissoci-
ates from the now regenerated, oxidized, cupric 
resting state. The most likely candidate for the cata-
lytic base that removes the two hydrons from 
∂-galactose and adds the hydron to the superoxide 
radical anion is the 4-oxido group of the 3-(S-cyste-
inyl)tyrosine itself. In the crystallographic molecu-
lar model, the active site is occupied by acetate (an 
analogue of the reactant), various intermediates, 
and the product at carbon 6 as well as a stand-in for 
the superoxide radical anion. In this model, the acyl 
carbon of the acetate and the acyl oxygen of the 
acetate coordinating the copper ion are only 0.29 
and 0.28 nm, respectively, from this 4-oxido group 
(thin dashed lines in Figure 2-58B).1314 
 Mononuclear copper ions also catalyze reduc-
tions of nitrogen oxides as well as oxygen oxides. 
Nitrite reductase (NO-forming) reduces nitrite ion, 
ONO- (2-113), to nitric oxide, NO (2-115), and a 
molecule of water, a one-electron reduction. The pros-
thetic group in nitrite reductase (NO-forming) from 
A. faecalis2020 and nitrite reductase (NO-forming) 
from A. xylosoxidans703 is a copper ion coordinated 
by three imidazolyl groups from three histidines as 
ligands. The Cu+ provides the one electron needed 
for the reduction of the nitrite ion.2021 The electron-
transferring coenzyme that ultimately provides the 
electron is pseudoazurin. There is a second mono-
nuclear, prosthetic copper ion in the enzyme—
coordinated by a sulfanyl group, two imidazolyl 
groups, and a sulfide from a methionine (Figure 
2-26D)—that relays the electron from the pseudo-
azurin to the catalytic copper ion. Nitrite ion reversi-
bly associates with the reduced catalytic Cu+ as a 
fourth ligand.1061,2020,2022 A model compound, in 
which a Cu+ is coordinated by the three nitrogens 
in 1,4,7-triisopropyl-1,4,7-triazacyclononane, with 
nitrite ion as its fourth ligand, is able to reduce the 
nitrite ion to nitrous oxide (2-106) upon addition 
of acetic acid.2023 The acid is necessary for hydro-
nation of the oxygen that leaves the nitrogen of the 
nitrite ion as a molecule of water during the reduc-
tion (see Equation 2-262). In the active site of nitrite 
reductase (NO-forming) from A. xylosoxidans, there 
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are both a carboxy group from an aspartic acid and 
an imidazolyl group from a histidine, properly posi-
tioned to supply together two hydrons to ensure 
that a molecule of water is the leaving group.2024 
When each of these amino acids in nitrite reductase 
(NO-forming) from A. faecalis is mutated in turn to 
an asparagine, the enzymatic activity decreases by 
factors of 100 and 1500, respectively.2025 In the enzy-
matic reaction, following the reduction of nitrite 
ion to nitric oxide, the resulting Cu2+ is then reduced 
by an electron from a typical prosthetic copper, 
with two sulfurs from a cysteine and a methionine 
and two nitrogens from two histidines as ligands 
(Figure 2-26D),703,711 which relays the electron2021 
from the Cu+ in the small dissociable electron-
transferring coenzyme pseudoazurin or the heme 
in cytochrome c551.1168 
 Enzymes that have oxides of oxygen and oxides 
of nitrogen as substrates also contain dinuclear 
clusters of prosthetic copper ions in their active 
sites. The paradigm of such a dinuclear cluster of 
prosthetic copper ions is the one in hemocyanin 
(Figure 2-58D).2026,2027 The protein surrounding 
the dinuclear cluster in the crystallographic molec-
ular model of hemocyanin from Limulus polyphemus 
is superposable on the protein surrounding the 
dinuclear cluster of prosthetic iron ions in the crys-
tallographic molecular models of hemerythrins 
(Figure 2-57F),2027 and this observation demon-
strates that these two proteins, hemocyanin and 
hemerythrin, share a common ancestor. In a hemo-
cyanin, histidines are found at positions both in the 
sequence of amino acids and in the crystallographic 
molecular model equivalent to those of Histidines 25, 
54, 73, 77, and 106 in the hemerythrin from Themiste 
hennahi, and as they do to the iron ions in hem-
erythrin, they all provide ligands to the two copper 
ions. In the hemocyanins, however, Glutamate 58 
and Aspartate 11, which are bidentate ligands to 
the iron ions in hemerythrin from T. hennahi, are 
replaced by a threonine and an asparagine, neither 
of which is coordinated to either copper ion.2028 
This change removes two negative elementary 
charges from the constellation around the metallic 
ions, consistent with the difference in charge num-
ber between two Fe2+ and two Cu+. There is, however, 
one additional ligand in the hemocyanins to com-
pensate partially for the loss of the four carboxylato 
oxygens. Phenylalanine 29 in the sequence of amino 
acids for the hemerythrin from T. hennahi is replaced 
by a histidine in the hemocyanins that provides a 
third ligand to the one copper ion. This replace-
ment causes the two copper ions in hemocyanin to 

be equivalent in their coordination, as each has 
three imidazolyl groups from three histidines surroun-
ding it arranged in roughly the same orientations 
(Figure 2-58D). 
 In the hemocyanins in the active deoxygenated 
state, the two copper ions are in the cuprous state. 
When molecular oxygen binds, they are both oxidized 
reversibly2029 to Cu2+ and the dioxygen is reduced 
to the peroxide dianion, O2

2 - , just as it is in a hem-
erythrin, but it is then not hydronated. The perox-
ide dianion is bound between the two Cu2+ with 
each of its oxygens coordinated to each of them 
(Figure 2-58D). 
 For the hemocyanins, the oxygen–oxygen bond 
of the peroxide dianion remains intact in this reversi-
ble complex between the dinuclear cluster of copper 
ions and molecular oxygen.2030 There are synthetic 
dinuclear clusters of cuprous ions, in each of which 
the Cu+ is also coordinated by three diazoles as in 
hemocyanin. These clusters bind molecular oxygen 
in a complex with the same spectroscopic signatures 
and the same structures as those for hemocyanins 
and in which the oxygen–oxygen bond of the bound 
peroxide dianion definitely remains intact.2031-2033 
 When, however, the ligands coordinating the 
two copper ions in a synthetic dinuclear cluster are 
more basic than diazoles, an equilibrium can be 
observed2034,2035 in which the bond between the 
two oxygens is broken 

      (2-306) 

and a cyclic 1,3-dioxo-2,4-dicopper(III) is pro-
duced.2036-2040 These synthetic, cyclic, high-valent 
oxocopper complexes are able to remove hydrogen 
atoms from aromatic rings,2041 hydroxylate benzylic 
carbons,2038,2040 oxidize a sulfide to a sulfoxide,2040 
perform a Baeyer–Villiger oxidation,2040 and hydrox-
ylate a m-dialkylphenyl group between its two alkyl 
substituents2042 as well as hydroxylate a phenol ortho 
to its hydroxy group.2043-2045  
 This last reaction, performed by a synthetic, 
high-valent 1,3-dioxo-2,4-dicopper(III), is the same 
one catalyzed by monophenol monooxygenase* 

                                                
*This enzyme is also widely referred to as “tyrosinase”. 
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                (2-307) 

where R can be the same as R¢. Monophenol mono-
oxygenase from Streptomyces castaneoglobisporus 
has a dinuclear cluster of copper ions that is the 
same as that of hemocyanin within a protein struc-
turally and functionally homologous to hemocya-
nin.2046,2047 The most significant difference between 
monophenol monooxygenase and hemocyanin is 
that monophenol monooxygenase has the 4-hydroxy 
group of a tyrosine in a position from which it can 
form a hydrogen bond or transfer a hydron to one 
of the oxygen atoms of the molecular oxygen when 
it is bound as a peroxide dianion to the dinuclear 
cluster (Figure 2-58D). This catalytic acid may 
promote the cleavage of the oxygen–oxygen bond 
in the dicupric peroxide to produce cyclic 1,3-dioxo-
2,4-dicopper(III) (Equation 2-306), in which one of 
the m-oxo groups is a m-hydroxo group. Such a cyclic 
1-oxo-3-hydroxo-2,4-dicopper(III) may be respon-
sible for the hydroxylation catalyzed by this enzyme. 
It is also possible, however, that the species responsi-
ble for the observed monooxygenation is the dicupric 
peroxide itself.2048 The two electrons required to 
regenerate the dicuprous cluster from the dicupric 
cluster that remains after the hydroxylation has occur-
red are provided by the catechol that is a cosub-
strate for the enzymatic reaction (follow R¢ in 
Equation 2-307). This catechol acts as if it were a 
quinol. Once the remaining m-oxo is hydronated and 
dissociates as a molecule of water, the dicuprous 
cluster is then ready to bind the next molecule of 
oxygen. 
 In catechol oxidase 

    
                (2-308) 

from Ipomoea batatas, which is also homologous to 
hemocyanin,2046,2049 there is no catalytic base adjacent 
to the usual dicupric peroxide. Nor does the enzyme 
catalyze a hydroxylation, only an oxidation by electron 
transfer, so in this case, the dicupric peroxide itself 
may be the oxidant receiving the two pairs of elec-
trons sequentially from the two catechols that are 
the reactants and that associate one after the other 
with the active site.2049 The result, however, is the 
same: upon hydronation, the two m-oxo groups 
between the two now cuprous copper ions become 
two molecules of water. In catechol oxidase, one of 
the six histidines coordinating the two copper ions 
(see Figure 2-58D) is a 2-(S-cysteinyl)histidine. 
 A cyclic 1,3-dioxo-2,4-dicopper(III) is homolo-
gous to the cyclic 2,4-dioxo-1,3-diiron(IV) that is the 
oxidant formed in the active site of methane mono-
oxygenase (particulate) (2-136). In fact, methane 
monooxygenase (particulate) from M. capsulatus 
has a dinuclear cluster of prosthetic copper ions 
rather than a dinuclear cluster of prosthetic iron ions. 
In this cluster, one of the copper ions is coordinated 
by two imidazolyl groups from two histidines, and 
the other copper is coordinated by one imidazolyl 
group from the amino-terminal histidine and the 
free a-amino group of that histidine. There is a 
symmetric synthetic 1,3-dioxo-2,4-dicopper(III) in 
which each copper ion is coordinated by an imid-
azolyl group and a primary amine.2050 Spectral 
properties of this synthetic 1,3-dioxo-2,4-dicopper(III) 
are similar to those of a high-valent intermediate in 
the reaction catalyzed by the methane monooxy-
genase (particulate) that uses copper ions as pros-
thetic groups.2051 
 Peptidylglycine monooxygenase performs the 
hydroxylation of the secondary a carbon of an amino-
terminal glycine 

     
                (2-309) 

A related enzyme,730 dopamine b-monooxygenase, 
hydroxylates the benzylic carbon in 4-(2-amino-
ethyl)benzene-1,2-diol. Both enzymes use ¬-ascor-
bate (Equation 2-163) as the source of the two elec-
trons. In both enzymes there are two prosthetic 
copper ions in coordinations that are analogous to 
those of the two copper ions in nitrite reductase 
(NO-forming). One is coordinated by the imidazolyl  
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groups of two histidines and the sulfide of a methi-
onine,730 reminiscent of the widely distributed type 
of mononuclear copper ion in plastocyanin (Figure 
2-26D) except that the usual cysteine is missing, which 
is not the case in nitrite reductase (NO-forming). 
This absence leaves an open site536 on the Cu+ in 
the active form of the enzyme. The other copper 
ion is trigonally coordinated by three imidazolyl 
groups, just as is the catalytic copper ion in nitrite 
reductase (NO-forming). 
 It was always thought that, just like the two 
mononuclear copper ions in nitrite reductase 
(NO-forming), the two prosthetic copper ions in 
peptidylglycine monooxygenase and dopamine 
b-monooxygenase operated independently, except 
that their roles were exchanged. The open site on 
the prosthetic copper ion coordinated by the two 
imidazolyl groups and the sulfide was the catalytic 
site in these two latter enzymes, and the copper ion 
coordinated by the three imidazolyl groups relayed 
the electrons consecutively from the two ascor-
bates.535 
 There is what may well be a critical difference, 
however, between nitrite reductase (NO-forming) 
and peptidylglycine monooxygenase. In the former 
case, the cysteine coordinating the one copper ion is 
from the cysteine that follows one of the histidines 
coordinating the other copper ion in the sequence 
of amino acids for the enzyme,703,2022 so all the inter-
vening atoms are rigidly holding the two copper 
ions apart. In peptidylglycine monooxygenase and 
dopamine b-monooxygenase the cysteine is no 
longer there, and although the two copper ions are 
1.1 nm apart in the unoccupied enzymes,730 as they 
are in nitrite reductase (NO-forming),2020 there is 
nothing between them. In a crystallographic molecu-
lar model of human dopamine b-monooxygenase, 
there is a closed conformation in which two hinged 
domains, coordinating one of the copper ions, have 
closed upon each other to bring the two copper 
ions to within 0.5 nm of each other,2052 in an orien-
tation in which they can share either a molecule of 
oxygen or a hydroperoxide.2053 
 Consequently, peptidylglycine monooxygenase 
and dopamine b-monooxygenase and their relatives 
could well be considered to have a dinuclear cluster 
of prosthetic copper ions in their active sites. One 
hint that this may well be the case is that in the 
resting state of peptidylglycine monooxygenase the 
two copper ions have different reduction potentials 
(+270 and -15 mV), but upon association of a pep-
tide that is a reactant for the enzyme the two cop-
per ions have the same reduction potential (+80 mV) 

as if they were participants in an electronically 
coupled cluster.535 
 A complex forms between molecular oxygen 
and the Cu+ that is coordinated by the two imidaz-
olyl groups and the sulfide (Figure 2-58C),2054,2055 
but this occurs only when the active site is in a 
complex with a peptide substrate containing an 
amino-terminal glycine.2054 Molecular oxygen binds 
at a location immediately adjacent to the hydrogen 
that is to be replaced by a hydroxy group (Equation 
2-309). The association of molecular oxygen with 
the Cu+ is analogous to the binding of molecular 
oxygen to a prosthetic Fe2+ or ferroheme both because 
it ends up in a bent configuration (Figure 2-58C) and 
because carbon monoxide is able to associate2056 
with the Cu+. The Cu+ provides one of the electrons 
required by the reaction. 
 Following this initial association between mo-
lecular oxygen and the Cu+, the mechanism of the 
monooxygenation is less clear. The initial complex 
is equivalent to a superoxycopper(II), which would 
be a weak oxidant.2057-2060 It seems likely, however, 
that the active species is the dinuclear cluster of 
copper ions that forms when the domains close. In 
this case, the initial complex between Cu+ and mo-
lecular oxygen could be first hydronated2061 and 
then reduced by the second electron in the dinu-
clear cluster to the dicupric hydroperoxide,2053 which 
could be either the active oxidant or a precursor to 
the active oxidant,2057,2060 as is the case with a peroxy-
iron(III).  
 The multicopper oxidases are a family of related 
enzymes695,696,706,2062-2064 that each contain a trinu-
clear cluster of prosthetic copper ions. A representa-
tive of these clusters is the trinuclear cluster in 
laccase from M. albomyces (Figure 2-58E).2065 In a 
laccase, this cluster in its fully reduced tricuprous 
state reduces molecular oxygen to two molecules of 
water. The four electrons required for this reduction, 
depending on the laccase, are derived from the oxida-
tion of four quinols, four catechols, four amino-
phenols, or four phenylenediamines that are oxidized, 
each by one electron, to their semiquinones. These 
one-electron oxidations are the purpose of the 
respective laccase. 
 Following the association of a molecule of oxygen 
with the trinuclear cluster of three Cu+ in the active 
site of a laccase, the molecular oxygen is reduced 
to two molecules of water. The molecule of oxygen 
coordinates all three Cu+ ions (Figure 2-58E). As 
the molecular oxygen associates with the trinuclear 
cluster, the molecule of oxygen is reduced to a per-
oxide dianion by two of the three Cu+ among which 
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it is bound.2066-2068 The peroxide dianion is then 
hydronated at one of its two oxygens by the carboxy 
group of an aspartic acid2067 and reduced by one 
electron from the third Cu+ as the oxygen–oxygen 
bond dissociates.2069 Finally, an electron is trans-
ferred from a fourth, nearby (1.2 nm), mononuclear 
Cu+ (Figure 2-26A) by outer-sphere electron transfer. 
 The product of the reductions and the hetero-
lytic cleavage of the peroxide is a complex in which 
the hydroxide resulting from hydronation of one 
oxygen atom has become a m-hydroxy group between 
two of the Cu2+ and the oxide dianion that was the 
other oxygen is now sitting in the plane of and 
equidistant from all three Cu2+, coordinating all 
three of them2070  

 

In this form of the cluster, all the copper ions have 
been oxidized, and in the active site of the laccase 
from T. vernicifluum, it is only after its formation 
that three successive electron transfers from the 
nearby mononuclear copper ion occur, passing the 
electrons one at a time from three of the aromatic 
coreactants to rereduce2071 the three Cu2+. Hydro-
nations of the oxide dianion and the hydroxide, 
concerted with rereduction of the three Cu2+ to three 
Cu+, are necessary to regenerate the fully reduced 
form of the cluster in the active site of laccase and 
two molecules of water.2072 The electron removed 
from the fourth aromatic coreactant reduces the 
mononuclear copper itself to Cu+ ready to provide 
the fourth electron needed to reduce the next molec-
ular oxygen to water. As in cytochrome oxidase, all 
the electrons necessary to reduce molecular oxygen 
to the equivalent of two molecules of water are pre-
sent in the enzyme itself so that no intermediates 
have a chance to dissociate into the solution. 
 The nearby mononuclear copper ion in one of 
these multicopper oxidases, of which laccase is an 
example, is reduced from Cu2+ to Cu+ by removing 
an electron from the particular reactant that is 
oxidized by that particular multicopper oxidase. It 
has already been noted that the mononuclear copper 
ion in laccase (Figure 2-26A) consecutively removes 
one electron from each of four quinols, four catechols, 
four aminophenols, or four phenylenediamines to 

produce their semiquinones, and these four elec-
trons consecutively reduce the completely cupric 
cluster (2-145) to the completely cuprous cluster 
as the m-hydroxide and the m-oxide dianion are 
hydronated and eventually leave the enzyme as 
hydroxide ions or molecules of water.  
 Each of the other enzymes in the family of 
multicopper oxidases has, in addition to the trinu-
clear cluster, a mononuclear cluster responsible for 
the consecutive oxidations of its particular reac-
tants. For example, ¬-ascorbate oxidase uses a 
mononuclear copper ion, coordinated as is the one 
in plastocyanin (Figure 2-26D), to oxidize consecu-
tively four molecules of ¬-ascorbate to four 
¬-monodehydroascorbates by four separate outer-
sphere electron transfers.696 After rereduction of the 
enzyme, the tricuprous cluster is ready to bind the 
next molecule of oxygen (Figure 2-58E) and the 
cuprous mononuclear cluster is ready to provide 
the fourth electron. Because the reduction of oxygen 
to water oxidizes a particular multicopper oxidase, 
the mononuclear Cu2+ that it then uses to perform 
its particular oxidation is a particularly strong oxidant. 
The purpose of ¬-ascorbate oxidase, an enzyme 
that seems to oxidize a coenzyme that is only used 
as a reductant by converting molecular oxygen to 
water, is unknown. 
 Nitrous-oxide reductase 

            (2-310) 

contains a tetranuclear cluster of prosthetic copper 
ions (Figure 2-58F).747,2073 In the crystallographic 
molecular models of nitrous-oxide reductase from 
P. denitrificans2074 and from Achromobacter cyclo-
clastes,2073 three of the copper ions are coordinated 
by the imidazolyl groups of two histidines and one 
of them by the imidazolyl group of only one histi-
dine, and each of the four copper ions forms a 
bond with the same tetrahedrally coordinated sul-
fide dianion in the center of the cluster.2075,2076 This 
form of the cluster is responsible for the enzymatic 
activity.2077,2078 The nitrous oxide, N∫N+-O- (2-106), 
is thought to bind to the reduced tetracopper(I) 
cluster in the active site of the enzyme at the posi-
tion occupied by the two molecules of water in the 
crystallographic molecular model of the oxidized 
enzyme (Figure 2-58F),2079 with its peripheral nitrogen 
taking the place of one of the waters and its periph-
eral oxygen taking the place of the other2080 to form 
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a six-membered ring composed of the two nitrogens 
and the oxygen of nitrous oxide, the two copper 
ions with open sites, and the sulfide dianion. The 
fully reduced tetracuprous cluster is responsible for 
the reduction,2078,2080 and it performs successive 
inner-sphere transfers of the two electrons to the 
bound nitrous oxide while its oxygen is hydronated 
twice by a catalytic acid base.2079 In the paramagnetic 
tricopper(I)copper(II) intermediate, there is an 
unpaired electron shared between the two copper 
ions coordinated by the resulting O-hydronated 
tautomer, · N=N-OH (2-108), of the radical (2-107) 
of nitrous amide (2-109).2081 Transfer of the next 
electron and a hydron produces molecular nitrogen 
and a molecule of water. There is a CuA dinuclear 
cluster of copper ions (Figure 2-26F) 1.0 nm away 
from the tetranuclear cluster of prosthetic copper 
ions, and this CuA cluster is the point of entry for 
the electrons from the natural donor that rereduces 
the enzyme.747 It is unclear why six Cu+ are needed 
for a two-electron reduction (Equation 2-310). 
 
 Manganese ions are also found in enzymes 
that perform oxidation–reductions of the oxides and 
hydrides of hydrogen, oxygen, nitrogen, carbon, and 
sulfur. In these enzymes, the prosthetic manganese 
ions can assume the oxidation states Mn+2, Mn+3, 
Mn+4, and possibly Mn+5. 
 There are several enzymes that have a pros-
thetic, mononuclear manganese ion in their active 
sites and use it to catalyze reactions similar to those 
catalyzed by mononuclear iron ions. For example, 
3,4-dihydroxyphenylacetate 2,3-dioxygenase from 
Arthrobacter globiformis has a manganese ion in its 
active site even though it catalyzes the same reaction 
(Equation 2-277) passing through the same inter-
mediates (Equation 2-278) as a 3,4-dihydroxyphenyl-
acetate 2,3-dioxygenase that has a mononuclear 
iron ion in its active site.2082 Toxoflavin lyase from 
Paenibacillus polymyxa has a mononuclear manga-
nese ion in its active site that is coordinated by two 
carboxylato groups and an imidazolyl group,2083 a 
coordination that ensures that the manganese ion 
remains Mn2+ during the reaction. The enzyme 
catalyzes a reaction analogous to a Baeyer–Villiger 
rearrangement2084 like the one catalyzed by the 
Fe2+ in 3,4-dihydroxyphenylacetate 2,3-dioxygenase 
(Equation 2-278). 
 There are also enzymes that have mononuclear 
manganese ions in their active sites that are unlike 
enzymes with iron ions in their active sites. Oxalate 
decarboxylase 

          (2-311) 

from B. subtilis2085 has a mononuclear Mn2+ in its 
active site octahedrally coordinated by three imidaz-
olyl groups, a carboxylato group, and two molecules 
of water.2086 Although it catalyzes a reaction that does 
not involve molecular oxygen, molecular oxygen must 
be present for the enzymatic reaction to occur. It is 
believed that the two open sites on the Mn2+ are 
occupied at the same time by oxalate and molecular 
oxygen, and that the molecular oxygen removes an 
electron from the carboxylato group of the oxalate 
that is a ligand to the Mn2+ and becomes a superoxide 
radical anion.2085 The electron transfer produces the 
carboxy radical of oxalate (-OOCCOO· ) that decom-
poses into carbon dioxide and a formyl radical anion 
(-OOC· ). The existence of the formyl radical anion 
as an intermediate in the enzymatic reaction has 
been demonstrated by trapping it with N-tert-butyl-
1-phenylmethanimine oxide, a stable radical that 
adds to the formyl radical anion released adventi-
tiously into the solution as a side product by a mutant 
of the enzyme.2087 In the unmutated enzyme this 
intermediate is presumably held tightly in the active 
site. Hydronation of the carbon of the formyl radical 
anion coincident with transfer of an electron from 
the superoxide radical anion back to the resulting 
formate radical completes the reaction and regen-
erates the molecular oxygen. In one sense, the 
molecular oxygen is an electron-transferring coen-
zyme, accepting an electron and then donating it 
back, much as the electron-transferring coenzyme for 
ribonucleoside-diphosphate reductase containing 
the stable tyrosyl radical removes an electron from 
the sulfido group in the active site and then donates 
it back at the end of the reaction. 
 The decomposition of the carboxy radical of 
oxalate is an example of the rapid and spontaneous 
decarboxylation of any carboxy radical. During 
decarboxylation, the carbon dioxide leaves behind 
the radical of the carbon to which it was attached 

                         (2-312) 

In the case of oxalate decarboxylase, this is the 
formyl radical anion. The bond dissociation energies 
of most carbon–carbon bonds between a carboxy 
radical and an adjacent carbon are actually negative 
(-30 to -110 kJ mol-1),2088 unlike those for almost 
every other type of carbon–carbon bond, because 

oxalate  +  H+  1  CO2  +  formate
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carbon dioxide is such a stable molecule. The first-
order rate constants for the decarboxylations of 
most carboxy radicals2089-2091 at 20 ªC are in the 
range between 1 and 800 ns-1. The decarboxylation 
of the carboxy radical formed upon dissociation of 
the oxygen–oxygen bond of the peroxy group in the 
tert-butyl peroxy ester of ethyl oxalate occurs so 
rapidly that it was concluded that it was indistin-
guishable from being concerted with dissociation 
of the oxygen–oxygen bond.2092 
 Oxalate oxidase 

        
                (2-313) 

from Hordeum vulgare has a mononuclear manga-
nese ion also coordinated by three imidazolyl 
groups and a carboxylato group.1409 The manganese 
ion, however, must be Mn3+ or Mn4+ rather than 
Mn2+ for the enzyme to be active. In oxalate oxidase, 
the Mn3+, rather than the complex between molecular 
oxygen and Mn2+, removes an electron from the 
oxalate to produce carbon dioxide and the same 
formyl radical anion, which is then converted into 
carbon dioxide rather than formate when the molec-
ular oxygen removes the unpaired electron from it. 
The resulting superoxide radical anion is hydronated, 
and transfer of a hydron from an acid and an electron 
from the Mn2+ to the hydroperoxy radical completes 
the reaction.2093 
 There is also a dinuclear cluster of prosthetic 
manganese ions in an oxidase in S. thioluteus that 
has a structure similar to those of dinuclear clusters 
of prosthetic iron ions (Figure 2-57F to 2-57I) in 
that it has two bidentate bridging carboxylato groups. 
One of the manganese ions is coordinated by two 
imidazolyl groups and a monodentate carboxylato 
group, and the other manganese ion is coordinated 
by an imidazolyl group and another monodentate 
carboxylato group. This dinuclear cluster of prosthetic 
manganese ions catalyzes the N-hydroxylation of 
arylamines.2094 
 Catalase from L. plantarum (Equation 2-242) 
has a dinuclear cluster of prosthetic manganese 
ions2095,2096 

 

that resembles closely the dinuclear cluster of pros-
thetic iron ions (Figure 2-57I) in methane monooxy-
genase (soluble). The dinuclear cluster cycles between 
the Mn+3 Mn+3 oxidation state and the Mn+2 Mn+2 
oxidation state.2097,2098 The former oxidizes hydrogen 
peroxide to oxygen; the latter reduces hydrogen 
peroxide to water. It is thought that, in the oxidized 
cluster, hydrogen peroxide replaces water as a ligand 
on the exocyclic open site of one of the manganese 
ions in 2-146, and after the reduction and the removal 
of the hydrons, the resulting molecular oxygen leaves 
from the resulting Mn2+. In the reduced enzyme, 
however, hydrogen peroxide is able to replace a 
m-hydroxy group, the conjugate acid of one of the 
m-oxo groups in 2-146, because it is not held that 
tightly by the Mn2+ ions.2095 
 There is a synthetic dinuclear cluster of manga-
nese ions that is able to catalyze the same dismutation 
of hydrogen peroxide performed by the catalase, 
albeit at a much slower rate.2099 It is possible to oxidize 
manganese catalase from L. plantarum to a superoxy-
manganese(IV)manganese(III)2100 state, which is not 
an intermediate in the normal enzymatic reaction 
but displays some of the properties2101 of the cluster of 
four manganese ions in photosytem II.  
 
 The prosthetic cluster of four manganese ions 
in photosytem II of green plants and cyanobacteria 
is responsible for producing molecular oxygen 
from two molecules of water. The random choice of 
water as the source of electrons for photosynthesis, 
and the production of molecular oxygen as a by-
product of this choice, is one of the most influential 
events in the history of life on earth. The oxidation 
of water is performed by a pentanuclear cluster of 
four manganese ions, a calcium dication, and five 
m-oxo ions.1009,1028,2102,2103 During the conversion of 
two molecules of water to a molecule of oxygen, a 
four-electron oxidation, the four hydrons that are also 
products are released to the positive, acidic solution 
because electrons are transferred from the cluster 
that performs the oxidation to the hole in the spe-
cial pair, which is on the positive, acidic side of the 
membrane (Figure 2-34).  
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 In the crystallographic molecular model of photo-
system II from Thermosynechococcus vulcanus, 
each of the four manganese ions in the cluster is 
octahedrally coordinated by six ligands (Figure 
2-59).1011,1012,2104-2106 The ligands are m-oxo ions, 
carboxylato groups, molecules of water, and imidaz-
olyl groups, typical ligands for manganese ions (see 
2-146). The calcium dication has seven oxygens, 
anionic and neutral, as ligands pushing and shoving 
around it, which is one of the typical coordinations 
for Ca2+. Three of the seven external faces of the 
cluster have bidentate carboxylato groups coordi-
nating the two metallic ions on that face. Each m-oxo 
ion has four ligands. By convention the manganese 
ions, the m-oxo groups, and the molecules of water 
in the vicinity are numbered as in the figure to ease 
discussion of their roles. 
 In a synthetic cubane of three Mn4+, four m-oxo 
groups, and a Ca2+, for which a crystallographic 
molecular model of high resolution is available, all 
nine of the oxygen–manganese distance are between 
0.183 and 0.192 nm.2107,2108 Six of the distances 
between manganese ions and oxo groups in the 
crystallographic molecular model of the cluster in 
photosystem II from T. vulcanus2106 are between 
0.18 and 0.19 nm. The distance, however, between 
Oxo 5 and Manganese 1 is 0.27 nm and the distance 
between Oxo 5 and Manganese 4 is 0.22 nm, and 
these dispositions significantly widen the gap between 
Manganese 4 and Manganese 1. Within this gap, 
the molecule of oxygen is produced from two oxy-
gen atoms that were originally in two molecules of 
water.2109,2110 This widening is presumably a steric 
effect produced by the side chains of the amino 
acids that are ligands to these manganese ions, and 
it is essential to provide the room necessary for the 
oxidation. In response to this steric widening of the 
gap between Manganese 1 and Manganese 4, the 
distance between Manganese 3 and Oxo 3 increases 
to 0.23 nm, the distance between Manganese 3 and 
Oxo 5 increases to 0.21 nm, and the distance between 
Manganese 2 and Oxo 3 increases to 0.21 nm. 
 Because Ca2+ is incapable of being oxidized or 
reduced at normal biochemical potentials, the 
manganese ions in the cluster provide four elec-
trons, one at a time in a sequence of steps, to the 
successive holes that develop in the special pair 
during the absorption of four successive quanta of 
light by the reaction center within photosystem II. 
As has already been noted, transfer of each of these 
four electrons from the cluster of manganese ions 
 

(Figure 2-59) to the hole in the special pair (Figure 
2-35) passes through a tyrosine—Tyrosine 161 in 
the active site of photosystem II from T. vulcanus 
(Figure 2-59)—which donates an electron to the 
hole in the special pair to become the tyrosyl radi-
cal, which then removes an electron from the cluster. 
 The four separate removals from the cluster, 
each of one electron, by the special pair in the re-
action center can be coordinated over a population 
of photosystems II by sitting a suspension of chloro-
plasts in the dark until the majority of the tetra-
nuclear clusters of prosthetic manganese ions are 
reduced by endogenous reductants to the resting S1 
or (Mn3+)2(Mn4+)2 oxidation state, the state of the 
crystallographic molecular model in Figure 2-59, 
and then exposing them to a regular sequence of 
short flashes of light intense enough to excite al-
most all photosystems II in the sample on each 
flash.2111-2113 The same result can be achieved by 
poising purified photosystem II electrochemically 
in the S1 state and then exposing the preparation to 
successive flashes of light. 
 If it is intense enough, the first flash creates 
holes in almost all the special pairs, and each hole 
then accepts an electron through the tyrosine from 
its associated cluster to take the majority of the 
clusters to the S2 or Mn3+(Mn4+)3 oxidation state 
(t" = 100 ms).2114-2116 The distribution of absorb-
ances in the electron–nuclear double resonance 
spectrum for this S2 oxidation state of photosystem II 
of Thermosynechococcus elongatus indicates that 
the electron, and hence the hole, is shared almost 
equally among the four manganese ions and that 
none of the manganese ions can be Mn2+.2117 
 Up to this point, the two molecules of water or 
m-oxo bridges within each cluster that will become 
the molecule of oxygen are still molecules of water, 
m-hydroxy bridges, or m-oxo bridges, and they ex-
change with molecules of water in the solution, 
albeit slowly.2118-2120 Oxo 5 has been identified as one 
of these exchangeable oxygens by W-band oxygen-17 
electron–electron double resonance-detected nuclear 
magnetic resonance spectra2121 after rapid dilution 
of samples poised in the S2 oxidation state into 
H2

17O. This m-oxo bridge is the most likely to be one 
of the two oxygens destined to become molecular 
oxygen because it is the only m-oxo bridge that is 
coordinated by the Ca2+ and two of the four manga-
nese ions, is adjacent to a third manganese ion, and 
sits in the widened gap between Manganese 1 and 
Manganese 4. Furthermore, the geometry of its 
coordination is strained because it is farther from   
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Figure 2-59: Stereodrawing50 of the cluster of four manganese 
ions and a calcium dication responsible for the conversion of 
two molecules of water into a molecule of oxygen.1011 Black 
atoms are carbons, white atoms are oxygens, and gray atoms 
are nitrogens. The calcium dication is the large labeled dark 
gray sphere, and the four manganese ions are the smaller dark 
gray spheres surrounded by their ligands. By convention, the 
manganese ions, the m-oxo groups, and the molecules of water 
in the vicinity are numbered as in the figure to ease discussion 
of their roles. The m-oxo groups among the metallic ions and 
several molecules of water are the small white spheres. Crude 
particles containing photosystem II were extracted from thyla-
koids of T. vulcanus with the detergent lauryldimethylamine 
N-oxide. These crude particles were dissolved in a solution of  

2.0% n-dodecyl b-∂-maltoside, 20 mM NaCl, and 25% glycerol 
at pH 6.0, and purified by stepwise elution from a chromato-
graphic medium to which quaternary amines are covalently 
attached.2105 The intact photosystem II with all its components 
still associated was then further purified by recrystallization 
with poly(ethylene glycol) from 40 mM MgSO4, 20 mM CaCl2, 
20 mM NaCl, and 0.02% n-dodecyl b-∂-maltoside at pH 6.5.2104 
The final crystals were submitted to X-ray crystallography, and 
data were collected to Bragg spacing of 0.19 nm.1011 The cluster 
and the side chains of the aspartates, glutamates, histidines, and 
an arginine that attach it to the protein are drawn. The free 
carboxylate of the carboxy-terminal alanine (Alanine 344) of 
one of the folded polypeptides in the complex is also a 
bidentate ligand to the cluster. 
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tetrahedral than any of the other m-oxo bridges in 
the cluster. There is evidence from crystallography 
performed with short pulses of X-rays that one of the 
bonds between this m-oxo group and either Manga-
nese 1 or Manganese 4 lengthens further during the 
transition between S1 and S2.2123 
 In the next step, the second flash takes the 
cluster to the S3 oxidation state (t" = 250 ms).2114 
Magnetic resonance spectroscopy of this oxidation 
state2124 and determinations of its spin state2125 
demonstrate that all four of the manganese ions 
are Mn4+. 
 A crystallographic molecular model of the 
cluster in the S3 oxidation state, derived from a data 
set with reflections to Bragg spacing of 0.215 nm 
that was assembled from reflections collected with 
short pulses of X-radiation (10 fs) impinged on the 
crystals after two flashes of light, clearly shows that 
two oxo groups are now between Manganese 4 and 
Manganese 1.2110 The distances from Manganese 4 
to the first oxo group, from the first oxo group to 
the second oxo group, and from the second oxo 
group to Manganese 1 are 0.22, 0.19, and 0.17 nm, 
and the distance between Manganese 4 and 
Manganese 1 has expanded from 0.49 nm in the 
S1 oxidation state to 0.52 nm. This disposition of 
oxygen atoms is consistent with other crystallo-
graphic observations performed with short pulses 
of X-rays2126 and extended X-ray absorption fine 
structure,2127 which are consistent with a structure 
for the complex in which the bond between Oxo 5 
and either Manganese 1 or Manganese 4 has been 
broken, and the open coordination site on that 
Mn4+ has become occupied by a hydroxide. The 
van der Waals radius of an oxygen atom is 0.15 nm, 
the oxygen–oxygen bond length in hydrogen peroxide 
is 0.149 nm, and the oxygen–oxygen bond length in 
a molecule of oxygen is 0.121 nm. Consequently, 
because the distance between the two oxo groups 
is 0.19 nm, the two oxo groups are forced into a 
disposition in which their van der Waals circumfer-
ences overlap significantly, but they are not yet either 
a hydroperoxide or a molecule of oxygen.  
 In the S1 oxidation state, the distances from 
Manganese 4 to Oxo 5 and from Oxo 5 to Manga-
nese 1 are 0.22 and 0.27 nm, so at first glance it 
seems as though an oxo group has been inserted 
between Oxo 5 and Manganese 1, but there is obvi-
ously no way to tell one of the oxo groups from the 
other crystallographically. The closest molecule of 
water to the bonds between Manganese 4, Oxo 5, 
and Manganese 1 at the S1 oxidation state (Figure 
2-59) is Water 3 on the Ca2+, but it lies immediately 

adjacent to the bond between Manganese 4 and Oxo 5. 
If this molecule of water becomes the second oxo 
group, it probably inserts into the space between 
Manganese 4 and Oxo 1, and the two resulting oxo 
groups simply shift in location to the orientations 
of lowest energy. Studies of the effect of external 
pH on the rate lead to the conclusion that the tran-
sition from the S2 to the S3 oxidation state proceeds 
with the release of a hydron into the solution,2128 
perhaps one of the hydrons on the molecule of water 
or the hydroxide that is removed before it enters the 
gap. If indeed Water 3 has entered the gap, it is prob-
ably the carboxylato group of Glutamate 189 that 
removes the hydron. 
 There are a number of observations consistent 
with the conclusion that the molecule of water that 
becomes the second oxo group during the transi-
tion to the S3 oxidation state is Water 5, the closest 
molecule of water on the Ca2+. In the presence of 
ammonia, Water 1 and Water 2 on Manganese 4, 
respectively, are replaced by two molecules of 
ammonia, but ammonia has no effect on the ability 
of photosystem II to turn molecules of water into 
molecules of oxygen.2129 Because these are the only 
other observed molecules of water near the space 
between Manganese 4 and Manganese 1, this obser-
vation supports the conclusion that the new oxo 
group between them in the S3 oxidation state was 
Water 3 before it inserted. In addition, Fourier-
transform infrared spectra of the molecule of water 
destined to enter the gap are significantly affected 
by the substitution of Ca2+ by Sr2+, an observation 
that indicates that Water 3 is that molecule of 
water.2130 There are also arguments,2109,2131-2133 
however, that the molecule of water that fills the 
gap is actually Water 2 on Manganese 4, but the 
fact that the replacement of this molecule of water 
by ammonia has no effect on the conversion of 
water to molecular oxygen would seem to rule out 
this possibility. 
 It is only after the third flash2111takes the cluster 
to the S4 oxidation state by removing one more 
electron from it that four electrons in the two oxo 
groups in the gap between Manganese 1 and Manga-
nese 4 are removed by the surrounding manganese 
ions and a molecule of oxygen is produced. The 
transfer is so rapid that no intermediates, not even 
S4 itself, have been observed while the molecule of 
oxygen is being produced.2111,2113,2134 During this 
transition between S3 and S4, the exchange of oxygens 
in the cluster destined to become molecular oxygen 
with molecules of water in the solution slows dra-
matically,2134 a fact suggesting that at this point an 
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almost irreversible commitment to forming an 
oxygen–oxygen bond has been made. During this 
transition between S3 and S4, a transient interme-
diate has been observed that is produced by the 
dissociation of a hydron from the cluster, perhaps 
from a hydroxy group, before the four electrons are 
removed essentially simultaneously from the two 
oxo groups.2135 
 In S3, all four manganese ions are Mn4+, and 
the cluster itself contains an even number of elec-
trons. The removal of an electron from the cluster 
in which the two oxo groups are in position between 
Manganese 1 and Manganese 4 initiates the imme-
diate formation of molecular oxygen. Upon remov-
al of the electron, the cluster has an odd number of 
electrons. Formally, because one electron has been 
removed from a cluster of four Mn4+, one of the 
manganese ions on which an oxo group is located 
has become an oxomanganese(V). Just as in S2, 
however, the unpaired electron in the cluster in 
photosystem II could well be distributed over the 
entire complex, so it is not clear whether the for-
mation of molecular oxygen is the expression of the 
capacity of an oxomanganese(V) or the expression 
of the capacity of the unpaired electron itself. Syn-
thetic oxomanganese(V) complexes, however, have 
been proposed to be models of an oxomanganese(V) 
in the S4 oxidation state.2136 
 In isolation, surrounded by singlet ligands such 
as nitrogens, oxygens, or sulfurs, an oxomanganese(V) 
has an even number of electrons and is a strong 
electrophile, which would be expected to react in-
stantaneously with an immediately adjacent formal 
oxide or hydroxide. In fact, oxomanganese(V) in a 
binuclear dioxodimanganese(V) is known to be able 
to act as an electrophile in a nucleophilic addition 
of hydroxide to produce molecular oxygen2137 

 (2-314) 

When, however, a mononuclear oxomanganese(V) 
in 5,10,15-tri(4-nitrophenyl)porphyrin was synthe-
sized, it also reacted as an electrophile with hydrox-
ide, but the product was peroxymanganese(III) rather 
than molecular oxygen.2138 Consequently, the other 

oxomanganese(V) in the dinuclear complex (Equa-
tion 2-314), an excellent oxidant, is required to 
remove two electrons from the initial peroxyman-
ganese(III) formed from the oxomanganese(V) to 
which the hydroxide added to produce the molecular 
oxygen. If there is a transient oxomanganese(V) in 
the cluster at the S4 oxidation state, it must be 
formed from either Manganese 1 or Manganese 4 and 
the respective, adjacent oxo group in the space 
between them. The other oxo group would be 
equivalent to a hydroxide and would immediately 
add nucleophilically to the oxygen of the oxomanga-
nese(V). It is possible that the other three Mn4+ in 
the cluster together would constitute a strong 
enough oxidant to convert the resulting hydroper-
oxymanganese(III) to molecular oxygen and Mn3+, 
as well as a hydron. 
 If, however, the unpaired electron in S4 is dis-
tributed over the cluster, including the oxygen atoms 
in the cluster, it is possible that the equivalent of an 
oxy radical initiates a sequence of radical intermedi-
ates in the production of molecular oxygen.2120,2139 
In one of the steps in this sequence, a single bond 
would be formed between the two oxo groups be-
tween Manganese 1 and Manganese 4 in the cluster 
to produce again a peroxide dianion shared by the 
two Mn4+. 
 In both the mechanism involving a nucleophilic 
addition and the mechanism involving a colligation, 
a peroxide or hydroperoxide between two Mn4+ is an 
intermediate. A binuclear peroxydimanganese(IV) 

 

has been synthesized in which two Mn4+ are com-
plexed with a bridging peroxide dianion. Upon 
acidification (pH 3) in 0.5 M NaCl, the peroxide is 
released as molecular oxygen2140 and the manga-
nese ions end up as the chlorides of Mn3+. In this 
reaction, each manganese has oxidized each atom 
of oxygen in the final molecular oxygen by one 
electron. 
 There is also precedence, in a synthetic cluster 
of manganese ions that can convert water to molec-
ular oxygen, for the oxygen to be produced from 
two m-oxo oxides.2141 In this case, however, both 
m-oxo groups that combine to form oxygen are ligands 
to the same manganese ion. It has been proposed 
that such an intermediate could be involved in the 
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formation of molecular oxygen in the S4 oxidation 
state,2142 but it is hard to see how the two oxo groups 
between Manganese 1 and Manganese 4 could end 
up on just one manganese ion because both man-
ganese ions are coordinated by five other ligands, 
and Mn4+ holds its ligands tightly. Another synthetic 
cluster of manganese ions can convert two molecules 
of water to molecular oxygen, but again, the two 
molecules of water must occupy two open sites on 
the single manganese ion in the cluster.2137  
 During the hidden formation of molecular 
oxygen in the S4 oxidation state in photosystem II, 
four electrons are transferred to the manganese 
ions from the two oxygens that begin at the oxida-
tion state of water and end up at the oxidation state 
of molecular oxygen. Consequently, the manganese 
ions that consumed the four electrons have been 
reduced to the S0 or (Mn3+)3Mn4+ oxidation state.2115 
Magnetic multiresonance electron paramagnetic 
spectra2122 following rapid dilution into H2

17O and 
surface-enhanced Raman infrared spectra2143 of 
photosystem II poised electrochemically in the S0 
oxidation state identify a hydroxy group, presumably 
derived from a molecule of water that has filled the 
empty space between Manganese 4 and Manga-
nese 1 left behind after dissociation of the molecular 
oxygen. This hydroxy group then becomes Oxo 5 in 
the S1 oxidation state after the removal of an electron 
from the cluster at the S0 oxidation state.2122 
 The fourth flash returns the majority of the 
photosystems II to the S1 or (Mn3+)2(Mn4+)2 oxida-
tion state, where we began.2115 Consequently, four 
successive flashes, which provide four successive 
quanta of light to each photosystem II and which 
absorb one electron from the cluster for each quantum 
of light, complete the cycle. 
 At this point in the discussion, the role of the Ca2+ 
and why it is suitable to fill this role become obvious. 
Water 3 on the Ca2+ lies immediately adjacent to 
the gap between Manganese 4 and Manganese 1, 
and its role seems to be to feed molecules of water 
or hydroxide ions into the gap.2144,2145 It is also 
immediately adjacent to Water 4 on the Ca2+ that 
participates in an extended cluster of molecules of 
water* that are held together by hydrogen bonds 
and that ultimately blend into the positive, acidic 
solution.2110 The two oxo groups in the gap between 
Manganese 1 and Manganese 4 in the S3 oxidation 
state immediately become a molecule of oxygen on 
reaching the S4 oxidation state. The molecule of 
                                                
*There is also a chain of water molecules, albeit far less extensive, 
connecting the waters on Manganese 4 to the positive, acidic 
solution.2110  

oxygen immediately dissociates because the 
Manganese 4 and Manganese 1 are both Mn3+, neither 
of which has any affinity for molecular oxygen. The 
empty gap is filled by Water 3 in the S0 oxidation 
state, Water 4 moves over to the position previously 
occupied by Water 3, and Water 4 is replaced by a 
molecule of water from the extended cluster of 
molecules of water. Upon again reaching the 
S3 oxidation state, the single oxo group between 
Manganese 4 and Manganese 1 is shoved over to 
Manganese 1 as a molecule of water or a hydroxide 
is pulled into the gap, and Water 4 again moves 
over and is replaced by a molecule of water in the 
chain. 
 Water 3 and Water 4 seem to be at the center of 
the action (Figure 2-59). The 4-hydroxy group of 
Tyrosine 161, the tyrosine from which electrons are 
removed consecutively during photosynthesis, forms 
a hydrogen bond to Water 4. There is a hydrogen 
bond between the 4-hydroxy group of Tyrosine 161 
and the imidazolyl group of Histidine 190, which 
along with the carboxy group of Glutamate 189 (a 
ligand to Manganese 1) can be a catalytic acid shut-
tling hydrons away from Water 3 and Water 4. The 
most reasonable path along which an electron can 
pass out of the cluster upon the successful capture 
of a photon would be through Histidine 190 and 
Glutamate 189. The carboxy group of Glutamate 189 
can form a hydrogen bond with either Water 3 or 
Water 4, and there are crystallographic maps of dif-
ference electron density suggesting that this carboxy 
group is planted by one of its oxygens on Manganese 1 
while its other oxygen pivots as the consecutive oxida-
tions proceed.2110,2144,2145 When Glutamate 189 is 
mutated to a serine or a glycine, the progression from 
the S2 to the S3 oxidation state is prevented.2132 
 Manganese(III) is the paradigmatic octahedrally 
coordinated transition metallic ion. Its ionic radius 
(0.075 nm) is quite small, and it is a hard metallic 
ion that holds its ligands tightly and closely because 
of the high field strength. As a result, the rate con-
stant for the exchange of a molecule of water2146 
from a Mn3+ is in the range of 10 ms-1. Calcium 
dication is an even harder metallic ion that is almost 
exclusively coordinated by oxygens from its ligands, 
but it has a large ionic radius (0.11 nm). As a result, 
it holds its ligands farther from its nucleus, and, 
because they are held farther away and its charge 
number is only +2, it holds its ligands less tightly. 
As a result, the rate constant for the exchange of a 
molecule of water from Ca2+ is 200 ms-1. Because it 
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is so large and holds its ligands so loosely, its coor-
dination is haphazard, varying from four oxygens 
to seven oxygens oriented unpredictably, presum-
ably in a configuration dictated only by steric forces 
and electron repulsion within the ligands them-
selves. Consequently, molecules of water can move 
over the surface of a Ca2+ readily, the perfect situa-
tion for feeding molecules of water into the breach 
between Manganese 1 and Manganese 4 one after the 
other as molecules of oxygen are made and rapidly 
dissociate. 
 
 Molybdenum ions are used prosthetically in 
active sites to perform oxidation–reductions in 
which single atoms of oxygen are reduced or oxi-
dized, while coreactants are oxidized or reduced. 
In these reactions the prosthetic molybdenum ion 
can assume the oxidation states Mo4+, Mo5+, and 
Mo6+. A mononuclear, prosthetic molybdenum ion 
is almost always coordinated by one or two molyb-
dopterins 

 

or one or two of its derivatives.2147-2153 Eukaryotic 
molybdoenzymes usually contain the unmodified 
molybdopterin (2-148) while prokaryotic molybdo-
enzymes almost always contain modified molybdo-
pterins that are dinucleotides in which a GMP, a 
CMP, an AMP, or an IMP is attached to the phos-
phate group of the molybdopterin* in a diphos-
phate linkage,2154 but there is at least one bacterial 
molybdoenzyme in which the molybdenum ion is 
coordinated by two unmodified molybdopterins.2155 
Eukaryotic molybdoenzymes always have a molyb-
denum ion coordinated by only one unmodified 
molybdopterin while bacterial and archael molybdo-
enzymes can have molybdenum ion coordinated 
by one or two modified molybdopterins. The oxo-
molybdenum(VI) bismolybdopterin prosthetic group 
in respiratory dimethylsulfoxide reductase from 
R. sphaeroides (Figure 2-60)2148,2156 is an example 
of a prosthetic molybdenum ion coordinated by two 
molybdopterins. In the figure, the 5¢-guanidyl groups 

                                                
*From here on, no distinction will be made between molybdo-
pterin itself and a molybdopterin to which a nucleotide is 
attached. They will both be called “molybdopterin”. 

on the phospho groups of the two molybdopterins 
in this bacterial molybdoenzyme have been omitted. 
 Most, but not all,2157 of the enzymes containing 
molybdenum ions coordinated by one or two molyb-
dopterins convert the oxygen atom in an oxo 
group or hydroxy group on a reactant into a mole-
cule of water, a conversion involving no oxidation 
or reduction of the atom of oxygen, coincident with 
the reduction of the reactant by two electrons sup-
plied by an electron-transferring coenzyme. In the 
reverse direction, they convert the atom of oxygen 
in a molecule of water into an oxo group or hydroxy 
group on a reactant, again a conversion involving 
no oxidation or reduction of the atom of oxygen, 
coincident with the oxidation of the substrate by two 
electrons that are accepted by the same electron-
transferring coenzyme. Examples of molybdoen-
zymes are respiratory dimethylsulfoxide reductase 

            
                (2-315) 

trimethylamine-N-oxide reductase2149 

    
                (2-316) 

amidoxime reductase2158,2159 

   
                (2-317) 

arsenate reductase (azurin)2160 

    
                (2-318) 
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Figure 2-60: Stereodrawing50 of the enzymatically active oxomo-
lybdenum(VI) bismolybdopterin in the crystallographic molec-
ular model of fully oxidized respiratory dimethylsulfoxide 
reductase from R. sphaeroides.2156 Black atoms are carbons, 
white atoms are oxygens, and gray atoms are nitrogens. The 
molybdenum ion is the smaller dark gray sphere surrounded 
by its ligands in the center of the drawing. The two molyb-
dopterins (2-148), to the right and to the left in the drawing, 
provide four sulfido groups as ligands to the Mo6+. The two 
molybdopterins are related by a twofold rotational axis of 
pseudosymmetry passing through the molybdenum. The 
hydroxy group of Serine 147 provides a sixth ligand to the 
molybdenum ion. The axis of pseudosymmetry roughly bisects 
the angle between the oxo group and the hydroxy group. 
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nitrate reductase (quinone)883 

   
                (2-319) 

aerobic carbon monoxide dehydrogenase2161,2162 

                   (2-320) 

sulfite oxidase 

    
                (2-321) 

4-hydroxybenzoyl-CoA reductase2163 

      
                (2-322) 

xanthine dehydrogenase2164 

  
                (2-323) 

 
 
 
 
 

and aldehyde dehydrogenase (FAD-independent) 

       
                (2-324) 

 These examples illustrate the fact that these 
enzymes containing molybdenum ions coordinated 
by one or two molybdopterins are able to transfer 
an oxo group or hydroxy group to or remove an oxo 
group or a hydroxy group from an atom of sulfur, 
nitrogen, arsenic, or carbon. In the case of carbon, 
a hydrogen on the carbon is usually replaced by a 
hydroxy group or, in reverse, a hydroxy group is 
replaced by a hydrogen. These reactions at carbon, 
however, should be distinguished from the hydrox-
ylations catalyzed by prosthetic groups such as 
oxoiron(IV) porphyrin· + because the carbons hydrox-
ylated are not aliphatic carbons. 
 In the crystallographic molecular model of the 
enzymatically active2156,2165,2166 oxidized form of 
respiratory dimethylsulfoxide reductase from 
R. sphaeroides, the hexacoordinate molybdenum 
ion in the oxomolybdenum(VI) bismolybdopterin 
is coordinated by the four sulfido groups from the 
two molybdopterins and the oxido group of a serine 
in addition to an oxo group (Figure 2-60). In the 
oxomolybdenum(VI) bismolybdopterin in the en-
zyme, the molybdenum ion is stable in the Mo+6 
oxidation state because at this level of oxidation it 
is isoelectronic with the noble gas krypton. The ion, 
however, because of its large positive charge num-
ber, must be coordinated by several ligands of 
nominally negative charge number, such as oxide 
ions and sulfido groups. Again, the degree of cova-
lency between these ligands and the metallic ion is 
left to the preferences of the reader. 
 The first step in the enzymatic reaction of respir-
atory dimethylsulfoxide reductase in the direction 
of reduction is the reduction of the oxomolybde-
num(VI) bismolybdopterin to aquomolybdenum(IV) 
bismolybdopterin. The oxomolybdenum(VI) bis-
molybdopterin in the active site of respiratory 
dimethylsulfoxide reductase from E. coli, which is 
embedded in the plasma membrane of the bacterium, 
is reduced by two successive electrons from two of 
the four prosthetic [4Fe-4S] iron–sulfur clusters 
situated in the enzyme.2167 These [4Fe-4S] iron–
sulfur clusters are in turn reduced by two mole-
cules of menaquinol dissolved in the membrane 
that associate one after the other with the enzyme. 
The oxomolybdenum(VI) bismolybdopterin in the 
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active site of the soluble, cytoplasmic respiratory 
dimethylsulfoxide reductase from R. sphaeroides 
contains no prosthetic groups that transfer elec-
trons, but it is reduced by two successive elec-
trons2168 from the reduced form of a single molecule 
of pentaheme cytochrome c that associates with 
the enzyme,2169 so there are two electrons available 
at the same time to the oxomolybdenum(VI) bis-
molybdopterin in the reduced hemes of the cyto-
chrome c. During the reduction, because the 
electrons are transferred from the [4Fe-4S] iron–
sulfur clusters or the cytochrome one at a time, an 
intermediate oxomolybdenum(V) bismolybdopterin 
can be observed. For the enzyme from R. sphae-
roides, the biochemical standard reduction poten-
tial for the redox couple of oxomolybdenum(VI) 
bismolybdopterin and oxomolybdenum(V) bismo-
lybdopterin is +200 mV, and that for the redox 
couple of oxomolybdenum(V) bismolybdopterin 
and oxomolybdenum(IV) bismolybdopterin is 
+140 mV, which is appropriate for the biochemical 
standard reduction potential (+160 mV) for the redox 
couple dimethyl sulfoxide and dimethyl sulfide. 
The successive biochemical standard reduction 
potentials, however, for the enzyme from E. coli 
are -15 mV and -174 mV.2170,2171  
 In the respiratory dimethylsulfoxide reductase 
from R. sphaeroides, the molecule of water in the 
aquomolybdenum(IV) bismolybdopterin that was 
the oxo group is replaced by the oxygen of the di-
methyl sulfoxide. In the next step, dimethyl sulfide 
dissociates, completing transfer of the oxygen to 
the molybdenum ion 

      
                (2-325) 

and in the process reoxidizing it from Mo4+ to 
Mo6+. In a sense, the Mo4+ provides a nucleophilic 
pair of electrons that nucleophilically adds to the 
electrophilic oxygen of the dimethyl sulfoxide, and 
dimethyl sulfide is the leaving group in an associa-
tive nucleophilic substitution. The oxygen of the 
dimethyl sulfoxide becomes the oxygen of the now-
regenerated oxomolybdenum(VI) bismolybdopter-
in.2172 

 The dissociation of dimethyl sulfide from the 
oxomolybdenum(VI) bismolybdopterin (Equation 
2-325) in the enzyme from from R. sphaeroides is 
reversible (Kd = 120 mM), and if high concentrations 
of dimethyl sulfide are present, dimethyl sulfoxide 
bound to molybdenum(IV) bismolybdopterin be-
comes the dominant species of the enzyme,2168,2173 
inhibiting catalysis. 
 A synthetic complex of a molybdenum ion co-
ordinated by two molecules of bis-(4-tert-butyl-
phenyl)-2-pyridylmethanethiolate, which together 
provide two sulfido groups and two pyridinium 
nitrogens as ligands to the metallic ion, has in addi-
tion two identical oxo groups (molybdenum–oxygen 
bond lengths of 0.1696 nm) on the oxidized Mo+6 and 
one oxo group (bond length of 0.1681 nm) on its 
reduced Mo+4. The reduced form of this synthetic 
complex can be transformed into the oxidized form 
by transfer of an oxygen atom from dimethyl sul-
foxide or trimethylamine N-oxide to the molyb-
denum in reactions producing dimethyl sulfide or 
trimethylamine, respectively. Another synthetic com-
plex of a molybdenum ion coordinated by a phenolate 
and two 2,3-disulfanylbut-2-enes, which mimics 
structurally the more elaborate complex of molyb-
denum, two molybdopterins, and a serine2174 in 
respiratory dimethylsulfoxide reductase, is also able 
to reduce dimethyl sulfoxide to dimethyl sulfide2175 
and trimethylamine N-oxide to trimethylamine 
(Equation 2-319),2176 but at much slower rates than 
the reductions catalyzed by the enzymes. In this 
nonenzymatic reaction, an intermediate complex 
between molybdenum(IV) and the oxygen of the 
sulfoxide (Equation 2-325) forms before the bond 
between sulfur and oxygen in the sulfoxide dissoci-
ates,2177 just as it does in the enzymes. Neither of 
these synthetic complexes, however, can perform 
the reductions catalytically; the reactions that they 
catalyze are merely stoichiometric. There is, how-
ever, a synthetic complex of a molybdenum ion 
coordinated with two molecules of 2,2-diphenyl-
2-sulfanylacetate, each of which coordinates the 
metallic ion with its sulfido group and its carboxy-
lato group, that is able to catalyze the dehydration 
of nitrobenzene (C6H5NO2) to nitrosobenzene 
(C6H5NO) and water using benzenethiol as a reducing 
agent.2178 
 Both trimethylamine-N-oxide reductases (Equa-
tion 2-316) and bacterial nitrate reductases (qui-
none) (Equation 2-319) share a common ancestor 
with respiratory dimethylsulfoxide reductases2179 
and presumably proceed by the same mechanism. 
In fact, in some organisms the same protein cata-
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lyzes the activities of both respiratory dimethyl-
sulfoxide reductase and trimethylamine-N-oxide 
reductase. Bacterial nitrate reductases (quinone), 
however, have variations on the coordination 
found in respiratory dimethylsulfoxide reductase. 
The oxidized form of nitrate reductase (quinone) 
from E. coli has, as usual, an oxomolybdenum(VI) 
bismolybdopterin, but it uses the carboxylate of an 
aspartate rather than the alkoxide of a serine as the 
sixth ligand to the oxomolybdenum(VI) bismolyb-
dopterin.883 Otherwise, reduction of nitrate ion, 
NO3

- (2-112), to nitrite ion, ONO- (2-113), pro-
ceeds as does the reduction of dimethyl sulfoxide 
by respiratory dimethylsulfoxide reductase. One of 
the oxygens in the nitrate ion exchanges with the 
molecule of water on the reduced aquomolyb-
denum(IV) bismolybdopterin, and the nitrite ion 
leaves to give the oxomolybdenum(VI) bismolyb-
dopterin, which is then reduced by two electrons 
back to aquomolybdenum(IV) bismolybdopterin. 
The two necessary electrons are provided by a 
quinol acting as an electron-transferring coenzyme. 
 The resting oxidized forms of the nitrate reduc-
tases (quinone) from D. desulfuricans and C. necator, 
however, have a molybdenum(VI) bismolybdopterin, 
but they have thioxo groups instead of oxo groups 
and the serines have been replaced by cyste-
ines.2180,2181 Upon addition of nitrate, the sulfido 
group of the cysteine adds to the electrophilic thioxo 
group in a nucleophilic addition with molybde-
num(IV) bismolybdopterin as a leaving group. The 
nucleophilic addition turns the sulfanyl group of 
the cysteine into a dithio group and coincidentally 
reduces the molybdenum(VI) bismolybdopterin to 
molybdenum(IV) bismolybdopterin. The site on 
molybdenum(IV) bismolybdopterin that was for-
merly occupied by the thioxo group is now open for 
the nitrate, and the resulting anionic dithio group 
of the modified cysteine, as a monodentate ligand, 
occupies the site on molybdenum(IV) bismolybdo-
pterin formerly occupied by the sulfido group of the 
cysteine. The reduction of nitrate then proceeds, as 
does the reduction of dimethyl sulfoxide (Equa-
tion 2-325) and the reduction of the nitrate in the 
active site of nitrate reductase (quinone) from 
E. coli, with an oxomolybdenum(VI) bismolybdo-
pterin intermediate alternating with an aquomolyb-
denum(IV) bismolybdopterin intermediate while 
the dithio group remains unchanged as a ligand to 
the molybdenum now uninvolved in the reduction 
of nitrate,2182-2184 just as the oxido group of the serine 
remains uninvolved in the reduction of dimethyl 
sulfoxide. The nitrate reductases (quinone) from 

D. desulfuricans and C. necator obtain the neces-
sary electrons from a cytochrome c that acts as an 
electron-transferring coenzyme. 
 In sulfite oxidase (Equation 2-321) from G. gallus, 
the molybdenum ion in the oxomolybdenum(VI) is 
pentacoordinate. It is coordinated by only one 
molybdopterin, and the remainder of the coordi-
nation of Mo6+ is completed by the sulfido group of 
a cysteine, a hydroxide, and an oxo group.2151 Both 
in sulfite oxidase from G. gallus and in a synthetic 
model of its prosthetic group,2185 the distribution of 
the ligands around the molybdenum is square 
pyramidyl, with the oxo group at the apex of the 
pyramid and the two sulfido groups of the molyb-
dopterin, the sulfido group of the cysteine, and the 
hydroxide at the four equatorial positions at the 
base of the pyramid. 
 In sulfite oxidase from G. gallus, the equato-
rial hydroxy group is the electrophile (Equation 
2-326),2151,2186 not the apical oxo group as in respira-
tory dimethylsulfoxide reductase from R. sphaeroides. 
The oxomolybdenum(VI) bismolybdopterin in the 
active site of respiratory dimethylsulfoxide reductase 
from R. sphaeroides is electrophilic at its oxo oxygen, 
and the dimethyl sulfoxide is a nucleophile that adds 
to this electrophile (reverse of Equation 2-325). In 
sulfite oxidase (Equation 2-321) from G. gallus,2151 
in the direction of reduction, the oxygen of the sulfate 
exchanges with the equatorial hydroxy group (molyb-
denum–oxygen bond of 0.22 nm) in the oxohydroxy-
molybdenum(IV) molybdopterin rather than the 
oxo group (molybdenum–oxygen bonds of 0.17 nm). 
Consequently, in the reverse reaction, the sulfite 
must add to a hydroxymolybdenum(VI) molybdo-
pterin rather than an oxomolybdenum(VI) molybdo-
pterin 

    
                (2-326) 

which seems counterintuitive. 
 Sulfite is definitely a nucleophile. In the addition 
to hydroxymolybdenum(VI) molybdopterin, as in 
the addition of a nucleophile such as methyl sulfide 
to a carbonyl carbon (previously1-17) 
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the s lone pair of electrons on the sulfur in sulfite 
adds to the lowest unoccupied molecular orbital of 
the p molecular orbital system of the electrophile, 
in this case hydroxyoxomolybdenum(VI) molybdo-
pterin. The main difference is that in a carbonyl 
group the more electronegative atom is the oxygen, 
and in a hydroxyoxomolybdenum(VI) molybdopterin 
it is the Mo6+. It also turns out that, at least in the case 
of sulfite oxidase, the lowest unoccupied p  molecular 
orbital, spread over the complete oxohydroxymolyb-
denum(VI) molybdopterin, is much more extensive 
over the hydroxy group than over the oxo group.2186 
Consequently, it seems to make sense that the enzyme 
has directed the nucleophile toward this oxygen, in 
addition to the fact that it is far easier for the sulfate 
to exchange with a hydroxide on hydroxyoxomolyb-
denum(VI) than an oxo group.  
 Following the addition of sulfite ion to the 
hydroxy group of the oxohydroxymolybdenum(VI) 
molybdopterin in sulfite oxidase from A. thaliana 
(Equation 2-326), the sulfate remains coordinated 
to oxomolybdenum(IV) molybdopterin for a while 
and can be trapped on the molybdenum by oxidiz-
ing it to oxomolybdenum(V) molybdopterin,2187 
which exchanges anions more slowly because of its 
higher positive charge. 
 Following dissociation of sulfate from the usual 
oxomolybdenum(IV) molybdopterin and its replace-
ment by a molecule of water, oxoaquomolyb-
denum(IV) molybdopterin is oxidized back to 
oxohydroxymolybdenum(VI) molybdopterin. In 
sulfite oxidase from A. thaliana, two molecules of 
oxygen remove one electron at a time from the molyb-
denum ion as they are reduced to two superoxide 
radical anions, which then disproportionate, while 
in sulfite oxidase from G. gallus, in spite of its name, 
hemes in the enzyme shuttle electrons to and from 
cytochrome c.2188  
 In respiratory dimethylsulfoxide reductase, the 
oxomolybdenum(VI) bismolybdopterin produced 
by reduction of dimethyl sulfoxide (Equation 2-325) 
is rereduced by the addition of two electrons, and 
the oxygen of the resulting hydroxy group, which was  

the oxygen of the dimethyl sulfoxide, is hydronated 
and dissociates as a molecule of water,2189 the other 
product of the reaction. In sulfite oxidase, aquooxo-
molybdenum(IV) molybdopterin, which forms upon 
the exchange of sulfate (Equation 2-326) with the 
molecule of water that is the other reactant in the 
oxidation of sulfite (Equation 2-321), is oxidized by 
the removal of two electrons with the concomitant 
dehydronation of the molecule of water to give a 
hydroxy group on Mo6+. The equatorial hydroxy group 
of the resulting dioxohydroxymolybdenum(VI) molyb-
dopterin, which was the molecule of water, becomes 
the oxygen in the next sulfate (Equation 2-326). 
 Xanthine dehydrogenase (Equation 2-323) is 
altered by oxidation upon purification and becomes 
a xanthine oxidase, but the enzyme in the cytoplasm, 
which has a reducing environment, is xanthine 
dehydrogenase.2190 The alteration of the dehydro-
genase to the oxidase can also be accomplished by 
digestion of the enzyme with endopeptidases.2150 
The two electrons removed from xanthine during 
its oxidation to urate at the prosthetic molybdenum 
ion in the active site pass one at a time through two 
[2Fe-2S] iron–sulfur clusters to a flavin adenine 
dinucleotide.2191 In the unmodified enzyme in 
cytoplasm, the electrons are conjoined by the flavin 
and passed to NAD+. In the enzyme after it is oxi-
dized adventitiously during purification or altered 
by digestion, the flavin passes the two electrons to 
molecular oxygen in the usual way (Equations 
2-207 and 2-208). 
 In the active site of bovine xanthine dehydro-
genase, as in sulfite oxidase from G. gallus (Equa-
tion 2-326), the prosthetic molybdenum ion is 
coordinated by only one molybdopterin2150 

 

The ligands are again arrayed roughly at the verti-
ces of a square pyramid (Figure 2-61).2192-2194 The 
equatorial sulfido group of the cysteine in sulfite 
oxidase is replaced by an equatorial thioxo group 
in the fully oxidized enzyme. In this oxohydroxy-
thioxomolybdenum(VI) molybdopterin, the length 
of the bond between the molybdenum and the sulfur 
identifies it as a formal double bond and identifies 
the sulfur as a thioxo group (2-150).2195 An oxo group  
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Figure 2-61: Stereodrawing50 from the crystallographic molecular 
model of bovine xanthine dehydrogenase complexed with 
urate.2194 Black atoms are carbons, white atoms are oxygens, 
and gray atoms are nitrogens. A crystal of bovine xanthine 
dehydrogenase was soaked in a large excess of NADH under 
strictly anaerobic conditions in order to reduce both flavin and 
the iron–sulfur clusters in the protein and to block any electron 
transfer from the molybdenum ion. Then the molybdenum 
ions in the crystal were fully reduced by soaking the crystal in 
4 mM titanium citrate. The resulting crystal of fully reduced 
enzyme was then soaked in 250 mM urate. The molybdenum 
ion is the dark gray sphere in the right-center of the drawing 

surrounded by its ligands: the two sulfanyl groups of one molyb-
dopterin (upper portion of the drawing), an oxo group (to the 
right of the molybdenum ion), the oxygen on carbon 2 of the 
urate (Equation 2-323), and a hydrosulfide (large light gray 
sphere to the lower right of the molybdenum). One of the 
oxygens of the carboxy group of Glutamate 1261 is equidistant 
(0.29 nm) from nitrogen 1 and the oxygen on carbon 2 of the 
urate. Carbon 2 of the urate is essentially tetrahedral. The place 
in the tetrahedron that would be occupied by a hydrogen 
points directly to the hydrosulfide, and carbon 2 is only 
0.26 nm away from the sulfur. 
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again occupies the apical position, and a hydroxy 
group occupies one of the equatorial positions 
(oxygen–molybdenum bond lengths of 0.17 and 
0.20 nm, respectively).2195,2196 
 The first transfer of an electron from the molyb-
denum ion takes the Mo4+ to Mo5+, which can be 
monitored because it is paramagnetic,2197 and the 
next transfer of an electron takes the Mo5+ to Mo6+. 
In the active site of bovine xanthine oxidase these 
steps have biochemical standard reduction poten-
tials of -410 and -380 mV, respectively.2198 The 
ability of molybdenum to assume the Mo+5 oxida-
tion state2197 and flavin to form the semiquinone 
permits these transfers of single electrons through 
the iron–sulfur clusters connecting them.  
 In the crystallographic molecular model of the 
complex that forms between urate and the fully 
reduced prosthetic group in the active site of bovine 
xanthine dehydrogenase (Figure 2-61), the equato-
rial position occupied by the hydroxy group in the 
fully oxidized enzyme is occupied by the oxygen that 
is removed from urate during its reduction (reverse 
of Equation 2-323). Consequently, during the oxi-
dation of xanthine, the oxygen of the equatorial 
hydroxy group must be transferred to the xanthine 
to become the oxygen of the urate, just as the equa-
torial hydroxy group in sulfite oxidase becomes the 
oxygen of the sulfate (Equation 2-326).  
 The oxygen atom can be followed over short 
intervals of time from a molecule of water in the solu-
tion to the hydroxy group on the molybdenum ion 
and then to the ureylene group in the urate by 
monitoring oxygen-18 by mass spectrometry and by  
following the effects of oxygen-17 on the electron 
paramagnetic spectrum of the molybdenum ion in 
oxohydroxythioxomolybdenum(V) in the active site 
of bovine xanthine oxidase.2199-2202 These observa-
tions demonstrate that a molecule of water first occu-
pies the open site on oxothioxomolybdenum(IV) 
molybdopterin; then becomes, upon the removal 
of two electrons through the iron–sulfur clusters to 
the flavin, the equatorial hydroxy group on oxo-
hydroxythioxomolybdenum(VI) molybdopterin; and 
is then transferred to carbon 8 of the xanthine. 
 The equatorial hydroxy group in the fully oxi-
dized oxohydroxythioxomolybdenum(VI) molybdo-
pterin (2-150) of bovine xanthine oxidase has a pKa 
somewhere above 8.5,2195 but that of the equatorial 
thioxo group is much lower, as would be expected 
of a thioxo group in an environment identical to 
that of the hydroxy group, because sulfur is a less 
electronegative element than oxygen. Upon dehydro-
nation of the hydroxy group by a glutamate in the 

active site (Figure 2-61) that acts as a catalytic base, 
the resulting equatorial oxide adds nucleophilically 
to carbon 8 of the xanthine,2164,2193,2202 which is the 
carbon hydroxylated in the course of the enzymatic 
reaction 

   
                (2-327) 

In two crystallographic molecular models, one of 
the complex between xanthine and bovine xanthine 
oxidase in which the thioxo group has been replaced 
by an oxo group2203 and one of the complex between 
hypoxanthine and unadulterated bovine xanthine 
oxidase,2204 carbon 8 of the xanthine and carbon 8 
of the hypoxanthine, respectively, are in each case 
the closest atom (0.27 and 0.28 nm) and well within 
van der Waals contact (0.32 nm) with the equatorial 
hydroxy group that should be the nucleophile in 
the initial addition, and in each case this equatorial 
hydroxy group is the closest atom to carbon 8. 
 The now hydronated carboxy group of the glu-
tamate hydronates the nitrogen of the xanthine 
(Equation 2-327), thereby increasing the electro-
philicity of its aromatic ring and susceptibility to 
the nucleophilic aromatic addition of the oxide. In 
the crystallographic molecular model of the complex 
in the active site of bovine xanthine dehydrogenase 
(Figure 2-61)2194 between the fully reduced enzyme 
and urate, one of the oxygens of this glutamate, 
Glutamate 1261, is equidistant (0.285 nm) from 
both the oxygen that was the hydroxy group on the 
molybdenum ion and nitrogen 1 of the urate. 
 A crystallographic molecular model of fully 
oxidized bovine xanthine oxidase has been obtained 
from crystals soaked in a solution containing 
2-hydroxy-6-methylpurine, a slow substrate for the 
enzyme.2205 In this molecular model, there is a 
bond (0.16 nm) between the oxygen of the equato-
rial hydroxy group of the oxohydroxythioxomolyb-
denum(VI) molybdopterin and carbon 8 of the 
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2-hydroxy-6-methylpurine, indicating that the hy-
droxy group has added nucleophilically to carbon 8 
in the imidazolyl ring of the substrate (Equation 
2-327). In the crystallographic molecular model of 
the complex between the conjugate base of urate 
and the fully reduced oxosulfidomolybdenum(IV) 
in the active site of bovine xanthine dehydrogenase 
(Figure 2-61),2194 an almost identical complex is 
also observed with the oxygen on carbon 8 of the 
urate as a ligand to the molybdenum ion at the same 
location as that occupied by the hydroxy group in 
the unoccupied oxidized enzyme. Consequently, this 
particular complex can be formed between the oxi-
dized enzyme and a reduced substrate and between 
the reduced enzyme and an oxidized substrate, a fact 
demonstrating that it represents a central intermedi-
ate in the enzymatic reaction. 
 In the crystallographic molecular model of the 
complex between the conjugate base of urate and 
the fully reduced oxosulfidomolybdenum(IV) molyb-
dopterin, the length of the bond between the oxygen 
and the molybdenum ion is 0.22 nm, the usual 
length between a hydroxide and molybdenum. The 
length of the bond between the oxygen and the 
carbon is 0.14 nm, the usual length of a single carbon–
oxygen bond, and the bond angle between these 
two bonds is 116ª. Both the bond lengths and the 
bond angle are consistent with a simple complex 
between a molybdenum ion and an alkoxy group 
participating in a single bond with a carbon. The 
lengths of the bond between the molybdenum and 
the sulfur in this complex and the one in the 
complex between the oxidized enzyme and another 
slow unnatural substrate, 4-[5-pyri-din-4-yl-1H-
[1,2,4]triazol-3-yl]pyridine-2-carbonitrile, are both 
0.23 nm, a bond length consistent with coordina-
tion between a hydrosulfide ion and a molybdenum 
ion rather than a thioxo group. 
 The next step in the enzymatic reaction (second 
step in Equation 2-327) is transfer of a hydride 
from carbon 8 of the tetrahedral intermediate to 
the thioxo group on the molybdenum. In the crystal-
lographic molecular model of the reduced enzyme 
and urate, carbon 2 of the urate has become essen-
tially tetrahedral, and the position in the tetrahedron 
that would be occupied by a hydrogen is pointed 
directly at the sulfur (Figure 2-61) of what is appar-
ently a hydrosulfide, based on the length of its bond 
to the molybdenum ion. The distance between this 
carbon and the sulfur is 0.26 nm, a distance signifi-
cantly less than the sum (0.29 nm) of a carbon–
hydrogen bond length (0.11 nm) and the van der 

Waals radius for sulfur (0.18 nm). This short distance 
and the orientation implies that there is an intimate 
association between this carbon and the sulfur. It is 
almost as if this complex is halfway between that in 
which the hydride has been removed by the thioxo 
group, which becomes a hydrosulfide as a result, 
and that in which the hydride is still on carbon 2 
and the sulfur of the thioxo group has not yet removed 
it. This consideration implies that in the active site 
in the crystal there is an equilibrium between the 
two locations for the hydrogen atom, on sulfur and 
on carbon. In any case, the crystallographic structure 
is completely consistent with the participation of 
this transfer of the hydride in the enzymatic reaction, 
and in effect, the molecular model portrays the trans-
fer of the hydride. When the protium on carbon 8 of 
the xanthine is replaced by a tritium, the enzymatic 
reaction decreases by a factor of 3.5, a fact demon-
strating that transfer of the hydride is a slow and 
therefore difficult step in the reaction.2206 
 The crystallographic molecular model of the 
complex between the oxidized prosthetic group in 
the active site of bovine xanthine dehydrogenase 
and the slow unnatural substrate 4-[5-pyridin-4-yl-
1H-[1,2,4]triazol-3-yl]pyridine-2-carbonitrile2193 also 
manifests the features of this central intermediate 
in Equation 2-327. The reaction in the active site 
with this unnatural substrate proceeds to the step 
at which the bond between oxygen and carbon is 
formed (first step in Equation 2-327) but continues 
further only very slowly. Again, the carbon that has 
been attacked nucleophilically by the oxygen on 
the molybdenum is not planar as it will be in the 
product but slightly puckered, with the apex of its 
pucker again pointing toward the sulfur, which is 
only 0.35 nm from the carbon. The overall structure 
of the complex with the inhibitor in the crystallo-
graphic molecular model suggests again that the 
following equilibrium has been established in the 
active site 

     
                (2-328) 
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 A thioxo group on an oxothioxomolyb-
denum(VI) molybdopterin is electrophilic before 
the hydride is transferred because it is the equiva-
lent of the oxo group in an oxomolybdenum(VI) 
molybdopterin (Equation 2-326).2195 In the active 
site of aldehyde dehydrogenase (FAD-independent) 
(Equation 2-324), an enzyme that shares a common 
ancestor with xanthine dehydrogenase,2153 the basic 
equatorial oxide on its dioxothioxomolybdenum(VI) 
molybdopterin, also formed by dehydronation of 
the equatorial hydroxy group, adds nucleophilically 
to the electrophilic carbonyl carbon of an aldehyde, 
and the hydrogen of the aldehyde is transferred as 
a hydride to the thioxo group on its Mo6+. The oxo 
oxygen of an oxomolybdenum(VI) bismolybdopterin 
in ethylbenzene dehydrogenase is also able to remove 
a hydride from a benzylic carbon to produce a benzyl-
carbenium ion,2207 so there is nothing special about 
a thioxo group in this regard. In the active sites of 
the formate dehydrogenases from E. coli,2208 C. nec-
ator,2209 and D. desulfuricans,2210 the thioxo group on 
the prosthetic thioxomolybdenum(VI) dimolybdo-
pterin also accepts a hydride from a formate either 
bound noncovalently in the active site, immediately 
adjacent to the thioxo group, or coordinated to the 
molybdenum ion by its carboxylato group. 
 In the normal enzymatic reaction catalyzed by 
xanthine dehydrogenase (Equation 2-327), as well as 
the reaction with the unnatural substrate (Equation 
2-328), even though neither of the final products is 
significantly aromatic in the respective locations, 
transfer of the formal equivalent of a hydride from 
carbon to the electrophilic thioxo group is driven 
by restoration of the aromaticity of the 2-oxido-
pyridyl group or of the 2-oxidoimidazolyl group in 
the conjugate base of the urate, respectively. In 
addition, the hydride is pushed off the carbon by the 
lone pairs of electrons on the three heteroatoms or 
the two heteroatoms, respectively, of the tetrahedral 
intermediate. Following this transfer of a hydride, 
the conjugate base of urate, the product of the reaction 
catalyzed by xanthine dehydrogenase and xanthine 
oxidase, ends up as a ligand to the Mo4+ and ex-
changes with a molecule of water to complete the 
cycle. 
 One of the more peculiar aspects of a hydroxy-
molybdenum(VI) molybdopterin, which is illustrated 
by the dramatic difference between its use in sulfite 
oxidase (Equation 2-326) and its use in xanthine 
dehydrogenase (Equation 2-327), is that in the 
former case it is used as an electrophile and in the 
latter case it is used as a nucleophile. One might argue 

 that the difference is in its hydronation or dehy-
dronation, but more likely it is whether the reactant 
is a nucleophile or an electrophile that determines 
its eventual role in the reaction. 
 There are aerobic carbon monoxide dehydro-
genases (Equation 2-320) that use a molybdenum 
ion coordinated by a single molybdopterin rather 
than a nickel ion (2-143). In aerobic carbon mon-
oxide dehydrogenase from Afipia carboxidovorans, 
the molybdenum ion is coordinated in equatorial 
positions by the two sulfido groups of the sole molyb-
dopterin and a hydroxy group and in the axial position 
by an oxo group. When the molybdenum ion is Mo6+, 
the remaining equatorial position is occupied by a 
thioxo group (0.23 nm) that becomes a sulfido 
group (0.29 nm) when it is Mo4+. This thioxo group 
or sulfido group is also a ligand2162,2211 for a pros-
thetic Cu+. The Cu+ is in turn coordinated by the 
sulfido group of a cysteine and the nitrogen of one 
of the amido groups in the backbone of the poly-
peptide. At the open site on Cu+ in both oxidized and 
reduced active sites, there is a molecule of water 
that forms a hydrogen bond with the equatorial 
hydroxy group on the molybdenum ion. The function 
of the Cu+ is believed to be the provision of an open 
site at which the carbon of the carbon monoxide 
can associate 

 

displacing this molecule of water. The distance 
between the Cu+ and the hydroxy group in the 
equatorial position on the Mo6+ is 0.34 nm, so the 
association of the carbon monoxide with the Cu+ 
would bring the carbon immediately adjacent to the 
hydroxy group on the molybdenum. Although there 
are several mechanisms that have been proposed 
to explain the remainder of the reaction,2161,2211,2212 
the simplest and the one most consistent with the 
usual mechanism of an active site containing a 
prosthetic molybdenum is one in which the carbon 
of the carbon monoxide, as a nucleophile, adds to 
the electrophilic hydroxide while the carboxylato 
group forming a hydrogen bond with the hydroxide 
removes the hydron. This nucleophilic addition 
would produce carbon dioxide directly, which 
would then dissociate from the cluster.2213 
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 All the transition metallic ions of the fourth row 
from vanadium to zinc, with the possible exception 
of chromium, play enzymatic roles. Ironically, molyb-
denum, the transition metal below chromium, is 
the only one from the fifth row that does. It turns 
out that tungsten, the transition metal below molyb-
denum, is the only one in the sixth row that plays a 
role enzymatically, but almost exclusively as a 
congener of molybdenum. Tungstoenzymes contain 
one or two molybdopterins2214-2216 that coordinate 
the respective tungsten ion in the same way that 
molybdenum is coordinated in molybdoenzymes,2152 
and the tungsten in these tungstoenzymes2217 as-
sumes the same oxidation states as molybdenum: 
W+4, W+5, and W+6. In fact, when the molybdenum 
ion in respiratory dimethylsulfoxide reductase from 
R. capsulatus is replaced by a tungsten ion, the enzyme 
catalyzes the reduction of dimethyl sulfoxide even 
more rapidly.2218 The tungsten ion in the active site 
of aldehyde ferredoxin oxidoreductase from P. furi-
osus, the surrounding side chains, and the site at 
which the substrates associate are superposable on 
those in the active site of the molybdoenzyme alde-
hyde ferredoxin oxidoreductase from D. gigas.2219 
 There are, however, tungstoenzymes that cata-
lyze reactions that are unusual. In the active site of 
benzoyl-CoA reductase, a tungstoenzyme in Geobac-
ter metallireducens, the reduced aquotungsten(IV) 
bismolybdopterin provides two electrons and perhaps 
a hydron to reduce the phenyl group in benzoyl-SCoA 
to a cyclohexa-1,5-dienyl group by the formal addi-
tion of two hydrogen atoms to carbon 3 and carbon 4 
in a difficult reduction* that breaks the aromaticity 
of the phenyl ring.2220,2221 In the active site of acety-
lene hydratase from Pelobacter acetylenicus, a tungsten 
ion coordinated by two molybdopterins and the 
sulfido group of a cysteine2222 catalyzes the simple 
hydration of acetylene to acetaldehyde, a reaction 
that involves no formal oxidation or reduction. 
 It has been pointed out that, in the early anaero-
bic world, ionic tungsten was much more available 
to living organisms than ionic molybdenum.2223 
Consequently, the respective tungstoenzymes were 
probably the ancestors of the present-day molybdo-
enzymes. In Methanothermobacter wolfeii there are 
two formylmethanofuran dehydrogenases, one 
with a molybdenum ion in its active site and the 
other with a tungsten ion in its active site, that share a 
common ancestor but are only distantly related.2224,2225  
 

                                                
*In the Birch reduction, sodium metal is used as the reductant. 

The enzyme containing a tungsten ion is constitutively 
active, but the enzyme containing molybdenum is 
only present when molybdenum ion is available 
in the environment. This fact and the fact that the 
tungsto version of respiratory dimethylsulfoxide 
reductase is more effective raise the question of 
why the tungstoenzymes became molybdoen-
zymes.2223 
 
 Nitrogenase catalyzes a reduction that con-
verts molecular nitrogen to two ammonium ions 
(Figure 2-56). So far, the discussion has centered 
on reactions in which one or more oxygen atoms 
are participants. In the case of nitrogenase, there 
are no oxygen atoms involved as participants in the 
reduction performed by the prosthetic metallic 
ions. 
 Nitrogenase occurs in both aerobic bacteria 
and anaerobic bacteria, but the proteins catalyzing 
the reaction in each case are closely related and 
presumably all operate by the same mechanism. 
One of the two stoichiometric equations for the 
enzymatic reaction in the aerobic bacterium A. vine-
landii is2226,2227 

 
                (2-329) 

In the second stoichiometric reaction, the nitrogenase 
from A. vinelandii uses its indigenous flavodoxin 
rather than its indigenous ferredoxin as a source of 
the necessary electrons.2228,2229 Nitrogenase is also 
able to reduce acetylene, the conjugate acid of carbide 
(C∫C2-), to ethylene,2230 a two-electron reduction, and 
hydrogen cyanide to methane and NH4

+,2231,2232 a 
six-electron reduction. The substrates in these two 
reductions are isoelectronic with N2, and are presum-
ably mistaken for it. Neither of these reductions, 
however, is as difficult as the reduction of N2. 
 Two proteins together are responsible for re-
duction of N2 to NH4

+. They are dinitrogenase, the 
molybdenum–iron protein, in the active site of 
which the actual reduction 

      (2-330) 

 

8 reduced ferredoxin  +  16 MgATP 
2–  +  16 H2O

  +  N2  1    H2  +  2 NH4
+  +  6 H+  +  

8 oxidized ferredoxin  +  16 MgADP 
– +  16 HOPO3

2–

N2  +  10 H+  +  8 e–  1  H2  +  2 NH4
+
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occurs and dinitrogenase reductase, the iron protein, 
that provides each of the electrons  

     
                (2-331) 

required for the reduction of N2. Dinitrogenase 
reductase is the electron-transferring coenzyme 
specific to dinitrogenase that in turn uses reduced 
ferredoxin as the source of the electron. No external 
reductant, regardless of its standard reduction 
potential, is able to substitute for dinitrogenase 
reductase in providing electrons to dinitrogenase 
for the reduction of N2 nor is any other reductase or 
small electron-transferring coenzyme. The expres-
sion of nitrogenase activity requires both enzymes 
simultaneously, but they associate with and disso-
ciate from each other at particular steps during the 
complete catalytic cycle.2233 
 Dinitrogenase, the molybdenum–iron protein, 
from A. vinelandii contains a prosthetic [Mo-7Fe–
9S-C] molybdenum–iron–sulfur–carbon cluster 
that is responsible for the reduction of the N2 to 
NH4

+. This cluster has three local twofold rotational 
axes of pseudosymmetry, normal to a local three-
fold rotational axis of symmetry, and is also bilater-
ally pseudosymmetric (Figure 2-62).2234 In the 
center of the cluster there is a mononuclear carbide 
ion (C4-) that is surrounded by six iron ions.2235-2237 
This mononuclear carbide is derived from S-adenosyl-
¬-methionine2238 and is a permanent feature of the 
cluster.2239 
 The bond angles and bond lengths in the central 
[6Fe-C] iron–carbon subcluster2234 are almost identi-
cal to those in the [6Fe-C] iron–carbon subclusters 
found in cementite, an iron carbide (Fe3C) in which 
each mononuclear carbide is coordinated by six 
iron ions and each iron ion is coordinated by two 
mononuclear carbides.2240,2241 Cementite is a hard, 
brittle solid, and this property suggests that the 
[6Fe-C] iron–carbon subcluster might form a rigid 
central scaffold stabilizing the [Mo-7Fe-9S-C] clus-
ter.2242 This rigid scaffold allows the cluster to be 
unsupported by any cysteines over its entire length, 
unlike a normal iron–sulfur cluster. 
 The 322 (D3) rotational symmetry of this central 
[6Fe-C] iron–carbon subcluster produces the rotation-
al pseudosymmetry of the complete [Mo-7Fe-9S-C] 
cluster. The iron ion at one end of the cluster is 

coordinated by a cysteine from the protein, and the 
pseudosymmetrically related molybdenum at the 
other end is coordinated by the imidazolyl group 
of a histidine. In addition to the imidazolyl group 
and three of the sulfide dianions in the cluster, 
the remaining two octahedral positions around the 
molybdenum ion are occupied by one of the carbox-
ylate oxygens and the central hydroxy oxygen of a 
molecule of homocitrate. 
 The mononuclear carbide must decrease the 
reduction potential of the cluster because as the 
iron ions are oxidized, a portion of the excess nega-
tive charge should shift from the carbon to the iron 
ions to compensate for their increase in charge 
number.2243 In the resting state of the cluster, how-
ever, three of the iron ions—the one at the vertex 
and the two above the carboxylato group of the 
homocitrate that is a ligand to the molybdenum 
ion—are Fe2+ and the other four are Fe3+ (Figure 
2-62),2244 a ratio similar to the ratio of Fe2+ and Fe3+ 
in a typical [4Fe-4S] iron–sulfur cluster in which 
there is no mononuclear carbide. The molybdenum 
ion, however, is Mo3+, a more reduced molybdenum 
ion than is usually found in the active sites of en-
zymes.2245 
 There is also a prosthetic [8Fe-7S] iron–sulfur 
cluster in dinitrogenase that has the following 
structure in the native, reduced enzyme 

 

This [8Fe-7S] iron–sulfur cluster participates in transfer 
of each of the eight electrons between dinitrogenase 
reductase, the protein providing the electrons to 
dinitrogenase, and the [Mo-7Fe-9S-C] cluster at 
which the reduction of N2 occurs. The closest 
iron ion in this cluster is 1.4 nm from the 
[Mo-7Fe-9S-C] cluster,2246 so transfer of an electron 
from the one to the other is outer sphere through 
the protein itself. 
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Figure 2-62: Stereodrawing50 from the crystallographic molecular 
model of dinitrogenase, the molybdenum–iron protein of 
nitrogenase.2234 Black atoms are carbons, white atoms are 
oxygens, and gray atoms are nitrogens. In the molybdenum–
iron–sulfur–carbon cluster, large light gray spheres are sulfides, 
small dark gray spheres are iron ions, and the single molyb-
denum ion is labeled. The drawing includes the [Mo–7Fe–9S–C] 
molybdenum–iron–sulfur–carbon cluster in the active site as 
well as the sulfido group of Cysteine 275, coordinating one of 
the iron ions of the complex, and the imidazolyl group of 
Histidine 442, coordinating the molybdenum ion. A homo-
citrate completes the coordination of the molybdenum ion by 
providing one of its carboxylates and its central hydroxy group 
as ligands. The single carbon of the mononuclear carbide ion 
(C4-) is the black sphere in the middle of the structure. 
  

Mo Mo

+2 +2

+2 +2

+2+2

+3 +3

+3 +3+3 +3

+3 +3+3 +3

His 442His 442

Cys 275Cys 275

homocitratehomocitrate



Prosthetic Catalysis 
 

460 

 The resting, fully reduced [8Fe-7S] iron–sulfur 
cluster has the same disposition of iron ions as the 
[Mo-7Fe-9S-C] cluster with several exceptions. 
The molybdenum ion is replaced with an iron ion, 
and that iron is coordinated by a single cysteine 
rather than a histidine and a homocitrate. One of the 
central equatorial sulfide ions is missing, the other 
two are replaced by two sulfido groups from two 
cysteines, and the mononuclear carbide tetraion is 
replaced by a sulfide diion. The two iron ions that 
are not joined by the sulfido group of a cysteine 
(the two iron ions in the center rear of 2-152), but 
are each coordinated by their own cysteines, move 
apart from each other, and as a result, one of the 
bonds from the central sulfide to one of these iron 
ions (the one in the lower rear) is abnormally long 
and, presumably, abnormally weak.  
 This [8Fe-7S] iron–sulfur cluster contains a 
standard [4Fe-4S] iron–sulfur subcluster (upper 
half of 2-152). Depending on the oxidation state of 
the [8Fe-7S] iron–sulfur cluster, this standard [4Fe-4S] 
iron–sulfur subcluster is coupled through one of its 
sulfide dianions (the central sulfide in 2-152) to 
three, two or one of the iron ions in a [4Fe-3S] 
iron–sulfur subcluster that forms the other half of 
the entire cluster (lower half of 2-152).647 
 In the resting, reduced form of the [8Fe-7S] 
iron–sulfur cluster (2-152), the sulfide dianion 
joins the two iron–sulfur subclusters by acting as a 
ligand to six iron ions and as a result occupying 
simultaneously in two [4Fe-4S] iron–sulfur sub-
clusters the respective positions normally occupied 
by one of their sulfides.2247 The [8Fe-7S] iron–
sulfur cluster can be oxidized in two one-electron 
transfers (Eª¢1 = -310 mV; Eª¢2 = -270 mV). In the 
cluster oxidized by the removal of one electron, the 
central sulfide has dissociated from the iron ion with 
which it was most loosely associated but remains 
associated with two of the iron ions in the [4Fe-3S] 
iron–sulfur subcluster, and in the cluster oxidized 
by the removal of two electrons, the sulfide is asso-
ciated with only one of the iron ions in the [4Fe-3S] 
iron–sulfur subcluster.647,2248 In the most oxidized, 
most dissociated state, in which the sulfide is asso-
ciated with only one of the iron ions in the [4Fe-3S] 
iron–sulfur subcluster, the [4Fe-4S] iron–sulfur 
subcluster has the magnetic circular dichroic spec-
trum of a normal [4Fe-4S] iron–sulfur cluster.2249 
Neither of these oxidized forms of the [8Fe-7S] 
iron–sulfur cluster, however, participates in the re-
duction of N2 to NH4

+. 
 The reduced form of the cluster in the resting 

enzyme cannot be reduced further by any external 
reductant.2250,2251 There is, however, no uncontro-
versial evidence that either of the observed oxi-
dized states is involved in the normal transfer of the 
electron between dinitrogenase reductase and the 
[Mo-7Fe-9S-C] cluster that is mediated by this 
[8Fe-7S] iron–sulfur cluster. In fact, the biochemical 
standard reduction potentials associated with these 
two oxidations seem to be too positive to be involved 
in at least the first step in the reduction of N2. It follows 
that there may be a further accessible reduced state, 
of significantly more negative reduction potential, 
that can only be accessed by dinitrogenase reductase, 
which is a most unusual reductant. 
 Dinitrogenase reductase, the iron protein, is a 
homodimeric protein that contains only one [4Fe-4S] 
iron–sulfur cluster.2252,2253 This [4Fe-4S] iron–
sulfur cluster is in the interface between the two 
subunits, bridges them, and is bisected by the 
twofold rotational axis of symmetry of the homo-
dimer. Kinetic studies2254,2255 and the results of 
site-directed mutation2256 indicate that molecules 
of dinitrogenase reductase provide electrons from 
this [4Fe-4S] iron–sulfur cluster one at a time in the 
usual manner by associating with the dinitrogenase, 
transferring one electron, and then dissociating.2233 
The transfer of each electron from dinitrogenase 
reductase, however, is unusual because for every 
electron transferred, two molecules of MgATP2– are 
hydrolyzed by this electron-transferring coenzyme 
while it is associated with dinitrogenase. 
 Although no substitute for this coenzyme for 
the delivery of electrons to dinitrogenase during the 
reduction of N2 has been discovered, Eu2+ coordinated 
by ethylenediaminetetraacetate (Eª¢ = -1100 mV) 
can provide the two electrons required for dinitro-
genase from A. vinelandii to reduce hydrazine (2-123) 
to two NH3 (2-124).2257 It is also possible to deliver 
electrons photochemically to dinitrogenase from 
A. vinelandii in the absence of dinitrogenase reductase 
by attaching bis(2,2¢-bipyridine)(phenanthroline)-
ruthenium dication covalently to the enzyme. Upon 
illumination, with dithionite as the source of the 
electrons, this modified enzyme is able to photo-
chemically reduce hydrogen cyanide to NH4

+ and 
methane, a six-electron reduction.2258 In both al-
ternatives, all the complications of the reaction 
catalyzed by dinitrogenase reductase are avoided, 
but the most difficult step in the reduction of N2, 
the addition of the first two electrons, can be accom-
plished at the moment only with electrons provided 
by dinitrogenase reductase. 
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 The reduced form of dinitrogenase reductase 
binds two molecules of MgATP2-, one on each of its 
identical subunits. The binding of the two MgATP2– 
to dinitrogenase reductase from A. vinelandii decreas-
es the biochemical standard reduction potential of its 
[4Fe-4S] iron–sulfur cluster2259 from -300 to -400 mV 
and alters the conformation of dinitrogenase reductase 
to permit its association with dinitrogenase.2233,2260 
This conformational change ensures that only dini-
trogen reductases associated with two MgATP2– 
can associate with dinitrogenase. Upon the associa-
tion of (MgATP2-)2·dinitrogenase reductase with 
dinitrogenase, an electron is transferred from the 
[4Fe-4S] iron–sulfur cluster on dinitrogenase reduc-
tase (140 s-1 at 25 ªC).2233,2261 The [4Fe-4S] iron–
sulfur cluster is thrust up against the surface of the 
dinitrogenase, and the electron passes through the 
[8Fe-7S] iron–sulfur cluster to the [Mo-7Fe-9S-C] 
cluster.2253,2262 This transfer of the electron is fol-
lowed immediately by hydrolysis (70 s-1 at 25 ªC) of 
the two MgATP2- molecules to two MgADP- mole-
cules and two phosphates,2263 which induces a 
conformational change in the dinitrogenase reduc-
tase. This conformational change and the reduction 
of the now-oxidized [4Fe-4S] iron–sulfur cluster of 
dinitrogenase reductase from A. vinelandii by the 
flavodoxin2228,2229,2264 that is one of its physiological 
reductants promote the dissociation of the complex 
between dinitrogenase and dinitrogenase reduc-
tase.2233 The reduction of the [4Fe-4S] iron–sulfur 
cluster in dinitrogenase reductase also decreases the 
free energy of dissociation for the two molecules 
of MgADP- by -20 kJ mol-1, which promotes their 
release and returns the system to the initial 
state.2259 
 This complex sequence of events, by coupling 
steps in the hydrolysis of MgATP2- to steps in trans-
fer of the electron, is a way to ensure that every 
time an electron is transferred from dinitrogenase 
reductase to dinitrogenase, two molecules of 
MgATP2-  are hydrolyzed and every time two mole-
cules of MgATP2- are hydrolyzed by dinitrogenase 
reductase, an electron is transferred.2265 This cou-
pling has the effect of decreasing the biochemical 
standard reduction potential (-425 and -619 mV) of 
each electron delivered by the indigenous ferredoxin 
in A. vinelandii2266,2267 by an additional –1100 mV, an 
amount equal to the free energy of hydrolysis 
(-100 kJ mol-1) for two MgATP2- (Equation 2-331) at 
physiological concentrations of MgATP2-, MgADP-, 
and phosphate.2268 This estimate of the decrease in 
 

the biochemical standard reduction potential pro-
vided by the hydrolysis of MgATP2- assumes that 
the system is at equilibrium. In the normal reduc-
tion of N2, the system is not at equilibrium during 
turnover and the decreases in actual biochemical 
standard reduction potential may be less than these 
estimates. 
 In the benzoyl-CoA reductases from A. evansii 
and T. aromatica, there is a similar reductant the 
reduction potential of which is decreased by the 
hydrolysis of MgATP2- so that it is a strong enough 
reductant to break the aromaticity of benzoyl-SCoA 
during its conversion to cyclohexa-1,5-diene-1-car-
bonyl-SCoA.2269 
 When reductions are initiated by mixing dinitro-
genase reductase and dinitrogenase from K. pneu-
moniae with MgATP2- in the presence of reductant 
and N2 and quenched in acid at various times,2270 
the only products observed2271 are H2, hydrazine 
(N2H4), and NH3 (Figure 2-56). By following the 
production of these three products as a function of 
time and the concentration of the reactants, N2, 
MgATP2-, and reductant, a kinetic mechanism 
could be formulated2270 that is consistent with later 
observations. Consistent with this scheme, dinitro-
genase reductase from A. vinelandii reduces the 
resting dinitrogenase from A. vinelandii in three 
one-electron steps, each involving the association 
and then the dissociation of a dinitrogenase reductase, 
before N2 can associate with the [Mo-7Fe-9S-C] 
cluster, but N2 can also associate after four elec-
trons have been transferred.2272-2275 Electron para-
magnetic resonance and electron–nuclear double 
resonance spectra of dinitrogenase from A. vine-
landii has identified two m-hydrido groups, each of 
them between two of the iron ions, in this reduced 
form of the cluster.2276-2280 The identity of the iron 
ions that participate is not known, but it is assumed 
that they are four of the iron ions that coordinate 
the mononuclear carbide on one of the faces of the 
triangular prism that surrounds it, that each hydride 
is bound by two adjacent iron ions, and that the 
two hydrides are forced to be immediately adjacent 
to each other by the hybridization around the iron 
ions.* 

                                                
*Recall that the mononuclear carbide is well below the two 
hydrides in this diagram (see Figure 2-62). 
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Calculations are consistent with this distribution of 
atoms.2281 Because the four electrons have been 
added to two hydrons to produce the two m-hydrido 
groups, the metals in the cluster remain at the oxi-
dation state of the resting state,2277 but they are not 
necessarily distributed as they are in the resting 
state. It is assumed,2281 however, that the electrons 
are distributed so that the four iron ions to which 
the two hydrides are ligands are Fe3+. In the ab-
sence of N2, hydrons slowly associate with these 
m-hydrido groups in a detrimental side reaction 
that continuously produces H2, just as hydrons 
normally do in hydrogenase, and when the concen-
tration of N2 is not high enough, the ratio of H2 to 
NH3 in the products exceeds the stoichiometric 
equation (Equation 2-329) because of this side 
reaction.2282-2285 
 When N2 binds to the [Mo-7Fe-9S-C] cluster, 
a molecule of H2 is released from it, which is 
formed from the two m-hydrido groups. The for-
mation of a molecule of H2 from two hydrides is a 
two-electron oxidation, so this reductive elimina-
tion has the effect of reducing the [Mo-7Fe-9S-C] 
cluster by two electrons, and this reduction is driven 
by formation of the bond between the two hydrides 
and dissociation of the H2. This exchange of H2 for N2 
is fully reversible,2286 and the equilibrium constant 
is equal to 5 when the cluster has been reduced by 
three electrons and equal to 1 when the cluster has 
been reduced by four electrons.2270 The rate con-
stants for the steps in the overall reaction, however, 
are such that at high electron flux, the cluster reduced 
by four electrons is the predominant species with 
which N2 associates.2270,2285 At temperatures below 
20 K it is possible to photolytically induce the dis-
sociation of H2 from the intermediate with the two 
m-hydrido groups, and this hyperreduced cluster 
reassociates with the H2 as the temperature is 
raised,2287 a fact demonstrating that the dissocia-
tion of H2 is also reversible in the absence of N2. 
 The source of the two hydrons that become the 
two m-hydrido groups, the hydrons that add to the 
two nitrogens in N2 as it becomes N2H2, and the 

hydrons that eventually become the three hydro-
gens on the two NH3 is unclear. There is a water 
channel from the solution into a location near the 
[Mo-7Fe-9S-C] cluster, but aside from the carboxy 
group on the homocitrate that is a ligand to the 
molybdenum ion, the acid–bases of the amino acid 
side chains in the vicinity of the [Mo-7Fe-9S-C] 
cluster are not conserved among the dinitrogenases 
from different species.2288 In the different active 
sites, however, there is always a side chain in a loca-
tion from which it could act as a donor in a hydrogen 
bond to N2 after it associates with the cluster, an 
outcome that has been shown to weaken the triple 
bond in a molecule of N2 that is a ligand to a metallic 
ion.2289 
 The [Mo-7Fe-9S-C] cluster that has been hyper-
reduced by the formation and dissociation of H2 is 
a powerful enough reductant to reduce N2 immedi-
ately by two electrons, which is the most difficult 
step in the reduction of N2, without the need for any 
additional electrons. The product of the reduction 
of N2 by two electrons and two hydrons is diazene, 
N2H2 (2-122). When the intermediate in the reac-
tion with which the N2H2 is associated, however, is 
quenched with acid or base during the kinetic studies 
and the diazene is released into the solution, it rapidly 
disproportionates to N2 (2-121) and hydrazine, N2H4 
(2-123). This N2H4 is observed as one of the prod-
ucts in the kinetic studies, and it stands in for the 
diazene that is actually produced in the active site 
at this step.  
 Neither the hydronation state of the nitrogens 
at this level of reduction nor whether or not the 
nitrogen atoms are still covalently associated with 
each other, however, is known. There is a crystallo-
graphic molecular model of dinitrogenase from 
A. vinelandii in which molecules of either N2 or 
N2H2, which cannot be distinguished crystallo-
graphically, are bound to the [Mo-7Fe-9S-C] cluster. 
In one asymmetric unit, however, each nitrogen 
atom in N2 or N2H2 is a ligand to a different iron 
ion. In the other asymmetric unit, two molecules of 
N2 or N2H2 are bound and in each case only one of 
the nitrogen atoms is a ligand to each of the two 
iron ions. Furthermore, the molecules are each 
bound to different iron ions in the respective active 
sites, so it is impossible to know which, if any, of 
these dispositions are relevant to the reduction of N2. 
In each case, however, only one of the two nitrogen 
atoms is an acceptor in one or more hydrogen 
bonds from the protein surrounding the respective 
cluster.2290 
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 Both diazene, N2H2 (2-122),2291 and hydrazine, 
N2H4 (2-123),2292 are substrates for the dinitrogenase, 
which, with the proper number of electrons, converts 
both into NH4

+. Consequently, it is possible that 
the enzymatic reaction proceeds in three two-
electron steps 

  
                (2-332) 

with N2H2 and N2H4 remaining tightly bound as 
ligands to one or more2293 of the metallic ions in 
the [Mo-7Fe-9S-C] cluster. The bond order of the 
nitrogens at these oxidation states, however, is 
unknown. The kinetic mechanism has identified 
intermediate steps in the overall reduction2270 and 
is consistent with the two NH3 dissociating from 
the active site in different steps separated by two 
one-electron reductions,2294 but this conclusion 
says nothing about when the two NH3 are created 
in the active site. Several intermediate forms of 
nitrogen on the [Mo-7Fe-9S-C] cluster have been 
identified.2272,2295 Single nitrogen atoms, unbonded to 
another nitrogen atom and reduced by the addition 
of either two or three hydrogen atoms, respectively, 
comprise two of the latter intermediates.2296,2297 The 
precise structures of none of these intermediates, 
however, is known.2295 
 When the structure of the [Mo-7Fe-9S-C] clus-
ter became available from crystallographic molecular 
models, it was not known that the central atom was 
a mononuclear carbide. At the time it was thought 
that the most unusual feature of the cluster in the 
active site of dinitrogenase was the molybdenum 
ion rather than the iron ions.2298 This assumption 
led to an examination of synthetic complexes of 
molybdenum ions that were able to reduce N2 to 
NH3.2299-2302 The recent discovery of a more reduced 
molybdenum ion in the [Mo-7Fe-9S-C] cluster 
than in any other enzymatic prosthetic group has 
reinvigorated some of the enthusiasm for the molyb-
denum ion to be involved directly in the reduction.2245 
  When it became known that the central ion 
was a mononuclear carbide, it also became obvious 
that the completely unprecedented feature of the 
[Mo-7Fe-9S-C] cluster was the [6Fe-3S-C] iron–
sulfur–carbon subcluster at its core. In addition, the 
fact that there are nitrogenases that have [8Fe-9S-C] 
iron–sulfur–carbon clusters2303 and [V-7Fe-9S-C] 

clusters rather than a [Mo-7Fe-9S-C] cluster2304 
belied the conclusion that the molybdenum ion 
plays a direct role in the reduction. For example, a 
nitrogenase that has a vanadium ion in place of the 
molybdenum ion2242 has been purified from Azoto-
bacter chroococcum.2305 This vanadium nitrogenase 
is closely related to the molybdenum nitrogenase 
from A. vinelandii (31% identity; 1.7 gap percent), and 
the [V-7Fe-9S-C] cluster has an identical structure 
with the exception of the substitution of a vanadium 
ion for a molybdenum ion.2306 In cells of A. vine-
landii, three related (31% identity; 1.4 gap percent; 
32% identity; 1.9 gap percent; and 54% identity; 
0 gap percent) but definitely different dinitrogenases 
are present,2307 one with a [Mo-7Fe-9S-C] cluster, 
one with an [8Fe-9S-C] cluster, and one with a 
[V-7Fe-9S-C] cluster in the respective active sites,2308 
and as expected, the mechanism by which the 
[8Fe-9S-C] cluster and the [V-7Fe-9S-C] cluster 
convert N2 to NH4

+ is the same as that of the 
[Mo-7Fe-9S-C] cluster.2309 In cells of R. capsulatus, 
there is both an iron version and a molybdenum 
version of dinitrogenase.2310 Further evidence that 
the molybdenum ion is not involved in the reduc-
tion of N2 is that upon dissociation of H2 from the 
[Mo-7Fe-9S-C] cluster in the active site of dinitro-
genase from A. vinelandii as a result of the reductive 
elimination that leaves behind two electrons, the 
oxidation state of the Mo3+ is unchanged.2280 
 When it became clear that the iron ions in the 
core of the [Mo-7Fe-9S-C] cluster were in a 
[6Fe-3S-C] subcluster, synthetic complexes of iron 
ions were examined for their ability to reduce N2 to 
NH3. A synthetic complex between tri(2-diisopro-
pylphosphinophenyl)borane and a single Fe+ is able 
to catalyze the reduction of N2 to NH4

+ (as many as 
7 equivalents of NH4

+ from every iron ion) in diethyl 
ether at -70 ªC, using as a reducing agent atomic po-
tassium dispersed on graphite (Eª¢ ≥ -2900 mV).2311,2312 
A mononuclear ion coordinated by three diisopropyl-
phenylphosphines as equatorial ligands and either 
a triphenylsilane2313 or a triphenylborane2314 as the 
axial ligand, in which the iron is formally Fe0, forms 
a complex with N2 at the open site on the trigonal 
bipyramid. Upon addition of acid to either of these 
complexes,2315,2316 the distal nitrogen becomes di-
hydronated, and the complex is now between a 
formally Fe4+ and N2H2

2-, the dianionic conjugate 
base of N2H4. The triphenylborane complex is able 
to convert N2 into NH3 catalytically,2314 in a reduc-
tion in which, presumably, hydrazidoiron(IV) is an 
intermediate. The hydrazidoiron(IV), if reduced to 
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hydrazidoiron(III), would be the nitrogen analogue 
of hydroperoxyiron(III), the precursor of oxoiron(V). 
This analogy suggests that an azoiron(V) could be 
produced by hydronation of the distal nitrogen in a 
hydrazidoiron(III) and dissociation of NH3 and that 
an azoiron(V) could be another intermediate in this 
reduction of N2 to NH3. Stable complexes contain-
ing azoiron(V) have been synthesized.2317,2318  
 The catalysis in the industrial Haber–Bosch 
process for converting N2 to NH4

+ occurs on surfaces 
of metallic iron in the catalyst.2319 In this instance, 
the catalyst is produced from a dust of magnetite 
(Fe2O3) that has been partially reduced to form a 
layer of ferrous oxide surrounded by a layer of 
porous metallic iron. The first step in this surface 
catalysis is the chemisorption of a molecule of N2 
on a surface of the elemental iron. Following its 
association, the second step in the Haber–Bosch 
catalysis is the dissociation of nitrogen gas into 
individual nitrogen atoms spread over the metallic 
surface that are then reduced by H2. The activation 
energy for the dissociation of N2 by the surface is 
small, so the most difficult step is the chemisorption, 
after which the dissociation proceeds rapidly. These 
observations suggest that one step in the enzymatic 
reaction could be the initial dissociation of N2 into 
two nitrogen atoms. 
 The biochemical standard reduction potential 
for the reduction catalyzed by dinitrogenase (Equa-
tion 2-330) is -310 mV,2320 which appears to explain 
the fact that, in the absence of N2 or at low electron 
flux,2272,2273 the enzyme produces H2 from two 
hydrons (Eª¢ = -410 mV). These rather normal stand-
ard reduction potentials, however, are misleading. 
Nonenzymatic electrochemical reductions of N2 to 
NH4

+ always requires voltages that are equal to or 
less than -1000 mV,2321,2322 an overpotential neces-
sitated by the fact that the first transfer of an electron 
to N2 is significantly endergonic. Nonenzymatic 
reductions of N2 to NH4

+ by synthetic mononuclear 
molybdenum complexes require reductants with stan-
dard reduction potentials of around –1000 mV;2299,2300 
the nonenzymatic, catalytic reduction of N2 to NH4

+ 
by the synthetic mononuclear iron complex requires 
strong reductants such as potassium dispersed on 
graphite; and the standard reduction potential for 
converting N2 to N2H4 is -750 mV. These observa-
tions explain why a rather strong reductant is needed 
in the enzymatic reaction. 
 The Haber–Bosch process and the reduction of 
N2, both electrochemically and under catalysis by a 
mononuclear molybdenum ion or a mononuclear 

iron ion, in turn illustrate two of the most vexing 
problems with converting N2 into NH4

+. The first is 
the difficulty in promoting the association of N2 
with the catalyst. In the case of the metallic surfaces 
in a Haber–Bosch catalyst, only one in 106 to one in 
108 collisions of N2 with the surface results in suc-
cessful chemisorption.2319 How the active site of the 
enzyme solves this problem, if it does, is unknown. 
The second problem is the high voltages needed to 
reduce N2 because of the overpotential. This second 
problem has been solved by dinitrogenase reductase, 
which uses a stratagem to decrease dramatically 
the standard reduction potential of the electrons it 
delivers.2254,2255,2260,2263  
 
 In addition to the vanadium nitrogenases, 
there are chloride peroxidases 

       
                (2-333) 

and bromide peroxidases that use vanadium as a 
mononuclear metallic ion in their active sites. The 
difference between a bromide peroxidase and a chlo-
ride peroxidase is that the former can only catalyze 
halogenations with the more nucleophilic bromide 
while the latter can catalyze halogenations with the 
less nucleophilic chloride as well as bromide. This 
difference suggests that the halides are acting as 
nucleophiles. Bromide peroxidase from Ascophyllum 
nodosum and chloride peroxidase from Curvularia 
inaequalis have superposable tertiary structures2323 
and, therefore, share a common ancestor. The car-
bon–hydrogen bonds that are converted into car-
bon–chlorine bonds or carbon–bromine bonds by 
the halogenations are at a wide array of aliphatic, 
alkenyl, and aryl positions in natural products.2324-2326 
The halogenations performed by bromide peroxidase 
from A. nodosum display a regiospecificity that differs 
from brominations that occur in solution. This fact 
requires that the substrates associate with the enzyme 
before they are brominated2325 and that the bromina-
tions occur in the active site of the enzyme. 
 The first step in the enzymatic reaction is the 
association of hydrogen peroxide with the halo-
genase. Kinetic studies as a function of pH of the 
reactions catalyzed by bromide peroxidase from 
A. nodosum2327 and chloride peroxidase from C. inae-
qualis2328 are consistent with the conclusion that 
the hydroperoxy ion associates with the vanadium 
in the respective active sites. In the crystallographic 
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molecular model of the active site in chloride 
peroxidase from C. inaequalis with which a hydro-
peroxy ion has associated, the hydroperoxy ion has 
become a ligand to the vanadium ion2329 

 

 The hydroperoxy ion occupies two sites on the 
vanadium that are occupied by hydroxy groups in 
the unoccupied active site. That these two ligands 
in the unoccupied enzyme2330 are hydroxy groups 
follows from the lengths of their vanadium–oxygen 
bonds: 0.195 and 0.169 nm.2331 The lengths of the 
respective bonds to the two oxygens of the hydro-
peroxy group remain the same: 0.188 and 0.167 nm. 
The shorter bond is for the oxygen that forms a 
hydrogen bond to the ammonio group of the lysine. 
The oxygen that forms hydrogen bonds to the two 
arginines (the oxygen to the right in 2-154) is also a 
hydroxy group (0.168 nm), and the oxygen that 
forms trigonal hydrogen bonds to the serine and 
the d-imino group of the arginine (vertical bond 
in 2-154) is an oxo group (0.154 nm). There is a 
strong interaction between the imidazolyl group of 
a histidine and the vanadium ion (0.20 nm) to 
complete the pentacoordination. The vanadium 
ion in the active site of bromide peroxidase from 
A. nodosum is also pentacoordinated, with the imid-
azolyl group of a histidine as again the only ligand 
from the protein to the vanadium ion, but the side 
chains forming hydrogen bonds to the oxo group 
and the three hydroxy groups on the vanadium, 
although they are the same, differ somewhat in 
their orientations.2323 
 When a vanadium ion is coordinated by two 
amino nitrogens and two phenolato oxygens by the 
ligand ethylenebis[(o-hydroxyphenyl)glycine], it can 
exist in solution as dioxovanadium(V), oxohydroxy-
vanadium(V), oxovanadium(V), and oxovanadi-
um(IV)\as well as in the oxidation state V+3, and the 

various oxidation statess can be readily interconvert-
ed.2332 These results suggest that vanadium has the 
capability to remove or provide electrons in the reac-
tions catalyzed by haloperoxidases. From electron 
paramagnetic resonance spectra, however, it was 
concluded that the vanadium ion in bromide pe-
roxidase from A. nodosum remains in the oxida-
tion state V+5 throughout the enzymatic reaction and 
is not required to remove or add electrons to either 
the substrates or the intermediates in the reac-
tion.2327 In effect, the oxovanadium(V) is simply a 
metallic ion on which nucleophilic substitutions 
can proceed. 
 From the situation of the peroxy ion in the active 
site (2-154), it has been concluded that, in both 
chloride peroxidase and bromide peroxidase, the 
halide, as a nucleophile, adds to the adjacent oxy-
gen of the peroxy ion. The other oxygen, which is 
engaged in a hydrogen bond to the ammonio group 
of the lysine, is hydronated by that ammonio group 
to become the leaving group in the nucleophilic 
substitution, and it eventually leaves the active site 
as either a hydroxide or a molecule of water. That 
the former oxygen is electrophilic and susceptible 
to nucleophilic substitution is illustrated by the fact 
that it is transferred from the peroxy ion in the active 
site of bromide peroxidase from A. nodosum to methyl 
phenyl sulfide to produce methyl phenyl sulfoxide.2333 
A synthetic model compound, in which an oxovana-
dium(V) is coordinated by three phenolato oxygens 
and a tertiary amine, is able to catalyze both the oxida-
tion of methyl phenyl sulfide to a mixture of methyl 
phenyl sulfoxide and methyl phenyl sulfone by hydro-
gen peroxide (900 turnovers) and the bromination 
of 1,3,5-trimethoxybenzene using hydrogen peroxide 
as the oxidant (200 turnovers).2334 
 The immediate product of the normal nucleo-
philic substitution that occurs in the active site of 
bromide peroxidase or chloride peroxidase—in which 
a bromide or a chloride, respectively, is the nucleo-
phile and the bound hydroperoxide is the electro-
phile—should be hypobromite or hypochlorite 
bound as a ligand to the vanadium ion. The species 
that performs halogenations of the natural sub-
strates has not been definitively established.2324 
That bromide peroxidase from A. nodosum, in the 
absence of a substrate that can be brominated, 
produces hypobromous acid as a product2335 and 
chloride peroxidase from C. inaequalis, in the ab-
sence of a substrate that can be chlorinated, pro-
duces hypochlorous acid as a product,2328 however, 
suggests that the intermediate responsible for the 
brominations and chlorinations is either hypo-
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bromite or hypochlorite, respectively. If so, the hypo-
bromite or the hypochlorite must remain bound as 
a ligand to the vanadium ion because kinetic studies 
of bromide peroxidase have shown that once hypo-
bromous acid has dissociated as the conjugate acid 
from the vanadium, even though it is still bound to 
the enzyme, it is not the species brominating sub-
strates.2335 
 Bromide peroxidase from A. nodosum bromin-
ates 2,3-dimethoxytoluene within the phenyl ring 
rather than at the methyl group and produces the 
same product as the electrophilic aromatic substi-
tution performed by bromonium ion.2336,2337 This 
result demonstrates that the species halogenating this 
unnatural substrate in the active site of the enzyme 
must be a bromonium ion or its equivalent rather 
than a bromine radical. Consequently, the bromin-
ations catalyzed by the enzyme are heterolytic. It 
is likely that the ammonio group of the lysine can 
hydronate the oxygen of the hypobromite or hypo-
chlorite bound as a ligand to the vanadium ion to 
make that oxygen a better leaving group and make 
the bromine more electrophilic and more like a 
bromonium ion if not, after the oxygen leaves in 
the first step of a dissociative nucleophilic substitu-
tion, an actual bromonium ion. The intermediate 
responsible for the brominations catalyzed by 
bromide peroxidase is also able to oxidize hydro-
gen peroxide, which is a singlet molecule, to singlet 
molecular oxygen2336,2338 in yet another heterolytic 
reaction. This latter oxidation permits the enzyme 
to be a catalase in the absence of a substrate it 
would otherwise brominate.  
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Problem 2-27: Anthranilate 3-monooxygenase (de-
aminating) is a flavoenzyme catalyzing the oxida-
tion1327 

 

Write a mechanism for this reaction. 
 

Problem 2-28: There is a flavoenzyme isolated from 
Streptomyces lividans that catalyzes the oxygena-
tion2339 

 

Write a mechanism for this reaction including all 
the different intermediates of the flavin.1327  

 

Problem 2-29: Write a mechanism for the follow-
ing dioxygenation catalyzed by dihydroxyacetani-
lide epoxidase from Streptomyces2340 

 

NADPH  +  2 H+  +  O2  +  anthranilate  1
           2,3-dihydroxybenzoate  +  NH4
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The incorporation of 18O into the 4-oxo group is 
only 20%, a fact that your mechanism should ex-
plain. 

 

Problem 2-30: The flavoenzyme 3-hydroxy-2-methyl-
pyridinecarboxylate monooxygenase catalyzes the 
monooxygenation2341 

 

using a 4a-hydroperoxyflavin. Write a complete 
mechanism for the reaction beginning with oxi-
dized flavin. 

 

Problem 2-31: Factor-independent urate hydrox-
ylase catalyzes the reaction 

 

There are two intermediates, the urate 3,9-dianion 
and urate 5-hydroperoxide.1375,2342 Write a mecha-
nism for the enzymatic reaction. 

 

Problem 2-32: Write a complete mechanism for 
reduction of nitrite ion 

 

at the siroheme in ferredoxin—nitrite reductase.  

 

Problem 2-33: Write a complete mechanism for 
cytochrome-c oxidase including the neutral phenol 
radical of the 3-(Nt-histidinyl)tyrosine and the tryp-
tophan radical.  

 

Problem 2-34: Write a mechanism for the reaction 
catalyzed by 4-hydroxyphenylpyruvate dioxygen-
ase2343 

 

The enzyme contains a nonheme iron ion coordi-
nated by two histidines and a glutamate (see Figure 
2-57D for a similar coordination).2344 If 18O2 were 
used as a substrate, where would the two atoms of 
oxygen-18 end up?  

 

Problem 2-35: Draw a detailed mechanism for the 
oxidation of carbon monoxide catalyzed by the 
prosthetic group 2-143.  

1,2-Benzoquinones 

There are several different 1,2-benzoquinones that 
act as electrophiles in enzymatic reactions. In this 
sense, they are one of the prosthetic groups that 
make up for the fact that there are no electrophiles 
among the side chains of the amino acids. These 
1,2-benzoquinones are the prosthetic group pyrrolo-
quinoline quinone (2-155),2345-2347 which is syn-
thesized from a glutamate and a tyrosine in a short 
peptide,2348,2349 and the posttranslational modifica-
tions 2,4,5-trihydroxyphenylalanylquinone (2-156),7  
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lysine tyrosylquinone (2-157),2350 tryptophan trypto-
phylquinone (2-158),2351,2352 and cysteine trypto-
phylquinone (2-159)2353,2354 

 

The 1,2-benzoquinones produced by the four post-
translational modifications catalyze the oxidation 
of primary amines to aldehydes 

 
                (2-334) 

and pyrroloquinoline quinone (2-155) catalyzes 
the oxidation of primary and secondary alcohols to 
aldehydes and ketones 

           (2-335) 

 
 
 
 
 
 
 
 

and gem-diols to carboxylic acids 

      (2-336) 

 The oxidation of primary amines to aldehydes by 
2,4,5-trihydroxyphenylalanylquinone in the active 
site of primary-amine oxidase (Equation 2-334) is an 
introduction to the capabilities of 1,2-benzoquinones. 
The two electrons resulting from the oxidation are 
transferred to molecular oxygen, reducing it to hydro-
gen peroxide. The enzyme also contains a prosthetic 
copper ion coordinated by three imidazolyl groups 
from three histidines. Either one or two molecules 
of water or the oxygen at carbon 4 of 2,4,5-trihydroxy-
phenylalanylquinone (2-156), depending on the 
situation,2355-2360 completes the coordination of the 
copper ion. In the crystallographic molecular models 
of the primary-amine oxidases in which it is not a 
direct ligand to the copper ion, 2,4,5-trihydroxy-
phenylalanylquinone is either immediately adjacent 
to or forming a hydrogen bond through one of its 
oxygens to one of the molecules of water that is a 
ligand to the copper ion. In the resting state of the 
enzyme, the copper ion is in the oxidized cupric 
state. 
 
 The mechanism of oxidation of primary amines 
to aldehydes (Figure 2-63)2361,2362 is homologous to 
the one for conversion of secondary amines to 
ketones catalyzed by pyridoxal 5A-phosphate. The 
primary amine forms proximal imine 2-1602363,2364 
with the carbonyl carbon 5 of 2,4,5-trihydroxyphenyl-
alanylquinone.2361,2365 This imine has been trapped 
as the stable amine by reduction with sodium cyano-
borohydride.2366 As in deaminations catalyzed by 
pyridoxal phosphate (Equation 2-4), the next step 
in the reaction catalyzed by primary-amine oxidase 
is the dehydronation of the secondary carbon imme-
diately adjacent to the imino nitrogen in proximal 
imine 2-160. When a series of benzylamines with 
different substituents in the phenyl ring were used 
as substrates for bovine primary-amine oxidase, 
the rate at which a hydrogen was removed from the 
benzyl carbon increased as the ability of the substitu-
ents to withdraw electron density from the benzyl 
carbon increased,2367 as expected if a hydrogen is 
removed from the benzylic carbon as a hydron. 
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Figure 2-63: Mechanism for the conversion of a primary amine 
to an aldehyde by the 2,4,5-trihydroxyphenylalanylquinone in 
primary-amine oxidase.2361,2362 The hydron of the primary amine 
is (i) removed by the carboxylate of an aspartate in the active site 
of the enzyme, and the resulting carboxy group (ii) hydronates 
the carbonyl oxygen at position 5 in the 2,4,5-trihydroxy-
phenylalanylquinone as the lone pair of electrons on the 
amine attacks the carbonyl carbon to form the conjugate acid 
of the internal hemiaminal. The carboxylate of the aspartate 
then (iii) transfers a hydron from the ammonium nitrogen to 
the hydroxy group of the hemiaminal, and the hydronated 
hydroxy group (iv) is pushed away as a leaving group by the 
lone pair of electrons on the adjacent amino group to produce 
the internal iminium ion. Both oxygens of the resulting 
2,4-dihydroxy-5-amino-phenylalanylquinone (v) withdraw  
 
 
 The atoms in proximal imine 2-160 that with-
draw electron density from the this primary carbon–
hydrogen bond are the two oxygens at positions 2 
and 4 rather than the pyridyl nitrogen in an external 
pyridoximine (Equation 2-4). These two oxygens are 
involved in a tautomeric equilibrium 

   
                (2-337) 

electrons through the p system of the quinone from the bond 
between the primary carbon of the former amine and one of its 
hydrogens when that bond is parallel to the p system. The 
carboxylate of the aspartate (vi) removes the hydron from the 
weakened bond, creating an N-(5-alkyl-2,4-dihydroxyphenyl)-
imine. A hydroxide (vii) nucleophilically attacks the iminium 
carbon of this external N-hydronated imine to produce the 
external hemiaminal. The carboxy group of the aspartate is 
available (viii) to provide a hydron to the oxygen and remove a 
hydron from the nitrogen of the hemiaminal to promote the 
dissociation of 5-alkyl-2,4-dihydroxy-aniline and form the 
aldehyde. During all these transfers, a hydron is never required 
to enter or leave the active site, although hydrons probably do 
so. 
 
 
 
that interconverts each of them, respectively, between 
an oxo group and a hydroxy group. In primary-
amine oxidase, acid–bases form hydrogen bonds to 
each of these two oxygens that give or take the respec-
tive hydrons as needed. For example, in primary-
amine oxidase from several different species, the 
hydroxy group of a tyrosine (pKa @ 9.8)* forms a 
hydrogen bond to oxygen 4, and an acidic molecule 
of water (pKa > 7) is coordinated to the prosthetic Cu2+ 
and forms a hydrogen bond to oxygen 2.2356,2361,2365 
In the primary-amine oxidase from P. sativum, the 
ammonio group of a lysine (pKa @ 10.5) forms a 

                                                
*The values of pKa are for an average tyrosine, lysinium ion, or 
aspartic acid in a protein.2368 Acid–bases in active sites often 
have quite different acidities. 
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hydrogen bond at oxygen 4, and the carboxy group 
of an aspartic acid (pKa @ 4.0) forms a hydrogen 
bond at oxygen 2.2355 Consequently, at any instant 
either oxygen 2 or oxygen 4 can be a carbonyl oxygen 
at the ortho or para position to the proximal imine, 
respectively, and can withdraw electron density from 
the carbon–hydrogen bond immediately adjacent 
to that imino nitrogen. 
 To permit this electron withdrawal by the oxo 
groups in the ring to occur, the acidic carbon–
hydrogen bond in the proximal imine is held parallel 
to the p molecular orbital system (Equation 2-337) 
connecting the imino nitrogen to the carbonyl oxy-
gens at positions 2 and 42361,2369 in proximal imine 
2-160. Removal of the hydron from the carbon 
produces distal imine 2-161 and is coincident with 
the aromatization that produces a 2,4-dihydroxy-
phenyl group on the nitrogen of the distal imine 
(Figure 2-63). This aromatization provides signifi-
cant favorable free energy of activation to the removal 
of the hydron from the carbon, usually a difficult 
reaction. After a hydrolysis that produces the aldehyde 
and its dissociation, the initial 1,2-benzoquinone has 
been reduced to the aminobenzoquinol 5-amino-
2,4-dihydroxyphenylalanine. 
 In most of the primary-amine oxidases, the 
hydron is removed from the carbon adjacent to the 
imino nitrogen of proximal imine 2-160 by the 
carboxylato group of an aspartate.2370 that is properly 
situated and aligned for the removal.2361 This carbox-
ylato group is also in the proper location to remove 
the hydron from the incoming amine, to add a hydron 
to the 5-oxido oxygen, to remove a second hydron 
from the amino group in the proximal hemiaminal, 
and to add a second hydron to the 5-hydroxy group 
of the hemiaminal to create the water that leaves 
(Figure 2-63), just as the oxygen of the phenoxylato 
group in the proximal pyridoximine catalyzes its 
transimination to the external pyridoximine (Fig-
ure 2-2). The conclusion that this is one of the roles 
played by this aspartate is supported by the fact 
that, in addition to the rate of the dehydronation of 
the secondary carbon in distal imine 2-161, the 
rate for the formation of proximal imine 2-160 in 
the active site of primary-amine oxidase from 
A. globiformis is dramatically decreased (by a factor 
of 106) when this aspartate is mutated to alanine.2361 
In addition, this aspartic acid may act as an acid 
and then a base in the hydrolysis of the distal imine 
between 5-amino-2,4-dihydroxyphenylalanine and 
the aldehyde. It is also positioned so that it sterically 
pins the ring of 2,4,5-trihydroxyphenylalanylquinone 
in its proper orientation for catalysis. The plenipo-

tency of this carboxy group is reminiscent of the pleni-
potency of the amino group of the lysine in enzymes 
using pyridoxal phosphate as a prosthetic group. 
 Several 2,4,5-trihydroxyphenylquinones that 
differ only in the substituents at carbon 1 have been 
synthesized. These synthetic models are able to 
catalyze, in solution nonenzymatically, the oxida-
tion of primary amines to their aldehydes using 
molecular oxygen as the receptacle for the elec-
trons,2371,2372 just as a primary-amine oxidase is 
able to do. The proximal imine of the primary amine 
and the synthetic 2,4,5-trihydroxyphenylquinone, 
the distal imine of the product aldehyde and the 
synthetic aminodihydroxyphenylquinol, and the 
aminodihydroxyphenylquinol itself (see Figure 2-63) 
have all been identified under anaerobic condi-
tions as intermediates in the deaminations that are 
accomplished by these synthetic models.2371,2373,2374 
 In the primary-amine oxidases as well as in 
bovine protein-lysine 6-oxidase, which uses lysine 
tyrosylquinone (2-157) as an electrophile,2350,2375 
5-amino-2,4-dihydroxyphenylalanine and lysine tyro-
sylquinol, which are the reduced products of the 
respective prosthetic groups following the oxida-
tions of amines to aldehydes, are reoxidized to 
2,4,5-trihydroxyphenylalanylquinone (2-156) and 
lysine tyrosylquinone (2-157), respectively, by molec-
ular oxygen, which is reduced by the two electrons 
to hydrogen peroxide. Although the precise mech-
anism of the reoxidation by molecular oxygen has 
not yet been established,2376 there are several provoc-
ative observations. 
 Oxygen is only able to bind to a Cu+, not a 
Cu2+. In the reduced enzyme that must be reoxi-
dized, however, the copper ion, because it does not 
participate as an oxidant in deamination of the 
substrate by the 2,4,5-trihydroxyphenylalanyl-
quinone, remains the Cu2+ that it was in the resting 
enzyme. In fact, all the steps leading to the formation 
of 5-amino-2,4-dihydroxyphenylalanine and the 
release of the aldehyde are unaffected by the removal 
of the Cu2+ from the active site of primary-amine 
oxidase from Lens culinaris.2377 Nevertheless, in the 
active site from which the Cu2+ has been removed, 
the enzymatic reaction cannot proceed beyond 
formation of the prosthetic 5-amino-2,4-dihydroxy-
phenylalanine in the presence of saturating concen-
trations of oxygen, so the Cu2+ is required for the 
reoxidation. 
 In several primary-amine oxidases that are in 
the reduced state after oxidizing an amine under 
anaerobic conditions, the 5-amino-2,4-dihydroxy-
phenylalanine in their active sites engages in an 
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electron transfer with the adjacent Cu2+ to produce a 
Cu+ and the semiquinone of 5-amino-2,4-dihydroxy-
phenylalanine (2-162)2378,2379 

 
                (2-338) 

which was identified from the electron-spin reso-
nance spectrum of its unpaired electron.2380 In 
reduced primary-amine oxidase from P. sativum, in 
the absence of oxygen, this equilibrium is rapidly 
established.2381 There is a crystallographic molecular 
model of the cuprous semiquinone in the active 
site of primary-amine oxidase from Ogataea para-
polymorpha in which the anionic conjugate base of 
the 4-hydroxy group of the semiquinone has swung 
over to displace a molecule of water and become the 
fourth ligand to the copper ion.2382 Such a ligation 
could represent an intermediate in this electron 
transfer, but it should not be necessary because the 
Cu2+ is coupled to the 5-amino-2,4-dihydroxyphenyl-
alanine in the outer sphere through the molecule of 
water. Nevertheless, inner-sphere electron transfer 
is usually instantaneous. 
 The biochemical standard reduction potential 
of 2,4,5-trihydroxyphenylalanylquinone2383 in free 
solution is +75 mV. This reduction is fully reversible 
but is a reduction by two electrons. No evidence for 
the presence of the semiquinone of 2,4,5-trihydroxy-
phenylalanine was seen in the voltammograms of 
this reduction in solution. Consequently, the bio-
chemical standard reduction potential for the redox 
couple of the semiquinone and the fully reduced 
2,4,5-trihydroxyphenylalanine should be signifi-
cantly more positive than +75 mV, which is not 
surprising since the single ring is unable to delocalize 
the unpaired electron as well as it is delocalized, for 
example, in the semiquinone of a flavin or a pterin. 
The one-electron biochemical standard reduction 
potential of the semiquinone of 5-amino-2,4-dihy-
droxyphenylalanine (2-162), however, should be 
less positive than that for the semiquinone of 
2,4,5-trihydroxyphenylalanine because the amino 
group is a stronger electron-releasing functional 
group. Dehydronation of the 2-hydroxy group by 
the cupric hydroxide should decrease the one-
electron standard reduction potential even further. 

Cupric ions involved in electron transfer in pro-
teins usually have biochemical standard reduction 
potentials greater than +80 mV (Figure 2-19), so a 
Cu2+ immediately adjacent to 5-amino-2,4-dihydroxy-
phenylalanine and connected to it in the inner 
sphere should be able to oxidize it by one electron, 
as is observed. 
 In a crystallographic molecular model of primary-
amine oxidase from E. coli, molecular oxygen is 
associated with cuprous semiquinone 2-162,2384 
displacing the molecule of water that is a ligand to 
the copper ion and sitting between the copper ion 
and the 2-hydroxy group of the semiquinone of 
5-amino-2,4-dihydroxyphenylalanine.2385 This obser-
vation suggests that this complex between molecular 
oxygen and the cuprous semiquinone is an interme-
diate in reoxidation of the 5-amino-2,4-dihydroxy-
phenylalanine. The proposal can be divided into three 
steps. First, molecular oxygen associates with cuprous 
semiquinone 2-162 and is reduced by the Cu+ to 
superoxide radical anion. Second, the superoxide 
radical anion is then hydronated to form hydro-
peroxy radical that removes the electron from the 
semiquinone of 5-amino-2,4-dihydroxyphenylalanine. 
Third, the resulting hydroperoxy ion or, upon hydro-
nation, the hydrogen peroxide then dissociates.2386 
The imine of the resulting 5-imino-2,4-dihydroxy-
phenylalanylquinone is then hydrolyzed to 2,4,5-tri-
hydroxyphenylalanylquinone, returning the enzyme 
to the resting state. 
 In other primary-amine oxidases, however, the 
equilibrium between the cupric 5-amino-2,4-dihy-
droxyphenylalanine and the cuprous semiquinone 
(Equation 2-338) cannot be observed. This failure 
may simply indicate that the equilibrium constant 
is smaller in these instances, but when the Cu2+ in 
primary-amine oxidase from S. cerevisiae2387 and 
the Cu2+ in primary-amine oxidase from A. globi-
formis2388 were each replaced with Co2+, with 
which this transfer of an electron does not occur, 
the respective enzyme nevertheless retained 100% 
or 2% of its activity at saturating concentrations of 
reactants. This result brings into question the impor-
tance of the rapid electron transfer and the role of 
the copper ion as a participant in the oxidation–
reductions involved in the reoxidation of the 5-amino-
2,4-dihydroxyphenylalanine. 
 Direct transfer of an electron between 5-amino-
2,4-dihydroxyphenylalanine and molecular oxygen 
to form superoxide radical anion and the semiqui-
none of 5-amino-2,4-dihydroxyphenylalanine has 
been proposed as the first step in its reoxidation.2389 
Such a transfer of an electron is reminiscent of the 
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direct transfer of an electron from reduced flavin to 
molecular oxygen (Equation 2-207). Transfer of an 
electron from 5-amino-2,4-dihydroxyphenylalanine 
to molecular oxygen (Eª¢ = -160 mV for 1 M O2 and 
1 M O2

· -), however, should be significantly ender-
gonic, even when electron donation of the amino 
nitrogen and dehydronation of the 2-hydroxy group 
are considered. If such an electron transfer is actually 
the first step in reoxidation of 5-amino-2,4-dihydroxy-
phenylalanine by molecular oxygen, the superoxide 
radical anion that is being formed or that has been 
formed would be able to associate with the Cu2+ 
during or after the transfer, respectively, but not 
before, and this association would definitely stabi-
lize the superoxide radical anion and facilitate the 
transfer. By both this mechanism and the mechanism 
involving the cuprous semiquinone, hydroperoxy 
copper(II) 5-amino-2,4-dihydroxyphenylalanyl semi-
quinone is a common intermediate even though 
the details of its formation differ. 
 The enzymes that oxidize primary amines to 
aldehydes with tryptophan tryptophylquinone 
(2-158) and cysteine tryptophylquinone (2-159) 
use the same mechanism for the oxidation as that 
used by 2,4,5-trihydroxyphenylalaninylquinone (Fig-
ure 2-63). The amine adds as a nucleophile to the 
6-oxo carbon2352 to form the proximal imine.2390 There 
is a crystallographic molecular model of the proxi-
mal imine formed between the prosthetic cysteine 
tryptophylquinone and ¬-lysine in the active site of 
¬-lysine 6-oxidase from Marinomonas mediterra-
nea,2354 and a stable proximal imine forms between 
the prosthetic cysteine tryptophylquinone and glycine 
in the active site of glycine oxidase from Pseudoaltero-
monas luteoviolacea2391 that has been defined by its 
resonance Raman spectra and that has been observed 
in a crystallographic molecular model.2392 In the 
active site of glycine oxidase from P. luteoviolacea, 
Aspartate 678 is responsible for catalyzing the trans-
imination that forms the proximal imine and for 
the transimination of the distal imine. This conclusion 
follows from the facts that when it is mutated to an 
asparagine, the proximal imine cannot form, and 
when it is mutated to a glutamate, the distal imine 
accumulates.2393 
 The hydron on the carbon immediately adjacent 
to the nitrogen of the proximal imine in the active 
sites of the enzymes that use prosthetic tryptophan 
tryptophylquinone and cysteine tryptophylquinone 
is then removed, again by the carboxylate of an aspar-
tate.2352,2354,2394 Electron withdrawal by substituents 
within benzylamines that have formed proximal 
imines with the prosthetic tryptophan tryptophyl-

quinone in the active site of aralkylamine dehydro-
genase (azurin) from A. faecalis causes the rate con-
stant for the removal of this hydron from carbon to 
increase, as expected.2395 
 Following hydrolysis of the resulting distal imine 
and release of the aldehyde that is the product, the 
tryptophan tryptophylquinone in the active site 
of methylamine dehydrogenase (amicyanin) from 
P. denitrificans has become an aminoquinol, 
6-amino-7-hydroxy-4-(2-tryptophyl)tryptophan2396 

 

In a mutant in which Histidine 767 has been changed 
to alanine in glycine oxidase from P. luteoviolacea, 
the hemiaminal, which is an intermediate in hydroly-
sis of the distal imine that has formed between the 
glycine and the prosthetic cysteine tryptophylquinone, 
accumulates and can be observed in a crystallo-
graphic molecular model.2397 
 Unlike 5-amino-2,4-dihydroxyphenylalanine in 
the active site of a primary-amine oxidase, however, 
the aminoquinols of both tryptophan tryptophyl-
quinone (2-163) and cysteine tryptophylquinone 
are usually oxidized back to the respective quinones 
by two outer-sphere, one-electron transfers to amicy-
anin, azurin, or a cytochrome, depending on the 
particular enzyme and the particular species.2353,2398 
6-Amino-7-hydroxy-4-(2-tryptophyl)-tryptophan 
(2-163) in the active site of methylamine dehydro-
genase (amicyanin) from P. denitrificans forms a 
stable, neutral radical upon transfer of the first 
electron and removal of a hydron. In this neutral 
radical the unpaired electron can be delocalized 
over four rings,2399-2401 perhaps making this semi-
quinone even more stable relative to the quinol 
than the semiquinone of flavin is relative to reduced 
flavin. In the active site of glycine oxidase from 
P. luteoviolacea, however, in which the electron can 
delocalize only onto the sulfur of the cysteinyl group 
in the prosthetic cysteine tryptophylquinone, the 
biochemical standard reduction potential for the 
couple of the quinone and the semiquinone is 
+110 mV and that for the couple of the semiqui-
none and the quinol is +20 mV, so the semiquinone 
is again quite stable.2402 In this latter instance, the 
ultimate receptacle for the two electrons is a mole-
cule of oxygen, so the semiquinone is presumably 
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necessary to separate the unpaired electrons on the 
molecular oxygen in the first electron transfer, as in the 
case of flavin oxidases. The two-electron biochemical 
standard reduction potential of the cysteine trypto-
phylquinone in the active site of quinohemoprotein 
amine dehydrogenase from P. denitrificans is +40 mV, 
and the biochemical standard reduction potentials 
of the two hemes c within the enzyme, which pass in 
turn the two electrons to two cytochromes c-550, 
during the reoxidation of 6-amino-7-hydroxy-4-(S-cys-
teinyl)-tryptophan are +150 and +240 mV, respec-
tively.758 Even if the initial one-electron oxidation of 
6-amino-7-hydroxy-4-(S-cysteinyl)tryptophan has a 
significantly higher biochemical standard reduction 
potential than +40 mV, it is clear that each transfer 
of an electron is probably exergonic. 
 
 The mechanisms for oxidations of alcohols 
catalyzed by enzymes that use pyrroloquinoline 
quinone (2-155) as a prosthetic group may or may 
not differ significantly from the mechanisms of the 
enzymes that use 2,4,5-trihydroxyphenylalanyl-
quinone, lysine tyrosylquinone, tryptophan trypto-
phylquinone, and cysteine tryptophylquinone. 
 In methanolic solution under acidic conditions, 
the trimethyl ester of pyrroloquinoline quinone gives 
the dimethyl ketal at carbon 42403 

   
                (2-339) 

The required cationic intermediate in the formation 
of this ketal would be the vinylogous imidate at nitro-
gen 1, which delocalizes the positive formal elemen-
tary charge to nitrogen 1 from which the hydron 
can dissociate. The more electrophilic carbonyl 
group of the two in pyrroloquinoline quinone or its 
trimethyl ester, however, both in solution2403,2404  

and in an enzyme,2405 is the carbonyl at carbon 5. 
In crystallographic molecular models, the structures 
for the active sites of enzymes using pyrroloquinoline 
quinone as a prosthetic group also suggest that the 
carbonyl at carbon 5 is the electrophile in the enzy-
matic reaction,2347,2406 but an examination of the 
electronic structures of the hemiketals between the 
reactant alcohol and pyrroloquinoline quinone at 
oxocarbon 52347,2407 seem to afford no obvious way of 
directly improving the acidity of the primary carbon 
of the alcohol from which the hydrogen must be 
removed during the oxidation (Equations 2-335 and 
2-336) because a saturated carbon sits between that 
hydron and the pyrroloquinolinyl group. 
 Nevertheless, in solution, the methyl hemiacetal 
at carbon 5 of pyrroloquinoline quinone, which was 
identified by its absorption spectrum,2403 produces 
formaldehyde and pyrroloquinoline quinol upon 
treatment with strong base2408 

   

                (2-340) 

as long as there is a Ca2+ bound to the pyrroloquin-
oline quinone, as there is in the crystallographic 
molecular models of glucose 1-dehydrogenase (PQQ, 
quinone) from Acinetobacter calcoaceticus2406 

       
                (2-341) 

and the methanol dehydrogenases (cytochrome c) 
from Methylophilus methylotrophus,2347 Methylo-
rubrum extorquens,2407,2409 and M. capsulatus.2410 
 These observations in solution suggest a 
mechanism for the observed oxidation of methanol 
under catalysis by pyrroloquinoline quinone, Ca2+, 
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and strong base (Figure 2-64)2408 that proceeds 
through the hemiketal at carbon 5 of the pyrrolo-
quinoline quinone and that is an analogue of the 
oxidation of amines by 1,2-benzoquinones (Figure 
2-63). The methanol adds to carbon 5 to form the 
hemiacetal. The hydroxy group leaves as a hydrox-
ide on Ca2+, and the usual carbenium ion that is 
an intermediate in this dissociation of the leaving 
hydroxy group is delocalized to nitrogen 1 while the 
hydron on nitrogen 1 is removed by the adjacent 
carboxylato group to give the enol ether at carbon 5. 
Rehydronation of nitrogen 1 creates a widely delocal-
ized proximal oxocarbenium ion on carbon 5. Remov-
al of a hydron from the methyl group that creates 
the distal oxocarbenium ion aromatizes the entire 
pyrroloquinolinyl group. Aromatization provides the 
driving force for the dehydronation. The resulting 
 
 
 
 

distal oxocarbenium ion of formaldehyde hydrolyzes 
at the former methyl carbon of the methanol to 
produce pyrroloquinoline quinol and formaldehyde. 
Although not shown in the figure, the hydroxide on 
Ca2+ could be the nucleophile that hydrolyzes the 
distal oxocarbenium ion. 
 There are, however, problems with this mech-
anism. Oxygen is a more electronegative atom than 
nitrogen. Oxocarbenium ions have very short life-
times. The dissociation of water from a hemiacetal 
has only been observed to occur under quite acidic 
conditions, never under basic conditions, but this 
is an unusual hemiketal. While the Ca2+ as a Lewis 
acid could satisfy this requirement for a hydron to 
add to the hydroxy group of the hemiketal, it seems 
unlikely since Ca2+ is a significantly weaker acid (10-14) 
than a hydron. 
 
 
 

 
 

 
Figure 2-64: Mechanism for the nonenzymatic oxidation of 
methanol by pyrroloquinoline quinone that has been shown to 
proceed through the formation of a hemiketal at the carbonyl 
at carbon 5.2408 The reaction is carried out in a solution of anhy-
drous acetonitrile to which has been added the nonnucleophilic 
base 1,8-diazabicyclo[5.4.0]undec-7-ene (DBU) and methanol. 
Methoxide (i) adds to carbon 5 to form the hemiketal. The Ca2+ 
facilitates this nucleophilic addition of the hydroxy group of 
methanol as the DBU removes its hydron. The lone pair of 
nitrogen 1, upon its dehydronation, is (ii) delocalized to provide 
the push to eliminate the hydroxy group of the hemiketal and 
form a vinylogous imido ester. The hydroxy group remains as 
 
 

a ligand to the Ca2+, which has enhanced its ability as a leaving 
group. Rehydronation of nitrogen 1 (iii) promotes the formation 
of a delocalized proximal oxocarbenium ion that (iv) tautomer-
izes to the distal oxocarbenium ion. The aromatization of the 
prosthetic group promotes the tautomerization. A hydroxide, 
either the one on the calcium or one that has been released 
into the solution from another calcium, (v) adds to the distal 
oxocarbenium ion to form the hemiacetal. The oxygen on 
carbon 5 of the pyrroloquinoline quinol (vi) leaves the hemiacetal 
to give formaldehyde. This oxygen of the pyrroloquinoline 
quinol (pKa @ 9), especially as a ligand to a Ca2+, is a good 
leaving group. 
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 In the crystallographic molecular model of the 
complex between methanol and methanol dehy-
drogenase (cytochrome c) from M. capsulatus,2410 
the electron density for the molecule of methanol is 
situated immediately adjacent to carbon 5 of the 
pyrroloquinoline quinone and one of the atoms of 
methanol is only 0.21 nm from carbon 5, well within 
van der Waals contact.2410 It is not possible, however, 
to distinguish whether this atom is the carbon or 
the hydroxy group of the methanol since they differ 
in electron density by only one electron. If, as the 
authors believe, it is the hydroxy group, this obser-
vation is consistent with formation of the hemiacetal 
at carbon 5 during the oxidation (Figure 2-64), but 
it is also possible that the atom intimately pushed 
up against carbon 5 is the methyl group of the 
methanol. This disposition would be consistent 
with the fact that the other atom in the electron 
density for the methanol is not far from the Ca2+ in 
the active site. If the methyl group is actually adja-
cent to carbon 5, then this regiochemistry would be 
consistent with a crystallographic molecular model 
of the complex between glucose 1-dehydrogenase 
(PQQ, quinone) (Equation 2-341) and ∂-glucopyra-
nose.2406 In the crystallographic molecular model of 
the complex, in which the pyrroloquinoline is the 
quinol rather than the quinone to prevent further 
reaction by pairing reduced substrate with reduced 
prosthetic group, the carbon–hydrogen bond on 
carbon 1 of the ∂-glucopyranose is unmistakably 
pointed at carbon 5 of the pyrroloquinoline quinol. 
 The biochemical standard reduction potential 
of pyrroloquinoline quinone in aqueous solution 
in a two-electron reduction, in which it takes up 
the equivalent of two hydrons and two electrons, is 
+70 mV,2411 which is considerably more positive 
than that for NAD+ (-310 mV), so it should be a 
better oxidant. In many dehydrogenases, the formal 
equivalent of a hydride is transferred from the carbon 
immediately adjacent to the hydroxy group of a 
simple, unadulterated alcohol (previously 1-76) 

 

 
 

to NAD+, which is a vinylogous iminium (previ-
ously 1-67) 

 

Consequently, it should also be possible for a hydride 
to be transferred from the carbon of an alcohol to 
carbon 5, a carbonyl rather than a vinylogous imin-
ium, of pyrroloquinoline quinone 

  
                (2-342) 

This transfer of a hydride should be facilitated by 
the Ca2+ that has the carbonyl oxygen on carbon 5 
on the pyrroloquinoline quinone as one of its lig-
ands in each of the crystallographic molecular 
models.2347,2406,2407 This divalent cation would further 
increase both the electrophilicity and the standard 
reduction potential of carbon 5 of the pyrroloquino-
line quinone, making it an even better acceptor of a 
hydride. Following transfer of the hydride, the hydro-
gen becomes a hydrogen on a carbon a to a carbonyl 
group, which would even nonenzymatically tautom-
erize to the fully aromatic pyrroloquinoline quinol. 
 The hydrogen on carbon 1 of ∂-glucopyranose, 
and perhaps one of the hydrogens on the methyl group 

””
N

N

”H

:

O

(

”
H

H

O

2  –164
B(–)

C

N

O

N

O

N

O

´ ´
( (: :(

6 5

4

32
1

2  –165

NH
H

NH
H

NH
H

H H

O

O

N

N

O

O–O

O
O–

O

N

N

O

O–O

O
O–

H
OO

H

OH
H

–O –O1

Ca2+ Ca2+

H

O

N

N

O

O–O

O
O–

H

O OH

–O

Ca2+

1



Prosthetic Catalysis 
 

476 

 of methanol, would be removed by carbon 5 of the 
prosthetic pyrroloquinoline quinone (Equation 2-342) 
in the active sites of both glucose 1-dehydrogenase 
(PQQ, quinone) and methanol dehydrogenase (cyto-
chrome c). In the crystallographic molecular model 
of glucose 1-dehydrogenase (PQQ, quinone), the 
distance between carbon 1 of ∂-glucopyranose and 
carbon 5 of pyrroloquinoline quinol (0.32 nm) is also 
well within van der Waals contact (0.40 nm),2406 and 
in the complex between the quinone and the hemi-
ketal, the distance should be even shorter because one 
fewer hydrogen would be in the gap. The oxygen of 
the hydroxy group on carbon 1 of ∂-glucopyranose, 
which would form the hemiacetal during an addi-
tion (Figure 2-64), is actually pointed in the other 
direction and is farther (0.36 nm) from carbon 5 of 
the pyrroloquinoline quinol than carbon 1. In the 
crystallographic molecular model, this hydroxy group 
at carbon 1 of ∂-glucopyranose, from which a hydron 
must be removed in either mechanism (Figure 2-64; 
Equation 2-342), forms a hydrogen bond to the imid-
azolyl group of a histidine, as occurs in alcohol 
dehydrogenase,2412 which uses NAD+ as the oxidant. 
All these structural features suggest that in the 
normal oxidation of ∂-glucopyranose catalyzed by 
pyrroloquinoline quinone, and if so in the oxida-
tion of methanol, the formal transfer of a hydride 
occurs between carbon 1 of the ∂-glucopyranoside 
or the methyl group and carbon 5 of pyrroloquinoline 
quinone to produce the keto tautomer of pyrrolo-
quinoline quinol (Equation 2-342) and the carbonyl 
group of the product. It appears that pyrroloquino-
line quinone has a mechanism more similar to that 
of nicotinamideadenine dinucleotide than to that 
of the other 1,2-benzoquinones. 
 The pyrroloquinoline quinol formed in these 
enzymatic oxidations, regardless of mechanism, is 
reduced back to the quinol in two one-electron, 
outer-sphere transfers, which should be permitted 
because the semiquinone radical of pyrroloquino-
line quinone is a stable species.2413,2414 In the case 
of methanol dehydrogenase (cytochrome c) in 
M. extorquens, the outer-sphere transfers of single 
electrons are to successive cytochromes cL, which 
have a biochemical standard reduction potential of 
+260 mV.2415 The radical anion of a nearby cystine, 
identified both by its absorption spectrum and by 
electron paramagnetic resonance, in the active site 
of methanol dehydrogenase from M. capsulatus2410 
has been observed to exist in the active site in a 
steady-state concentration during the enzymatic 
reaction. This radical anion may be a relay station 
in the transfer of each electron to a cytochrome cL.  
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Problem 2-36: Write three different mechanisms 
for the reoxidation of 5-amino-2,4-dihydroxy-
phenylalanine in primary-amine oxidase: one by 
molecular oxygen in which there are two successive 
electron transfers from the 5-amino-2,4-dihydroxy-
phenyl group to molecular oxygen; one in which 
transfer of an electron from the 5-amino-2,4-dihy-
droxyphenyl group to the Cu2+ precedes the associ-
ation of molecular oxygen;2376 and one in which 
Cu2+ is coordinated by the 4-hydroxy group of 
5-amino-2,4-dihydroxyphenylalanine, a radical is 
formed at carbon 4 by electron withdrawal, as in 
protocatechuate 3,4-dioxygenase (Equation 2-275) 
and quercetin 2,3-dioxygenase (Equation 2-303), 
and oxygen adds to the radical at carbon 4. What 
could be the role of Cu2+ in the first mechanism? 
 

Problem 2-37: The following concerted mecha-
nism has been proposed for oxidation of an alcohol 
in an active site with a prosthetic pyrroloquinoline 
quinone 
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Build a ball-and-stick model of the reactant and ro-
tate around the exocyclic bonds until the molecular 
orbitals participating in the concerted reaction as 
written are all aligned parallel to each other, as they 
must be, and criticize the proposal (see Chapter 1). 

Selenocysteine 

Selenium is found in several enzymes from diverse 
sources such as glycine reductase and some of 
the anaerobic carbon monoxide dehydrogenases, 
hydrogenases, and formate dehydrogenases from 
aerobic bacteria; the nicotinate dehydrogenases, 
6-hydroxynicotinate dehydrogenases, hydrogenases, 
and formate dehydrogenases from some obligate and 
facultative anaerobic bacteria;2416 and thioredoxin-
disulfide reductase and glutathione peroxidase from 
mammals and birds. 
 The cysteines in certain prosthetic groups in 
particular enzymes are replaced with S-selanyl-
cysteines 

 

Anaerobic carbon monoxide dehydrogenase from 
A. carboxidovorans has an oxomolybdenum(VI) 
molybdopterin with two equatorial hydroxy groups, 
and the molybdenum ion is adjacent to but not 
coordinated to an S-selanylcysteine.2417 Formate 
dehydrogenase (hydrogenase) from E. coli has a 
hydroxymolybdenum(VI) bismolybdopterin in its 
active site with the four sulfanyl groups of the 
molybdopterins as equatorial ligands and the selanyl 
group of a selenocysteine as the sixth ligand to 
the molybdenum ion adjacent to the hydroxy 
group.2418,2419 In the active site of formate dehydro-
genase from D. gigas, the central transition metal is 
a tungsten ion rather than a molybdenum ion,2423 
but all the other components, including the selanyl 

group of the selenocysteine, are the same as formate 
dehydrogenase (hydrogenase) from E. coli.2424 Nico-
tinate dehydrogenase from Eubacterium barkeri 
has an oxomolybdenum(VI) molybdopterin in its 
active site that has a hydroxy group as a ligand at 
one of its equatorial positions and a selenide as a 
ligand at its other equatorial position instead of a 
sulfide (see Equation 2-327).2420 In the active site of 
ferredoxin hydrogenase from D. vulgaris, one of the 
cysteines coordinating the nickel ion in the nickel–
iron dinuclear cluster 2-139 (the one on the lower 
right) has been replaced with a selenocysteine.2421,2422  
 Selenium is the element in group 16 below oxy-
gen and sulfur on the periodic table, which them-
selves are abundant elements in living organisms. 
In most of the enzymes that have a selenium in 
their active sites, it is a selanyl group on a seleno-
cysteine, as is the case with ferredoxin hydrogenase 
from D. vulgaris and the formate dehydrogenases. 
Selenocysteine is an amino acid homologous to 
serine and cysteine, in which a selenium replaces 
the oxygen or sulfur, respectively.2425-2427 Rather 
than as a posttranslational modification, in those 
organisms that contain selenocysteine in one or more 
of their enzymes, the selenocysteine is inserted into 
their sequences of amino acids during the translation 
of their mRNA by redefining the UGA stop codon 
with a special transfer ribonucleic acid, tRNASec.2416 
For this reason, selenocysteine is the "21st amino 
acid". 
 
 The selanyl group (-SeH) in a selenol such as 
selenocysteine offers several advantages over its 
closest relative, the sulfanyl group in a thiol such 
as cysteine, as well as a few disadvantages.2428 Just 
as a thiolate is more nucleophilic but less basic 
[pKa(H2S) = 7.0; pKa(¬-cysteine) = 9.1] than an alco-
holate [pKa(H2O) = 15.7; pKa(¬-serine) = 14], a sele-
nolate is more nucleophilic but less basic 
[pKa(H2Se) = 3.9; pKa(¬-selenocysteine) = 5.4]2429 than 
a thiolate. Consequently, a selenol is fully ionized at 
pH 7 in addition to being more nucleophilic. When 
the two are surrounded by the same functional 
groups, a selenide is also more electrophilic than a 
sulfide. This electrophilicity has the disadvantage 
of making an organoselenium compound susceptible 
to deselenation proceeding through nucleophilic 
substitution at selenium, leading to the dissociation of 
the selenium–carbon bond with the carbanion as the 
leaving group. A selenolate is also a better leaving 
group than a thiolate. A disadvantage, however, of 
this enhanced ability of selenium as a leaving group 
is that selenols are more prone to elimination of 
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hydrogen selenide, to give the alkene, than are thiols 
to elimination of hydrogen sulfide. Because of its 
larger size and greater number of electrons, a selenium 
atom is easier to ionize than a sulfur atom, either 
by removing an electron or adding an electron. 
 Several of the advantages of selenium are illus-
trated by selenol–diselenide exchange 

   
                (2-343) 

the homologue of thiol–disulfide exchange (see 
Equation 2-136). In solution, selenol–diselenide 
exchange is 107 times more rapid than thiol–
disulfide exchange2430 because the selenolate ion is 
a better nucleophile than a thiolate, a selenium is a 
better electrophile than a sulfur, and a selenolate is 
a better leaving group than a thiolate. The exchange 
that is more relevant for the active sites of seleno-
enzymes, however, is a selenol–disulfide exchange 
and thiol–sulfenoselenoate exchange 

    
                (2-344) 

which is an equilibrium that is also more rapidly 
established than a thiol–disulfide exchange. 
 In the same surroundings, the biochemical 
standard reduction potential of a diselenide in a 
protein is more negative than that of a disulfide.2431 
When the two sulfanyl groups in glutaredoxin from 
E. coli that form the cystine in the active site that 
participates in thiol–disulfide exchange were in 
turn substituted with selanyl groups and then when 
both were substituted with selanyl groups, the 
biochemical standard reduction potential of the disul-
fide decreased from -194 mV to -260 and –275 mV 
and then to –309 mV, respectively.2432 
 At pH 7, hydrogen selenide ion (HSe-; pKa = 11) 
is less prone thermodynamically to oxidation 
(Eª¢ = -70 mV) to hydrogen selenite (HSeO3

-; pKa = 8.3) 
than is the equilibrium mixture of hydrogen sulfide 
(pKa = 7.0) and its conjugate base to oxidation 
(Eª¢ = -120 mV) to the equilibrium mixture of hydro-
gen sulfite (HSO3

-; pKa = 7.0) and sulfite. This feature  

would tend to cause selanyl groups to be more stable 
to oxidation than sulfanyl groups, but because of 
their increased nucleophilicity, selenols are kinet-
ically more reactive with oxidants than thiols.2428 
Selenium, however, has the advantage that it is much 
more difficult both kinetically and thermodynamically 
to oxidize the selenino group (-SeO2H) in a seleninic 
acid, which is easy to reduce back to a selenol, to 
the selenono group (-SeO3H) in a selenonic acid 
(RSeO3H), which is difficult to reduce back to a 
selenol, than it is to oxidize a sulfinate (RSO2

-) to a 
sulfonate (RSO3

-). Consequently, selenocysteine is 
less prone to adventitious complete oxidation, and 
the consequent inactivation of an enzyme in which 
it is a catalyst, than is cysteine. Murine thioredoxin-
disulfide reductase has a selenocysteine in its ac-
tive site involved in the enzymatic reaction. It is 
significantly more stable to added oxidants than is 
the enzyme from D. melanogaster (46% identity; 1.3 
gap percent), in the active site of which there is a 
cysteine instead of a selenocysteine. When the cyste-
ine in thioredoxin-disulfide reductase from D. melano-
gaster is changed to a selenocysteine, the enzyme 
becomes as resistant to oxidation as the murine 
enzyme.2433 Murine thioredoxin-disulfide reductase 
is inactivated by various electrophiles but can be 
reactivated by oxidation with hydrogen peroxide. 
When its selenocysteine, however, was mutated to 
a cysteine, the cysteinyl enzyme inactivated with 
electrophiles could not be reactivated.2434 
 Natural selection may have capitalized on these 
advantages of selenium relative to sulfur. It has 
been argued,2435 however, that the lower values of 
pKa, the more negative values of biochemical 
standard reduction potential, and the nucleophilicity 
of the selanyl group, each on its own, is probably 
not so advantageous as it seems. Active sites are 
able to efficiently lower the pKa of the sulfanyl group 
of a cysteine. They are also able to significantly 
adjust biochemical standard reduction potentials of 
cystines. For example, just within the family of thio-
redoxins,2436 the biochemical standard reduction 
potentials for their cystines span the range 
from -130 to -270 mV. Finally, the nucleophilicities 
of selenocysteine and cysteine, which are reflected 
in the rates of selanol–disulfide exchange and thiol–
disulfide exchange, can also be adjusted by an active 
site. For example, the single selenocysteine in human 
thioredoxin–disulfide reductase, which is required 
for enzymatic activity, is replaced by a cysteine in 
the closely related (49% identity; 1.9 gap per cent) 
thioredoxin-disulfide reductase from D. melanogaster. 
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These enzymes rely on four successive selenol–
disulfide exchanges and thiol–sulfenoselenoate ex-
changes or four successive thiol–disulfide exchanges, 
respectively, during each turnover, and yet the enzyme 
from D. melanogaster has an enzymatic activity 
that is somewhat greater than that of the human 
enzyme,2437 and replacement of its cysteine with a 
selenocysteine does not improve the rate of its 
enzymatic reaction,2438 even though the nucleo-
philicity of the cysteine in its active site can be 
changed by altering side chains surrounding it in the 
active site.2438,2439 Thioredoxin reductase from Plas-
modium falciparum is also related to the human 
enzyme (39% identity; 1.9 gap per cent), but replacing 
the cysteine that is in the homologous position in its 
sequence of amino acids with the selenocysteine that 
is in the human enzyme decreases the rate of its reac-
tion at saturating concentrations of thioredoxin2440 
by a factor of 4. 
 When one considers these observations, the 
selective advantage of selenocysteine relative to 
cysteine is not so obvious. It may, however, be that 
the combination of all these advantages is so bene-
ficial that natural selection has gone to all the trouble 
of selecting a way of inserting selenocysteine in 
some enzymes. Or it may be that there is another 
reason for the presence of selenocysteine. It is also 
possible that the use of selenocysteine is adventi-
tious, but both the fact that the natural abundance 
of selenium in the seawater in which life evolved is 
10-7 that of sulfur and the fact that a complicated 
mechanism for its insertion into sequences of amino 
acids has evolved suggest that there is some compel-
ling selective pressure.  
 There is a formate dehydrogenase (hydrogenase) 
from E. coli that catalyzes the oxidation of formate 

             (2-345) 

In the hydroxymolybdenum(VI) bismolybdopterin 
in its active site,2418,2419 a selenocysteine occupies 
the same position as the serine in the active site of 
respiratory dimethylsulfoxide reductase (Figure 2-60) 
and a hydroxide is the sixth ligand at the same position 
as the oxo group in respiratory dimethylsulfoxide 
reductase. Because the selenium in the selenocyste-
ine is a direct ligand to the molybdenum in the 
oxidized, molybdenum(VI) form of the prosthetic 
group2157,2419,2441 and because it is selenium rather 
than sulfur, it is electrophilic enough to remove a 
 

hydride from an immediately adjacent formate 
when one of the oxygens of the formate replaces 
the hydroxide and becomes the sixth ligand to the 
molybdenum.2419 Transfer of this hydride from the 
carbon of the formate to the selenium turns the 
formate directly into carbon dioxide, with no incor-
poration of oxygen from the hydroxide that was 
coordinated to the molybdenum before it was 
displaced by the formate,2442 which is the usual 
outcome with enzymes using molybdenum ions 
and molybdopterins. The hydride transferred to the 
electrophilic selenium of the molybdenum(VI) 
selenolate produces a molybdenum(IV) selenol, 
and the hydron is then removed from the resulting 
selenol by the adjacent imidazolyl group of a histi-
dine2419 to produce molybdenum(IV) bismolybdo-
pterin selenolate,2157 which is reoxidized to hydroxy-
molybdenum(VI) bismolybdopterin selenolate by 
two successive one-electron transfers in the outer 
sphere to a [4Fe–4S] iron–sulfur cluster.2419,2443 
 Human thioredoxin-disulfide reductase 

   
                (2-346) 

contains a selenocysteine2444 that is essential for its 
activity.2445 It is the penultimate amino acid in the 
sequence of the protein. The amino acid on its 
carboxy-terminal side is the carboxy-terminal glycine 
of the protein, and the amino acid on its amino-
terminal side is a cysteine. When the enzyme is oxi-
dized, the selenocysteine forms a vicinal sulfeno-
selenoate 

 

with that cysteine.2446 The carboxy-terminal 12 amino 
acids, including this sulfenoselenoate, are only 
loosely incorporated in the structure and can be 
considered a flexible arm.2447 The enzyme is a close 
relative of human glutathione-disulfide reductase 
(34% identity; 2 gap per cent), The structure of the 
active site is almost the same as that of glutathione- 
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disulfide reductase (Figure 2-11), and the mecha-
nism of the enzyme is probably quite similar.  
 Consistent with the enhanced facility of selenol–
disulfide exchange (Equation 2-344), a sulfenoselen-
oate such as 2-167 should be much more reactive 
than a disulfide. Replacement of the selenocysteine 
with a cysteine in human thioredoxin-disulfide 
reductase2448 or thioredoxin-disulfide reductase from 
R. norvegicus2445 decreases the enzymatic activity 
10-100-fold, as would be expected if the enzyme is 
capitalizing on the more favorable electrophilicity 
and nucleophilicity of the selenium and the conse-
quent increase in the rate of selenol–disulfide ex-
change. It has also been shown that, probably 
because of its larger size, the selenium atom makes 
the strained, vicinal sulfenoselenoate 2-167 more 
stable than the corresponding vicinal disulfide in 
the same location.2446,2448 The following mechanism 
for thioredoxin-disulfide reductase involving three 
successive sulfenoselenoates and four consecutive 
selenol–disulfide and thiol–sulfenoselenoate ex-
changes2449 is consistent with the observations that 
have been reported. 
 Starting with fully reduced human thioredoxin-
disulfide reductase and oxidized thioredoxin, in 
which the disulfide is between Cysteine 32 and Cyste-
ine 35, the selanyl group of the selenocysteine on 
the flexible arm in the reduced enzyme exchanges 
with the sulfanyl group of Cysteine 35 (Equation 
2-344) and forms a sulfenoselenoate with Cyste-
ine 32.2450 This initial selenol–disulfide exchange takes 
advantage of the nucleophilicity of the selenido 
group. In the crystallographic molecular model of 
the complex between human thioredoxin and human 
thioredoxin-disulfide reductase in which the seleno-
cysteine has been mutated to a cysteine, there is an 
intermolecular cystine between the mutant cysteine 
in the thioredoxin-disulfide reductase and Cyste-
ine 32.2451 This disulfide is the homologue of the 
normal sulfenoselenoate. The thiol of the cysteine 
adjacent in the sequence of amino acids to the seleno-
cysteine in the native enzyme exchanges with the 
Cysteine 32 from thioredoxin in the native intermolec-
ular sulfenoselenoate to form sulfenoselenoate 2-167 
and release reduced thioredoxin. This thiol–sulfeno-
selenoate exchange takes advantage of the electro-
philicity of the selenide. 
 The arm with this sulfenoselenoate then swings 
into the active site of the enzyme. There is a crystal-
lographic molecular model of this conformation of 
human thioredoxin-disulfide reductase in which 
the arm is within the active site.2447 The cysteine 
within the active site distal to the flavin (Figure 2-11) 

nucleophilically attacks the selenium in the sulfeno-
selenoate 2-167 in exchange for its cysteine (see 
reverse of Equation 2-136).2452 The proximal cyste-
ine at the flavin then nucleophilically attacks the 
resulting acyclic, intramolecular sulfenoselenoate, 
releasing the selenolate ion and forming a cystine 
adjacent to the flavin. This step takes advantage 
of the ability of the selenido group as a leaving group. 
The resulting disulfide, adjacent to nitrogen 5 and 
carbon 4a, is reduced in the normal fashion by the 
flavin, which in turn is reduced by NADPH. 
 Glutathione peroxidase serves as a paradigm 
for the interaction of selenocysteine with oxides of 
oxygen. The enzyme catalyzes the reaction 

     
                (2-347) 

where GSH is glutathione, and its purpose is to 
eliminate adventitious peroxides from the cytoplasm. 
There is a selenocysteine in the active site of the 
enzyme that participates in its catalysis. Although 
one might think that the enzyme is taking advantage 
of the superior nucleophilicity of selenocysteinate, 
human thioredoxin-dependent peroxiredoxin,2453 a 
peroxidase that is distantly related to glutathione 
peroxidase2454,2455 and in which a cysteine serves the 
same purpose as the selenocysteine in glutathione 
peroxidase, catalyzes the reduction of hydrogen perox-
ide at a rate2453 comparable to that of bovine gluta-
thione peroxidase,2456 again belying the advantages 
of selenocysteine. 
 When bovine glutathione peroxidase has been 
reduced by reduced glutathione, the selenocysteine 
is the selenol (2-168)  

   
                (2-348) 

but when the enzyme is oxidized with a peroxide, 
the selenium is the hydroxyselanyl group (-SeOH) 
in a selenenic acid (2-169).2457 From these obser-
vations, a plausible mechanism for the reduction of 
peroxides can be formulated (Figure 2-65),2458 which 
is consistent with the kinetics of the enzymatic reac-
tion.2456,2459 The three exchanges—selenium for 
oxygen, sulfur for oxygen, and sulfur for selenium— 
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are all within group 16 and resemble the four ex-
changes that occur in the mechanism of thioredoxin-
disulfide reductase. 
 The selenenic acid (RSeOH) has not been ob-
served directly in glutathione peroxidase because 
in the crystals of the oxidized enzyme the selenol 
has become the seleninic acid (RSeO2H).2460 It is, 
however, possible to trap chemically a selenenic 
acid intermediate2461 in the peroxidase reaction 
catalyzed by human selenoprotein S, and in a human 
peroxiredoxin, the sulfenic acid (RSOH) that is an 
intermediate in its peroxidase reaction has been 
observed in a crystallographic molecular model.2454 
A cysteinesulfenic acid has also been observed by 
nuclear magnetic resonance spectroscopy in yet 
another peroxidase in which it is an intermediate in 
the enzymatic reaction.2462 Finally, there is a synthetic 
selenol that is able to catalyze the reduction of 
tert-butyl hydroperoxide by benzylsulfide in a mech-
anism equivalent to that drawn in Figure 2-65,2463 
and replacing the cysteine in the active site of the 
endopeptidase subtilisin with a selenocysteine 
converts it to a peroxidase.2464,2465 
 Glycine reductase from Acetoanaerobium stick-
landii catalyzes the reaction 

    
                (2-349) 

The enzyme catalyzes the reaction by a mechanism 
(Figure 2-66) that involves a selenocysteine and a 
posttranslation modification that has produced the 
modified amino-terminal amino acid, N-pyruvoyl-
valine (see Equation 2-45). There are three proteins 
participating in the catalysis.2466 One contains the 
N-pyruvoyl group that catalyzes the deamina-
tion.2467,2468 Another contains the selenocysteine2425 
as well as the cysteine that is the nucleophile accom-
plishing the deselenation and producing the sulfeno-
selenoate. The third protein contains the cysteine 
that forms the thioacyl intermediate in a thioacylation 
that is necessary for the stabilization of the enolate 
that leaves during the deselenation.2467,2469 This 
last protein, by itself, then catalyzes the phos-
phorolysis of the resulting S-acetylcysteine that was 
formed at its active site to give acetyl phosphate. 
 

 
 
 
Figure 2-65: Mechanism for the reduction of peroxides cata-
lyzed by glutathione peroxidase.2458 The mechanism is a series 
of reactions, each analogous to selenol–diselenide exchange or 
thiol–disulfide exchange. The selenolate ion is used in the first 
step because it is a stronger nucleophile than sulfur and more 
able to cleave the oxygen–oxygen bond of the peroxide heteroly-
tically. In the second step, the greater electrophilicity of 
selenium facilitates the nucleophilic attack of the sulfido group 
of glutathione upon the selenium, with water or hydroxide as 
the leaving group. In the last step, the sulfido group of gluta-
thione performs a thiol–sulfenoselenoate exchange to regen-
erate the selenol and produce oxidized glutathione. 
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Figure 2-66: Mechanism for the reductive deamination of glycine 
catalyzed by glycine reductase.2425,2466-2471 The overall mecha-
nism can be divided into three transformations: nucleophilic 
substitution of a nitrogen with a selenium, thioacylation of a 
carboxy group, and deselenation of the a carbon of the thio-
ester. During the nucleophilic substitution, glycine forms an 
imine with an N-pyruvoyl group at the amino terminus of one 
of the three proteins catalyzing the overall reaction. The imine 
(pKa @ 8) should be a better leaving group than ammonia 
(pKa = 9.2), and the selenolate ion of a selenocysteine in the 
second protein catalyzing the reaction is the nucleophile. A 
selenoether is the product of the nucleophilic substitution of 
selenium for nitrogen at the primary carbon. The pyruvoyl 
imine hydrolyzes to produce ammonia, one of the products of 
the reaction, and to regenerate the N-pyruvoyl group (not 
shown). During thioacylation, a cysteine in the third protein 
catalyzing the overall reaction participates in a nucleophilic 
substitution at the unactivated carboxy group of Se-(carboxy- 

methyl)selenol to produce the thioester, which activates the 
acyl group. During deselenation, the sulfido group of a cysteine 
from the second protein catalyzing the overall reaction, the 
same protein in which the selenocysteine is located, is the 
nucleophile in a nucleophilic substitution at selenium in which 
the enolate or enol of the thioacetyl group leaves and the intra-
molecular sulfenoselenoate is formed. The enolate is hydro-
nated to form the thioacetyl group. The thioester is phos-
phorolyzed to produce acetyl phosphate (not shown), one of 
the products of the overall reaction, and to regenerate the 
unmodified cysteine. The sulfenoselenoate is reduced to regen-
erate the selenocysteine and the cysteine (not shown). Because 
four different amino acid side chains and three different proteins 
are involved in the overall reaction, only the side chains 
involved in the particular transformation are included in the 
respective drawing to avoid confusion. Only the hydrons needed 
are included in each transformation. 
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 The Se-carboxymethylselenocysteine produced 
by the deamination2470 in the active site of glycine 
reductase has been produced by direct alkylation of 
the selenocysteine by bromoacetate and shown to 
participate in the thioacetylation and the deselena-
tion,2471 and the intermediate sulfenoselenoate in the 
deselenation has been isolated.2470 The third protein 
by itself catalyzes the exchange of [32P]phosphate 
into acetyl phosphate, a reaction that relies on the 
protein establishing the equilibrium of the phos-
phorolysis of the S-acetylcysteine, and this third 
protein catalyzes the formation of S-acetyl-cysteine 
within itself upon the addition of acetyl phosphate.2467 
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Problem 2-38: Write out the mechanism of for-
mate dehydrogenase. 

 

Problem 2-39: Write out the exchanges among di-
sulfides and sulfenoselenoates performed by thi-
oredoxin-disulfide reductase.. 

 

Problem 2-40: For each step in the mechanism for 
glycine reductase in Figure 2-66 in which it is in-
volved, state the advantage that selenocysteine has 
over cysteine. 

 

Cobalamins 

Cobalamin (2-172) is a prosthetic group that con-
tains a cobalt ion 
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Figure 2-67: Crystallographic molecular model of adenosyl-
cobalamin.2472 Crystals were produced by slowly diffusing acetone 
into a concentrated solution of adenosylcobalamin in water. 
The drawing of the chemical structure of cobalamin (2-172), 
which is adenosylcobalamin without the adenosyl ligand, can 

be used as a guide to the stereodrawing50 of the crystallo-
graphic molecular model built from maps of electron density 
derived from a crystallographic analysis. Black atoms are carbons, 
white atoms are oxygens, gray atoms are nitrogens, and the 
small gray sphere is the cobalt ion surrounded by its ligands. 
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Four of the ligands around the cobalt ion are lone 
pairs of electrons from the four central nitrogens in 
a corrinoid. The corrinoids are a group of compounds 
containing four reduced pyrrole rings joined into a 
macrocyclic ring by links between their a positions; 
three of these links are formed by one-carbon units 
and the other by a direct carbon–carbon bond. The 
tetrapyrrole that forms the core of a corrinoid, when 
it is completely unsubstituted and uncoordinated to 
a cobalt ion, is the heterocycle corrin. 
 As is the porphyrin in heme b or siroheme, the 
corrinoid that coordinates the cobalt ion in cobal-
amin is derived biosynthetically from the tetra-
pyrrole uroporphyrinogen III (2-170). One of the 
corrinoids along the aerobic biosynthetic pathway 
through which cobalamin is constructed is hydro-
genobyrinic acid (2-171) 
 To form cobyrinic acid, a cobalt ion replaces 
the one acidic hydron of hydrogenobyrinic acid 
(2-171) 

   
                (2-350) 

In the actual aerobic biosynthetic pathway, however, 
a Co2+ is not inserted into hydrogenobyrinic acid 
until it is modified by amidation of the carboxy-
methyl groups at positions 2 and 7. This insertion 
produces cob(II)byrinic acid a,c-diamide. 
 In cobalamin (2-172 in Figure 2-67),2472 six of 
the seven carboxylates of hydrogenobyrinic acid 
are primary amides and the seventh is an amide 
formed with (R)-1-amino-O-[1-(5,6-dimethylbenz-
imidazol-1-yl)-3-phospho-a-∂-ribofuranosyl]propan-
2-ol.* When the seventh amide is the one formed 
with only (R)-1-aminopropan-2-ol and there is no 
cobalt coordinated, the corrinoid is cobinamide. 
 A corrinoid, unlike a porphyrin, is not aromatic 
because saturation at several locations prevents it 
from having an unbroken ring of p orbitals. The 
tetrapyrrole ring is also one carbon smaller than a  
 

                                                
*From here on, the corrinoid of cobalamin will be abbreviated, 
as was a porphyrin, by a square with four nitrogens at its vertices. 

porphyrin because during its biosynthesis from 
uroporphyrinogen III (2-170), one of the methylene 
carbons connecting two of the pyrroles is removed, 
turning a porphyrin into a corrinoid. This ring contrac-
tion, however, would have no effect on the aroma-
ticity. If the tetrapyrrole were still as unsaturated as 
it is in protoporphyrin, it would be aromatic. 
 The axial ligand in cobalamin (Figure 2-67)2472 
is a lone pair of electrons from nitrogen 3 of the 
intramolecular 5,6-dimethylbenzimidazolyl group 

    
                (2-351) 

that is covalently attached to the cobinamido group 
in cobalamin in an a-N-glycosidic linkage to a 
ribose that is in turn attached through a phosphate 
diester to the hydroxy group of the (R)-1-amino-
propan-2-ol. 
 When cobalamin is a prosthetic group in an 
enzyme, it is usually alkylated at the open axial 
position on its cobalt. An alkylcobalamin is an 
organocobalt compound, and the source of its 
reactivity is its carbon–cobalt bond. In adenosyl-
cobalamin (Figure 2-67), the open axial position on 
the formal Co3+ is occupied by a formal 5¢-deoxy-
5¢-adenosyl carbanion 
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                (2-352) 

In methylcobalamin, a methyl group, formally a 
carbanion participating in a carbon–cobalt bond 
with the formal Co3+, is the axial ligand to the 
cobalt in its cobalamin. Unlike the carbon in an 
organolithium compound or an organomagnesium 
compound, the carbon in an organocobalt compound 
such as adenosylcobalamin or methylcobalamin is 
much less carbanionic. When it is unalkylated, cobala-
min coordinating a Co3+ can be aquocobalamin or 
hydroxycobalamin, in which the oxygen of a molecule 
of water or a hydroxide, respectively, is the axial 
ligand. Commercially, cobalamin is sold as the vita-
min cyanocobalamin, in which cyanide is the axial 
ligand. 
 The cobalt in a cobalamin can be in the +3, +2, 
or +1 oxidation state, which is indicated as, for 
example, methylcob(III)alamin, cob(II)alamin, or 
cob(I)alamin, respectively. The standard reduction 
potential in solution for the reduction of aquo-
cob(III)alamin to cob(II)alamin is +220 mV, and that 
for the reduction of cob(II)alamin to cob(I)alamin 
is -630 mV.2473,2474 Upon the first reduction, the 
molecule of water dissociates, and upon the second 
reduction, which forms cob(I)alamin, the 5,6-di-
methylbenzimidazolyl group dissociates from the 
cobalt, leaving both axial positions vacant. Cob(I)ala-
min is a strong reductant and may act as a one-
electron donor in the microbial reduction of per-
chloroethylene to trichloroethylene,2475 but usually 

cobalamins do not participate in productive oxida-
tion–reduction reactions in biochemical situations. 
Cob(I)alamin, however, because of its susceptibility 
to oxidation, can be adventitiously oxidized to 
cob(II)alamin.  
 When adenosylcobalamin or methylcobalamin 
is incorporated as a tightly bound2476 prosthetic 
group into the active site of an enzyme, the 5,6-di-
methylbenzimidazolyl group usually, but not al-
ways,2477,2478 swings well away from the cobalt as it 
does in solution upon reduction to cob(I)alamin, 
and is replaced by the imidazolyl group of a histi-
dine in the protein (Figure 2-68).2479-2486 In this 
way the enzyme is able to modulate the reactivity 
of the carbon–cobalt bond more effectively by con-
trolling the environment around this histidine.2487 
When the cobalt is in the oxidation state of +1 
(Co+), the histidine can dissociate and swing 
away.2488 
 Many organometallic compounds, such as 
organolithium, organomagnesium, organocadmium, 
and organocopper compounds, react heterolytically. 
In these heterolytic reactions, the carbon partici-
pating in the carbon–metal bond acts as if it were a 
nucleophilic carbanion, and the dissociating metal 
ends up as its most stable cation. The reactivity of 
the carbanion in such situations is determined by 
the ionic character of the bond.2489 In theory, a 
carbon–cobalt bond should have about the same 
ionic character as a carbon–copper bond. Were the 
carbon–cobalt in adenosylcobalamin to cleave heter-
olytically, the products would be 5¢-deoxyadenosyl 
anion and cob(III)alamin. 
 
 In fact, alkylcobalamins such as methylcobal-
amin, unlike alkylmagnesium compounds such as 
methylmagnesium chloride, are electrophilic rather 
than nucleophilic at carbon. Methylcobalamin in 
solution reacts with 2-sulfanylethanol as an electro-
philic methylating agent 

  
                (2-353)  
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Figure 2-68: Stereodrawing50 from the crystallographic molecular 
model of adenosylcobalamin in the active site of methyl-
aspartate mutase from C. cochlearium.2479,2483 Black atoms are 
carbons, white atoms are oxygens, gray atoms are nitrogens, 
and the small gray sphere is the cobalt ion surrounded by its 
ligands. The gene for the protein from C. cochlearium was 
expressed in E. coli, and the resulting enzyme was purified and 
crystallized. Data were gathered to Bragg spacing of 0.19 nm. 
The enzyme is an a2b2 heterotetramer with two symmetrically 
positioned active sites in each tetramer. The crystallographic  

asymmetric unit is the heterotetramer. In the map of electron 
density, in each active site, two conformations of the adenosyl 
group can be discerned.2479 The conformation in the drawing 
is the one in which carbon 5¢ is closest to the cobalt ion (Co) 
and is an axial ligand. Upon association of adenosylcobalamin 
with the enzyme, the 5,6-dimethylbenzimidazolyl group swings 
out of coordination with the cobalt, and the imidazolyl group 
of Histidine 16 takes its place. Nitrogen 3 of the 5,6-dimethyl-
benzimidazolyl group forms a hydrogen bond with the hydroxy 
group of a serine (lower left) in the active site. 
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and the leaving group is cob(I)alamin.2490 This nonen-
zymatic methylation is equivalent to the methylation 
of ¬-homocysteine performed enzymatically by the 
intermediate prosthetic methyl-cob(III)alamin in 
the active site of methionine synthase 

   
                (2-354) 

In the active site of methionine synthase, the 
5,6-dimethylbenzimidazolyl group of the prosthetic 
cobalamin has been replaced by the imidazolyl 
group of a histidine, and the sulfido group of the 
¬-homocysteine upon its association with the active 
site is a ligand to a Zn2+, which ensures that it remains 
unhydronated and nucleophilic.2491 The enzymatic 
reaction is the simple direct, concerted nucleo-
philic substitution at the methyl group of the Co+ 
by the anionic conjugate base of the sulfanyl group 
of ¬-homocysteine (see Equation 2-353). 
 A dehalogenase from Nitratireductor pacificus 
reductively dehalogenates 2,2-dichloro- and 2,2-di-
bromophenols. The dehalogenation is a reduction 
because chloride or bromide, in each case the final 
product, is replaced at the ortho position by a 
hydron, a substitution that requires two electrons. 
The chlorine or bromine that is removed from the 
phenol ends up at first as a chlorocob(II)alamin or 
a bromocob(II)alamin, respectively. The chloro-
cob(II)alamin has been observed in a crystallographic 
molecular model of the enzyme.2492 These observa-
tions suggest that in the formal electrophilic aromatic 
substitution of the halogen for a hydrogen that occurs 
ortho to the hydroxy group of the phenol, the actual 
leaving group is the electrophilic chlorocob(III)al-
amin or bromocob(III)alamin, which is then imme-
diately reduced by one electron from an adjacent 
[4Fe–4S] iron–sulfur cluster to chlorocob(II)alamin 
or bromocob(II)alamin. The chlorocob(III)alamin 
or bromocob(III)alamin would dissociate from the 
intermediate 2,6-dichlorocyclo-hexa-2,4-dien-1-one 
or 2,6-dibromocyclohexa-2,4-di-en-1-one coordinated 
to the initial cob(I)alamin through the chlorine or 
bromine that is substituted. This intermediate 
2,6-dihalo-2,4-cyclohexadien-1-one would be formed 
by hydronation of the reactant at the position from 
which the halogen is removed as in the usual elec-
trophilic aromatic substitution. There is a second 
[4Fe–4S] iron–sulfur cluster in the enzyme, so the 
two electrons needed for reductive substitution of a 
chloride or bromide by a hydron can be supplied  

on site. The second electron reduces chlorocob(II)-
alamin or bromocob(II)alamin to the respective 
cob(I)alamin from which the halide dissociates. 
 
 Cob(I)alamin is a strong nucleophile. Cobalt(I) 
has an even number of electrons (8 valence electrons). 
In cob(I)alamin, there is a nucleophilic lone pair 
of electrons on the cobalt in the axial position. 
Cob(I)alamin reacts nucleophilically with primary 
alkyl halides2493 and with secondary alkyl halides 
under acidic conditions2494 to yield alkylcobalamins 

   
                (2-355) 

The cob(I)alamin produced upon methylation of 
¬-homocysteine by methionine synthase (see Equa-
tions 2-353 and 2-354), or upon methylations cata-
lyzed by other methyltransferases that use cobalamin 
as a prosthetic group, is the nucleophile in transfer 
of the methyl group of 5-methyltetrahydrofolate to 
the cobalt in a direct, concerted nucleophilic sub-
stitution 

       
                (2-356) 

that regenerates the methylcobalamin.2495,2496 The 
cob(I)alamin participating as the nucleophile in the 
direct, concerted nucleophilic substitutions performed 
by the enzymes is often adventitiously inactivated by 
oxidation to cob(II)alamin (Eª¢ @ -430 mV on an en-
zyme), and there are strategies specific to each of 
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the enzymes for rereducing it2497-2500 to retain enzy-
matic activity. 
 Adenosylcobalamin is synthesized biochemi-
cally by the direct, concerted nucleophilic attack of 
cob(I)alamin on carbon 5¢ of MgATP2- in which 
magnesium triphosphate is the leaving group.2501 
In the active site of the enzyme that catalyzes this 
substitution, the side chains of a phenylalanine and 
a tryptophan at one of the axial positions of the cobalt 
ion exclude an axial ligand and raise its biochemical 
standard reduction potential so that it can be main-
tained in the nucleophilic Co+ oxidation state.2502 
 A cob(I)amide is the nucleophile that accepts 
the methyl group of methanol in one of the several 
steps in the production of methane in certain bac-
teria.2503-2505 The cob(I)amide, with the imidazolyl 
group of a histidine replacing the benzimidazolyl 
group, nucleophilically attacks the carbon of meth-
anol in a direct, concerted nucleophilic substitution 

       
                (2-357) 

under Lewis acid catalysis by a Zn2+ in the active 
site that is coordinated by the hydroxy group of the 
methanol.2485 The methyl group is then transferred 
in a second direct, concerted nucleophilic substitu-
tion (see Equation 2-353) to 2-sulfanylethanesulfo-
nate, known as coenzyme M, abbreviated as HSCoM. 
The resulting 2-(methylsulfanyl)ethanesulfonate, 
methyl-SCoM 

 

is the source of the methyl group converted to 
methane in all methanobacteria. Butyl-SCoM is 
converted by certain archaea into butane.2506 
 The enzyme catalyzing the actual production of 
methane is coenzyme-B sulfoethylthiotransferase 

   
                (2-358) 

where coenzyme B, abbreviated as CoBSH, is N-(7-sul-
fanylheptanoyl)-¬-threonine 3-O-phosphate 

 

Kinetic isotopic effects indicate that the rate-
limiting step in the production of methane by the 
enzyme is the breaking of the carbon–sulfur bond 
in methyl-SCoB for which the transition state in-
volves a trigonal methyl group.2511 
 The nucleophilic prosthetic group in coenzyme-B 
sulfoethylthiotransferase is coenzyme F430 

 

Coenzyme F430 is an extensively saturated, modified, 
nonaromatic porphyrin that contains nickel(I) rather 
than cobalt(I). The porphyrin in coenzyme F430 is 
also derived from uroporphyrinogen III (2-170). As 
with cobalamin, the metallic ion replaces a single 
hydron from the conjugate acid of the porphyrin (see 
Equation 2-350).2507,2508 The Ni+ in coenzyme F430 
is poorly coordinated by water2509 and is extremely 
nucleophilic,2488 and when it is in the active site of 
coenzyme-B sulfoethylthiotransferase, it can react with 
methyl bromide to give a methylnickel(III).2510,2511 
Even though a methylnickel(III) can be formed in 
the active site when an analogue of coenzyme B, 
which is shorter by one methylene group, is used as 
a substrate for coenzyme-B sulfoethylthiotransferase 
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from Methanothermobacter marburgensis,2513 this 
methylnickel(III) may not be an intermediate in the 
normal enzymatic reaction. This conclusion follows 
from the observation that an adduct between the 
nickel and a sulfur, rather than between nickel and 
a methyl group, has been identified by magnetic 
circular dichroism spectroscopy as an intermediate in 
the active site of the enzyme.2512 Consequently, the 
reaction may involve a nucleophilic substitition at 
sulfur rather than carbon.  
 
 The majority of the enzymatic reactions in which 
adenosylcobalamin participates as a prosthetic group 
can be written as variations on a common enzymatic 
theme that is completely different from that of the 
direct, concerted nucleophilic substitutions in which 
methylcobalamin participates. Formally, a hydrogen 
atom in the reactant for the enzyme undergoes a 
1,2 migration in concert with a reciprocal 2,1 migra-
tion by one of the substituents on the carbon to which 
the hydrogen moves 

                             (2-359) 

where each pair of substituents, R1 and R2 or R3 
and R4, can be two hydrogens, a hydrogen and an 
alkyl group, a hydrogen and a hydroxy group, or a 
hydrogen and a carboxy group. Consequently, the 
carbons between which the substituents migrate 
can be electron-donating or electron-withdrawing 
or neither. Either inversion or retention of configu-
ration at each of the two carbon occurs, depending 
upon the particular enzyme,2514 and this requires 
that the mechanism of the catalysis performed by 
adenosylcobalamin be consistent with either stereo-
chemical outcome. One of the two participants 
migrating is always a hydrogen, but the other can 
be any one of a number of apparently unrelated 
functional groups (Table 2-3). An example of one 
of these reactions is that catalyzed by bovine 
methylaspartate mutase. This reaction proceeds with 
inversion of configuration at carbon 32514 when 
[3-2H]-¬-threo-3-methylaspartate is used as a reactant 

      (2-360) 

 
 
 
 
 
 
 
 In reactions catalyzed by adenosylcobalamin 
as a prosthetic group, the hydrogen that formally 
migrates across the reactant (Equation 2-359) does 
not exchange with hydrons in the solvent.2527 If, 
however, reactant labeled at this hydrogen is mixed 
with the appropriate enzyme, the hydrogens at 
carbon 5¢ of the 5¢-deoxy-5¢-adenosyl group of the 
adenosylcobalamin become labeled; or if the 5¢-deoxy-
5¢-adenosyl group is labeled on carbon 5, the hydro-
gens on the reactant become labeled,2528,2529 as in  
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∂-ornithine 
4 ,5 -aminomutase2 5 1 9  

methylaspartate 
mutase2 5 2 0  

methylmalonyl-CoA 
mutase2 5 2 1  

 ethylmalonyl-CoA 
mutase2 5 2 2  

 2 -hydroxyisobutanoyl-CoA 
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the isotopic exchange catalyzed by propanediol 
dehydratase from Klebsiella aerogenes 

 
               (2-361) 

where Ad is an adenin-9-yl group. The hydrogens 
equilibrating between substrates and carbon 5¢  of 
the 5¢-deoxy-5¢-adenosyl group of the prosthetic 
group do so in such a way that they occupy one of 
three equivalent locations when they enter carbon 5¢ 
of the deoxyadenosine,2527 so it must be the case 
that 5¢-deoxyadenosine itself, which has a methyl 
group at the 5¢ position, rather than adenosylcobal-
amin, is an intermediate. 
 All these observations are consistent with the 
existence of a step in the mechanism for the nor-
mal enzymatic reactions in which the carbon–
cobalt bond of the adenosylcobalamin dissociates, 
the hydrogen that is to migrate is transferred to 
the adenosyl group, and the products of these two 
steps are 5¢-deoxyadenosine and some form of the 
substrate lacking the hydrogen. When 2-aminopro-
panol, a slower (0.7%) substrate2529 than the nor-
mal reactant 2-aminoethanol, is added to ethanol-
amine ammonia-lyase from Clostridium, the car-
bon–cobalt bond of adenosylcobalamin dissociates 
rapidly to produce 5A-deoxyadenosine and cob(II)-
alamin. This intermediate, containing the dissoci-
ated prosthetic group, is still fully active in the 
normal ethanolamine ammonia-lyase reaction,2530 
a fact consistent with the conclusion that this dissoci-
ated form of adenosylcobalamin is an intermediate 
 

in the normal enzymatic reaction. The 2-amino-
propanol, because the isomerization that occurs in 
the next step of its enzymatic reaction is so slow 
that it becomes rate-limiting, causes the enzyme to 
accumulate in the intermediate state in which the 
carbon–cobalt bond has dissociated and the hydrogen 
on carbon 1 of 2-aminopropanol has been trans-
ferred to carbon 5¢ of deoxyadenosine but the 
isomerization of the dehydro reactant has not yet 
occurred. 
 The form of the reactant in the intermediate 
state of an enzymatic reaction catalyzed by adenosyl-
cobalamin, immediately after the carbon–cobalt 
bond has dissociated and the 5A-deoxyadenosine 
has been produced, could be the carbenium ion of 
the dehydro reactant and cob(I)alamin, the radical 
of the dehydro reactant and cob(II)alamin, or the 
carbanion of the dehydro reactant and cob(III)ala-
min. To produce one of these three outcomes, the 
initial step in the reaction would be dissociation of 
the carbon–cobalt bond of the adenosylcobalamin 
to produce a 5¢-deoxy-5¢-adenosyl carbenium ion, a 
5¢-deoxy-5¢-adenosyl radical, or a 5¢-deoxy-5¢-aden-
osyl carbanion that then removes the appropriate 
hydride, hydrogen atom, or hydron, respectively, 
from the reactant for the enzyme. An intermediate 
5¢-deoxy-5¢-adenosyl carbenium ion is unlikely, as 
it should rearrange immediately by an intramolecular 
4¢,5¢-hydride migration to the more stable 5¢-deoxy-
4¢-adenosyl carbenium ion. In fact, under basic 
conditions, 5¢-deoxy-5¢-adenosylcobaloxime disso-
ciates heterolytically to give cob(I)aloxime and 
4¢,5¢-dehydroadenosine, the conjugate base of the 
5¢-deoxy-4¢-adenosyl carbenium ion.2531 Both the 
5¢-deoxy-5¢-adenosyl radical and the 5¢-deoxy-
5¢-adenosyl carbanion, however, are so reactive 
that they should be able to remove a hydrogen atom 
or a hydron, respectively, from side chains of the 
amino acids surrounding them as readily as they 
would from the unactivated, often primary alkyl 
position of the reactant for the enzyme, a problem 
that has been solved by natural selection. In the inter-
mediate state that accumulates when 2-amino-
propanol is used as a reactant for ethanolamine 
ammonia-lyase,2530 the cobalt is in oxidation state 
Co+2. This observation is most consistent with an 
intermediate radical of the reactant, but it could also 
be consistent with a carbanionic intermediate if 
that carbanionic intermediate has at some point 
transferred an electron to the cob(III)alamin because 
of the wait resulting from using the slow reactant. 
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 In the currently accepted mechanism, however, 
for the isomerizations catalyzed by adenosyl-
cobalamin, the first step is homolytic cleavage of 
the carbon–cobalt bond of the adenosylcobalamin 
to yield 5¢-deoxy-5¢-adenosyl radical and cob(II)al-
amin* 

     
                (2-362) 

 When ethanolamine ammonia-lyase from 
Clostridium,2532 methylmalonyl-CoA mutase from 
Propionibacterium freudenreichii,2533 methylaspartate 
mutase from Clostridium tetanomorphum,2534 or 
∂-ornithine 4,5-aminomutase from A. sticklandii,2535 
each containing its full complement of adenosyl-
cobalamin, is mixed with its reactant, there is a rapid 
decrease in its absorbance at 525 nm and increase in 
its absorbance at 475 nm, as expected if the adenosyl-
cobalamin has been converted into cob(II)alamin. 
This appearance of cob(II)alamin is rapid enough 
to be a step in the overall enzymatic reaction and 
accounts for 20-30% of the adenosylcobalamin on 
the enzyme at equililbrium. 5¢-Deoxyadenosine is 
also formed in the active site of methylaspartate 
mutase from C. tetanomorphum rapidly with the 
same rate constant as that for the formation of 
cob(II)alamin.2536 In crystallographic molecular 
models of active sites that are occupied by their 
substrates or by substrate analogues, the carbon–
cobalt bond often has broken,2482,2537-2539 but crystal-
lography cannot distinguish whether the products 
are those of heterolytic or homolytic dissociation 
or what the products were in the first instant after 
dissociation of the carbon–cobalt bond. 
 Upon mixing propanediol dehydratase from 
K. aerogenes with 1,2-propanediol,2540 methyl-
aspartate mutase from Clostridium cochlearium with 
¬-glutamate,2541-2543 ethanolamine ammonia-lyase 
from S. typhimurium with ethanolamine,2544-2546 or 

                                                
*Cob(II)alamin has one unpaired electron and is a radical, as is 
the 5¢-deoxy-5¢-adenosyl radical. 

methylmalonyl-CoA mutase from P. freuden-
reichii subsp. shermanii with (R)-methylmalonyl-
SCoA,2547 a neutral radical of the respective reactant 
or a neutral radical of the already rearranged reactant, 
in which the localized unpaired electron occupies 
the carbon from which or to which the hydrogen 
migrates (Equation 2-359), respectively, also forms 
rapidly in 20-50% yield. The cob(II)alamin and the 
radical of the reactant are in an equilibrium with 
the ternary complex of reactant or product and un-
dissociated adenosylcobalamin.2548 These observa-
tions are consistent with homolytic cleavage of the 
carbon–cobalt bond of adenosylcobalamin (Equa-
tion 2-362) followed immediately by the removal of 
a hydrogen atom from the appropriate carbon of the 
reactant by the 5¢-deoxy-5¢-adenosyl radical. No 
5¢-deoxy-5¢-adenosyl radical is detected, presum-
ably because it is unstable relative to the observed 
participants in the equilibrium. 
 In the case of propanediol dehydratase, the 
neutral radical present at equilibrium has been iden-
tified by electron paramagnetic resonance spectra 
as the 1,2-dihydroxypropyl radical, produced by 
abstraction of a hydrogen from the hydoxymethyl 
carbon of the 1,2-propanediol.2549 In the case of 
ethanolamine ammonia-lyase, the neutral radical 
present at equilibrium has also been identified by 
electron paramagnetic resonance spectra as the 
1-hydroxy-2-aminoethyl radical, produced by the 
abstraction of a hydrogen from the hydoxymethyl 
carbon of the ethanolamine, because only when 
[1-13C]ethanolamine is used as the reactant, and 
not [2-13C]ethanolamine, is the absorbance of the 
radical split in two.2550 No 1-amino-2-hydroxyethyl 
radical, the product of the normal isomerization 
leading to product, is observed during the enzymatic 
reaction because rearrangement of the 1-hydroxy-
2-aminoethyl radical to the 1-amino-2-hydroxy-
ethyl radical is the rate-limiting step in the overall 
reaction.2551 As soon as the rearrangement produces 
1-amino-2-hydroxyethyl radical, it immediately 
converts to the final product. The fact that the rear-
rangement is rate-limiting explains why the inter-
mediate 1-hydroxy-2-aminoethyl radical can be 
observed in the first place. In the case of methyl-
malonyl-CoA mutase, however, the radical that 
accumulates during the enzymatic reaction has been 
identified by electron paramagnetic spectroscopy 
as that of the properly rearranged (R)-methyl-
malonyl-SCoA,2547 so the rate-limiting step of this 
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reaction must be abstraction of the hydrogen from 
5¢-deoxyadenosine by this radical. 
 As was the case when 2-aminopropanol was 
used as an unnatural reactant for ethanolamine 
ammonia-lyase, the catalytic reaction of an enzyme 
using adenosylcobalamin as a prosthetic group can 
be stopped in its tracks by using an appropriate 
unnatural analogue of the reactant or an analogue 
of adenosylcobalamin, and in some of these instances 
intermediates consistent with a homolytic mech-
anism accumulate. In the case of 2-aminopropanol 
and ethanolamine ammonia-lyase, 2-amino-
1-hydroxy-1-propyl radical accumulates in the 
active site, consistent with abstraction of the hydro-
gen from the carbon of the hydroxymethyl group of 
2-aminopropanol, just as in the normal reaction the 
hydrogen would be abstracted from the carbon of the 
hydroxymethyl group of 2-aminoethanol.2552,2553 
 When ethanolamine ammonia-lyase from S. typhi-
murium is mixed with [1,1,2,2-2H4]-2-hydroxyethyl-
hydrazine, another unnatural analogue of ethanol-
amine, cob(II)alamin, [5¢-2H]-5¢-deoxyadenosine, 
[1,2,2-2H3]acetaldehyde, and the radical cation of 
hydrazine are formed rapidly on the enzyme.2554,2555 
[1,2,2-2H3]Acetaldehyde and the radical cation of 
hydrazine are the products expected from the decom-
position of 1-hydroxy-2-hydrazino-1-ethyl radical 
2-176 

            (2-363) 

that is formed by abstraction of a hydrogen from 
the carbon of the hydroxymethyl group of 2-hydroxy-
ethylhydrazine. 
 In the active site of ∂-ornithine 4,5-amino-
mutase from from A. sticklandii, it is actually the 
pyridoximine that forms between a prosthetic 
pyridoxal 5¢-phosphate in the active site and the 
5-amino group of the ¬-ornithine that migrates 
(Table 2-3). When ∂-ornithine 4,5-aminomutase is 
mixed with ∂-2,4-diaminobutyrate, an analogue 
one carbon shorter than ∂-ornithine, cob(II)alamin 
is formed rapidly on the enzyme.2556 Electron para-
magnetic resonance spectra identified a radical 
formed from the imine of ∂-2,4-diaminobutyrate 
and the prosthetic pyridoxal 5¢-phosphate. In the 
enzymatic reaction catalyzed by lysine 5,6-amino- 
 

mutase, the 6-amino group of ¬-lysine migrates to 
carbon 5 

      
                (2-364) 

and again the pyridoximine forms between a pros-
thetic pyridoxal 5¢-phosphate in the active site and 
the 6-amino group of the ¬-lysine that migrates 
(Table 2-3). When carbon 4 of ¬-lysine is replaced 
by a sulfur and the resulting unnatural analogue, 
4-thia-¬-lysine, is mixed with the enzyme from 
Porphyromonas gingivalis, one of the hydrogens on 
carbon 5 is abstracted by the adenosylcobalamin, 
and the resulting radical, which is the analogue of 
the radical that should be formed in the first step of 
the normal enzymatic reaction by abstraction of 
hydrogen from the pyridoximine, can be observed. 
The immediately adjacent sulfur at position 4 stabi-
lizes the radical at carbon 5 by sharing the unpaired 
electron, and this stabilization prevents the migra-
tion of the 6-imino group. 
 When the hydrate of glycolaldehyde is used as 
an unnatural reactant for propanediol dehydratase 
from K. aerogenes (Table 2-3), the immediate product 
of the reaction is the stable 1-oxo-2-hydroxy-2-ethyl 
radical2557,2558 

                    (2-365) 

as expected from the removal of a hydrogen atom 
from the carbon of the hydroxymethyl group of the 
glycolaldehyde. 
 There are also unnatural substrates that reveal 
the formation of a 5¢-deoxy-5¢-adenosyl radical. 
When methylaspartate mutase from C. tetano-
morphum (Table 2-3) is mixed with 2-methylene-
glutarate, an analogue of the substrate ¬-glutamate, 
the carbon–cobalt bond of the adenosylcobalamin 
cleaves homolytically and the 5¢-deoxy-5¢-adenosyl 
radical adds to the double bond of the methylene 
group at the distal carbon to give a stable adduct in 
which the unpaired electron ends up on a tertiary 
carbon2559 
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The same observation was made later with 
methylmalonyl-CoA mutase from M. tuberculosis. 
When methylmalonyl-CoA mutase is mixed with 
2-methylenesuccinyl-SCoA, an analogue of the 
substrate succinyl-SCoA, the 5¢-deoxy-5¢-adenosyl 
radical generated in the active site again adds to the 
methylene group to give a stable adduct analogous 
to 2-177 with a succinyl-SCoA group rather than a 
glutaryl group covalently attached to the 5¢-deoxy-
5¢-adenosyl group. In this instance, the adduct was 
stable enough that it could be identified unambig-
uously by crystallography.2560 The 5¢-deoxy-5¢-aden-
osyl radical, however, as a radical at a primary carbon, 
is so unstable that when it dissociates from the 
adenosylcobalamin, it either abstracts a hydrogen 
immediately upon its formation or recolligates with 
cob(II)alamin, so it has not yet been observed directly 
in any enzyme with a prosthetic adenosylcobalamin. 
 Rather than an unnatural analogue of the reac-
tant, an unnatural analogue of adenosylcobalamin 
can be incorporated into an enzyme. When adenosin-
3¢,4¢-enylcobalamin2561 is used as a prosthetic group 
in the active site of propanediol dehydratase from 
K. aerogenes, its carbon–cobalt bond cleaves upon 
the addition of 1,2-propanediol to the enzyme to 
produce a 5¢-deoxyadenosin-4¢,5¢-en-3¢-yl radical.2562 
The unpaired electron in this radical 

 

is delocalized over the immediately adjacent 
4¢,5¢ double bond and stabilized captodatively by 
the 3¢-hydroxy group, both effects that result in a 
stable intermediate insufficiently reactive to abstract 
a hydrogen from the 1,2-propanediol at anywhere 
near the rate at which the normal 5¢-deoxy-
5¢-adenosyl radical does.2563 Instead, the delocalized 
radical is reduced by the cob(II)alamin and hydro- 

nated to give the final product 3¢,5¢-dideoxy-
adenosin-4¢,5¢-ene, which registers the formation 
of radical 2-178. 
 Several of these stable radicals that can be ob-
served in the active site have been used to obtain 
estimates of the distances involved in the enzymatic 
reaction. These estimates are for the distances from 
the respective radical to either the cobalt ion in 
cob(II)alamin, from which the 5¢-deoxy-5¢-adenosyl 
radical dissociated, or to the methyl group of the 
5¢-deoxyadenosine produced during creation of the 
respective radical. 
 Analysis of the shapes of the lines in spectra 
from electron paramagnetic resonance,2553,2564 spec-
tra from X-band electron spin-echo electron para-
magnetic resonance and spin-echo envelope 
modulation,2565,2566 and spectra from pulsed electron–
nuclear double resonance2567 of either the radical 
of 2-aminopropanol or the radical of [2H4]-2-amino-
ethanol in the active site of ethanolamine ammonia-
lyase from S. typhimurium all provide consistent 
estimates of the distance between the respective 
radicals and the cobalt ion in cob(II)alamin of 
1.0 ± 0.1 nm. Spectra from X-band and Q-band elec-
tron paramagnetic resonance2568 provide an estimate 
of distance between the radical on 4-thia-¬-lysine 
and the cobalt ion in cob(II)alamin within the active 
site of lysine 5,6-aminomutase from A. sticklandii 
of 1.0 nm. In the crystallographic molecular model 
of the complex between (S)-1,2-propanediol and 
propanediol dehydratase from Klebsiella oxytoca,2569 
the distance from the cobalt of the prosthetic cobal-
amin to the carbons of the reactant between which 
the hydrogen migrates is 0.9 nm; in the crystallo-
graphic molecular model of the complex between 
methylaspartate mutase from C. cochlearium and 
an equilibrium mixture of ¬-glutamate and 
(2S,3S)-3-methylaspartate,2479 the distance from the 
cobalt of the prosthetic cobalamin to the carbons of 
the substrates between which the hydrogen migrates 
is 0.7 nm; and in the crystallographic molecular 
model of the complex between methylmalonyl-CoA 
mutase from P. freudenreichii and the inhibitor 
S-2-carboxypropyl-SCoA,2570 the distance from the 
cobalt of the prosthetic cobalamin to the carbons 
of the inhibitor between which the hydrogen would 
migrate in the substrates is 0.6 nm. 
 All these distances seem to require that, in 
each instance, the carbon–cobalt bond dissociates 
and the 5¢-deoxy-5¢-adenosyl radical swings over to 
the reactant from the cobalt ion it leaves behind 
before the hydrogen can be abstracted. While it is  
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swinging over to the reactant, it is a rather reactive 
5¢-deoxy-5¢-adenosyl radical that can abstract a 
hydrogen from almost any carbon in the protein. 
There is, however, no such thing as empty space in 
a condensed solution, so the apparently empty space 
through which the 5¢-deoxy-5¢-adenosyl radical 
must swing between the cobalt and the reactant 
must be occupied by disordered molecules of water. 
In fact, in the crystallographic molecular model of 
the complex between methylmalonyl-CoA mutase 
from P. freudenreichii and S-2-carboxypropyl-SCoA, 
there are several fixed molecules of water between 
the cobalt ion of the cobalamin and the carbons in 
the inhibitor between which the hydrogen would 
migrate in the substrates. The reason for surrounding 
the 5¢-deoxy-5¢-adenosyl radical with molecules of 
water is that of all the hydrogens in the solution, 
the most difficult to abstract are the hydrogens on 
molecules of water (bond dissociation energy = 
497 kJ mol-1), none of which can be abstracted by a 
5¢-deoxy-5¢-adenosyl radical (bond dissociation 
energy = 390 kJ mol-1). In a sense, it is almost as if, 
during its lifetime in transit, the 5¢-deoxy-5¢-adenosyl 
radical were surrounded by vacuum as it swings 
over to the reactant. 
 The 5¢-deoxyadenosine remains intimately 
associated with the radical of the reactant that it 
forms upon abstraction of the respective hydrogen. 
Spectra from electron spin-echo envelope modulation 
of the radical of [2H4]-2-aminoethanol,2571 spectra 
from X-band electron spin-echo electron para-
magnetic resonance and from electron spin-echo 
envelope modulation of the radical of 2-amino-
propanol2565 and the radical of [2H4]-2-amino-
ethanol,2566 and spectra from pulsed electron–
nuclear double resonance of the radical of 2-amino-
propanol,2572 each in the active site of ethanolamine 
ammonia-lyase from S. typhimurium, are con-
sistent with all three hydrogens on the 5¢-methyl 
group of the deoxyadenosine being located within 
0.23-0.42 nm of the respective radical and the 
carbon of the 5¢-methyl group being located 0.35 nm 
from the radical. If this is so, then the 5¢-methyl 
carbon is within van der Waals contact with the 
carbon on which the unpaired electron resides.  
 When the hydrogen on the reactant that migrates 
during the reaction catalyzed by methyl-malonyl-CoA 
mutase from P. freudenreichii is converted to a 
deuterium, the rate constant for the appearance of 
cob(II)alamin decreases dramatically.2533,2534 This 
observation suggests that homolysis of the carbon–
cobalt bond is concerted with abstraction of a 
hydrogen from the reactant, which would require 

that the carbon of the reactant from which the hydro-
gen is abstracted be positioned by the enzyme 
immediately adjacent to carbon 5¢ of the adenosyl 
group in the intact adenosylcobalamin. The distances 
observed by spectroscopy and crystallography rule 
out this possibility. It may simply be the case that 
the homolysis of the carbon–cobalt bond precedes 
abstraction of the hydrogen from the substrate2573 
and is not concerted with it but that the equilibrium 
constant for homolysis of the carbon–cobalt bond 
is significantly less than 1, as might be expected. 
Abstraction of the hydrogen from the reactant for 
the enzyme shifts the equilibrium by mass action, 
in favor of dissociation of the carbon–cobalt bond. 
This sequence of events would explain both the 
requirement that the hydrogen must be abstracted 
from the reactant as the cob(II)alamin is formed, as 
required by the kinetic isotope effect, and the fact 
that no 5¢-deoxy-5¢-adenosyl radical is ever observed 
as a transient intermediate in any of these enzymatic 
reactions.2548 These considerations suggest that, 
rather than being concerted, dissociation of the 
carbon–cobalt bond is coincident with abstraction 
of the hydrogen simply because the equilibrium is 
shifted by subsequent abstraction of the hydrogen. 
In this way, the lifetime of the 5¢-deoxy-5¢-adenosyl 
radical is kept to a minimum. 
 Homolytic dissociation of the carbon–cobalt 
bond of adenosylcobalamin should be the most dif-
ficult step in the accepted mechanism, especially if it 
is not concerted with abstraction of the hydrogen 
from the reactant. The bond dissociation energy of a 
carbon–cobalt bond in an alkylcobalamin2574 is 
around 100 kJ mol-1, and that for the homolysis of 
adenosylcobalamin2575 is 125 ± 10 kJ mol-1. Even more 
remarkable is that the rate constant for uncatalyzed 
dissociation of the carbon–cobalt bond in adenosyl-
cobalamin at 25 ªC is 4 ¥ 10-10 s-1. 
 Nevertheless, the active site of an enzyme that 
uses adenosylcobalamin as a prosthetic group some-
how overcomes these formidable thermodynamic 
and kinetic barriers. In the map of electron density 
within an active site of methylaspartate mutase 
from C. cochlearium unoccupied by substrates, two 
orientations of the 5¢-deoxyadenosyl group can be 
discerned. The orientation in the drawing (Fig-
ure 2-68) is the one in which carbon 5¢ is closest to 
the cobalt ion (Co). In the other orientation, which 
is not drawn, the carbon–cobalt coordination is 
broken; carbon 5¢ is farther (0.45 nm) from the co-
balt, well out of coordination; carbon 5¢ is not in an 
axial position; and it is pointing instead toward the 
location in the active site in which substrates are 
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normally bound.2479,2483 The conclusion that can be 
drawn in this instance is that there is an equilibrium 
established in the active site between the intact 
carbon–cobalt bond and the dissociated carbon–
cobalt bond even in the absence of substrate. How 
the active site is able to change the equilibrium 
constant from the highly unfavorable value in solu-
tion to such an isoergonic one is puzzling but perhaps 
only because catalysis of homolytic reactions by the 
active sites of enzymes is not so well understood as 
is the catalysis of heterolytic reactions. 
 When the reactant binds to one of these en-
zymes with a prosthetic cobalamin in its active site, 
there is spectroscopic evidence that the carbon–
cobalt bond of adenosylcobalamin, if it is not bro-
ken almost immediately,2533 is distorted,2576 and 
this distortion and other steric effects2577,2578 may 
weaken the bond. These steric effects are probably 
not exerted on the corrin itself because it has virtu-
ally the same conformation in both adenosylcobal-
amin and cob(II)alamin.2579 It is possible that the 
carbon–cobalt bond could be stretched by the active 
site. For example, the undissociated orientation of 
the carbon–cobalt bond of the adenosylcobalamin 
in the crystallographic molecular model of methyl-
aspartate mutase from C. cochlearium, in which the 
carbon is closest to the cobalt ion (Figure 2-68), the 
distance between carbon and cobalt (0.32 nm) is 
significantly longer than the unstretched carbon–
cobalt bond in free adenosylcobalamin (0.205 nm).2472 
When amino acids the side chains of which form 
hydrogen bonds to the ribosyl ring of the adenosyl 
group in the active site of methylaspartate mutase 
are mutated,2580 the rate of dissociation of the carbon–
cobalt bond upon addition of substrate decreased 
by a factor of 100-10,000. These hydrogen bonds 
could enforce a distortion or stretching of the carbon–
cobalt bond. The carbon–cobalt bonds of adenosyl-
cobalamins in the active sites of isobutyryl-CoA 
mutase from Cupriavidus metallidurans2581 and 
human methyl-malonyl-CoA mutase,2537 however, 
are of normal length (0.23 and 0.22 nm). 
 When adenosylcobalamin is bound to an en-
zyme and the benzimidazolyl group has been re-
placed by the imidazolyl group of the histidine, the 
carbon–cobalt bond loses only about 2% of its 
strength.2582 Consistent with the small decrease in 
its strength observed upon its association with an 
enzyme and the exchange of its axial ligand, the 
exchange of the benzimidazolyl group in adenosyl-
cobalamin with N-methylimidazole does increase 
the rate constant for homolytic dissociation of the  

carbon–cobalt bond in free solution but only by 
8-fold. This exchange, however, also increases by 
350-fold the heterolysis of the carbon–cobalt bond 
that produces the 5¢-deoxy-5¢-adenosyl carbanion 
and cob(III)alamin (Equation 2-352) to give this 
heterolytic dissociation the same rate constant as 
the homolytic dissociation.2583 Another factor that 
may decrease the homolytic bond dissociation energy 
of the carbon–cobalt bond is that the unpaired 
electron in the 5¢-deoxy-5¢-adenosyl radical, during 
the majority of its short lifetime of around 1 ns,2584 
remains less than 0.5 nm from the cobalt in 
cob(II)alamin,2577 presumably before it happens to 
move to its effective location. 
 If it is assumed that, following the required 
rearrangement (Equation 2-359), the radical of the 
dehydro product of the enzymatic reaction abstracts 
a hydrogen from the 5¢-methyl group of deoxyadeno-
sine to become the product and the 5¢-deoxy-
5¢-adenosyl radical immediately recombines with 
cob(II)alamin to restore the adenosylcobalamin 
(reverse of Equation 2-362), then the only remaining 
question is how the rearrangement of the radical 
of the reactant to the radical of the product occurs. 
It has already been noted that in crystallographic 
molecular models of complexes between enzymes 
that use adenosylcobalamin as a prosthetic group 
and their substrates, the carbons from which the 
hydrogen is abstracted by the 5¢-deoxy-5¢-adenosyl 
radical are located 0.6-0.9 nm from the cobalt of 
cob(II)alamin.2479,2569,2570 These observations seem 
to preclude a carbon–cobalt bond involving cob(II)ala-
min and either the dehydro radical of the reactant 
or the dehydro radical of the product, so model re-
actions that involve the rearrangements of organo-
cobalt compounds that mimic those catalyzed by 
the enzyme but that require the rearrangement to 
occur on the metallic ion2585 are probably irrele-
vant. 
 
 There are a number of nonenzymatic rearrange-
ments that mimic the rearrangements that occur 
in the active sites containing prosthetic cobala-
mins. 
 There are nonenzymatic rearrangements that 
use organocobalt compounds as precursors to rad-
icals, which then rearrange appropriately after their 
dissociation from the cobalt. For example, 
1,2-dihydroxyethyl cobaloxime 
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produces high yields of ethanal as a result of homo-
lytic cleavage of its carbon–cobalt bond and subsequent 
rearrangement of the 1,2-dihydroxyethyl radical to 
the 2,2-hydroxyethyl radical 

                     (2-366) 

followed by abstraction of a hydrogen from the sol-
vent.2586 The other product of the reaction is 
cob(II)aloxime. This rearrangement mimics that 
performed by propanediol dehydratase (Table 2-3). 
Homolysis of 2,2,6-triethoxycarbonyl-6-(S-ethyl-
thiocarboxy)-1-heptylcobalamin produces the 
2,2,6-triethoxycarbonyl-6-(S-ethylthiocarboxy)heptyl 
radical that undergoes intramolecular transfer of a 
hydrogen and subsequent isomerization2587 

     
                (2-367) 

by a migration that resembles those catalyzed by 
methylmalonyl-CoA mutase and isobutyryl-CoA 
mutase (Table 2-3). 
 These reactions, however, that use the respective 
cobaloxime or cobalamin as the precursor for what 
is believed to be a neutral radical from a homolytic 
cleavage of the carbon–cobalt bond are equivocal. 
For example, in the rearrangement2588 

   
                (2-368) 

which is a model for methylmalonyl-CoA mutase 
(Table 2-3), it has been demonstrated with radical 
clocks and traps for radicals that the 2-ethoxy-
carbonyl-2-(S-ethylthiocarboxy)-1-propyl radical is 
not formed by a homolytic cleavage of the carbon–
cobalt bond2589,2590 and therefore is not the species 
rearranging. 
 It is also possible, however, to unambiguously 
generate either chemically or photolytically appro-
priate radicals that subsequently rearrange. For 
example, 2-ethoxycarbonyl-2-(S-ethylthiocarboxy)-
propyl bromide, when treated with tri-(n-butyl)tin 
hydride, yields the 2-ethoxycarbonyl-2-(S-ethylthio-
carboxy)propyl radical, which then rearranges to the 
1-ethoxycarbonyl-1-methyl-2-(S-ethylthiocarboxy)-
ethyl radical2591 

      
               (2-369) 

This isomerization is a model for the reaction cata-
lyzed by methylmalonyl-CoA mutase. Phenylseleno 
groups (C6H6Se-) dissociate homolytically upon 
photolysis to yield the radical at the carbon to 
which they were attached, and these precursors have 
also been used to generate appropriate radicals for 
rearrangement.2592,2593 
 The mechanisms by which the rearrangements 
of these various radicals proceed in solution, which 
mimic the heterolytic rearrangements thought to 
occur in the active sites of enzymes, are either asso-
ciative, dissociative, or concerted. As always, in an 
associative mechanism,2591 a bond forms before 
another bond is broken; in a dissociative mecha-
nism,2594 a bond breaks before another bond is 
formed; and in a concerted mechanism, one bond is 
breaking as the other is forming. As in most cases 
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when there are associative, dissociative, and con-
certed alternatives for any reaction, the differences 
between them are not substantive; rather, they are 
differences in timing. In addition, it is probably the 
case that some rearrangements catalyzed by these 
enzymes are associative, others are dissociative, 
and others are concerted. Furthermore, the timing 
in solution may not be the same as that on an active 
site, even for the same rearrangement. 
 The rearrangement in solution of the 2-ethoxy-
carbonyl-2-(S-ethylthiocarboxy)propyl radical (Equa-
tion 2-369) has several kinetic properties consistent 
with an associative mechanism that has cyclopropyl 
radical 2-180 as an intermediate 

 

This cyclopropyl radical is formed by intramolecular 
cyclization of the radical of the reactant or, in the 
reverse reaction, the radical of the product, and it 
cleaves to form either the radical of the reactant or 
the radical of the product.2591 The homologous 
associative rearrangement with the homologous 
intermediate cyclopropyl radical has also been 
proposed to occur in the active site of methylmalo-
nyl-CoA mutase (Table 2-3).2595 
 Rearrangement of 2-ethoxycarbonyl-2-(1-methyl-
ethenyl)propyl radical 

       
                (2-370) 

which is a model for the reaction catalyzed by 2-meth-
yleneglutarate mutase (Table 2-3) and in which a 
1-methylethenyl group [-C(CH3)=CH2)] replaces the 
S-ethylthiocarbonyl group [-C(SC2H5)=O] in Equa-
tion 2-369, is even more facile. The intermediate in 
this latter nonenzymatic reaction, cyclopropyl 
radical 2-181, has been trapped and identified.2593 
When 2-[E-2H1]methyleneglutarate is mixed with 
2-methyleneglutarate mutase from E. coli, the 
2-[E-2H1]methyleneglutarate at equilibrium with 
2-methylene-3-methylsuccinate, the product of the 
enzymatic reaction, gradually isomerizes, in a reaction 
 

catalyzed by the enzyme, to an equimolar mixture 
of 2-[E-2H1]methyleneglutarate and 2-[Z-2H1]methyl-
eneglutarate.2596 This result is consistent with the 
unesterified carboxylic acid of cyclopropyl radical 
2-181 being an intermediate in the enzymatic reac-
tion because rotation about the exocyclic carbon–
carbon bond in the radical should be allowed while 
such a rotation forbidden in either the reactant or 
the product. 
 Rearrangement of the (2S,3R)-2-amino-3-car-
boxy-4-butanoate radical catalyzed by methylaspar-
tate mutase (Table 2-3), however, cannot proceed 
by an associative mechanism because the carbon 
that is migrating is saturated. In the dissociative 
isomerization through which this rearrangement 
would have to proceed, a glycyl radical, stabilized 
by extensive delocalization, moves across the double 
bond in the conjugate base of acrylic acid2597 

  
                (2-371) 

Both of these fragments, glycine and acrylate, have 
been shown to be formed during the rearrange-
ment catalyzed by methylaspartate mutase from 
C. cochlearium,2598 and spectroscopic evidence for 
the intermediacy of the glycyl radical in the enzy-
matic reaction has also been presented.2543 When 
(2S,3R)-2-sulfanyl-3-carboxy-4-butanoate is used as 
a sulfanyl analogue of the usual amino reactant, 
(2S,3R)-2-amino-3-carboxy-4-butanoate, the even 
more stable 1-sulfanylcarboxymethyl radical forms 
in the active site rather than the glycyl radical 
(Equation 2-371). The thiyl radical was identified 
by its electron paramagnetic resonance spectrum, 
and zero-field splitting parameters suggested that the 
radical was the proper distance from the cobalt.2599 
 The reaction catalyzed by 2-methyleneglu-
tarate mutase (Table 2-3) from E. barkeri is inhibit-
ed by two acrylate anions acting in concert but is 
not inhibited by 1-methylcyclopropane 1,2-dicar-
boxylate, an analogue of the cyclopropyl radical 
that would be the intermediate in an associative 
mechanism (see 2-180).2600 These observations 
suggest that a dissociative migration 
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involving an acrylate anion and a 2-acrylate radical 
anion (2-182) occurs in this enzymatic reaction. 
The chemical evidence from nonenzymatic model 
reactions, however, suggest it should proceed by an 
associative mechanism.2591 These contradictions 
throw the exact assignment of mechanism in doubt, 
but they could be resolved if the mechanism in the 
active site differs from that in solution. 
 For both the rearrangement of the 1,2-dihy-
droxypropyl radical to 1-methyl-2,2-dihydroxyethyl 
radical 

                   (2-372) 

in the reaction catalyzed by propanediol dehydratase 
and the rearrangement of the homologous 1-hydroxy-
2-aminoethyl radical to 2-hydroxy-2-aminoethyl rad-
ical 

                    (2-373) 

in the reaction catalyzed by ethanolamine ammonia-
lyase, the hydroxy group that is migrating and the 
amino group that is migrating, respectively, are each 
hydronated before the migration takes place.2601,2602 
In the former rearrangement, the hydroxy group is 
hydronated by the conjugate acid of the imidazolyl 
group of a histidine in the active site,2569 and in the 
latter rearrangement, the ammonio group that enters 
the active site is maintained in its hydronated state 
by a hydrogen bond to the carboxylato group of a 
glutamate. 
 In neither of these two reactions is either an 
associative mechanism or a dissociative mechanism 
realistic. An associative mechanism would require 
that either the migrating oxygen or the migrating 
nitrogen be pentavalent, which is impossible. A 

dissociative mechanism would require a hydronated 
hydroxyl radical cation or a hydronated amino rad-
ical cation, neither of which is realistic, to migrate 
across a double bond, or it would require a molecule 
of water or a molecule of ammonia to migrate across 
the radical cation of a double bond, which is also 
unrealistic. Consequently, it is believed that both 
reactions (Equations 2-372 and 2-373) are concerted 
isomerizations with the bond to the oxygen of the 
hydronated hydroxy group or the bond to the nitrogen 
of the ammonio group breaking as the other bond 
to the oxygen of the hydronated hydroxy group or 
the nitrogen of the ammonio group, respectively, is 
forming.2601,2602 Each concerted isomerization would 
have a transition state with a p molecular orbital 
system that combines a p orbital from each of the 
two carbons and a p orbital from the planar sp2 oxygen 
or the planar sp2 nitrogen 

 

respectively. Each of these respective p molecular 
orbital systems, the one in which the oxygen is the 
third atom and the one in which nitrogen is the 
third atom (2-183), is occupied by three electrons. 
 In this transition state in the active site of ethanol-
amine ammonia-lyase from E. coli, a hydrogen 
bond between one of the nitrogen–hydrogens on 
the ammonio group on the conjugate acid of ethanol-
amine and a s lone pair on one of the carboxylato 
oxygens of the glutamate that maintains the hydrona-
tion of the amino group during the migration guides 
the nitrogen from one carbon to the other. This 
pivoting carboxylato group is planted on the hydroxy 
group of the ethanolamine by a hydrogen bond to 
its other oxygen.2602 
 The large majority of the evidence at the moment 
suggests that the radical of the dehydro reactant 
isomerizes to the radical of the dehydro product in 
the rearrangements catalyzed by enzymes using 
adenosylcobalamin as a prosthetic group. Several 
isomerizations of carbanions, however, that resemble 
the carbanions of the dehydro reactants in the enzy-
matic reactions also mimic the rearrangements 
performed by the respective enzymes. When the rear-
rangement of bis(tetrahydro-H-pyran-2-yl) 2-methyl-
cobalaminylitaconate 
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                (2-374) 

was performed in 2H2O in the absence of any enzyme, 
a deuterium atom was found in the products at the 
locations at which the hydrogen migrating during 
the reaction catalyzed by 2-methyleneglutarate 
mutase 

         
                (2-375) 

would have occupied.2526,2603 Although water gives 
up a hydron readily, a hydrogen atom (bond disso-
ciation energy = 497 kJ mol-1) is abstracted from 
water only with great difficulty. This result and the 
requirement for coincident reduction of cobalt to 
yield rearranged products has led to the conclusion 
that these rearrangements occur within a carbanion 
released from the cobalt directly or upon reduction 

    
                (2-376) 

The carbanions released during these reactions would 
readily pick up a hydron from the solvent prior to or 
following their rearrangement. 
 Under similar reductive conditions, alkylcobal-
amin 2-184 

      
                (2-377) 

rearranges to produce high yields of the product, 
thioethyl 3-ethoxycarbonylbutanoate.2604 This reac-
tion serves as a model for the rearrangement cata-
lyzed by methylmalonyl-CoA mutase (Table 2-3). 
 A radical of the dehydro reactant and cob(II)al-
amin is only the transfer of an electron away from a 
carbanion of the dehydro reactant and cob(III)al-
amin. Perhaps, just as the distinction between a 
concerted nucleophilic substitution and a dissocia-
tive nucleophilic substitution is ambiguous, the 
distinction between a homolytic rearrangement and 
a heterolytic rearrangement, at least in this context, 
is ambiguous. In the case of lysine 5,6-aminomutase 
from A. sticklandii (Table 2-3), however, the appear-
ance of cob(III)alamin resulting from transfer of an 
electron from cob(II)alamin to an intermediate in 
the enzymatic reaction, as would be required if the 
reaction were some hybrid of homolytic and hetero-
lytic, produces the irreversible inactivation of the 
enzyme.2605 It may be the case that the radicals of 
reactant and product are held so far away from the 
cobalt ion to prevent just such a detrimental electron 
transfer. 
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Problem 2-41: Write the mechanism for methio-
nine synthase (Equation 2-354), which uses 
methylcobalamin as a prosthetic group.2495 

 

Problem 2-42: Write a mechanism for the conver-
sion 

 

as it would be catalyzed by an enzyme using ade-
nosylcobalamin as a prosthetic group and an in-
termediate radical.2606 

 

Problem 2-43: Write associative and dissociative 
homolytic mechanisms for each of the reactions in 
Table 2-3. 
 
 (A) Write the overall equation for the reaction 

with the chemical structures of the reactant 
and the product, each drawn in the sawhorse 
projection with the orientation of the saw-
horse in Equation 2-360. When necessary, 
make sure that the chirality of each of the 

two central carbons between which the hy-
drogen and the substituent are interchanged 
is correct.  

 (B) To write the mechanism, remove the hydro-
gen atom and produce the radical of the re-
actant as would be done on the enzyme by a 
5¢-deoxy-5¢-adenosyl radical.  

 (C) Write the cyclopropyl radical for the associa-
tive mechanism and the radical of the prod-
uct resulting from the dissociation of the 
proper bond in the cyclopropyl radical.  

 (D) Write the two fragments, one a radical and 
one an alkene, of the dissociative mecha-
nism.  

 (E) Decide in each case which alternative—the 
associative, the dissociative, or a concerted 
mechanism—is the more likely for that par-
ticular rearrangement.  

 

Problem 2-44: When 1,4-diethyl 2-(bromomethyl)-
2-methyl-3-[N-benzylimino]succinate 

 

is treated with tri-(n-butyl)tin hydride, its neutral 
radical is formed. Draw the neutral radical and the 
product of its rearrangement that mimics the rear-
rangement catalyzed by methylaspartate mutase 
(Table 2-3).2607 

 

Problem 2-45: Each of the following reactions is 
catalyzed by an enzyme that has a catalytic pros-
thetic group in its active site. What is the particular 
prosthetic group used in each of these reactions? 
Do not write mechanisms. 
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Chapter 3 

Association of Substrates with the Active Site 

The Reaction or Reactions Catalyzed 

Before the mechanism of a particular enzyme can 
be studied kinetically, a stoichiometric and complete 
chemical equation must be established for the 
chemical reaction that it catalyzes. Although the 
stoichiometric equation seems clear in the cases of 
interconversions such as that between fumarate and 
malate catalyzed by fumarate hydratase (previously 
Equation 1-1) 

    
                (3-1) 

there are many instances in which it is obscured. 
 In many enzymatically catalyzed reactions, there 
are substrates that are not explicit in the reaction 
as it was originally identified. For example, fatty ac-
ids can be converted into the thioesters of coen-
zyme A in an acyl exchange reaction  

   
                (3-2) 

but the reaction as written is endergonic. There-
fore, the actual reaction catalyzed by long-chain-
fatty-acid-CoA ligase involves the coupled hydroly-
sis of a phosphodiester of MgATP2– as well1 

  
                (3-3)  

 
 
 

 
Procollagen-lysine 5-dioxygenase hydroxylates the 
carbons 5 of lysines in procollagen but only when 
stoichiometric amounts of 2-oxoglutarate are present 
to consume the other half of the molecular oxygen.2 

 
                (3-4) 

 Unlike the examples just considered, some-
times the additional substrates are not part of the 
formal stoichiometric equation for the reaction 
catalyzed by the enzyme because they are regener-
ated during the reaction. Nevertheless, they must 
be present for the enzymatic reaction to occur. For 
example, the observed reaction3 for glutamate-
5-semialdehyde dehydrogenase from Escherichia 
coli is 

 
                (3-5) 

For enzymatic activity to be observed, however, 
phosphate must be present in the solution. There 
are several facts which lead to the conclusion that 
the reaction actually catalyzed by the enzyme is the 
production of ¬-glutamate 5-phosphate 

 
                (3-6) 

and the 5-oxopyrrolidine-2-carboxylate arises from 
a subsequent, nonenzymatic cyclization proceed-
ing by nucleophilic substitution 

(3-7) 
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and regenerating the phosphate. Pyrogallol hydroxy-
transferase from Pelobacter acidigallici catalyzes 
the migration of a hydroxy group from carbon 2 of 
1,2,3-trihydroxybenzene to carbon 5, producing 
1,3,5-trihydroxybenzene, but the enzyme requires, 
as a second reactant, 1,2,3,5-tetrahydroxybenzene, 
which is also a product of the reaction, so it is not a 
participant in the stoichiometric equation for the 
enzymatic reaction.4 The enzyme that catalyzes the 
transport of ∂-glucose 6-phosphate across the plasma 
membrane of E. coli, a reaction that is of physiological 
interest, is required to transport a phosphate ion in 
the opposite direction for every molecule of ∂-glucose 
6-phosphate it transports.5 
 A related ambiguity arises when an enzyme, 
following its purification, is observed to catalyze a 
reaction that turns out to be an incomplete version 
of its actual reaction in the cell because a natural 
substrate has been overlooked. For example, puri-
fied sarcosine oxidase from Corynebacterium readi-
ly converts sarcosine and molecular oxygen to 
formaldehyde, glycine, and hydrogen peroxide. It 
was discovered, however, that tetrahydrofolate is a 
coenzyme for the enzyme under physiological con-
ditions, and when it is present, the enzyme produces 
N5,N10-methylenetetrahydrofolate (previously 1-83) 

 

instead of formaldehyde, at the same rate.6 An en-
zyme involved in oxidation–reduction is often puri-
fied by using an unnatural oxidant or reductant in 
the assay, and the natural oxidant or reductant may 
remain unknown for a considerable period. 
 Glutamate-5-semialdehyde dehydrogenase from 
E. coli (Equation 3-5) is an example of an enzyme 
catalyzing a reaction for which the ultimate product 
that is used by the next enzyme in a metabolic 
sequence, in its case 5-oxopyrrolidine-2-carbox-
ylate, is formed by the rapid nonenzymatic trans-
formation of the actual product produced by the 
enzyme, in its case ¬-glutamyl 5-phosphate.7 When 
the nonenzymatic transformation of the actual 
product of an enzymatically catalyzed reaction is 
rapid enough,8,9 there is no selective pressure to 
catalyze that transformation enzymatically. Usually 

the actual product of such an enzymatic reaction is 
the result of a simpler, more obvious transfor-
mation of the reactant, and a more complicated 
mechanism for the enzyme or the need for another 
enzyme is avoided by permitting the transfor-
mation of the actual product to remain uncata-
lyzed. For example, porcine ∂-amino-acid oxidase 
and ¬-amino-acid oxidase from Crotalus adaman-
teus release, as their respective actual products, the 
imines that are the products of a direct dehydro-
genation of the respective reactants 

     
                (3-8) 

even though the a-oxo acids formed by the rapid 
nonenzymatic hydrolysis of the imines are the ul-
timate biochemical products,10 and the equation 
written for the actual enzymatic reaction (Equation 
3-8) must reflect this fact. Bovine monoamine oxidase 
also produces the imine of its reactant amine.11 
 Phosphoribosylanthranilate isomerase from E. 
coli catalyzes a simple elimination 

    
                (3-9) 

to produce an enol as its actual product. The enol 
then undergoes an enol–keto tautomerization, un-
catalyzed by the enzyme, to produce 1-[(2-carboxy-
phenyl)amino]-1-deoxyribulose 5-phosphate, which 
has an oxo group at carbon 2 and is the ultimate 
biochemical product.12 Other enzymes, however, 
catalyze final keto–enol tautomerizations before 
releasing the required tautomer for the next step in 
the metabolic sequence,13 either because the un-
catalyzed tautomerizations are too slow, because 
they are too nonspecific, or because they produce 
an undesired product. 
 Another nonenzymatic cyclization of the actual 
product, like the one that produces 5-oxopyrrol-
idine-2-carboxylate (Equation 3-7), is the cycliza-
tion and subsequent aromatization of the 2-amino-
3-carboxymuconate semialdehyde 
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                  (3-10) 

that is the actual product of the reaction of 3-hydroxy-
anthranilate 3,4-dioxygenase from Cupriavidus metal-
lidurans.14 An almost identical postenzymatic cycli-
zation, however, to form (2S,4S)-4-hydroxy-
2,3,4,5-tetrahydrodipicolinate from the 2-amino-
4-hydroxy-6-oxopimelic acid produced from pyruvate 
and ¬-aspartate-4-semialdehyde from E. coli is cata-
lyzed by the enzyme, 4-hydroxy-tetrahydrodipicolinate 
synthase, perhaps because it lacks the cis double 
bond approximating the nucleophile and the elec-
trophile.15 
 The nonenzymatic conversion of the actual 
product of an enzymatic reaction into the metabol-
ically required product sometimes requires that 
another reactant not involved in the enzymatic re-
action be present in the cytoplasm or the extracel-
lular solution. Acireductone synthase catalyzes the 
conversion of 2,3-dioxo-5-methylsulfanyl-1-phospho-
pentane to phosphate, formate, and 2-oxo-4-methyl-
sulfanylbutanoate, but only in the presence of 
molecular oxygen. The actual products of the enzy-
matic reaction are phosphate and 1,2-dihydroxy-
5-methylsulfanyl-3-oxo-1-pentene 

  
                  (3-11) 

The latter is oxidized nonenzymatically by molecu-
lar oxygen to the ultimate products of the reaction, 
which is why the molecular oxygen appears to be a 
reactant.16,17 
 Just as the product of an enzymatic reaction may 
be nonenzymatically transformed after dissociating 
from the active site, the actual reactant in an enzy-
matic reaction is often one formed nonenzymati-
cally from the compound originally thought to be 
the reactant. For example, dethiobiotin synthase from 
E. coli uses as its actual reactant the 7-carbamate 
formed nonenzymatically in solution from 
7,8-diaminononanoic acid 

  
                  (3-12) 

and carbon dioxide rather than 7,8-diaminononanoic 
acid itself.18 
 In many instances, a substrate in an enzymatic 
reaction exists in solution in several different forms 
in rapid equilibrium with each other, but the enzyme 
will recognize only one of these several equilibrating 
forms. Although only 3% of the ∂-glyceraldehyde 
3-phosphate in solution is the unhydrated aldehyde, 
that is the only form of this substrate recognized by 
glyceraldehyde-3-phosphate dehydrogenase from 
Homarus gammarus.19 In a solution of fructose 
1,6-diphosphate, there is an equilibrium mixture 
containing 20% a anomer (3-2) and 80% b anomer 
(3-3) of the furanose20 

     
                  (3-13) 

Although these are interconverted through the 
open ketone, less than 1% of either the open ketone 
or its hydrate is present in solution. The enzymes 
glucose-6-phosphate isomerase from Saccharomyces 
cerevisiae21 and fructose-bisphosphatase from Orycto-
lagus cuniculus22 act preferentially, but not exclu-
sively, on the a anomer and catalyze the opening of 
the furanose ring to produce the ketone, which is 
required for the subsequent steps in the enzymatic 
reaction.23 Human fructose-bisphosphate aldolase, 
however, acts preferentially on the b anomer24 but 
also catalyzes the opening of the furanose ring.25 
 Carbon dioxide and carbonic acid are in equi-
librium with each other, and it is difficult to distin-
guish which is the actual substrate in a given 
enzymatic reaction. By following the uptake of hy-
drons, it could demonstrated that the product of 
the reaction catalyzed by tartronate-semialdehyde 
synthase from E. coli, an enzyme containing thia-
mine diphosphate, is carbon dioxide26 
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           (3-14) 

Were carbonic acid the product, almost no hydrons 
would have been consumed. It could be shown, 
however, that b-ketoacyl-[acyl-carrier-protein] syn-
thase I in the fatty-acid synthase system from Rattus 
norvegicus produces bicarbonate rather than CO2 
by following the production of bicarbonate in a 
continuous coupled assay.27 
 Many enzymes are able to accept more than one 
reactant and produce more than one product. For 
example, cytosine deaminase from E. coli, in addi-
tion to deaminating cytosine, also, and with even 
greater efficiency, deaminates isoguanine, a muta-
genic purine that is produced during the repair of 
DNA and that would itself produce mutations if it 
were not eliminated effectively.28 Transketolase can 
use either ∂-xylulose 5-phosphate or ∂-fructose 
6-phosphate as the ketone in its reaction and, using 
thiamine diphosphate, transfers the same hydroxy-
acetyl group derived from either of these substrates, 
as the a-hydroxy enamine of thiamine diphosphate 

 

to ribose 5-phosphate29 

    
                  (3-15) 

    
                  (3-16) 

Likewise, 3-deoxy-7-phosphoheptulonate synthase 
from Pyrococcus furiosus is able to condense phos-
phoenolpyruvate with any one of the aldehydes 
∂-erythrose 4-phosphate, 2-deoxy-∂-erythrose 
4-phosphate, ∂-arabinose 5-phosphate, ∂-ribose 
5-phosphate, or 2-deoxy-∂-ribose 5-phosphate 
to produce the respective elongated product30 

  
                  (3-17) 

 In these latter two examples, the respective 
enzyme either transfers the same fragment from 
two different ketones to the same aldehyde or con-
denses the same enolate with one of five different 
aldehydes, respectively, but in each case, the regio-
chemistry remains the same in the vicinity of the 
condensation. Ovine 3b,20a-hydroxysteroid oxido-
reductase, however, catalyzes two reactions with 
different regiochemistries: the reduction of the 
20-oxo group of progesterone to the 20-hydroxy 
group and the reduction of the 3-oxo group of 
5a-dihydrotestosterone to the 3-hydroxy group.31 
These two different locations are on the opposite 
ends of the respective steroids. 
 There are also enzymes that catalyze two differ-
ent reactions with the same regiochemistries but 
different stereochemistries. For example, 3-hydroxy-
butyryl-CoA epimerase from E. coli is able to dehy-
drate both the R and the S stereoisomers of 3-hydroxy-
4-trans-decenoyl-CoA.32 Alginate lyase from Pseu-
domonas aeruginosa cleaves disaccharides and tri-
saccharides of ∂-mannuronate and ¬-guluronate 
from the nonreducing end of the polysaccharide 
alginate. The active site is able to remove the disac-
charide or the trisaccharide from the nonreducing 
end regardless of whether it is removed from either 
a ∂-mannuronate or an ¬-guluronate in the alginate, 
even though ∂-mannuronate and ¬-guluronate have 
the opposite chiralities at the carbon from which 
the enzyme is required to remove a hydron during 
the elimination that accomplishes the cleavage.33 
Both ∂-mannuronate and ¬-guluronate, from which 
the disaccharide and trisaccharide are respectively 
cleaved, are turned into a 4-deoxy-a-¬-erythro-hex-
4-enuronosyl group at the nonreducing end of the 
shortened polymer as a result of the elimination.34 
 There are enzymes that produce different 
products from the same reactant. For example, the 
fatty-acid synthase system produces a mixture of 
saturated fatty acids of variable chain length from 
the same two reactants, acetyl-SCoA and malo-
nyl-SCoA. The composition of the mixture of prod-
ucts depends on the tissue and the species, and it 
can be varied by the presence of distinct [acyl-
carrier-protein] hydrolases in a particular tissue.35 
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In addition to aphidicolan-16b-ol, aphidicolan-16b-ol 
synthase from Neocamarosporium betae produces 
aphidicol-15-ene and aphidicol-16-ene, which are 
the products of dehydration of aphidicolan-16b-ol. 
To solve the problem of this lack of specificity, all 
three products are converted by other enzymes to 
aphidicolin, the ultimate product of the metabolic 
pathway.36 
 There are many enzymes that are designed to 
perform the same reaction on many different sub-
strates. For example, certain of the enzymes con-
taining a heme P450 are designed to hydroxylate a 
large array of xenobiotics; aldehyde reductase is 
designed to reduce a large array of aldehydes, some 
of which are dangerously reactive, and at least one 
ketone37 to the respective alcohols;38 and phos-
photriesterase is able to hydrolyze a variety of 
phosphate triesters.39 
 There are a number of proteins that can catalyze 
more than one enzymatic reaction because they 
have more than one active site within their struc-
ture, one dedicated to each of the different reactions, 
but there are also enzymes with only one active site 
that perform different reactions depending on the 
identity of the reactant they encounter. Palmitoyl-
[glycerolipid] 7-desaturase from Arabidopsis thali-
ana desaturates palmityl groups in phospholipids 

    
                  (3-18) 

but the desaturation occurs between carbons 7 and 
8 or between carbons 9 and 10 depending on the 
head group of the phospholipid that is the substrate.40 
Tartrate dehydrogenase from Pseudomonas putida, 
however, catalyzes significantly different reactions, 
not the same reaction with different regiochemis-
try, depending on the substrate. (R,S)-Tartrate is 
dehydrogenated to (R)-oxaloglycolate; ∂-malate is 
dehydrogenated and then decarboxylated to pyruvate; 
and meso-tartrate is dehydrogenated, decarboxylated, 
and dehydrogenated again to ∂-glycerate.41 There 
are enzymes that can catalyze two reactions with 
substrates significantly more different from each 
other than (R,S)-tartrate is from ∂-malate. For ex-
ample, o-succinylbenzoate synthase 

   
                  (3-19) 

from Amycolatopsis can also catalyze the racemiza-
tion of N-acylamino acids.42,43 The fact, however, that 
an enzyme can catalyze the same reaction in both 
directions does not qualify as an example of the same 
active site catalyzing different reactions.44 
 When the same active site is able to catalyze 
different reactions or the same reaction with differ-
ent substrates, this ability is often an important 
clue as to its mechanism. For example, the fact that 
glucose-6-phosphate isomerase from O. cuniculus, 
in addition to converting ∂-glucose 6-phosphate to 
∂-fructose 6-phosphate, can convert ∂-glucose 
6-phosphate to ∂-mannose 6-phosphate is evidence 
for an intermediate enediol in the enzymatic reac-
tion.45 
 There is an enzyme in Mycobacterium tubercu-
losis that converts 7,8-dihydroneopterin into three 
products.46 All three outcomes can be explained by 
a common intermediate enol. 6-(Hydroxymethyl)-
7,8-dihydropterin is the product of a retroaldol 
cleavage of 7,8-dihydroneopterin followed by tau-
tomerization of the intermediate enol, and glycol-
aldehyde is the other product. 7,8-Dihydromonapterin 
is the product of an epimerization of 7,8-dihydro-
neopterin that results from the same retroaldol 
cleavage followed by an aldol condensation of the 
intermediate enol with the glycolaldehyde. And 
7,8-dihydroxanthopterin is the result of the same 
retroaldol cleavage followed by the oxidative cleav-
age of the intermediate enol. 
 There is an enzyme from mammalian erythro-
cytes that can catalyze three reactions:47 phospho-
glycerate mutase 

      
                  (3-20) 

bisphosphoglycerate mutase 

    
                  (3-21) 
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and bisphosphoglycerate phosphatase 

  
                  (3-22) 

The first two reactions are interrelated by the fact 
that the same phosphorylated enzyme is an inter-
mediate in both. Equation 3-20 can be expanded to 
include the phosphorylated enzyme (E-OPO3

2–) 

  
                  (3-23) 

and Equation 3-21 can be expanded to include the 
phosphorylated enzyme 

   
                  (3-24) 

Equation 3-22 is simply a result of the spontaneous 
hydrolysis of the phosphorylated enzyme. These 
expansions imply that if the enzyme added to the 
solution were completely dephosphorylated, the 
conversion of 2-phospho-∂-glycerate to 3-phospho-
∂-glycerate would not be catalyzed; and if the en-
zyme added to the solution were completely and 
stably phosphorylated, the conversion of 2,3-bis-
phospho-∂-glycerate to 3-phospho-∂-glyceroyl phos-
phate would not be catalyzed. In the cell, however, 
phosphoenzyme is always being slowly dephos-
phorylated (Equation 3-22) and dephosphoenzyme 
is always being phosphorylated by 3-phospho-
∂-glyceroyl phosphate (reverse of second step in 
Equation 3-24) produced by glyceraldehyde-3-phos-
phate dehydrogenase (phosphorylating). 
 Just as the different reactions among natural 
metabolites that can be catalyzed by an enzyme 
provide insight into the mechanism of that en-
zyme, so too do the transformations of unnatural 
substrates catalyzed by the enzyme. Porcine fumarate 
hydratase, in addition to its normal reaction (Equa-
tion 3-1), can also catalyze the stereospecific hydra-
tion of trans-2,3-epoxysuccinate48   

(3-25) 

and any mechanism proposed for the natural reac-
tion must explain this unnatural reaction. Because 
glyceraldehyde-3-phosphate dehydrogenase (phos-
phorylating) from O. cuniculus can catalyze the 
production of acetyl phosphate from acetalde-
hyde49 

   
                  (3-26) 

there is no portion of the normal substrate, ∂-glycer-
aldehyde 3-phosphate, other than the aldehyde, that 
is essential for the normal reaction. 
 Glyoxylate is not a natural substrate for ¬-lactate 
dehydrogenase, the enzyme that normally catalyzes 
the reaction 

 
                  (3-27) 

but the enzyme from O. cuniculus nevertheless re-
duces glyoxylate to glycolate50 

   
                  (3-28) 

and reduces oxalate to glyoxylate.51   

  
                  (3-29) 

These results suggest that either a hydrogen or a 
hydroxy group, respectively, can be mistaken by 
the enzyme for a methyl group. Both of these func-
tional groups are smaller than a methyl group and 
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would not be sterically excluded from substituting 
for it, but the hydroxy group is polar while the methyl 
group, with its three hydrogen–carbon bonds,52 is 
nonpolar. 
 Often, one of the natural substrates for an en-
zyme cannot be used for kinetic experiments for 
some reason. For example, the product of the oatA 
gene in Streptococcus pneumoniae acetylates 
6-hydroxy groups in the insoluble peptidoglycan 
forming the cell wall of the bacterium. Kinetic stud-
ies of the enzyme take advantage of the ability of 
the enzyme to acetylate an unnatural substrate, the 
soluble trisaccharide chitotriose.53 
 In many enzymatic reactions, in addition to 
those that use small electron carriers, a molecule of 
another protein serves as a substrate. For example, 
the reaction catalyzed by acetyl-CoA carboxylase 
from avian liver is 

 
                  (3-30) 

but the enzyme from E. coli54 utilizes the carba-
mate of a biotin attached to a small protein (a2; 
2 ¥ 210 aa), referred to as biotin carboxyl-carrier 
protein (BCCPNH)55 

    
                  (3-31) 

The biotin carboxyl-carrier protein is carboxylated 
in a separate reaction56 that also requires the 
hydrolysis of MgATP2– (Figure 1-29). The enzyme 
from avian liver has a domain that is an intramo-
lecular biotin carboxyl-carrier protein and another 
domain that is an intramolecular biotin carbox-
ylase.57 
 In a few enzymatic reactions, the molar concen-
tration of active sites of the enzyme in the cytoplasm 
is equal to or greater than the concentrations of 
the substrates. In such reactions, the enzyme must 
be considered as an explicit participant in the reac-
tion. The enzyme glyceraldehyde-3-phosphate de-
hydrogenase (phosphorylating) catalyzes the reaction 

  
                  (3-32) 

The substrate ∂-glyceraldehyde 3-phosphate is a 
reactive aldehyde that would be either bound as an 
imine to other proteins in the cell or present in so-
lution as the hydrate,19 and neither of these forms 
would be available to the enzyme, which can pro-
cess only the unhydrated aldehyde.19 The substrate 
1,3-diphosphoglycerate is an acyl phosphate that is 
readily hydrolyzed. For both of these reasons, the 
strategy that seems to have evolved is to maintain 
the concentrations of these two substrates at low 
levels (<0.10 mM) in the cytoplasm but to have a 
high concentration of 3-phosphoglycerate bound 
at the active site of the enzyme as a thioester with a 
unique cysteine in the folded polypeptide.58 For 
this reason, the molar concentration of the enzyme 
in the cytoplasm is abnormally high (1 mM). As a 
result, two of the reactions in glycolysis have glycer-
aldehyde-3-phosphate dehydrogenase (GAPDHSH) 
and its phosphorylated derivative, phosphoglyceryl 
glyceraldehyde-3-phosphate dehydrogenase, as 
reactants as well as catalysts 

  
                  (3-33) 

  
                  (3-34) 

and the stoichiometric equations describing the 
enzymatic reactions that actually occur in the cyto- 
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plasm explicitly incorporate the concentrations of 
enzyme and phosphoglyceryl enzyme. 
 Lately, the publication of sequences of nucleic 
acids for genomes has provided sequences of amino 
acids for a large number of proteins of unknown 
function that can be shown to be evolutionarily 
related to known enzymes. These proteins often 
are able to catalyze the same types of reaction that 
are catalyzed by their relatives but with different 
substrates, often with several different substrates. 
For example, a protein encoded by the genome of 
Salmonella typhimurium that is related to glucarate 
dehydratase was shown to be able to dehydrate 
both ¬-talarate and galactarate,59 and a protein 
encoded by the genome of Dianthus caryophyllus 
that is related to isocitrate lyase was shown to be 
able to cleave a number of 2-alkyl and 2,3-dialkyl-
(2R)-malates as well as oxaloacetate at the carbon–
carbon bonds between their respective carbons 2 
and 3,60 just as isocitrate lyase does to isocitrate. 
Once the ability of these enzymes to catalyze these 
reactions has been established, it is then necessary 
to discover which of these reactions are physiologi-
cally relevant. 
 Once the chemical reaction or reactions cata-
lyzed by the enzyme have been unambiguously de-
fined, the steps in the enzymatic reaction can be 
defined. The usual first step in this definition is to 
examine the steady-state kinetics of the reaction. 
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Problem 3-1: Show how all these conversions can 
be catalyzed by the same enzyme. 

 

Why does the same enzyme not produce 
(R,S)-∂-1,2,4,5-tetrahydroxy-3-oxopentane 
5-phosphate? 

 

Problem 3-2: Write a mechanism for the produc-
tion of (2S,4S)-4-hydroxy-2,3,4,5-tetrahydrodipicolin-
ate from pyruvate and ¬-aspartate-4-semialdehyde 
catalyzed by 4-hydroxy-tetrahydrodipicolinate syn-
thase15 and its subsequent nonenzymatic conver-
sion to (S)-2,3-dihydrodipicolinate. 

 

Problem 3-3: Write reactants, intermediates, and 
products for the three reactions catalyzed by tar-
trate dehydrogenase: (R,S)-tartrate to oxaloglyco-
late, ∂-malate to pyruvate, and meso-tartrate to 
∂-glycerate.41 

 

Problem 3-4: The active site of 3-hexulose-6-phos-
phate synthase catalyzes the two reactions61 

 

Write a mechanism for each reaction involving the 
same intermediate. 
 

Steady-State Kinetics62 

There are certain facts about the catalysis performed 
by an enzyme in an experimental situation and defini-
tions of the parameters controlling the observations 
that are fundamental to a discussion of steady-state 
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kinetics. When an enzyme—for example, fumarate 
hydratase (Equation 3-1)—is added to a solution 
containing only the substrates appearing on one 
side of the stoichiometric chemical equation for the 
particular reaction for which it is responsible—for 
example, an aqueous solution of fumarate—all the 
substrates appearing on the other side of the equa-
tion—for example, malate—begin to appear in the 
solution. In this instance, the substrates present ini-
tially and decreasing in concentration as the reaction 
proceeds are necessarily the reactants in the chemical 
reaction being studied kinetically, and those appearing 
in the solution and increasing in concentration as 
the reaction proceeds are the products. Consequently, 
a conscious decision is made by the investigator as 
to the identity of the reactants and the identity of 
the products. 
 The increase in the rate of the designated re-
action that is catalyzed by the enzyme is directly 
proportional to its molar concentration because 
the reaction is performed at an active site or several 
active sites present on each molecule of enzyme, 
and each molecule of enzyme is an independent 
actor. The reactants associate with an active site 
and are converted to products while they are there, 
and the products then dissociate from the active 
site. 
 Under normal circumstances, tens to thou-
sands of substrate molecules are interconverted 
during each second by one molecule of enzyme. 
Therefore, only low molar concentrations of en-
zyme are almost always added to the solution to 
produce a measurable increase in the rate of the 
reaction. If too much enzyme is added, the reaction 
occurs so rapidly that rates at steady state cannot 
be measured leisurely. Because so many molecules 
of reactant are being processed in succession by 
the same molecule of enzyme, each molecule of 
enzyme, ready to process the next molecule of re-
actant, must be regenerated in exactly the same 
state at the end of each turnover. The enzyme, be-
cause it is usually present in the solution at a very 
small molar concentration and because it must be 
regenerated after each transformation, cannot be a 
stoichiometric participant in the chemical reaction, 
unlike the situation described for glyceraldehyde-
3-phosphate dehydrogenase in the cytoplasm. 
 Because of microscopic reversibility, an enzy-
matically catalyzed reaction must pass through 
the same transition states but in opposite order 
in the forward and reverse directions. The enzyme 
accelerates the reaction by lowering the relative 

free energy of one or more of the transition states 
in this sequence. Therefore, it must accelerate 
the reaction in both directions. For this reason, 
enzymatically catalyzed reactions are approaches 
to equilibrium (as are all chemical reactions), 
and as the products begin to appear, the enzyme 
begins to catalyze the reaction in the reverse di-
rection as it continues to catalyze it in the for-
ward direction. 
 If a purified enzyme is added to a solution con-
taining a mixture of all the substrates that appear 
on one side of the chemical equation for the reac-
tion catalyzed by that enzyme 

   
                  (3-35) 

but missing one or more of the substrates that ap-
pear on the other side, the concentrations of the 
reactants will begin to decrease and the concentra-
tions of the products will begin to increase. The reac-
tants (A, B, C…) are the complete set of substrates 
from the one side of the chemical equation. The 
products (Z, Y, X…) are the incomplete or entirely 
absent set of substrates from the other side of the 
chemical equation. Again, in this artificial situation, 
what is a reactant and what is a product are defined 
by the investigator, who has purposely left out one 
or more of the products. The reaction will also pro-
ceed in one direction if all the products are present 
but purposely added at concentrations below their 
equilibrium levels. In this case, however, the initial 
rate of the reaction does not represent a unidirec-
tional process. Unidirectional processes are easier 
to study. 
 The progress of the reaction can be followed 
by monitoring the concentration of one of the reac-
tants or one of the products as a function of time 
because all changes in concentration are stoichio-
metrically related by the chemical equation for the 
reaction catalyzed 

  (3-36) 

where k, l, m, n, o, and p are integers that define the 
stoichiometry of the reaction. 
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 In the case of the reaction catalyzed by fumarate 
hydratase (Equation 3-1), if the purified porcine 
enzyme is added to a solution containing fumarate 
(F) from which malate (M) is absent, the concentra-
tion of fumarate will decrease as the concentration 
of malate increases until the equilibrium concen-
trations are reached. At this point, the reaction 
cannot proceed further (Figure 3-1).63 Although no 
net change can occur at equilibrium, unidirectional 
changes are still taking place, albeit at rates some-
what less than the initial rates; it is just that the 
unidirectional rate of the reaction in the forward 
direction equals the unidirectional rate of the reac-
tion in the reverse direction. At equilibrium, the 
enzyme is still catalyzing the reaction in both direc-
tions. 
 The curves describing the concentrations of 
fumarate and malate (Figure 3-1) describe the com-
plete kinetic course of the approach to equilibrium. 
These curves can be simulated by using equations 
the form and parameters of which can be derived from  

Figure 3-1: (A) Progress of the conversion of fumarate to (S)-
malate catalyzed by the enzyme fumarate hydratase.63 A solu-
tion of fumarate at pH 7 and 25 ªC was added to the cuvette of 
a spectrophotometer. Each hydration was initiated by adding 
porcine fumarate hydratase (FH) to a final concentration of 
15 mg mL-1, and the initial concentration of fumarate was 1.13 mM. 
The decrease in the molar concentration of fumarate ([F]) was 
followed as a function of time by monitoring its absorbance at 
270 nm. The increase in the concentration of (S)-malate ([M]) 
was estimated by difference. The concentrations of the two 
substrates (millimolar) are plotted as a function of time (seconds). 
At times greater than 1 min, the concentration of fumarate no 
longer decreased because it had reached its equilibrium level 
([F]eq). The initial slope of the decrease of fumarate as a function 
of time is the initial rate (v0) in units of millimolar second-1. 
(B) Behavior of the initial rates of the hydration catalyzed by 
fumarate hydratase as a function of the initial concentrations 
of fumarate.1390 Equivalent amounts of fumarate hydratase 
were added to a series of mixtures at pH 6.4 and 23 ªC that had 
various initial concentrations of fumarate. The decrease in 
absorbance at 295 nm was followed as a function of time for 
each mixture, and the initial slope of each progress curve was 
measured and converted to an initial rate. Initial rates (v0 in 
unnoted units) are plotted as a function of the initial concen-
trations of fumarate (millimolar). The curve is the fit of the data 
to Equation 3-52, with x equal to [fumarate]0 and y equal to v0. 
Each of the two parameters, the catalytic constant k0[FH]t and 
the limiting rate V, is the value for the initial rate at the horizontal 
asymptote (parameter a) of the rectangular hyperbola. The 
specificity constant for fumarate, kF[FH]t, is parameter c of the 
fit, and the Michaelis constant Km is parameter b. The Michaelis 
constant is the value of [F]0 when v0 is V/2. 
 
 
 
 
 
 
 
 
 

simple kinetic mechanisms.63-65 The strategy of fitting 
complete kinetic courses, however, is rarely applied 
because the form of the integrated rate equations is 
complicated: too many variables usually are changing 
at once, the enzyme may slowly inactivate with time, 
and the most characteristic changes occur late in 
the reaction, when the observations are most uncer-
tain. In addition, in some instances the approach to 
equilibrium can pass beyond the point of equilibrium 
in an overshoot before returning to equilibrium,66 
behavior that further complicates a kinetic analysis. 
Instead, studies of initial rates of an enzymatic reaction 
are usually performed, and kinetic mechanisms con-
sistent with these observations are formulated. 
 The initial rate (v0 in Figure 3-1A) of an enzy-
matically catalyzed reaction is the rate of decrease 
in the concentration of reactant, A, or the rate of 
increase in the concentration of product, Z, ob-
served immediately after initiating the reaction, ei-
ther by adding the enzyme or by adding the final 
reactant necessary to complete the set of reac-
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tants.64 The initial rate is measured over a period of 
time so short that the rate remains constant rather 
than slowly decreasing with time. Over this short 
period of time, only small changes in the concen-
trations of substrates occur. If necessary, an extrap-
olation of the curve can be performed by numerical 
analysis to obtain the rate of the reaction at zero 
time. Consequently, 

             (3-37) 

or 

             (3-38) 

where the integers k and p are the molar stoichi-
ometries of the overall reaction (Equation 3-35).  
 Because there are few enzymes that do not 
have unitary stoichiometries for all their reactants 
and products and because the decrease in the con-
centration of a reactant with unitary stoichiometry 
or the increase in a product with unitary stoichi-
ometry is often followed in the few cases where 
there are substrates that do not have unitary stoi-
chiometry, the stoichiometry for the reactant or 
product monitored (k in Equation 3-37 or p in Equa-
tion 3-38) in measuring an initial rate will be as-
sumed to be one from here on. 
 If the initial rate of an enzymatic reaction 
measured by following the change in the concen-
tration of a reactant or a product is, in fact, the de-
sired limit, then the concentration of any reactant 
governing the initial rate must be the concentration 
initially present, or the initial concentration. For 
example, for reactant A, the initial concentration is 
designated as [A]0. The data collected in an experi-
ment of this kind are the initial rates of the reaction 
at a systematic series of respective initial concen-
trations of reactants. 
 If there is only one reactant, for example, 
N-(5¢-phosphoribosyl)anthranilate for the enzyme 
phosphoribosylanthranilate isomerase (Equation 3-9) 
from S. cerevisiae (Figure 3-2);67 if the second reactant 
is water and hence always remains fixed in concentra- 

 

Figure 3-2: Kinetics for the isomerization of N-(5-phospho-
b-∂-ribosyl)anthranilate (Equation 3-9) by phosphoribosyl-
anthranilate isomerase from S. cerevisiae.67 Solutions were 
prepared that contained various concentrations of anthranilate 
and fixed concentrations of anthranilate phosphoribosyltrans-
ferase and magnesium 5-phospho-a-∂-ribose 1-diphosphate 
sufficient to convert all the anthranilate to N-(5-phospho-
b-∂-ribosyl)anthranilate (phosphoribosylanthranilate) in less than 
2 minutes. As soon as all the anthranilate in a solution had 
been converted to phosphoribosylanthranilate, which is unstable 
(t" @ 10 min), phosphoribosylanthranilate isomerase (PI) was 
added to initiate each isomerization, and the production of 
1-(2-carboxyphenylamino)-1-deoxy-∂-ribulose 5-phosphate was 
followed by monitoring the decrease in emission of fluores-
cence at 400 nm upon excitation at 310 nm. Each rate for the 
change in emission of fluorescence was converted to an initial 
rate for the production of 1-(2-carboxyphenylamino)-1-deoxy-
∂-ribulose 5-phosphate, v0 (micromolar minute-1). These ini-
tial rates are presented as a function of the initial concentra-
tions of phosphoribosylanthranilate (micromolar). The curve is 
the fit of the data to Equation 3-52, with x equal to [phospho-
ribosylanthranilate]0 and y equal to v0. Parameter a for the fit is the 
catalytic constant, k0[PI]t (2.61 ± 0.03 mM min-1), and parameter c 
is kpRA[PI]t, the specificity constant for phosphoribosylanthran-
ilate [0.52 ± 0.02 mM min-1 (mM phosphoribosylanthranilate)-1].  
 
 
 
 
tion, for example, during the hydrolysis of sucrose 
by b-fructofuranosidase* 

     
                  (3-39) 

from S. cerevisiae (Figure 3-3A)64,65 or the hydration  
  
                                     
*For a discussion of kinetics, in either chemistry or enzymology, 
it is unnecessary to know either the structures of the reactants 
or products or the chemical mechanism of the reaction. All that 
one needs to know is the names of the reactants, intermediates, 
and products, and the only reason for knowing their names is 
to distinguish between them. Consequently, there is no need 
to try to figure out what is happening chemically when only 
kinetics are being examined. 
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Figure 3-3: Kinetics for the hydrolysis of sucrose by 
b-fructofuranosidase.64 Solutions were prepared with 
various concentrations of sucrose in 0.4 M sodium 
acetate at pH 4.7 and 25 ªC. The hydrolysis of sucrose 
to ∂-glucose and ∂-fructose was monitored by the 
change in optical rotation of the solution at a wave-
length of 589 nm. Each hydrolysis was initiated by 
adding an equal volume of an extract from cells of 
S. cerevisiae that contained b-fructofuranosidase 
(FF). The change in optical rotation of the solution 
(degrees) was followed as a function of time 
(minutes). (A) Initial rates of this change, v0 (degrees 
minute-1), are presented as a function of initial con-
centrations of sucrose (millimolar). The curve is the 
fit of the data to Equation 3-52, with x equal to 
[sucrose]0 and y equal to v0. Parameter a for the fit is 
the catalytic constant, k0[FF]t (0.082 ± 0.002 degree 
min-1), and parameter c is ksuc[FF]t, the specificity con-
stant for sucrose [4.3 ± 0.3 degrees min-1 (M sucrose)-1]. 
(B) Reciprocals of the initial rates (minutes degree-1) 
are presented as a function of reciprocals of the con-
centrations of sucrose (millimolar-1). The line drawn in 
this panel is for the equation v0-1 = 12.3 min degree-1 
+ 230 min degree-1 mM ([sucrose]0-1). The two param-
eters used in this equation are calculated from the 
numerical values for the two kinetic constants, 
k0[FF]t and ksuc[FF]t, obtained from the direct fit of 
the data to the equation for a hyperbola (Panel A). 

 

 
 
 
 
 
 
 
 

of fumarate by porcine fumarate hydratase (Figure 
3-1B);68 or if the concentration of one of the reac-
tants in a reaction with more than one reactant is 
varied while the concentrations of the other sub-
strates are fixed (Figure 3-4A,E),69 the increase in 
the initial rate of the enzymatic reaction as a func-
tion of the initial concentration of the varied reac-
tant is described by the equation* 

                 (3-40) 
 
 

                                     
*As in the rest of this volume, the formalism chosen by the 
International Union of Biochemistry and Molecular Biology 
(http://www.chem.qmul.ac.uk/iubmb/kinetics/) will be used. 

where [E]t* is the total molar concentration of active 
sites added to the solution, [A]0 is the initial molar 
concentration of the varied reactant A, and k0 and 
kA are kinetic constants. The kinetic constant k0 is 
the catalytic constant, and the kinetic constant kA 
is the specificity constant for reactant A.64,65 
 The initial rate of an enzymatic reaction is al-
most always directly proportional to the concen-
tration of enzyme in the solution at all values for 
the initial concentrations of substrates, as long as 
the enzyme is added at molar concentrations that 
are all at least an order of magnitude less than the 
change in the molar concentrations of reactants and 
products measured during the period of initial rate, 
and this fact is explicitly noted in Equation 3-40.  
 

                                     
*The letter E has been used historically to designate the "enzyme 
concentration"62,68 because the molar masses and oligomeric 
structures of enzymes were in doubt. Those doubts no longer 
exist in the age of sequences for genomes. 
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Figure 3-4: Kinetics for the phosphorylation of ∂-fructose cata-
lyzed by hexokinase from the brain of R. norvegicus.69 Solu-
tions containing MgATP2- and ∂-fructose at various initial 
concentrations were prepared at pH 7.6 and 28 ªC. The concen-
tration of uncomplexed Mg2+ was fixed at 1.0 mM throughout 
by adding appropriate amounts of MgCl2. Each phospho-
rylation was initiated by adding hexokinase (HK), and the produc-
tion of ∂-fructose 6-phosphate was followed in a coupled assay 
with glucose-6-phosphate isomerase, glucose-6-phosphate 
dehydrogenase, and NAD+ by monitoring the increase in A340 
from the conversion of NAD+ to NADH. Each initial rate of 
change in A340 was converted to an initial rate for the produc-
tion of ∂-fructose 6-phosphate, v0 (micromolar minute-1). The 
initial concentrations of ∂-fructose chosen for the studies were 
1.1, 1.43, 2.00, 3.33, and 10.00 mM, and the initial concentra-
tions of MgATP2- were 0.28, 0.36, 0.50, 0.83, and 2.5 mM. The 
complete set of the 25 combinations of these initial concentra-
tions was used to measure 25 separate initial rates. (A) Initial 
rates for production of ∂-fructose 6-phosphate are presented 
as a function of initial concentrations of MgATP2- (millimolar) 
at the five fixed initial concentrations of ∂-fructose. Each curve 
is for a higher fixed concentration of ∂-fructose than the one 
below it. The curves drawn are fits of Equation 3-52 to the data 
with x equal to [MgATP2-]0 and y equal to v0. (B) Reciprocals of 
the initial rates (minutes micromolar-1) are presented as a 
function of reciprocals of the initial concentrations of 
MgATP2- (millimolar-1) at the five fixed initial concentrations 
of ∂-fructose. Each line fit to the data is for a higher fixed con-
centration of ∂-fructose than the one above it. (C) The five 
values for parameter a, the apparent catalytic constants for 
MgATP2-, k0,ATP,app[HK]t (micromolar minute-1), for the five fits 
of Equation 3-52 to each of the five subsets of data in Panel A 
(the five curves on the graph), are presented as a function of 
the fixed initial concentrations of ∂-fructose corresponding to 
each value of k0,ATP,app[HK]t. The curve drawn is a fit of Equa-
tion 3-52 to the data with x equal to the respective fixed initial 
concentration of ∂-fructose and y equal to the respective 
k0,ATP,app[HK]t. Parameter a for this fit is the catalytic constant 
for the enzymatic reaction, k0[HK]t (3.49 ± 0.05 mM ∂-fructose 
6-phosphate min-1), and parameter c is the specificity constant 
for ∂-fructose, kfruc[HK]t [1.29 ± 0.03 mM ∂-fructose 6-phos-
phate min-1 (mM ∂-fructose)-1]. (D) The five values for parameter 
c, the apparent specificity constants for MgATP2-, kATP,app[HK]t 
(micromolar minute-1 millimolar-1), for the five fits of Equa-
tion 3-52 to each of the five subsets of data in Panel A, are plotted  

as a function of the respective fixed initial concentrations of 
∂-fructose. The curve drawn is a fit of Equation 3-52 to the 
data with x equal to the fixed initial concentration of ∂-fructose 
and y equal to kATP,app[HK]t. Parameter a for this fit is the spec-
ificity constant for MgATP2-, kATP[HK]t [5.9 ± 0.2  mM ∂-fructose 
6-phosphate min-1 (mM MgATP2-)-1], and parameter c is 
kATP,fruc[HK]t [2.7 ± 0.2 mM ∂-fructose 6-phosphate min-1 
(mM MgATP2-)-1 (mM fructose)-1]. (E) Initial rates for produc-
tion of ∂-fructose 6-phosphate are presented as a function of 
initial concentrations of ∂-fructose (millimolar) at the five 
fixed initial concentrations of MgATP2-. Each curve is for a 
higher fixed concentration of MgATP2- than the one below it. 
The curves drawn are fits of Equation 3-52 to the data with x 
equal to [∂-fructose]0 and y equal to v0. (F) Reciprocals of the 
initial rates (minutes micromolar-1) are presented as a func-
tion of reciprocals of the initial concentrations of ∂-fructose 
(millimolar-1) at the five fixed initial concentrations of MgATP2–. 
Each line fit to the data is for a higher fixed concentration of 
MgATP2- than the one above it. (G) The five values for parameter 
a, the apparent catalytic constants for ∂-fructose, k0,fruc,app[HK]t 
(micromolar minute-1), for the five fits of Equation 3-52 to 
each of the five subsets of data in Panel E (the five curves on 
the graph), are presented as a function of the fixed initial con-
centrations of MgATP2- corresponding to each value of 
k0,fruc,app[HK]t. The curve drawn is a fit of Equation 3-52 to the 
data with x equal to the respective fixed initial concentration of 
MgATP2- and y equal to the respective k0,fruc,app[HK]t. Parame-
ter a of this fit is the catalytic constant for the enzymatic reac-
tion, k0[HK]t (3.47 ± 0.06 mM ∂-fructose 6-phosphate min-1), 
and parameter c is the specificity constant for MgATP2-, 
kATP[HK]t [5.9 ± 0.2 mM fructose 6-P min-1 (mM MgATP2-)-1] 
(H) The five values for parameter c, the apparent specificity 
constants for ∂-fructose, kfruc,app[HK]t (micromolar minute-1 
millimolar-1), for the five fits of Equation 3-52 to each of the 
five subsets of data in Panel A, are plotted as a function of the 
respective fixed initial concentrations of MgATP2-. The curve 
drawn is a fit of Equation 3-52 to the data with x equal to the 
fixed initial concentration of MgATP2- and y equal to 
kfruc,app[HK]t. Parameter a of this fit is the specificity constant 
for ∂-fructose, kfruc[HK]t [1.30 ± 0.02 mM fructose 6-P min-1 
(mM fructose)-1], and parameter c is kATP,fruc[HK]t [2.72 ± 0.07 mM 
fructose 6-P min-1 (mM fructose)-1 (mM MgATP2–)-1]. Averages 
of these values for k0[HK]t, kATP[HK]t, kfruc[HK]t, and kATP,fruc[HK]t 
were inserted into Equation 3-106 to obtain the lines in Panels B 
and F. 
 

 
 
 At the upper limit for Equation 3-40 

            (3-41) 

and at the lower limit 

           (3-42) 

 (Figure 3-1B). Consequently, in this formalism, the 
fundamental parameters defining the function, the 
rate constants k0[E]t and kA[E]t, are its horizontal 
asymptote (Equation 3-41) and its initial slope (Equa-  
tion 3-42). Recognizing these as the fundamental  

 
 
parameters allows Equation 3-40 to be rewritten as 

          (3-43) 

 Historically, however, the behavior of the ini-
tial rate of an enzymatic reaction as a function of 
the initial concentration of reactant has been de-
fined by the equation70 

             (3-44) 
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where the parameter V is referred to as the limiting 
rate and the parameter KmA as the Michaelis constant 
for reactant A. With this formalism 

               (3-45) 

but KmA is not a limit. Instead, the Michaelis con-
stant, KmA, is equal to the initial concentration of 
the varied reactant, [A]0, at which the initial rate of 
the reaction, v0, has half its asymptotic value, V 
(Figure 3-1B). By comparing Equations 3-43 and 
3-44, it can be seen that 

               (3-46) 

             (3-47) 

from which it follows that 

              (3-48) 

 Equations 3-40 and 3-44 are equations defin-
ing a rectangular hyperbola. The equation 

               (3-49) 

is the accepted definition of a rectangular hyperbo-
la within the fourth quadrant of the coordinate sys-
tem (p,q). Because this rectangular hyperbola is 
entirely within the fourth quadrant, all the values of 
p are positive numbers and all the values of q are 
negative numbers. The original coordinate system 
for this rectangular hyperbola is translated to a new 
origin at a point on the curve (po, qo) to create a 
new coordinate system (x, y). Since 

               (3-50) 

              (3-51) 

and qopo is equal to -d2, Equation 3-49, upon sub-
stitution and rearrangement, becomes 

                (3-52) 

for the still rectangular hyperbola. Because the 
ordinate of the point (po, qo) on the curve was in 
the fourth quadrant of the original coordinate sys-
tem, the numerical value of qo is negative (as are all 
numerical values of q), and a, b, and c are positive 
numbers. The horizontal asymptote of the translat-
ed rectangular hyperbola, which used to be the axis 
of the abscissa before the translation, is now 
y = -qo = a. The slope of the rectangular hyperbola 
at the new origin is either a b-1 or c, which are both 
equal to qo

2 d-2. Consequently, the value for the 
horizontal asymptote is defined by the choice of 
the new origin, and the value for the initial slope is 
then defined by the parameter d2. Equation 3-52 
has the same form as Equations 3-43 and 3-44. 
 The most accurate values for the rate constants 
kA[E]t and k0[E]t in Equation 3-43 or the Michaelis 
constant KmA and the limiting rate V in Equation 
3-44 are obtained by numerical analysis from ex-
perimental values for the initial rate v0 as a func-
tion of the initial concentration of reactant A, [A]0. 
The data are a set of initial rates for the reaction, v0, 
corresponding to a set of initial molar concentra-
tions of reactant A. A sequence of initial concentra-
tions of reactant A is chosen so that the values are 
evenly spaced over a range from a nearly saturating 
concentration to a concentration well below that 
equal to the Michaelis constant. Spacing the con-
centrations evenly ensures that values throughout 
the range of concentrations in which the initial rate 
is changing most rapidly with concentration, in 
particular the region around the Michaelis constant, 
are sampled. At the present time, the equation for a 
rectangular hyperbola (Equation 3-52) is fitted di-
rectly to the data (Figures 3-1B, 3-2, and 3-3A) by 
nonlinear least-squares analysis.71 For the fit, y is 
the initial rate v0, and x is the initial concentration 
[A]0. Parameter a obtained from the fit is the rate 
constant k0[E]t or the limiting rate V, parameter c 
obtained from the fit is the rate constant kA[E]t, and 
parameter b obtained from the fit is the Michaelis 
constant Km. In the past, to determine values for the 
kinetic constants, the data were first converted to a 
linear form before the fitting was performed; but 
that practice, although it is still done occasionally, 
has been supplanted by the nonlinear numerical 
analysis made possible by digital computers, which 

lim     v0  =  V
[A]0  Æ ∞ 

k 0 
[E]t  =  V

=  K mA  
k 0 [E]t 

kA [E]t

kA 
[E]t  =  

V 

KmA

pq  =  – d 2

p  =  x  +  po

q  =  y  +  qo

y   =                             =                =  
 +  x

– qo   x

d 2 b + x

a x(      )

– qo(      )[         ] a + c x
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were not available when the habit of linearizing the 
data was universal. 
 Numerical values for the parameters kA[E]t and 
k0[E]t or the Michaelis constant KmA and the limit-
ing rate V and standard deviations of those numeri-
cal values are the numerical values obtained by the 
fitting procedure and are the experimental obser-
vations. Although KmA and V are the parameters 
most often tabulated, the specificity constant kA for 
reactant A and the catalytic constant k0 are the two 
rate constants that have been found to vary inde-
pendently of each other when pH, temperature, 
and concentrations of reactants, products, and in-
hibitors are varied. They also turn out to be the 
most fundamental and informative numbers.72 
 There is unequivocal evidence from crystallo-
graphic observations that enzymes have on their 
surfaces, or within their protein, active sites, at 
which reactants bind and are transformed into 
products. Most enzymes are rotationally symmetric 
oligomeric proteins. The protomers of a rotationally 
symmetric oligomeric protein are the identical, 
constituent complexes, between one or several folded 
polypeptides, each different from the others, that 
when combined in a fixed stoichiometry, form the 
oligomeric protein.73 There is almost always one 
and only one active site that catalyzes a particular 
reaction for each protomer in an oligomeric protein 
that is an enzyme. These facts define the molar 
concentration of active sites in a given solution as 
being equal to the molar concentration of protomers. 
 If the total molar concentration of enzymatic 
active sites in the solution, [E]t, is known from both 
the mass concentration of protein and the molar 
mass of its protomers, then explicit values for the 
catalytic constant k0 and the specificity constant kA 
for reactant A can be obtained from the observed 
values for k0[E]t and kA[E]t by simple division. The 
units on the observed values for k0[E]t are molar 
concentration of product minute-1. When k0[E]t is 
divided by the molar concentration of active sites 
and the units of liter and the Avogadro constants in 
numerator and denomitor are canceled, the units 
on k0 become molecules of product second-1 (mole-
cule of active site)-1; in other words, the number of 
molecules that active site turns into product every se-
cond. These units are always simplified to second-1 
by canceling molecules of product by molecules of 
enzyme, essentially dividing apples by oranges. The 
units on the observed values for kA[E]t are molar 
concentration of product minute-1 (molar concen-
tration of reactant A)-1. When kA[E]t is divided by  

the molar concentration of active sites, the units on 
kA become molar concentration of product minute-1 
(molar concentration of reactant A)-1 (molar concen-
tration of active sites)-1. Again, apples and oranges 
are divided, and the value becomes (molar con-
centration of reactant A)-1 second-1. This second-
order rate constant (molar-1 second-1) can be 
thought of, in the simplest instance, as the rate 
constant for the association of reactant A with the 
active site, but it will become clear that this is a sim-
plistic interpretation. An example of these two con-
versions would be those applied to the kinetic 
observations of phosphoribosyl-anthranilate isomer-
ase from S. cerevisiae (Figure 3-2). From the known 
concentrations of active sites added to the solution, 
the values of the catalytic constant k0 and the speci-
ficity constant kpra for phosphoribosylanthranilate 
are 40 ± 0.4 s-1 and 8.0 ± 0.2 mM-1 s-1, respectively.67 
 In the case of kinetic observations of b-fructo-
furanosidase (FF) from S. cerevisiae (Figure 3-3), 
however, a partially purified cellular extract was 
used, so the total molar concentration of enzymatic 
active sites was unknown, and the extinction coeffi-
cient for the optical rotation that was used to follow 
the rates of the reaction was not provided either. As 
a result, only the rate constants k0[FF]t, 0.032 ± 0.002 
degree min-1, and ksuc[FF]t, 4.3 ± 0.4 M-1 degrees min-1, 
where ksuc is the specificity constant for sucrose, 
could be determined. Values, however, for the lim-
iting rate V, which is equal to k0[FF]t, and the Mich-
aelis constant for sucrose Km,suc, 0.74 mM sucrose, 
could be tabulated in this instance. The fact that 
the value for the limiting rate V exists in the absence 
of knowledge of the concentration of active sites 
and the fact that the value for the Michaelis con-
stant KmA is determined only by the initial free 
molar concentrations of reactant in the different 
samples, which are almost always known quanti-
ties, are superficial advantages to using these pa-
rameters. These facts also explain why Equation 3-44 
was used so frequently in the past, when the con-
centrations of active sites were unknown or poorly 
known. 
 While the tabulated values for the parameters 
kA[E]t and k0[E]t or KmA and V should always be ob-
tained by direct numerical analysis, the data them-
selves are often presented graphically in a linear 
form. The most widely used linear form is that 
based on the inverse of Equation 3-43 or Equation 
3-44 
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                  (3-53) 

If the values for v0
-1 are plotted against the corre-

sponding values for [A]0
-1, the points should define 

a straight line the intercept of which at the axis of 
the ordinate is (k0[E]t)-1 or V-1 , the slope of which 
is (kA[E]t)-1 or KmA V-1, and the intercept of which at 
the axis of the abscissa is -kA (k0)-1 or -KmA

-1 (Fig-
ure 3-3B). Because this linear form, referred to as 
the double-reciprocal plot,74 separates all the im-
portant parameters, kA[E]t and k0[E]t or V, KmA, and 
V Km

-1, it is perhaps the most useful presentation 
for a rapid visual evaluation of the data. For exam-
ple, if water is disregarded, chymotrypsin catalyzes 
the hydrolysis of a single reactant, namely, any one 
in a series of phenyl hippurates 

  
                  (3-54) 

In this equation, X stands for a series of different 
substituents on the phenyl group. The behavior of 
v0

-1 as a function of [hippurate]0
-1 for the hydroly-

sis of phenyl hippurates by chymotrypsin is linear 
with positive slope for the whole series of phenyl 
hippurates that were studied (Figure 3-5).75 It is 
immediately obvious from visual inspection that 
the identity of the functional group X has its major, 
if not exclusive, effect on the value of the specificity 
constant kphh for phenyl hippurate. Such visual in-
spections are the reason that linear presentations 
are often used. 
 To provide an explanation of the observed 
kinetic behavior and to give meaning to the two 
parameters—the specificity constant kA for reac-
tant A and the catalytic constant k0, or the Michaelis 
constant KmA for reactant A and the limiting rate V—
a kinetic mechanism is proposed, and it is demon-
strated mathematically that the kinetic mechanism 
predicts that the enzymatic reaction will display the 
observed behavior. In this exercise, however, it is 
 

 
 
Figure 3-5: Kinetics for the hydrolysis of a series of phenyl hip-
purates by chymotrypsin.75 Equivalent amounts of chymotrypsin 
(CT) were mixed with a series of solutions containing various 
concentrations of a particular phenyl hippurate at an ionic 
strength of 0.1 M, at pH 6.91 and 25 ªC. The initial rate of release 
of the respective phenol was followed by its characteristic absor-
bance in the near-ultraviolet to provide a set of initial rates, v0, 
corresponding to the set of concentrations of the respective 
phenyl hippurate. The reciprocal of each initial rate (seconds 
millimolar-1) was multiplied by the total molar concentration 
for active sites of chymotrypsin ([CT]t), and the resulting values 
([CT]t v0-1 in seconds) are plotted as a function of the recipro-
cals of the initial concentrations of the respective hippurate 
(millimolar) corresponding to those initial rates. The lines, in 
descending order, connect the data for the hydrolysis by chy-
motrypsin of the phenyl hippurates formed from phenol, 
4-fluorophenol, 4-chlorophenol, 4-cresol, 4-methoxyphenol, 
3-nitrophenol, 4-nitrophenol, and 4-acetophenol.  
 
 
 
 

essential to maintain a separation between the ob-
servations and the kinetic mechanism proposed as 
an explanation for the observations. The reason for 
maintaining this separation is that the kinetic 
mechanism is never an exclusive explanation for 
the observations, only consistent with the observa-
tions. 
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Kinetic Mechanisms for One Reactant 
 
 Observation: In the case of an enzyme that has 
only one reactant and one product, such as phos-
phoribosylanthranilate isomerase from S. cerevisiae 
(Equation 3-9), the only observation to be explained 
is that the initial rate of an enzymatic reaction is 
usually a rectangularly hyperbolic function (Equa-
tion 3-40) of the initial concentration of the reac-
tant (Figure 3-2).67 
 Explanation: A kinetic mechanism76 that can 
explain the rectangularly hyperbolic behavior of 
the initial rate of the reaction as a function of the 
initial concentration of the lone reactant, [A]0, is 

                    (3-55) 

A complex, E·A, is formed reversibly between reac-
tant A and the active site of enzyme E but does not 
involve the chemical transformation of reactant A. 
In the next step, the bound reactant A is converted 
to product Z, and product Z then dissociates from 
the enzyme. The very last step, the dissociation of 
Z, is an irreversible process because there is no 
product Z in the solution under the initial condi-
tions. It should be emphasized that this kinetic 
mechanism was written by intuition rather than by 
deduction and is only a proposal to explain the ki-
netic behavior. 
 A rate equation is then derived from the pro-
posed kinetic mechanism. A rate equation is a 
mathematical equation, derived from the written 
kinetic mechanism, that relates the observed initial 
rate, v0, of the reaction to the initial concentrations 
of reactants, in this case, [A]0, and the total concen-
tration of the enzyme, [E]t, all of which are known 
quantities 

             (3-56) 

In a rate equation, the only parameters are rate 
constants, in this instance, k1, k-1, and k2. 
 Because the only way that a product can be 
formed is through the step governed by k2, it fol-
lows that 

             (3-57) 

But [E·A] is not a known concentration as are [E]t 
and [A]0. The concentration of the complex be-

tween the active site and reactant A, [E·A], and the 
concentration of unoccupied active site, [E], are 
unknowns, and an expression for [E·A] only in 
terms of known quantities and rate constants must 
be obtained. To eliminate the unknown variable [E] 
and solve for the unknown variable [E·A], a set of 
independent simultaneous equations must be 
formulated such that there are as many independ-
ent simultaneous equations as there are unknown 
variables, as in any algebraic solution for multiple 
unknowns. 
 The first simultaneous equation in all deriva-
tions of steady-state rate equations for enzymatic 
catalysis is the conservation of enzyme, in analogy 
to an equation for the conservation of mass in an 
acid–base calculation. The total molar concentration 
of active sites, which is usually a known quantity, but 
that always remains constant throughout the reaction, 
must be equal to the sum of the concentrations of all 
forms of the active site. In the simple case of the kinetic 
mechanism in Equation 3-55 

               (3-58) 

 The next group of simultaneous equations are 
the steady-state relations. The approximation that 
is always made in derivations of this kind is that 
because the concentration of reactant is so much 
greater than the concentration of enzyme, after the 
first few molecules of reactant have been turned 
into product by each molecule of enzyme, the con-
centration of each species involving the enzyme 
has reached a constant, steady state. This approxima-
tion follows in the simple case of the kinetic mecha-
nism of Equation 3-55 from the consideration that 
if [E·A] were increasing, [E] would be decreasing, and 
the rate of formation of E·A would be decreasing 
while its rate of decay would be increasing. At some 
point, the rate of formation and the rate of decay of 
E·A would become equal, and its concentration 
would remain constant. A similar argument can be 
made for the situation in which [E·A] is decreasing. 
As long as [A]0 remains unchanged, which is the 
definition of an initial rate (Equation 3-37), the in-
dividual concentrations of all forms of the enzyme 
will remain constant once the steady state has been 
reached. 
 Direct measurements of the rate of attainment 
of steady state have shown that it is usually achieved 
within less than 1 s with most enzymes, but some 
enzymes reach steady state more slowly, in at least 
one instance taking as long as an hour.77 In such 
peculiar circumstances, the initial rate of the reac-

E  +  A  1  E·A  Æ  E  +  Z
k 1

k –1

k 2

v0  =  f ([E]t , [A]0)

v0  =             =  k2 [E·A]
d [Z]

 

  dt
 

[E]t  =  
[E]  +  [E·A]
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tion is seen to increase with time rather than 
remaining constant or decreasing with time. 
 For the kinetic mechanism of Equation 3-55, 
the steady-state approximation is 

                (3-59) 

Although this relation seems to define two equa-
tions, they turn out to be the same equation. The 
number of simultaneous, independent steady-state 
equations is always one less than the number of 
kinetically unique forms of the enzyme, the con-
centrations of which are the unknowns, and the 
shortfall is made up by the equation stating the 
conservation of enzyme (Equation 3-58). The single 
steady-state equation for the kinetic mechanism of 
Equation 3-55 is  

          (3-60) 

Equation 3-60 states that the difference between the 
rate at which E·A is formed and the rate at which 
E·A is lost must be zero at steady state. 
 When the two independent simultaneous 
equations, Equations 3-58 and 3-60, are used to 
solve algebraically for [E·A] in terms of the known 
quantities, it is found that 

           (3-61) 

and that 

   
                  (3-62) 

Taking the limits of Equation 3-40 and Equation 
3-62 

         (3-63) 

  (3-64) 

 Equation 3-62 is of the form of Equation 3-43 
and Equation 3-44 and, therefore, provides an ex-
planation of the observed behavior. It states that 
the measured value of the catalytic constant, k0, is 
k2, the measured value of V is k2[E]t, the measured 
value of the specificity constant kA for reactant A is 
k1k2(k-1 + k2)-1, and the measured value of the Mich-
aelis constant for reactant A, KmA, is (k2 + k-1)(k1)-1, 
if the kinetic mechanism of Equation 3-55 is the 
actual kinetic mechanism applicable to the enzyme 
in question.  
 The point of the exercise is that the kinetic 
mechanism of Equation 3-55, which was formulat-
ed only by intuition and which did not follow by 
deduction from the observations, is nevertheless 
consistent with the behavior of the reaction as it is 
experimentally observed. 
 All present explanations of the catalytic activity 
of enzymes assume that the molecules of reactant 
associate with a molecule of the enzyme and are 
converted to products while they are bound, as 
they are in the kinetic mechanism of Equation 
3-55. This hypothesis and kinetic mechanisms of 
the type represented by Equation 3-55 were origi-
nally intended to64 and do provide an explanation 
for the universally observed fact that the initial rate 
of an enzymatic reaction approaches a horizontal 
asymptote as the initial concentrations of the reac-
tants are increased. This explanation is that at high 
concentrations of the reactants, the enzyme is satu-
rated and this saturation limits the rate of the over-
all reaction to the rate at which reactants can be 
converted to products while they are bound to the 
enzyme and those products can dissociate. Nonen-
zymatic catalysis can also display saturation for the 
same reasons.78 
 
 To understand what the kinetic constants in a 
kinetic mechanism and a rate equation represent, 
the difference between an elementary reaction 
and a composite reaction and the difference be-
tween elementary rate constants and composite 
rate constants must be understood. These differ-
ences are easiest to understand in the simplest pos-
sible kinetic mechanism, that of an enzymatic 
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reaction with only one reactant and one product. In 
the kinetic mechanism of Equation 3-55, the rate 
constant k2 can have one of two quite different 
meanings, depending on the intentions of the au-
thor of the kinetic mechanism. If k2 was intended 
to be an elementary rate constant, then the step 
immediately following the formation of the com-
plex E·A has been designated the rate-limiting step 
in the reaction. As the kinetic mechanism is writ-
ten, however, there must be at least two steps be-
tween the complex E·A and the dissociated enzyme 
E and product Z. These steps are the transfor-
mation of reactant A to product Z on the active site 
of the enzyme and the dissociation of product Z 
from the active site. If the author intended the rate 
constant k2 to include the rate constants for these 
steps, then k2 is a composite rate constant. 
 An elementary reaction is a reaction for which 
no reaction intermediates have been detected or 
need to be postulated to describe the chemical reac-
tion on a molecular scale. An elementary reaction 
occurs in a single step and passes through only one 
transition state. An elementary rate constant is the 
rate constant for an elementary reaction. If a step 
in a kinetic mechanism is an elementary reaction, 
the respective rate constants for its two directions 
are elementary rate constants. The ultimate ideal of 
a kinetic investigation is to define explicitly the 
complete sequence of elementary steps in a reac-
tion and to assign a numerical value to each ele-
mentary rate constant. In simple nonenzymatic 
reactions, the chemical mechanism usually involves 
only a few steps, and the individual events, such as 
bond-making, bond-breaking, hydronation, elec-
tron transfer, or noncovalent association, can be 
written as explicit steps, each of which seems to 
have only one transition state. Rate constants are 
then assigned systematically to these steps to define 
the elementary kinetics. In such situations, the 
measured rate constants are assumed to be elemen-
tary rate constants associated with the explicit 
chemical events. 
 If the author of the kinetic mechanism of 
Equation 3-55 intended k2 to be an elementary rate 
constant, then k2 cannot include the rate constant 
for the release of product because the release of 
product must involve a different transition state 
from the transition state that immediately follows 
the formation of the complex between enzyme and 
reactant. If the rate constant k2 is intended to be 
the elementary rate constant only for the step im-
mediately following the formation of the complex 
between enzyme and reactant, then the author of 

the kinetic mechanism has implicitly designated 
the step governed by the rate constant k2 as the 
rate-limiting step of the overall reaction.79 This 
designation follows from the fact that the author 
ignored the elementary rate constants for all the 
later steps. 
 Most students have been exposed to simple 
chemical kinetics before they encounter enzymatic 
kinetics and are trained to treat an unadorned rate 
constant as an elementary rate constant. This habit 
is always a simplification because even straightfor-
ward chemical reactions often involve more transi-
tion states, and hence more elementary steps, than 
have been defined. Even if there are several ele-
mentary steps between two points in a kinetic 
mechanism, however, there is a rate at which the 
reaction proceeds between those two points and a 
rate constant that can be assigned to the flux be-
tween those two points. 
 A composite reaction is a chemical reaction or 
a step in the kinetic mechanism for a reaction for 
which the expression for the rate of disappearance 
of a reactant or the rate of appearance of a product 
involves elementary rate constants of more than 
one elementary reaction. A composite reaction pro-
ceeds through more than one transition state and 
involves more than one elementary step. A composite 
rate constant is a rate constant for a composite reac-
tion or a step in a kinetic mechanism that is a com-
posite reaction. A composite rate constant can be 
expressed as a combination of several elementary 
rate constants for the several elementary steps be-
tween the two points. In the literature in which 
steady-state enzymatic kinetics are presented, 
composite rate constants are often called net rate 
constants.80 
 Suppose that k2 is not a rate-limiting elemen-
tary rate constant in the kinetic mechanism of 
Equation 3-55 and that it is a composite rate con-
stant for two steps: the transformation of reactant 
to product and the dissociation of product 

          (3-65) 

In this expansion of the second step in the kinetic 
mechanism of Equation 3-55, the dissociation of 
product, governed by the rate constant k7, is writ-
ten as an irreversible process, as was the second 
step in the kinetic mechanism of Equation 3-55, 
because there is no product in the solution under 

E·A  1  E·Z  Æ  E  +  Z
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the initial conditions. The rate at which product is 
produced 

             (3-66) 

If it is assumed that E·Z is in steady state, then 

    (3-67) 

and 

          (3-68) 

In the kinetic mechanism of Equation 3-55 

                 (3-69) 

Therefore, if k2 is a composite rate constant for the 
two steps in the expanded kinetic mechanism 
(Equation 3-65), then 

                   (3-70) 

If, however, k6 is in fact the rate-limiting step of the 
reaction, then by definition79 k7 >> k-6, k2 equals k6, 
and k2 is the rate-limiting step. 
 Regardless of whether k2 in the kinetic mecha-
nism of Equation 3-55 is a rate-limiting elementary 
rate constant for the overall reaction or a compo-
site rate constant including several steps, one of 
which is dissociation of the product, the transfor-
mation to which it refers, the conversion of reac-
tant to product on the enzyme and the dissociation 
of the product from the enzyme, is kinetically irre-
versible. This property follows from the fact that 
the step governing the dissociation of the product 
must be irreversible because no product is present 
in the solution during the initial interval. The crea-
tion of irreversibility by omitting one or more of 
the products of a reaction is one purpose behind 
measuring its initial rates. In this way, the rate 
measured is a unidirectional rate and the equations 
are greatly simplified. 

 Formally, the rate constant k1 in Equation 3-55 
is the second-order rate constant for formation of 
the complex E·A, and the rate constant k-1 is the 
first-order rate constant for its dissociation. Although 
there is no necessity to assume it, the rate con-
stants k1 and k-1 for formation of the complex 
preceeding the conversion of A to Z could also be 
composite rate constants. In fact, they usually are. 
Suppose, for example, that there were three steps 
that preceded the conversion of reactant into product, 
one for association of the reactant with the enzyme 
and two involving isomerizations of the enzyme and 
reactant A, respectively 

       (3-71) 

The composite rate constant k1 would then be the 
unidirectional rate constant for the conversion of 
E + A into E¢·A¢ 

        (3-72) 

If it is assumed that [E·A] and [EA·A] are at steady 
state, then 

              (3-73) 

and  

            (3-74) 

respectively. Solving for [E¢·A] 

           (3-75) 

Because  

           (3-76) 

         (3-77) 
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d [Z]
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 The composite rate constant k-1 is the unidi-
rectional rate constant for the conversion of E¢·A¢ 
into E + A 

     (3-78) 

If it is assumed that [EA·A] and [E·A] are at steady 
state, then 

           (3-79) 

and 

            (3-80) 

respectively. Solving for [E·A] 

           (3-81) 

Because  

         (3-82) 

            (3-83) 

 The expressions for k1, k-1, and k2, when they 
are the composite rate constants for the steps in the 
now expanded kinetic mechanism 

    
                  (3-84) 

contain only rate constants, regardless of whether 
they themselves are elementary rate constants or 
composite rate constants. Consequently, the form 
of the rate equations for the kinetic mechanisms of 
Equations 3-55 and 3-84 must be the same, and 
both of these kinetic mechanisms must be con-
sistent with the experimental observation that the 
initial rate of an enzymatic reaction as a function of 

the initial concentration of the reactant is defined 
by Equation 3-40. Steady-state kinetics cannot 
decide which kinetic mechanism is the complete 
kinetic mechanism, or if either of them is, because 
further expansion of the kinetic mechanism is pos-
sible by supplying additional steps, and each ex-
panded kinetic mechanism will also be consistent 
with the observations. The only facts are the observed 
behavior, and kinetic mechanisms are simply at-
tempts by the authors to explain the facts. 
 The rate equations for such expanded kinetic 
mechanisms, however, are not simply Equation 
3-62 with k1, k-1, and k2 replaced by the respective 
composite rate constants. Equations such as Equa-
tion 3-61 define the fraction of the total enzyme 
that is in a particular form, in this instance the 
fraction of the total enzyme that is E·A. In the kinet-
ic mechanism defined by Equation 3-84, [E·A] at 
steady state is no longer the same fraction of the to-
tal enzyme as that defined by Equation 3-61. There 
are now new forms of the enzyme, E¢·A, E¢·A¢, and 
E·Z, in addition to E·A and E. Consequently, the ex-
pression for [E]t (Equation 3-58) must be expanded 
to include these new forms, a new equation for 
[E·A] as a new fraction of the total enzyme must be 
derived to replace Equation 3-61, and that equa-
tion will not be the same as Equation 3-61. 
 For example, consider the most reasonable 
kinetic mechanism for an enzyme with one sub-
strate 

      (3-85) 

If it is assumed that 

                (3-86) 

that 

              (3-87) 

that 

     (3-88) 

and that Equation 3-67 supplies the required second 
steady-state relation, the rate equation that results 
from a standard derivation is 
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                  (3-89) 

 Equations 3-67, 3-87, and 3-88 can be used to 
show that, for the kinetic mechanism proposed in 
Equation 3-85 

   
                  (3-90) 

If [E·A] defined by this equation is multiplied by the 
composite rate for formation of product from E·A 
(Equation 3-68), Equation 3-89 is again the result. 
Consequently, when a correct equation for the frac-
tion of the total enzyme that is in a particular form 
is derived, this fraction and the appropriate com-
posite rate constant can be combined to obtain the 
correct rate equation. This approach is a correct 
way of proceeding. If, however, k2 in Equation 3-61 
is simply replaced by the composite rate of Equa-
tion 3-68, Equation 3-90 is not the result, because 
Equation 3-61 does not give the correct value of [E·A] 
for the new kinetic mechanism. This approach is an 
incorrect way of proceeding. This exercise demon-
strates that composite rate constants, which were 
used to show that expanded kinetic mechanisms 
give the same form of the rate equation and which 
will be used later for other purposes, can be mis-
leading in deriving the rate equation from an ex-
plicit kinetic mechanism. It follows that the only 
infallible approach is to derive the rate equations 
for a proposed mechanism starting with the equa-
tion for conservation of enzyme and the steady-
state equation. 
 An example of a kinetic mechanism for which 
it is known that there are intermediates between 
the association of reactant and the production of 
product bound in the active site, as in the first por-
tion of Equation 3-84, would be that for the hydrol-
ysis of phenyl hippurates by chymotrypsin (Equa-
tion 3-54). Chymotrypsin is an enzyme that hydro-
lyzes amides and esters by performing a nucleo-
philic substitution (Figure 1-10) that transfers the 
 

 
 
Figure 3-6: Mechanism by which serine endopeptidases cata-
lyze the hydrolysis of a peptide bond. Attack of the hydroxy 
group of a serine in the active site, which is dehydronated as it 
adds to the acyl carbon of the amide of the peptide bond, pro-
duces the tetrahedral intermediate. The oxyanion of the tetra-
hedral intermediate pushes out the amine upon hydronation of 
its nitrogen to produce the acyl intermediate. A molecule of 
water replaces the amine in the active site. Attack of the molecule 
of water, which is dehydronated as it adds to the acyl carbon of 
the acyl intermediate, produces the second tetrahedral inter-
mediate. The oxyanion pushes out the hydroxy group of the 
serine as it is being hydronated to produce the carboxylic acid. 
The hydrolysis requires a catalytic acid–base, (-)B9, at the hydroxy 
group of the serine and a catalytic acid–base, HA(+), at the loca-
tion occupied by the amino group and the molecule of water. 
These requirements are actually fulfilled by the same acid–base, 
usually a histidine, that pivots between the two positions. 
 
 
 
 
 
 
acyl group of the amide or ester to the hydroxy 
group of one of its serines, which acts as the nucle-
ophile, to form an acyl intermediate (Figure 3-6). 
 A kinetic mechanism for hydrolysis of phenyl 
hippurates catalyzed by chymotrypsin, which ignores 
the details of the hydrolysis of the ester of the serine 
and release of the two products, could be 
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                  (3-91) 

where A is the ester that is the reactant (Equation 
3-54), E-OC(O)R is the seryl ester that is the acyl 
intermediate, Z is the phenol that is one product, 
and Y is the carboxylic acid that is the other. The 
rate equation for the kinetic mechanism as written 
is Equation 3-43, which has a catalytic constant  

            (3-92) 

and a specificity constant for a particular phenyl 
hippurate 

             (3-93) 

Because the nucleophilic substitution in Equation 
3-54 is an alcohol for a phenol, k2 >> k-2 (Table 1-3). 
 When the reciprocals of the initial rates for the 
hydrolysis of several phenyl hippurates by chymo-
trypsin are plotted as a function of the initial con-
centrations of several phenyl hippurates, it can be 
seen that the catalytic constant is the same for all of 
them (Figure 3-5). It is unlikely that k2 is the same 
for all the substituted phenols, so only if k2 >> k3 
and k0 = k3 would k0 be invariant. The specificity 
constants for the phenyl hippurates, however, reg-
ister the effects of changes in the functional groups 
on the elementary rate constants k2 and k-2, but 
only indirectly. 
 Parenthetically, the effects of functional groups 
on the rate of hydrolysis of phenyl hippurates is an 
example of a structure–activity correlation. In this 
case, a correlation between the ability of the phenol 
as a leaving group and the specificity constants for 
phenyl hippurates was sought, but no systematic 
relation was observed. In the case of hydrolysis of a 
series of aryl b-∂-glucosides and aryl b-∂-cellobio-
sides by cellulose 1,4-b-cellobiosidase from Cellu-
lomonas fimi, however, there was a clear correla-
tion between the pKa of the phenol that was the 
leaving group and the specificity constant for that 
reactant.81 

 It is often stated that kinetics cannot prove a 
kinetic mechanism and that a kinetic mechanism 
can only be consistent with kinetic observations. 
There are two levels of meaning to this statement. 
The first level of meaning is that kinetics cannot 
prove a kinetic mechanism because the possibility 
always exists that there is a significantly different 
kinetic mechanism with a different sequence of 
steps that is, nevertheless, also consistent with all 
the experimental observations. In this meaning, the 
kinetic method, because it proceeds inductively, 
must always suffer from this problem, which is 
common to all inductive reasoning. It follows that 
the most powerful use of kinetics is to disprove a 
proposed kinetic mechanism. One should never 
make the mistake, however, of assuming that since 
all the kinetic mechanisms you could imagine but 
one have been disproven, the one that has not been 
disproven has been proven. The second level of 
meaning is that even if a particular kinetic mecha-
nism can be shown by independent experiments to 
be the correct kinetic mechanism, it may, neverthe-
less, be incomplete. The complete kinetic mecha-
nism for a chemical reaction includes explicitly 
every elementary step in that reaction. A kinetic 
mechanism in which one or more of the steps are 
composite reactions or one or more of the rate con-
stants are composite rate constants is an incom-
plete kinetic mechanism for the reaction even if it 
is not an incorrect kinetic mechanism. Because any 
of the rate constants in a kinetic mechanism can be 
composite rate constants and because the number 
of steps covered by a composite rate constant can 
be large, no kinetic mechanism can be proven to be 
complete. The rate constants in the kinetic mecha-
nisms proposed for most enzymatic reactions are 
usually composite rate constants, and those kinetic 
mechanisms are incomplete. 
 
Kinetic Mechanisms for Two Reactants: 
Converging Double Reciprocals 
 
 Observation: Most enzymes, even chymotryp-
sin, have two reactants and two products. When an 
enzyme has two reactants that can be varied inde-
pendently, the procedure followed is to choose 
several initial concentrations of one reactant and 
several initial concentrations of the other reactant 
evenly spaced over ranges between a nearly saturating 
concentration and a concentration well below the 
apparent values for the Michaelis constant. Spacing 
the concentrations evenly ensures that concentra-
tions above, below, and close to the apparent 
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Michaelis constant are chosen and that values 
throughout the range of concentrations in which 
the initial rate of the enzymatic reaction is chang-
ing most rapidly with concentration, in particular 
the region around the Michaelis constant, are sam-
pled. A couple of points are usually chosen at high 
concentrations to establish saturation and the value 
for the apparent rate constant at saturation of the 
varied reactant. The initial rate of the reaction is 
then measured at every combination of these two 
sets of initial concentrations. The initial rates of the 
enzymatic reaction are plotted as a function of the 
initial concentrations of reactant A, the varied reac-
tant, at a constant concentration of reactant B, the 
fixed reactant. The behavior of the initial rate is 
usually that defined by Equation 3-43, but the val-
ues of the specificity constant kA for reactant A and 
the catalytic constant for reactant A, k0,A, in the 
equation change as the concentration of reactant B, 
the fixed reactant, is changed. Because the parame-
ters kA[E]t and k0[E]t in Equation 3-43 have become 
functions of the concentration of reactant B and 
vary as the concentration of reactant B is varied 
and vice versa, they are actually not constants; they 
are only apparent rate constants (k0,A,app[E]t and 
kA,app[E]t) for a fixed concentration of reactant B. 
 The kinetics of hexokinase (HK) from R. norveg-
icus 

  
                  (3-94) 

serve as an example of such observations. Either 
MgATP2– was chosen to be the varied reactant at 
several fixed initial concentrations of the hexose, in 
this case ∂-fructose, (Figure 3-4A),69 or ∂-fructose 
was chosen to be the varied reactant at several fixed 
concentrations of MgATP2– (Figure 3-4E).69 At each 
initial concentration of the fixed reactant, the ob-
served values for the initial rate of hexokinase as a 
function of the initial concentration of the varied 
reactant could be fit by Equation 3-52. From these 
fits, in which y is the initial rate v0 and x is the initial 
concentration of either MgATP2– or ∂-fructose, val-
ues for the rate constants k0,ATP,app[HK]t (parameter 
a) and kATP,app[HK]t (parameter c) or k0,fruc,app[HK]t 
(parameter a) and kfruc,app[HK]t (parameter c) were 
obtained for each initial concentration of the fixed 
reactants fructose and MgATP2–, respectively. When 
parameters a and c for MgATP2– are plotted against 
the initial concentration of ∂-fructose (Figure 3–4C,D) 

and when parameters a and c for ∂-fructose are 
plotted against the initial concentration of 
MgATP2– (Figure 3-4G,H), the data can again be fit-
ted by Equation 3-52 when y is the respective rate 
constant being plotted and x is the initial concen-
tration of ∂-fructose or MgATP2–, respectively. 
 The general empirical equation defining this 
observed behavior is 

                  (3-95) 

for which 

      
                  (3-96) 

      
                  (3-97) 

         
                  (3-98) 

and 

       
                  (3-99) 

The four rate constants that define Equation 3-95 are 
each isolated in turn from the other three in the 
double limits 

            (3-100) 
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            (3-101) 

           (3-102) 

          (3-103) 

 A key feature of the general equation (Equation 
3-95) is that [A]0 and [B]0 are interchangeable, 
which must be the case because the behavior of the 
initial rate of an enzymatic reaction when A is the 
varied reactant and B is the fixed reactant (Figure 
3-4, panels A-D) is the same as its behavior when B 
is the varied reactant and A is the fixed reactant 
(Figure 3-4, panels E-H), albeit with different nu-
merical values for the parameters governing the re-
spective situations. 
 The products of the concentration of active 
sites with the apparent catalytic constant, k0,A,app[E]t, 
as a function of the initial concentration [B]0 
(Equation 3-96); with the apparent specificity con-
stant for reactant A, kA,app[E]t, as a function of the 
initial concentration [B]0 (Equation 3-97); with the 
apparent catalytic constant, k0,B,app[E]t, as a func-
tion of the initial concentration [A]0 (Equation 
3-98); and with the apparent specificity constant, 
kB,app[E]t, as a function of the initial concentration 
[A]0 (Equation 3-99) are all rectangular hyperbolae 
(Equation 3-52). From fits of Equation 3-52 to the 
various plots of the apparent rate constants as 
functions of the initial concentrations of the fixed 
reactants (Figure 3-4C, D, G, and H) and extrapola-
tion to determine the four respective double limits 
(Equations 3-100 through 3-103), values for the 
four fundamental rate constants k0[E]t, kA[E]t, 
kB[E]t, and kAB[E]t are obtained. These four funda-
mental rate constants govern all the kinetics and 
can be used to generate all the curves describing 
the observations. 
 Historically, the general empirical equation that 
was used and is still sometimes used to define the 
observed behavior of the initial rate of an enzymatic 
reaction is 

       
                (3-104) 

The symmetry of the equation is not so obvious, 
but it is the same equation as Equation 3-95 with 
the parameters given different notation. 
 The double reciprocal of Equation 3-95 is 

 
                (3-105) 

Consequently, when the reciprocals of the initial 
rates for an enzymatic reaction are plotted as a 
function of the reciprocals of the initial concentra-
tions of the varied reactant at any constant initial 
concentration of the fixed reactant, the data can be 
fitted with a straight line (Figure 3-4B,F). Equation 
3-105 separates the four kinetic constants into four 
separated terms. 
 When A is the varied reactant and B is the fixed 
reactant 

    
                (3-106) 

and both the slope of the straight line and its inter-
cept with the axis of the ordinate should be func-
tions of [B]0 (Figure 3-4B,F). Because the slopes of 
the lines defining each of the individual double re-
ciprocals when A is the varied reactant is a function 
of [B]0, the initial concentration of the fixed reac-
tant, the lines for the variable [A]0

-1 at two different 
fixed [B]0 will necessarily intersect at some point, 
just as any two lines with different slopes must in-
tersect. Furthermore, it can be shown, by solving 
for the coordinates of the point of intersection, that 
all the lines defined by Equation 3-106 intersect at 
the same point (Figure 3-4B,F) where 

              (3-107) 
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      (3-108) 

where [A]0,int
-1 and v0,int

-1 are the coordinates of the 
common point of intersection. The points of inter-
section can be in the third quadrant (Figure 3-4B,F) 
or the second quadrant. 
 Explanation: If one assumes that both reac-
tant A and reactant B add to the enzyme before any 
products dissociate, that all steps preceding the re-
alization of the resulting ternary complex (E·A·B) 
are reversible, that reactant A binds first to the en-
zyme followed by reactant B, and that products Y 
and Z dissociate from the active site in that order, 
then 

    
                (3-109) 

The steps governed by rate constants k4 and k5 are 
formally irreversible because products Y and Z, re-
spectively, dissociate during these steps and nei-
ther Y nor Z is present at initial times. The initial 
rate of the reaction is 

          (3-110) 

 The principle of conservation of enzyme states 
that 

  
                (3-111) 

which is one of the simultaneous equations need-
ed. As there are five unknowns, four other simulta-
neous equations are required. They are the four 
steady-state equations 

        
                (3-112) 

            
                (3-113) 

             (3-114) 

and 

                (3-115) 

Solving these five equations for [E·A·B] and entering 
that expression into Equation 3-110 gives a solu-
tion that has the form of Equation 3-95 

                  (3-116) 

with∗ 

      (3-117) 

       (3-118) 

              (3-119) 

      (3-120) 

Consequently, the kinetic mechanism in Equation 
3-109 is consistent with the behavior that is ob-
served. 
 Again, there is an array of expanded kinetic 
mechanisms, each of which is also consistent with 
the observed behavior. As before, the introduction 
of steps after both A and B have been bound to the 
active site but before the competent ternary com-
plex E·A·B has been formed produces expanded ki-
netic mechanisms consistent with the observations. 
The introduction of reversible steps between the 
association of A with the active site and the associa-
tion of B with the active site—or the introduction of 
reversible steps between the conversion of E·A·B to 
E·Z·Y and release of products from the active site—
also produces expanded kinetic mechanisms con-
sistent with the observations for the same reason: 
                                     
∗The following four empirical rate constants, k0, kA, kB, and 
kAB, are extracted by taking, in turn, the four double limits 
(Equations 3-100 to 3-103) of the complete equation derived 
from the five independent simultaneous equations (Equations 
3-111 to 3-115). 
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namely, that composite rate constants are usually 
indistinguishable from elementary rate constants 
by simple steady-state kinetics. Because of this fact 
that composite rate constants for a series of steps, 
none of which involves the entry or exit of a sub-
strate to or from the active site of the enzyme, are 
indistinguishable from elementary rate constants, 
steady-state kinetics alone based on initial rates 
can provide information only about entry of sub-
strates from the solution into the active site or exit 
of substrates to the solution from the active site. If 
a reactant must associate with the active site of the 
enzyme during the reaction, experimental variation 
of the concentration of that reactant will usually af-
fect the observed initial rate for an enzymatic reac-
tion by the relation of Equation 3-40. 
 There are, however, substantively different ki-
netic mechanisms that are also consistent with the 
observations. In particular, the order in which A and 
B add to the active site of the enzyme cannot be 
distinguished by observation of initial rates for the 
enzymatic reaction in which only [A]0 and [B]0 are 
varied. This ambiguity is due to the fact that [A]0 
and [B]0 appear interchangeably in Equation 3-95. 
Because Equation 3-95 is the only relation defined 
by the experimental observations, the experimental 
observations cannot distinguish which reactant, A 
or B, associates first with the enzyme. 
 It also happens that the rate equation has the 
form of Equation 3-95 if the association of reac-
tants A and B is random and each association of a 
reactant is at equilibrium in an equilibrium-random 
mechanism 

      
                (3-121) 

where KdA and KdB are the dissociation constants 
for reactant A and reactant B from the unoccupied 
enzyme, KdA,B is the dissociation constant for reac-
tant A from the enzyme occupied by reactant B, 
and KdB,A is the dissociation constant for reactant B 
from the enzyme occupied by reactant A. This 
equation defines an equilibrium-random kinetic 
mechanism. It states that the rates of the associa-
tions and the dissociations of the reactants with the 

active site are all significantly greater than the con-
version of reactants to products on the active site. 
 The equilibrium constants for Equation 3-121 
are related to each other by the linkage equations 

         (3-122) 

       (3-123) 

and 

       (3-124) 

Consequently 

        (3-125) 

         (3-126) 

         (3-127) 

and, from the conservation of enzyme 

       (3-128) 

These four equations together give 

    
                (3-129) 

 Taking the double limits of both Equation 3-95 
and Equation 3-129 

         (3-130) 
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       (3-131) 

       (3-132) 

     
                (3-133) 

 
 Because over the period of time in which ini-
tial rates are measured, the initial concentrations 
of the reactants are constant, any kinetic mecha-
nism used to derive a rate equation for an initial 
rate of an enzymatic reaction can be treated as a 
sequence of steps, the individual rate constants of 
the forward and reverse reactions of which are both 
simple first-order rate constants and pseudo-first-
order rate constants. This is the case regardless of 
which steps involve association of substrates with 
the active site of the enzyme or dissociation of sub-
strates from the active site of the enzyme. For ex-
ample, if the kinetic mechanism in Equation 3-109 
is modified by two steps to add an isomerization of 
the enzyme and to make the dissociation of the first 
product the rate-limiting step, rather than the dis-
sociation of the second, then 

      
                (3-134) 

If Equation 3-84 is rewritten in the same way, then 

     
                (3-135) 

 

Because the concentrations of reactants by defini-
tion remain constant at their initial values during 
the measurement of initial rates for an enzymatic 
reaction, the terms in these two kinetic mechanisms 
involving concentrations, such as k2[B]0 and k1[A]0, 
are pseudo-first-order rate constants that are for-
mally equivalent to the normal first-order rate con-
stants. In this sense, these two kinetic mechanisms 
are mathematically equivalent. Therefore, if reac-
tant B is held at a fixed concentration, both should 
give equations for v0 as a function of [A]0 of the 
form of Equation 3-40. 
 This simplification that permits every kinetic 
mechanism for the initial rate of an enzymatic re-
action to be written as a series of first-order steps 
has been exploited by King and Altman.82,83 These 
investigators have formulated a series of rules by 
which an expression for v0 can be obtained system-
atically from complicated kinetic mechanisms that 
have several reactants, several products, many steps, 
branching paths, coalescing paths, or several or all 
of these features. It is worth the time necessary to 
learn this system if one is required to derive rate 
equations for many long and complicated kinetic 
mechanisms. Most investigators, however, are only 
required to calculate initial rates for a few kinetic 
mechanisms, and these calculations can usually be 
performed without spending the time necessary to 
learn rather complicated general methods. 
 Because of Equations 3-121 and 3-129, one 
might imagine that the kinetic mechanism for the 
steady-state random bimolecular association of the 
two reactants 

       
                (3-136) 

in which k1 and k5 are both first-order functions of 
[A]0 and k2 and k4 are both first-order functions of 
[B]0, would also give a kinetic rate equation con-
sistent with Equation 3-95, but it does not. The rate 
equation for this kinetic mechanism, as derived by 
the method of King and Altman,82 is 
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                                   (3-137) 

 
where the parameters a through l are sums of the 
products of rate constants (Table 3-1).84 
 The reasons for the quadratic terms in Equa-
tion 3-137 are that the forms of the enzyme are not 
in rapid equilibrium with each other and that there 
are two routes to the ternary complex E·A·B. As the 
initial concentration of A is increased at a fixed initial 
concentration of B, the route in which A associates 
first with the enzyme becomes more dominant, 
and as the initial concentration of B is increased at 
a fixed initial concentration of A, the route in which 
B associates first with the enzyme becomes more 
dominant. At low initial concentrations of A and a 
fixed concentration of B, most of the flux goes on 
the path along which B binds first, and at high con-
centrations of A and the same fixed concentration 
of B, most of the flux goes on the path along which 
A associates first. The rate of flux on the two paths 
is almost always different, so increasing concentra-
tions of A can cause the reaction to go either faster 
than the rate defined by Equation 3-95, leading to 
activation of the enzymatic rate by increasing con-
centrations of reactant A, or slower than the rate 
defined by Equation 3-95, leading to inhibition of 
the enzymatic rate by increasing concentrations of 
reactant A.85 
 Such activation by a reactant or inhibition by 
a reactant is observed frequently and may result 
from the consequences of this kinetic mechanism. 
It is probably often the case, however, that only one 
of the two routes in this kinetic mechanism domi-
nates in the range of initial concentrations chosen, 
so the behavior observed is actually that of the ki-
netic mechanism of Equation 3-109. In fact, initial 
concentrations of reactants are often chosen to 
avoid activation or inhibition observed at higher 
concentrations of the reactants. The usual appli-
cation of this habit suggests that the kinetic 
mechanism of Equation 3-136 may be more 
common than it seems to be. If it actually is fairly 
common, most of the conclusions drawn from in-
hibitors that are analogues of the reactants and 
from product inhibition that are about to be dis-
cussed may be misleading. 
 One should note that when k-3 is zero and k4 
and k5 are both much larger than k3 in the kinetic 
mechanism of Equation 3-109, it becomes a special  

 

 
 
 
 
 
 
case of the kinetic mechanism of Equation 3-136 in 
which the lower route actually is or has been as-
sumed by the author to be kinetically nonexistent. 
When k4 = 0 and k-5 = 0 in the kinetic mechanism of 
Equation 3-136 and when k-3 is zero and k4 and k5 
are both much larger than k3 in the kinetic mecha-
nism of Equation 3-109, Equation 3-137 becomes 
Equation 3-95, as it must because, under these cir-
cumstances, the two kinetic mechanisms have be-
come the same kinetic mechanism. This realization 
reinforces the point that it may be even more diffi-
cult to prove that all the flux in an enzymatic reac-
tion proceeds through only one of the routes in the 
kinetic mechanism of Equation 3-136. 

v0  =  
a 

[A]0[B]0  + b 
[A]0[B]0

2
  + c 

[A]0
2[B]0 

d   + e 
[B]0  + f  

[B]0
2

  + g 
[A]0  + h 

[A]0
2

  + i 
[A]0[B]0  + j 

[A]0[B]0
2

  + l 
[A]0

2[B]0

Table 3-1: Combinations of Rate      
Constants in Equation 3-136 that Define82 
the Parameters in Equation 3-137 

a = k1k2k3k–4 + k–1k3k4k5 

b = k2k3k4k5 

c = k1k2k3k5 

d = k–1k–2k–4 + k–1k–4k–5 + k–1k3k–4 

e = k–1k–2k4 + k–1k4k–5 + k–1k3k4 + k2k–4k–5 + k2k3k–4 

f = k2k4k–5 + k2k3k4 

g = k1k–2k–4 + k1k–4k–5 + k1k3k–4 + k–1k–2k5 + k–1k3k5 

h = k1k–2k5 + k1k3k5 

i = k1k2k–4 + k–1k4k5 + k1k2k–5 + k–2k4k5 + k2k3k5 

j = k2k4k5 

l = k1k2k5 
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 Other than proving that the proposed kinetic 
mechanism is consistent with the observed behav-
ior, the purpose of deriving a rate equation is to fa-
cilitate the assignment of numerical values to the 
elementary rate constants and the composite rate 
constants explicitly defined by that proposed kinetic 
mechanism. The complexity of the rate law (Equa-
tion 3-137 and Table 3-1) for Equation 3-136 indi-
cates the difficulties of this endeavor for even as 
simple a kinetic mechanism as that for steady-state 
random bimolecular association. Theoretically, if 
each of the parameters a through l in Equation 3-137 
could be obtained experimentally, one would have 
11 equations (Table 3-1) with only 9 unknowns, the 
individual rate constants ki, and numerical values 
for each of them could be calculated. This calcula-
tion, however, would require detailed measure-
ments of the inhibition or activation that occurs at 
high concentrations of the reactants. Such system-
atic and detailed studies of the kinetics of any en-
zyme that proceeds by the kinetic mechanism of 
Equation 3-136 have probably not been performed. 
The difficulties of obtaining numerical values of the 
rate constants only increase for more complex 
steady-state kinetic mechanisms with more than 
two routes to the complex that produces products. 
 
Kinetic Mechanisms for Two Reactants: Double 
Reciprocals Intersecting at the Axis of the Ordinate 
 
 Observation: An interesting and informative 
special case of Equation 3-95, which has been 
occasionally observed, is that in which the term 
k0kBkAB[B]0 is missing from the denominator and 
the empirical equation defining the behavior has 
become 

      (3-138) 

In this instance, unlike the more frequently en-
countered general case, the observations do dis-
tinguish between reactants A and B; the initial 
concentration of one of them does not have a term 
in the denominator. Because 

            (3-139) 

has no terms in [A]0, unlike the limit (Equation 
3-98) for Equation 3-95, the curves for v0 as a func-
tion of [B]0 all converge to the same value for v0 as  

 
 
Figure 3-7: Kinetics for the phosphorylation of (S)-1-amino-
propane-2,3-diol catalyzed by glycerol kinase from C. myco-
derma.86 Solutions were prepared that contained MgATP2- and 
(S)-1-aminopropane-2,3-diol at various concentrations at pH 9.4 
and 25 ªC. The concentration of uncomplexed Mg2+ was fixed 
at 7 mM throughout. Each phosphorylation was initiated by 
adding glycerol kinase, and the production of MgADP- was 
followed over the first few minutes in a coupled assay with 
phosphoenolpyruvate, pyruvate kinase, dihydronicotinamide-
adenine dinucleotide, and ¬-lactate dehydrogenase by moni-
toring the decrease in A340 from the conversion of NADH into 
NAD+. Each initial rate of change in A340 was converted to an 
initial rate for the production of MgADP-, v0 (micromolar 
minute-1). Reciprocals of the initial rates (minutes micromolar-1) 
are presented as a function of reciprocals of the initial concen-
trations of (S)-1-aminopropane-2,3-diol (millimolar-1) at fixed 
concentrations of MgATP2- (for the lines in descending order) 
of 0.13, 0.25, 0.37, 0.50, 0.76, 1.26, and 2.52 mM.  
 
 
 
 
 
[B]0 is increased, regardless of the fixed concentra-
tion of reactant A. Consequently, the lines for the 
reciprocals of the initial rate as a function of the re-
ciprocals of the initial concentrations of reactant B 
intersect at the axis of the ordinate because the 
term (kA[E]t[A]0)-1 is missing from Equation 3-105. 
This type of behavior is observed for the kinetics of 
glycerol kinase from Candida norvegensis (Figure 
3-7)86 when this enzyme phosphorylates (S)-1-amino-
propane-2,3-diol 

    
                (3-140) 
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 Explanation: A simple kinetic mechanism con-
sistent with this behavior is the equilibrium-ordered 
mechanism with ordered association of reactants 

    (3-141) 

where KdA is the dissociation constant for reactant 
A from the unoccupied enzyme and KdB,A is the dis-
sociation constant for reactant B from the enzyme 
occupied by reactant A. When the kinetic mecha-
nism is written in this way, the author states that 
both the association of reactant A with the enzyme 
and the association of reactant B with the complex 
between enzyme and reactant A reach equilibrium 
so rapidly that the various complexes and free reac-
tants are in equilibrium during the entire reaction. 
As before, in such an equilibrium kinetic mecha-
nism, the steady-state approximations are unneces-
sary; the dissociation constants themselves provide 
the necessary relations 

              (3-142) 

              (3-143) 

Upon rearrangement, these equilibria can be sub-
stituted into a shortened version of Equation 3-111 
in which k3 in the kinetic mechanism of Equation 
3-109 is the rate-limiting step so that [E·Z·Y] and 
[E·Z] are zero. The resulting kinetic equation 

       (3-144) 

has the same form as Equation 3-138. As before, 
taking the limits of Equation 3-138 and Equation 
3-144 

       (3-145) 

      
                (3-146) 

   
                (3-147) 

If glycerol kinase proceeds by the kinetic mecha-
nism of Equation 3-141, MgATP2– must bind to the 
active site before (S)-1-aminopropane-2,3-diol. 
 
Kinetic Mechanisms for Two Reactants: 
Double Reciprocals Parallel to Each Other 
 
 Observation: The observed kinetics of an en-
zyme with two reactants are defined by another 
special case of Equation 3-95, that in which the 
term k0kAkB is missing from the denominator and 
the empirical equation has become 

         (3-148) 

This relation is found, for example, with the kinetics 
of ovine 3-oxoacid CoA-transferase (Figure 3-8)87-89 

  
                (3-149) 

Two of the limits for Equation 3-148 are 

           (3-150) 

and 

          (3-151) 

Consequently, the initial slopes of the functions 
describing v0 as a function of either [A]0 or [B]0 are 
no longer functions of [B]0 or [A]0, respectively, as 
they were before (Equations 3-97 and 3-99) and 
are now all the same for all concentrations of the 
fixed reactant, either kA[E]t (Figure 3-8A) or kB[E]t 
(Figure 3-8C). 
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Figure 3-8: Kinetics for the transesterification catalyzed by 
3-oxoacid CoA-transferase from ovine kidney.87 Solutions contain-
ing 25 mM Mg2+ and various concentrations of acetoacetyl-SCoA 
and succinate were prepared at pH 8.1 and 30 ªC. Each transesteri-
fication was initiated by adding purified 3-oxoacid CoA-trans-
ferase88 to the mixture. The initial rate of each reaction was deter-
mined by monitoring the absorbance at 303 nm of the aceto-
acetyl-SCoA being lost as the transesterification proceeded. With 
the extinction coefficient for acetoacetyl-SCoA, the initial rate of 
each transesterification could be converted to micromoles of 
acetoacetyl-SCoA consumed minute-1. With the molar mass 
of enzyme for each active site (51,000 g mol-1),89 the micromoles 
of acetoacetyl-SCoA minute-1 (mg of enzyme)-1 can be converted 
to the units of micromoles of acetoacetyl-SCoA second-1 
(micromole of 3-oxoacid CoA-transferase)-1. The initial concen-
trations of acetoacetyl-SCoA chosen for the studies were 2, 3, 5, 
8, and 15 mM, and the initial concentrations of succinate were 
1, 2, 3, 5, and 7 mM. The complete set of the 25 combinations 
of these initial concentrations was used to measure 25 separate 
initial rates. (A) Initial rates (second-1) are presented as a func-
tion of initial concentrations of acetoacetyl-SCoA at the five 
fixed concentrations of succinate, in order of ascent. The lines 
drawn are fits of Equation 3-52 to the data with x equal to 
[acetoacetyl-SCoA]0 and y equal to v0. The five values for param- 

eter c of the fits (initial slopes of the five rectangular hyperbolae) 
deviated from each other at random, and the standard devia-
tion of their mean was less than the standard deviations of 
each individual value. It was concluded that they all had the 
same value, 1.28 ± 0.05  s-1 (mM acetoacetyl-SCoA)-1. (B) Recipro-
cals of the same initial rates (seconds) are plotted as a function 
of reciprocals of the initial concentrations of acetoacetyl-SCoA 
(millimolar-1) at the five fixed initial concentrations of succinate. 
The slopes of the five lines fit separately to the data were the 
same within experimental error. Each line drawn in the figure 
has as its slope the mean of the five slopes of the individually 
fit lines. (C) Initial rates (second-1) are presented as a function 
of initial concentrations of succinate at the five fixed concen-
trations of acetoacetyl-SCoA. The curves drawn are fits of 
Equation 3-52 to the data with x equal to [succinate]0 and y 
equal to v0. The initial slopes of the five rectangular hyperbolae 
(parameters c of the fits) were the same, 5.81 ± 0.37 s-1 (mM suc-
cinate)-1, within experimental error. (D) Reciprocals of the 
same initial rates (seconds) are plotted as a function of recip-
rocals of the initial concentrations of succinate (millimolar-1) at 
the five fixed initial concentrations of acetoacetyl-SCoA. The 
slopes of the five lines fit separately to the data were the same 
within experimental error. Each line drawn in the figure has as 
its slope the mean of the five slopes of the individually fit lines. 
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Because 

         
                (3-152) 

when A is the varied reactant and B is the fixed reac-
tant 

      
                (3-153) 

and all the lines defining v0
-1 as a function of [A]0

-1 
have the same slope and are parallel (Figure 3-8B) 
Because of the symmetry of Equation 3-148, the 
same is true when B is the varied reactant and A is 
the fixed reactant (Figure 3-8D). 
 Explanation: A simple kinetic mechanism con-
sistent with this behavior is 

   
                (3-154) 

in which the second step is kinetically irreversible. 
A kinetically irreversible step is a step in which the 
rate of the back reaction is so slow that it can have 
no effect on the kinetics of the overall reaction. 
Because, at steady state, the flux through the two 
kinetically irreversible steps must be equal 

     (3-155) 

Using this equation, the equation for conservation 
of enzyme, and two steady-state equations, it can 
be shown that  

which has the form of Equation 3-148 and thus ex-
plains the observations. Consequently, if there is a 
kinetically irreversible step between the association 
of the first reactant with the enzyme and the asso-
ciation of the second reactant with the enzyme, the 
kinetics of the enzyme will display this behavior. As 
before, taking the limits of Equation 3-148 and 
Equation 3-156 

        (3-157) 

    
                (3-158) 

     
                (3-159) 

 This kinetic mechanism is called a ping-pong 
mechanism because the enzyme oscillates between 
two forms, E and E¢·A, each separated from the other 
by a respective irreversible step, and each form has 
the same pattern of rate constants relating it to the 
other form. This symmetry of the ping-pong mech-
anism is reflected in the symmetry of the pattern in 
which the rate constants appear in Equations 3-156 
through 3-159. 
 One particular explanation for the existence of 
a kinetically irreversible step between the associa-
tion of reactant A with the enzyme and the associa-
tion of reactant B with the enzyme is that before 
reactant B associates, product Z dissociates from 
the enzyme, leaving the remainder of reactant A, A¢, 
bound to the enzyme 

    
                (3-160) 
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Because there is no product Z in the solution dur-
ing the initial period, the step involving its release 
is necessarily kinetically irreversible.  
 It has been demonstrated by mass spectrometry 
that sulfate adenylyltransferase (ADP) from Thio-
bacillus denitrificans, which transfers an adenylyl 
group from sulfate to phosphate 

   
                (3-161) 

reacts with adenosine-5¢-phosphosulfate to form 
an covalent adduct between the adenylyl group 
and the enzyme, from which sulfate, one of the 
products of the enzymatic reaction, must dissociate 
before phosphate, one of the reactants, can associ-
ate. Presumably the phosphate associates with the 
same location in the active site from which the sul-
fate has dissociated, and this sequence of events 
explains the parallel lines in plots of the double re-
ciprocals of initial rate as a function of either the 
initial concentration of adenosine-5¢-phosphosulfate 
or the initial concentration of phosphate at fixed 
initial concentrations of the other reactant, respec-
tively.90 
 If the kinetically irreversible step is the release 
of the first product (Equation 3-160), the release of 
that product must occur before the second reac-
tant can associate with the enzyme for the double 
reciprocals to be parallel. For example, ¬-cysteine 
can associate with cystathionine g-synthase from 
S. cerevisiae 

    
                (3-162) 

before succinate dissociates from the adduct between 
O-succinyl-¬-homoserine and pyridoxal phosphate 
(see Equations 2-32 and 2-34) 

   
                (3-163) 

If the initial concentration of ¬-cysteine is low, 
however, the rate of its association is slower than 
the rate of dissociation of the succinate, and at low 
fixed initial concentrations of ¬-cysteine, the lines 
in a plot of the double reciprocals for the initial 
rates as a function of the initial concentrations of 
O-succinyl-¬-homoserine are parallel. At higher 
concentrations of ¬-cysteine, its association be-
comes faster than the dissociation of succinate, and 
the double reciprocals at these higher concentra-
tions intersect.91 A similar switch from parallel 
double reciprocals to intersecting double reciprocals 
is observed in the kinetics of 1-deoxy-∂-xylulose 
5-phosphate synthase from Rhodobacter capsulatus.92 
 The dissociation of a product between the as-
sociation of the first reactant and the association of 
the second reactant, however, is not a necessary 
explanation for the existence of parallel double re-
ciprocals. Anything that causes the step between 
association of the first reactant and association of 
the second reactant to be kinetically irreversible 
will produce this behavior. 
 If there is a kinetically irreversible step be-
tween the association of reactant A and the associa-
tion of reactant B, the lines in a plot of the double 
reciprocals are parallel to each other. If no products 
are present initially, the release of a product is, by 
definition of an initial rate, a kinetically irreversible 
step. Consequently, if the lines on a plot of the 
double reciprocals converge (Figure 3-4B,F), reac-
tant A and reactant B must associate with the en-
zyme before any product dissociates. The complex 
between enzyme, unaltered reactant A, and unal-
tered reactant B (E·A·B) is a ternary complex, and 
converging double reciprocals are considered to 
be evidence that a ternary complex is an interme-
diate in the kinetic mechanism for the reaction. 
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 There is another kinetic mechanism producing 
double reciprocals for the initial rates of an enzy-
matic reaction and the initial concentrations of a 
varied reactant that are parallel at various initial 
concentrations of a fixed reactant. This behavior is 
observed for the case in which reactant A is con-
verted to product Z at one active site on the enzyme 
and the difference between A and Z—for example, 
an electron, a pair of electrons, or a carboxy group—
is transferred to another active site on the enzyme 
to convert reactant B to product Y.93 This mecha-
nism is a fairly common one. For example, many 
enzymes engaged in electron transfer oxidize A to Z 
at one site, transfer the electron or electrons through 
a sequence of electron carriers, and then use those 
electrons to reduce B to Y. The enzyme methyl-
malonyl-CoA carboxytransferase removes a car-
boxy group from methylmalonyl-SCoA with biotin, 
transfers the carboxybiotin to another active site, 
and adds the carboxy group on that carboxybiotin 
to pyruvate. Both enzymes that transfer electrons 
between two active sites94 and methylmalonyl-CoA 
carboxytransferase from Propionibacterium freuden-
reichii 93 have double reciprocals for which the 
lines, when one reactant is varied, are parallel at 
various fixed initial concentrations of the other 
reactant. 
 
 The kinetic constants governing the observed 
behavior of an enzymatic reaction in themselves have 
meaning. The catalytic constant k0 is always a first-
order rate constant (second-1). The rate k0[E]t is the 
product of a first-order rate constant and a concentra-
tion, and by definition it is the rate (molar second-1) 
at which the enzymatic reaction proceeds at saturating 
concentrations of all the reactants at the particular 
concentration of enzyme. Depending on the kinetic 
mechanism thought to be consistent with the behavior 
of the enzymatic reaction, the catalytic constant k0 
can be a complex function of various rate constants 
for individual steps in that kinetic mechanism, but 
that complex function contains no terms in which 
any initial concentration appears. In all cases, the 
rate k0[E]t is equal to the constant rate at which the 
enzymatic reaction proceeds as long as all reactants 
remain at saturation, and that rate is the fastest rate 
at which that particular concentration of enzyme 
can convert reactants to products. The catalytic 
constant of the enzyme is the first-order rate con-
stant for conversion of reactants free in solution to 
products free in solution under conditions in which 
 

the enzymatic reaction is not limited by the rate of 
association of any of its reactants. It is not, howev-
er, necessarily the rate constant at which the as-
sembled bound reactants are converted to assem-
assembled bound products on the active site. There 
can be steps between the reactants free in solution 
and the unoccupied enzyme and this conversion, 
and there can be steps between this conversion and 
the complete dissociation of the products into the 
solution and the return of the enzyme to the unoc-
cupied state prepared to associate with reactants. 
 When an enzyme converts a single reactant in-
to one or more products, its observed initial rate is 
usually determined by only the catalytic constant 
k0 and the specificity constant kA for reactant A 
(Equation 3-40). The specificity constant kA is a 
second-order rate constant with units of molar-1 
second-1. For the simplest kinetic mechanism 
(Equation 3-55), the specificity constant kA is equal 
to k1[k2(k-1 + k2)-1], which is the rate constant k1 for 
the bimolecular association of E and A multiplied 
by a particular unitless fraction of rate constants, 
k2(k2 + k-1)-1. This fraction is the fraction of the 
complex E·A that becomes product. Consequently, 
in this simple case, the specificity constant is the 
rate constant for the formation of only those bi-
molecular associations between E and A that pro-
duce complexes that will be converted into 
product free in solution. The specificity constant is 
the second-order “rate constant for the capture 
of…[reactant] into enzyme complexes that are des-
tined to yield product…at some later time.”95 
 It has been noted that the steps in the kinetic 
mechanism for an enzyme can be expanded indef-
initely by adding steps that are not involved in the 
direct association of reactants and have no effect 
on the form of the rate law, only on the functions of 
the rate constants of the mechanism used to define 
the observed kinetic constants. For the expanded 
kinetic mechanism of Equation 3-84, the rate con-
stants can be combined into the composite rate 
constants k1 (Equation 3-77), k-1 (Equation 3-83), 
and k2 (Equation 3-70). This combination reduces 
the expanded kinetic mechanism to that of Equa-
tion 3-55, for which the fraction of the complexes 
E¢·A¢ that becomes product is again k2(k2 + k-1)-1, 
and 
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                  (3-164) 

which is equal to the specificity constant kA for re-
actant A in the rate equation for the kinetic mecha-
nism of Equation 3-84. It follows that, regardless of 
the expansion performed to produce a kinetic 
mechanism, the specificity constant kA will always 
be the product of the composite rate constant for 
the bimolecular association between enzyme and 
reactant A to produce the complex between en-
zyme and reactant A and the fraction of that com-
plex destined to yield product.72,95 
 When an enzyme converts two reactants to 
one or more products, the initial rate of the reac-
tion below saturation is determined by the catalytic 
constant k0 and some combination of the specifici-
ty constants kA, kB,, and kAB (Equation 3-95). For 
the ping-pong kinetic mechanism of Equation 
3-154 

            (3-165) 

which is again the rate constant for the bimolecular 
association of the unoccupied active site and reac-
tant A multiplied by the fraction of the complex E·A 
that is destined to yield product. The same is true of 
kB and reactant B. These simple expressions for the 
specificity constants kA and kB result from the fact 
that an irreversible step separates the association of 
reactant A and reactant B. 
 For the kinetic mechanism 

     
                (3-166) 

with the rate equation 

                (3-167) 

the apparent specificity constant for reactant A 

        (3-168) 

which is equal to k1¢[B]0k3(k3 + k-1¢)-1, where k1¢[B]0 
is the composite second-order rate constant for 
formation of E·A·B from E and A at the fixed con-
centration of reactant B and k-1¢ is the composite 
rate constant for dissociation of E·A·B to E and A. 
The apparent specificity constant for reactant B 

      (3-169) 

where k3(k-2 + k3)-1 is the fraction of ternary com-
plexes E·A·B that proceed to free product, k2 is the 
second-order rate constant for association of B and 
E·A, and k1[A]0(k1[A]0 + k-1)-1 is the fraction of 
complexes E and E·A that are E·A. In each of these 
instances, the observed value for kA,app or kB,app is 
the product of the second-order rate constant for 
formation of ternary complex E·A·B from the free 
version of the respective reactant and the unoccu-
pied active site and the fraction of ternary com-
plexes that produce product free in solution. 
 
 The initial rate of an enzymatic reaction is de-
creased by the addition of particular compounds to 
the solution that inhibit its activity, and an exami-
nation of the effect of such inhibitors on the initial 
rate of the enzymatic reaction can provide useful 
information about the kinetic mechanism.96 An 
inhibitor is any chemical substance that, when added 
to the solution, decreases the initial rate of an enzy-
matically catalyzed reaction. Reversible inhibitors 
exert their effect by associating noncovalently and 
reversibly with the enzyme and, when associated, 
decrease or eliminate its ability to catalyze the reac-
tion. When a reversible inhibitor is removed from 
the solution, its effect on the enzymatic reaction 
disappears or is reversed. Almost always, reversible 
inhibitors are used in steady-state kinetic studies of 
enzymatic reactions. 
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 In the presence of only reactants, a kinetic 
mechanism for ordered addition of reactants 
(Equation 3-109) is indistinguishable from one for 
random addition of reactants (Equation 3-121) by 
steady-state kinetics. A kinetic mechanism in which 
an irreversible step is due to dissociation of a prod-
uct (Equation 3-160) is indistinguishable from one 
in which an irreversible step is not due to dissocia-
tion of a product (Equation 3-154) by steady-state 
kinetics. These are two particular cases of the more 
general fact that studies of initial rates of an enzy-
matic reaction in the presence of only reactants 
cannot, in most cases, define the order for either 
association of reactants with the enzyme or disso-
ciation of products from the enzyme. This infor-
mation, however, can usually be obtained from 
studies of inhibition caused by analogues for the 
reactants and from studies of inhibition by prod-
ucts and analogues of products. To understand 
these strategies, the effects of inhibitors of enzy-
matic reactions on steady-state kinetics must first 
be explained. 
 
Inhibition of Enzymatic Reactions: 
Definition of Types 
 
 Observation: A competitive reversible inhibitor 
with respect to reactant A is any reversible inhibitor 
the addition of which to the solution decreases the 
observed values of the specificity constant for reac-
tant A, kA, or the apparent specificity constant for 
reactant A, kA,app, while having no effect on the value 
of the catalytic constant, k0, or the apparent catalytic 
constant for reactant A, k0,A,app, respectively (Figure 
3-9A). The competitive inhibition is linear if the 
factor by which kA, kA[E]t, kA,app, or kA,app[E]t is 
decreased is KicI([I] + KicI)-1, where [I] is the molar 
concentration of inhibitor I (Figure 3-9G). The con-
stant KicI is the inhibition constant for competitive 
inhibition by inhibitor I. An inhibitor I that is com-
petitive with respect to reactant A is not necessarily 
competitive with respect to the other reactants in 
the enzymatic reaction. 
 In the general case, where only the initial con-
centration of reactant A and the concentration of 
inhibitor I are varied and the initial concentrations 
of all other reactants are fixed, the observed initial 
rate for an enzymatic reaction upon addition of a 
linear competitive inhibitor with respect to reac-
tant A is 

  (3-170)  

As the concentration of inhibitor I is increased, the 
apparent value of kA,app[E]t decreases by the factor 
KicI([I] + KicI)-1. Consequently, the initial slopes of 
the curves of v0 as a function of [A]0 decrease by the 
same factor. Regardless of the concentration of in-
hibitor I, however, the asymptotes of all the curves 
at saturating [A]0 are the same, and v0 = k0,A,app. 
 The values for v0 (y) as a function of [A]0 (x) at a 
fixed concentration of I are plotted and fit with 
Equation 3-52. This fit is repeated for all values of I. 
When the values for kA,I,app[E]t (parameter c of the 
fit) obtained from these fits are plotted as a func-
tion of the concentration of inhibitor I, [I], the data 
can be fit by the equation 

            (3-171) 

where u is the value for kA,I,app[E]t at a given concen-
tration of inhibitor, z is [I], u0 is the value of the 
apparent rate constant kA,app[E]t in the absence of 
inhibitor, and h is KicI. 
 In double-reciprocal form 

  
                (3-172) 

Upon taking the limit, it can be seen that, for 
competitive inhibition, the lines in a plot of v0

-1 as 
a function of [A]0

-1 at different fixed concentrations 
of inhibitor I all intersect at the axis of the ordinate 
where [A]0

-1 is zero (Figure 3-9B). This intersection 
of the double reciprocals at the axis of the ordinate 
is the most obvious characteristic of competitive 
inhibition and is usually used to identify competi-
tive inhibition. 
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Figure 3-9: Kinetics for reversible inhibition of the transamidi-
nation catalyzed by phosphoribosylformylglycinamidine syn-
thase from liver of G. gallus.97 Solutions containing MgATP2-, 
N2-formyl-N1-(5-phospho-∂-ribosyl)glycinamide, and ¬-gluta-
mine were prepared at pH 8.0 and 37 ªC. The concentration of 
uncomplexed Mg2+ was fixed at 1 mM throughout. Each trans-
amidination was initiated by adding phosphoribosylformyl-
glycinamidine synthase (PS), and the production of ¬-gluta-
mate was followed in a coupled assay with the 3-acetylpyridine 
analogue for NAD+ and glutamate dehydrogenase by the increase 
in A363 upon reduction of the analogue. Each initial rate of the 
increase in A363 was converted to an initial rate for the produc-
tion of ¬-glutamate, v0 (micromolar minute-1). (A) Initial rates 
(nanomoles minute-1) and (B) reciprocals of the initial rates 
(minutes nanomole-1) at 0.35 mM ¬-glutamine and 0.25 mM 
N2-formyl-N1-(5-phospho-∂-ribosyl)glycinamide for different 
initial concentrations of MgATP2- (millimolar) and reciprocals 
of the different initial concentrations of MgATP2- (millimolar-1), 
respectively, at 0, 0.5, and 1.0 mM MgAMPPCP2-. The concen-
trations of inhibitor increase as the curves become lower in 
Panel A and as the lines become higher in Panel B. Equation 
3-52, with x equal to [MgATP2-]0 and y equal to v0, was fit to 
each set of data in Panel A. The three values for parameter a 
were equal to each other within their standard deviations. 
Consequently, they were set at the same value, 4.15 nmol of 
¬-glutamate min-1, and the data were refit to give the curves 
shown in the figure. The lines that were fit to the data in Panel B 
were forced to pass through 0.241 min (nmol of ¬-glutamate)-1 
at the axis of the ordinate. (C) Initial rates (nanomoles minute-1) 
and (D) reciprocals of the initial rates (minutes nanomole-1) at 
2.0 mM MgATP2- and 0.25 mM N2-formyl-N1-(5-phospho-
∂-ribosyl)glycinamide for different initial concentrations of 
¬-glutamine (millimolar) and reciprocals of the different initial 
concentrations of ¬-glutamine (millimolar-1), respectively, at 
0, 0.5, 1.0, and 1.5 mM MgAMPPCP2-. The concentrations of 
inhibitor increase as the curves become lower in Panel C and 
as the lines become higher in Panel D. Equation 3-52, with x 
equal to [¬-glutamine]0 and y equal to v0, was fit to each set of  

data in Panel C. The four values for parameter c, the initial slopes 
of the four curves, were equal to each other within their standard 
deviations. Consequently, they were set at the same value, 
68 nmol of ¬-glutamate min-1 (mM ¬-glutamine)-1, and the data 
were refit. These are the curves shown in the figure. The lines 
that were fit to the data in Panel D were forced to all have the 
slope of 0.0147 min (nmol of ¬-glutamate)-1 mM ¬-glutamine. 
(E) Initial rates (nanomoles minute-1) and (F) reciprocals of 
the initial rates (minutes nanomole-1) at 0.35 mM ¬-glutamine 
and 2.0 mM MgATP2- for different initial concentrations of 
N2-formyl-N1-(5-phospho-∂-ribosyl)glycinamide ([fprga]0 in 
millimolar) and reciprocals of the different initial concentra-
tions of N2-formyl-N1-(5-phospho-∂-ribosyl)glycinamide 
([fprga]0-1 in millimolar-1), respectively, at 0, 0.5, and 1.0 mM 
MgAMPPCP2-. The concentrations of inhibitor increase as the 
curves become lower in Panel E and as the lines become higher 
in Panel F. Equation 3-52, with x equal to [fprga]0 and y equal 
to v0, was fit to each set of data in Panel E. The three values for 
parameter b, the Michaelis constants Km, from the fits for the 
three curves were equal to each other within their standard 
deviations. Consequently, they were set at the same value, 
0.11 mM fprga, and the data were refit with this single parameter. 
These are the curves shown in the figure. The lines that were fit to 
the data in Panel F were forced to pass through –9.09 (mM fprga)-1 
at the axis of the abscissa. (G) The three values for parameter c 
for the curves in Panel A, the apparent specificity constants for 
MgATP2-, kATP,app[PS]t (nanomoles minute-1 millimolar-1), are 
plotted as a function of the concentrations of MgAMPPCP2– 
(millimolar). The data were fit by Equation 3-171 with u equal 
to these observed values and z equal to [MgAMPPCP2-]. The 
value for KicAMPPCP (parameter h) obtained from the fit is 
0.39 ± 0.01 mM. (H) The four values for parameter a from the fits 
in Panel C, the apparent catalytic constants for ¬-glutamine, 
k0,Gln,app[PS]t (nanomoles minute-1), are plotted as a function 
of the concentrations of MgAMPPCP2- (millimolar). The data 
were fit by Equation 3-171 with u equal to k0,Gln,app [PS]t and z 
equal to [MgAMPPCP2-]. The value for KiuAMPPCP obtained 
from the fit is 0.84 ± 0.14 mM MgAMPPCP2-. 
 

 
 
 
 
 
 
 Phosphoribosylformylglycinamidine synthase 
(PS) from Gallus gallus catalyzes a reaction 

                (3-173) 

that for kinetic purposes involves three reactants and 
four products. This enzymatic reaction is inhibited 
by magnesium 5¢-adenylic methylenediphosphonic 
anhydride (MgAMPPCP2–) 
 
 
 

 
 
 
 
 

 

an inert analogue of MgATP2–. When the initial con-
centrations of N-2-formyl-N-1-(5-phospho-∂-ribosyl)-
glycinamide and ¬-glutamine were fixed and MgATP2– 
was the varied reactant at several fixed concentrations 
of MgAMPPCP2–, each curve describing a set of values 
for v0 and [MgATP]0 had the same value for the asymp-
tote k0,ATP,app[PS]t, but the values for kATP,app[PS]t, and 
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hence the initial slopes of the curves, decreased as 
the concentration of the inhibitor was increased 
(Figure 3-9A).97 When the values for v0

-1 were plotted 
as a function of the respective values for [MgATP]0

-1, 
the lines for the different fixed concentrations of 
the inhibitor all intersected at the axis of the ordinate 
(Figure 3-9B). Consequently, MgAMPPCP2– is a 
competitive inhibitor with respect to MgATP2– in the 
reaction catalyzed by phosphoribosylformylglycin-
amidine synthase. 
 When the various observed values for kATP,app[PS]t 
are plotted as a function of the respective concen-
trations of the inhibitor MgAMPPCP2– (Figure 3-9G), 
the plot is that for the function 

                (3-174) 

with KicAMPPCP = 0.39 ± 0.01 mM, so the inhibition is 
linear. Magnesium 5¢-adenylic methylenediphos-
phonic anhydride is also a linear competitive inhibitor 
with respect to MgATP2– in the reaction catalyzed 
by human Rho protein kinase (Figure 3-10A)98 with 
an inhibition constant KicAMPPCP of 124 ± 1 mM (Fig-
ure 3-10B). N-Acetyl-∂-glucosamine is a linear 
competitive inhibitor of hexokinase from R. norvegicus 
(Equation 3-94) with respect to hexose ∂-glucose 
(Figure 3-11A,B) with an inhibition constant KicNAG 
of 70 ± 6 mM (Figure 3-11B).99 
 An uncompetitive reversible inhibitor with 
respect to reactant A is any reversible inhibitor the 
addition of which to the solution decreases the cata-
lytic constant, k0, or the apparent catalytic constant 
for reactant A, k0,A,app, while having no effect on the 
value of the specificity constant for reactant A, kA, 
or the apparent specificity constant for reactant A, 
kA,app. Again, the uncompetitive inhibition is linear 
if the factor affecting k0, k0[E]t, k0,A,app or k0,A,app[E]t 
is KiuI([I] + KiuI)-1, where KiuI is the inhibition con-
stant for the uncompetitive inhibition produced 
by inhibitor I. 
 In the general case, where only the initial con-
centration of reactant A and the concentration of 
inhibitor I are varied and the initial concentrations 
of all other substrates are fixed, the observed initial 
 
 
 

rate for an enzymatic reaction upon addition of a 
linear uncompetitive inhibitor with respect to reac-
tant A is 

  (3-175) 

As the concentration of inhibitor I is increased, the 
apparent value for k0[E]t in Equation 3-43, which is 
the kinetic constant observed in an experimental 
measurement, decreases by the factor KiuI ([I] + KiuI)-1. 
Consequently, the asymptotes of the curves of v0 as 
a function of [A]0 at saturating [A]0 decrease by the 
same factor. Regardless of the concentration of 
inhibitor I, however, the initial slopes of all the curves 
are the same because the apparent rate constant 
kA,app[E]t is unaffected by the inhibitor. 
 In double-reciprocal form 

   
                (3-176) 

For uncompetitive inhibition, the lines in a plot of 
v0

-1 as a function of [A]0
-1 at several fixed concen-

trations of inhibitor I all have the same slope and 
are parallel to each other. These parallel lines in 
the plots of the double reciprocals are the most 
obvious characteristic of uncompetitive inhibi-
tion. 
 Magnesium 5¢-adenylic methylenediphosphonic 
anhydride (3-5) is a linear uncompetitive inhibitor 
with respect to ¬-glutamine in the reaction (Equa-
tion 3-173) catalyzed by phosphoribosylformylglycin-
amidine synthase from G. gallus (Figure 3-9C,D) with 
an inhibition constant KiuAMPPCP of 0.84 ± 0.14 mM 
(Figure 3-9H). The chromium complex of ATP4– 
(CrATP–) is an uncompetitive inhibitor of glycerol 
kinase (Equation 3-140 with glycerol in place of 
(S)-1-aminopropane-2,3-diol) from C. norvegensis 
(Figure 3-12A)100 with an inhibition constant KiuCrATP 
of 1.73 ± 0.02 mM (Figure 3-12B). 
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Figure 3-10: Kinetics for reversible inhibition of the phosphor-
ylation catalyzed by the kinase domain (amino acids 1-543) of 
human Rho protein kinase.98 The reactant used in place of one 
of the proteins that are physiological substrates for Rho protein 
kinase was the biotinylated peptide biotin-AKRRRLSSLRA-NH2. 
This peptide contains a sequence of amino acids recognized by 
the enzyme that includes the two serines it phosphorylates. 
Solutions containing kinase domain (amino acids 1-543) of hu-
man Rho protein kinase (PK) and MgATP2- and [g-32P]MgATP2– 
or enzyme and biotin-AKRRRLSSLRA-NH2 were prepared at 
pH 7.4 and 30 ªC. The concentration of uncomplexed Mg2+ was 
fixed at 5 mM throughout. Each phosphorylation was initiated by 
adding biotin-AKRRRLSSLRA-NH2 or MgATP2- and [g-32P]MgATP2,  
 
 
 

 
Equation 3-52, with x equal to [peptide-SS]0 and y equal to v0, 
was fit to each set of data in Panel D. The five values for parame-
ter b, the Michaelis constants, for the fits of the five curves 
varied unsystematically and were assumed to be equal to each 
other. Consequently, they were set at their average value, 0.75 mM 
biotin-AKRRRLSSLRA-NH2, and the data were refit with this 
quotient. These are the curves shown in Panel D. The lines that 
were fit to the data in Panel E were forced to pass 
through -1.32 (mM biotin-AKRRRLSSLRA-NH2)-1 at the axis of 
the abscissa. (F) The five values for parameter a of the fits in 
Panel D, the observed values of the apparent catalytic constant 
for the peptide, biotin-AKRRRLSSLRA-NH2, k0,pep,app[PK]t (nano-
molar minute-1), are plotted as a function of the concentrations  
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respectively, and the rate of production of radioactively phos-
phorylated peptide was followed for 60 minutes by capturing 
the phosphopeptide through its covalently attached biotin 
with a membrane to which streptavidin had been covalently 
attached.  Each initial rate of capture of phosphorus-32 was 
converted to an initial rate for the production of phosphory-
lated peptide, v0 (micromolar minute-1). (A) Reciprocals of the 
initial rates (minutes nanomolar-1) at 2.5 mM biotin-AKRRRLS-
SLRA-NH2 for reciprocals of different initial concentrations of 
MgATP2- (micromolar-1) at 0, 30, 125, and 500 mM concentra-
tions of the inhibitor MgAMPPCP2-. The concentrations of in-
hibitor increase as the lines become higher. (B) Behavior of 
observed values for the apparent specificity constant for 
MgATP2-, kATP,app[PK]t (nanomolar minute-1 millimolar-1), 
which are reciprocals of the slopes of the lines fit to the data in 
Panel A, as a function of the concentrations of MgAMPPCP2– 
(micromolar). The data were fit by Equation 3-171 with u equal 
to the observed values for the apparent specificity constant 
and z equal to [MgAMPPCP2-], and the value for KicAMPPCP 
(parameter h of the fit) is 124 ± 0.4 mM. (C) Reciprocals of the 
initial rates (minutes nanomolar-1) at 40 mM MgATP2- for 
reciprocals of different initial concentrations of biotin-AKRRRL-
SSLRA-NH2 ([peptide-SS]0; micromolar-1) at 0, 2, 10, and 20 mM 
concentrations of the inhibitor acetyl-AKRRRLAALRA-NH2, a 
peptide that lacks the serines phosphorylated by the enzyme. 
The concentrations of inhibitor increase as the lines become 
higher. (D) Initial rates (nanomolar minute-1) and (E) reciprocals 
of the initial rates (minutes nanomolar-1) at 40 mM MgATP2– 
for different initial concentrations of biotin-AKRRRLSSLRA-NH2 
(micromolar) and reciprocals of different initial concentrations 
of biotin-AKRRRLSSLRA-NH2 (micromolar-1), respectively, at 
0, 0.5, 1.0, 1.5, and 2.0 mM concentrations of MgAMPPCP2-. 
The concentrations of inhibitor increase as the curves become 
lower in Panel D and as the lines become higher in Panel E.  
 

of  MgAMPPCP2- (millimolar). The data were fit by Equation 3-171 
with u equal to the observed values for the apparent catalytic 
constant and z equal to [MgAMPPCP2-]. The value for KinAMPPCP 
(parameter h of the fit) is 0.94 ± 0.05 mM. (G) Initial rates 
(nanomolar minute-1) at 2.5 mM biotin-AKRRRLSSLRA-NH2 for 
different initial concentrations of MgATP2– (micromolar) at 0, 
3, 10, and 30 mM concentrations of the inhibitor acetyl-AKRRRLA-
ALRA-NH2. The concentrations of inhibitor increase as the curves 
become lower. Equation 3-52, with x equal to [MgATP2-]0 and 
y equal to v0, was fit to each set of data. (H) The four values for 
parameter c, the initial slopes of the four curves in Panel G, 
which are the observed values of the apparent specificity constant 
for MgATP2-, kATP,app[PK]t (nanomolar minute-1 micromolar-1; Í) 
multiplied by 20, and the four values for parameter a, the 
asymptotes of the four curves, which are the observed values 
for the apparent catalytic constant for MgATP2-, k0,ATP,app[PK]t 
(nanomolar minute-1; ◊), are plotted against the concentra-
tions of acetyl-AKRRRLAALRA-NH2 ([peptide-AA] in micromolar). 
Equation 3-171, with z equal to [peptide-AA] and u equal to 
the respective observed rate constants, was fit to each set of 
data. The values for KicPAA and KiuPAA (parameters h from the 
respective fits) were 35 ± 9 mM and 16 ± 3 mM. (I) Reciprocals of 
the initial rates (minutes nanomolar-1) at 2.5 mM biotin-
AKRRRLSSLRA-NH2 for reciprocals of the different initial con-
centrations of MgATP2- (micromolar-1) at 0, 3, 10, and 30 mM 
concentrations of the inhibitor acetyl-AKRRRLAALRA-NH2. 
The concentrations of inhibitor increase as the lines become 
higher. The values for KicPAA and KiuPAA and the values for 
k0,ATP,app and kATP,app in the absence of inhibitor from the fits 
to the data in Panel H were used to calculate the theoretical 
point of intersection for the lines describing the double recip-
rocals for the observed mixed inhibition, and the four lines fit 
to the data in Panel I were forced to pass through that theoretical 
point of intersection.  

 
 
 
 
 

 
 
 
Figure 3-11: Kinetics for reversible inhibition of the phosphory-
lation catalyzed by partially purified hexokinase from skeletal 
muscle of R. norvegicus.99 Solutions containing MgATP2- and 
∂-glucose were prepared at pH 7.7 and 28 ªC. Each phosphoryla-
tion was initiated by adding hexokinase (HK), and the produc-
tion of ∂-glucose 6-phosphate was followed in a coupled assay 
with glucose-6-phosphate dehydrogenase and NADP+ by moni-
toring the increase in A340 from the conversion of NADP+ to  
 

 
constants for ∂-glucose, kgluc,app[HK]t, are plotted as a function 
of the concentrations of N-acetyl-∂-glucosamine (millimolar). 
The data were fit by Equation 3-171 with u equal to the observed 
values for the apparent specificity constant and z equal to 
[N-acetyl-∂-glucosamine]. The value for KicNAG (parameter h of 
the fit) is 70 ± 6 mM. (C) Reciprocals of the initial rates (minutes 
micromolar-1) at 0.25 mM MgATP2- for reciprocals of different 
initial concentrations of ∂-glucose (millimolar-1) at 0, 0.5, 1.0, 
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NADPH (as in Figure 3-4). Each initial rate of change in A340 was 
converted to an initial rate for the production of ∂-glucose 
6-phosphate, v0 (micromolar ∂-glucose 6-phosphate minute-1). 
(A) Initial rates (micromolar minute-1) of hexokinase at 0.25 mM 
MgATP2- for different initial concentrations of ∂-glucose (milli-
molar) at 0, 0.1, 0.2, and 0.4 mM concentrations of the inhibi-
tor N-acetyl-∂-glucosamine. The concentrations of inhibitor 
increase as the curves become lower. Equation 3-52, with x 
equal to [∂-glucose]0 and y equal to v0, was fit to each set of data. 
The four values for parameter a of the four fits, which are the 
observed values for k0,app,gluc[HK]t, were almost identical to 
each other within their standard deviations and did not vary 
systematically, a fact that defined the inhibition as competitive. 
Consequently, the four asymptotes were set at the same value, 
4.4 mM ∂-glucose 6-phosphate min-1, and the data were refit. 
These refits are the curves shown in the figure. (B) The four values 
for parameter c of the fits in Panel A, the apparent specificity  

and 1.5 mM concentrations of free ATP4-. The initial rates were 
plotted directly against the initial concentrations of ∂-glucose 
(not shown), and Equation 3-52, with x equal to [glucose]0 and 
y equal to v0, was fit to the data. The four values for parameter c, 
the apparent specificity constants for ∂-glucose, kgluc,app[HK]t, 
and the four values for parameter a, the apparent catalytic 
constants for ∂-glucose, k0,gluc,app[HK]t, were plotted against 
the concentrations of ATP4-. The values for KicATP and KiuATP 
from the fits of these data to Equation 3-171 were 3.3 ± 0.5 mM 
and 1.4 ± 0.1 mM, respectively. The values for KicATP and KiuATP 
and the values for k0,app,gluc and kgluc,app in the absence of inhib-
itor from these fits to the data were used to calculate the theo-
retical point of intersection for the lines describing the double 
reciprocals for the observed mixed inhibition, and the four 
lines fit to the data in the figure were forced to pass through 
that calculated point of intersection. 

 
 
 
 

 
 
 
Figure 3-12: Kinetics for inhibition of glycerol kinase100 from 
C. norvegensis by the chromium complex of ATP4-. Solutions 
containing glycerol and MgATP2- were prepared at pH 7.0 and 
25 ªC. The concentration of uncomplexed Mg2+ was fixed at 
3 mM throughout. Glycerol kinase (GK) was added to initiate 
the phosphorylation, and the production of MgADP- was moni-
tored by coupling the production of MgADP- to the oxidation 
of NADH  as in  Figure 3-7.  (A) Reciprocals of the initial rates 
for the production of MgADP- (in unreported units) at 20 mM 
MgATP2- for reciprocals of different initial concentrations of 
glycerol (millimolar-1) at 0, 10, 20, and 30 mM CrATP-. The con-
centrations of inhibitor increase as the lines become higher. The  

 
lines that were fit to the data were forced to be parallel to each 
other, as were the lines drawn by the authors, and to have the 
same slope as the lines drawn by the authors. (B) Reciprocals 
of the observed intersections of the lines fit to the data in Panel A 
with the axis of the abscissa, which are the observed values of 
the apparent catalytic constant for glycerol, k0,glyc,app[GK]t (in 
unreported units), are plotted as a function of the concentra-
tion of CrATP- (micromolar). The data in this panel were fit by 
Equation 3-171 with u equal to the observed values for the 
apparent catalytic constant and z equal to [CrATP-], and the 
value for KiuCrATP (parameter h of the fit) is 1.73 ± 0.02 mM. 
 

 
 
 A noncompetitive reversible inhibitor with 
respect to reactant A is any reversible inhibitor the 
addition of which to the solution decreases the 
specificity constant for reactant A, kA , or the apparent 
specificity constant for reactant A, kA,app, and the 
catalytic constant, k0, or the apparent catalytic con-
stant for reactant A, k0,A,app by the same factor. In 
this case, the inhibition is considered linear if the 
factor affecting each observed value of kA, kA[E]t, 
kA,app, or kA,app[E]t and k0, k0[E]t, k0,A,app, or k0,A,app[E]t, 

 
 
is KinI([I] + KinI)-1, where KinI is the inhibition con-
stant for the noncompetitive inhibition produced 
by inhibitor I. 
 In the general case, where only the initial con-
centration of reactant A and the concentration of 
inhibitor I are varied and the initial concentrations 
of all other reactants are fixed, the observed initial 
rate for an enzymatic reaction upon addition of a 
linear noncompetitive inhibitor with respect to reac-
tant A is 

v 0
 –1

100

A

10 30
[glycerol]0 

–1  (mM 
–1)

200

300

400

20 0
0

B

10

0.01

0.03

0.04

[CrATP 
–]    (   M)

k 0
,g

ly
c,

ap
p[

G
K

] t 

0.02

2040 50
0

0 30
m



Association of Substrates with the Active Site 
 

684 

   
                (3-177) 

As indicated in the latter form of this equation, as 
the concentration of inhibitor I is increased, the 
value of v0 at every [A]0 for a fixed concentration of 
inhibitor I decreases by the same factor. Consequently, 
each successive curve shrinks in the vertical direction 
uniformly along its length. By combining Equations 
3-43, 3-44, 3-46, and 3-177, it can be seen that 

      (3-178) 

From this equation, it can be concluded that two of 
the criteria for noncompetitive inhibition are that 
the apparent Michaelis constant is unaffected by 
the inhibitor, which also follows from the fact that 
every initial rate decreases by the same factor, and 
that the apparent catalytic constants decrease in 
proportion to the factor KinI ([I] + KinI)-1. 
 In double-reciprocal form, 

    
                (3-179) 

By solving Equation 3-179 for the case in which v0
-1 

is equal to zero, it can be seen that for noncompeti-
tive inhibition, the lines in a plot of v0

-1 as a func-
tion of [A]0

-1 at different fixed concentrations of I 
all intersect on the axis of the abscissa at the 

point -kA,app(k0,A,app)-1, as does the line for v0
-1 as a 

function of [A]0
-1 in the absence of the inhibitor. 

The intersection of the double reciprocals at the 
axis of the abscissa is the most obvious character-
istic of noncompetitive inhibition. 
 Magnesium 5¢-adenylic methylenediphosphonic 
anhydride (3-5) is a noncompetitive inhibitor with 
respect to N2-formyl-N1-(5-phospho-∂-ribosyl)-glycin-
amide in the reaction (Equation 3-173) catalyzed 
by phosphoribosylformylglycinamidine synthase 
from G. gallus (Figure 3-9E,F) with an inhibition 
constant of 1.1 mM. Rho protein kinase phosphory-
lates the two serines in the sequence -KRRRLSSLRA– 
in a protein that is a substrate using MgATP2– as the 
source of the phospho group. Magnesium 5¢-adenylic 
methylenediphosphonic anhydride is a linear non-
competitive inhibitor of Rho protein kinase with 
respect to the synthetic peptide biotin-AKRRRLSSL-
RA-NH2, when it is used as a reactant for the enzyme 
(Figure 3-10D,E),98 with an inhibition constant 
KinAMPPCP of 0.94 ± 0.05 mM (Figure 3-10F). 
 A mixed inhibitor with respect to reactant A 
is any reversible inhibitor for which the inhibi-
tion constant KicI that affects the specificity con-
stant for reactant A, kA, or the apparent specificity 
constant for reactant A, kA,app, is different from the 
inhibition constant KiuI that affects the catalytic 
constant, k0, or the apparent catalytic constant for 
reactant A, k0,A,app, and both inhibition constants 
are finite. As before, the mixed inhibition is linear if 
the factor affecting kA, kA[E]t, kA,app, or kA,app[E]t is 
KicI([I] + KicI)-1 and the factor affecting k0, k0[E]t, k0,A,app, 
or k0,A,app[E]t is KiuI([I] + KiuI)-1. 
 In the general case where only the initial con-
centration of reactant A and the concentration of 
inhibitor I are varied and the concentrations of all 
other reactants are fixed, the observed initial rate 
for an enzymatic reaction upon addition of a linear 
mixed inhibitor with respect to reactant A is 

   
                (3-180) 

 In double-reciprocal form 
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                (3-181) 

 Consequently, for mixed inhibition, the lines 
defined by a double-reciprocal plot of v0

-1 as a 
function of [A]0

-1 at several fixed concentrations of 
the inhibitor do not intersect at the axis of the ordi-
nate because KiuI is not infinite, they do not inter-
sect at the axis of the abscissa because KuiI π KicI, 
and they are not parallel to each other because KicI 
is not infinite. Instead, the double reciprocals inter-
sect in the second or third quadrant. If KicI < KiuI, 
they intersect in the second quadrant and the inhi-
bition is predominantly competitive, and if KicI > KiuI,  
 

they intersect in the third quadrant and the inhibi-
tion is predominantly uncompetitive. Note that 
noncompetitive inhibition is a special case of mixed 
inhibition where KicI = KiuI = KinI. 
 12-(Imidazolyl)dodecanoic acid (IDD) is a lin-
ear, predominantly competitive, mixed inhibitor with 
respect to laurate (Figure 3-13A,C)101 in the reaction 
catalyzed by unspecific monooxygenase from Bacil-
lus megaterium 

     
                (3-182) 

which is an enzyme containing a heme P450. The 
inhibition constants are 1.6 ± 0.2 mM for KicIDD and 
7.0 ± 0.3 mM for KiuIDD (Figure 3-13B) The synthetic 
peptide acetyl-AKRRRLAALRA-NH2 (peptide-AA), 
in which the two serines phosphorylated by 
Rho protein kinase are replaced by alanines, is an 
inhibitor of the enzyme when it is phosphorylating 
the reactant biotin-AKRRRLSSLRA-NH2 (peptide-SS). 
 

 
 

 

 
 
Figure 3-13: Kinetics for reversible inhibition of the oxidation 
of laurate catalyzed by unspecific monooxygenase (a cyto-
chrome P450) from B. megaterium.101 Buffered solutions containing 
ambient concentrations of molecular oxygen, various concentra-
tions of laurate, and 0.2 mM NADPH were prepared at 30 ªC. 
Unspecific monooxygenase was added to initiate each oxidation, 
and the production of NADP+ was monitored by following the 
change in absorbance at 340 nm as NADPH was oxidized. Each 
initial rate of change in A340 was converted to an initial rate for 
the production of NADP+ (micromoles minute-1). The observed 
initial rates were divided by the molar concentration of active 
sites in the solution to give initial rates, v0 (second-1). (A) Initial 
rates for different initial concentrations of laurate (micromolar) 
at 0, 4.2, 8.4, and 16.8 mM concentrations of the inhibitor 
12-(imidazolyl)dodecanoate. The concentrations of inhibitor 
increase as the curves become lower. Equation 3-52, with x equal 
to [laurate]0 and y equal to v0, was fit to each set of data. (B) The 
four values for parameter c of the four curves in Panel A, the speci-
ficity constants for laurate, klau,app (minute-1 micromolar-1 ; Í), 

and the four values for parameter a, the apparent catalytic 
constants for laurate, k0,lau,app (second-1; ◊), are plotted 
against the concentrations of the inhibitor 12-(imidazolyl)-
dodecanoate ([IDD] in micromolar). Equation 3-171, with z 
equal to [IDD] and u equal to the observed values for klau,app 
and k0,lau,app, respectively, was fit to each set of data. The val-
ues for KicIDD and KiuIDD, respectively, were 1.6 ± 0.2 mM and 
7.0 ± 0.3 mM. (C) Reciprocals of the initial rates (seconds) for 
reciprocals of the different initial concentrations of laurate 
(millimolar-1) at 0, 4.2, 8.4, and 16.8 mM concentrations of the 
inhibitor 12-(imidazolyl)dodecanoate. The concentrations of 
inhibitor increase as the lines become higher. The values for 
KicIDD and KiuIDD and the values for klau,app and k0,lau,app in the 
absence of inhibitor from the fits to the data in Panel B were 
used to calculate the theoretical point of intersection for the 
lines describing the double reciprocals for the observed mixed 
inhibition, and the four lines fit to the data in Panel C were 
forced to pass through that point of intersection.  
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Acetyl-AKRRRLAALRA-NH2 is a linear, predomi-
nantly uncompetitive, mixed inhibitor of Rho protein 
kinase with respect to MgATP2– (Figure 3-10G,I)98 
with inhibition constants KicPAA of 35 ± 9 mM and 
KiuPAA of 16 ± 3 mM (Figure 3-10H). 
 The decision as to what type of inhibition is 
displayed by a particular inhibitor, I, with respect 
to a particular reactant, A, is usually made by exam-
ining graphical presentations of the experimental 
results gathered when all other substrates are at fixed 
concentrations. When the initial concentration of 
reactant A, [A]0, is varied at a fixed concentration of 
inhibitor I and the experimentally determined val-
ues for the reciprocals of the initial rate, v0

-1, are 
plotted against the respective values for [A]0

-1, a 
linear relation between the two variables is usually 
observed. That relation is governed by Equation 3-53. 
If another fixed concentration of inhibitor I is then 
chosen and the experiment is repeated, a second 
line fitting the behavior of v0

-1 as a function of 
[A]0

-1 will be generated and so forth. All the lines, 
each generated by a different fixed concentration of 
inhibitor I, will usually pass through the same point 
or be parallel to each other. If they intersect at the 
axis of the ordinate within the errors of the meas-
urements, the inhibition is deemed competitive 
with respect to reactant A; if they intersect at the 
axis of the abscissa within the errors of the meas-
urements, the inhibition is deemed noncompeti-
tive with respect to reactant A; if they are parallel to 
each other within the errors of the measurements, 
the inhibition is deemed uncompetitive with respect 
to reactant A; and if they intersect in the second or 
third quadrant, the inhibition is mixed relative to 
reactant A. 
 A note of caution should be sounded, however. 
In two instances, uncompetitive inhibition and a 
ping-pong bisubstrate kinetic mechanism, sets of 
parallel lines on such reciprocal plots are consid-
ered to be diagnostic. If, however, concentrations 
of inhibitors and reactants are high enough, only a 
region of the field in which lines that are actually 
converging appear to be parallel may be being sam-
pled. For example, in the case of 3-deoxy-7-phos-
phoheptulonate synthase from S. typhimurium, a 
set of apparently parallel lines generated by data at 
high concentrations of reactants became a set of 
clearly converging lines when much lower initial 
concentrations were employed to spread the data 
over a wider range.102 
 
 It should be emphasized that the definitions 
of competitive, uncompetitive, noncompetitive, and 

mixed inhibition and the designations of these 
types of inhibition are based entirely on observed 
behavior and do not involve any explanation of the 
observed behavior. There are, however, explana-
tions. 
 Explanation: Suppose for the moment that the 
enzyme has only one reactant (Equation 3-55) and 
that inhibitor I can associate with both E and E·A 

      (3-183) 

In this kinetic mechanism, reversible inhibitor I asso-
ciates with the enzyme whether or not reactant A is 
bound, and the inhibition is dead-end inhibition 
because the complex with the inhibitor is unable to 
engage in any further reaction while the inhibitor is 
bound. If the steady-state approximation is applied 
to the form [E·I] 

          (3-184) 

 and the form [E·A·I] 

        (3-185) 

Because the concentration of I does not change 
during the reaction 

             (3-186) 

and 

           (3-187) 

 The ratio ki,-1(ki,1)-1 is equal to the dissociation 
constant, KdI, for the complex between the inhibitor 
and the unoccupied enzyme  

            (3-188) 
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and the ratio ki,-2(ki,2)-1 is equal to the dissociation 
constant KdI,A for the inhibitor from the complex 
between enzyme, inhibitor I, and reactant A 

           (3-189) 

Consequently 

     (3-190) 

 The existence of these complexes between 
enzyme and inhibitor expands the equation stating 
the conservation of enzyme (Equation 3-58) 

      (3-191) 

and the number of unknowns, but it also provides 
two additional simultaneous equations, those for 
the two dissociation constants (Equation 3-188 and 
3-189). It turns out that this is a trivial expansion 
because the unknowns [E·I] and [E·A·I] are elimi-
nated immediately 

      (3-192) 

Immediate eliminations of this type account for 
the appearance in expressions for v0 of terms such 
as (KdI + [I])KdI

-1, (Ka + [H+])Ka
-1, and (KdL + [L])KdL

-1, 
where Ka is an acid dissociation constant for the 
enzyme and KdL is the dissociation constant for the 
complex of a ligand, L, and the enzyme. Because 
there are now only two unknowns in the equation 
for the conservation of enzyme (Equation 3-192), 
the only steady-state approximation needed is 
Equation 3-60, and 

  
                (3-193) 

Notice in this general case, the inhibition is linear 
because both the catalytic constant and the speci-
ficity constant are decreased by a term KI([I] + KI)-1. 
If the inhibition is in fact dead-end, kinetic meas-
urements can be used to determine numerical 
values for the actual dissociation constants of the 
inhibitor. 
 If KdI,A = ∞ and I cannot associate with E·A, then 
Equation 3-193 has the form of Equation 3-170, and 
inhibitor I is competitive with respect to reactant A. 
Consequently, one explanation for the observation 
of reversible competitive inhibition is that, for 
whatever reason, a molecule of inhibitor I and a 
molecule of reactant A cannot associate simultane-
ously with the enzyme. 
 This explanation is often extended by the assump-
tion that this exclusion results from the competition 
between the inhibitor and the reactant for the same 
location in an active site of the enzyme because the 
site with which inhibitor I associates includes a 
portion or all of the site with which reactant A asso-
ciates so that the association of one precludes the 
association of the other. For example, it seems 
reasonable to assume that, since MgAMPPCP2– (3-5) 
is competitive with respect to MgATP2– in the reactions 
catalyzed by phosphoribosylformylglycinamidine 
synthase (Figure 3-9B) and Rho protein kinase (Fig-
ure 3-10A), MgAMPPCP2– and MgATP2–, which differ 
from each other at only one atom in their structures, 
compete for association with the same location in 
the respective active site. 
 There is in general, however, no necessity to 
make this assumption of competition for the same 
site. For example, if reversible isomerizations of the 
enzyme occur between the dissociation of I and the  
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association of A, their existence will usually have no 
effect on the algebraic form of the final rate equa-
tion for v0. There is one type of reversible isomeri-
zation, however, that can explain the ability of 
some enzymes to be inhibited competitively by in-
hibitors that do not resemble any of the reactants 
for the enzyme and do not compete with any of the 
reactants for the same location in the active site. If 
one isomer of the enzyme binds only inhibitor I 
and not reactant A and the other isomer of the en-
zyme binds only reactant A and not inhibitor I, in-
hibitor I will be competitive with respect to reactant A 
regardless of where it associates with the enzyme. 
Such competitive inhibition at a distance has been 
observed and will be discussed later. 
 The experimental observation that an inhibi-
tor I is competitive with respect to reactant A (Figures 
3-9A,B, 3-10A, and 3-11A,C) means that, regardless 
of the concentration of inhibitor I, increasing the 
concentration of reactant A can completely reverse 
the effect of inhibitor I on the initial rate for an en-
zymatic reaction. 
 In Equation 3-193, if KdI = ∞ and I cannot as-
sociate with E, then the equation has the form of 
Equation 3-175, and inhibitor I is uncompetitive with 
respect to reactant A. Consequently, one explana-
tion for uncompetitive inhibition with respect to 
reactant A is that the inhibitor for whatever reason 
is able to associate only with the complex between 
the enzyme and reactant A. Uncompetitive inhibi-
tion can result from the fact that the association of 
reactant A with the enzyme creates the site with 
which inhibitor I associates. Reactant A can accom-
plish this feat by participating structurally in the 
site with which inhibitor I associates or by stabiliz-
ing the isomer of the enzyme containing the site 
with which inhibitor I associates. For example, the 
fact that MgAMPPCP2– (3-5) is uncompetitive with 
respect to ¬-glutamine (Figure 3-9C,D) is consistent 
with the proposal that the association of ¬-glutamine 
with phosphoribosylformylglycinamidine synthase 
creates the site with which MgATP2– associates. At the 
least, ¬-glutamine must associate with the enzyme 
before MgAMPPCP2– can associate with it.  
 In Equation 3-193, if KdI = KdI,A, then the equa-
tion has the form of Equation 3-177, and inhibitor I 
is noncompetitive with respect to reactant A. Con-
sequently, one explanation for the observation of 
reversible noncompetitive inhibition is that the in-
hibitor has the same dissociation constant for the 
enzyme whether or not reactant A has associated with 
 

it. This explanation is usually invoked when the 
inhibitor resembles neither reactant and is noncom-
petitive with respect to both reactants. 
 In Equation 3-193, if ∞ > KdI π KdI,A < ∞, then 
the equation has the form expected for mixed inhi-
bition (Equation 3-180). Consequently, one expla-
nation for mixed inhibition is that the inhibitor is 
able to associate with the complex between enzyme 
and reactant A and with the unoccupied enzyme, 
but for some reason the dissociation constant for 
its complex with enzyme when it is occupied by 
reactant A is different from the dissociation constant 
for its complex with the enzyme when it is unoccu-
pied. If KdI is less than KdI,A and the inhibitor has a 
greater affinity for the enzyme when it is unoccu-
pied than when it is occupied by reactant A, the 
lines will intersect in the second quadrant. Because 
the effect of the inhibitor is greater on kA[E]t in 
Equation 3-40 than it is on k0[E]t, this type of mixed 
inhibition is predominantly competitive. If KdI,A is 
less than KdI and the inhibitor has a greater affinity 
for the enzyme when it is occupied by reactant A 
than when it is unoccupied, the lines will intersect 
in the third quadrant. Because the effect of the 
inhibitor is greater on k0[E]t in Equation 3-40 than 
it is on kA[E]t, this type of mixed inhibition is pre-
dominantly uncompetitive. 
 
 The patterns of inhibition of an enzymatic re-
action that has two or more reactants can provide 
evidence for the order in which the reactants asso-
ciate with the active site. 
 Consider the case of a kinetic mechanism for 
two reactants that proceeds by the ordered associa-
tion of its reactants (Equation 3-109) and in which 
inhibitor I can associate only after reactant A asso-
ciates and inhibitor I excludes the association of 
reactant B 

  (3-194) 

The rate equation for this kinetic mechanism is 
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                 (3-195) 

When [A]0 is varied at several fixed concentrations 
of inhibitor I and at the same fixed concentration of 
[B]0, 

      
                (3-196) 

and 

       (3-197) 

Because [I] affects k0,A,app[E]t but not kA,app[E]t, inhibi-
tor I is uncompetitive with respect to reactant A at 
all [B]0. The uncompetitive inhibition is linear with 
an apparent inhibition constant 

       (3-198) 

The ratio (k-2 + k3)k2
-1 is the Michaelis constant, 

KmB, for reactant B in the absence of inhibitor 
(Equation 3-104 and Equation 3-167). Only when 
the concentration of B is significantly less than its 
Michaelis constant is the apparent inhibition con-

stant equal to the dissociation constant for the in-
hibitor. 
 If the inhibition is governed by Equation 3-195, 
when [B]0 is varied at several fixed concentrations 
of inhibitor I, always at the same fixed concentra-
tion of [A]0 

        (3-199) 

and 

     
                (3-200) 

Because [I] affects kB,app[E]t but not k0,B,app [E]t, inhib-
itor I is competitive with respect to reactant B at all 
[A]0. The competitive inhibition is linear with an 
apparent inhibition constant 

        (3-201) 

The ratio k-1 k1
-1 is the dissociation constant, KdA, 

for reactant A from the unoccupied active site. Only 
when the fixed concentration of reactant A is signif-
icantly greater than this dissociation constant will 
the apparent inhibition constant be equal to the 
dissociation constant for the inhibitor for the active 
site that is occupied by reactant A. This conclusion 
makes sense because the site for association of the 
inhibitor exists only when the active site is occupied 
by reactant A. 
 Consequently, the facts that inhibitor I is 
uncompetitive with respect to reactant A and com-
petitive with respect to reactant B are consistent 
with the conclusion that reactant A must associate 
with the enzyme before reactant B. For example, 
the facts that N2-(carboxymethyl)-¬-arginine is 
competitive with respect to N2-(carboxyethyl)-¬-argi-
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nine and uncompetitive with respect to MgATP2– 
are consistent with the conclusion that MgATP2– 
must associate with (carboxyethyl)arginine b-lactam-
synthase from Streptomyces clavuligerus 

   
                (3-202) 

before N2-(carboxyethyl)-¬-arginine can associate 
with the enzyme.103 
 Regardless of the kinetic mechanism being 
tested, for any given enzymatic reaction, in the ab-
sence of any pertinent information, either of the 
actual reactants can be reactant A or reactant B. If 
there are more than two reactants, any one of them 
could be reactant A, reactant B, reactant C, and so 
forth. In the particular instance of (carboxyethyl)-
arginine b-lactam-synthase, the fact that N2-(carboxy-
methyl)-¬-arginine is competitive with respect to 
N2-(carboxyethyl)-¬-arginine and uncompetitive 
with respect to MgATP2– is consistent with the con-
clusions that MgATP2– is actually reactant A and 
N2-(carboxymethyl)-¬-arginine is reactant B and 
that the addition of the two reactants to the active 
site is ordered. 
 Consider the case of a kinetic mechanism for 
two reactants that proceeds by the random equi-
librium association of its reactants (Equation 
3-121) and in which inhibitor I can associate with 
the active site only when reactant A is not bound 

  
                (3-203) 

In this instance, the equation for conservation of 
enzyme becomes 

  
                (3-204) 

Solving for the rate equation and taking the limits 
(see Equations 3-121 through 3-133) 

     (3-205) 

   
                (3-206) 

    
                (3-207) 

    
                (3-208) 

As expected, since the inhibitor cannot associate 
with the enzyme when the active site is occupied by 
A, the inhibitor is competitive with respect to reac-
tant A at all concentrations of reactant B because 
there are no terms in Equation 3-205 involving the 
concentration of inhibitor I. If a is other than 1 and 
KdI is not equal to KdI,B, the inhibition is mixed with 
respect to reactant B, but if a is equal to 1 and KdI is 
equal to KdI,B, then the same factor involving the 
inhibitor decreases both k0,B,app and kB,app, and the 
inhibition will be noncompetitive with respect to 
reactant B. 
 Consequently, the facts that inhibitor I is com-
petitive with respect to reactant A and noncom-
petitive with respect to reactant B are consistent 
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with the conclusion that reactant A and reactant B 
associate with the enzyme at random. For example, 
the fact that MgAMPPCP2– (3-5) is competitive with 
respect to MgATP2– (Figure 3-9B) and noncompeti-
tive with respect to N2-formyl-N1-(5-phospho-
∂-ribosyl)glycinamide (Figure 3-9E,F) is consistent 
with the conclusions that the association of N2-formyl-
N1-(5-phospho-∂-ribosyl)glycinamide with phos-
phoribosylformylglycinamidine synthase (Equation 
3-173) from G. gallus does not affect the association 
of MgATP2– with the enzyme and that N2-formyl-
N1-(5-phospho-∂-ribosyl)glycinamide and MgATP2– 
add at random to the enzyme. The uncompetitive 
inhibition by MgAMPPCP2– with respect to ¬-gluta-
mine (Figure 3-9D) is consistent with the conclusion 
that neither MgATP2– nor N2-formyl-N1-(5-phospho-
∂-ribosyl)-glycinamide can associate with the enzyme 
until ¬-glutamine has. A similar pattern of competitive, 
noncompetitive, and uncompetitive inhibition by 
¬-phenyllactate with respect to phenylpyruvate, 
NH4

+, and NADH, respectively, has been observed 
with phenylalanine dehydrogenase from Rhodococ-
cus104 

   
                (3-209) 

 In studies that use inhibitors resembling reac-
tants to provide evidence that reactants add at ran-
dom to the enzyme, it is desirable to have 
inhibitors that exclude each of the reactants in 
turn. The ability of each inhibitor to exclude one of 
the reactants is validated by showing that each in-
hibitor is competitive with respect to its respective 
congeneric reactant. Suppose that two inhibitors 
are available, inhibitors I and J, that closely resem-
ble reactants A and B. The association of inhibitor I 
with the enzyme excludes reactant A but does not 
affect the association of reactant B, and the asso-
ciation of inhibitor J with the enzyme excludes re-
actant B but does not affect the association of 
reactant A. If reactants A and B bind at random to 
the active site, then inhibitor I will be competitive 
with respect to reactant A but noncompetitive with 
respect to reactant B, and inhibitor J will be compet-
itive with respect to reactant B but noncompetitive 
with respect to reactant A. 
 
 
 

 For example, the synthetic peptide biotin-
AKRRRLSSLRA-NH2, which contains the two ser-
ines to be phosphorylated by the enzyme, can serve 
as a reactant for human Rho protein kinase, and 
acetyl-AKRRRLAALRA-NH2, in which those two ser-
ines have been replaced with alanines, can serve as 
an inhibitor homologous to biotin-AKRRRLS-
SLRA-NH2. Magnesium 5¢-adenylic methylenediphos-
phonic anhydride (3-5) can serve as an inhibitor 
homologous to the other reactant, MgATP2–. Magne-
sium 5¢-adenylic methylenediphosphonic anhydride 
is competitive with respect to MgATP2- (Figure 
3-10A) and noncompetitive with respect to biotin-
AKRRRLSSLRA-NH2 (Figure 3-10E), and acetyl-
AKRRRLAALRA-NH2 is competitive with respect to 
biotin-AKRRRLSSLRA-NH2 (Figure 3-10C) and 
almost noncompetitive with respect to MgATP2– 
(Figure 3-10I).98 This symmetric behavior of the 
two inhibitors is more convincing evidence for the 
conclusion that the two reactants, MgATP2– and 
biotin-AKRRRLSSLRA-NH2, can associate at random 
with the enzyme than if only one of these inhibitors 
was used because, in this case, each inhibitor, the 
structure of which is based closely on the respective 
chemical structure of one of the reactants, has the 
same or almost the same dissociation constant 
from the enzyme whether or not the other reactant 
is associated with it. 
 In the case of an ordered mechanism, howev-
er, inhibitors that exclude reactant A, the first reac-
tant to associate with the active site, rather than 
reactant B, the second, can produce ambiguous re-
sults. Suppose that reactant A must associate with 
the enzyme before reactant B. As has already been 
demonstrated for the kinetic mechanism of Equa-
tion 3-194, inhibitor I, which may or may not be 
structurally related to reactant B but the association 
of which excludes the association of reactant B, 
should be competitive with respect to reactant B 
and uncompetitive with respect to reactant A (Equa-
tion 3-195). This behavior was observed with 
MgAMPPCP2– in its inhibition of phosphoribosyl-
formylglycinamidine synthase (Figure 3-9D) and 
with N2-(carboxymethyl)-¬-arginine in its inhibition 
of (carboxyethyl)arginine b-lactamsynthase (Equa-
tion 3-202). Suppose, for the same active site, one 
also has an inhibitor J that may or may not be 
structurally related to reactant A but the associa-
tion of which excludes reactant A from associating 
with the active site and that forms a dead-end 
complex with the unoccupied active site 

    

H+ +  NADH  +  phenylpyruvate  +  NH4
+  1 

                             ¬-phenylalanine  +  H2O +  NAD+
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  The limits for the inhibition of inhibitor J with 
respect to reactant B are 

 (3-210) 
   
                (3-214) 
 

The rate equation for this kinetic mechanism is  

(3-211) 

 
and 

     
                (3-212) 

   
                 (3-213) 

so inhibitor J is a linear competitive inhibitor with 
respect to reactant A at all values of [B]0. 
 
 
 
 
 
 

 
where 

       (3-215) 

and 

   
                (3-216) 

where 

       (3-217) 
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 It turns out that the value of the kinetic con-
stants for this particular kinetic mechanism and the 
concentration of reactant A determine the type of 
inhibition displayed by inhibitor J with respect to 
reactant B. If both k–1 and k3 are greater than k1[A]0, 
then both the apparent catalytic constant, k0,B,app, 
and the apparent specificity constant, kB,app will be 
decreased by the same factor, and inhibitor J will be 
noncompetitive with respect to reactant B. The fact 
that the initial concentration of reactant A, however, 
appears in the expressions for the apparent inhibi-
tion constants means that there can be situations 
in which such noncompetitive inhibition will not 
be observed. Situations in which the inhibition 
with respect to reactant B are mixed are unin-
formative. If, however, k-1 << k3, so that reactant A 
is a sticky reactant, then at high enough concentra-
tions of reactant A, KiuJ,app << KicJ,app. When the 
concentrations of inhibitor J are all significantly 
less than KicJ,app but in the range of KiuJ,app, the ap-
parent specificity constant kB,app will be unaffected 
by the inhibitor while the apparent catalytic constant 
k0,B,app is decreasing significantly. In these circum-
stances, the inhibition observed will be uncompetitive 
with respect to reactant A rather than noncompeti-
tive. An example of such behavior may be that for 
the inhibition of 4-hydroxy-tetrahydrodipicolinate 
synthase 

   
                (3-218) 

from E. coli. Both fluoropyruvate and 2-oxobutyrate 
are competitive inhibitors of the enzyme with respect 
to pyruvate at pH 8, but fluoropyruvate is noncom-
petitive with respect to ¬-aspartate-4-semialdehyde 
while 2-oxobutyrate is uncompetitive with respect 
to ¬-aspartate-4-semialdehyde.105 
 An ambiguity is raised by these considerations. 
It has already been stated that, because the letter 
designations can be interchanged, the facts that in-
hibitor I is uncompetitive with respect to reactant B 
and competitive with respect to reactant A are 
consistent with the conclusion that reactant B 
must associate with the enzyme before reactant A. 
It has just been demonstrated, however, that if an 
inhibitor I is competitive with respect to reactant A 
and uncompetitive with respect to reactant B, these 
observations are consistent with the conclusion 
that reactant A associates with the enzyme before 

reactant B. This contradiction is disconcerting. 
Dethiocoenzyme A, in which the sulfanyl group is 
replaced by a hydrogen,106 is competitive with re-
spect to acetyl-SCoA and uncompetitive with respect 
to glyoxylate in the reaction catalyzed by malate 
synthase 

     
                (3-219) 

from M. tuberculosis. These facts are consistent 
with a kinetic mechanism in which glyoxylate must 
associate with the active site before acetyl-SCoA 
(Equations 3-194, 3-196, and 3-197), but they are 
also consistent with a kinetic mechanism in which 
acetyl-SCoA must associate with the active site before 
glyoxylate (Equations 3-210, 3-214, and 3-216). 
The fact, however, that the product malate is com-
petitive with respect to glyoxylate and noncompet-
itive with respect to acetyl-SCoA is consistent only 
with the former kinetic mechanism107 and resolves 
the ambiguity. 
 The situation can be summarized. Consider 
the two reactants, A and B. There are three possibil-
ities: reactant A must associate with the active site 
before reactant B; reactant B must associate with 
the active site before reactant A; or reactant A and 
reactant B can associate with the active site at ran-
dom. 
 If reactant A and reactant B add to the active 
site at random, an inhibitor that excludes the asso-
ciation of only reactant A will be competitive 
with respect to reactant A and noncompetitive with 
respect to reactant B, and an inhibitor that excludes 
only the association of reactant B will be competitive 
with respect to reactant B and noncompetitive with 
respect to reactant A. These four observations are 
unique and distinguish random addition from or-
dered addition of the reactants, but it is necessary 
to use both inhibitors to make the distinction.  
 If reactant A is required to associate with the 
active site before reactant B in an ordered kinetic 
mechanism, if inhibitor I can associate only after 
reactant A associates, and if inhibitor I excludes the 
association of reactant B (Equation 3-194), inhibi-
tor I will be competitive with respect to reactant B 
and uncompetitive with respect to reactant A. If reac-
tant A is required to associate with the active site 
before reactant B in an ordered kinetic mechanism, 
if inhibitor I can associate only with the empty active 
site, and if inhibitor I excludes the association of 

pyruvate + ¬-aspartate-4-semialdehyde 1
(2S,4S)-4-hydroxy-2,3,4,5-tetrahydrodipicolinate

+  H+ +  H2O  

glyoxylate + acetyl-SCoA + H2O 1 
                                         H+ +  HSCoA  + (S )-malate
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reactant A (Equation 3-210), inhibitor I will be 
competitive with respect to reactant A and non-
competitive, mixed, or uncompetitive with respect 
to reactant B. Consequently, if one of the inhibitors 
is uncompetitive with respect to the reactant that is 
not its congener and the other is noncompetitive 
with respect to the reactant that is not its congener, 
then both results are consistent with an ordered 
addition of the former reactant before the latter. If, 
however, the two inhibitors are competitive with 
respect to their respective congeners but both are 
uncompetitive with respect to the other reactant, 
these observations are consistent with an ordered 
addition of reactants but cannot distinguish which 
reactant associates first. 
 An inhibitor that specifically excludes both 
reactants from associating with the enzyme can 
provide evidence that the two reactants must asso-
ciate with an enzyme in a particular order. The in-
hibitor N-phosphonacetyl-¬-aspartate (3-6)108 

 

associates with aspartate carbamoyltransferase  

  
                (3-220) 

from E. coli only when its active site is unoccupied. 
This exclusivity is due to the fact that N-phosphon-
acetyl-¬-aspartate is a bisubstrate analogue com-
posed of portions from both reactants for the en-
zyme, carbamoyl phosphate (3-7) and ¬-aspartate 
(3-8). If carbamoyl phosphate must associate with 
aspartate carbamoyltransferase before ¬-aspartate 
can associate, this behavior would be consistent 
with the observation that N-phosphonacetyl-¬-aspar-
tate is a competitive inhibitor with respect to car-
bamoyl phosphate but a noncompetitive inhibitor 
with respect to ¬-aspartate (Figure 3-14).109,110 Had 
N-phosphonacetyl-¬-aspartate, however, been com- 

petitive with respect to both reactants, then either 
reactant could have been bound by the unoccupied 
active site and the order of their addition in the 
enzymatic reaction would have been random. If 
inhibitor I can bind only to the completely unoccu-
pied enzyme, every reactant with respect with which 
it is competitive should also be able to bind to the 
unoccupied active site, and the order of addition to 
the active site among that subset of reactants 
should be random. 
 In studies of the effect of inhibitors on steady-
state kinetics, the inhibitors do not have to resem-
ble the reactants so closely as the two used for 
Rho protein kinase or N-phosphonacetyl-¬-aspartate; 
they need only associate with the enzyme in such a 
way as to exclude the association of one or the oth-
er reactant. For example, the inhibitor 

 

happens to associate with human c-Jun amino-
terminal protein kinase so as to prevent MgATP2–

from associating with the enzyme, and the peptide 
RPKRPTTLNLF, which does not even contain the 
sequence of the region of the protein c-Jun that is 
phosphorylated by the enzyme and is not itself 
phosphorylated, nevertheless associates with the 
enzyme so as to prevent the association of the pro-
tein c-Jun. Inhibitor 3-9 is competitive with respect 
to MgATP2– and noncompetitive with respect to a 
peptide that can be phosphorylated by the enzyme, 
and the peptide RPKRPTTLNLF is competitive with 
respect to the peptide that can be phosphorylated 
but noncompetitive with respect to MgATP2–.111 A 
conclusion consistent with these observations is 
that MgATP2– and the protein or peptide to be 
phosphorylated associate at random with the active 
site of the enzyme. 
 
 The observation of mixed inhibition is usually 
uninformative about the order of addition of reac-
tants, but not always. In the case of the inhibition 
of Rho protein kinase, acetyl-AKRRRLAALRA-NH2 is 
not quite noncompetitive with respect to MgATP2– 
(Figure 3-10G-I) because its apparent dissociation 
constant for the unoccupied enzyme (Equation 
3-193; KdPAA = 35 mM) is somewhat greater than its   
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Figure 3-14: Kinetics for reversible inhibition of the carbamoyl transfer catalyzed by 
partially purified aspartate carbamoyltransferase from murine spleen by N-phos-
phonacetyl-¬-aspartate.110 Solutions containing ¬-aspartate and carbamoyl phos-
phate were prepared at pH 7.4 and 37 ªC. Each carbamoyl transfer was initiated by 
adding enzyme. (A) The rate of production of N-carbamoyl-¬-[14C]aspartate (cAsp) 
was followed over several minutes to obtain each initial rate. For this assay, a small 
amount of ¬-[14C]aspartate was added to a mixture, samples were withdrawn at 
appropriate intervals after addition of enzyme and quenched with acetic acid, and the 
N-carbamoyl-¬-[14C]aspartate was purified from each sample by cation-exchange 
chromatography. Reciprocals of initial rates for the production of N-carbamoyl-
¬-aspartate, v0-1 [minutes micromole-1 (milligram of protein)] at 10 mM ¬-aspartate 
are presented as a function of the reciprocals of the initial concentrations of carbam-
oyl phosphate (millimolar-1) at 0, 0.1, 1, and 10 mM N-phosphonacetyl-¬-aspartate. The 
concentrations of inhibitor increase as the lines become steeper in slope. The initial 
rates were plotted directly as a function of the initial concentrations of carbamoyl 
phosphate (not shown), and the data were fit to Equation 3-52. The four values for 
parameter a of these fits were identical within their standard deviations, and a value 
of 0.40 mmol of N-carbamoyl-¬-aspartate  min-1 (mg of protein)-1 was assigned to each 
of them. The lines in the drawing were forced to intersect at the axis of the ordinate at 
a value of 2.51 min (mmol of N-carbamoyl-¬-aspartate)-1 mg of protein. (B) The rate 
of production of N-[14C]carbamoyl-¬-aspartate was followed over several minutes to 
obtain each initial rate. For this assay, a small amount of [14C]carbamoyl phosphate 
was added to a mixture, and samples were withdrawn at appropriate intervals after 
addition of enzyme and quenched with 10% perchloric acid. The strong acid hydrolyzed 
the [14C]carbamoyl phosphate, but not the N-[14C]carbamoyl-¬-aspartate, to 
14CO2, and this radioactive CO2 was flushed from each sample with unradioactive 
12CO2 to leave the enzymatically synthesized [14C]carbamoyl-¬-aspartate. Recip-
rocals of initial rates for the production of N-carbamoyl-¬-aspartate, v0-1 [minutes 
micromole-1 (milligram of protein)]  at 20 mM carbamoyl phosphate are presented 
as a function of the reciprocals of the initial concentrations of ¬-aspartate (millimolar-1) 
at 0.01, 0.05, 0.1, and 1 mM N-phosphonacetyl-¬-aspartate. Lines were fit to the data, 
and average values for the ordinates and abscissas of the intersections of the line for 
1 mM N-phosphonacetyl-¬-aspartate and the other three lines were calculated. Lines 
forced to pass through this average point of intersection were then refit to the data, 
and these are the lines drawn in the figure. 
 
 

 
 
 
apparent dissociation constant for the enzyme occu-
pied by MgATP2– (Equation 3-193; KdPAA,ATP = 16 mM). 
It comes as no surprise, however, that since the two 
reactants, MgATP2- and biotin-AKRRRLSSLRA-NH2, 
are to combine with each other while they are on 
the active site to produce products and hence must 
occupy adjacent subsites in the active site, the asso-
ciation of one reactant can affect the affinity of the 
enzyme for an inhibitor mimicking the other. In 
this case, the association of MgATP2- increases the 
apparent affinity of the enzyme for the peptide in-
hibitor about 2-fold. If the association of MgATP2– 
slightly improves the site on the enzyme with which 
the sequence -KRRRLAALRA- associates, then the 
observation that acetyl-AKRRRLAALRA-NH2 is a 
competitive inhibitor relative to biotin and almost 
a noncompetitive inhibitor relative to MgATP2– (Fig-
ure 3-10I) is still consistent with random associa-
tion of reactants with the active site.  
 

 
 
 
 It is often difficult to distinguish uncompetitive  
inhibition, for which the double-reciprocal lines 
are parallel (Figure 3-9D) from mixed, predomi-
nantly uncompetitive inhibition, for which the dou-
ble-reciprocal lines are almost parallel. This 
problem can be illustrated with a comparison of 
the inhibition of glycerol kinase from C. norvegensis 
by CrATP- and the inhibition of hexokinase from R. 
norvegicus by unchelated ATP4-. 
 If reactant A must associate with the enzyme 
before reactant B can associate, inhibitor I that ex-
cludes the association of reactant B will be compet-
itive with respect to reactant B and uncompetitive 
with respect to reactant A. This proposal is an expla-
nation for the behavior observed with glycerol kinase 
when the chromium complex of ATP4-, CrATP-, 
which closely resembles MgATP2- but cannot engage 
in the enzymatic reaction, is used as an inhibitor 
(Figure 3-12).100 The conclusion that MgATP2– binds 
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to the enzyme only after glycerol binds to the enzyme 
would be consistent with these observations. It has 
already been noted, however, that when glycerol 
kinase phosphorylates (S)-1-aminopropane-2,3-diol, 
the observed kinetic behavior (Figure 3-7) is consis-
tent with a kinetic mechanism in which MgATP2– 
binds to the enzyme before (S)-1-aminopropanol, 
an analogue for glycerol. Furthermore, glycerol kinase 
has a slow, but measurable, MgATPase activity in 
the absence of any cosubstrate, and this activity is 
another indication that MgATP2- can bind to the 
active site in the absence of glycerol.86 Weak binding 
of MgATP2- to the unoccupied active site would allow 
it to precede (S)-1-aminopropanol onto the active 
site of glycerol kinase from C. norvegensis, even 
though it usually follows glycerol. Both of these 
observations seem to contradict the fact that CrATP– 
is an uncompetitive inhibitor with respect to glycerol. 
It could be the case, however, that either reactant 
can associate with the unoccupied active site but 
that the association of glycerol, rather than being 
required to precede the association of MgATP2– 
with the active site, simply decreases the dissocia-
tion constant for MgATP2- from the active site. This 
alteration does not have to involve a dramatic decrease 
in dissociation constant before the converging double 
reciprocals for mixed, predominantly uncompeti-
tive inhibition become indistinguishable from the 
parallel double reciprocals of uncompetitive inhi-
bition. 
 When unchelated ATP4- is used as an inhibitor 
of hexokinase from R. norvegicus,112 it is a mixed, 
predominantly uncompetitive inhibitor with respect 
to the reactant ∂-glucose (Figure 3-11C).99 This 
observation and the fact that N-acetyl-∂-glucos-
amine is a mixed, predominantly competitive inhi-
bitor with respect to MgATP2- are consistent with 
the conclusion that ∂-glucose and MgATP2– associate 
with the enzyme at random. The lines in the double-
reciprocal plot, however, are almost parallel when 
ATP4- is the inhibitor with respect to ∂-glucose 
(Figure 3-11C). If they had been parallel, this pat-
tern of inhibition would have indicated that the re-
actants must enter the active site of hexokinase in 
order, ∂-glucose before MgATP2-.113 If the associa-
tion of ∂-glucose with hexokinase simply increases 
the affinity of the respective enzyme for MgATP2– 
by a significant factor, rather than being obligatory 
for the binding of MgATP2-, then almost uncompet-
itive inhibition would be observed. If it is assumed, 
for the sake of argument, that KicATP (3.3 mM) is the 
dissociation constant for unchelated ATP4- from 
the unoccupied active site and KiuATP (1.4 mM) is 

the dissociation constant for unchelated ATP4– 
from the active site occupied by ∂-glucose, it would 
follow that a decrease in the dissociation constant 
of only a factor of 2.5 is sufficient to turn noncom-
petitive inhibition into almost uncompetitive inhi-
bition. A significantly larger, but not dramatic, 
decrease in dissociation constant should accom-
plish this transformation. If this description is the 
explanation, MgATP2- should bind to the empty 
active site, albeit weakly.86 
 These considerations suggest that all kinetic 
mechanisms in which the reactants are required 
to associate with an enzyme in a particular se-
quence are probably oversimplifications. Reac-
tants appear to associate in a particular order 
because the association of one reactant significant-
ly, but not infinitely, decreases the dissociation 
constant of the other reactant from the enzyme.86 
In other words, the factor a in the kinetic mecha-
nism of Equation 3-121 does not have to be that 
much smaller than 1 for random addition to be-
come indistinguishable from ordered addition. An 
extreme example of this ambiguity is the fact that 
the apparent requirement for (4-hydroxyphenyl)-
pyruvate to associate with human 4-hydroxyphenyl-
pyruvate dioxygenase before molecular oxygen as-
sociates114 is the result of a finite, albeit 3600-fold, 
increase in the rate at which oxygen associates with 
the enzyme caused by the association of (4-hydroxy-
phenyl)pyruvate.115 
 
 The association of a reactant frequently in-
creases or decreases the affinity of the active site 
for an inhibitor, so mixed inhibition is often ob-
served. In fact, the distinction between noncom-
petitive inhibition and mixed inhibition although 
formally justified, is in practice misleading.* It is 
usually assumed that the inhibition constants KicI 
and KucI are the dissociation constants KdI and KdI,A 
for inhibitor I from the active site unoccupied or 
occupied by reactant A, respectively (Equations 3-180 
and 3-193). It is informative when the association 
of reactant A does not alter the dissociation con-
stant of an inhibitor but not surprising when it does 
not. It is reasonable that the association of a reac-
tant would change the affinity of the active site for 
                                     
*The International Union of Biochemistry and Molecular Biology 
formally distinguishes noncompetitive inhibition from mixed 
inhibition. It seems that this distinction has been justified by 
the dramatic difference in form between Equations 3-177 and 
3-180. In effect, the distinction is made at the level of observation. 
When, however, explanations for the various behaviors are 
considered, the distinction becomes ambiguous and is counter-
productive. 
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the inhibitor because the complex between enzyme 
and reactant A is necessarily different from the en-
zyme when it is unoccupied by reactant A. 
 As a result of these considerations, it should 
never be assumed that inhibition by inhibitor I is 
formally noncompetitive and that KicI and KucI are 
the same. The Michaelis constant for reactant A for 
the general case of mixed inhibition 

           (3-221) 

Only when each curve is fit with Equation 3-52 to 
the values for the initial rate as a function of the ini-
tial concentration of reactant A at several concen-
trations of inhibitor I and the Michaelis constant, 
parameter b of the fits, remains the same within the 
standard deviations of the fits can it be concluded 
that KicI and KucI are statistically the same and that 
the inhibition is formally noncompetitive. 
 In any case, it is reasonable to conclude that 
noncompetitive inhibition is actually a special case 
of mixed inhibition in which KiuI and KicI are the 
same. Traditionally, however, when a distinction 
between noncompetitive inhibition and mixed in-
hibition has purposely been avoided, the term 
noncompetitive inhibition has been used inter-
changeably for both situations.96 This practice is 
both widely accepted and defensible. Semantically, 
noncompetitive inhibition encompasses any inhi-
bition that is neither competitive nor uncompeti-
tive, two special cases that do define mechanistically 
significant differences. Most publications describing 
enzymatic kinetics treat mixed inhibition and non-
competitive inhibition as the same thing and use 
the term noncompetitive inhibition for both of 
them. Consequently, when the actual data are not 
shown and it is simply stated that "noncompetitive 
inhibition was observed", there is no way to tell 
whether the inhibition was noncompetitive by the 
definition of the International Union of Biochemistry 
and Molecular Biology or just mixed inhibition. It 
follows that from here on it will be necessary to 
make no distinction between noncompetitive inhi-
bition and mixed inhibition. In some cases, however, 
when the inhibition observed is mixed, that fact 
will be noted because it is usually informative to 
know whether the mixed inhibition is predomi-

nantly competitive or predominantly uncompeti-
tive. 
 So far, the patterns of inhibition discussed 
have been for kinetic mechanisms in which re-
versible steps separate the associations of the reac-
tants with the enzyme. Dead-end inhibition by 
reversible inhibitors homologous to reactants can 
also provide information about kinetic mecha-
nisms in which a kinetically irreversible step sepa-
rates the association of the two reactants for an 
enzymatic reaction. For example, in a ping-pong 
kinetic mechanism, the enzyme alternates symmetri-
cally between two forms, each separated from the 
other by a respective irreversible step (Equation 
3-154). An inhibitor I that excludes reactant A from 
the active site will be competitive with respect to 
reactant A and uncompetitive with respect to reac-
tant B, and an inhibitor J that excludes reactant B 
from the active site will be competitive with respect 
to reactant B and uncompetitive with respect to re-
actant A.116 Although they are consistent with the 
existence of an irreversible step between the asso-
ciation of reactant A and the association of reactant 
B and the existence of an irreversible step between 
the association of reactant B and the association of 
reactant A, such observations cannot determine 
whether the two irreversible steps are both due to 
the release of products of the reaction, only one is 
due to the dissociation of a product, or neither of 
them is due to the dissociation of a product. Prod-
uct inhibition is used to make this determination.  
 
 The use of products of an enzymatic reaction 
as inhibitors can clarify the order in which reac-
tants associate with an enzyme and are required to 
determine the order in which products dissociate 
from an enzyme. Because the products are directly 
derived from the reactants and relationships between 
reactants and products are more readily estab-
lished, the inhibition displayed by a product is less 
equivocal than the inhibition displayed by an in-
hibitor that only resembles the reactant. By micro-
scopic reversibility, a product must be able to 
associate with the same location in the active site 
from which it dissociates during the enzymatic 
reaction. This location is usually the same one with 
which one or more of the reactants associate. Con-
sequently, the association of a product with the 
enzyme necessarily prevents the association of a 
reactant that shares a portion of its structure with 
that product. In the instance of product inhibition 
there is usually, but not always, little doubt that the 
  

K mA  =   
k 0,A,app                             

k A,app

K icI

[I] + K icI
(            )

K iuI

[I] + K iuI
(            )
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Table 3-2: Some Patterns of Product Inhibitiona 

  variable reactant 

mechanism  A  B  

 product 
inhibitor 

unsaturated 
with B 

saturated  
with B 

unsaturated 
with A 

saturated 
with A 

A and B associate at random, Y and Z  
associate at random, and both                
complexes E·A·Y and E·Z·B can formb 

Y 

Z 

NCc 

C 

NId 

C 

Cc 

NC 

C 

NI 

A and B associate at random, Y and Z  
associate at random, B and Z share no 
common atoms, and B and Z can bind 
simultaneously to form E·Z·B, but the 
complex E·A·Y cannot formb 

Y 
Z 

C 
C 

NI 
C 

C 
NC 

NI 
NI 

A must associate before B, and Y and Z 
dissociate at random 

Y 
Z 

C 
C 

C 
C 

NC 
NC 

 

A must associate before B, and Y must 
dissociate before Z 

Y 
Z 

NC 
C 

UCc 
C 

NC 
NC 

NC 
NI 

A must associate before B, and X must 
dissociate before Y, which must dissoci-
ate before Z 

X 
Y 
Z 

NC 
UC 
C 

UC 
UC 
C 

NC 
UC 
NC 

NC 
UC 

Z dissociates after A associates but before 
B associates, and Y dissociates after B 
associates but before A associatese 

Y 
Z 

C 
NC 

C 
NI 

NC 
C 

NI 
C 

A and Z associate with one active site, B 
and Y associate with another active site, 
and the difference between A and Z is 
transferred from the first active site to the 
second93 

Y 
Z 

NC 
C 

NI 
C 

C 
NC 

C 
NI 

aThese are patterns expected for product inhibition for an enzymatic reaction with formally two reactants and two or three products. 
For a more complete list see references 62 and 119, which are the sources for this table. bReactants and products must associate and 
dissociate so rapidly that they are always at equilibrium with the active site. cAbbreviations: NC, noncompetitive (term includes 
mixed inhibition); C, competitive; UC, uncompetitive; dNI indicates that no inhibition occurs. In all these situations, in theory, the 
saturation of the active site with the indicated reactant would block access to the active site for the product that shares the same at-
oms and prevent it from being an inhibitor. In practice, the reactant, because its concentration cannot be infinite, simply increases 
the apparent dissociation constant for the inhibitory product by a finite factor. eRefers only to a mechanism confined to one active 
site, not cases where intermediates are moved between two or more different active sites as in the next mechanism. 
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association of the product as an inhibitor is with 
the active site of the enzyme and that its effect as 
an inhibitor is to sterically exclude one or more of 
the reactants. For example, when (S)-malate as a 
product associates with the active site of fumarate 
hydratase (Equation 3-1), fumarate as a reactant 
cannot also associate because (S)-malate and 
fumarate share the same carbon skeleton and asso-
ciate at the same location in the active site.  
 Moreover, the hydroxy group of (S)-malate shares 
the same subsite in the active site as the other reac-
tant, water, and when (S)-malate is bound to the active 
site, it should also prevent the association of that 
molecule of water. This latter consideration illus-
trates the fact that at least one of the products of 
an enzymatic reaction that has two or more reac-
tants usually contains atoms derived from two or 
more of the reactants and will often exclude both 
or all of those reactants from the active site when it 
is bound there, depending upon how tightly the 
shared structures are bound. Therefore, the struc-
tures of the products and reactants and the struc-
ture of the active site will dictate which products 
exclude which reactants. In the following discus-
sion, it will be assumed that product Z comes mainly 
from reactant A and product Y comes mainly from 
reactant B. This convention can be expanded to 
product X coming mainly from reactant C, prod-
uct W coming mainly from reactant D, and so forth. 
 Because an active site must catalyze its reac-
tion in both directions and because most of the re-
actions catalyzed by enzymes have fairly small 
changes in standard free energy associated with 
them, the products of an enzymatic reaction asso-
ciate with the active site often as well as, if not 
more avidly than, the reactants do. In the occa-
sional instance in which the change in standard 
free energy of an enzymatic reaction has a large 
negative value, it is possible, but not necessarily so, 
for the dissociation constant of a product to be so 
large that it does not associate with the active site 
at any achievable level of its concentration, and 
thus it cannot inhibit the enzymatic reaction. Usu-
ally, however, the dissociation constant of a prod-
uct is within an achievable range of concentration, 
and in that range, the product will associate with 
the active site. If it associates with the active site 
within an achievable range of concentration, a 
product will inhibit the conversion of reactants into 
products by enzymatic reaction. 
 

Inhibition of Enzymatic Reactions: 
Product Inhibition 
 
 Observation: An example of the inhibition of 
an enzymatic reaction by its products is the inhibi-
tion of pyruvate kinase from O. cuniculus 

    
                (3-222) 

by the products pyruvate and MgATP2- when the 
reactants are chosen to be phosphoenolpyruvate and 
MgADP- (Figure 3-15).117,118 Pyruvate is a linear 
(Figure 3-15F) competitive (Figure 3-15A) inhibitor 
with respect to phosphoenolpyruvate and a linear 
(Figure 3-15F) noncompetitive (Figure 3-15D) inhib-
itor with respect to MgADP-, and MgATP2- is a linear 
(Figure 3-15E) competitive inhibitor with respect 
to both MgADP- (Figure 3-15B) and phosphoenol-
pyruvate (Figure 3-15C). 
 Explanation: Rate equations for enzymatic re-
actions with two reactants and two products have 
been derived for kinetic mechanisms that differ one 
from the other in the order in which reactants and 
products enter and leave the active site.62 These 
derivations include all steps involving association 
of the reactants with the active site and dissociation 
of each product that is chosen to act as the inhibi-
tor in turn from the active site. From each of these 
rate equations, the pattern in which each of the 
products should inhibit the reaction for a given 
kinetic mechanism could be established (Table 
3-2).62,119  
 Consider an enzymatic reaction in which re-
actants A and B associate with the active site at 
random and products Y and Z dissociate at ran-
dom, and all complexes between substrates and 
enzyme are in rapid equilibrium relative to the rate 
of the conversion between E·A·B and E·Z·Y. Sup-
pose that product Y excludes only reactant B and 
product Z excludes only reactant A, so complexes 
E·A·Y and E·Z·B can form. If product Y is present, so  
 
 
 
 
 
 

phosphoenolpyruvate  +  H+  +  MgADP 
–

             1  MgATP 
2–  +  pyruvate
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Figure 3-15: Kinetics for reversible inhibition by the products py-
ruvate and MgATP2- of  the conversion of phosphoenolpyruvate 
and MgADP- catalyzed by pyruvate kinase from O. cuniculus.117 
Solutions containing MgADP-, phosphoenolpyruvate , and 
MgATP2- or pyruvate, acting as product inhibitors, were prepared 
at pH 6.2. The concentration of uncomplexed Mg2+ was fixed at 
10.0 mM and that of KCl at 0.10 M. Pyruvate kinase was added to 
initiate each phosphotransfer. When pyruvate was the inhibitor, 
production of MgATP2- was monitored by coupling it to the 
phosphorylation of 3-phospho-∂-glycerate by phosphoglycerate 
kinase and the reduction of the resulting 3-phospho-∂-
glyceroyl phosphate by glyceraldehyde-3-phosphate dehydro-
genase (phosphorylating). When MgATP2- was the inhibitor, 
production of pyruvate was followed by monitoring the oxidation 
of NADH by pyruvate catalyzed by ¬-lactate dehydrogenase. In 
each instance, the initial rate of decrease in A340 was used to calcu-
late initial rates for the production of MgATP2- or pyruvate [micro-
moles minute-1 (microgram of enzyme)-1]. The molar mass of a 
subunit of the enzyme (58,000 g mol-1), which contains one inde-
pendent active site,118 was used to convert initial rates into units of 
second-1. The concentrations of  pyruvate or MgATP2- when one 
or the other is used as an inhibitor do not change significantly 
during the measurements of intial rates. (A) Reciprocals of the 
initial rates for the production of MgATP2-, v0-1 (seconds), as a 
function of  reciprocals of the initial concentrations of phospho-
enolpyruvate (millimolar-1). The concentrations of the product 
pyruvate were 0.0, 5.0, 10.0, 15.0, and 20.0 mM for the lines in 
ascending order. When the data were plotted directly (not shown) 
and fitted to Equation 3-52 with y equal to v0 and x equal to the 
initial concentration of phosphoenolpyruvate, the five values for 
parameter a of the fits, the apparent catalytic constants for phos-
phoenolpyruvate, k0,PEP,app,  fluctuated unsystematically around 
a mean of 80 s-1. Consequently, the five lines in this panel were 
forced to intersect the axis of the ordinate at 0.0125 s. (B) Recip- 

(second), as a function of  reciprocals of the initial concentra-
tions of phosphoenolpyruvate (millimolar-1). The concentra-
tions of the product MgATP2- were 0.0, 0.6, 1.25, 2.5, 4.0, and 
6.0 mM for the respective lines in ascending order. When the 
data were plotted directly and fit to Equation 3-52 (not shown) 
with y equal to v0 and x equal to the initial concentration of 
phosphoenolpyruvate, the values for parameter a of the fits, 
the apparent catalytic constants for phosphoenolpyruvate, 
k0,PEP,app, fluctuated unsystematically and were within a 
standard deviation of a mean of 73 s-1. Consequently, the six 
lines in this panel were forced to intersect the axis of the ordi-
nate at 0.0137 s. (D) Reciprocals of the initial rates for the pro-
duction of MgATP2-, v0-1 (second), as a function of reciprocals 
of the initial concentrations of MgADP-(millimolar-1). The 
concentrations of pyruvate were 0.0, 5.0, 10.0, 15.0, and 
20.0 mM for the respective lines in ascending order. When the 
data were plotted directly and fit to Equation 3-52 (not shown) 
with y equal to v0 and x equal to the initial concentration of 
MgADP-, the values for parameter b of the fits, the apparent 
Michaelis constants Km, fluctuated unsystematically and were 
within a standard deviation of a mean of 0.148 mM. Conse-
quently, the five lines in this panel were forced to intersect the 
axis of the abscissa at -6.8 mM-1. (E) The observed values of 
the apparent specificity constant for phosphoenolpyruvate, 
kPEP,app (second-1 micromolar-1; Í), from the direct plot and 
fit of the data in Panel C and the observed values of the appar-
ent specificity constant for MgADP- kADP,app ¥ 3 (second-1 
micromolar-1; ◊) from the direct plot and fit of the data in 
Panel B are plotted against the concentrations of MgATP2-. 
The two values for parameter h, Kic, in the fits of Equation 
3-171 to the data, with y equal to kPEP,app or kADP,app and x 
equal to [MgATP2-], are 1.9 ± 0.3 mM and 1.55 ± 0.13 mM, respec-
tively, which are identical within the errors of the measure-
ments. (F) The observed values of the apparent specificity 
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rocals of the initial rates for the production of pyruvate, v0-1 
(second), as a function of reciprocals of the initial concentra-
tions of MgADP- (millimolar-1). The initial concentrations of 
product MgATP2- were 0.0, 1.0, 2.0, 3.0, 4.0, and 5.0 mM for the 
lines in ascending order. When the data were plotted directly 
and fit to Equation 3-52 (not shown) with y equal to v0 and x 
equal to the initial concentration of MgADP-, the six values for 
parameter a of the fits, the apparent catalytic constants for 
MgADP-, k0,ADP,app, fluctuated unsystematically around a 
mean of 120 s-1. Consequently, the six lines in this panel were 
forced to intersect the axis of the ordinate at 0.0083 s. (C)  Recip-
rocals of the initial rates for the production of pyruvate, v0-1  
 
 
 
 

constant for MgADP-, kADP,app (second-1 millimolar-1; ◊), from 
the direct plot and fit of the data in Panel D; the observed values of 
the apparent specificity constant for phosphoenolpyruvate,  
kPEP,app (second-1 millimolar-1; Í) from the direct plot and fit 
of the data in Panel A; and the observed values of the apparent 
catalytic constant for MgADP-, k0,ADP,app ¥ 3 (second-1; ò) from 
the direct plot and fit of the data in Panel D are plotted against 
the concentrations of pyruvate (millimolar). The three values 
for Ki, parameters h in the fits of Equation 3-171 with kADP,app, 
kPEP,app, and k0,ADP,app equal to u and [pyruvate] equal to z, are 
10.9 ± 0.2 mM, 8.4 ± 0.3 mM, and 10.2 ± 0.8 mM, respectively, 
which are identical within the errors of the measurements. 
 
 
 
 

that product inhibition can be observed, but prod-
uct Z120 is absent to prevent the reaction from run-
ning in reverse 

                (3-223) 

(see Equations 3-121 through 3-124), and 
 

 Human phosphoinositide-dependent protein 
kinase uses MgATP2- to phosphorylate serines and 
threonines in particular proteins 

   
                (3-225) 

The product MgADP- is a competitive inhibitor with 
respect to MgATP2- as a reactant and a noncompeti-
tive inhibitor with respect to a peptide 39 amino acids 
long used as a reactant in place of a protein. The 
apparent dissociation constants for MgADP–, KicADP 
and KiuADP, are the same. The phosphorylated pep-
tide is a competitive inhibitor with respect to the 
unphosphorylated peptide as a reactant but a non-
competitive inhibitor relative to MgATP2– as a reac-
tant. The apparent dissociation constants for 

 (3-224) 
 
 
If [B]0 is saturating, product Y cannot be an inhibi-
tor with respect to reactant A. If [B]0 is not saturat-
ing, product Y is noncompetitive with respect to 
reactant A. Product Y is competitive with respect to 
reactant B at all concentrations of reactant A. When 
product Z is used as an inhibitor, B and A are inter-
changed in Equations 3-223 and 3-224, as are Y and 
Z. Consequently, the pattern of the inhibitions by 
product Z is symmetrical to the pattern of the inhi-
bitions by product Y (Table 3-2). 
 
 

the phosphorylated peptide (pp), Kicpp and Kiupp, 
are the same. These facts are consistent with the 
proposals that reactants and products associate 
with and dissociate from the enzyme at random 
(Table 3-2), association of the phosphorylated peptide 
has little or no effect on the association of MgATP2–, 
and association of MgADP- has little or no effect on 
the association of the unphosphorylated peptide.121 
 This example illustrates the way in which pat-
terns of product inhibition are collected and used 
to reach a conclusion concerning the order in which 
reactants associate with an enzyme and products 
dissociate from an enzyme. It should be empha-

Æ
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sized that, as with all kinetic observations, a given 
pattern of product inhibition is only consistent 
with a particular kinetic mechanism in which a 
particular order of association and dissociation of 
substrates is postulated and cannot prove that this 
is the actual order. 
 If, as in the foregoing example, the reactants 
and products associate with and dissociate from the 
active site so rapidly that they are always in rapid 
equilibrium with it, and if they associate at random 
with the active site, then the patterns of product 
inhibition usually incorporate a specific pair of 
competitive inhibitions. If the substrates associate 
with the active site at random, any one of them—
reactant A, reactant B, product Y, or product Z—
can associate with the empty active site. If this is 
the case, the reactants and the products that share 
most of their structure with each other usually 
compete with each other for the same location in 
the empty active site, and a product that shares 
most of its structure with a given reactant will be a 
competitive inhibitor of the enzymatic reaction 
with respect to that reactant. 
 In this situation, two dead-end complexes of-
ten can form, one between reactant A and prod-
uct Y that share only a few atoms with each other, 
such as MgATP2- and the phosphorylated peptide, 
and one between reactant B and product Z that 
share no atoms with each other, such as the unphos-
phorylated peptide and MgADP-. If, however, a 
significant portion of one reactant is transferred to 
the other reactant during the reaction, the product 
that has gained the portion transferred may be 
large enough to exclude the reactant that loses the 
portion transferred as well as the reactant that 
shares all its atoms with that product. 
 In the case of pyruvate kinase (Figure 3-15),117 
the product pyruvate is a linear competitive inhibitor 
with respect to the reactant, phosphoenolpyruvate 
(Figure 3-15A,F), and the product MgATP2- is a 
linear competitive inhibitor with respect to the 
reactant MgADP- (Figure 3-15B,E). These results 
are consistent with a kinetic mechanism in which 
MgADP- and phosphoenolpyruvate associate with 
the active site of the enzyme at random and MgATP2– 
and pyruvate dissociate from the active site at ran-
dom (Table 3-2). The other two product inhibitions 
that are observed are peculiar, but they make 
sense. Magnesium adenosine triphosphate as a 
product is a linear competitive inhibitor relative to 
phosphoenolpyruvate as a reactant (Figure 3-15C,E) 
because MgATP2- carries the phospho group that is 
transferred between phosphoenolpyruvate and 

MgADP-, and phosphoenolpyruvate, a small mole-
cule, cannot occupy its location in the active site 
when MgATP2- is bound. Pyruvate, however, is a 
linear noncompetitive inhibitor with respect to 
MgADP- (Figure 3-15D,F), and the dissociation con-
stants for pyruvate from the unoccupied enzyme 
and from the enzyme occupied by MgADP- appear 
to be the same. Because neither MgADP- nor pyru-
vate has the phospho group that is transferred, the 
association of pyruvate with the active site cannot 
sterically interfere with the association of MgADP-. 
This lack of overlap would be consistent with the 
fact that only one dissociation constant is needed 
to explain the inhibition. A phospho group, even in 
situations in which it is not transferred but certain-
ly in situations in which it is transferred, is usually 
surrounded extensively by an oriented array of do-
nors of hydrogen bonds when it is bound to an 
active site, and as a result it is tightly associated. 
Consequently, it comes as no surprise that the asso-
ciation of MgATP2- appears to prevent the associa-
tion of phosphoenolpyruvate. 
 As was the case with phosphoinositide-depen-
dent protein kinase (Equation 3-225), however, even 
though a portion of one reactant is transferred to 
the other reactant during an enzymatic reaction, 
the product and the reactant that overlap may not 
exclude each other from the active site. Even if the 
portion that overlaps is large, exclusion may not 
occur if both reactant and product are large molecules. 
For example, citrate (Si)-synthase from R. norvegicus 
catalyzes the reaction 

     
                (3-226) 

The reactants enter the active site at random, and 
the products leave the active site at random,112 yet 
the product acetyl-SCoA is a mixed inhibitor with 
respect to the reactant citrate,112 even though both 
of these substrates share the acetyl group that is 
transferred. Presumably, acetyl-SCoA is so large 
that it can associate with the enzyme even when its 
acetyl group is prevented from occupying its usual 
position in the active site by citrate, and this ability 
allows citrate and acetyl-SCoA to bind simultane-
ously to the enzyme. In fact, since the mixed inhibi-
tion is predominantly uncompetitive, acetyl-SCoA 
seems to increase the affinity of the active site for 
citrate rather than decreasing it by steric interfer-
ence. 

H+ +  HSCoA  +  citrate  1
                       H2O  +  oxaloacetate  +  acetyl-SCoA
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 An assignment of a random order for the asso-
ciation and dissociation of substrates from the ac-
tive site can often be made by examining patterns 
of product inhibition in both directions of the enzy-
matic reaction. For example, orotate phosphoribosyl-
transferase from S. typhimurium catalyzes the reaction 

 
                (3-227) 

In the forward direction, the product orotidine 
5A-phosphate is competitive with respect to both 
reactants, orotate and magnesium 5-phospho-
a-∂-ribose 1-diphosphate, and the product magne-
sium diphosphate is competitive with respect to 
the reactant magnesium 5-phospho-a-∂-ribose 
1-diphosphate and noncompetitive with respect to 
the reactant orotate. In the reverse direction, the 
product magnesium 5-phospho-a-∂-ribose 1-diphos-
phate is competitive with respect to both reactants, 
magnesium diphosphate and orotidine 5A-phos-
phate, and the product orotate is competitive with 
respect to the reactant orotidine 5A-phosphate and 
noncompetitive with respect to the reactant mag-
nesium diphosphate. The observations in each direc-
tion are consistent (Table 3-2) with the conclusion 
that all substrates associate with and dissociate 
from the enzyme at random.122 The observations in 
each direction by themselves are consistent with 
this conclusion; that they are both consistent with 
the same conclusion is reassuring. It also makes 
sense that these results are consistent with the 
conclusion that the complex containing both orot-
idine 5A-phosphate and magnesium 5-phospho-
a-∂-ribose 1-diphosphate cannot form. In this case, 
the phosphoribosyl group transferred from magne-
sium diphosphate to orotate is so large and the 
groups between which the transfer takes place are 
so small that the two substrates containing the 
group that is transferred exclude each other from 
the active site. 
 In a few instances, the binding of either product 
to the active site seems to be sufficient to exclude 
either reactant. Glycine dehydrogenase (decarbox-
ylating) from G. gallus is an enzyme containing 
pyridoxal phosphate and N6-(lipoyl)lysine that cat-
alyzes the reaction 

  
                (3-228) 

Either product, CO2 or S-aminomethyldihydrolipoyl-
lysine, is competitive with respect to either reac-
tant, glycine or oxidized H-protein-lipoyllysine.123 
This observation suggests that neither product can 
associate with the active site to form a dead-end 
complex when either reactant is bound, and this 
conclusion is supported by isotope exchange stud-
ies. An explanation consistent with the observation 
of these exclusions, which cannot be entirely steric, 
is that the enzyme itself undergoes a reversible 
isomerization between dissociation of products 
and association of reactants. In one conformation, 
the active site can bind only products, and in the 
other conformation, it can bind only reactants. 
 To this point, only mechanisms that involve 
the random addition of reactants and the random 
dissociation of products have been discussed. In 
such situations, the inhibitions by products can be 
treated as if they resulted from the formation of 
dead-end complexes. Another property of a prod-
uct, however, that affects its inhibition of an enzy-
matic reaction is its ability to reverse the reaction, 
rather than forming a simple dead-end complex. 
This property of a product is not consequential 
with enzymatic reactions that proceed by the random 
dissociation of products, but it is consequential 
when enzymatic reactions proceed by the ordered 
dissociation of products.  
 Consider an enzymatic reaction in which the 
reactants, A and B, associate with the active site of 
the enzyme in a particular order and the products, 
Y and Z, dissociate in a particular order.* If all 
these substrates are present initially in the solution 
at subsaturating concentrations, none of the steps 
in the kinetic mechanism of the reaction 

 

 

 

 
                                     
*Usually, for steric reasons, if there is an obligate order in the 
addition of the two reactants, the product that incorporates most 
of the atoms in the second reactant to add to the active site will 
be the product that dissociates first from the active site, and the 
product that incorporates most of the atoms in the first reactant 
will be the product that dissociates second from the active site. 

magnesium 5-phospho-   -∂-ribose 1-diphosphate
                   +  orotate  1  MgOPO3PO3

2–

                                      +  H+ +  orotidine 5A-phosphate

a

H+ + glycine + H-protein-lipoyllysine  1  CO2 
  + H-protein-S-aminomethyldihydrolipoyllysine
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        (3-229) 

is formally irreversible because none of the sub-
strates is missing. The direction of net flux around 
the circle will be determined only by the standard 
free energy change of the reaction and the concen-
tration of the four substrates. If, however, one or both 
of the products are missing, the flux around the circle 
will always be clockwise because that absence of a 
product converts a reversible step into an irrevers-
ible step. 
 If the substrate Y is not present initially, the net 
flux must be in a clockwise direction because step 4 
is forced by this choice to be formally irreversible in 
the other direction, and the kinetic mechanism be-
comes  
 

    
                (3-230) 

 
Because k3, k-3, and k4 do not involve entry of sub-
strates into the active site, they can be combined as 
a composite rate constant, k34,* by considering the 
two steps 
 

        (3-231) 

 
 

                                     
*From here on, when the rate constants of two or more steps 
are purposely combined into a composite rate constant, the 
subscript on the composite rate constant will be the integer of 
the first forward rate constant and the integer of the last. 

as one step 
 

         (3-232) 

 
In analogy with Equation 3-70 
 

              (3-233) 

 
and the kinetic mechanism of Equation 3-230 be-
comes 
 

   
                (3-234) 

 
which is formally equivalent to the kinetic mecha-
nism of Equation 3-210 
 

    (3-235) 

 
because, in the absence of product Y, product Z 
does actually form a dead-end complex with the 
enzyme, and the equation for its inhibition has the 
same form as Equation 3-211 

E·Z                         E·A

E
k5                         k 1[A]0

1 1
k –5[Z]0     k –1

k4                                 k 2[B]0

E·Z·Y                E·A·B
k –3

k 3

1

1

1

k –4[Y]0       k –2

E·Z  +  A  +  B  1  Z  +  E  +  A  +  B

    1  Z  +  E·A  +  B  1  Z  +  E·A·B 

        1  Z  +  E·Z·Y  Æ  Z  +  E·Z  +  Y

k 5

k –5
k 1

k –1
k 3

k –3

k 2

k –2

k 4

E·A·B  1  E·Z·Y  Æ  E·Z  +  Y
k 3

k –3

k 4

E·A·B  Æ  E·Z  +  Y
k 34

k 3k 4

k –3 + k 4
k 34  =   

E·Z  +  A  +  B  1  Z  +  E  +  A  +  B  1

Z  +  E·A  +  B  1  Z  +  E·A·B  Æ  Z  +  E·Z  +  Y

k 5

k –5

k 1

k –1

k 2

k –2

k 34

E  +  A  +  B  1  E·A  +  B  1  E·A·B
+
Z

E·Z

k 1

k –1

1
K dZ

k 2

k –2

E  +  Y  +  Z

Æ

k 3
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(3-236) 
 
and the dissociation constant of product Z from the 
active site (KdZ = k-5 k5

-1) is an explicit term in the 
equation. 
 From the conclusions drawn earlier from the 
kinetic mechanism of Equation 3-210, it follows 
that when product Z is added to the reaction, it will 
behave as a competitive inhibitor with respect to 
reactant A (Equation 3-170) and a noncompetitive 
or uncompetitive inhibitor with respect to reactant B. 
Therefore, if product Z is competitive with respect 
to reactant A and noncompetitive with respect to 
reactant B, then the conclusion that reactant A 
must bind to the enzyme before reactant B and 
product Y must be released by the enzyme before 
product Z is consistent with these observations 
(Table 3-2). If, however, it is not noncompetitive 
with respect to reactant B, the situation, as before, 
is indeterminate. 
 If, however, product Z is not present initially 
and product Y is present, product Y can convert the 
complex from which it dissociates back to a complex 
between the active site and both reactants, E·A·B, 
as well as the complex between the active site and 
both products, E·Z·Y. Consequently, product Y does 
not form a dead-end complex with the active site 
because it is able to reverse the enzymatic reaction if 
it associates with the active site before product Z 
dissociates. The general kinetic mechanism of 
Equation 3-229 becomes 

  
                (3-237) 

The rate equation for this kinetic mechanism has 
the form of Equation 3-116 

                 (3-238) 

 
except that the catalytic constant k0, the specificity 
constant kB for reactant B, and the specificity con-
stant kAB are apparent rate constants, k0,Y,app, kB,Y,app, 
and kAB,Y,app, respectively, because they contain terms 
that include the concentration of product Y 

     
                (3-239) 

              (3-240) 

      
                (3-241) 

    
                (3-242) 

where 

      (3-243) 

v0  =
k 0 kA k B kAB 

[E]t 
[A]0 

[B]0 

k 0k Ak B                                +  k0kAkAB[A]0   +  k0kBkAB                               [B]0  +  kAkBkAB 
[A]0[B]0(             )[Z] + K d Z

K d Z
(             )[Z] + K d Z

K d Z

E  +  A  +  B  1  E·A  +  B  1  E·A·B

        1  E·Z·Y  1  E·Z  +  Y  Æ  E  +  Y  +  Z

k 1

k –1

k 2

k –2
k 4

k –4

k 3

k –3

k 5

v0  =

k 0 kA k B kAB 
[E]t 

[A]0 
[B]0 

k 0k Ak B  + k0kAkAB 
[A]0  + k0kBkAB 

[B]0  + kAkBkAB 
[A]0[B]0

k 0,Y,app  =

k 3 k 4k 5

(k 3k 4 + k 3k 5 + k –3k 5 + k 4k 5) + k –4(k 3 + k –3)[Y]
=

(              )K iuY

[Y] + K iuY

k 3 k 4k 5

(k 3k 4 + k 3k 5 + k –3k 5 + k 4k 5)
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k 2 k 3 k 4 k 5

k 5 (k –2k –3 + k –2k 4 + k 3k 4) + k –2k –3k –4[Y]

(             )K icY
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k 2 k 3 k 4

k –2k –3 + k –2k 4 + k 3k 4
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k 1k 2 k 3 k 4 k 5
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       (3-244) 

Neither of the inhibition constants in this instance 
of product inhibition are dissociation constants. 
Notice that when [Y] is zero, Equations 3-239 through 
3-242, which are no longer for apparent rate con-
stants, become Equations 3-117 through 3-120, as 
they must. 
 Because, in the absence of product Y 

        (3-245) 

          (3-246) 

          (3-247) 

        (3-248) 

(see Equations 3-96 through 3-99), product Y will be 
noncompetitive with respect to reactant B, uncom-
petitive with respect to reactant A when saturating 
initial concentrations of reactant B are present, and 
noncompetitive with respect to reactant A when 
reactant B is not at saturating concentrations (Ta-
ble 3-2).62 
 ∂-Lactate dehydrogenase from Streptomyces toyo-
caensis catalyzes the reaction 

     
                (3-249) 

As a product, NAD+ is competitive with respect to 
NADH as a reactant and noncompetitive with respect 
to pyruvate as a reactant. (R)-Lactate as a product is 
noncompetitive with respect to pyruvate as a reac-
tant, noncompetitive with respect to NADH as a reac-
tant at concentrations of pyruvate below saturation, 
and uncompetitive with respect to NADH as a reac-
tant at saturating concentrations of pyruvate.124 
These facts are consistent with an ordered kinetic 
mechanism in which NADH must associate with 
the enzyme before pyruvate can associate and 

∂-lactate must dissociate before NAD+ dissociates 
(Table 3-2). It follows that NADH and NAD+, which 
are large, complex substrates, can associate with 
the enzyme in the absence of the other substrates. 
Historically, this fact has led to the distinction between 
an "apoenzyme" to which these two coenzymes are 
not bound in the active site and a "holoenzyme" to 
which one of these dinucleotides is bound, a distinc-
tion that has little practical use.  
 Coenzyme A as a product is a competitive in-
hibitor of histone acetyltransferase from S. cere-
visiae 

  
                (3-250) 

with respect to acetyl-SCoA as a reactant but does 
not inhibit the enzyme at saturating concentrations 
of acetyl-SCoA. Acetylhistone as a product is non-
competitive with respect to acetyl-SCoA as a reac-
tant and noncompetitive with respect to histone as 
a reactant at concentrations of histone below satu-
ration.125 These facts are consistent with a kinetic 
mechanism in which acetyl-SCoA must associate 
with the active site of the enzyme before histone 
can associate and acetylhistone must dissociate 
before coenzyme A dissociates (Table 3-2). 
 Again, if the reaction catalyzed by the enzyme 
can be assayed in both directions, the patterns of 
inhibition by products in each direction reinforce a 
conclusion about kinetic mechanism. 5-Phospho-
a-∂-ribose 1-diphosphate as a product is competi-
tive with respect to inosine 5A-phosphate as a reactant, 
and inosine 5A-phosphate as a product is competi-
tive with respect to 5-phospho-a-∂-ribose 1-diphos-
phate as a reactant in the reaction catalyzed by 
hypoxanthine phosphoribosyltransferase from Tritri-
chomonas foetus 

 
                (3-251) 

Magnesium diphosphate as a product is noncom-
petitive with respect to both of the reactants hypo-
xanthine and magnesium 5-phospho-a-∂-ribose 
1-diphosphate in one direction, and magnesium 
5-phospho-a-∂-ribose 1-diphosphate as a product 
is noncompetitive with respect to magnesium di-
phosphate as a reactant in the other direction.126 

k –2k –3k –4

k 5 (k –2k –3 + k –2k 4 + k 3k 4)
K icY  =

k 0,A,app   =
k 0,Y,app k B,Y,app[B]0 

k0,Y,app  +  k B,Y,app 
[B]0

k A,app  =
k AkAB,Y,app[B]0 

k A  + kAB,Y,app[B]0

k 0,B,app  =
k 0,Y,app kA 

[A]0 

k 0,Y,app  + kA 
[A]0

k B,app  = 
k B,Y,app kAB,Y,app 

[A]0 

k B,Y,app  + kAB,Y,app 
[A]0

NADH  +  H+  +  pyruvate  1
                                                      (R )-lactate  +  NAD+

acetyl-SCoA  +  histone  1
                                          acetylhistone  +  HSCoA

magnesium 5-phospho-   -∂-ribose 1-diphosphate

                  +  hypoxanthine  1  MgOPO3PO3
2–

                                    +  inosine 5A-phosphate  +  H+

a
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These facts are consistent with a kinetic mecha-
nism in which magnesium 5-phospho-a-∂-ribose 
1-diphosphate must associate with the enzyme before 
hypoxanthine and magnesium diphosphate must 
dissociate before inosine 5A-phosphate (Table 3-2). 
 Reactants also can associate in an obligate 
order and products can dissociate at random. Both 
magnesium uridine 5A-diphosphate and deoxycyti-
dine 5A-phosphate as products are competitive with 
respect to magnesium uridine 5A-triphosphate as a 
reactant in the reaction catalyzed by human deoxy-
cytidine kinase 

   
                (3-252) 

while magnesium uridine 5A-diphosphate as a product 
is uncompetitive and deoxycytidine 5A-phosphate 
as a product is noncompetitive with respect to deoxy-
cytidine at saturating magnesium uridine 5A-triphos-
phate.127 These facts are consistent with a kinetic 
mechanism in which magnesium uridine 5A-triphos-
phate must associate with the enzyme before deoxy-
cytidine can associate but deoxycytidine 5A-phosphate 
and magnesium uridine 5A-diphosphate dissociate 
at random (Table 3-2). 
 In the case of an enzyme displaying double re-
ciprocals for the initial concentrations of each var-
ied reactant that are parallel to each other at fixed 
concentrations of the other reactant (Figure 3-8), 
inhibition by products determines whether the two 
irreversible steps in this ping-pong kinetic mech-
anism are each the result of the dissociation of a 
product or one or both of them is due to some other 
irreversible process. For example, in the reaction cat-
alyzed by ovine 3-oxoacid CoA-transferase (Equa-
tion 3-149) 

   
                (3-253) 

the double reciprocals for the reactants suc-
cinyl-SCoA and acetoacetate when one is fixed and 
the other is varied are both sets of parallel lines.87 
Succinate (succ) as a product is competitive with 
respect to acetoacetate (acac) as a reactant, and 
acetoacetyl-SCoA (acac-SCoA) as a product is com-
petitive with respect to succinyl-SCoA as a reactant. 
Succinate as a product is noncompetitive with re-
spect to succinyl-SCoA (succ-SCoA) as a reactant, 

and acetoacetyl-SCoA as a product is noncompeti-
tive with respect to acetoacetate as a reactant.87 
These facts are consistent with a kinetic mecha-
nism 

 
                (3-254) 

in which succinate dissociates from the enzyme in 
a step preceding the association of acetoacetate (acac) 
and acetoacetyl-SCoA dissociates from the enzyme 
in a step preceding the association of succinyl-SCoA 
(Table 3-2). 
 In this kinetic mechanism, the irreversible 
steps separating the associations of each of the two 
reactants, succinyl-SCoA and acetoacetate, both re-
sult from the dissociation of a product, acetoace-
tyl-SCoA and succinate, respectively. Succinate in 
the reverse direction and acetoacetate in the for-
ward direction associate with the same form of the 
enzyme, E(SCoA), and compete with each other for 
that form (Equation 3-254). Acetoacetyl-SCoA and 
succinyl-SCoA associate with the same form of the 
enzyme, E, and compete with each other for that 
form (Equation 3-254). These two competitions are 
consistent with the conclusion that succinate and 
acetoacetate, in turn, occupy the same locations in 
the active site and that succinyl-SCoA and aceto-
acetyl-SCoA, in turn, occupy the same locations in 
the active site. The fact that, in this kinetic mecha-
nism, succinate must dissociate from the enzyme 
before acetoacetate can associate requires that the 
coenzyme A portion of succinyl-SCoA remain asso-
ciated with the active site in the undefined form 
E(SCoA) because, if it did not, the reaction would 
become a simple acyl-CoA hydrolase, and the free 
energy of hydrolysis of the thioester would be lost. 
 Patterns of product inhibition such as the one 
just described are not alone sufficient to define a 
ping-pong kinetic mechanism in which the dissoci-
ations of products provide the irreversible steps 
(compare the first entry and sixth entry in Table 3-2), 
but the behavior of the initial rates of the enzymatic 
reaction as a function of the reactants (Figure 3-8) 
and the product inhibitions (Table 3-2) together 
are sufficient. 
 There are enzymes that convert reactant A to 
product Z at one active site, transfer to another active 

MgUTP 
2– + deoxycytidine  1

        H+ +  deoxycytidine 5A-phosphate + MgUDP 
–

acetoacetate  +  succinyl-SCoA  1 
                                    acetoacetyl-SCoA  +  succinate

E + succ-SCoA  +  acac  1  E·succ-SCoA  +  acac

  1  E(SCoA) + succ + acac  1
     E(SCoA)·acac + succ  1  E·acac-SCoA + succ

         1  E  +  acac-SCoA  +  succ
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site the functional group that was subtracted from 
reactant A to make product Z, and add that func-
tional group to reactant B at that other active site to 
convert reactant B into product Y. In such instances, 
the pattern of product inhibition is opposite93 from 
that for the kinetic mechanism in which product A 
is released before reactant B can bind and product Y 
is released before product A can bind (Table 3-2) 
because the product and the reactant for each of 
the independent active sites compete with each 
other. This latter kinetic mechanism, however, also 
produces double reciprocals for the initial concen-
trations of each varied reactant that are parallel to 
each other at fixed concentrations of the other reac-
tant, but it is distinguished from the former by the 
pattern of product inhibition. 
 In the foregoing discussion, rate equations for 
the effects of product inhibition on the various kinetic 
mechanisms—random addition and dissociation, 
ordered association and dissociation, and ping-
pong association—were derived as an academic 
exercise. In general, if the behavior of the observed 
product inhibition is that described by one and only 
one of the entries in Table 3-2, there is no necessity 
to derive a rate equation because it has already 
been done for that situation. First, a full set of kinetic 
data is obtained by varying both the concentration 
of each reactant and the concentration of each prod-
uct, in both the forward and the reverse direction, 
if possible. Second, the types of product inhibition 
are assigned by examining double-reciprocal 
presentations of the data. Third, each set of data is 
fit directly by the appropriate equations for the type 
of product inhibition observed to obtain numerical 
values for the observed rate constants. With all this 
information in hand, simple consultation of the table 
is usually sufficient to discover a particular kinetic 
mechanism consistent with the observations.128 
 
Inhibition of Enzymatic Reactions: 
Reactant Inhibition 
 
 Observation: When the initial concentration of 
a reactant in a reaction catalyzed by an enzyme is 
increased from zero, the initial rate of the reaction 
increases, passes through a maximum, and then 
begins to decrease. The synthetic peptide dansyl-
GCVIA is a reactant in the farnesyl transfer catalyzed 
by protein farnesyltransferase from S. cerevisiae 
 

 
 
Figure 3-16: Behavior of the initial rates of the farnesylations 
catalyzed by protein farnesyltransferase as a function of the 
initial concentrations of the synthetic peptide GCVIA that has 
been modified at its amino terminus with 5-(dimethylamino)-
naphthalene-1-sulfonyl chloride (dansyl chloride).129 Equiva-
lent amounts of protein farnesyltransferase were added to a 
series of reaction mixtures at pH 7.0 and 30 ªC in which the 
concentration of magnesium (2E,6E)-farnesyl diphosphate was 
fixed at 5 mM and the concentrations of dansyl-GCVIA was varied 
between 0.3 and 7.25 mM. The increase in fluorescence of the 
dansyl group upon alkylation of the cysteine in the dansylated 
peptide was monitored continuously to obtain initial rates that 
were converted to the units of second-1 using an emission 
coefficient for dansyl-GC(farnesyl)VIA and the molar mass of 
protein for each mole of active sites. The initial rates (second-1) 
are plotted as a function of the initial concentrations of dansyl-
GCVIA (micromolar). The data were fit with Equation 3-257, 
and the values for the parameters of the fit were k0 = 5.5 ± 0.9 s-1, 
kpep = 2.77 ± 0.15 s-1 mM-1, and Ki,pep = 1.05 ± 0.21 mM, where pep 
refers to the reactant dansyl-GCVIA and kpep is the specificity 
constant for dansyl-GCVIA. 
 
 

        
                (3-255) 

where -GCVIA- is the segment of a protein contain-
ing a cysteine that is farnesylated by the enzyme. The 
fact that the synthetic peptide is a competent reac-
tant suggests that the active site recognizes only this 
short sequence in the much larger proteins that are 
its natural substrates. When the initial concentra-
tion of dansyl-GCVIA is varied, the initial rate of the 
reaction increases and then decreases (Figure 3-16).129  
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The decrease in the initial rate as the initial concen-
tration of the reactant is increased beyond the 
maximum is an inhibition of the enzymatic reaction 
by that reactant. In fact, in the seminal examina-
tion of enzymatic kinetics, that of the reaction cata-
lyzed by b-fructofuranosidase (Figure 3-3),64 the 
reaction was inhibited at 770 mM sucrose. 
 When reactant inhibition is observed, the initial 
rates for the enzymatic reaction at the various initial 
concentrations of reactant A, the reactant producing 
the inhibition, can usually be described by the equa-
tion 
 

  (3-256) 

 
where KiA is the inhibition constant for reactant A. 
In a reaction with two reactants, for which the cata-
lytic constant for reactant A and the specificity con-
stant for reactant A are apparent rate constants, the 
same equation will describe reactant inhibition by 
reactant A as reactant A is varied at fixed concen-
trations of reactant B. In cases of reactant inhibi-
tion, the data are fit with the equation 
 

         (3-257) 

 
where y is v0, x is [A]0, a is k0[E]t, c is kA[E]t, and d is 
KiA. This equation is the one fit to the curve in Fig-
ure 3-16, for which KiGCVIA = 1.05 ± 0.21 mM and the 
Michaelis constant = 2.0 ± 0.21 mM. Notice that when 
KiA = ∞, Equation 3-256 reduces to Equation 3-43 
as it must. 
 Equation 3-256 states that the reactant A is 
uncompetitive with respect to itself because, if the 
respective limits are taken, it can be seen that the 
inhibitor only affects the catalytic constant but not 

the specificity constant for reactant A. This feature 
of the equation makes sense because reactant A 
cannot compete with itself. 
 The dissociation constant for a reactant acting 
as an inhibitor does not have to be in the range of 
the Michaelis constant, as it is when synthetic pep-
tide GCVIA is a reactant for protein farnesyltrans-
ferase. ¬-Tryptophan is a reactant which is also an 
inhibitor of the reaction catalyzed by human indole-
amine 2,3-dioxygenase (previously Equation 2-248) 
 

          
                (3-258) 

 
Its Michaelis constant is 15 mM and its inhibition 
constant is 170 mM.130 
 Explanation: Consider the kinetic mechanism 
of Equation 3-190 for an enzymatic reaction with 
only one reactant but with reactant A as the inhibi-
tor instead of inhibitor I 
 

     (3-259) 

 
If KdI is replaced by KdA, KdI,A is replaced by KdA,A, 
and [I] is replaced by [A]0, Equation 3-193 can be 
rearranged to 
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(3-260) 

which has the form of Equation 3-256. For the ki-
netic mechanism of Equation 3-55, which is that 
for Equation 3-259 in the absence of any reactant 
inhibition, Km is (k2 + k-1) k1

-1, so in Equation 
3-256 

        (3-261) 

 Therefore, in the abstract, if reactant A can as-
sociate with a site that is distinct from the active 
site with which it associates productively, and if 
that association produces a dead-end complex,131 
Equation 3-256 should describe that inhibition. It 
has been concluded that, in the case of human in-
doleamine 2,3-dioxygenase, the ¬-tryptophan asso-
ciates with a site other than the active site when it is 
acting as an inhibitor.130 If KdA = KdA,A > Km, the meas-
ured value of KiA is KdA, the dissociation constant 
for reactant A from the site at which it inhibits the 
enzyme. 
 One site with which reactant A can associate to 
produce a fully inhibited, dead-end complex is the 
site with which reactant B associates in an enzyme 
that has two reactants. For example, the inhibition 
by the reactant phosphoenolpyruvate of the reaction 
catalyzed by 3-phosphoshikimate 1-carboxyvinyl-
transferase from E. coli 

  
                (3-262) 

is thought to result from the dead-end association 
of phosphoenolpyruvate with the site with which 
3-phosphoshikimate associates because increasing 
the initial concentration of 3-phosphoshikimate 
increases the inhibition constant KiPEP for phos-
phoenolpyruvate as an inhibitor.132 Likewise, the 
inhibition by the reactant ¬-homocysteine of the 

reaction catalyzed by cystathionine b-synthase from 
S. cerevisiae 

      
                (3-263) 

is thought to result from its dead-end association 
with the site with which ¬-serine must associate 
during the enzymatic reaction.133 This conclusion 
makes sense because both of the reactants are 
¬-amino acids. 
 Suppose that, in an enzymatic reaction with 
two reactants, the two reactants must associate 
with the enzyme in a particular order for a produc-
tive ternary complex between the enzyme and the 
reactants to be produced (Equation 3-109). If the 
reactant required to be second (reactant B) associates 
before the reactant required to be first (reactant A), 
a dead-end complex that cannot participate in the 
enzymatic reaction could form. For example, in the 
reaction catalyzed by protein farnesyltransferase 
from S. cerevisiae (Equation 3-255), there is kinetic 
evidence consistent with the conclusion that 
(2E,6E)-farnesyl diphosphate (reactant A) must as-
sociate with the active site before the protein to be 
farnesylated (reactant B) associates to produce a 
productive ternary complex. Consequently, the re-
actant inhibition observed with dansyl-GCVIA 
(Figure 3-16) is thought to result from the formation 
of a binary, unproductive, dead-end complex be-
tween the enzyme and the peptide (E·B) associating 
in its usual location in the active site and that this 
complex is unproductive because it prevents asso-
ciation of (2E,6E)-farnesyl diphosphate.129 In the 
case of the reactant inhibition of human trypto-
phan 5-monooxygenase by ¬-tryptophan, it was 
concluded that the reactant inhibition was due to 
the association of ¬-tryptophan in its usual location 
in the active site but in the wrong order so that the 
association of the reactant 5,6,7,8-tetrahydropteri-
dine is prevented. To form a productive ternary 
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k 1 k 2 K dA[E]t

(k –1  + k 2 )  +  k 1 K dA
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(          )

[A]0{                          } k 1 k 2 [E]t
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{            }
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  5-O-(1-carboxyvinyl)-3-phosphoshikimate
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complex, the reactant 5,6,7,8-tetrahydropteridine 
must associate before ¬-tryptophan. This conclu-
sion that the inhibition is the result of ¬-tryptophan 
associating with the active site in its usual location 
was based on examinations of crystallographic molec-
ular models of the occupied enzyme as well the fact 
that 5,6,7,8-tetrahydropteridine competes with 
¬-tryptophan for the form of the enzyme with which 
¬-tryptophan associates as an reactant inhibitor.134 
 A kinetic mechanism in which reactants are 
required to associate in a particular order (Equa-
tion 3-109) is a special case of the kinetic mecha-
nism of Equation 3-136 in which only one of the 
two paths is productive. Suppose that only the upper 
path in the kinetic mechanism of Equation 3-136 is 
productive. If, however, only the first step in the 
lower path can occur—namely, the association of 
reactant B in the wrong order—this association 
would result in a dead-end complex and inhibition 
by that reactant, but the lower path can also pro-
duce a productive ternary complex E·A·B, albeit at a 
significantly slower rate than the upper.135 In this 
case, reactant B, by shunting the reaction onto the 
lower path, would be an inhibitor of the reaction at 
high concentration, but it would not be a dead-end 
inhibitor. In this situation, there will still be a finite 
rate to the catalytic reaction at an infinite concen-
tration of reactant B, which is possible for Equation 
3-137, rather than a zero rate as required by Equa-
tion 3-256. Consequently, reactant inhibition that 
shows the behavior of Equation 3-137, with a finite 
rate at saturating initial concentrations of the reac-
tant, is consistent with the steady-state kinetic 
mechanism of Equation 3-136. Again, however, 
perhaps because the kinetic equations are so com-
plex (Table 3-1), few if any kinetic studies have 
concluded that the kinetic mechanism of an enzyme 
is that of Equation 3-136. 
 
 In addition to dead-end inhibition, product 
inhibition, and reactant inhibition, the trapping of 
a radioisotopically labeled reactant provides an-
other observation in a determination of the order 
in which reactants associate with an enzyme. 
 When orotate phosphoribosyltransferase from 
S. typhimurium (Equation 3-227) at a high concen-
tration (40 mM) was equilibrated with a saturating 
concentration (40 mM) of magnesium 5-phospho-
a-∂-ribose 1-[b-32P]diphosphate in 10 mL of solu-
tion and then rapidly diluted into a large volume 
(800 mL) of a second solution containing 10 mM 
nonradioactive magnesium 5-phospho-a-∂-ribose 
1-diphosphate and 2.5 mM orotate, an amount of 

magnesium [32P]diphosphate equivalent to 88% of 
the active sites present in the first solution was 
produced in the first few seconds of the enzymatic 
reaction that commenced in the second solution.136 
This observation demonstrates that magnesium 
5-phospho-a-∂-ribose 1-diphosphate must be able 
to associate with the enzyme in the absence of oro-
tate. If it had to wait for orotate, no radiolabeled 
magnesium 5-phospho-a-∂-ribose 1-diphosphate 
could have associated with the enzyme before the 
dilution, only insignificantly radiolabeled magnesium 
5-phospho-a-∂-ribose 1-diphosphate could have 
associated after the dilution, and no radiolabeled 
diphosphate would have been produced. It also 
demonstrates that this magnesium 5-phospho-
a-∂-ribose 1-diphosphate that associates with the 
unoccupied active site is capable of participating in 
the reaction. When enzyme (150 mM) and [2-14C]oro-
tate (180 mM) in 10 mL of solution were diluted into 
800 mL of a solution containing 1.9 mM nonradio-
active orotate and 2 mM magnesium 5-phospho-
a-∂-ribose 1-diphosphate, an amount of [2-14C]oroti-
dine 5A-phosphate equal to 55% of the active sites 
present was produced in the first few seconds.136 
Consequently, both magnesium 5-phospho-
a-∂-ribose 1-diphosphate and orotidine must be 
able associate productively with the unoccupied 
active site, and consequently they must be able to 
associate at random during the normal enzymatic 
reaction. 
 Squalene synthase from S. cerevisiae is unusual 
in that it converts two molecules of the same reac-
tant, (2E,6E)-farnesyl diphosphate, into an inter-
mediate in the active site that is then reduced by 
NADPH to give the product squalene. If the enzyme 
is mixed first with a saturating concentration of 
[14C]-(2E,6E)-farnesyl diphosphate and then mixed 
with solution containing a saturating concentration 
of [4-3H]NADPH and unlabeled (2E,6E)-farnesyl 
diphosphate in significant excess over the initial 
[14C]-(2E,6E)-farnesyl diphosphate, the ratio be-
tween carbon-14 and tritium in the product after 
the first turnover of the reaction could be estimated 
by extrapolation of the ratio observed over time. 
The results clearly demonstrated that two mole-
cules of [14C]-(2E,6E)-farnesyl diphosphate were 
trapped on the active site by the association of the 
[4-3H]NADPH. It could be concluded that two mole-
cules of (2E,6E)-farnesyl diphosphate can associate 
with the unoccupied active site in the absence of 
NADPH and presumably form the intermediate 
that is then reduced after the dilution when the 
NADPH was present.137  
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 Unfortunately, the results expected from trap-
ping of isotopically labeled reactants in the case of 
their ordered addition to the enzyme are often am-
biguous. For example, in the case of 2-C-methyl-
∂-erythritol 4-phosphate cytidylyltransferase 

                (3-264) 

from E. coli, Mg[2-14C]CTP2- associated with the unoc-
cupied active site is trapped in the product upon 
addition of 2-C-methyl-∂-erythritol 4-phosphate, 
but [2-14C]2-C-methyl-∂-erythritol 4-phosphate is 
not trapped in the product138 upon addition of 
MgCTP2-. This result is consistent with a kinetic 
mechanism in which MgCTP2- must associate with 
the enzyme before 2-C-methyl-∂-erythritol 4-phos-
phate, but it is also consistent with a kinetic mech-
anism in which reactants can associate at random 
but the dissociation of 2-C-methyl-∂-erythritol 
4-phosphate from the enzyme is much more rapid 
than the conversion of the two reactants to the 
products once they are in the active site. In other 
words, for such observations to be consistent with 
an ordered addition of reactants, both reactants, 
MgCTP2- and 2-C-methyl-∂-erythritol 4-phosphate, 
once they are in the active site, must dissociate 
from the active site more slowly than they are con-
verted to the products free in solution.139 Likewise, 
the failure to trap 18O2 preequilibrated with unoc-
cupied active site in the product 5-hydroxyisourate 
can mean, in the absence of other observations, either 
that urate must associate with urate oxidase from 
Glycine max before O2 can associate or that O2 
equilibrates with the enzyme much more rapidly 
than urate can be turned into 5-hydroxyisourate on 
the active site,140 which seems reasonable when the 
structures of the two reactants are considered. Such 
measurements, however, can be used to provide 
further evidence consistent with the existence of an 
ordered addition, along with other kinetic meas-
urements. 
 In the case of the reaction catalyzed by bovine 
cAMP-dependent protein kinase 

     
                (3-265) 

where LRRASLG is the peptide of this sequence, the 
failure of the peptide to trap Mg[2-3H]ADP– pre-
equilibrated with the unoccupied active site in the 
product MgATP2- was attributed to the rapid equi-
libration of MgADP- with the enzyme relative to the 
conversion of reactants to products on the active site 
rather than a requirement that LRRAS(PO3

2-)LG must 
associate before MgADP- does.141 
 
 The kinetics of any enzymatic reaction in 
which there are more than two reactants can be 
simplified to the kinetics of a reaction with two re-
actants by adding saturating concentrations of the 
other reactants to the solution. This stratagem, how-
ever, has consequences that depend on the order in 
which reactants associate with the enzyme. 
 If the reactants must associate with the enzyme 
in a particular order, A, B, C, …, then the place in that 
sequence of each reactant that is set in turn at sat-
uration determines the patterns of bireactant kinetics 
observed. When any one of the reactants is held at 
saturation, this choice of conditions has the effect 
of converting the step in which this reactant associ-
ates with the enzyme into a kinetically irreversible 
step. 
 Consider an enzyme with three reactants, A, B, 
and C, that must add in the order reactant A before 
reactant B before reactant C. When reactant C is 
held at saturation, its association with the enzyme 
becomes a formally and kinetically irreversible step 
and is incorporated into the kinetically silent pro-
cesses of the conversion of reactants to products on 
the active site and the release of products. The bi-
reactant kinetics for variation in the initial concen-
trations of reactant A and reactant B, the effects of 
dead-end inhibitors, and the inhibitions by prod-
ucts are those for two reactants that must associate 
with the enzyme in the order reactant A before re-
actant B. 
 When reactant A is held at saturation, the un-
occupied active site is converted entirely to the 
complex E·A, and a kinetically irreversible step has 
been formally created between the dissociation of 
products and the association of reactant B. The bire-
actant kinetics for variations in the initial concentra-
tions of reactant B and reactant C and the effects of 
dead-end inhibitors are those for two reactants that 
must associate with the enzyme in the order reac-
tant B before reactant C, and the patterns of product 
inhibition are those for a kinetic mechanism in 
which a kinetically irreversible step exists between 
the dissociation of products and the association of 
the first reactant, reactant B. 

MgCTP 
2– +  2-C-methyl-∂-erythritol 4-phosphate

1  MgOPO3PO3
2–  +

4-(cytidine 5A-diphospho)-2-C-methyl-∂-erythritol  

H+ +  MgADP 
– +  LRRAS(PO3

2–)LG 1
                                                   LRRASLG  +  MgATP 

2–
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 When reactant B is held at saturation, howev-
er, the association of reactant B with the complex 
E·A to form the complex E·A·B becomes formally 
and kinetically irreversible. This situation places a 
kinetically irreversible step between the association 
of reactant A and the association of reactant C. 
When one of these two reactants, A or C, is varied at 
several fixed concentrations of the other, the bire-
actant kinetics are those in which the double re-
ciprocals are parallel lines. For example, when the 
initial concentration of carbon dioxide was varied 
at several fixed concentrations of NADH, the dou-
ble reciprocals of the initial rates for the reaction 
catalyzed by homoisocitrate dehydrogenase from S. 
cerevisiae 

 
                (3-266) 

were parallel lines if a saturating concentration of 
2-oxoadipate was present. This observation is con-
sistent with a kinetic mechanism in which NADH 
must associate with the enzyme before 2-oxo-
adipate, which must associate with the enzyme 
before CO2.142 
 The observation of parallel double reciprocals 
when one reactant is varied at several fixed concen-
trations of the other while a third reactant is held at 
saturation, however, is not alone indicative of a ful-
ly ordered kinetic mechanism. For example, when 
the initial concentration of tetrahydrobiopterin was 
varied at several fixed initial concentrations of mo-
lecular oxygen, the double reciprocals of the initial 
rates for the reaction catalyzed by phenylalanine 
4-monooxygenase from Chromobacterium violaceum 

  
                (3-267) 

at saturating concentrations of ¬-phenylalanine 
were parallel.143 In this case, however, other obser-
vations indicated that the kinetic mechanism for 
the enzyme is one in which molecular oxygen must 
associate first and then ¬-phenylalanine and tetra-
hydrobiopterin associate at random. When the 
concentration of ¬-phenylalanine is at saturation, it 
associates immediately and irreversibly with the 
active site after molecular oxygen has associated, 
and its kinetically irreversible association separates 

the association of oxygen and the association of tet-
rahydrobiopterin, resulting in the parallel double 
reciprocals. In this case, the reason for the parallel 
double reciprocals is the same; namely, that the 
saturation with one reactant creates a kinetically 
irreversible step between the association of the 
other two, but the kinetic mechanism of the reac-
tion is not fully ordered. 
 The kinetics of phosphopantothenate—cysteine 
ligase (CTP) 

  
                (3-268) 

from Enterococcus faecalis illustrate the complexity 
that can be encountered when an enzyme has three 
reactants and three products. 
 When the initial concentration of MgCTP2- is 
varied at saturating concentrations of ¬-cysteine 
and several fixed concentrations of (R)-4¢-phospho-
pantothenate, the double reciprocals are a set of 
lines that intersect in the second quadrant. When, 
however, the initial concentration of ¬-cysteine is 
varied at several fixed concentrations of either 
MgCTP2- or (R)-4¢-phospho-pantothenate while the 
other reactant is held at saturating concentrations, 
the double reciprocals in each case are a set of paral-
lel lines. These observations are consistent with a 
kinetic mechanism in which a kinetically irreversible 
step exists between the association of MgCTP2- and 
(R)-4¢-phospho-pantothenate and the association 
of ¬-cysteine with the active site. 
 The product CMP- is competitive with respect 
to the reactant MgCTP2- and noncompetitive with 
respect to the reactant (R)-4¢-phosphopantothenate 
when both ¬-cysteine and the third reactant, 
(R)-4¢-phosphopantothenate or MgCTP2-, are held 
at saturating concentrations. These observations 
are consistent with a requirement that MgCTP2– 
must to add to the unoccupied active site before 
(R)-4¢-phosphopantothenate, and CMP- can be the 
last product to dissociate from the active site. 
 The product CMP- is uncompetitive with respect 
to the reactant ¬-cysteine when both MgCTP2– and 
(R)-4¢-phosphopantothenate (PPA) are held at satu-
rating concentrations. This observation can be 
shown to be consistent with the following kinetic 
mechanism 

NADH  +  2-oxoadipate  +  CO2  1  NAD+   

   +  (1R,2S )-1-hydroxybutane-1,2,4-tricarboxylate

O2  +  ¬-phenylalanine  +  tetrahydrobiopterin
1  ¬-tyrosine  +  

4a-hydroxytetrahydrobiopterin

Mg CTP2–
 + (R )-4¢-phosphopantothenate +

  ¬-cysteine  1  2 H+
 + MgOPO3PO3

2– + CMP2–

+ N-[(R )-4¢-phosphopantothenoyl]-¬-cysteine
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                (3-269) 

The irreversible step between the unoccupied enzyme, 
E, and a form of the enzyme with an altered active 
site, E¢, which is governed by the rate constant k1, 
includes the association of MgCTP2- and the asso-
ciation of (R)-4¢-phosphopantothenate, which are 
both at saturating concentrations, and the dissocia-
tion of diphosphate (PPi), one of the products of 
the enzymatic reaction, which is absent from the 
solution. The irreversible step between the complex 
E¢·Cys and the unoccupied enzyme E, which is gov-
erned by the rate constant k3, includes the dissocia-
tion of N-[(R)-4¢-phosphopantothenoyl]-¬-cysteine 
(PPCys), one of the products of the enzymatic reaction, 
which is absent from the solution. The dissociation 
of the product CMP- cannot be an irreversible step 
because it is present in the solution as a product 
inhibitor. The rate equation for the kinetic mecha-
nism of Equation 3-269 

                (3-270) 

requires that CMP- be an uncompetitive inhibitor, 
which it is. Because both MgCTP2- and (R)-4¢-phos-
phopantothenate are held at saturating concentra-
tions, this fact alone makes the step governed by 
the rate constant k1 irreversible, so there is no 
requirement that the dissociation of a product occur 
during that step governed. It may be the case that 
diphosphate dissociates after ¬-cysteine has associ-
ated rather than before. 
 All these kinetic observations are consistent 
with a kinetic mechanism in which MgCTP2- asso-
ciates first with the unoccupied active site, followed 
by (R)-4¢-phosphopantothenate. These two bound 

reactants undergo a kinetically irreversible trans-
formation after which ¬-cysteine associates. Following 
a further chemical transformation, N-[(R)-4¢-phospho-
pantothenoyl]-¬-cysteine dissociates from the active 
site before CMP-, or the two dissociate from the active 
site at random.144 If the kinetically irreversible step 
governed by rate constant k1 is the dissociation of 
diphosphate, then diphosphate should be competitive 
with respect to ¬-cysteine, an experiment that was not 
performed. 
 The same kinetic mechanism has been pro-
posed for the reaction catalyzed by EntE, the pro-
tein encoded by the entE gene 

 
                (3-271) 

in E. coli, where HSEntB is the protein encoded by 
the entB gene and 2,3-dihydroxybenzoyl-SEntB is 
HSEntB that has had a 2,3-dihydroxybenzoyl group 
esterified onto the sulfanyl group of its covalently 
attached phosphopantetheinyl group to produce a 
thioester. In this instance, the kinetic mechanism 
that is consistent with the results is one in which 
2,3-dihydroxybenzoate associates first with the un-
occupied active site, followed by MgATP2-. These 
two bound reactants undergo a transformation after 
which magnesium diphosphate dissociates from 
the active site and then HSEntB associates. Following 
a further chemical transformation, 2,3-dihydroxy-
benzoyl-SEntB dissociates from the active site before 
AMP-. This order is consistent with the facts that 
when the initial concentration of 2,3-dihydroxy-
benzoate is varied at saturating concentrations of a 
truncated form of HSEntB that acts as a reactant 
and several fixed concentrations of MgATP2-, the 
double reciprocals are a set of lines that intersect in 
the second quadrant. When, however, the initial 
concentration of either 2,3-dihydroxybenzoate or 
the initial concentration MgATP2- is varied at sev-
eral fixed concentrations of the truncated form of 
HSEntB, when the other reactant is held at saturat-
ing concentrations the double reciprocals in each 
case are a set of parallel lines. That the dissociation of 
magnesium diphosphate is the only irreversible 
step separating the association of 2,3-dihydroxyben-
zoate and MgATP2- and the association of the trun-
cated form of HSEntB, and is therefore responsible for 
these parallel double reciprocals, was demonstrated 
by showing that when magnesium diphosphate is 

E·CMP  +  CTP  +  PPA  +  Cys                       

      CMP  +  E  +  CTP  +  PPA  +  Cys  Æ

            CMP  +  E¢  +  Cys  +  PPi    1
                           CMP  +  E¢·Cys  +  PPi  Æ

                        CMP  +  E  +  PPCys  +   CMP  +  PPi

K d,CMP

k 2

k –2 k 3
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(                        ){ }
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included in the solution, the double reciprocals 
become a set of intersecting lines.145 
 In both the reaction catalyzed by phosphopan-
tothenate—cysteine ligase (CTP) and the reaction 
catalyzed by the product of the entE gene, a nucle-
oside triphosphate and a reactant with a carboxy 
group associate with the active site, and diphosphate 
dissociates before the third reactant associates. 
These kinetic observations in each case suggest that 
a covalent intermediate, an anhydride between the 
carboxy group and either a cytidylate or an adenylate, 
is formed on the active site by a nucleophilic substi-
tution at the a phosphorus of the respective nucle-
oside triphosphate with the respective carboxylato 
group as the nucleophile and diphosphate as the 
leaving group. This intermediate anhydride, which 
is electrophilic and susceptible to nonenzymatic 
hydrolysis because the cytidylate or the adenylate 
is a good leaving group, is tightly held in the active 
site awaiting the association of the respective thiol 
to which the carboxy group is to be transferred in a 
second nucleophilic substitution. 
 If the reactants associate at random with the 
enzyme, then the patterns of the bireactant kinetics 
observed when any two are varied and the others 
are held at saturation will all be the same because 
all the reactants are equivalent as far as their asso-
ciation with the active site is concerned. For exam-
ple, if there are four reactants (A, B, C, and D) and 
reactant C and reactant D are held at saturation, the 
unoccupied active site is converted completely into 
the complex E·C·D. A kinetically irreversible step is 
placed between the release of products and the 
association of reactant A and reactant B, but since 
at least one of the products must be absent, the dis-
sociation of that product is already an irreversible 
step. The bireactant kinetics for variation in the initial 
concentrations of reactant A and reactant B and the 
effects of dead-end inhibitors will be those for the 
random addition of A and B to the enzyme. The 
same kinetic patterns will be observed when reac-
tant A and reactant B are held at saturation and reac-
tant C and reactant D are varied and so forth. 
 For example, for the reaction catalyzed by 
phosphoribosylaminoimidazolesuccinocarboxamide 
synthase from E. coli 

      
                (3-272) 

when each of the reactants in turn was held at satu-
ration, the initial rates as a function of the initial 
concentrations of the other two all showed intersect-
ing patterns for the double reciprocals. The patterns 
of dead-end inhibition for each bireactant combi-
nation at saturation with the third were those expected 
for a kinetic mechanism in which the two reactants 
associate at random with the active site on the en-
zyme.146 Consequently, all the observations together 
were consistent with a kinetic mechanism in which 
all three of the reactants combined with the enzyme 
at random. 
 When there are three or more products for an 
enzymatic reaction, patterns of product inhibition will 
suggest the order in which they dissociate (Table 3-2). 
For example, S-adenosylmethionine:tRNA ribosyl-
transferase-isomerase from E. coli catalyzes a reaction 
with two reactants and three products. It modifies 
7-(aminomethyl)-7-deazaguanosine in a transfer RNA 
(preQ1-tRNA) to produce epoxyqueuosine at that 
site in the transfer RNA (oQ-tRNA) in the reaction 

     
                (3-273) 

The patterns of product inhibition (Table 3-3) are 
consistent with a kinetic mechanism in which 
preQ1-tRNA must associate with the enzyme before 
S-adenosyl-¬-methionine, and adenine must disso-
ciate before ¬-methionine, which must dissociate 
before oQ-tRNA. Were the association of reactants 
at random and the dissociation of products at random, 
each product the structure of which overlapped 
significantly the structure of one of the reactants 
would be competitive with respect to that reactant, 
which is not observed to be the case. 
 
 
 
 
 
 

 

5-amino-1-(5-phospho-∂-ribosyl)imidazole-
4-carboxylate  +  MgATP 

2–
 +  ¬-aspartate  1

MgADP 
– +  H2OPO3

–  +
(S)-2-[ 5-amino-1-(5-phospho-

∂-ribosyl)imidazole-4-carboxamido]succinate
                     

preQ1-tRNA  +  S-adenosyl-¬-methionine
   1  adenine  +  ¬-methionine  +  oQ-tRNA 
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Table 3-3: Pattern of Product Inhibitions of S-Adenosyl-
methionine:tRNA Ribosyltransferase Isomerase from 
E. coli147 

product 
inhibitor 

varied 
reactant 

status of fixed 
reactant 

pattern of  
inhibition 

adenine preQ1-tRNA 

preQ1-tRNA 

S-adenosyl- 
methionine 

unsaturating 

saturating 

unsaturating 

noncompetitive 

uncompetitive 

noncompetitive 

 

methionine preQ1-tRNA 

S-adenosyl-
methionine 

S-adenosyl-
methionine 

unsaturating 

unsaturating 

 
saturating 

uncompetitive 

noncompetitive 

 
uncompetitive 

oQ-tRNA preQ1-tRNA 

S-adenosyl-
methionine 

unsaturating 

unsaturating 

competitive 

noncompetitive 

 

 
 
 The foregoing discussion has substantiated 
two features of steady-state kinetics. First, any step 
in the kinetic mechanism of the enzymatic reaction 
that involves the association of a substrate with the 
enzyme, or the dissociation of a substrate from the 
enzyme, is ultimately responsible for the variations 
in initial rate that are observed when the initial con-
centration of that substrate is varied. Because of this 
fact, steady-state kinetics elucidate details of only 
the association and dissociation of substrates. 
Second, any step following the assembly of all the 
reactants on the active site and preceding the 
release of the first product from the active site can-
not be studied in isolation by steady-state kinetics 
because the rate constants for these steps are accu-
mulated into composite rate constants and do not 
affect the form of the rate equation for the initial 
rate or the patterns of any inhibitions. 
 For such kinetically silent steps, steady-state 
kinetics provide only a value for a composite rate 
constant. The catalytic constant k0 is usually such a 
composite rate constant and registers the overall 
rate of transformation of reactants into products, 
usually through several elementary steps, and the 
rates of dissociation of the products because the 
reaction is not limited by the rates at which the 

reactants associate with the active site. This prop-
erty of the catalytic constant results from the fact 
that, at saturation, the initial concentrations of reac-
tants are so high that their association with the active 
site is more rapid than those steps that do not in-
volve their association. 
 Once these two aspects of steady-state kinetics 
have been understood, a notation that is used to 
represent the only conclusion of a kinetic study 
can be appreciated. A horizontal line is drawn that 
represents the progress of the enzymatic reaction. 
Vertical arrows above the horizontal line and joined 
to it connect each substrate to the horizontal line. 
An arrow entering the line indicates a reactant asso-
ciating with the active site; an arrow exiting the line 
indicates a product dissociating from the active 
site. The order in which the arrows are drawn indi-
cates the order in which substrates associate with 
or dissociate from the enzyme. For example, for the 
∂-lactate dehydrogenase from S. toyocaensis (Equa-
tion 3-249), the notation would be 
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(3-274)

 

and for ovine 3-oxoacid CoA-transferase (Equation 
3-149) the notation would be 

                       

(3-275)

 

If the order is random, the horizontal line is bifur-
cated. For example, for human phosphoinositide-
dependent protein kinase (Equation 3-225) the nota-
tion would be 

                     

(3-276)

 

By microscopic reversibility, it must be the case 
that, in the reverse direction, the arrows are simply 
reversed, and the relative order of events must be 
the exact opposite of that in the forward direction. 
 In addition, however, to determining the order 
in which reactants associate with the active site and 
products dissociate from the active site, steady-
state kinetics also provide numerical values for the 
catalytic constant, the various specificity constants, 
and hence the various Michaelis constants. These 
kinetic constants are fundamental constants describ-
ing a particular enzymatic reaction, and they are relied 
upon for, among others, comparisons of various reac-
tants, comparisons of various site-directed mutants, 
and comparisons of the same enzyme from differ-
ent species. For example, the fact that the catalytic 
constant and the specificity constant for a mis-
matched pair of nucleotide bases between the 

template and the 2¢-deoxynucleoside triphosphate 
that is adding to the elongating strand of DNA are 
0.02 s-1 mM-1 and 0.14 s-1, respectively, while the 
catalytic constant and specificity constant for a 
matched pair are 15,000 s-1 mM-1 and 300 s-1, respec-
tively, dramatically demonstrates the fidelity of the 
active site of DNA-directed DNA polymerase from 
Escherichia phage T7 while it is replicating DNA.148 
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Problem 3-5: Porcine fumarate hydratase (FH) 
catalyzes the hydration of fumarate to ¬-malate 
(Equation 3-1). The following data were obtained 
when fumarate was used as the reactant and the in-
itial rate of the hydration reaction was measured at 
pH 6.2 and 25 ªC, and a concentration of active sites 
of 8 mM. 

fumarate 
  (mM) 

rate of formation 
of malate 

(mmol L-1 min-1) 

2.0 2.5 
3.3 3.1 
5.0 3.6 

10.0 4.2 

Æ

Æ ÆNADH      pyruvate               (R )-lactate      NAD+

Æ

acetoacetyl-SCoA
acetoacetate

succinate
succinyl-SCoA

protein
MgATP 

2– MgADP 
–

phosphoprotein

MgATP 
2–

protein phosphoprotein
MgADP 

–
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When the same reaction was studied in a buffer 
containing 0.06 M phosphate, at the same pH and 
concentration of enzyme, the following data were 
obtained. 
 

fumarate 
   (mM) 

rate of formation 
of malate 

(mmol L-1 min-1) 

2.0 4.0 
3.3 5.0 
5.0 5.8 

10.0 6.6 

 
 (A) Determine the value of the observed catalytic 

constant, k0,F, and the observed specificity 
constant for fumarate, kF, for the two condi-
tions listed. Analyze and discuss briefly any 
significant differences. 

 
 The Haldane equation for an enzymatically 
catalyzed reaction with a single reactant A and a 
single product Z relates the specificity constant kA 
and the specificity constant kZ for the forward and 
the reverse reaction, respectively, to the equilibri-
um constant for the reaction Keq 

 

 The initial rates of the hydration reaction cata-
lyzed by fumarate hydratase at 25 ªC were measured 
as a function of pH and for various initial concen-
trations of fumarate and an enzyme concentration 
of 2 ¥ 10-6 M. The values obtained, expressed as milli-
moles of malate liter-1 minute-1, were as follows. 
 

 concentration of fumarate 
(mM) 

pH 10 5 2.5 1.25 

5 0.92 0.81 0.66 0.48 
6 4.00 3.28 2.42 1.60 
7 5.40 4.30 3.08 1.96 
8 2.67 2.40 1.99 1.53 
9 0.21 0.17 0.16 0.12 

 

The values of the limiting rate for the dehydration 
of ¬-malate (k0,M[FH]t), catalyzed by fumarate hydra-

tase under the same conditions, had the following 
dependence on pH. 
 

 
pH 

k0,M[FH]t 
for malate 

(mmol L-1 min-1) 

5 0.068 
6 0.044 
7 3.00 
8 5.88 
9 2.00 

 
The overall equilibrium constant for the reaction, 
Keq, is independent of pH over the range from pH 5 
to 9 and has a value of 4.7. 
 
 (B) Determine values for the observed catalytic 

constant, k0,F, and the observed specificity 
constant for fumarate, kF, for the hydration 
reaction at each value of pH. 

 (C) Calculate the values of the observed specific-
ity constant for malate, kM, for the dehydra-
tion reaction at each value of pH. 

The decrease in the concentration of fumarate due 
to its hydration to ∂,¬-malate was measured at 
pH 5.7 and 25 ªC in the absence of enzyme. 
 

fumarate 
   (mM) 

time 
(h) 

20.0 0 
19.1 20 
18.3 40 
17.5 60 
16.7 80 

 
 (D) Compare the initial rate constant for this re-

action with the catalytic constant for the cat-
alyzed reaction and calculate the factor by 
which the rate of the hydration reaction is 
increased when the reactants are bound to 
the active site of the enzyme. 

 

Problem 3-6: Derive the rate equations for the ki-
netic mechanisms in Equations 3-55, 3-84, 3-85, 
3-91, 3-109, 3-121, 3-134, 3-141, 3-154, 3-183, 
3-194, 3-210, 3-223, and 3-237. 

 

K eq  =
k A

k Z
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Problem 3-7: Derive the rate equation for the ki-
netic mechanism 

 

 

Problem 3-8: Hexokinase (HK) catalyzes the reac-
tion in Equation 3-94. Magnesium ion, Mg2+, is re-
quired for the enzymatic reaction. Magnesium 
dication forms complexes with the various conju-
gate bases of ATP 

 

where Hn and Hm are the numbers of hydrons on 
the free phosphotriester of ATP and the chelated 
phosphotriester, respectively. The values for these 
numbers depend on the pH. The values for the dis-
sociation constants of these various complexes 
have been measured as a function of pH. At a par-
ticular pH, at any total concentration of Mg2+ in all 
its complexes, and at any total concentration of ATP 
in all its complexes, the following concentrations 
can be calculated: the total molar concentration of 
MgATP, [MgATP]t, which is the total concentration 
of ATP in all hydronation states that is complexed 
with Mg2+, and the total molar concentration of ATP, 
[ATP]t, which is the total concentration of ATP in all 
hydronation states that is not complexed with 
Mg2+. In this way the molar concentrations of MgATP 
and ATP can be varied independently. When [ATP]t 
was fixed and [MgATP]t was varied systematically, 
v0

-1 was a linear function of [MgATP]t
-1. When 

[ATP]t was changed to a higher fixed level, the initial 
rate v0 of hexokinase from R. norvegicus decreased 
at every [MgATP]t, but the limiting rate, k0[HK]t, for 
[MgATP]t was unchanged (Figure 3-11A). How do 
these results define what is the actual reactant and 
what is an inhibitor of the enzymatic reaction? 
What type of inhibitor is it? 

 

 

 

 

 

Problem 3-9: Procollagen-lysine 5-dioxygenase cata-
lyzes the reaction 

 

Although it is not a participant in the stoichiometric 
reaction, ascorbate (Equation 2-163) and Fe2+ are 
required to maintain the iron in the enzyme in the 
ferrous form. When the concentration of ascorbate 
is varied at a fixed concentration of any one of the 
three stoichiometric reactants and saturating concen-
trations of the other two, the reciprocal of the initial 
rate, v0

-1, for the enzyme from G. gallus is a linear 
function of [ascorbate]0

-1. If the fixed substrate is 
set at other concentrations, the lines defined by the 
data are all parallel.149 For example, if lysyl peptide 
is the fixed substrate and oxygen and 2-oxoglutarate 
are always saturating 

 

Behavior of the initial rate of the reaction catalyzed by procol-
lagen-lysine 5-dioxygenase from G. gallus as a function of the 
initial concentrations of ascorbate and a peptide oxidized by 
the enzyme. The enzymatic reaction was assayed by using 
2-oxo-[1-14C]glutarate as a reactant and following the production 
of 14CO2. The initial rates are the disintegrations per minute of 
14CO2 produced over 40 min at 37 ªC. The reciprocals of the 
initial rates of the reaction, v0-1, are plotted as a function of the 
reciprocals of the initial concentrations of ascorbate (millimolar-1) 
at different fixed concentrations of the peptide substrate.149 
The concentrations of the lysyl peptide were 0.1, 0.15, 0.2, and 
0.75 mg mL-1 for the lines in descending order. The concentra-
tion of Fe2+ was 0.05 mM, and that of 2-oxo-[1-14C]glutarate 
was 0.1 mM. 
 
 
 

E  +  A  +  B  1  E·A  +  B  1  E·A·B

            1  E·Z·Y  Æ  E  +  Y  +  Z

k 1

k –1

k 2

k –2 k 4k 3

k –3

Mg 
2+ +  HnATP(4 – n) –  1

                                      Mg HmATP(2 – m) – +  (n – m)H 
+

lysyl peptide  +  2-oxoglutarate  +  O2  1
                           (2S,5R )-5-hydroxylysyl peptide

                                                       +  succinate  +  CO2

0.5

2 6
[ascorbate ]0 

–1  (mM 
–1)

1.0

4 8
0

0

v 0
 –1

   
 (d

pm
 14

C
O

2)
–1

 (4
0 

m
in

) ¥
 1

03  



Association of Substrates with the Active Site 
 

720 

 (A) What do these kinetic observations say about 
the relation between the lysyl peptide and 
ascorbate? 

 (B) Because the same type of behavior is ob-
served between each of the other two stoi-
chiometric reactants and ascorbate, what do 
these kinetic observations say about the rela-
tion between each of these other reactants 
and ascorbate? 

 (C) Explain this kinetic behavior on the basis of 
the role of ascorbate in the enzymatic reac-
tion. 

 (D) Write a kinetic mechanism based on this ex-
planation. 

 

Problem 3-10: Derive the rate equation for the fol-
lowing kinetic mechanism. 

 

Note that all the reactions preceding the reaction 
governed by k3 are at equilibrium. Inhibitor I prevents 
reactant A from binding to the enzyme, and inhibi-
tor J prevents reactant B from binding to the enzyme. 
 
 (A) What type of inhibition does inhibitor I dis-

play with respect to reactant A, and what 
type does it display with respect to reactant 
B? 

 (B) What type of inhibition does inhibitor J dis-
play with respect to reactant A, and what 
type does it display with respect to reactant 
B? 

Problem 3-11: Suppose there is an enzyme that 
catalyzes the reaction A + B 1 Y + Z. Suppose re-
actant A has to bind to the active site before reac-
tant B can bind, and reactant B has to bind before 
products are formed. Suppose there were an inhibi-
tor I that, like reactant B, could bind to the active 
site only after reactant A was bound. 

 
 (A) Write a kinetic mechanism describing both the 

enzymatic reaction and its inhibition by the 
inhibitor I. 

 (B) Show that the rate equation for the initial rate 
for this kinetic mechanism is 

 

 

where Ki is an inhibition constant. 
 
 (C) If this were the kinetic mechanism, what would 

k0, kA, kB, and kAB be equal to in terms of the 
rate constants in your kinetic mechanism in 
(A)? 

 (D) If this mechanism were the actual kinetic 
mechanism, what dissociation constant would 
Ki be equal to in terms of your kinetic mech-
anism in (A)? 

 (E) What would plots of v0
-1

 against [A]0
-1 at 

constant [B]0 and several fixed [I] look like? 
 (F) What would plots of v0

-1 against [B]0
-1 at 

constant [A]0 and several fixed [I] look like? 
 
 Glycerol kinase catalyzes the reaction 

 

 (G) Write a chemical mechanism for this reac-
tion. 

 
 The chromium complex of ATP, CrATP-, can-
not be used by the enzyme as a reactant in the glycerol 
kinase reaction because the chromium–oxygen bonds 
are too strong, but it is a potent inhibitor of the en-
zyme. 
 
 
 

k 3

E·B  +  A
  +
     I

E·I·B

1
K dI

1
K dI,B

1

1

1

1
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 Examine Figure 3-12 and the following figure. 

 

Inhibition of the reciprocal of the initial rate v0-1 for glycerol 
kinase from C. norvegensis by CrATP- as a function of the initial 
concentration of MgATP2-. The concentration of glycerol was 
held constant at 5 mM throughout.100 The concentrations of 
CrATP- were 0, 5, and 10 mM for the lines in ascending order. 
 
 
 (H) On the basis of these results, which of the re-

actants for glycerol kinase binds first to the 
active site? 

 

Problem 3-12: 1-Deoxy-∂-xylulose-5-phosphate syn-
thase catalyzes the thiamine diphosphate-dependent 
reaction 

 

3-Fluoropyruvate is a competitive inhibitor of the 
enzyme from R. capsulatus with respect to pyruvate 
and an uncompetitive inhibitor with respect to 
∂-glyceraldehyde 3-phosphate.92 What do these re-
sults suggest about the order in which the reactants 
associate with the enzyme? 

 

Problem 3-13: Pyruvate, phosphate dikinase cata-
lyzes the reaction 

 

The following results were observed for inhibition 
of the enzyme from Clostridium symbiosum by the 

dead-end inhibitors adenosine 5A-monophosphoro-
thioate (AMPS2-) and magnesium imidodiphosphate 
(MgOPO2NHPO3H-; MgPNP) when each of the re-
spective unnamed reactants were held at saturation. 
 

inhibitor 
 

varied 
reactant 

                   type of 
               inhibition 

AMPS MgAMP competitive 
AMPS MgOPO3PO3

2- mixed 
AMPS phosphoenolpyruvate uncompetitive 
PNP MgOPO3PO3

2- competitive 
PNP phosphoenolpyruvate uncompetitive 
PNP MgAMP uncompetitive 

 
 (A) With what order of association for the three 

reactants is this pattern of dead-end inhibi-
tion consistent? 

 
 When initial rates for the reaction were measured 
at saturating concentrations of phosphoenolpyruvate, 
the initial concentration of AMP2- was varied at several 
fixed initial concentrations of MgOPO3PO3

2-, and 
the initial concentration of MgOPO3PO3

2- was varied 
at several fixed initial concentrations of AMP2-; in 
both cases, the double reciprocals were intersecting. 
When the initial rates were measured at saturating 
concentrations of AMP2-, the initial concentration 
of MgOPO3PO3

2- was varied at several fixed initial 
concentrations of phosphoenolpyruvate, and the 
initial concentration of phosphoenolpyruvate was 
varied at several fixed initial concentrations of 
MgOPO3PO3

2-; in both cases, the double reciprocals 
were parallel. When the initial rates were measured 
at a fixed subsaturating concentration of MgOPO3PO3

2-, 
the initial concentration of phosphoenolpyruvate 
was varied at several fixed concentrations of AMP2-, 
and the initial concentration of AMP2- was varied 
at several fixed concentrations of phospho-enol-
pyruvate; in both cases, the lines fitting the double 
reciprocals were parallel.150 
 
 (B) What do these results say about the steps be-

tween the associations of the three reactants? 
 (C) What observation, which would resolve an 

ambiguity about one of the steps between 
the associations of two of the reactants, is 
missing?
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Problem 3-14: The flavoenzyme thymidylate syn-
thase (FAD) from Chlamydia trachomatis catalyzes 
the reaction 

 

When NADPH is held at saturating concentration 
and deoxyuridine 5A-phosphate is varied at several 
fixed concentrations of 5,10-methylenetetrahydro-
folate, the double reciprocals of the initial rates are 
parallel lines. When NADPH is saturating, deoxy-
thymidine 5A-phosphate is noncompetitive with 
respect to deoxyuridine 5A-phosphate and competi-
tive with respect to 5,10-methylenetetrahydro-
folate, and tetrahydrofolate is noncompetitive with 
respect to 5,10-methylenetetrahydrofolate and 
competitive with respect to deoxyuridine 5A-phos-
phate.151 Write a kinetic mechanism for the enzyme 
that is consistent with these observations. 

 

Problem 3-15: The enzyme adenine phosphoribo-
syltransferase catalyzes the reaction 

 

The double-reciprocal plots of v0
-1 as a function of 

either [adenine]0
-1 or [5-phospho-a-∂-ribose 1-di-

phosphate]0
-1 at several fixed initial concentrations 

of either magnesium 5-phospho-a-∂-ribose 1-diphos-
phate or adenine were sets of parallel lines as in 
Figure 3-8. 
 (A) Show that these data can be fit by the function 

 

where [Ad]0 is the initial molar concentration of 
adenine and [PRPP]0 is the initial molar concentra-
tion of magnesium 5-phospho-a-∂-ribose 1-diphos-
phate. 

 (B) Write the kinetic mechanism usually associ-
ated with this rate equation. 

 (C) For this kinetic mechanism to be correct, what 
type of inhibition must adenosine 5A-phos-

phate display toward magnesium 5-phospho-
a-∂-ribose 1-diphosphate? 

 (D) For this kinetic mechanism to be correct, what 
type of inhibition must magnesium diphos-
phate display toward adenine? 

 (E) Adenosine 5A-phosphate is a competitive in-
hibitor relative to magnesium 5-phospho-
a-∂-ribose 1-diphosphate, and magnesium 
diphosphate is a noncompetitive inhibitor 
relative to adenine.152 Do these observations 
match your expectations? 

 (F) Derive the initial rate equation for the fol-
lowing kinetic mechanism 

 

  where PP is magnesium diphosphate.  
 (G) Show how this equation can assume the 

form of the rate equation in part A if two rea-
sonable inequalities hold. 

 

Problem 3-16: When methylmalonyl-CoA mutase 
(Table 2-3), which contains [5A-3H]adenosylcobal-
amin as a prosthetic group, is mixed with methyl-
malonyl-SCoA and the reaction is allowed to proceed 
for 5 s, all the tritium is washed out of adenosylco-
balamin and is transferred to methylmalonyl-SCoA 
and succinyl-SCoA in a ratio of 1 to 3. When methyl-
malonyl-CoA mutase that contains [5A-3H]adenosyl-
cobalamine is mixed with succinyl-SCoA and the 
reaction allowed to proceed for 5 s, all the tritium is 
again washed out of the adenosylcobalamin and is 
transferred to methylmalonyl-SCoA and succinyl-
SCoA in the same ratio of 1:3.153 Explain these results 
in terms of the simplest kinetic mechanism con-
sistent with them and the rate-limiting steps and 
an intermediate equilibrium common to both of 
these reactions. 

 

Problem 3-17: The fatty-acid synthase system, a 
multienzymatic complex, catalyzes the reaction 

 

When the initial rate of the reaction at fixed con-
centrations of malonyl-SCoA and NADPH was fol-

5,10-methylenetetrahydrofolate  +

         NADPH  +  H 
+  +  dUMP 

2–  1
                  dTMP 

2– +  tetrahydrofolate  +  NADP 
+

magnesium 5-phospho-   -∂-ribose 1-diphosphate

+  adenine  1  AMP 
2– +

H+ +  magnesium diphosphate

a

v0  =  

k 0 k Ad k PRPP [E]t[Ad]0 
[PRPP]0 

k 0 k PRPP[PRPP]0 + k 0 k Ad[Ad]0 + k Ad k PRPP[Ad]0[PRPP]0
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                             E·PRPP·Ad  Æ  E  +  AMP  +  PP
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k 3
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lowed as a function of the concentration of ace-
tyl-SCoA for the enzyme from Columba livia, the 
following behavior was observed.154 

 

Initial rate of fatty acid synthesis v0, in units of micromoles of 
NADPH oxidized minute-1 (milligram of protein)-1, as a function 
of the initial concentration of acetyl-SCoA (micromolar). The 
reactions were run in 0.2 M phosphate buffer at pH 7.0. The 
concentrations of the other reactants were 10 mM malonyl-SCoA 
and 30 mM NADPH. Rates were followed spectrophotometri-
cally with a 5 cm cell. 
 
 The inhibition observed at high concentrations 
of acetyl-SCoA decreases as the concentration of 
malonyl-SCoA is raised. Explain both the observed 
behavior of the initial rate as a function of the ini-
tial concentration of acetyl-SCoA and the decrease 
in inhibition as the concentration of malonyl-SCoA 
is raised. Why is this explanation reasonable? 
 
 
 

Binding 

Historically, it was the analysis of steady-state kinetics 
that led to the conclusion that reactants are assem-
bled at an active site on an enzyme before they are 
transformed into products. It is now abundantly clear 
that reactants associate with the enzyme within an 
active site on the surface or in the interior of a pro-
tomer of the enzyme prior to the chemical inter-
conversion between reactants and products within 
that active site and the subsequent dissociation of 
the products. If the association or dissociation of each 

substrate can be treated as a discrete step in an enzy-
matic reaction, then each of these steps involving 
only association and dissociation should be no dif-
ferent from the association and dissociation that 
accomplishes reversible binding of any small mol-
ecule, or ligand, to a particular site on a molecule of 
protein. Only what follows the association or precedes 
the dissociation makes the difference between the 
complex of a ligand with a site that is not an active 
site and the complex of a substrate with an active 
site. 
 A ligand is any molecule that binds to but is 
not chemically transformed by a protein. The lack 
of chemical transformation distinguishes a ligand 
from a substrate. An agonist is a ligand, either one 
that is endogenous to the organism in which the 
protein is found or a synthetic compound, that 
binds to a protein and, upon binding, produces a 
measurable change in the characteristic physiolog-
ical function of that protein and accomplishes the 
normal response of that protein to the endogenous 
agonist. An antagonist is a ligand that binds to a 
protein, does not elicit this characteristic change in 
its function that is normally produced by an agonist, 
but blocks the ability of an agonist to effect that 
change. An inhibitor or an activator is a ligand that 
binds to an enzyme and forms a dead-end complex 
with a rate of catalysis that is smaller or larger, respec-
tively. An inhibitor or an activator can form a com-
plex either within the active site of an enzyme or at 
sites other than its active site. Inorganic anions, inor-
ganic cations, and hydrophobic molecules that 
bind adventitiously to a protein are also examples 
of ligands. 
 Usually, one molecule of a ligand will associate 
specifically with a particular constellation of amino 
acids on the surface or in the interior of a protein, 
and because of symmetry, the number of those 
sites for binding that ligand on the protein will be 
equal to the number of protomers it contains. Usu-
ally, each of the symmetrically arrayed sites in a 
homooligomer will bind the ligand independently. 
In this situation, the molar concentration of sites 
in a particular solution is equal to the molar con-
centration of native, properly folded protomers. If, 
however, the site for the ligand is on an axis of 
symmetry and involves side chains of amino acids 
from two protomers, there will be half as many 
sites as protomers because there will be only one 
site for every dimer of protomers. 
 The binding of a ligand, L, to a site, ST, on a 
protein to form a specific complex, ST·L, is quanti-
tatively described by a dissociation constant 
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            (3-277) 

where ai is the activity of component i at equilibri-
um. In terms of molar concentrations 

          (3-278) 

where gi is the activity coefficient of component i, 
the subscript eq refers to molar concentrations at 
equilibrium, and [L]eq is the concentration of free, 
unbound ligand at equilibrium. If the actual molar 
concentrations of the various participants are low 
when the measurement is made, which is usually 
the case with biochemical measurements, and if 
the solution has an ionic strength of 0.1 M or great-
er, which is usually the case with experimental 
measurements, then the ratio of the activity coeffi-
cients is usually close enough to unity to be ignored. 
The dissociation constant, because it is an equilib-
rium constant, is directly related to the standard 
free energy change for the dissociation of the ligand 
from the protein. As an equilibrium constant, it 
must be distinguished from a kinetic parameter 
such as the Michaelis constant, Km, which is rarely 
related directly to a thermodynamic variable. 
 The dissociation constant for the binding be-
tween a ligand and a site on a molecule of protein 
can be determined directly from experimental obser-
vations. In any solution in which the population of 
sites for the ligand is homogeneous, the dissociation 
is governed by the simple equation  

          (3-279) 

If all the sites are functional, the concentration of 
bound ligand at equilibrium is equal to  

           (3-280) 

where [ST]t is the total molar concentration of sites, 
both occupied and unoccupied. This equation has 
the form of the function defining a rectangular hy-
perbola with a horizontal asymptote (Equation 3-52) 

if the concentration of protein, and hence [ST]t, is 
fixed at a constant value during the experimental 
measurements. 
 It is often not possible, however, to fix the con-
centration of sites at a constant value because una-
voidable changes in volume occur during the 
experimental procedure155 or because the experi-
mental protocol itself requires the concentration of 
sites to be varied. It can be assumed, however, that 
for a given set of sites 

            (3-281) 

where Cprot is the concentration of protein ex-
pressed in any known units and k  is a constant of 
proportionality. If the concentration of protein in 
each sample is known in grams liter-1, the units of 
the constant of proportionality k are moles of sites 
(gram of protein)-1. To learn this number is often 
one of the goals of the experiment. If the concen-
tration of protein in each sample is known in moles 
of protomer liter-1, the constant of proportionality 
k is unitless and equal to the fraction of the proto-
mers in the solution that are competent to bind the 
ligand, which is also informative. 
 If the concentration of protein is varied as the 
measurements are made, then Equation 3-280 can 
be rewritten 

           (3-282) 

This equation defines a rectangular hyperbola 
(Equation 3-52) in the free concentration of ligand, 
[L]eq, regardless of the variations in the concentra-
tion of protein, Cprot. The parameters of that rectan-
gular hyperbola are the constant of proportionality, 
k, and KdL. Regardless of the total concentration of 
sites and the total concentration of ligand, if values 
for [L]eq and [ST·L]eq (Cprot)-1 are known, they define 
the same rectangular hyperbola. For example, the 
binding of 5-phospho-a-∂-ribose 1-[b-32P]diphos-
phate to orotate phosphoribosyltransferase (Equa-
tion 3-227) from S. typhimurium can be followed 
by adding increasing amounts of phosphoribosyl 
[b-32P]diphosphate to a series of samples each con-
taining the same concentration of orotate phospho-
ribosyltransferase. Following equilibration, the free 
concentration of 5-phospho-a-∂-ribose 1-[b-32P]di-
phosphate in each sample, [PRPP]eq, can be assessed   
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Figure 3-17: Binding of 5-phospho-a-∂-ribose 1-[b-32P]diphos-
phate to orotate phosphoribosyltransferase from S. typhimuri-
um.136 Various amounts of 5-phospho-a-∂-ribose 1-[b-32P]diphos-
phate (PRPP) were added to solutions of orotate phosphoribo-
syltransferase (OP) in 5 mM MgCl2 and 80 mM 2-amino-
2-(hydroxymethyl)propane-1,3-diol chloride at pH 8.0. After 10 
min, the samples were added to Centricon centrifugation 
tubes. The tubes were submitted to centrifugation until 50-100 mL 
of fluid had emerged from each of them. The protein remained 
entirely in the tube, so the fluid that emerged contained only 
free 5-phospho-a-∂-ribose 1-[b-32P]diphosphate at the same 
concentration as the free concentration in the tube at equilib-
rium. Its concentration was determined by scintillation counting. 
The amount of bound 5-phospho-a-∂-ribose 1-[b-32P]diphos-
phate ([ST·PRPP]) was calculated by subtracting the free 
concentration from the total concentration of 5-phospho-
a-∂-ribose 1-[b-32P]diphosphate in the tube. The nominal molar 
concentration of the dimeric enzyme was varied in the range 
from 3 to 150 mM to ensure that the free concentration of sub-
strate and the bound concentration of substrate would always 
be of the same order of magnitude so that a statistically signifi-
cant difference between the two measurements could be obtained. 
The concentration of bound phosphoribose diphosphate 
(micromolar) divided by the concentration of enzyme (milli-
grams of protein milliliter-1) is presented as a function of the 
concentration of 5-phospho-a-∂-ribose 1-diphosphate (micro-
molar). The curves drawn are fits of Equation 3-52 to the data 
with x equal to [PRPP]eq and y equal to [ST·PRPP] COP-1. The 
dissociation constant for 5-phospho-a-∂-ribose diphosphate 
(parameter b in Equation 3-52) is 32 ± 2 mM, and the micro-
moles of sites (gram of protein)-1 (parameter a in Equation 3-52) 
is 36.4 ± 0.8 mM mg-1 mL, which is equivalent to 28 g of protein 
(mmol of sites)-1. The molar mass of a subunit of the dimeric 
protein is 23.45 g mmol-1. 
 
 
by ultrafiltration, and the concentration of 5-phos-
pho-a-∂-ribose 1-[b-32P]diphosphate bound by the 
sites on the protein in each sample, [ST·PRPP]eq, 
can be assessed by the difference between the total 
concentration and the free concentration of the ligand 

          (3-283) 

The molar concentration of bound 5-phospho-
a-∂-ribose 1-[b-32P]diphosphate divided by the 

concentration of enzyme as function of the molar 
concentration of free 5-phospho-a-∂-ribose 
1-[b-32P]diphosphate at equilibrium in the solution 
before ultrafiltration (Figure 3-17)136 satisfies Equa-
tion 3-282. 
 
 To perform a direct determination of the binding 
of a ligand to a protein, simultaneous measurements 
at equilibrium must be made of the molar concen-
tration of bound ligand, [ST·L]eq, and the molar 
concentration of free ligand, [L]eq, in several sam-
ples of known protein concentration, Cprot, at a 
number of different concentrations of free ligand 
(Figure 3-17). There are several ways to accomplish 
this feat. 
 Semipermeable membranes are polymer films 
that have pores large enough to permit small ligands 
to pass through them but too small to permit the 
passage of macromolecules such as proteins, poly-
saccharides, or nucleic acids. There are a number 
of ways to use these membranes to measure the 
binding of a ligand to a protein. 
 In one approach, the protein is placed on one 
side of a semipermeable membrane separating two 
compartments, ligand is added to both compart-
ments, and the system is allowed to reach equilib-
rium. At equilibrium, in the absence of ionic 
imbalances because the ionic strength of the solu-
tions is appropriate, the molar concentration of the 
ligand in the compartment without the protein will 
be equal to [L]eq, and the total molar concentration, 
[L]t, of the ligand in the compartment containing 
the protein will be [L]eq + [ST·L]eq (Figure 3-18).156 
The final concentration of protein in its compart-
ment at equilibrium is measured independently.155 
This technique is referred to as equilibrium dialy-
sis.157,158 
 In the next approach, a known concentration 
of protein, Cprot, and a known concentration of lig-
and, [L]t, are placed in a compartment on one side 
of a semipermeable membrane, and the compart-
ment on the other side is flushed continuously with 
a solution that does not contain the protein or the 
ligand. The unidirectional rate at which the ligand 
passes through the semipermeable membrane is 
directly proportional to its free concentration, [L]eq, 
on the side from which it is leaving.159 This rate of 
dialysis is measured by monitoring the amount of 
ligand appearing in the flushing solution as a func-
tion of time. If the chamber and the dialysis mem-
brane are calibrated with known concentrations of  
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Figure 3-18: Measurement of the binding of an equilibrium 
mixture of [U-14C]-∂-glucose 6-phosphate and [U-14C]-∂-fructose 
6-phosphate to glucose-6-phosphate isomerase from rabbit 
muscle by equilibrium dialysis and rate of dialysis.156 For the 
measurements by equilibrium dialysis, a series of apparatuses 
separating two chambers by a dialysis membrane was used. In 
one chamber of each apparatus, ∂-glucose-6-phosphate isom-
erase (10.0 mg mL-1) was present; in the other, buffer alone. 
[U-14C]-∂-Glucose 6-phosphate was added to both sides and 
allowed to reach equilibrium with fructose 6-phosphate as well 
as reach equilibrium across the membrane. The concentration 
of hexose 6-phosphate in the side lacking enzyme is the free 
concentration of the substrates in both chambers; the concen-
tration of hexose 6-phosphate in the side containing the protein 
is the sum of free and bound concentrations of the substrates. 
For the measurements by rate dialysis, an apparatus separating 
two chambers by a dialysis membrane was used. The enzyme 
(6.6 mg mL-1) in a buffer at pH 8.0 and 22 ªC was in the upper 
chamber (1 mL). The lower chamber was a spiral groove, in 
contact with the membrane, through which solution was 
pumped at a steady rate (4 mL min-1). [U-14C]-∂-Glucose 
6-phosphate was added at a low concentration to the upper 
chamber, and the rate at which carbon-14 appeared in the 
lower chamber was determined by submitting the constantly 
flowing solution to scintillation counting. When equilibrium 
had been reached, the concentration of [U-14C]-∂-glucose 
6-phosphate in the upper chamber was increased, and so 
forth. By calibrating the apparatus in the absence of protein, 
the rate of appearance of counts per minute (cpm) of carbon-14 
in the lower fluid could be converted to the free concentration 
of [U-14C]hexose 6-phosphate in the upper solution. From the 

known total concentration of hexose 6-phosphate in the upper 
solution, the concentration of bound substrates could be calcu-
lated by difference. (A) Direct presentation of the measure-
ments. The variable [ST·H6P]eq CGI-1 (micromolar milligram-1 
milliliter)—where ST is an active site of glucose-6-phosphate 
isomerase (GI), H6P is hexose 6-phosphate, and CGI is the 
concentration of glucose-6-phosphate isomerase (milligrams 
milliliter-1)—is plotted as a function of the concentration of 
hexose 6-phosphate (millimolar). Data from measurements by 
equilibrium dialysis (Í) and measurements by rate dialysis (3) 
are plotted. Equation 3-52 was fit to each set of data with y 
equal to [ST·H6P]eq CGI-1 and x equal to [H6P]. The apparent 
dissociation constants for the substrates (values for parameter 
b in Equation 3-52) are 0.15 ± 0.01 and 0.16 ± 0.01 mM, respec-
tively, and the micromoles of sites (gram of protein)-1 (values 
for parameter a in Equation 3-52) are 18.7 ± 0.7 and 14.8 ± 0.3 
mM mg-1 mL, respectively, for the two different measurements. 
Because the molar mass of a protomer of glucose-6-phosphate 
isomerase is 62,630 g mol-1, there are, in theory, 15.97 mmol of 
active sites on glucose-6-phosphate isomerase for every gram 
of protein. (B) Linear presentation of the measurements. The 
data from measurements by equilibrium dialysis (Í) and by rate 
dialysis (3) are plotted in the linear form of [ST·H6P]eq CGI-1 
(micromolar milligram-1 milliliter) as a function of [ST·H6P]eq 
CGI-1 [H6P]eq-1 (micromolar milligram-1 milliliter millimolar-1), 
where [H6P]eq is the concentration (millimolar) of hexose 
6-phosphate at equilibrium. The lines are those calculated for 
the dissociation constants and the micromoles of sites (gram of 
protein)-1 from the fits of the data in Panel A. The theoretical 
intercept of 15.97 micromoles of sites (gram of protein)-1 is 
noted. 

 
 
ligand, the rate of dialysis can be converted directly 
into a value for the free concentration of ligand, 
[L]eq, in the compartment, and the concentration of 
bound ligand, [ST·L]eq, can be calculated by differ-
ence (Figure 3-18) from the known total concentration 
of ligand in the compartment with the protein, [L]t, 
and the concentration of free ligand. 
 In yet another approach, the protein and the 
ligand are allowed to equilibrate in a solution, and 
then a portion of the solution is forced under pres-
sure through a semipermeable membrane.160 This 
process is referred to as ultrafiltration. The concen-
tration of ligand in the ultrafiltrate will be the free 

 
 
concentration, [L]eq, in the original solution, and 
the known total concentration of ligand in the orig-
inal solution, [L]t, will be the sum of that free con-
centration and the bound concentration, [ST·L]eq 
(Figure 3-17).136 
 Chromatography by size exclusion takes place 
on a column of beaded, tightly crosslinked dextran 
that excludes the protein from the interior of the 
beads, that includes the free ligand in the interior 
of the beads, and that can been equilibrated with a 
solution containing a fixed concentration of ligand. 
If a sample of protein is run on such a size-exclusion 
column, the protein, which exits the column in the   
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Figure 3-19: Determination of the concentration of histidinol 
bound to histidinol dehydrogenase by molecular exclusion.161 
A column (0.5 cm Z 7.5 cm) of beaded, crosslinked dextran 
(Sephadex G-50) was equilibrated with buffer containing 
0.5 mM MnCl2, 1 mM potassium phosphate, 1.0 Z 105 counts per 
minute mL-1 [32P]phosphate, 10 mM [3H]histidinol (4.7 Z 106 
counts per minute mmol-1) and 50 mM sodium glycinate at 
pH 9.05. A sample of histidinol dehydrogenase dissolved in 100 mL 
of the buffer used to equilibrate the column was applied, and 
the column was eluted with 2.8 mL of the buffer. Each fraction 
from the column was one drop of effluent (48-53 mL). To deter-
mine the counts per minute (cpm) of [3H]histidinol for every 
microliter of solution in each fraction, the exact volume of each 
drop was determined from the counts per minute of [32P]phos-
phate, and the counts per minute of [3H]histidinol in each frac-
tion was divided by that volume. The counts per minute of 
[3H]histidinol in each microliter of effluent (cpm mL-1) is pre-
sented as a function of the fraction number. The free concen-
tration of histidinol is represented by the counts per minute 
microliter-1 in the effluent before and after the excluded volume 
of the column (fractions 11-17), as indicated by the dashed 
line. The counts per minute in excess of those representing the 
free concentration of [3H]histidinol in each fraction were 
summed over the excluded volume and converted to nano-
moles of bound histidinol. 
 
 
 

excluded volume, will bind ligand as it passes 
through the beaded dextran until the binding 
reaches equilibrium. The concentration of the ex-
cess ligand eluting with the protein should be ligand 
that is bound to the protein. If the protein has 
moved far enough to leave behind the deficit it cre-
ated by binding the ligand, and the deficit is sepa-
rated completely from the fractions containing the 
protein, which is ascertained by locating the deficit 
in the included volume (Figure 3-19),161 the con-
centration of free ligand, [L]eq, in fractions from the 
excluded volume, at which the protein elutes, 
should be the molar concentration of ligand with 
which the column was initially equilibrated.162,163 It 
is usually assumed that the amount of protein elut-
ing in the excluded volume is equal to the amount 
added to the column, but that should be verified 

independently. A similar procedure uses electro-
phoresis on a gel of poly(acrylamide) cast in a solu-
tion containing ligand at a particular concentration 
to ascertain the concentration of ligand bound to 
sites, [ST·L]eq, at that free concentration of ligand, 
[L]eq.164 
 In each of the five methods just described for 
direct determination of the concentration of sites 
and the dissociation constant for the ligand, the 
concentration of bound ligand, [ST·L]eq, is deter-
mined by assessing the difference between the total 
concentration of the ligand in the solution, [L]t, and 
the free concentration of the ligand, [L]eq 

         (3-284) 

Consequently, the concentration of bound ligand 
must always be a significant fraction of the total 
concentration of ligand. Since the binding is a hyper-
bolic function of the free concentration of ligand, 
the concentration of protein must usually be in-
creased as the concentration of ligand is increased. 
This requirement, however, is an advantage. If the 
measured values for [L]eq satisfy Equation 3-282 as 
[L]t and Cprot are varied independently, there is in-
creased confidence that an uncomplicated dissoci-
ation constant is being measured (Figure 3-17). 
 In all of the many different procedures that 
have been developed to follow directly the binding 
of a ligand to a protein, three variables are simul-
taneously measured: the free concentration of the 
ligand, [L]eq; the total concentration of protein, Cp; 
and the concentration of the complex between pro-
tein and ligand, [ST·L]eq. Each one of a set of solu-
tions whose molar concentrations of protein and 
ligand are systematically varied is allowed to reach 
equilibrium, and these three concentrations are then 
measured by techniques that can assess what their 
values were in the solution when it was at equilib-
rium. As in the case of an analysis of results from 
studies of enzymatic kinetics, the data from a study 
of the binding of a ligand are submitted to numerical 
analysis. In this case, the data are a set of measured 
values for [ST·L]eq Cprot

-1 corresponding to a set of 
equilibrium molar concentrations for the free ligand 
[L]eq. Again, as in the case of enzymatic kinetics, it 
is now customary to fit a rectangular hyperbola 
(Equation 3-52), where y is [ST·L]eq Cprot

-1 and x is 
[L]eq, to the data by nonlinear least-squares analy-
sis.136,165 The two parameters, a and b, and their 
standard deviations, provided by the fitting proce-
dure, are k and KdL (Equation 3-282). Such non-
linear numerical analysis can be extended to situa-
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tions where several different sites, at different rela-
tive concentrations, are binding the same ligand, 
and each site has its own unique dissociation con-
stant.166 In either case, the experimental results 
obtained from such analyses are the individual values 
for the dissociation constant, KdL, and the individual 
values for k, which can be the inverse of the grams 
of protein (mole of sites)-1. If the protein is pure 
and the molar mass of a protomer is known, the 
fraction of the protomers capable of binding the 
ligand can be determined. 
 The techniques for measuring the equilibrium 
concentrations in two compartments separated by 
a semipermeable membrane, for measuring the 
rate at which ligand passes through a semipermea-
ble membrane, and for measuring the total con-
centration of ligand in the excluded volume of a 
column of crosslinked dextran, respectively, were 
applied separately to the binding at pH 8.0 and 22 ªC 
of the competitive inhibitor 6-phosphogluconate 
(PGN) to glucose-6-phosphate isomerase from 
O. cuniculus. Values for Kd,PGN were 0.08, 0.04, and 
0.03 mM, respectively, and values for the inverse of 
the constant of proportionality k were 66,000, 
66,000, and 63,000 g (mol of sites)-1, respectively.156 
These latter values are only slightly larger than the 
molar mass of one protomer of this enzyme, 
62,747 g mol-1. Larger values are expected if the 
preparation of enzyme was not absolutely pure or 
if some of the enzyme in the preparation was defunct. 
At pH 8 and 30 ªC, the dissociation constant, deter-
mined kinetically for 6-phosphogluconate as a 
competitive inhibitor of glucose-6-phosphate iso-
merase, is 0.03 mM,167 which agrees satisfactorily 
with the values obtained for its dissociation constant 
when measured directly. 
 In kinetic equations derived as explanations of 
the dead-end inhibition of initial rates for an en-
zymatic reaction, the inhibition constants, Ki, are 
dissociation constants for the inhibitor. It is gratifying 
to find that one of them actually is a dissociation 
constant. In the absence of proof that it is,168 an inhi-
bition constant, Ki, is, nevertheless, usually assumed 
to be the dissociation constant of the inhibitor from 
the enzyme.169,170 
 In the past, the data for the binding of a ligand 
to a protein were first converted to a linear form157 
before the fitting was performed, but this mode of 
analysis is rarely done anymore because digital 
computers permit nonlinear numerical analysis to 
be performed readily. Mainly for historical reasons, 
however, when the data are presented graphically 
for the reader's evaluation, they are often presented 

in a linear form. Equation 3-282 can be cast in a 
linear form either by inversion157 

       (3-285) 

or by the rearrangement171 

      (3-286) 

Because it was pointed out by Professor Scatchard 
that the use of Equation 3-285 “gives undue weight 
to that portion of … [the] data which is poorest in 
experimental precision,”157 Equation 3-286, that 
for a Scatchard plot, is usually used as the linear 
form of the function. This method of analysis is in 
contradistinction to the common use of Equation 
3-53 as the linear form of the function for initial 
rate of an enzymatic reaction. 
 The Donnan effect is one potential drawback 
of all the techniques described so far. In each in-
stance, a solution containing the protein and the 
ligand is physically separated from a solution con-
taining only the ligand but remains in equilibrium 
with it. The protein is almost always charged at the pH 
at which the measurements are made. Even during 
chromatography by size exclusion, the dimensions 
of the two compartments, that containing the pro-
tein surrounding the beads and that lacking the 
protein in the interior of the beads, are greater than 
the thickness of the ionic double layer around the 
protein.172 If the ligand is also charged, it will act as 
any other electrolyte in the diffuse layer of dissolved 
counterions around the protein. It will either be 
depleted in the layer if it is of the same charge as 
the protein or enriched in the layer if it is of opposite 
charge. This depletion has the effect of decreasing 
or increasing, respectively, the measured concentra-
tion of bound ligand in the compartment containing 
the protein. This source of error can be minimized 
by performing the binding experiments at a concen-
tration of supporting electrolyte high enough to 
eliminate the contribution of the ligand itself to the 
layer of mobile counterions. This elimination can 
be seen in the following way. 
 Suppose that the solution of protein contains 
impermeant macromolecules, including the mole-
cules of protein themselves, that have a net charge 
at the pH chosen for the measurements. In the sys-
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tem there are two compartments: the compartment a 
containing the charged macromolecules and the 
compartment b lacking them. Assume that the only 
permeant electrolytes are the ligand, potassium, 
and chloride, and also assume that the solution of 
protein contains no binding sites for ligand L. By 
electroneutrality 

  
                (3-287) 

where [charge]a is the net molar concentration of 
all impermeant elementary charge in compartment a 
(in equivalents liter-1) which can have either a posi-
tive or a negative value), zL is the charge number on 
ligand L, and the subscripts on the concentrations 
indicate the respective compartment. This equation 
defines the contribution of each ion to the mainte-
nance of electroneutrality. A quantity fcharge,L can 
be defined, which is the fraction of the charge 
compensation contributed by the ligand L 

  
                (3-288) 

 If ÙzLÙ = 1 and [charge]a is much less than the 
sum of the concentrations of the permeant electro-
lytes, it can be shown173 that  

        (3-289) 

This relation states that even if the solution of pro-
tein contains no sites for ligand L, it will appear to 
contain binding sites for ligand L if the charge of 
ligand L is opposite that of the nondiffusible charge 
on the macromolecules. The apparent dissociation 
constant measured for ligand L will be [K+] + [Cl-]. 
 If the Donnan effect is the only reason for the 
excess ligand in the compartment containing the 
protein, the apparent dissociation constant should 
be directly proportional to the concentration of 
supporting electrolyte. If, however, a molar concen-
tration of supporting electrolyte is purposely chosen 
so that it is always much greater than the molar 
concentration of ligand and the net concentration 
of impermeant elementary charge, the amount of 

ligand retained or excluded from compartment b 
due to the Donnan effect, [L]b - [L]a, as opposed to 
that due to legitimate binding, will be negligible 
(Equation 3-289). The Donnan effect, however, is 
difficult to eliminate if the macromolecule to which 
binding is being measured is nucleic acid instead of 
protein because nucleic acid is so negatively charged. 
 If the net charge of ligand L is the same as that 
of the nondiffusible macromolecules, the concen-
tration of ligand L will be decreased in the compart-
ment containing the protein, and if the net charge of 
ligand L is opposite that of the nondiffusible macro-
molecules, the concentration of ligand L will be in-
creased in the compartment containing the protein. 
If there are legitimate sites for ligand L on the protein, 
the apparent binding to those sites will be less than 
the actual binding in the former case and greater in 
the latter case. The magnitude of these effects, 
however, decreases as the concentration of the 
supporting electrolyte is increased. Consequently, 
dependence on ionic strength of any apparent 
binding should be discounted until it is demon-
strated that this dependence does not result simply 
from the Donnan effect. 
 There are also methods to determine [L]eq and 
[ST·L]eq by indirection. In such an approach, the 
fraction of the population of molecules of ligand 
that is occupied by sites on the molecules of pro-
tein is still measured; and from the known total 
concentration of ligand in solution, [L]t, the desired 
concentration of [ST·L]eq and [L]eq can be calculat-
ed. For example, solutions each containing the 
same known concentration of an end-labeled 
fragment of DNA can be mixed with various con-
centrations, Cprot, of a protein that binds to a par-
ticular site on that fragment. After equilibrium is 
achieved, a small volume of deoxyribonuclease is 
added to the solution while the protein is still in 
equilibrium with the site on the DNA with which it 
associates. The amount of deoxyribonuclease add-
ed is small enough that it digests the DNA partially 
and at random. After a period of digestion, the DNA 
is submitted to electrophoresis, and the end-labeled 
fragments produced by deoxyribonuclease are 
quantified. When the protein is bound at its specific 
site, that site is protected from digestion by the deoxy-
ribonuclease. As the digestion proceeds, the pro-
tein is associating and dissociating from its specific 
sites, but because of the equilibrium, the fraction of 
the sites protected ([ST·L]eq [ST]t

-1) at any given instant 
remains constant during the digestion. As a result, 
fragments resulting from that particular cleavage 
decrease in amount in direct proportion to the frac-
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tion of the sites occupied by the protein at equilib-
rium.174,175 From the fraction of the sites occupied 
and the known molar concentration of the fragment 
of DNA in the initial solution, the concentrations 
[ST·L]eq and [L]eq can be calculated. This method 
has the advantage that it can independently assess 
the binding of the protein to two or more sites on 
the same fragment of DNA.176 This procedure is not 
immune from the Donnan effect because immedi-
ately adjacent to the DNA, which is a densely 
charged polyelectrolyte, the free concentration of 
protein can be significantly increased or decreased, 
depending upon its net charge and the ionic 
strength of the solution, and its occupation of the 
sites can be artifactually increased or decreased, re-
spectively.177 
 
 Any physical or chemical property of the pro-
tein or of the ligand that changes upon the for-
mation of a complex between a site and a ligand 
can be used to determine a value for the dissocia-
tion constant of the ligand. Examples of these 
properties would be the absorbance of the protein 
itself;178 the absorbance of a prosthetic group in the 
protein, such as flavin,179 heme,101 or pyridoxal 
phosphate;180 the absorbance of the ligand;181 the 
fluorescence of the protein itself;182-184 the fluores-
cence of a fluorophore that has been covalently at-
tached to the protein;185 the fluorescence of the 
natural ligand itself;186 the fluorescence of a fluo-
rescent derivative of the natural ligand;187,188 the 
anisotropy of the fluorescence of a ligand;189-191 the 
lifetime of the fluorescence of the protein183 or the 
ligand; the chemical shift of a nuclear magnetic ab-
sorption of the ligand;192 the absorption or emission 
of heat measured by a microcalorimeter;193,194 or 
the rate of the covalent reaction of a particular amino 
acid in the protein with a particular chemical reagent. 
 For example, N-methylnicotinamide binds to 
lysozyme from G. gallus to form a complex that ab-
sorbs light at 350 nm, a wavelength at which both 
the ligand and the protein are transparent.195 The 
absorbance observed at a certain wavelength, Al, 
of a particular complex between the ligand and the 
protein—in this instance the absorbance at 350 nm 
of the complex between N-methylnicotinamide 
and lysozyme—should be directly proportional to 
the molar concentration of the complex between 
the ligand, N-methylnicotinamide, and the protein, 
lysozyme, on which the site (ST) for binding is lo-
cated 

           (3-290) 

where el is the extinction coefficient of the complex 
at the wavelength chosen to monitor its formation, 
which in the case of N-methylnicotinamide binding 
to lysozyme was 350 nm. When Equation 3-290 is 
combined with Equation 3-282 

          (3-291) 

which defines a rectangular hyperbola. In the case 
of N-methylnicotinamide (NMN) binding to lyso-
zyme, when Cprot is expressed in molarity, [lyso-
zyme]t 

       (3-292) 

A plot (Figure 3-20)195 of A350 [lysozyme]t
-1 (y) as a 

function of [NMN]eq (x) is a rectangular hyperbola 
(Equation 3-52) with a equal to e350k and b equal to 
KdNMN. If it is assumed that there is one site on each 
molecule of lysozyme, then k is 1 and the horizontal 
asymptote a is the extinction coefficient, e350, for the 
complex, which in the case of the complex between 
N-methylnicotinamide and lysozyme is 1040 ± 12 M-1, 
and the dissociation constant for N-methylnicotin-
amide from lysozyme is 304 ± 9 mM.  
 The example just described, in which neither 
the protein nor the ligand itself absorbs nor fluo-
resces at the wavelength at which the complex absorbs 
or fluoresces, is rarely encountered. Usually, either 
the protein or the ligand, or both, absorbs or fluo-
resces over the entire range of wavelengths in which 
significant changes in absorption or fluorescence 
occur, and a difference in absorption or fluores-
cence upon formation of the complex is monitored. 
For example, when a series of solutions of various 
concentrations of the inhibitor ∂-malate between 
1 and 50 mM was prepared, each with the same 
concentration (75 mM) of protomers of aspartate 
carbamoyltransferase (Equation 3–220), the absorb-
ance of the solution at 290 nm increased as the 
concentration of ∂-malate increased.178 Since 
∂-malate is transparent at 290 nm, the absorbance 
of one or more tryptophans in the protomer of as-
partate carbamoyltransferase is increasing. From 
this increase in the absorbance of the solution, the 
dissociation constant for ∂-malate can be deter-
mined. 
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Figure 3-20: Binding of N-methylnicotinamide to lysozyme,195 
followed by the increase in absorbance of the solution at 350 nm. 
Crystalline lysozyme was dissolved at pH 5 and 22 ªC to a final 
concentration of 10.0 mg mL-1 in a volume of 2.00 mL, which 
was assumed to be a concentration of 0.35 mM. Successive 
additions of solid N-methylnicotinamide (final concentrations 
between 5 and 890 mM) were made. After each addition, the 
absorbance of the solution at 350 nm was measured in a spectro-
photometer, and the new concentration of protein resulting 
from the dilution caused by adding the solid was calculated. 
Because the concentration of N-methylnicotinamide was always 
in significant excess over the molar concentration of protein 
(8-fold to 1500-fold), it can be assumed that the total concen-
tration of N-methylnicotinamide (molar) was equal to its free 
concentration. The quotient A350 [lysozyme]t-1 (millimolar-1) 
is presented as a function of the concentration of N-methyl-
nicotinamide. The different symbols refer to statistically inde-
pendent measurements. The curve is the fit of Equation 3-52 
to all the points with y equal to A350 [lysozyme]t-1 and x equal to 
[N-methylnicotinamide]t. The dissociation constant for N-methyl-
nicotinamide from lysozyme (parameter b) is 304 ± 9 mM, and 
the molar extinction coefficient (parameter a) is 1044 ± 12 M-1.  
 
 
 
 
 For the dissociation of a ligand from a site on 
the protomer of a protein, Equation 3-280 usually 
applies and a quantity Y, the fraction of the sites in 
the solution that are occupied by ligand, can be 
defined 

       (3-293) 

If the absorbance of the protein changes as a ligand 
that is transparent at the wavelength monitored as-
sociates with it, then 

     (3-294) 

 

where Aobs is the observed absorbance of a solution 
of the protein at a particular free concentration of 
ligand, euo is the extinction coefficient of the proto-
mers unoccupied by ligand, and eocc is the extinction 
coefficient of protomers occupied by ligand. The 
absorbance of a solution of the same concentration 
of protein in the absence of ligand 

            (3-295) 

and the absorbance of a solution of the same con-
centration of protein at saturating concentrations 
of ligand 

            (3-296) 

From Equations 3-293 through 3-296 it follows that 

      (3-297) 

and 

           (3-298) 

 Consequently if the quantity DA (y) is plotted 
as a function of [L]eq (x), the data should describe a 
rectangular hyperbola (Equation 3-52) with a = DAt 
and b = KdL. For the binding of ∂-malate to aspartate 
carbamoyltransferase, such hyperbolic behavior 
was observed for the increase in absorbance with a 
dissociation constant of 4.9 ± 0.2 mM.178 
 If the protein contains a prosthetic group, 
which will usually be within its active site, and that 
prosthetic group absorbs light of a particular wave-
length, that absorption will often change upon the 
association of a ligand. For example, the absorbance 
of the heme in a mutant of unspecific monooxy-
genase BM3 from B. megaterium in which Phenyl-
alanine 87 has been replaced with tyrosine shifts 
from a maximum at 419 nm to a maximum at 
424 nm when the inhibitor 10-(imidazolyl)decanoate 
associates with the enzyme. This shift produces a char-
acteristic difference spectrum (Figure 3-21A).101 The 
greatest difference in absorbance between the active 
site occupied by 10-(imidazolyl)decanoate and the 
unoccupied active site is the difference in absorb-
ance between that at 433 nm and that at 410 nm. 
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Figure 3-21: Binding of 10-(imidazolyl)decanoate to unspecific 
monooxygenase BM3 from B. megaterium, followed by the dif-
ference between absorbance of its heme at 433 nm and at 
410 nm.101 (A) Difference spectra resulting from addition of the 
ligand to the enzyme. A solution of the purified enzyme (5 mM) 
was prepared in  100 mM KCl and 20 mM 3-(N-morpholino)-
propanesulfonic acid at pH 7.4. The absorption spectrum of this 
solution served as the reference spectrum for all difference 
spectra. Small amounts of a concentrated solution of 10-(imidaz-
olyl)decanoic acid in dimethyl sulfoxide/methanol (1:1 v/v) 
were added to the solution of enzyme, and the reference spec-
trum was subtracted from the spectrum observed after the 
addition of the ligand. The final total concentrations of 10-(imid-
azolyl)decanoate for the difference spectra were 9.1, 18.3, 27.4, 
36.5, 45.6, 63.8, 82.0, 119, and 228 mM,  in order of increasing 
magnitude of difference. Notice that as the absorbance at 433 
nm increases, the absorbance at 410 nm decreases, reflecting 
the shift in wavelength of maximum absorption from 419 to 
424 nm. (B) Binding of 10-(imidazolyl)decanoate to a mutant 
of unspecific monooxygenase BM3 from B. megaterium in 
which Phenylalanine 87 has been replaced by a tyrosine. A 
solution of the mutant enzyme at a concentration of 3.1 mM in  

100 mM KCl and 20 mM 3-(N-morpholino)propanesulfonic acid 
at pH 7.4 was titrated with increasing concentrations of 
10-(imidazolyl)decanoate. The difference in absorbance between 
that at 433 nm and that at 410 nm (DA433-410) is plotted as a 
function of the equilibrium concentration of 10-(imidazolyl)-
decanoate (micromolar). The differences in absorbance have 
been corrected for the effects of dilution on the spectra, and 
the total concentrations of 10-(imidazolyl)decanoate have 
been corrected for the amount of 10-(imidazolyl)decanoate 
bound to the enzyme. For this correction, it was assumed that 
one mole of enzyme binds one mole of ligand at saturation and 
that the observed difference in absorbance divided by the dif-
ference in absorbance at saturation is equal to the fraction of 
the sites that are occupied (Equation 3-297). The data were fit-
ted with Equation 3-52 with y equal to DA433-410 and x equal to 
[10-(imidazolyl)decanoate]eq. Parameter b is the dissociation 
constant for 10-(imidazolyl)decanoate from the enzyme, 
29.2 ± 1.5 mM, and parameter a is the difference in absorbance 
at saturation, 0.104 ± 0.001. Adapted with permission from ref-
erence 101. Copyright 1998 American Chemical Society. https: 
//doi.org/10.1021/bi980462d 
 

 
 
Because the absorbance Al at every wavelength 
conforms to Equations 3-295 and 3-296, the differ-
ence in absorbance between two wavelengths DAl1-l2 
must also conform to Equations 3-295 and 3-296, 
and consequently to Equations 3-297 and 3-298 

          (3-299) 

where DAl1-l2,t is the difference in absorbance between 
the two wavelengths at saturating concentrations 
of ligand. In the case of the binding of 10-(imidaz-
olyl)decanoate to the mutant of unspecific mono-
oxygenase, the difference in absorbance between that 
at 433 nm and that at 410 nm, DA433-410, describes a 
rectangular hyperbola with parameter b (Equation 
3-52) equal to the dissociation constant for 10-(imid-
azolyl)decanoate, Kd10ID = 29.2 ± 1.5 mM (Figure 3-21B). 

 
 
 In this instance, unlike the observations with 
aspartate carbamoyltransferase, the total concen-
trations of 10-(imidazolyl)decanoate used in the 
titration are only about 10-fold greater than the 
concentrations of occupied sites at the lower con-
centrations of ligand, and each total concentration 
of 10-(imidazolyl)decanoate had to be corrected 
for the concentration of bound ligand (Equation 
3-283), on the assumption that there is only one 
site for ligand on each protomer, to give the equi-
librium concentration of free ligand at each total 
concentration of ligand. 
 The same type of analysis can be performed 
upon a change in the fluorescence of a protein. For 
example, when 6-phosphofructokinase 
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                (3-300) 

from E. coli binds its substrate ∂-fructose 6-phos-
phate, the intrinsic fluorescence of its tryptophans 
decreases; and when it binds its substrate MgATP2-, 
the intrinsic fluorescence of its tryptophans increases. 
Both the decrease in fluorescence and the increase 
in fluorescence are rectangularly hyperbolic func-
tions of the free concentrations of the respective 
ligands with dissociation constants of 7 mM and 
25 nM, respectively.183 It is also possible to modify 
a protein with a fluorescent reagent to increase its 
fluorescence and use changes in the fluorescence 
of the inserted fluorophore to determine a dissocia-
tion constant.185 
 In Equation 3-279, the molar concentration of 
sites and the molar concentration of ligand are 
formally equivalent. Consequently, in the analogous 
arrangement to that producing Equation 3-280, the 
concentration of the complex between ligand and 
site at equilibrium 

          (3-301) 

A quantity Ylig, the fraction of the molecules of lig-
and in the solution that are occupied by sites, can 
be defined 

      (3-302) 

 Assume that the fluorescence of a protein is 
not elicited by a wavelength used to produce the 
fluorescence of a ligand. If the fluorescence of the 
ligand changes when a site on the protein associ-
ates with it, then in a derivation analogous to that 
for Equation 3-297 

       
                (3-303) 

where Fobs is the observed fluorescence of a solu-
tion of the ligand at a particular free concentration 
of sites, Fuo is the fluorescence of a solution of the 
same concentration of ligand in the absence of sites, 

DF is the difference between the two, Fsat is the flu-
orescence of a solution of the same concentration 
of ligand at a saturating concentration of sites, and 
DFt is the total change in fluorescence observed 
when the concentration of ligand is at saturation. It 
follows that 

           (3-304) 

and that when DF is plotted as a function of the free 
concentration of empty sites at equilibrium, the da-
ta should define a rectangular hyperbola. For ex-
ample, a series of solutions, each with the same 
concentration (0.5 mM) of the peptide SIESDV, the 
amino terminus of which had been modified by a 
fluorescent 5-(dimethylamino)naphthalene-1-sulfonyl 
group, was prepared containing increasing concen-
trations of the PDZ domain from murine 
a-1-syntrophin (1-40 mM). As the concentration of 
the PDZ domain increased, the increase in the fluo-
rescence of the solution was a hyperbolic function 
of the free concentration of PDZ domain, [ST]eq, 
from which a dissociation constant of 1.93 ± 0.04 mM 
could be calculated (Figure 3-22).188 Again, the 
concentration of sites has been corrected for the 
small concentration of sites that are occupied at 
each concentration of ligand to obtain the much 
larger values for the concentration of sites unoccu-
pied by ligand. 
 In practice, however, these two formally equiv-
alent participants, site and ligand, are not actually 
equivalent. It is often difficult if not impossible to 
ascertain the molar concentration of active, func-
tional protomers but relatively easy to determine 
the concentration of ligand. It is often difficult or 
expensive to prepare solutions of protomers at 
molar concentrations in the range of the dissocia-
tion constant, an ability that is required to produce 
the hyperbolic curves necessary to assess the disso-
ciation constant. Consequently, the concentration 
of sites is usually held constant at a level below the 
dissociation constant and the concentration of ligand 
that is varied in the range of the dissociation con-
stant. This common practice is only for economy, 
not because the ligand and the site are not formally 
equivalent participants in the association. 
 As has been already mentioned, there are sev-
eral physical properties other than absorbance 
and fluorescence that can monitor the formation of 
a complex between a ligand and a site on a protein.   
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Figure 3-22: Binding of the PDZ domain (amino acids 77 
through 171) of murine a-1-syntrophin to the fluorescently 
labeled hexapeptide N-[5-(dimethylamino)naphthalene-1-sulfo-
nyl]serylisoleucylglutamylserylaspartylvaline (dansyl-SIESDV), 
followed by the change in fluorescence upon the association.188 
To a solution containing 0.5 mM dansyl-SIESDV (1.25 mL) in a 
continuously stirred cuvette in a fluorometer, small samples 
(2-5 mL) of a concentrated solution of the PDZ domain were 
added. After each addition, the fluorescence (excitation at 
330 nm; emission at 540 nm) was monitored. The measured 
values of the fluorescence were corrected for any dilution that 
occurred upon addition of the concentrated solution, and the 
total concentrations of PDZ domain in the final solution were 
corrected by subtracting the concentration of bound PDZ domain 
to obtain the free concentration at equilibrium, [syntrophin 
PDZ domain]eq. The concentration of bound PDZ domain was 
assumed to be equal to the fraction of dansyl-SIESDV bound, 
Ylig, at each total concentration (Equation 3-303) times the 
concentration of dansyl-SIESDV (0.5 mM). The data were fitted 
with Equation 3-52 with y equal to Fobs - Fuo and x equal to [syn-
trophin PDZ domain]eq (a rearranged form of Equation 3-303). 
Parameter a is Fsat - Fuo, and parameter b is KdPDZ (1.93 ± 0.04 
mM). By using the value of Fsat obtained from this fit, the frac-
tional saturation, Ylig, could be calculated (Equation 3-303). 
The fractional saturation (unitless) is presented as a function 
of the free concentration of PDZ domain at equilibrium 
([syntrophin PDZ domain]eq in micromolar). 
 
 
 
 
The increase or decrease in the fluorescence of a 
ligand or a protein observed when a complex forms 
is often accompanied by a change in the lifetime of 
the fluorescence, and the fraction of the fluoro-
phore displaying the free lifetime and the fraction 
of the fluorophore displaying the bound lifetime 
can often be resolved so that Y or Ylig can be meas-
ured directly.183 When a large rotationally immo-
bile molecule of protein, such as bovine pancreatic 
ribonuclease, associates with a small rotationally 
mobile ligand, such as the tetranucleotide dAdUdAdA 
that has been modified with fluorescein, the rota-
tional mobility of the ligand bound to the active site 

decreases dramatically and the anisotropy of its 
fluorescence increases.191 The chemical shift of a 
nucleus in a ligand in a nuclear magnetic reso-
nance spectrum, such as the phosphorus-31 in 
[4-31P]phosphatidylinositol 4,5-bisphosphate, can 
change upon association with a protein, such as a 
pleckstrin homology domain.192 When a protein, 
such as gentamicin 2AA-nucleotidyltransferase from 
P. aeruginosa, associates with a ligand, such as tobra-
mycin, heat is either emitted or absorbed, and that 
heat can be measured in a microcalorimeter.193 
 Each of these latter changes—the increase in 
anisotropy, the change in chemical shift, or the 
emission or absorption of heat—is directly propor-
tional to the concentration of the complex that is 
formed, and the same strategies and equations 
(Equations 3-297 and 3-303) can be used to evalu-
ate the data, with the respective physical property, 
be it anisotropy, chemical shift, or heat emitted or 
absorbed, in place of absorbance or fluorescence. 
When the dissociation constant for binding of the 
inhibitor N-(phosphonomethyl)glycine to the complex 
ren shikimate 3-phosphate and 3-phospho-
shikimate 1-carboxyvinyltransferase from E. coli 
was determined by following the heat emitted 
upon formation of the ternary complex, its value 
(0.15 ± 0.03 mM) agreed closely with its dissociation 
constant obtained by following changes in fluores-
cence (0.16 ± 0.02 mM) and its inhibition constant 
(0.16 mM) for the enzymatic reaction.168 
 In the measurements described so far, the 
concentration of the component that displays the 
physical property that changes during formation of 
the complex was held constant—for example, the 
concentration of aspartate carbamoyltransferase—
and the concentration of the component that does 
not display that behavior was varied—for example, 
the concentration of ∂-malate. The latter concen-
tration, however, can also be held constant and the 
former varied. For the moment, the physical prop-
erty used in the following discussion will be fluo-
rescence, but the equations and the conclusions 
are the same for any physical property. 
 The coenzyme NADPH displays fluorescence 
at 450 nm when it is excited by light at a wavelength 
of 290 nm. Its fluorescence is enhanced about 
25-fold when it is bound at the active site of ho-
moserine dehydrogenase from E. coli. The effect of 
an enhancement or diminution in fluorescence 
when a ligand associates with a protein—for exam-
ple, in the case of homoserine dehydrogenase, the 
enhancement of the fluorescence of NADPH—can 
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Figure 3-23: Binding of NADPH to homoserine dehydrogenase 
from E. coli, followed by the enhancement of the fluorescence 
of NADPH.186 To a cuvette containing either a solution of 0.25 mg 
mL-1 homoserine dehydrogenase (HS) or buffer alone, succes-
sive additions of concentrated solutions of NADPH were made 
to produce the noted final, total concentrations of ligand. Between 
each addition, the fluorescence of the solution was determined 
(lexcitation = 285 nm; lemission = 350 nm). (A) Fluorescence (in 
arbitrary units) as a function of the total concentration of 
NADPH (micromolar). Data for the fluorescence in the absence 
of enzyme (Í) as a function of [NADPH]t were fitted with a line 
of direct proportionality to obtain a value for the constant of 
proportionality a (0.262 ± 0.006 mM-1). Data for the fluores-
cence in the presence of enzyme (3) were then fitted with 
Equation 3-322, in which y is Fobs,  x is [L]t, parameter a is 
KdNADPH (0.41 ± 0.08 mM), parameter b is [HS]t (2.2 ± 0.1 mM), and 
parameter c is the constant of proportionality, b (6.5 ± 0.4 mM-1). 
The fit of Equation 3-322 to the data was then used to calculate  

the horizontal asymptote for the function (dashed line). (B) Frac-
tional saturation of sites for NADPH on homoserine dehydrogen-
ase, Y, as a function of the total concentration of NADPH (micro-
molar). Values for the constants of proportionality, a (0.262 mM-1) 
and b (6.5 mM-1), and the total molar concentration of sites, 
[HS]t (2.2 mM), were used in Equation 3-309 to convert each 
value for Fobs to the respective fractional saturation (Y, which is 
dimensionless). The curve drawn is that defined by Equation 
3-322 into which were inserted the values for KdNADPH 
(0.41 mM) and [HS]t (2.2 mM) obtained in the fit to the data in 
Panel A. (Inset to Panel B) The variable [NADPH]t Y-1, where 
[NADPH]t is the total concentration of the ligand (in micromolar), 
is presented as a function of the dimensionless quantity (1 - Y)-1. 
The line drawn is that for Equation 3-323 with the value of the 
dissociation constant KdNADPH (0.41 mM) obtained from the fit 
in Panel A for its slope and the molar concentration of sites, 
[HS]t (2.2 mM), obtained from the fit in Panel A for its intercept 
with the axis of the ordinate. 

 
 
be monitored. The values for the fluorescence are 
measured for a series of solutions in which the total 
concentration of the participant in the complex 
that is responsible for the fluorescence is increased 
in increments—for example, in the case of homo-
serine dehydrogenase when the total concentration 
of NADPH is increased incrementally at a fixed 
concentration of sites (Figure 3-23A).186 
 In the absence of sites, the fluorescence of the 
solution increases in direct proportion to the concen-
tration of the fluorescent ligand, as in the case of 
NADPH (lower line in Figure 3-23A) as well as most 
fluorophores at low concentration, and the fluores-
cence observed, Ffree, is due entirely to free ligand, 
unbound to any sites because there are no sites 
present in the solution. In this situation, 

               (3-305) 

where xf is a constant of proportionality for the free 
ligand. If, however, a fixed concentration of sites— 
 

 
 
for example, active sites on homoserine dehydro-
genase that associate with NADPH—is present in 
the solution, then the fluorescence increases either 
less steeply or more steeply when increments of the 
ligand are added—as when NADPH is added to the 
solution containing homoserine dehydrogenase. 
The change in the incremental increase occurs be-
cause the fluorescence, Fbound, of the complex be-
tween ligand and protein, ST·L, is either less than 
or greater than, respectively, that of free ligand. The 
fluorescence of the bound fluorophore 

             (3-306) 

where xb is also a constant of proportionality. The 
association of the ligand with the site either enhances 
its fluorescence (xb > xf) or quenches its fluores-
cence (xb < xf). 
 If [L]t is the total concentration of ligand, both 
bound and free, for each experimental point, and 
Y is, as before, defined as the fraction of the sites 
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occupied (Equation 3-293), then the fluorescence 
observed, Fobs, at any total concentration of ligand, 
[L]t, will be 

             (3-307) 

and 

       (3-308) 

After rearrangement 

             (3-309) 

At saturation (Y = 1) 

         (3-310) 

This equation defines the asymptote (dashed line 
in Figure 3-23A) of the curve observed in the pres-
ence of sites. This asymptote will be a line the slope 
of which is the same as the slope of the line in the 
absence of protein (xf) and the intercept of which at 
the axis of the ordinate will be (xb - xf)[ST]t. In the 
case of association of NADPH with homoserine dehy-
drogenase (HD), the intercept of the asymptote 
with the axis of the ordinate has a positive value. If 
association of the ligand with the protein quenches 
the fluorescence of the ligand, the intercept of the 
asymptote with the axis of the ordinate is at a nega-
tive value. By using the value for (xb - xf)[HD]t de-
termined from this intercept and the value for xf 
obtained from the slopes of both the asymptote 
and the linear increase in fluorescence in the absence 
of sites, values of Y can be obtained for each value 
of [NADPH]t (Equation 3-309) and can be plotted 
as a function of [NADPH]t (Figure 3-23B). 
 This approach is a general one for any physi-
cal property the magnitude of which is directly 
proportional to the concentration of ligand free in 
solution and also directly proportional to the concen-
tration of ligand bound to sites and has significantly 
different constants of proportionality for free ligand 
(xf) and bound ligand (xb), respectively. The value 
for xb can be greater than the value for xf or it can 
be smaller; these two constants of proportionality 
just must differ enough to observe statistically signifi-
cant differences between measurements in the pres-
ence of protein and measurements in its absence. 

 The values of Y obtained in the particular meas-
urements just described for homoserine dehydro-
genase and NADPH do not describe a rectangular 
hyperbola, although they seem to do so (Figure 
3-23B). To understand why they do not, one must 
examine the behavior of Y as a function of the total 
concentration of sites 

        (3-311) 

and the total concentration of ligand 

           (3-312) 

 
 There are three regimes in which the binding 
of a ligand can be quantified by monitoring a 
physical property. These three regimes can be un-
derstood by examining three quadratic equations. 
 To understand the first regime, Equations 
3-279, 3-311, and 3-312 can be combined and re-
arranged to give the quadratic equation* 

    
                (3-313) 

When measurements are made in the first regime, 
either the fixed concentration of sites or the fixed 
concentration of ligand in the samples is purpose-
ly set at a value that is much lower than the disso-
ciation constant. If, for example, [ST]t << KdL and 
the concentration of ligand is in the range of the 
dissociation constant, then because [ST]t << [L]t, 
Equation 3-313 can be factored 

      (3-314) 

and 

             (3-315) 

This approach is the one that was chosen for meas-
urements of the dissociation constant for N-methyl-
nicotinamide from lysozyme (Figure 3-20; [ST]t = 
0.35 mM, Kd = 300 mM) and for the dissociation 
constant for ∂-malate from aspartate carbamoyltrans-

                                     
*It should be noted in passing that this quadratic equation, 
because it can be solved for the free concentration of ligand, as 
opposed to the total concentration, if KdL is known, is useful in 
its own right.155 

F obs  =  F free  +  F bound

F obs  =     f ([L]t – [ST]tY  )  +     b[ST]tY 
 x x

xx
Y  =  

F obs –     f [L]tx
(   b –    f )[ST]t

F obs  =     f [L]t  +                   [ST]t x (   b –    f )xx

[ST]t  =  [ST]eq  +  [ST·L]eq

[L]t  =  [L]eq  +  [ST·L]eq

K dL[L]t  –  (K dL  +  [ST]t  –  [L]t  )[L]eq  –  [L]eq
2  =  0

(K dL  +  [L]eq )([L]t  –  [L]eq )  @  0

[L]eq   @  [L]t
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ferase ([ST]t = 75 mM, Kd,mal = 4900 mM). In the first 
regime, only the dissociation constant for the lig-
and can be ascertained. 
 If the concentration of sites is too close to the 
dissociation constant, then the concentration of 
free ligand [L]eq will not be approximately equal to 
the total molar concentration of ligand [L]t, and the 
molar concentration of sites in which ligand is 
bound, [ST·L]eq, if at all possible, must be deducted 
from the total concentration of ligand originally 
added to the solution, [L]t, to obtain the free con-
centration of ligand. In the case of the dissociation 
constant for 10-(imidazolyl)decanoate from unspe-
cific monooxygenase (Figure 3-21B; [ST]t = 3 mM, 
KdL = 29 mM), which approaches the upper boundary 
of the first regime, the total concentrations of lig-
and could be corrected for the amounts bound to 
obtain the free concentration of ligand plotted in 
the graph. It should always be remembered that the 
concentration of ligand, [L]eq, and the concentra-
tion of sites, [ST]eq, in all the equations are the free 
concentrations, respectively, which are often un-
known, not the total concentrations, which are 
usually known. 
 Because [ST]eq and [L]eq are mathematically 
equivalent in Equation 3-279, the quadratic equa-
tion equivalent to Equation 3-313 can be derived 
for [ST]eq, and when the concentration of ligand is 
held constant at levels well below the dissociation 
constant ([L]t < KdL) and the concentration of sites 
is varied in the range of the dissociation constant, 
the concentration of total sites will be close to the 
concentration of free sites ([ST]t @ [ST]eq) because 
[L]t < [ST]t. For titration of the fluorescently modi-
fied peptide SIESDV with the PDZ domain from 
murine a-1-syntrophin (Figure 3-22),188 the con-
centration of ligand chosen, 0.5 mM, was signifi-
cantly less than the dissociation constant, 1.9 mM. 
Nevertheless, the fixed concentration of the ligand 
was close enough to the dissociation constant that 
the free concentrations of the PDZ domain from 
murine a-1-syntrophin unoccupied by the peptide 
were ascertained by subtracting from the total con-
centration of sites the concentration of PDZ domain 
from murine a-1-syntrophin that was occupied by 
the fluorescent peptide. In this instance, the cor-
rection was easily done because the total concen-
tration of ligand was known. 
  In this first regime, when a dissociation con-
stant is measured by following a change in a physi-
cal property, no independent estimate of the total 
concentration of sites can be made from the re-
sults. 

 To understand the second regime, Equations 
3-279, 3-311, and 3-312 can be combined and rear-
ranged to give the quadratic equation 

   
                (3-316) 

When measurements are made in the second re-
gime, the total concentration of sites and the total 
concentration of ligand are purposely set at values 
that are much higher than the dissociation con-
stant. Under these circumstances, because KdL is 
much less than either concentration, Equation 
3-316 can be factored 

   (3-317) 

Either the total concentration of ligand or the total 
concentration of sites is varied while the total con-
centration of the other is held constant. If the total 
concentration of ligand is varied, when [ST·L]eq < [ST]t 

           (3-318) 

Each mole of ligand added to the solution will be 
bound stoichiometrically by a site until all the sites are 
occupied. Beyond saturation, where [ST·L]eq = [ST]t, 
further addition of ligand will simply be equivalent 
to the addition of ligand to a solution lacking the 
protein. In the second regime, a plot of the physical 
property responding to the binding of the ligand as 
a function of the total concentration of ligand pro-
vides an estimate of the total concentration of sites 
in the solution. 
 When either NADH or NADPH binds to bovine 
glutamate dehydrogenase [NAD(P)+] 

    
                (3-319) 

in the absence of 2-oxoglutarate and NH4
+, the ab-

sorbance of the respective nucleotide at 320 nm 
decreases by about 25%. If the concentration of en-
zyme is fixed at 5.3 mg mL-1 and increasing con-
centrations of either NADH or NADPH are added, 
the rate of increase in the absorbance of the solution 
is significantly lower than the rate of increase when   

[ST]t 
[L]t  –  (K dL  +  [ST]t  +  [L]t  )[ST·L]eq  +

                                                                      [ST·L]eq
2  =  0

([ST]t  –  [ST·L]eq )([L]t  –  [ST·L]eq )  @  0

[ST·L]eq   @  [L]t

¬-glutamate  +  H2O  +  NAD(P)+  1 
             H+ +  2-oxoglutarate  +  NH4

+  +  NAD(P)H
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Figure 3-24: Spectrophotometric titration181 of the sites on bovine 
glutamate dehydrogenase [NAD(P)+] for the binding of NADH. 
Crystalline glutamate dehydrogenase [NAD(P)+] was dissolved 
in a solution (3.00 mL) of 0.17 M glutamate at pH 7.0. The final 
concentration of enzyme in each solution was 5.30 mg of pro-
tein mL-1 based on an extinction coefficient determined by dry 
weight analysis. Successive additions (5 mL) of a standard solu-
tion of NADH were made to the solution to establish the noted 
final concentrations. An otherwise identical 3.00 mL solution 
of 0.17 M ¬-glutamate at pH 7.0, to which no enzyme had been 
added, served as the control. The same successive additions (5 mL) 
of NADH were made to the control. After each successive addi-
tion, the absorbance of each solution was measured. The 
absorbances of the several solutions (dimensionless) are 
presented as a function of the final equilibrium concentrations 
of NADH (micromolar). The intersection of the two lines is at 
92 mM NADH, which gives a value of 57.5 mg of protein (mmol 
of sites)-1. There are 55.726 mg of bovine glutamate dehydro-
genase [NAD(P)+] for every micromole of active sites. 
 
 
 
the enzyme is not present; but, beyond a concen-
tration of ligand equal to that of the concentration 
of sites, the rate of increase in absorbance discon-
tinuously assumes the value observed in the absence 
of enzyme (Figure 3-24).181 At the point of inflec-
tion, the total concentration of ligand must equal 
the total concentration of sites. The concentration 
of sites in the 5.3 mg mL-1 solutions of glutamate 
dehydrogenase [NAD(P)+] was estimated in this 
way to be 93 mM; and consequently, there is one 
mole of sites for binding NADH or NADPH for every 
57,000 g of protein. The molar mass of a protomer 
of bovine glutamate dehydrogenase [NAD(P)+] is 
55,726 g. This exact molar mass was not known at 
the time the measurements were made, but if it had 
been, these results would have demonstrated that 
the number of active sites was equal to the number 
of protomers and that the preparation of the enzyme 
was 98% pure and active. 
 An experiment of this type is a spectrophoto-
metric titration of the concentration of sites for 
binding of the ligand.184 Properly, such a determi-

nation should be made at several different concen-
trations of protein because, as the concentration of 
protein is increased, the point of inflection must 
shift proportionally to the right if the total concen-
tration of sites is actually greater than the dissociation 
constant. This shift should be demonstrated directly. 
Again, the same type of measurement can be per-
formed by fixing the concentration of ligand at a 
level much greater than the dissociation constant 
and varying the concentration of protein. 
 The concentration of sites in a solution can al-
so be determined by a kinetic titration performed 
in this second regime. A kinetic titration is a titra-
tion of the sites for an activator, substrate, or inhib-
itor of an enzyme that is followed by its effect on 
the kinetics of the enzymatic reaction. For example, 
when in the second regime, an inhibitor of the en-
zymatic activity that has a small enough dissocia-
tion constant is stoichiometrically bound by the 
enzyme if both the concentration of sites and the 
concentration of inhibitor are in excess of the dis-
sociation constant for the inhibitor from the site. In 
this situation, the decreases in initial rate of the enzy-
matic reaction observed at several different concen-
trations of the inhibitor are directly proportional to 
the concentration of bound inhibitor, which is equal 
to the known total concentration of the inhibitor.196 
The molar concentration of inhibitor required to 
inhibit the enzyme completely is equal to the molar 
concentration of sites for the inhibitor. When the 
concentration of enzyme needed to exceed the dis-
sociation constant of a ligand is so high that it is 
greater than that at which initial rates can be meas-
ured, a single turnover of the enzyme can often be 
followed. For example, the ligand can be a tightly 
bound substrate for the enzyme. A kinetic titration 
performed by increasing the concentration of the 
enzyme and following the increase in the initial 
rate of single turnovers can be used to estimate the 
molar concentration of sites for the substrate in a 
solution of the enzyme.197 When the unknown con-
centration of active sites equals the known concen-
tration of substrate, the rate of single turnovers no 
longer increases but discontinuously levels out. 
 In this second regime, when the concentration 
of sites is measured by following a change in a 
physical property or the kinetics of the enzymatic 
reaction, no estimate of the dissociation constant 
can be made. 
 To understand the third regime, Equations 
3-279, 3-293, 3-311, and 3-312 can be combined 
and rearranged to give the quadratic equation 
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                 (3-320) 

The relevant of the two roots of this quadratic 
equation is the one in which 

 
                (3-321) 

When measurements are made in the third regime, 
the concentration of sites is purposely set at a val-
ue that is in the same range as the dissociation 
constant, [ST]t @ KdL. Under these circumstances, Y, 
the fraction of sites occupied by ligand L, is a function 
of the total concentration of ligand [L]t, the dissoci-
ation constant KdL, and the total concentration of 
sites [ST]t (Equation 3-321). As a result, in this 
range, both the total concentration of sites and the 
dissociation constant become parameters of the 
measurement. 
 For example, if fluorescence is being monitored, 
Equations 3-309 and 3-321 can be combined and 

  
                (3-322) 

where y is Fobs and x is [L]t and the parameters of 
the fit are a, b, and c. The value for xf is known from 
the behavior of fluorescence in the absence of pro-
tein (lower line in Figure 3-23A). Parameter a from 
the fit is KdL, parameter b is [ST]t, and parameter c 
is xb. Equation 3-322 can be fit by nonlinear least-
squares analysis to the behavior of the observed 
fluorescence as a function of the total concentration 
of ligand L. In the example of homoserine dehydro-
genase, the constant of proportionality from the 
slope of the line in the absence of the enzyme, xf, is 
0.262 ± 0.006 mM-1, and when Equation 3-322 is fit 
to the data directly (Figure 3-23A), the dissociation 
constant KdNADPH is 0.41 ± 0.08 mM, the molar con-
centration of sites is 2.26 ± 0.11 mM, and the constant 
of proportionality xb is 6.5 ± 0.4 mM-1. In an exper-
iment of this type, once the values for KdL and [ST]t 
have been estimated in preliminary experiments, 
[ST]t can be purposely chosen to be of the same 
magnitude as KdL, as in the experiments with homo-
serine dehydrogenase. Because KdL and [ST]t are of 

approximately equivalent weight in Equation 3-321, 
the most ideal situation is one in which they are 
approximately equal in magnitude.* 
 Equations 3-309, 3-321, and 3-322 can be ap-
plied to any physical property that, like fluorescence, 
is proportional to the concentration of free ligand 
and to the concentration of bound ligand and for 
which the two constants of proportionality, xf and 
xb, differ significantly simply by replacing Fobs by 
the symbol for the physical property being meas-
ured.184,187,198 The fit of Equation 3-322 to the data 
provides the most accurate asymptote for the curve 
(dashed line in Figure 3-23A), and this asymptote 
can be used to convert the observed values for the 
physical property being measured (Equations 3-309 
and 3-310) into values for the fractional saturation Y 
as a function of the total concentration of ligand so 
that they can be plotted (Figure 3-23B). 
 Equation 3-320 can be rearranged to the linear 
form 

          (3-323) 

When [L]t Y -1 is plotted as a function of (1-Y)-1, a 
straight line180 with a slope of KdL and an intercept 
with the axis of the ordinate of [ST]t is observed (inset 
to Figure 3-23B). Equation 3-323 and its graphical 
representation define the information available in the 
three regimes. Because 0 < 1 - Y < 1, when [ST]t << KdL, 
the intercept of the line will be indistinguishable 
from zero and only the dissociation constant can 
be measured, which is still the slope of the line. 
When [ST]t >> KdL, the slope of the line will be indis-
tinguishable from zero and only [ST]t can be meas-
ured, which is still the intercept with the axis of the 
ordinate. It is only when the total concentration of 
sites is in the range of the dissociation constant 
that the line has both a slope other than zero and 
an intercept other than zero, and both of the terms 
can be measured. 
 A kinetic titration can also be carried out in the 
third regime. For example, a small protein, calmod-
ulin, activates Ca2+-transporting ATPase from human 
erythrocyte membranes.199,200 If the initial rate of 
this enzymatic reaction is followed as a function of 
the concentration of calmodulin at saturation with 
Ca2+ and MgATP2-, a monotonic increase in the initial 
rate, Dv0, is observed that reaches a maximum, DV, 
at high concentrations of calmodulin. It can be 
                                     
*This conclusion is supported by the almost equivalent standard 
deviations on these two parameters from the fit in Figure 3-23B. 
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shown155 that [CM]t,0.5, the total concentration of 
calmodulin producing an increase in the initial 
rate, Dv0, equal to half the maximum increase, DV, 
is related to the total molar concentration of sites 
with which calmodulin associates by the equation  

       (3-324) 

where K dCM,app is the apparent dissociation con-
stant for the binding of calmodulin to Ca2+-trans-
porting ATPase. When Equation 3-324 is combined 
with Equation 3-281 

      (3-325) 

If the concentration of protein (grams liter-1) can 
be adjusted so that the concentration of sites has a 
value in the range of the value for the apparent dis-
sociation constant and Equation 3-325 has a dis-
cernable slope, and if initial rates for the enzymatic 
reaction can be measured at these concentrations, 
a plot of [CM]t,0.5 as a function of the concentration 
of the protein (in grams liter-1) will have a slope of 
(k /2). In this instance, the parameter k is the moles 
of sites (gram of protein)-1. A simple way to under-
stand Equation 3-324 is to consider that the free 
concentration of calmodulin is less than the total 
concentration by the amount bound to the enzyme. 
To effect the same fractional activation as the con-
centration of enzyme is increased, the total concen-
tration of calmodulin must be increased to adjust 
for the increase in the bound calmodulin, and the 
additional calmodulin needed is directly propor-
tional to half the concentration of sites. 
 When experimental studies of binding are per-
formed, a clear distinction among these three re-
gimes must be made from the start. If [ST]t is 
actually much less than KdL, changing the concen-
tration of protein will have no effect on the apparent 
dissociation constant measured with the assumption 
that [L]t = [L]eq. If [ST]t is actually in the range of 
KdL, changing the concentration of protein will 
change the apparent dissociation constant meas-
ured with the assumption that [L]t = [L]eq. If [ST]t is 
actually much greater than KdL, a titration with an 
inflection will be observed, and the point of inflec-
tion will shift proportionally as the concentration of 
protein is varied. 

 The dissociation constant for ligand L, the 
physical properties of which are unaffected by its 
association with a site ST, can be still be deter-
mined if it competes for site ST with ligand M, the 
physical properties of which are affected by its asso-
ciation with site ST. If the two ligands compete 
with each other for the same site on a protomer of a 
molecule of protein, then ligand M and ligand L 
cannot both bind to the site simultaneously, and the 
complex M·ST·L cannot form. It follows that 

  
                (3-326) 

where 

          (3-327) 

and 

          (3-328) 

If, because of the competition 

     (3-329) 

and 

         (3-330) 

and  

          (3-331) 

it follows that 

 

[CM]t,0.5  =  K dCM,app  +
[CM]t
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                                       (3-332) 

 
which is a cubic equation in the molar concentra-
tion of the complex between ligand M and site ST 
on the protein. 
 In the absence of any information about the 
equilibrium constants, the appropriate cubic root 
of Equation 3-332 provides an equation for the value 
of the observed physical property for ligand M as a 
function of the total concentration of ligand L. 
When the total concentrations of ligand M and sites 
are in the proper range, this equation can be fit to 
the data to obtain values for KdM, KdL, and [ST]t. If 
the experiment is designed properly so that certain 
terms in Equation 3-332 become negligible, the 
cubic equation can be simplified to a quadratic 
equation. From the appropriate root of this quad-
ratic equation, an equation can be derived for the 
value of the observed physical property of ligand M 
as a function of the total concentration of ligand L 
when the concentrations of protein and ligand M 
are held constant, and this equation can be fit to 
the data to obtain values of KdM, KdL, and [ST]t.188,201 
 If, however, the moles of sites (gram of pro-
tein)-1 is known, so that the total concentration of 
sites in a particular solution is known, and if the 
dissociation constant for ligand M, KdM, is also 
known, then a value of KdL, the only missing param-
eter, can be obtained from the data without having 
to fit a cubic root or a quadratic root. Titrations can 
be performed in the usual manner, in the absence 
of ligand L, by following the physical property to 
obtain values for the dissociation constant of ligand 
M and the constant of proportionality k, the moles 
of sites (gram of protein)-1, so that the molar concen-
tration of sites can be known for a given concentration 
of protein. 
 If a physical property Q of ligand M is affected 
by its association with site ST, then from Equations 
3-293 and 3-297 

      (3-333) 

where Qobs is the observed value for the physical prop-
erty at particular fixed concentrations of ligand M 
and site ST, QM is the value of that physical property 

at the same fixed concentration of ligand M in the 
absence of sites ST, and QM·P is the value of that 
physical property at the same fixed concentration 
of ligand M when ligand M is fully saturated with 
sites ST. If a series of solutions, each with the same 
fixed molar concentrations of ligand M and site ST, 
so that YM > 0.5, are titrated with different concentra-
tions of ligand L, the bound concentration of ligand M, 
[M·ST]eq, will decrease as a result of the competi-
tion of ligand L for site ST, and YM will also de-
crease. The total concentration of ligand L, [L]t,0.5, 
that brings YM to 0.5, which is where 

              (3-334) 

can be measured in this titration. When YM = 0.5, 
regardless of the presence of ligand L, [M]eq = KdM 
(Equation 3-293), and 

   
                (3-335) 

All the terms in the quotient on the right are known 
quantities. The measurements can be repeated with 
several different molar concentrations of sites, [ST]t, 
and ligand M, [M]t, each measurement beginning 
at levels where YM > 0.5, to show that KdL is always 
the same. 
 
 There are many situations in which the con-
centration of sites for binding a ligand present in a 
biological preparation is too low for the methods 
described so far to be applied. Most of the experi-
mental results and procedures examined so far require 
that the molar concentration of binding sites be fairly 
high. For example, in all the procedures where the 
bound concentration of the ligand is determined by 
the difference between the free concentration and 
the sum of bound and free concentrations, the 
bound concentration of the ligand must be of the 
same order of magnitude as the free concentra-

(K dL  –  K dM)[M·ST]eq
3  +  ( K dM

2 –  K dMK dL  +  K dM[M]t  –  2K dL[M]t  –  K dM[L]t  –  K dL[ST]t  +  K dM[ST]t )[M·ST]eq
2

+  (K dLK dM[M]t  +  K dL[M]t
2  +  K dM[L]t[M]t  –  K dM[ST]t[M]t  +  2K dL[ST]t[M]t)[M·ST]eq –  K dL[ST]t[M]t

2
    =  0 

Qobs –  Q M

Q M·ST  –  Q M

[M·ST]eq

[ST]t
Y M  =                    =

Qobs  =  0.5 ( Q M·ST  +  Q M )

K dL  =

2K dM
2  +  2K dM[L]t,0.5  +  K dM[M]t  –  2K dM[ST]t

2[ST]t  –  [M]t –  2K dM
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tion.202 In experiments in which either the absorb-
ance of the protein (Figure 3-21) or the absorbance 
of the protein in a complex between the ligand and 
the protein (Figure 3-20) is monitored, the concen-
tration of the protein must be high enough and the 
protein must be pure enough to produce measurable 
changes in absorbance. Where differences in the 
fluorescence of a ligand are being followed (Figure 
3-23), unless the increase in quantum yield is quite 
large, the concentrations of bound and free ligand 
must also be within the same range; and, since 

          (3-336) 

it follows that the concentration of sites must be of 
the same order of magnitude as the dissociation 
constant. Likewise, when the concentration of pro-
tein is varied to determine the dissociation con-
stant (Figure 3-22), the concentration of sites must 
cover a range including the dissociation constant. 
In the titration of glutamate dehydrogenase by NADH 
(Figure 3-24), the concentration of sites had to be 
in excess of the dissociation constant. None of these 
requirements are prohibitive when the protein in 
question is abundant, soluble, and pure because 
molar concentrations as high as 1-10 mM in sites 
can be achieved under these circumstances. In other 
instances, however—particularly in situations where 
the protein on which the sites reside is only a small 
fraction of the protein present—it may not be possible 
to produce high enough concentrations of sites. 
 Many examples of this problem are encoun-
tered in the large group of proteins known as re-
ceptors. As the name implies, in many cases these 
proteins are identified only on the basis of their 
ability to bind a ligand. For example, the insulin recep-
tor is defined as a protein in the plasma membrane 
of cells that binds insulin. Although one of the first 
receptors to be identified was identified by equilibrium 
dialysis,202 often, for technical reasons, receptors 
are too impure, insoluble, and available only in 
small quantities. In such instances, the procedures 
described so far do not work. 
 When such problems arise, usually the binding 
is followed by using radiolabeled ligands and rap-
idly separating the large quantities of unbound 
ligand from the small amount of bound ligand. For 
example, the binding of insulin to the insulin receptor 
from R. norvegicus203 that had been dissolved and 
purified in solutions of detergent was followed through 
the purification by using 125I-labeled insulin of high 

specific radioactivity (1.7 ¥ 1018 cpm mol-1) and 
separating the small amount of bound insulin from 
the unbound insulin by precipitating the protein at 
0 ªC with poly(ethylene glycol) and rapidly capturing 
and washing the precipitate with buffer at 0 ªC to 
complete the removal of free ligand.204 The binding 
of epidermal growth factor to the human epidermal 
growth factor receptor in purified plasma membranes 
has been followed by using 125I-labeled epidermal 
growth factor of high specific radioactivity 
(1.8 ¥ 1017 cpm mol-1) and separating the small 
amount of bound 125I-labeled epidermal growth 
factor (usually <5% of the total) from the large 
amount of unbound 125I-labeled epidermal growth 
factor by filtering the membranes directly.205 
 With the exception of these last examples, in 
all the methods for measuring binding discussed so 
far, the sites at which the ligand is bound remain in 
a solution in which the free concentration of ligand 
is unaltered by the procedure, and the ligand and 
the site remain at equilibrium. The measurements 
of the binding of 125I-labeled insulin to insulin re-
ceptor or 125I-labeled epidermal growth factor to 
epidermal growth factor receptor, however, are ex-
amples of procedures in which sites with their 
bound ligands have to be separated completely from 
free ligand to monitor the bound ligand.204 Free ligand 
can also be completely separated from bound ligand 
by electrophoresis.206-208 If the sites are attached to 
fragments of membrane or cells, the free ligand can 
be rapidly removed by centrifugation or filtration 
without the need to precipitate the protein.204,209  
 In all these instances, the concentration of 
bound ligand begins to decrease from its level at 
equilibrium as soon as the free concentration of 
ligand begins to decrease. In the extreme, no lig-
and will be left with the protein because it has all 
dissociated and then been washed away. If free ligand 
is removed abruptly and completely in some way, 
then an accurate estimate of the dissociation at 
equilibrium can still be made even if significant 
dissociation has occurred during the separation 
because the dissociation of ligand is a first-order 
reaction. Consequently, the same percentage of the 
initially bound ligand will be present in each 
washed sample, and the hyperbola defining the 
concentration of bound ligand as a function of the 
concentration of the ligand will decrease by the 
same fraction at each point. The concentration of 
bound ligand at saturation, however, will be less, 
often by a significant fraction, than its concentra-
tion at equilibrium before free ligand was removed, 
so the concentration of sites cannot be accurately 

=
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assessed by these procedures unless the binding is 
so tight that little if any dissociation occurs during 
the separation. If the removal of free ligand is grad-
ual rather than abrupt, the dissociation constant 
determined will also be inaccurate. 
 In all these experiments examining the binding 
of ligands to receptors, two controls are usually run. 
First, it must be shown that the method used to 
separate physically the bound ligand and the unbound 
ligand is rapid enough that only manageable 
amounts of the ligand dissociate from the site during 
the procedure. Second, a control for nonspecific 
binding is also usually performed. In most cases, 
this control involves addition of a high concentra-
tion of nonradioactive ligand to see if this elimi-
nates binding of the radioactive ligand. A better 
control, however, is to add a different ligand, 
known from independent experiments to block 
completely the binding of the ligand being tested. 
For example, specific binding of a-cobratoxin from 
Naja siamensis to murine acetylcholine receptor 
could be defined as the binding that was blocked 
by a high concentration of carbamoyl choline,210 a 
structurally different ligand for acetylcholine recep-
tor that competes with a-cobratoxin for binding. 
 
 There is a direct connection between a disso-
ciation constant KdL and the rate constants gov-
erning the kinetics of association of the ligand, k1, 
and dissociation of the complex, k-1. At equilibrium, 
Equation 3-279 applies as well as 

       (3-337) 

from which it follows that 

              (3-338) 

Equation 3-338, because it contains no concentra-
tions, must be true under any set of circumstances. 
In particular, even in a situation in which an enzyme 
and its substrates exist in a steady state, which is 
not to be confused with existing at equilibrium, 
Equation 3-338 is valid. If a set of kinetic meas-
urements, made in any situation, provides an un-
ambiguous numerical value for the ratio of the two 
individual rate constants, k-1 (k1)-1, then the numer-
ical value for this ratio is the numerical value of KdL. 
 Under certain circumstances, the easiest way 
to measure a dissociation constant is to measure 
these rate constants for the association and disso-

ciation of the ligand.211 One of these circumstances 
is that in which the dissociation constant is so small 
that it cannot be measured directly. For example, at 
25 ªC the rate constant for the association of cyano-
cobalamin with haptocorrin from G. gallus is 
0.24 nM-1 s-1 and the rate constant for its dissociation 
is 4 ¥ 10-9 s-1, from which an immeasurably small 
dissociation constant of 2 ¥ 10-8 nM can be calcu-
lated.212 Another circumstance is one in which 
equilibrium is established so slowly that it is easier 
to measure the rates at which the ligand associates 
and dissociates than it is to ensure that equilibrium 
has been established before a direct measurement 
is made.213 In another instance, a measurement of 
the dissociation constant for tetrodotoxin from so-
dium channels from canine heart at -50 mV was 
made by assessing its rate constants of association 
and dissociation because a vanishingly small 
amount of protein was present in the membrane 
on which the difference in electric potential was 
imposed.214 The dissociation constant (14 ± 2 mM) 
calculated from the rate constants for association 
(0.167 ± 0.003 mM-1 s-1) of chorismate with the ac-
tive site and dissociation (2.3 ± 0.1 s-1) of choris-
mate from the active site in an inactive mutant of 
isochorismatase from P. aeruginosa was in good agree-
ment with the dissociation constant (19 ± 2 mM) 
measured directly from changes in fluorescence.198 
 Up to this point, the binding between a site on 
a molecule of protein and a ligand has been dis-
cussed with the assumption that the complex 
formed, ST·L, is a dead-end complex. Because a 
dead-end complex is one in which the ligand is not 
transformed but dissociates from the complex in its 
original form, dead-end complexes are defined by a 
simple dissociation constant. Before they are inter-
converted, reactants and products associate with 
and dissociate from the active sites of enzymes as 
if they were ligands, but their transformation on 
the active site complicates the picture. Measure-
ment of the dissociation constant for a dead-end 
complex is a thermodynamic measurement; that 
for a complex between an enzyme and its substrate 
is usually a kinetic measurement. One way to avoid 
the kinetic complication of turnover of the reactant 
by an enzyme is to examine the binding of that reac-
tant to a mutant form of the enzyme that still binds 
the reactant but cannot convert it to product.198 
This strategy, however, is not so unambiguous as a 
measurement of the dissociation constant for the 
complex between the reactant and the unaltered 
enzyme. 
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 There is significant confusion between the 
Michaelis constant for reactant A in an enzymatic 
reaction, KmA, and the dissociation constant for 
the binding of reactant A to the active site, KdA. 
This confusion arises from the provocative appeal 
of Equation 3-55, the simplest possible kinetic 
mechanism for an enzymatically catalyzed reaction. 
In the rate equation (Equation 3-62) for v0 derived 
from the kinetic mechanism of Equation 3-55  

        (3-339) 

The assumption is that the step governed by the 
rate constant k2, in which covalent bonds are made 
and broken, should be much slower than the step 
governed by the rate constant k-1, in which only 
noncovalent bonds are broken and made, as would 
be the case in most uncatalyzed chemical reactions 
in which an encounter complex forms between two 
reactants many times before there is the proper 
orientation and kinetic energy of collision to achieve 
reaction. If k2 << k-1, then 

                (3-340) 

If all enzymatic reactions had kinetic mechanisms 
as simple as that of Equation 3-55, and if, in all cases, 
the chemical transformations of the reactants were 
slower than the rate constants for their dissociation 
from the active site, this approximation would be 
valid. 
 Unfortunately, most enzymatic reactions have 
much more complicated kinetic mechanisms in-
volving multiple steps, and the expression for Km is 
more complicated and more distant from the simple 
expression for a dissociation constant.* Even if the 
kinetic mechanism were as simple as the one in Equa-
tion 3-55, many enzymes have become so efficient 
that they are able to perform the transformations of 
the covalent bonds more rapidly than the bound 
reactants are able to dissociate from the active site. 
For both of these reasons, Equation 3-340 is sel-
dom valid. An example of this ambiguity is that 
when two amino acids, Lysine 116 and Glutamate 135, 
which form hydrogen bonds with the a-phospho 

                                     
*It was the realization that, during most enzymatic reactions, 
the association of a reactant with the active site is not at equi-
librium that led Briggs and Haldane76 to propose that the steps 
in an enzymatic reaction, including the associations of reac-
tants, should be treated as being in a steady state rather than at 
equilibrium, as had been proposed by Michaelis and Menten.64 

group of the reactant MgATP2- in the active site of 
cAMP-dependent protein kinase from S. cere-
visiae,215,216 are mutated in turn to alanines, the 
Michaelis constant for the peptide that is the other 
reactant for the enzyme increases by factors of 25 
and 50, respectively, while the Michaelis constant 
for MgATP2- increases by factors of only 6 and 3.217 
 If it is desired that the observed Michaelis con-
stant be approximately equal to the actual dissocia-
tion constant of the reactant from the active site, 
that desire in that particular instance must be estab-
lished experimentally. 
 The common desire to treat a Michaelis constant 
as if it were a dissociation constant218-223 arises from 
the fact that it is often difficult to measure the binding 
of a substrate to an enzyme because the enzyme 
transforms the substrate while the measurements are 
being attempted. Often, therefore, kinetic measure-
ments are the only measurements available for deter-
mining the dissociation constants between an enzyme 
and its substrates. 
 In some instances, the steady-state kinetics 
can be dissected to isolate a dissociation constant. 
Acetylcholinesterase (AE) catalyzes the reaction 

                    

 (3-341)
 

The enzyme also catalyzes the hydrolysis of a num-
ber of related acetyl esters. The binding of acetyl 
esters to acetylcholinesterase cannot be assessed in 
the absence of water, the other reactant in the reac-
tion catalyzed by the enzyme, so a series of acetyl 
esters has been used to study the properties of the 
active site in the enzyme from Electrophorus electricus 
involved in binding these reactants by following the 
steady-state kinetics of the enzyme.224 
 It had been shown in earlier studies that the 
kinetic mechanism  
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                (3-342) 

where E-OH is a serine in the active site, was con-
sistent with all the kinetic observations that had 
been made with acetylcholinesterase. In this 
mechanism, the term k3[H2O] had the same value 
for all the reactants used in the study because the 
reactants were all acetyl esters producing the same 
acetyl enzyme (3-10), and the value for the term 
k3[H2O] had already been determined accurately. 
The catalytic constant, k0, for the kinetic mecha-
nism (Equation 3-342), when the initial concentra-
tion of the product alcohol, [ROH]0, is zero is 

            (3-343) 

Consequently, from the observed values of the rate 
constant k0 for each reactant and the known values 
for k3[H2O] and [AE]t, values of the rate constant k2 
could be calculated for each reactant. 
 For the kinetic mechanism (Equation 3-342) 

             (3-344) 

With this equation, the observed values of the spec-
ificity constant kA for reactant A, and the calculated 
values of k2, values of (k-1 + k2) k1

-1
 could be calcu-

lated for each reactant. From comparing measured 
values of k2 to estimated values of k-1, it was concluded 
that, for every reactant except acetylcholine, k-1 >> k2 
and (k-1 + k2) k1

-1 was an accurate estimate of the 
dissociation constant (Equation 3-339) for the 
binding of each reactant to the active site.224 
 
 

 Numerical values of the dissociation constants 
measured for complexes between enzymes and 
substrates, between enzymes and competitive inhib-
itors, or between proteins and ligands have a 
number of uses. Because they are directly related 
to changes in standard free energy, they are often 
related to the types of noncovalent interactions 
between the site and the ligand. In this way, these 
dissociation constants are often used to probe the 
structure of the binding site or the active site. 
 In the case of acetylcholinesterase, the dissoci-
ation constants for a series of N-methylated 2-ami-
noethyl acetates [H3N+C2H4-, (CH3)H2N+C2H4-, 
(CH3)2HN+C2H4-, and (CH3)3N+C2H4-] were com-
pared, respectively, with a series of corresponding 
alkyl acetates in which nitrogen has been replaced by 
carbon [H3CC2H4-, (CH3)H2CC2H4-, (CH3)2HCC2H4-, 
and (CH3)3CC2H4-]. All these acetate esters, both 
the cations and the alkanes, were reactants in hydro-
lyses catalyzed by the enzyme (Table 3-4). The fact 
that little if any difference was observed between 
the estimated dissociation constants for pairs of 
substrates having or lacking the cationic elemen-
tary charge demonstrates that this feature of the 
structure of the physiologically relevant substrate, 
acetylcholine, does not contribute significantly to 
the favorable change in standard free energy accom-
panying its association with the active site. The fact 
that substrates with the same number of hydrogen–
carbon bonds, regardless of their net charge, had 
about the same dissociation constants and the fact 
that the dissociation constants decrease as the 
number of hydrogen–carbon bonds increase suggest 
that it is mainly a hydrophobic effect that drives 
this association. 
 In the crystallographic molecular models of 
complexes between acetylcholinesterase from 
Tetronarce californica 225 and several inhibitors, each 
containing a trimethylammonium group, that 
group is found to be pushed up against the side 
chain of a tryptophan with two of its methyl groups 
in direct contact with the aromatic p system of the 
indolyl group, which isolates the hydrogen–carbon 
bonds from contact with the water of the solution. 
One of these methyl groups was also in direct con-
tact with the aromatic p system of the phenyl group 
of a phenylalanine, and three molecules of water 
form a partial shell of hydration around the third 
otherwise unoccupied methyl group.226,227 The fact 
that this third methyl group has no direct interaction 
with the active site may explain why the dissociation  
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constants for the trimethyl reactants are essentially 
same as those for the dimethyl reactants (Table 3-4). 
In one of the complexes, a glutamate is 0.35 nm from 
one of the two methyl groups pushed up against 
theindolyl group. Site-directed mutations of the 
tryptophan,228,229 the phenylalanine,230 and the 
glutamate,170 however, suggest that the p system of 
the indolyl group of the tryptophan provides the ma-
jority of the standard free energy stabilizing the 
complex between the enzyme and the quaternary 
ammonium ion. The quadrupole moment of the ar-
omatic p sys-tems surrounding the cation permits 
the trimethyl-ammonium group to be tolerated in a 

nonpolar pocket and to bind with the same affinity 
as a tert-butyl group.231 
 In the instance of acetylcholinesterase, a cationic 
functional group interacts mainly with nonpolar, 
aromatic p molecular orbital systems, while in a 
crystallographic molecular model of exo-a-sialidase 
from influenza virus, the nonpolar methyl group 
contributing significantly to the potency of an inhibi-
tor is surrounded by three carboxy groups from the 
side chains of two glutamates and an aspartate.232 
These examples indicate that the structures of the 
binding sites for ligands on proteins are often 
counterintuitive. 
 Hexokinase from S. cerevisiae associates with 
its reactants233,234 with a preference for ∂-glucose 
to associate before MgATP2-. Because the reactants 
associate and dissociate rapidly relative to their 
turnover and because ∂-glucose is usually the first 
substrate to bind in this rapid-equilibrium random 
kinetic mechanism, the Michaelis constant Km,gluc 
for ∂-glucose has been shown to be approximately 
equal to the dissociation constant for its binding to 
the open active site. Kinetic values for Km were 
used as estimates of the dissociation constants for 
the binding of various analogues for ∂-glucose to 
the active site (Table 3-5).235,236 As is ∂-glucose, 
most of these derivatives of ∂-glucose are phos-
phorylated at the 6-hydroxy group in a reaction 
 It is possible to get a feeling for the structure 
of the active site of hexokinase from the changes in 
Km caused by various replacements. The active site 
of the enzyme seems to be open and unrestrictive 
at carbon 2 of ∂-glucose because epimerization or 
replacement of the OH with smaller (hydrogen or 
fluorine) or larger (chloro or acetamido) groups has 
little effect on the Michaelis constant. At both car-
bons 3 and 4, however, epimerization eliminates the 
ability of the monosaccharide to participate in the 
reaction. This result suggests that there are either 
amino acids or polypeptide on the side of the ring 
opposite the 3-hydroxy group and on the side of the 
ring opposite the 4-hydroxy group, and anything 
larger than a hydrogen is sterically excluded. This 
steric effect must also apply adjacent to the hydroxy 
group on carbon 3 because methylation at this oxy-
gen produces a substrate that cannot participate in 
the reaction. A more subtle effect is seen when either 
the 3-hydroxy group or the 4-hydroxy group is 
replaced by a fluorine. The 550-fold increase in the 
Michaelis constant (DDGª = +15 kJ mol-1) suggests 
that in each case a noncovalent interaction, such as 
a hydrogen bond, directed toward the hydroxy group 
  

Table 3-4: Dissociation Constants224 for the 
Binding of Reactants to Acetylcholinesterasea 

reactant dissociation constant 
(mM) 

 

aDissociation constants were estimated from steady-state 
kinetics at pH 7 .8 , 25  ∞C, and ionic strength of 0 .18  M. 
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in particular has been prevented from occurring. A 
similar although 10-fold less dramatic change is 
seen when either the 6-hydroxy group is replaced 
by a fluorine or carbon 6 is eliminated entirely 
(xylose). All these intuitions about the active site 
that were derived from the values for these dissoci-
ation constants are consistent with the structure of 
the complex between ∂-glucose and the active site 
of the enzyme in a crystallographic molecular 
model that was constructed much later.237 
 The substitution of a hydrogen on a ligand with a 
halogen, as was just described in the case of hexo-
kinase, can be used to probe the structure of the 
site for that ligand on a protein in the vicinity of 
that hydrogen. If the dissociation constant for the 
ligand decreases in the sequence -F,-H,-Cl,-Br,-I, 
this observation indicates that the vicinity is non-
polar.238 If it decreases and then increases over the 
same sequence, this observation indicates that the 
vicinity is sterically hindered because the larger 
halogens are not tolerated.239 
 The disposition of subsites within a particular 
binding site can be probed systematically. For ex-
ample, when the distance between a guanidinio 

group and a phosphate in a series of inhibitors for 
human purine-nucleoside phosphorylase was var-
ied synthetically, a minimum in the values for the 
inhibition constant was observed at a distance of 
1.1 nm,240 which suggests that the subsites for these 
functional groups on the nucleotides that are the 
normal substrates for the enzyme are located at 
this distance from each other, as they should be. 
 In the studies just described, changes are made 
synthetically in the ligand to probe the structure of 
the site on the protein or its subsites, but often they 
are made in pharmaceutical research for the pur-
pose of improving systematically the affinity of the 
ligand for the protein. The specificity of a site on a 
protein for a ligand can also be changed by directed 
evolution.241-243 The protein is randomly mutated, the 
mutants are screened to discover those with altered 
affinity in the desired direction, and the best can-
didates are mutated again and rescreened. 
 
 Measurements of the binding of a substrate to 
an enzyme in the absence of its cosubstrates are 
often used to confirm or to reject kinetic mecha-
nisms that propose a particular order in which the 
reactants bind to that active site during enzymatic 
catalysis. 
 Most enzymes operate on two or more reac-
tants, and if only one of the two or more reactants 
is present, it will usually not be transformed by the 
enzyme. If the enzyme associates with its reactants 
at random or if the reactant of interest is the first 
one to associate with the active site, then in the ab-
sence of any coreactants, a reactant will form a 
meaningful, dead-end complex with the enzyme, 
the dissociation constant of which can be measured. 
For example, NADPH, in the absence of ¬-homoserine, 
forms a dead-end complex (KdNADPH = 0.41 ± 0.08 mM) 
with homoserine dehydrogenase (Figure 3-23); 
NADH, in the absence of 2-oxoglutarate and am-
monia, forms a dead-end complex with glutamate 
dehydrogenase (Figure 3-24); orotidine 5A-phosphate, 
in the absence of diphosphate, forms a dead-end 
complex (KdOMP = 3.1 ± 0.3 mM) with orotate phospho-
ribosyltransferase; and 2A-deoxyuridine 5A-phosphate, 
in the absence of (6R)-5,10-methylenetetrahydro-
folate, forms a dead-end complex (Kd,dUMP = 5 mM) 
with thymidylate synthase from E. coli.184 
 There are sometimes ambiguities in measure-
ments of this kind. For example, the kinetic behavior 
of the inhibition of aspartate carbamoyltransferase 
(Equation 3-220) from E. coli by N-(phosphonacetyl)-
¬-aspartate (Figure 3-14) and studies of product 
inhibition of the enzyme,244 as well as the fact that 

Table 3-5: Michaelis Constants235,236 for 
Derivatives of ∂-Glucosea as Reactants for 
Hexokinaseb 

derivative of glucose Michaelis constant 
 (mM) 

∂-glucose 0 .1 4  
2 S epimer (∂-mannose) 0 .0 5  
2 -deoxy 0 .3 0  
2 -deoxy-(2 R)-acetamido 1 .0  
2 -deoxy-(2 R)-fluoro 0 .1 9  
2 -deoxy-(2 S)-fluoro 0 .1 4  
2 -deoxy-(2 R)-chloro 2 .1  
3 R epimer (∂-allose) >1 0 0  
3 -deoxy-(3 S)-fluoro 7 0  
3 -O-methyl >1 0 0  
4 S epimer (∂-galactose) >5 0  
4 -deoxy-(4 R)-fluoro 8 4  
5 -dehydroxymethyl (∂-xylose) 1 0 c 
6 -deoxy-6 -fluoro 8 c 

a(2 R,3 S,4 R,5R)-2 ,3 ,4 ,5 -Tetrahydroxy-5 -(hydroxymethyl)-
pentanal. b3 0  ∞C, pH 7 –8 .5 . c Competitive inhibitor, Ki listed. 
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addition of carbamoyl phosphate to a solution of 
aspartate carbamoyltransferase produces a major 
change in the conformation of the protein while 
addition of ¬-aspartate does not,108,245 are all consis-
tent with the conclusion that carbamoyl phosphate 
must associate with the active site before ¬-aspar-
tate can associate with the active site in the reaction 
leading to products. Aspartate, however, can bind 
to the unoccupied enzyme, presumably at a site 
unrelated to the active site, with a dissociation con-
stant even smaller than its dissociation constant 
when it is productively associating with the active 
site occupied by carbamoyl phosphate.178 The sub-
strate fructose 6-phosphate can bind to six sites on 
each protomer of ovine 6-phosphofructokinase 
(Equation 3-300), but the addition of phosphate, 
which eliminates the nonspecific binding attributable 
to the phospho group on fructose 6-phosphate, de-
creases the number of sites to one for each subunit.246 
Presumably, this one remaining site is the active 
site. Analogues for ATP bind to three sites on every 
protomer of 6-phosphofructokinase from O. cunic-
ulus. One of these is a site at which fructose 
1,6-bisphosphate also binds,247 which cannot be 
the site for productive association of MgATP2-. 
 When reactants enter the active site at ran-
dom, either reactant must be able to bind to the 
enzyme in the absence of the other. For example, 
the observation that both MgATP2- and fructose 
6-phosphate by themselves can associate with 
6-phosphofructokinase from E. coli to form the 
respective dead-end complexes was presented as 
further evidence that these two reactants normally 
associate at random with the active site of the en-
zyme.183 
 If the kinetic mechanism is rapid-equilibrium 
random (Equation 3-121) so that KmA = aKdA and 
KmB = aKdB (Equations 3-104 and 3-129) and if those 
two reactants associate with the enzyme inde-
pendently of each other (a = 1), then the two Michaelis 
constants, KmA and KmB, should equal the dissocia-
tion constants for the respective reactants. Both 
quinolate alone (KdQA = 20 mM) and 5-phospho-
a-∂-ribose 1-phosphate alone (KdPRPP = 50 mM) bind 
to nicotinate-nucleotide diphosphorylase (carboxy-
lating) from S. typhimurium and, in the absence of 
the other reactant, form dead-end complexes with 
the enzyme. The similarity between these two dis-
sociation constants and the respective Michaelis 
constants (KmQA = 25 mM and KmPRPP = 30 mM) was 
presented as evidence that the enzyme has a rapid-
equilibrium, random kinetic mechanism.163 The 
dissociation constants for either NAD+ (300 mM) or 

UDP-glucose (40 mM) when either binds to bovine 
UDP-glucose dehydrogenase in the absence of the 
other248 are of the same order of magnitude as the 
values for their Michaelis constants (500 mM and 
10 mM, respectively),249,250 which were measured 
under significantly different conditions, and these 
observations were presented as evidence for a kinetic 
mechanism in which the two reactants bind at ran-
dom and at equilibrium in the first steps of the 
reaction catalyzed by this enzyme. The directly 
measured dissociation constants for either 
¬-isoleucine (25 mM) or MgATP2- (150 mM) when 
either binds in the absence of the other251 to iso-
leucine-tRNA ligase from E. coli are close to the 
values estimated for their dissociation constants 
calculated from kinetic measurements (4 mM and 
150 mM, respectively).252 
 When reactants must associate with the active 
site in a particular order, only the first should be 
able to bind to the unoccupied enzyme. The fact 
that thymidine kinase from herpes simplex virus 
forms a dead-end complex with thymidine in the 
absence of MgATP2- but associates with H2ATP2-, 
an unreactive analogue of MgATP2-, only in the 
presence of thymidine suggests253 that, in the nor-
mal enzymatic reaction, thymidine must associate 
with the enzyme before MgATP2-. Likewise, the 
facts that isocitrate forms a dead-end complex with 
isocitrate dehydrogenase (NAD+) 

       
                (3-345) 

from S. cerevisiae in the absence of NAD+, with a 
dissociation constant equal to its Michaelis con-
stant, but that NAD+ does not bind to the enzyme 
in the absence of isocitrate254 are consistent with a 
kinetic mechanism in which isocitrate is required 
to enter the active site before NAD+.* The facts that 
∂-glucose binds to hexokinase from S. cerevisiae, in 
the absence of MgATP2-, with a dissociation constant 
equal to its Michaelis constant but that MgATP2– 
binds much less strongly to the enzyme in the ab-
sence of a monosaccharide234 confirms a kinetic 
mechanism in which ∂-glucose usually binds first 
to the active site. 

                                     
*This behavior is an example of an active site that does not form 
a "holoenzyme" with a nicotinamide coenzyme in the absence 
of its nominal substrate. 
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 In theory, in the situation when one reactant is 
required to associate with the enzyme before another, 
the association of the first reactant must decrease 
the dissociation constant for the second reactant 
from infinity to a finite value. This shift would be an 
extreme example of an increase in the affinity of a 
protein for one ligand caused by the binding of an-
other. Usually, as one might expect, one ligand in-
creases the affinity of a protein for another by less 
than an infinite factor. For example, the association 
of MgGDP- increases the affinity of amidophospho-
ribosyltransferase from Bacillus subtilis for MgADP– 
by only a factor of 200.255 In the case of the binding 
of nitrate, creatine, and MgADP- to creatine kinase 
from O. cuniculus, any two of the ligands bind 
independently of each other, but for all possible 
combinations, the association of two of the ligands 
decreases the dissociation constant of the third by 
a factor of 10.256 In reality, the conclusion that one 
reactant must associate with an active site before 
the other is actually a conclusion that the associa-
tion of the first reactant simply increases the affinity 
of the active site for the second. 
 As already noted, the increase in the affinity of 
a protein for one ligand in the presence of another is 
best described by a linkage relation (Equation 3-122). 
For example, the inhibitor N-(phosphonomethyl)-
glycine (PMG) 

 

has a dissociation constant for 3-phosphoshikimate 
1-carboxyvinyltransferase (Equation 3-262) from 
S. pneumoniae that is 1700 times smaller when the 
enzyme is occupied its substrate shikimate 3-phos-
phate (KdPMG,S3P = 0.25 mM) than when its active site 
is vacant (KdPMG = 420 mM).257,258 The linkage rela-
tion defining this increase in affinity is 

     
                (3-346) 

where E is the enzyme and S3P is shikimate 3-phos-
phate. In a clockwise direction around the cycle, 
KdS3P

-1 KdPMG,S3P
-1 KdS3P,PMG KdPMG = 1. If this linkage 

relation describes the situation, the observed dis-
sociation constant for shikimate 3-phosphate from 
enzyme occupied by N-phosphonomethyl-glycine 
(KdS3P,PMG = 0.50 mM) should also be 1700 times 
smaller than that for the unoccupied enzyme 
(KdS3P = 770 mM), which it is. The independent meas-
urement of the four dissociation constants in this 
particular cycle establishes the linkage relation.257 
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Problem 3-18: Show that Equations 3-343 and 
3-344 follow from the kinetic mechanism in Equa-
tion 3-342. 

 

Problem 3-19: When ∂-glucose 6-phosphate (G6P) 
or ∂-fructose 6-phosphate (F6P) is added to glucose-
6-phosphate isomerase from O. cuniculus, the enzyme 
converts either one to an equilibrium mixture of 
both (hexose 6-phosphate, H6P). The sum of their 
concentrations, [H6P], can be measured by begin-
ning the experiment with versions of either that are 
uniformly labeled with carbon-14. The following 
observations156 were made by equilibrium dialysis 
at pH 8.0 and 30 ªC. The concentration of protein was 
10.0 g L-1. 
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 [H6P]free 
   (mM) 

[H6P]bound 
    (mM) 

46 35 
45 32 

125 67 
266 96 

270 100 
561 113 

3010 142 

 
 (A) Plot these data directly. 
 (B) Use a fitting program to fit these data to a 

rectangular hyperbola, or plot the data on a 
Scatchard plot.  

 (C) Determine the apparent dissociation con-
stant for hexose 6-phosphate and the grams 
of protein (mole of sites)-1 at saturation.  

 (D) The molar mass of glucose-6-phosphate isom-
erase from O. cuniculus calculated from the 
sequences of amino acids for its subunits is 
125,230 g mol-1. How many protomers does 
each oligomer contain? 

 
 Each measurement is made at equilibrium. At 
equilibrium, each step in the kinetic mechanism of 
the enzyme has come to equilibrium, as well as the 
concentrations of ∂-glucose 6-phosphate and ∂-fruc-
tose 6-phosphate. 
 
 (E) Write an equilibrium mechanism for the en-

zymatic reaction that takes into account the 
binding of substrates to the active site and 
the interconversion of the substrates on the 
active site. Your expression should be a set of 
four linked equilibria. 

 (F) What is the expression for the apparent dis-
sociation constant  

 

  of the equilibrium mixture of substrates from 
the active site in terms of only equilibrium 
constants from your linked equilibria.  

  

 

Problem 3-20: Using Equations 3-326 through 
3-331, derive the cubic equation in [M·ST]eq (Equa-
tion 3–332) and then the cubic equations in YM 
(Equation 3–333) and in Qobs (Equation 3–334). 
 

Problem 3-21: A group of proteins, the selectins, 
which are found on the surfaces of particular cells, 
are mammalian lectins that are distinguishable by 
their ability to recognize and bind unique oligosac-
charides. When the specific selectins on the surface 
of one cell bind to the oligosaccharides on the sur-
face of another cell, the first cell adheres to the second 
cell. The extracellular portion of E-selectin is a 
fragment of the intact molecule of E-selectin that 
lacks the membrane-spanning portions of the protein, 
is freely soluble, and contains one binding site for 
its particular ligands, one of which is the sialyl Lew-
is x oligosaccharide NAcNeup-(b2,3)-∂-Galp-(bl,4)-
[¬-Fucp-(al,3)]-∂-Glc, where NAcNeu is the pyranose 
of N-acetylneuraminic acid, b-∂-Galp is b-∂-galacto-
pyranose linked at the 4-hydroxy group of ∂-gluco-
pyranose, a-¬-Fucp is a-¬-fucopyranose linked at 
the 4-hydroxy group of the same ∂-glucopyranose, 
and ∂-Glc is ∂-glucose.259 A fluoresceinyl group 
was attached synthetically to the hydroxy group of 
the hemiacetal of the ∂-glucose in this oligosaccha-
ride, and the product is designated sLex[Glc]-Fl. 
When sLex[Glc]-Fl is bound by the extracellular 
portion of human E-selectin (E1), the anisotropy of 
the fluorescence from its fluoresceinyl group increases 
because it becomes less mobile. When samples 
containing 1.0 mM or 0.2 mM sLex[Glc]-Fl were mixed 
with various concentrations of E1, the following 
values for anisotropy of fluorescence were observed.190 
 

 anisotropy of fluorescence 
                          (r) 

[E1] 
(mM) 

1.0 mM 
sLex[Glc]-Fl 

0.2 mM 
sLex[Glc]-Fl 

173 0.172 0.184 
140 0.159 0.164 

53 0.130 0.133 
41 0.121 0.120 
34 0.115 0.115 
25 0.108 0.110 
23 0.105  
15 0.095 0.095 

0 0.075 0.075 

KdGP,app  =
[E]eq ([F6P]eq + [G6P]eq)
([E·F6P]eq + [E·G6P]eq)
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where the concentrations of E1 and sLex[Glc]-Fl are 
all total concentrations. 
 
 (A) Plot Dr against [E1]eq (Equation 3-303). 
 (B) Use a fitting program to fit these data to a 

rectangular hyperbola, or plot the data on a 
Scatchard plot. 

 (C) Determine the dissociation constant for 
sLex[Glc]-Fl from E1 and rsat, the anisotropy 
of the fluorescence at saturation. 

 (D) Why were two different concentrations of 
sLex[Glc]-Fl used in the measurements? 

 

 

Problem 3-22: Adenine phosphoribosyltransferase 
catalyzes the reaction 

 

Various phosphates have been found to be inhibi-
tors of adenine phosphoribosyltransferase.260 Val-
ues for the dissociation constants (determined as 
inhibition constants, Ki ) between various inhibitors 
and the enzyme are shown in the table, and some are 
plotted in the figure on a common logarithmic scale. 
 

compound    Kd 
(mM) 

Mg 5-phospho-a-∂-ribose 0.0002 
       1-diphosphate 

∂-ribose >50 
a-∂-ribose 1-phosphate >50 
∂-ribose 5-phosphate 3.3 
∂-fructose 6-phosphate 5.1 
∂-glucose 6-phosphate 5.1 
a-∂-ribose 1,5-bisphosphate 0.12 
∂-ribulose 1,5-bisphosphate 0.41 
∂-fructose 1,6-bisphosphate 0.20 
a-∂-glucose 1,6-bisphosphate 0.42 
ethylene glycol bisphosphate 24 
propane-1,3-diol bisphosphate 1.2 
butane-1,4-diol bisphosphate 0.45 
pentane-1,5-diol bisphosphate 0.39 
hexane-1,6-diol bisphosphate 0.38 

 

 (A) Explain the dissociation constants listed in 
the table. Why were the other monosaccharide 
phosphates and bisphosphates included?  

 (B) Explain the dissociation constants plotted in 
the figure. 

 (C) What is the difference in free energy of binding 
between a diol bisphosphate that fits the active 
site well and a-∂-ribose 1,5-bisphosphate?  

 (D) Assume that the main difference between a 
diol bisphosphate and ∂-ribose 1,5-bisphos-
phate is the hydroxy groups of the ribose, 
and discuss this difference of free energy in 
terms of the enthalpies of formation of the 
hydrogen bonds. Recall that the active site is 
constructed for a ribose.  

Molecularity and Approximation 

During an elementary chemical reaction or during 
one of the elementary steps of a composite reac-
tion, the nuclei of the atoms involved in the reac-
tion change their mean positions relative to each 
other. The relative positions of the atomic nuclei in 
the reactants are different from their relative posi-
tions in the products. If there are n nuclei in the re-
actants, and therefore n nuclei in the products, 
3n - 6 coordinates are required to define the rela-
tive positions of these nuclei in space when they 
are close enough together to participate in the re-
action. Assigning a numerical value to each of these 
3n - 6 coordinates defines a relative distribution of 
the nuclei in space. It can be assumed that the elec-
trons redistribute in response to the motion of the 
nuclei so rapidly that the positions of the nuclei are 
all that is needed to define the system.261 This par-
ticular distribution of nuclei and electrons has a 
specific potential energy, Ep, associated with it. The 
atomic coordinates and the associated potential 
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energies together create a surface of potential energy 
in (3n - 5)-dimensional space. 
 The initial state for an intramolecular, uni-
molecular reaction in which a bond will be formed 
between two atoms in the reactant is any confor-
mation of a molecule of the reactant in which the 
two atoms to be joined are separated sufficiently 
that the behavior of each is not significantly affected 
by the motion of the other but are approaching 
each other on a trajectory that will lead to intramo-
lecular collision and formation of the bond. The final 
state for such a reaction is the product containing 
the new bond in its ground state. The initial state 
for an intramolecular, unimolecular reaction in 
which a bond will be broken is the ground state of 
the molecule containing the susceptible bond. The 
final state for such a reaction is the molecules of 
product in which the two atoms previously bonded 
have separated from each other sufficiently that the 
behavior of each is not significantly affected by the 
motion of the other. The initial state for an inter-
molecular, bimolecular reaction is the separated 
molecules of the reactants, too distant from each 
other to affect their individual free energies but on 
trajectories that will lead to a productive collision. 
The final state is the separated molecules of product 
departing from the productive collision. In any given 
reaction, the initial state and the final state can be 
assigned to broad minima on the surface of potential 
energy describing that reaction. 
 Any reaction that converts reactants into 
products must follow a path on the surface of po-
tential energy between the region occupied by the 
reactants and the region occupied by the products. 
Each path must pass through a point that has the 
highest potential energy for that particular path. 
Within the set of the infinite number of paths be-
tween reactant and product, there will be a col. The 
col is the highest point on a subset of these paths 
that has a lower potential energy than the highest 
points on all the other paths. This col is analogous 
to the pass of lowest altitude through a range of 
mountains separating two geographical points. 
Because this col represents the lowest barrier of 
potential energy between reactants and products, a 
chemical reaction connecting reactants and prod-
ucts usually will proceed on a path through or near 
this col. For a given reaction, if a local minimum of 
potential energy is encountered along the paths 
leading through a col so that all the paths have two 
cols, or two maxima of potential energy, then the 
reaction is a composite reaction that proceeds through 

 
 
Figure 3-25: Variation in potential energy, Ep, as function of 
the distance along a reaction coordinate.262 The plateaus on 
the two sides are the potential energies of separated reactants 
and separated products, far enough apart that they have no 
interaction with each other. The potential energy at the peak is 
the potential energy of the transition state (‡). The width, d, is 
the portion of the reaction coordinate occupied by the transi-
tion state. The height, E0, is the difference in potential energy 
between reactants and transition state. 
 
 
an intermediate. In this instance, the reaction is divi-
ded into two steps, and each step is an elementary 
reaction. Consequently, a path between reactants 
and products, between reactants and an intermediate, 
between one intermediate and another intermediate, 
or between an intermediate and products on the 
surface of potential energy through the col for that 
particular step has only one maximum of potential 
energy, which is the col itself. A reaction coordi-
nate is a path through a col. 
 A reaction coordinate is presented figuratively 
(Figure 3-25)262 as a curve beginning on a plateau 
the potential energy of which is that of the separated 
reactants and ending on a plateau the potential energy 
of which is that of the separated products for a particu-
lar step in a reaction. The abscissa is the distance 
along the reaction coordinate over the surface of 
potential energy, and the ordinate is the potential 
energy associated with a given distance along the 
reaction coordinate. Each point on the reaction co-
ordinate defines a distribution of atomic nuclei in 
space. As the reaction progresses along the reaction 
coordinate, the nuclei participating in the reaction 
are changing their relative positions as reactants 
are transformed into products. 
 
 The relative positions of the nuclei in space at the 
col, the point of highest potential energy, comprise 
the transition state. The transition state, as for any 
stable molecule, is a collection of nuclei distributed 
in space in association with a particular number of 
electrons, which are confined to the atomic and 
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molecular orbitals dictated by that distribution of 
nuclei. The only difference between a transition state 
for an elementary reaction and the reactants or 
products for that elementary reaction is that the 
transition state is directly unstable with respect to 
both. If the transition state were at rest at the highest 
point of the col, it would be immediately transformed 
with equal probability into either reactants or prod-
ucts. 
 For reactants to be transformed into products 
in an elementary reaction, sufficient energy must 
be available for the reactants to reach the potential 
energy of the transition state. This energy is usually 
provided by the kinetic energy of the collision in a 
multimolecular reaction or by fluctuations in internal 
energy in a unimolecular reaction, but any other 
source of energy is also acceptable. 
 According to transition state theory,262,263 the 
rate constant of a chemical reaction, kr, is 

            (3-347) 

where kT is the transmission coefficient, kB is the 
Boltzmann constant, and h is the Planck constant. 
The transmission coefficient is the fraction of the 
transition states that have been successfully reached 
by the reactants and then decompose into prod-
ucts, and it is thought to be close to unity under 
normal circumstances because the motion along 
the reaction coordinate is usually in the direction of 
products.263 The constant ‡K A is defined as  

       (3-348) 

where ‡Q0 A is the partition function of the transi-
tion state calculated from all degrees of freedom 
available to the transition state except motion 
along the reaction coordinate, Q0

i is the partition 
function of reactant i, and E0 is the difference in 
potential energy between the reactants and the 
transition state (Figure 3-25). The zeroes as super-
scripts denote partition functions for the same 
standard volume. 
 Although ‡K A is formally determined only by 
partition functions and potential energies, it is 
mathematically indistinguishable from the statisti-
cal mechanical expression for an equilibrium con-
stant, and it is possible to define a standard free 
energy of activation D‡GªA  for an elementary reac-
tion by the equation 

      (3-349) 

It should be noted that this equation is a definition 
of D‡GªA only in terms of the observed rate constant 
for the elementary reaction, kr. While values for 
D‡GªA can be estimated by calculation, at the mo-
ment, tabulated experimental values for D‡GªA are 
nothing more than tabulations of values obtained 
with Equation 3-349 from particular observed rate 
constants, usually with the unacknowledged assump-
tion that kT = 1.0.  
 In transition state theory, ‡Q0A is the quotient 
of the actual partition function for the transition 
state, ‡Q0, and the factor [d (2p 

‡mkBT)1/2] h-1, where 
‡m is the mass of the transition state and d is the 
distance along the reaction coordinate occupied by 
the transition state (Figure 3-25). This factor is the 
partition function for translation of the transition 
state along the reaction coordinate. Therefore 

    (3-350) 

 The same reaction can be performed at the 
same temperature but under two separate situations. 
For example, it could be performed in solution and 
on the active site of an enzyme, or on the respective 
active sites of the same enzymes from two different 
species, or on the wild type and a mutant form of 
the same enzyme. If it is assumed that kT, d, and ‡m 
are about the same in the two situations, then, because 

           (3-351) 

where mªi is the standard chemical potential of spe-
cies i 

 
                (3-352) 

and 

       (3-353) 
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 In Equation 3-353 the difference in standard 
free energies of activation, DD‡Gª , is the difference 
in the actual standard free energies of activation for 
the reactions under the two circumstances. The actual 
standard free energies of activation themselves, D‡Gªi, 
are the differences between the standard chemical 
potentials of the reactants and the standard chemical 
potentials of the respective transition states. There-
fore, any difference between the two situations that 
increases the standard chemical potential of the reac-
tants or decreases the standard chemical potential 
of the transition state in the second situation, or 
does both, will cause the reaction to have a greater 
rate in the second situation than in the first. The 
observed difference in rate between the two situa-
tions can be used to calculate the numerical value 
for the change in standard chemical potential of 
the transition state relative to that of the reactants. 
The three assumptions made in deriving Equation 
3-353, however, should not be forgotten. 
 
 One of the more remarkable advantages of 
enzymatically catalyzed reactions is the increase 
in rate accomplished by the enzyme. Comparisons 
of enzymatically catalyzed rates of reaction and 
uncatalyzed rates of reaction are usually made with 
the catalytic constant of the enzyme, k0, and the 
rate constant for the same reaction in aqueous solu-
tion at neutral pH, at the same temperature, and in 
the absence of catalysis. It has already been noted 
that increases of as much as 1020 and 1023 M in rate 
have been observed.264,265 In discussions of enzy-
matic catalysis, these dramatic accelerations are 
usually emphasized. 
 The catalytic constant of an enzymatic reaction 
is the rate constant for that reaction as it occurs on 
the active site after all reactants have been assem-
bled by their association with the active site. Rates 
of association of the reactants with the active site 
have been eliminated from consideration by adding 
saturating concentrations of all reactants to 
achieve the conditions producing a rate governed 
only by k0. Therefore, a catalytic constant is always 
the rate constant for an intramolecular reaction. 
 
 Intramolecular, nonenzymatic chemical reac-
tions often occur at rates much greater than those 
of equivalent intermolecular reactions. In almost 
all cases, the intramolecular reactions involved in 
the comparisons are for a molecule containing two 
reactive centers that combine in a transition state. 
In the following discussion, bimolecular reactions 
between two separate reactants will be compared 

with intramolecular reactions between the same 
reactive centers. An example of such a comparison 
is that between the intramolecular attack of the hy-
droxy group in the intramolecular nucleophilic 
substitution266 

   (3-354) 

for which the rate constant at 25 ªC is 5 ¥ 10-6 s-1 
while the rate constant for the attack of water on 
4-nitrophenyldimethylsulfonium at 25 ªC is approx-
imately 10-11 M-1 s-1. 
 The rate constant for transfer of the acetyl group 
between the adjacent 2A- and 3A-hydroxy groups of 
the ribose in O-acetyluridine 

         (3-355) 

is 0.01 s, and the rate constant for hydrolysis of 
O-acetyluridine by the water that surrounds it is 
3 ¥ 10-7 M-1 s-1, in each case at neutral pH and 
20 ªC.267,268 
 At neutral pH and 50 ∞C, the rate constant 
(2 ¥ 10-3 s-1) for hydrolysis of the dianion of bis(sali-
cylyl) phosphodiester 3-12  

 

is 7 ¥ 104 times faster than the rate constant 
(3 ¥ 10-8 s-1) for hydrolysis of the phosphomonoanion 
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of o-carboxylatobisphenyl phosphodiester 3-13, 
and the rate constant estimated for hydrolysis of 
the monoanion of diphenyl phosphate 3-14 is 
1 ¥ 10-13 M-1 s-1. Hydrolysis of the bis(salicylyl) phos-
phodiester 3-12 results from rate-limiting intramo-
lecular nucleophilic attack on phosphorus of one of 
the o-carboxy groups under intramolecular general 
acid catalysis by the other o-carboxy group.269 
Many other examples of intramolecular accelera-
tions of rates have been reported.270,271 
 At one time it was fashionable to refer to these 
accelerations in rate as due to an increase in the effec-
tive molarity of one of the reactants brought about by 
attaching it covalently to the other. As more exag-
gerated examples of this phenomenon were reported, 
however, the unreality of discussing concentrations 
such as 5 ¥ 105 M, as in the case of the intramolecular 
nucleophilic substitution of Equation 3-354, became 
apparent,272 and a more sophisticated view of the 
situation was required. 
 In all instances in which the rate constant for 
an intramolecular reaction is compared to the rate 
constant for an intermolecular reaction, the difference 
observed in the two rate constants, kintra and kinter, 
is due in large part to the fact that the standard 
entropy of molecularity is missing from the standard 
free energy of activation for the intramolecular reac-
tion. In the case of an intermolecular reaction, the 
standard entropy of molecularity, D‡Sªmolec, is the 
change in standard entropy due solely to bringing 
two separate reactants together into the same solvent 
cage in an encounter complex. The formation with-
in a solvent shell of a complex between the two 
molecules requires that two or more independent 
molecules become the equivalent of one molecule, 
and this combination of the two molecules involves a 
considerable decrease in standard entropy. The 
standard entropy of molecularity is a negative 
number because the intrinsic entropy of two separate 
reactants diffusing independently through solution 
is greater than that of a complex within a solvent 
cage into which the two reactants have entered that 
is also diffusing through the same solution. This 
decrease in standard entropy is a major, unavoidable, 
unfavorable term in the standard free energy of ac-
tivation in any bimolecular intermolecular reaction. 
In an intramolecular reaction, however, this de-
crease due to the standard entropy of molecularity 
does not occur, because the one molecule containing 
the two reactants is already in a solvent cage diffusing 
through solution. This fact has the effect of increasing 
dramatically the standard entropy of activation for 
the intramolecular reaction relative to the inter-

molecular reaction. Because the standard entropy 
of molecularity is missing from the standard entropy 
of activation for the intramolecular reaction, owing 
to the fact that approximation has already been 
accomplished synthetically, the standard entropy 
of activation for the intramolecular reaction is neces-
sarily greater than that for the intermolecular reaction. 
 These considerations can be expressed in 
equations. If the same reaction with the same 
changes in standard enthalpy and standard entropy 
were occurring once the reactants have entered the 
solvent shell, then the standard entropy of activa-
tion, D‡Sªintra, of the intramolecular reaction would 
be related to the standard entropy of activation, 
D‡Sªinter, of the intermolecular reaction by 

           (3-356) 

Consequently 

       
                (3-357) 

Because D‡Sªmolec < 0, kintra > kinter. Once the encounter 
complex has formed in the intermolecular reaction, 
however, the achievement of the transition state is 
quite different from that in the intramolecular reac-
tion. 

 There is a standard entropy of rotational restraint 
affiliated with both an intramolecular reaction and 
an encounter complex of two molecules in a solvent 
shell. The standard entropy of rotational restraint 
is the decrease in standard entropy that is required 
to constrain a portion of the rotational motions 
within a solvent cage during the formation of a 
transition state to achieve the proper orientation of 
the atoms participating directly in the reaction. In 
the intermolecular reaction, the two reactants in 
the solvent cage are unattached and free to rotate 
independently. In the intramolecular reaction, 
where the two reactants are attached together, the 
standard entropy of rotational restraint arises from 
the fact that formation of the transition state during 
an intramolecular reaction requires that a portion 
of the internal rotational entropy in the molecule 
be eliminated because only a fraction, often only a 
small fraction, of the accessible rotational isomers 
can participate in the reaction productively. In both 
cases, a decrease in entropy is required to bring 

D‡S ªinter  =  D‡S ªintra  +  D‡S ªmolec

R  ln                 =  D‡S ªintra  –  D‡S ªinter  =  – D‡S ªmolec
k intra

k inter
(        )
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these rotational motions into the conformation 
required for the transition state to form.  
 The standard entropy of approximation is the 
decrease in standard entropy that results when two 
reactants that are either free in solution or in cova-
lent association are within a solvent cage with the 
alignments required to form the transition state for 
the reaction in which they participate. It is necessarily 
a negative number. The magnitude of the standard 
entropy of approximation is the sum of the standard 
entropy of molecularity and the standard entropy 
of rotational restraint272   

           (3-358) 

 The magnitudes of each of these terms can be 
discussed in turn. 

 The standard entropy of molecularity is the 
decrease in standard entropy that should accompany 
the change of an intermolecular reaction to an intra-
molecular reaction.272 In the specific case of a 
bimolecular reaction in free solution, the two inde-
pendent reactants have six translational and six 
external rotational degrees of freedom when moving 
through the solution, but the one encounter complex 
formed by the association of the two reactants should 
have only three translational and three external 
rotational degrees of freedom. The change in 
standard entropy associated with the loss of just 
the three translational and three external rotational 
degrees of freedom during this inescapable associ-
ation, calculated for the situation in which the two 
reactants and the transition state or product are 
dissolved in a solution at 25 ªC with a standard 
state of 1 M in solutes, has been estimated272 to be 
between -160 and -210 J K-1 mol-1. 
 It has also been estimated272 that –190 to             
–220 J K-1 mol-1 is an adequate estimate for D‡Sªapprox, 
the maximum decrease in standard entropy change 
expected from converting an intermolecular, bimo-
lecular reaction into an encounter complex with the 
proper orientations to achieve the transition state, 
when molarities are used as units of concentration 
for standard states. This estimate can be compared 
to the standard entropy change observed for a simple 
bimolecular reaction between two rigid molecules to 
form a single rigid molecule entropically resembling a 
transition state, such as the dimerization of cyclopenta-
diene in the liquid phase, for which the standard 
entropy change is -130 to -170 J K-1 mol-1 with the 
same choice of standard state. The difference between 
the calculated and the observed standard entropy 

change in the particular instance of cyclopentadiene 
can be accounted for by the presence of low-
frequency vibrations in the dimer that could not be 
present in the two monomers because of their 
smaller size. If corrected volume fractions273,274 are 
used as units of concentration for standard states 
and the partial molar volumes of the reactants were 
0.1 L mol-1, which is about the volume of a normal 
small molecule, then the range expected for standard 
entropy of approximation for a bimolecular reaction 
would be –160 to –190 J K-1 mol-1. 
 As the example of the dimerization of cyclo-
pentadiene illustrates, an intramolecular reaction, 
because it usually involves a larger and more flexible 
molecule than any of the reactants in the inter-
molecular reaction with which it is being compared, 
can never realize all of this favorable standard entropy 
of approximation. Major factors in decreasing the 
portion of the standard entropy of approximation 
that an intramolecular reaction will enjoy are the 
internal rotations about the covalent bonds within 
the intramolecular reactant itself. These rotations 
decrease the probability that the necessary juxta-
position of reactive centers will occur. For example, 
in the case of the sulfonium ion in Equation 3-354, 
if its cyclopentane is for the moment assumed to be 
rigid, then the rotational orientation around two 
carbon–carbon bonds must be appropriate if the 
hydroxy oxygen is to be placed adjacent to the 
electrophilic carbon. It has been estimated272 
from the results of thermodynamic and kinetic 
measurements from a number of intramolecular 
reactions that the standard entropy of rotational re-
straint decreases by about 20 J K-1 mol-1 for every 
bond that lies between the two atoms participating 
directly in the reaction and about which free rota-
tion can occur. This value is for reactions in which 
a covalent bond is formed between the two partici-
pants. Nevertheless, measurements of the effect of 
increasing the number of bonds between donor and 
acceptor on the standard free energy of formation 
of an intramolecular hydrogen bond between a 
hydroxy group and an acyl oxygen in CDCl3 led to the 
conclusion that the standard entropy of rotational 
restraint also decreased by about 20 J K-1 mol-1 
for every bond that lies between the two atoms par-
ticipating directly in the hydrogen bond and about 
which free rotation can occur.275 
 The effect of approximation on the rate constant 
for an intramolecular reaction is usually significant 
only when the two central atoms that participate in 
the reaction become involved in a five-membered 
or six-membered ring in the transition state. A 

D‡S ªapprox  =  D‡S ªmolec  +  D‡S ªrot
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four-membered ring is usually too strained, because 
of the normal bond angles of commonly encoun-
tered organic molecules, to provide any favorable 
approximation. A seven-membered ring, if there is 
free rotation about every bond, has too negative a 
value of D‡Sªrot to exhibit a D‡Sªapprox negative enough 
to have a noticeable effect on rates. For example, 
even in the intramolecular nucleophilic catalysis of 
phenyl ester hydrolysis by a carboxy group,271,276 a 
series of reactions unusually prone to intramolec-
ular catalysis, phenyl adipate would show a rate of 
phenolate release due to nucleophilic catalysis only 
4-fold greater than that for the same reaction of 
phenyl acetate in 1.0 M sodium acetate. Large, rigid 
molecules in which the two atoms that must react 
are more than five covalent bonds apart yet close 
enough to collide are difficult to synthesize, with the 
relevant exception of two reactants held in the proper 
orientation within the active site of a molecule of 
protein. 
 There are also steric effects that arise in an intra-
molecular reaction that are absent in the corre-
sponding intermolecular reaction and that result 
from the structure of the covalent scaffold that 
connects the two reactive centers. These steric effects 
increase the standard free energy of activation and 
decrease the ratio between the rate constants for 
the intramolecular reaction and the intermolecular 
reaction. In the case of an enzyme, however, the two 
reactants are not covalently attached by a scaffold 
but juxtaposed by noncovalent forces, a situation 
in which disadvantageous steric effects may well be 
at a minimum as a result of natural selection. 
 If the magnitude of DD‡Sª, the actual difference 
between the standard entropies of activation, must 
be less than the magnitude of D‡Sªapprox, then 

     (3-359) 

where kintra and kinter are the intramolecular and 
intermolecular rate constants. If the differences in 
the actual standard enthalpies of activation, DD‡Hª, 
are assumed to be zero, for the sake of argument, 
then the experimentally estimated standard entropy 
of approximation is always an upper limit for the 
actual standard entropy of approximation. 
 At least three points can be drawn from the 
foregoing exercise. First, the largest intramolecular 
increases in rate yet measured—with the educational 
exceptions of cases involving severe enthalpic,277,278  

compressive,279 steric effects in the transition states 
engendered by methyl groups, such as during the in-
tramolecular lactonization of 

 

are of a magnitude significantly less than that expected 
simply for the transformation of an intermolecular 
reaction into an intramolecular reaction. Second, the 
larger the number of bonds about which rotation 
can occur between the atoms that must collide during 
an intramolecular reaction, the smaller will be the 
decrease in standard free energy of activation when 
an intermolecular reaction becomes an intra-
molecular reaction. Third, the maximum decrease in 
the standard free energy of activation to be expected 
when a bimolecular, intermolecular reaction is 
turned into a unimolecular, intramolecular reaction 
is -60 kJ mol-1 at 25 ªC, which would produce a rate 
enhancement of 1010 M. 
 
 Both entropy of molecularity and entropy of 
rotational restraint are major contributors to the 
acceleration achieved by an enzyme. 
 The best way to understand the effect of the 
standard entropy of molecularity on the rate of an 
enzymatic reaction is to consider the equilibrium 
constant for formation of the encounter complex in 
a bimolecular reaction. If the standard entropy of 
molecularity272 is assumed to be -180 J K-1 mol-1 
and if the enthalpy change for formation of an 
encounter complex is ignored for the moment, 
then the equilibrium constant of association for 
formation of an encounter complex should be 
10-9 M-1. The rate constant for dissociation of an 
encounter complex should the quotient of the rate 
constant for its formation and its equilibrium 
constant of association. If the encounter-controlled 
rate constant for the collision of two reactants is 
1010 M-1 s-1, then the rate of dissociation for an 
encounter complex, the formation of which involves 
no change in standard enthalpy, should be 1019 s-1, an 
unimaginably rapid rate. The reason that so few 
reactions are encounter-controlled is that an encoun-
ter complex has a vanishingly small lifetime. The few 
encounter complexes that have been observed directly 
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are charge-transfer complexes,1391 which have signifi-
cant standard enthalpies of formation. The fact that 
most encounter complexes have such short life-
times is also why termolecular rates usually, if not 
always, involve preassociation of two of the reactants. 
The encounter complex between two previously 
unassociated reactants does not exist long enough 
for a third reactant to collide. The lifetime of a 
complex between an enzyme and its substrates, 
however, is on the order of milliseconds to seconds. 
Catalytic groups on amino acids and prosthetic 
groups are also assembled in this complex automati-
cally so that, in the abstract, the complex is of an 
order greater than termolecular. Consequently, 
from the standpoint of entropy of molecularity, 
the acceleration achieved by an enzyme should be 
greater than what is observed. 
 The best way to consider the effect of standard 
entropy of rotational restraint on the rate of an 
enzymatic reaction is to consider what occurs in an 
encounter complex in a nonenzymatic reaction. 
For a reaction to occur in an encounter complex, 
the reactants themselves and the sites of reaction 
within those reactants must rotate from their random 
orientations in the initial encounter complex to the 
orientations necessary to accomplish the reaction. In 
almost every encounter, there is simply not enough 
time for this to occur. In the complex between an 
enzyme and its catalytic groups and substrates, 
as revealed by crystallography, the proper orienta-
tions of substrates and catalytic groups required for 
reaction are achieved by the simple act of association 
of the substrates with the active site, because the 
complex is designed to grasp the substrates in the 
proper orientation. Consequently, from the 
standpoint of standard entropy of rotational restraint, 
the acceleration achieved by an enzyme is not in 
the least surprising. 
 If the reaction catalyzed by an enzyme involves 
two or more reactants, as almost all enzymatic reac-
tions do when catalytic acid–bases are included, then 
the standard entropy of approximation realized as 
the reactants associate with the active site decreases 
the intrinsic standard entropy of the reactants and 
brings the standard free energy of the reactants 
closer to that of the consecutive transition states for 
the reaction.280 As a result, it is misleading to compare 
the catalytic constant of an enzymatic reaction and 
the rate constant of the respective intermolecular 
reaction, in spite of the apparently amazing aspects 
of the comparison. If the comparison were to be a 
valid one, then the change in standard free energy 

attributable to this standard entropy of approximation 
would have to be accounted for to obtain the differ-
ence in the standard free energy of activation, DD‡Gª, 
that the active site is able to achieve by strategies 
other than simply juxtaposing the two reactants 
and the catalytic groups in the proper orientation. 
If the apparent difference in standard free energy of 
activation, DD‡Gªapp, is that calculated from the dif-
ference between the rates of the uncatalyzed and 
enzymatically catalyzed reactions 

       (3-360) 

and 

          (3-361) 

then 

          (3-362) 

The conclusion from this equation is that the assis-
tance that an active site provides to catalyze the 
reaction once the reactants are bound is far less than 
one might assume simply from comparing the rate 
of the uncatalyzed reaction to that of the enzymati-
cally catalyzed reaction. 
 Enzymes usually hold their substrates within 
the active site in a remarkably firm grip that orients 
them rigidly and freezes internal rotation. There is 
experimental evidence supporting the conclusion 
that enzymatic active sites are able to hold substrates 
so tightly as to achieve alignments that are fixed in 
orientation to within 10 pm.281 As a result of such a 
firm grip, rotational degrees of freedom within the 
substrates themselves, which would detrimentally 
increase the entropy of approximation accomplished 
by the enzyme, are inaccessible, just as rotational 
degrees of freedom for the side chains of amino acids 
in the interior of a molecule of protein are usually 
inaccessible. Consequently, an enzyme, in theory, 
should be able to realize the full acceleration in rate 
available in the standard entropy of approximation 
simply by binding its reactants. 
  The theoretical acceleration expected from 
simply bringing the two reactants in a bimolecular 
reaction together on an active site and holding 
them tightly in the proper orientation is a factor of  
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1010 M if, as is usually the case, the rate of the bi-
molecular reaction is expressed in units of molar-1 
second-1 and the standard entropy of approximation 
is -200 J K-1 mol-1 with this standard state. In addi-
tion, the active sites of enzymes gather together 
catalytic side chains of their amino acids to replace 
the freely diffusing acids and bases in an aqueous 
solution, and standard entropies of approximation 
should apply also to these catalysts. Consequently, 
the question seems to be why the increases in rate 
are not larger. When it is examined from the other 
direction, this question becomes "Why are reactions 
in solution so slow?" The answer to this question 
seems far more obvious, but it is the same question. 
 
 The almost exclusive contributor to the accel-
eration in rate accomplished by an enzyme is its 
ability to assemble reactants, prosthetic groups, and 
catalytic acids and bases within its active site firmly 
in the proper orientation. Consequently, the question 
of acceleration becomes moot. It follows that an 
active site, to the best of its abilities, must avoid 
hindering the reaction. The importance of this 
conclusion, which has been intentionally discussed 
before any other conclusions about an active site, 
cannot be overstated. There are, however, other 
strategies beyond approximation that can be em-
ployed and other requirements that must be satis-
fied by an active site to achieve effective catalysis. 
 The only observation that seems to contradict 
this obvious conclusion is the puzzling fact that the 
decrease in standard free energy of activation 
achieved by an enzyme results mainly from an appar-
ent decrease in the standard enthalpy of activation 
for the reaction.282,283 This apparent contradiction 
probably results from the fact that increases in entropy 
resulting from changes in solvation accompanying 
the association of reactants mask the entropy of 
approximation. The significant increase in entropy 
accompanying the hydrophobic effect that drives 
the association of reactants and that must mask the 
entropy of approximation is probably the most impor-
tant contributor to the increase in entropy resulting 
from changes in solvation. 
 The standard entropy of approximation is 
overcome during the association of reactants with 
the active site. This decrease in the standard entropy 
of the substrates, which is caused by the disappear-
ance of their respective translational and external 
rotational degrees of freedom relative to each other, 
represents an increase in intrinsic standard free energy 
that is paid for by favorable noncovalent interactions 

between each reactant and the active site. The con-
sequent elimination of the standard entropy of 
approximation brings the standard free energies of 
the reactants closer to the standard free energies of 
the successive transition states through which the 
enzymatic reaction passes once the reactants have 
been assembled. For such a strategy to work, the 
associations between the enzyme and the reactants 
must be fast enough that they do not become exces-
sively rate-affecting,* or even rate-limiting, even 
though a considerable decrease in translational and 
rotational entropy is occurring during these associa-
tions. Consequently, the concentrations of the 
reactants in the cytoplasm and their bimolecular rate 
constants of association must be high enough to 
prevent their associations from being close to rate-
limiting. The association rate constants between 
active sites and substrates are usually quite large 
[(0.01-10) ¥ 108 M-1 s-1],263 and they often approach 
values expected for the encounter-controlled limit.284 
Such rapid rates of association, achieved by natural 
selection, are actually more remarkable than the 
enhanced rates of the chemical reactions once the 
substrates are bound. 
 These considerations can be summarized dia-
grammatically (Figure 3-26). In the absence of the 
enzyme (Figure 3–26A), reactant A collides with 
reactant B to produce a transition state of high 
standard free energy relative to the standard free 
energy of the reactants. The standard free energy of 
the transition state is higher than the standard free 
energy of the separated reactants by the standard 
free energy of activation of the uncatalyzed reac-
tion, D‡Gªu, necessarily a positive number. If the 
enzyme were catalyzing the reaction only by approx-
imation, the two steps encompassing association of 
the reactants, both proceeding rapidly with small 
standard free energies of activation, would bring 
the reactants into juxtaposition and proper align-
ment. The standard free energy of activation for the 
chemical transformation on the active site of the  
 
                                     
*Although the term "rate-limiting step" has been unambiguously 
defined,79 there is no accepted term for an elementary rate 
constant that simply appears in the kinetic equation governing 
a particular reaction and thus affects the rate of the reaction 
rather than being rate-limiting. From here on in this text, the 
term "rate-affecting step" will be used to describe any step in a 
kinetic mechanism the elementary rate constant of which appears 
in the equation governing the rate of a reaction other than the 
rate-limiting rate constant for that reaction. The terms "rate-
controlling" and "rate-determining" have been used in various 
contexts, but at the present time these terms are considered to 
be synonymous with the term "rate-limiting", and hence cannot 
be used to convey what is here defined as "rate-affecting". 
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Figure 3-26: Diagrammatic representations of the difference in standard free energy 
of activation between a simple single-step reaction and the steps involved when 
that reaction occurs at the active site of an enzyme. (A) The steps involved in the 
reaction at the active site of the enzyme are the binding of the first reactant to the 
active site followed by the binding of the second to form the ternary complex, E·A·B; 
the conversion (D‡Gªc) of the ternary complex with the reactants and the active site 
into the ternary complex with the products and the active site, E·Z·Y; and the disso-
ciation of the first product from the active site followed by the dissociation of the 
second. Each step has its own transition state, indicated by ‡. (B) In the respective 
bimolecular reaction uncatalyzed by the enzyme, the reactants pass through only 
one transition state (D‡Gªu) rather than the five transition states for the enzymatically 
catalyzed reaction. 
 

 

 
 
 
 
enzyme, D‡Gªc, again a positive number, would be 
decreased relative to that of the bimolecular reaction 
(Figure 3-26B) because of the consequent elimina-
tion of the standard entropy of approximation, 
necessarily a negative number 

                  (3-363) 

This decrease in the standard free energy of activation 
results from the fact that the standard chemical poten-
tial of the reactants has increased because a certain 
fraction of the standard free energy of noncovalent 
interaction between reactant and active site has 
been expended to compensate for loss of the trans-
lational and rotational entropy of the free reac-
tants. 
 
 Weakening the grip of the active site on its reac-
tants can cause decreases in the catalytic constant. 
The active site of an enzyme has evolved to associate 
with its specific substrates. The result of this evolu-
tion by natural selection is that it usually holds 
those particular molecules firmly. This firm grip 
permits the active site to perform the advantageous 

orientations of substrates, prosthetic groups, and 
catalytic side chains to enforce the maximum entropy 
of approximation.  
 Altering the structures of the reactants at loca-
tions distant from the atoms at which the reaction 
occurs can cause the rate of the enzymatic reaction 
to decrease. For example, if acetyl-SCoA instead of 
acetoacetyl-SCoA is used as a substrate for porcine 
3-oxoacid CoA-transferase 

      
                (3-364) 

the specificity constant for the enzymatic reaction 
decreases by a factor of 600. It is easy to imagine 
that the active site would have a difficult time grip-
ping an acetyl group tightly when it has evolved to 
grip a 3-oxoacyl group. In addition, the enzyme shows 
no detectable activity with either acetoacetylpan-
tetheine or S-acetoacetyl-N-acetylcysteamine, each of 
which contains only a proximal fragment of coen-
zyme A. One possible explanation for this latter result 
is that the active site must extend its grip over the 
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entire acetoacetyl-SCoA molecule to align the sub-
strate properly in the active site.285 In the crystallo-
graphic molecular model of coenzyme A bound to 
the active site of the enzyme, the majority of the 
noncovalent interactions with coenzyme A are to 
the adenosine diphosphosphate group and a por-
tion of the pantetheinyl group,286 a fact that is con-
sistent with this conclusion. 
 Cytidine deaminase 

     
                (3-365) 

catalyzes a reaction that occurs entirely within the 
pyrimidine base of its reactant, yet the removal of 
the 3A-hydroxy group from the ribosyl group of cyt-
idine (3-16) decreases the catalytic constant of the 
enzyme from E. coli287 by a factor of 370. The most 
reasonable explanation for this result is that removal 
of the 3A-hydroxy group deteriorates the fit between 
the active site and the reactant, loosens the grip of 
the active site on the reactant, and decreases the 
ability of the active site to orient the reactant produc-
tively within the complex. 
 These decreases in catalytic constant can be 
expressed as increases in the entropy of approxi-
mation. For example, when the nucleotide portion 
of coenzyme A is removed, the decrease in the cata-
lytic constant of porcine 3-oxoacid CoA-transferase 
that results288 is equivalent to an increase in the en-
tropy of approximation achieved by the enzyme of 
+90 J K-1 mol-1 (Equation 3-357). 
 The active site does not have to fit the reactant 
tightly to observe changes in the turnover of an en-
zyme that result from alterations in the structure of 
the reactant distant from the site of catalysis. 
Thermolysin is an endopeptidase from Bacillus 
thermoproteolyticus that is required to hydrolyze 
peptide bonds between a glycine and a leucine in a 
broad array of different sequences. Consequently, 
it cannot fit its reactants too tightly beyond the 
peptide bond itself. Nevertheless, when a series of 
peptides was synthesized in which the substituents 
on either side of a central glycylleucine peptide bond 

 
 
 
 
were altered, the catalytic constant for hydrolysis of 
that glycylleucine peptide bond by the enzyme varied 
by a factor of 1000 while the Km varied only by a 
factor of 21 (Table 3-6). If the three peptides with 
the smallest Km are removed from consideration, Km 
varies by only a factor of 2 while the catalytic con-
stant still varies by a factor of 1000.289 These observa-
tions are consistent with the conclusion that each 
of these distant alterations had its own particular 
effect on the rigidity, geometry, and orientation of the 
reactant in the immediate vicinity of the peptide bond 
being cleaved by the enzyme, and each of these ef-
fects was registered mainly in the catalytic con-
stant. 
 Mutating side chains of amino acids in the active 
site that are known to form contacts with a reactant 
distant from the atoms participating in the reaction 
also can decrease the catalytic constant of an en-
zyme.290 For example, Aspartate 296 in murine 
adenosine deaminase forms a hydrogen bond with 
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Table 3 -6: Effect of Changes in the Structure 
of the Reactant on the Kinetic Parameters2 8 9  
of Thermolysina 

 peptideb Km
c
 k0

d 
 (mM) (s–1 ) 

 Cbze-Gly-Leu-∂-Ala 1 6  5  
 Cbz-Gly-Leu-Gly-∂-Ala 1 3  2 5  
 Cbz-Gly-Leu-Gly 1 1  6 5  
 Cbz-Gly-Leu-amide 2 1  1 0 5  
 Cbz-Gly-Leu-Phe 2 .4  1 2 0  
 Cbz-Gly-Leu-Gly-Phe 1 1  1 3 0  
 Cbz-Gly-Leu-Leu 2 .6  3 7 0  
 Cbz-Gly-Leu-Gly-Ala 1 4  4 2 0  
 Cbz-Phe-Gly-Leu-Ala 1 .0  4 5 0  
 Cbz-Gly-Leu-Ala 1 1  7 8 0  
 Cbz-Ala-Gly-Leu-Ala 9  5 2 0 0  

   Å 
 point of cleavage 

aDetermined at 4 0  ∞C, pH 7 .0  from measurements of initial 
rates of hydrolysis followed by colorimetric assay for the 
a-amino group produced in the reaction. bPeptide used as 
reactant. cFrom linear fits to double reciprocals. dV[E]t

-1 . 
eCbz, benzyloxycarbonyl, which was historically given the 
name carbobenzoxy.  
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nitrogen 7 of an analogue of adenosine in a crystal-
lographic molecular model of the complex of the 
analogue with the enzyme, and presumably with 
nitrogen 7 of adenosine in the normal reaction of 
the enzyme.291 When Aspartate 296 is mutated to 
alanine, the Km for the enzymatic reaction increases 
by only 10-fold while the catalytic constant decreases 
more than 1000-fold. Aspartate 37 of orotidine-
5A-phosphate decarboxylase 

  
                (3-366) 

from S. cerevisiae, which forms a hydrogen bond to 
the 3A-hydroxy group of the 5A-phosphoribosyl group 
of orotidine 5A-phosphate (3-17) when it is in the 
active site and which is even farther from the loca-
tion within the active site at which catalysis occurs, 
is mutated to alanine, the catalytic constant of the 
enzyme292 decreases by a factor of 50. When Glu-
tamate 91 of cytidine deaminase from E. coli, which 
forms a hydrogen bond to the 3A-hydroxy group 
group of cytidine (3-16) when it is in the active site, 
is mutated to alanine, the catalytic constant of the 
enzyme287 decreases by a factor of 30. When Argi-
nine 235 of orotidine-5A-phosphate decarboxylase 
from S. cerevisiae, which forms two hydrogen 
bonds to the 5A-phospho group of orotidine 5A-phos-
phate, is mutated to alanine, the catalytic constant 
of the enzyme293 decreases by a factor of 100. Often 
the effect of such a mutation at a location distant 
from the site of catalysis is expressed exclusively as 
a decrease in catalytic constant.294 Again, these 
decreases in catalytic constant can be explained as 
the result of a loosening of the grip of the enzyme on 
its reactant caused by the mutation. 
 
 
 
 
 
 
 
 

 The ability of an enzyme to hold its reactant 
in a firm grip and orient the reactants is often used 
to prevent undesirable side reactions from occur-
ring. In this way, the reaction is directed exclusively 
to the desired product. For example, when the re-
action catalyzed by chorismate mutase 

      
                (3-367) 

is performed nonenzymatically in a solvent of 2:1 
methanol/water, 33% of the product is 4-hydroxy-
benzoic acid and pyruvate.295 In both this elimina-
tion and the desired electrocyclic rearrangement, 
there is considerable cleavage of the carbon-oxygen 
bond, but in the former reaction, no formation of 
the carbon–carbon bond occurs. One way in which 
the enzyme prevents the elimination is to position 
carbon 2 of the 1-carboxyvinyl group immediately 
adjacent to carbon 1 of chorismate to increase the 
yield of the formation of this bond. 
 The intermediate (+)-presqualene diphosphate 
is formed on the active site of squalene synthase 
from the allyl carbenium ion that results from the 
dissociation of diphosphate from one molecule of 
(2E,6E)-farnesyl diphosphate (see Figure 1-26) and 
that then adds to the double bond between car-
bons 2 and 3 of another (2E,6E)-farnesyl diphos-
phate in an electrophilic addition that produces a 
cyclopropyl group. The carbenium ion 3-18, re-
sulting from the dissociation of (+)-presqualene di-
phosphate, is converted to squalene by squalene 
synthase through the rearrangement of the succes-
sive carbenium ions 
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                (3-368)
 

where the numbering of the intermediates is that of 
the two constituent farnesyl groups and C10H17 is a 
geranyl group 

 

 When initial carbenium ion 3-18 is produced 
nonenzymatically in aqueous solution,296 only 0.02% 
of the product results from the desired rearrange-
ment to carbenium ion 3-19 because the carbenium 
ion 3-18 strongly prefers to rearrange (99%) to a 
carbenium ion at carbon 1¢ in conjugation with the 
exocyclic double bond between carbons 2¢ and 3¢ or 
rearrange (1%) to a tertiary carbenium ion at carbon 3, 
the more saturated position in the cyclopropyl group. 
In the former rearrangement, the electrons in the 
bond between carbons 1¢ and 2 swing away from 
carbon 1¢ to form a double bond between carbons 1 
and 2 rather than participating in a ring expansion, 
and in the latter rearrangement, the electrons in 
the bond between carbons 3 and 2 swing away 
from carbon 3 also to form a double bond between 
carbons 1 and 2. In fact, on the active site of botryo-
coccene synthase from Botryococcus braunii, an 
enzyme related (45% identity; 1.3 gap percent) to 
squalene synthase, carbenium ion 3-18 does rear-
range by the former, most favorable route on the way 
to its normal product, botryococcene.297 Somehow 

the active site of squalene synthase has to prevent 
these unfavorable rearrangements from occurring. 
 The favored rearrangement in solution to the 
carbenium ion at carbon 1¢ (99% yield) would be a 
rather devastating side reaction in the sequence of 
rearrangements (Equation 3-368) that must be cata-
lyzed by the active site of squalene synthase during 
its production of squalene. This side reaction can be 
prevented by holding the p system of the exocyclic 
carbon–carbon bond between carbons 2¢ and 3¢ 
orthogonal to the p orbital of the potential carbenium 
ion at carbon 1¢ to prevent its conjugation. In the 
crystallographic molecular model of the complex 
between (+)-presqualene diphosphate and the active 
site of human squalene synthase in which Tyrosine 
73 was mutated to an alanine to decrease the enzy-
matic activity and Mn2+ was used as the required 
metallic dication to produce the proper confor-
mation of the (+)-presqualene diphosphate,298 the 
bond between carbons 1¢ and 2 of the cyclopropyl 
ring is almost parallel to the plane of the carbon–
carbon double bond between carbons 2¢ and 3¢ (23ª 
out of plane). Consequently, the p system of this 
exocyclic double bond should end up almost fully 
orthogonal to the p orbital of a carbenium ion at 
carbon 1¢ were the bond between carbons 1¢ and 2 
to dissociate from carbon 1¢ rather than from car-
bon 2. The ability of the enzyme to grip its reactants 
tightly permits it to enforce this orientation and 
prevent the unfortunate rearrangement. 
 In the crystallographic molecular model, how-
ever, between (+)-presqualene diphosphate and 
4,4¢-diapophytoene synthase from Staphylococcus 
aureus in which Tyrosine 129 has been mutated to 
alanine to decrease its activity,299 the bond between 
carbons 1¢ and 2 of the cyclopropyl ring is almost 
perpendicular to the plane of the carbon–carbon 
double bond between carbons 2¢ and 3¢ (72ª out of 
plane). This active site is required to perform the 
same rearrangements as the active site of squalene 
synthase (Equation 3-368). This orientation would 
favor the conjugation of the carbon–carbon double 
bond between carbons 2¢ and 3¢ with a developing 
p orbital of a carbenium ion at carbon 1¢. Conse-
quently this orientation significantly favors the side 
reaction. If this crystallographic molecular model 
actually replicates the normal conformation of the 
(+)-presqualene diphosphate in the active site, it 
seems hard to believe that the side reaction does not 
occur most of the time. The resulting allyl carbenium 
ion at carbon 1¢, however, may well be a dead end, 
and eventually the proper carbenium ion at carbon 2 
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forms and the reaction proceeds. The allyl carbenium 
ion at carbon 1¢ would be a dead end if the active 
site prevents any nucleophile from adding to it 
because there is no adjacent hydron that can depart 
to produce a stable neutral product. Nevertheless, 
the situation in the active site of 4,4¢-diapophytoene 
synthase is not so clear as that in the active site of 
squalene synthase. 
 The other side reaction that is favored in solu-
tion (1% yield) and that would be detrimental to 
the proper reaction is the formation of the tertiary 
carbenium ion at carbon 3. In fact, in both crystal-
lographic models, that for the complex of (+)-pre-
squalene diphosphate with the active site of squalene 
synthase and that for the complex of (+)-presqualene 
diphosphate with the active site of 4,4¢-diapophytoene 
synthase, this rearrangement seems to be favored. 
In both cases, the carbon–carbon bond between 
carbons 2 and 3 is more in-line (122ª and 146ª, re-
spectively) with the carbon–oxygen bond between 
carbon 1 and the oxygen of the leaving diphosphate 
than the carbon–carbon bond between carbons 1¢ 
and 2 (58ª and 76ª, respectively). If these two confor-
mations of the (+)-presqualene diphosphate replicate 
the active conformation, it is hard to see how for-
mation of the carbenium ion at carbon 3 is pre-
vented by the active site. This rearrangement has 
the potential to be even more damaging because there 
is a hydron adjacent to this carbenium ion that can 
depart to give a remarkably stable side product 
with a double bond between carbons 3 and 1¢. It 
would take a tight grip indeed to prevent carbon 3 
from flattening to the trigonal configuration required 
of a carbenium ion. 
 Once these difficulties are somehow surmounted, 
the rearrangement of carbenium ion 3-20 produces 
allyl carbenium ion 3-21, so all the active site has 
to do is not hinder the formation of this last inter-
mediate by ensuring that the double bond is not 
hindered from becoming oriented parallel to the 
p orbital of the carbenium ion. 
 When the cycloaddition catalyzed by prosolana-
pyrone-III cycloisomerase 

   
                (3-369) 

is performed in the absence of the enzyme, the 
product from exo addition 

 

which is the more stable isomer from the more sta-
ble transition state, predominates (87%).300 When 
the purified enzyme from Alternaria solani catalyzes 
the reaction, however, enantiomerically pure solana-
pyrone A, resulting from endo addition (Equation 
3-369), is the product.301 This reversal of the stereo-
chemistry performed by the enzyme results from 
the ability of the active site to align atoms in the reac-
tant in such a way that only the endo transition 
state can form. This conclusion from the crystallo-
graphic molecular model is the most convincing 
evidence that the active site itself catalyzes this cyclo-
addition.302 
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Problem 3-23: The rate constant for the reaction be-
tween trimethylamine and phenyl acetate to produce 
the N,N,N-trimethylacetamide ion [(CH3)3

+NCOCH3] 
and phenoxide is 8 ¥ 10-3 M-1 min-1 at 20 ªC. The rate 
constant for the intramolecular aminolysis of phenyl 
4-(N,N-dimethylamino)butyrate to yield N,N-dimeth-
yl-2-oxopyrrolidinium and phenoxide is 10 min-1 at 
20 ªC. 
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 (A) Calculate the “effective molarity” of trime-
thylamine that would be required for the rate 
of the intermolecular reaction to equal the 
rate of the intramolecular reaction. 

 (B) Calculate an upper limit for D‡Sªapprox for the 
intramolecular reaction on the assumptions 
that the solvent for both of these reactions is 
water and that the standard enthalpies of ac-
tivation are the same for the two reactions. 
First use molarity as the units for the second-
order rate constant, and then use corrected 
volume fraction. 

 

Strain 

The examples of chorismate mutase (Equa-
tion 3-367), squalene synthase (Equation 3-368), 
and prosolanapyrone-III cycloisomerase (Equa-
tion 3-369) illustrate the ability of an active site to 
juxtapose particular atoms in a reactant to increase 
dramatically the probability that these locations 
will collide and to guarantee that the proper product 
results from the catalysis. To ensure that prephenate 
is the product of the reaction catalyzed by chorismate 
mutase (Equation 3-367), the distal carbon of the 
double bond of the enolpyruvyl group must collide 
with carbon 4 of the cyclohexadienyl group (Figure 
1-30). To ensure that these two atoms are juxta-
posed when the chorismate is bound in the active 
site, however, in addition to selecting the proper 
rotamer, the active site must also force the cyclo-
hexadienyl group of chorismate to assume the con-
formation placing the oxygen of the enolpyruvyl 
group in an axial orientation.303,304 The active site is 
constructed so that the axial conformer is the only 
one that can associate with it.305,306 In this instance, 
the active site is sterically forcing the reactant to 
assume a less stable conformation. This steric 
enforcement is an example of the ability of an 
active site to strain a substrate in the interest of 
catalysis. 
 The equilibrium constant307 for isomerization 
between the equatorial and axial conformers of the 
hexadienyl group in chorismate is 0.14 at 25 ªC in 
aqueous solution. Consequently, as a result of forcing 
the hexadienyl group to assume the less stable con-
former, an apparent acceleration of around 10-fold 
should be observed when the catalytic constant of 
the enzyme is compared to the rate constant of the 
uncatalyzed reaction. Between these two locations 
are two bonds about which full rotation can occur.  

Elimination of the entropy of internal rotation 
about these two bonds would translate into a modest 
100-fold increase in the rate of the reaction.272 The 
catalytic constant of the enzymatically catalyzed 
reaction is 2 ¥ 106 times that of the nonenzymatic 
reaction in water at pH 7.5 and 37 ªC. Together, 
freezing of internal rotations and enforcement of 
the axial conformation by the configuration of the 
active site should provide an acceleration of 103. 
This acceleration, however, can be achieved by the 
active site of the enzyme only if it is able to enforce 
both of these restrictions with high efficiency. If 
not, the full acceleration cannot be realized. If the 
full acceleration is actually achieved, a factor of on-
ly 103 remains unaccounted for. 
 To catalyze the decarboxylation of the carbox-
ylato group at carbon 6 of (3E)-2-oxohex-3-enedioate, 
the active site of 2-oxo-3-hexenedioate decarbox-
ylase has to hold the bond between carbons 5 and 6 
parallel to the p molecular orbital system encom-
passing the carboxylato group at carbon 1, the car-
bonyl group at carbon 2, and the double bond 
between carbons 3 and 4 

 

so that this p molecular orbital system can with-
draw electron density from it. In the crystallographic 
molecular model of the active site of the enzyme 
from P. putida occupied by 2-oxohexanedioate,308 
an analogue of the substrate, 2-oxohex-3-enedioate, 
both steric effects and hydrogen bonds to a lysine 
and a serine perform this orientation with precision 
and rigidity. 
 
 The ability to constrain a reactant in a confor-
mation more similar to the transition state than the 
ground state is not an exclusive property of enzymes. 
There are also synthetic examples of catalysts that 
are able to do so. For example, there is a tetrahedral 
complex of four gallium atoms held at the vertices 
of a tetrahedron by six N,N¢-bis(2,3-dihydroxyben-
zoyl)-1,5-diaminonaphthalenes, which form the limbs 
of the tetrahedron. This complex has a sizeable 
enclosed, nonpolar cavity at its center, and it can 
catalyze the cyclization 
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                (3-370) 

that results from rearrangement of a carbenium ion 
formed when the hydronated hydroxy group on 
carbon 4 of the reactant leaves. The bond that forms 
to produce the cyclohexadiene is a bond between 
carbons 2 and 6 of the diene that is the reactant. 
Consequently, there have to be rotations around 
the bonds between carbons 4 and 5 and between 
carbons 3 and 4 to bring carbons 2 and 6 close enough 
together for the bond to form. In addition, because 
the two double bonds in the reactant are both cis, 
the methyl groups of carbons 1 and 7 run into each 
other as carbons 2 and 6 approach each other and 
sterically hinder the molecule from assuming the 
proper conformation for the transition state. 
 The association of the reactant with the complex 
of the four galliums and the six N,N¢-bis(2,3-dihy-
droxybenzoyl)-1,5-diaminonaphthalenes increases 
the rate of the reaction significantly.309 One expla-
nation for this observation is that the reactant binds 
within the nonpolar cavity in the catalyst and can 
fit in the cavity only when it has assumed the com-
pact, globular conformation that brings carbons 2 
and 6 next to each other on the way to the transition 
state. The catalyzed reaction has the same steady-
state kinetics as an enzymatic reaction with a speci-
ficity constant of 0.4 M-1 s-1 and a catalytic constant 
of 0.016 s-1. Because the rate constant for the uncata-
lyzed reaction is 8 ¥ 10-9 s-1, the acceleration observed 
is 2 ¥ 106 or a decrease in D‡Gª of -36 kJ M-1. This 
decrease is much larger than that expected for the 
freezing of two rotational degrees of freedom and 
suggests that some compression by the cavity of 
the compact conformer in the direction of the tran-
sition state is also occurring. 
 If, during the association of substrates with the 
active site on an enzyme, they are not only oriented 
properly to achieve a configuration appropriate to 
the transition state but also contorted physically by 
the active site of the enzyme into that configura-
tion, then catalysis by strain results. In this situation, 
an additional fraction of the standard free energy 
of dissociation, beyond that used to overcome the 
entropy of approximation, is used to provide the 
energy necessary to contort the substrates toward 

the transition state. Catalysis by strain does not 
account for a large portion of the decrease in 
standard free energy of activation accomplished by 
an active site,310 but it can contribute significantly 
to the decrease. 
 Catalysis by strain was originally defined in de-
tail by Pauling in 1948 in the following credo:311 

 
 I believe that an enzyme has a structure 
closely similar to that found for antibodies, but 
with one important difference, namely, that the 
surface configuration of the enzyme is not so 
closely contemporary [sic] to its specific substrate 
as is that of an antibody to its homologous anti-
gen, but is instead complementary to an unstable 
molecule with only transient existence—namely, 
the “activated complex” [transition state] for 
the reaction that is catalyzed by the enzyme. 
The mode of action of an enzyme would then 
be the following: the enzyme would show a small 
power of attraction for the substrate molecule 
or molecules, which would become attached to 
it in its active surface region [its active site]. 
This substrate molecule, or these molecules, 
would then be strained by the forces of attraction 
to the enzyme, which would tend to deform it 
into the configuration of the activated complex, 
for which the power of attraction by the enzyme 
is the greatest. The activated complex would then, 
under the influence of ordinary thermal agitation, 
either reassume the configuration corresponding 
to the reactants, or assume the configuration 
corresponding to the products. The assumption 
made above that the enzyme has a configuration 
complementary to the activated complex, and 
accordingly has the strongest power of attraction 
for the activated complex, means that the acti-
vation energy for the reaction is less in the 
presence of the enzyme that in its absence, and 
accordingly that the reaction would be speeded 
up by the enzyme. My colleague Professor Carl 
Niemann and I are carrying out experiments on 
inhibition of enzyme activity designed to test 
this postulate, by the search for inhibitors that 
have a greater power of combination with the 
enzyme than have the substrate molecules 
themselves. 
 

 The crystallographic molecular models of lyso-
zyme and other glycosidases provided early exper-
imental evidence consistent with this hypothesis. 
Lysozyme is a glycosidase that normally catalyzes 
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Figure 3-27: Hydrolysis of (b1,4)-hexa-N-acetylglucosaminopyranose to a molecule of (b1,4)-di-N-acetylglucosaminopyranose and a 
molecule of (b1,4)-tetra-N-acetylglucosaminopyranose, a reaction catalyzed by lysozyme from G. gallus.312 
 
 
 the hydrolysis of polysaccharides in bacterial outer 
membranes. It also catalyzes the hydrolysis of the 
hexasaccharide (b1,4)-hexa-N-acetylglucosamino-
pyranose (Figure 3-27).312 Within the hexasaccharide, 
the cleavage occurs at monosaccharide D between 
the fourth and the fifth N-acetyl-∂-glucosamines.313 
When lysozyme from G. gallus was crystallized with 
the trisaccharide (b1,4)-tri-N-acetylglucosamino-
pyranose occupying the active site and a map of 
difference electron density was computed, a crystal-
lographic molecular model incorporating reasonable 
hydrogen bonds and lack of steric hindrance could 
be constructed for the complex between the trisac-
charide and three subsites (A, B, and C) in the active 
site.314 Three additional molecular models of the 
proper monosaccharides were added to the reducing 
end of the molecular model of the trisaccharide in 
the complex to produce the hexasaccharide. These 
last three monosaccharides could be placed in sub-
sites D, E, and F in the active site. They could be linked 
in a similar array of hydrogen bonds and inserted 
without steric clashes315 in these subsites only if the 
entire molecular model of the hexa-N-acetylglucos-
aminopyranose was contorted from the all-chair 
conformation shown in Figure 3-27. The contor-
tion required to fit the last three monosaccharides 
into the active site required a flattening of mono-
saccharide D into the sofa configuration in which 
carbon 4, carbon 5, oxygen 5, carbon 1, and carbon 2 
of monosaccharide D are all in the same plane314,316 

 

 On the basis of this rather primitive model-
building, the crystallographers proposed that one 
way lysozyme catalyzes the hydrolysis is to use the 
energy of its association to contort the monosac-
charide D into a form that accommodates the pla-
nar oxocarbenium ion that would be an 
intermediate in this acetal hydrolysis.317  

 

The most stable conformation for this oxocarbenium 
ion is one in which carbon 5, oxygen 5, carbon 1, 
and carbon 2 of the pyranose are all in the same 
plane. Such an oxocarbenium ion can be an inter-
mediate of high energy in the hydrolysis of acetals 
and ketals. By the Hammond postulate,318 the 
transition state between a reactant or reactants and 
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an intermediate of high energy should resemble the 
intermediate more closely than the reactant or reac-
tants. Therefore, the conclusion was reached that 
lysozyme was catalyzing the reaction by contorting 
the substrate in the direction of the transition state. 
 Since this original conjecture, several crystal-
lographic molecular models of complexes between 
lysozyme from G. gallus and various oligosaccharides 
have been reported in which the monosaccharide 
at the reducing end is actually located in the 
D site.312,319 In each of these models, the monosac-
charide in the D site has been distorted by the active 
site into a conformation in which carbon 5, oxygen 5, 
carbon 1, and carbon 2 are all in almost the same 
plane (Figure 3-28)319 as required for the most stable 
conformation of oxocarbenium ion 3-26. 
 A distortion of a monosaccharide at the reduc-
ing end of an oligosaccharide in the crystallograph-
ic molecular model of another endoglycosidase, 
cellulase from Acetivibrio thermocellus, also puts 
carbon 5, oxygen 5, carbon 1, and carbon 2 of the 
monosaccharide in the hydrolytic location in the 
same plane,320 and an analogous distortion to 
achieve planarity also occurs in the crystallographic 
molecular model of a complex between the active 
site of exo-a-sialidase from S. typhimurium and 
4-acetamido-2,4-dideoxy-∂-glycero-∂-galacto-a-octo-
pyranosylphosphonic acid, an analogue of the 
N-acetyl-∂-neuraminic acid in an a-glycosidic 
linkage in a sialylglycoside that is normally a sub-
strate for the enzyme.321 In several other crystallo-
graphic molecular models of endoglycosidases, 
however, the distortions observed do not put these 
four atoms in the same plane.322,323 
 When a decasaccharide that has (3S,4S,5S,6R)- 
3-amino-4,5,6-hydroxy-1-(hydroxymethyl)cyclohex-
enyl group 

 

at two internal positions associates with a bacterial 
a-amylase, the planar carbon–carbon double bond 
in one of these rigid rings, in which four of the car-
bons are in the same plane, ends up, presumably 

by design, at the location in the active site at which 
hydrolysis of the oligosaccharide is usually catalyzed.324 
 It may317,325,326 or may not327 be the case that 
there is an oxocarbenium ion as an intermediate in 
the reaction catalyzed by these enzymes. One of 
the arguments routinely used to dismiss the exist-
ence of a glycosyl oxocarbenium ion as an inter-
mediate in these active sites is that the lifetime of a 
glycosyl oxocarbenium ion in aqueous solution328 
has been estimated to be only 10-12 s. What is usu-
ally omitted in these dismissals is the statement 
that the carbenium ion has "short but significant 
lifetime in aqueous solution".328 In other words, it 
is not that glycosyl oxocarbenium ion cannot exist 
but only that its existence is short. It was also em-
phasized when the estimate of the lifetime was pre-
sented that the lifetime is short in aqueous solution 
because when it is formed, there is always a mole-
cule of water immediately adjacent to it with which 
it almost immediately reacts. In the active site of an 
enzyme, however, there would be no molecule of 
water adjacent to an oxocarbenium ion, so its life-
time could be prolonged indefinitely. None of these 
arguments either prove or disprove the existence of 
a glycosyl oxocarbenium ion as an intermediate in 
these enzymatic nucleophilic substitutions. Never-
theless, the alternative transition state in which a 
concerted nucleophilic substitution by a carboxylato 
group in the active site on the carbonyl carbon of 
the glycosyl group still requires the coplanarity of 
carbon 5, oxygen 5, carbon 1, and carbon 2. 
 Coincidently, the act of distorting the pyranose 
or the furanose of a glycoside into a planar confor-
mation around an incipient oxocarbenium ion (Fig-
ure 3-28) performed by the active site of a glycos-
idase or a glycosylase also causes the cis lone pair 
of electrons on the oxygen to become parallel to the 
s bond of the leaving group 

 

and consequently increases the overlap between 
the two. This overlap provides push ejecting the 
leaving group.329,330 
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Figure 3-28: Crystallographic molecular model of the 
N-acetyl-∂-glucosaminyl group at the reducing end of the 
tetrasaccharide (b1,4)-tetra-N-acetylglucosaminopyranose 
bound in the active site of a mutant of lysozyme from G. gallus 
in which the catalytic amino acid Aspartate 52 had been mu-
tated to a serine.319 Black atoms are carbons, white atoms are 
oxygens, and the small gray atom is a nitrogen. The mutant of 
lysozyme with an equimolar ratio of the hexasaccharide 
(b1,4)-hexa–N-acetylglucosaminopyranose and the enzyme 
was crystallized from the mixture over a period of 14 days at 16 ∞C. 
During that time, the almost inactive mutant enzyme never-
theless hydrolyzed the hexasaccharide to disaccharide and 
tetrasaccharide. A data set was collected from these crystals to 
a Bragg spacing of 0.2 nm. In the map of electron density calcu-
lated from this data set, electron density corresponding to the 
 
 

tetrasaccharide (b1,4)-tetra-N-acetylglucosaminopyranose was 
observed in the active site of the enzyme. A molecular model of 
the tetrasaccharide in the all-chair configuration was inserted 
into this electron density, and the entire molecular model was 
submitted to refinement. During the refinement, the N-acetyl-
glucosaminyl group at the reducing end of the tetrasaccharide, 
which was located in the D subsite of the active site, gradually 
assumed the conformation shown in the drawing. The confor-
mation the N-acetylglucosaminyl group assumed during the 
refinement was almost a perfect sofa conformation, in which 
carbons 1, 2, 4, and 5 and oxygen 5 all would have been in the 
same plane. The a isomer of the N-acetylglucosaminyl group 
was clearly designated by the electron density, and the oxygen 
of its 1-hydroxy group was axial in the final refined confor-
mation. 
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 Another example of an active site built to en-
force a usually unstable conformation of a sub-
strate is that of scytalone dehydratase from Magna-
porthe grisea. From observations of the effect of 
site-directed mutations on the relative activities of 
the enzyme for three different substrates, it was 
concluded that the active site enforces boat con-
formations of each of the substrates, conformations 
causing the bonds to the hydroxy group that leaves 
as a molecule of water and the adjacent hydrogen 
that is removed as a hydron during the dehydration 
resulting from a syn elimination to be parallel to 
each other.331 
 In the nucleophilic substitution catalyzed by 
orotate phosphoribosyltransferase 

 
                (3-371) 

with magnesium diphosphate as the nucleophile 
and orotate as the leaving group from carbon 1¢ of 
the orotidine 5¢-phosphate, the transition state is 
thought to be somewhere between the tight penta-
valent intermediate of a concerted nucleophilic 
substitution and the intermediate oxocarbenium 
ion of a dissociative nucleophilic substitution. In 
either case, carbon 1¢ of the intermediate is in the 
same plane as carbon 2¢, the oxygen of the furanose 
ring, and the hydrogen on carbon 1¢. Isotope effects 
on the association of [1¢-3H]orotidine 5¢-phosphate 
with the active site of human orotate phosphoribo-
syltransferase are consistent with a distortion of 
this substrate by the active site as it associates that 
flattens carbon 1¢  in the direction of its planar 
conformation in the transition state.332 
 A distortion such as the ones that occur in the 
active sites of chorismate mutase and lysozyme, in 
which dihedral angles along covalent bonds are 
forcefully altered, is one example of strain in catalysis. 
 
 Enzymatic active sites also seem to pull on 
covalent bonds to decrease their strength. For ex-
ample, the homolytic dissociation of the carbon–
cobalt bond of adenosylcobalamin 

       
                (3-372) 

is catalyzed by both the active site of methylmalo-
nyl-CoA mutase and the active site of glutamate 
mutase. In the crystallographic molecular model of 
cobalamin in the active site of methylmalonyl-CoA 
mutase from P. freudenreichii, the imidazolyl group 
of the histidine that is the axial ligand on the oppo-
site side of the cobalt in the adenosylcobalamin is 
constrained sterically to be at a greater distance 
from the plane of the ring than it would be in an 
unconstrained situation. This displacement, exerted 
by the active site, in turn pulls the cobalt out of the 
plane of the corrin in the direction of the imidazolyl 
group and must lengthen and weaken the carbon–
cobalt bond to the adenosyl group on the other side 
of the corrin in the prosthetic adenosylcobalamin.333 
Quantum mechanical calculations of the dissocia-
tion of the carbon–cobalt bond of adenosylcobal-
amin in the active site of glutamate mutase from 
Clostridium cochlearium lead to the conclusion 
that as the carbon–cobalt bond dissociates within 
the active site and the two incipient products of the 
dissociation, the 5¢-adenosyl radical and the cob(II)al-
amin, move farther apart, they each are bound more 
and more tightly. In other words, the active site is 
constructed so that a long carbon–cobalt bond allows 
both the adenosyl group and the cobalaminyl group 
to be bound by the active site more effectively. In 
this way, the enzyme promotes the lengthening of 
the carbon–cobalt bond that pulls it apart homolyt-
ically.334 
 A carbon–cobalt bond is a weak covalent bond. 
Its bond dissociation energy (110 ± 10 kJ mol-1)335 is 
only about 30% that of a carbon–carbon bond 
(370 kJ mol-1). Because, however, it is still a covalent 
bond, when the active site pulls, it does not lengthen 
significantly enough to be registered in a crystallo-
graphic molecular model, but it is weakened never-
theless by the tug. 
 The process of distorting a dihedral angle, such 
as that occurring in lysozyme, or stretching a bond, 
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such as that occurring in glutamate mutase, can be 
viewed dynamically.311 As the nuclei around the 
bond to be broken move by thermal motion in the 
direction of the configuration they must assume in 
the transition state, the hexa-N-acetyl-∂-glucosamine 
or the adenosylcobalamin fits the respective active 
site more effectively, and the sum of the standard 
free energies of formation for noncovalent forces 
between hexasaccharide or adenosylcobalamin and 
the active site decreases accordingly. As the nuclei 
move by thermal motion away from the configura-
tion they must assume in the transition state, each 
substrate fits the respective active site less effec-
tively, and the standard free energy of formation for 
noncovalent forces increases accordingly. Both the 
active site and the substrate are rearranging at random 
as a result of thermal motion, but as the ensemble 
of conformations moves in the direction of the 
transition state, the sum of the standard free energy 
of noncovalent interactions decreases. Because the 
standard free energy of formation for the noncova-
lent forces decreases continuously as the respective 
reactant moves along the reaction coordinate toward 
the transition state, the standard free energy of acti-
vation is less than it would have been if the reaction 
were occurring in free solution, and the rate of the 
reaction is greater. The consequence of this process 
is that the standard chemical potential of the tran-
sition state is decreased by the additional standard 
free energy of noncovalent interaction realized 
along the trajectory. 
 
 An active site is also able to bend a covalent bond 
as well as stretch one. For example, the decarboxy-
lation of 5-carboxy-4-hydroxy-3-methoxybenzoate 
(5-carboxyvanillate) by 5-carboxyvanillate decarbox-
ylase from Sphingomonas paucimobilis is formally 
an electrophilic aromatic substitution of the 
5-carboxylato group with a hydron. In the crystal-
lographic molecular model of the enzyme in a 
complex with the unreactive analogue 4-hydroxy-
3-methoxy-5-nitrobenzoate, in which an isosteric 
nitro group replaces the carboxylato group that is 
the electrophile that leaves as carbon dioxide in the 
normal substitution, the nitro group is bent out of 
the plane of the phenyl ring by 23ª, even though the 
nitro group in free 4-hydroxy-3-methoxy-5-nitro-
benzoic acid is coplanar with the ring.336 Presumably, 
the 5-carboxylato on the reactant 5-carboxy-4-hy-
droxy-3-methoxybenzoate is also bent out of the 
plane by the active site, a conformation that favors 
the hydronation of carbon 5 to form 1,5-carboxy-
3-methoxy-4-oxocyclohexa-2,6-diene, which is the 

intermediate in the electrophilic aromatic substitu-
tion. In this intermediate, carbon 5 is tetrahedral as 
a result of the hydronation, so bending the carbox-
ylato group in the direction of tetrahedrality from 
trigonality promotes the hydronation and hence 
the substitution. 
 In the crystallographic molecular model of the 
adduct between the prosthetic thiamine diphos-
phate in the active site of transketolase from E. coli 
and the ketose, xylulose 5-phosphate,337 the bond 
between carbon 2 of the thiazole ring and the 
a carbon of the adduct is pulled out of the plane of 
the thiazole ring so that the angle between it and 
the plane of the thiazole is 25ª. The pull seems to be 
exerted on the portion of the xylulose 5-phosphate 
beyond carbon 2 by noncovalent interactions between 
this portion of the substrate and the active site, 
most notably the phospho group. Because carbon 2 
in the adduct, which is participating in the aromatic 
thiazole ring, is sp2-hybridized, the bond between 
carbon 2 and the a carbon would normally be in 
the plane of the ring. The bond between carbons 2 
and 3 breaks in the next step of the enzymatic reaction 

  
                (3-373) 

In the drawing, the dashed line represents the posi-
tion of the bond were it in the plane of the thiazole 
ring. The fact that the active site is pulling on this 
bond vigorously enough to distort carbon 2 should 
also weaken it and make it easier to break. 
  Orotidine-5¢-phosphate decarboxylase (Equa-
tion 3-366) catalyzes an electrophilic substitution 
in which a carboxylato group, which leaves from 
carbon 6 of orotidine 5¢-phosphate as carbon dioxide 
(an electrophile), is replaced by a hydron (also an 
electrophile).* In this electrophilic substitution, 
there is no reasonable anionic intermediate. For the 
lack of a reasonable intermediate, an unreasonable 
intermediate, in which carbon 6 is a carbanion with 
a s lone pair of undelocalized electrons in the plane 
of the ring and jutting out from it, seems inescapable. 
Strangely enough, the active site also catalyzes the 
nucleophilic substitution of a hydroxide for the 
6-cyano group in 6-cyanouridine 5¢-phosphate, 
which leaves as a cyanide. When 6-cyanouridine 
                                     
*This substitution is not an electrophilic aromatic substitution. 
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5¢-phosphate is bound in the active site of orot-
idine-5¢-phosphate decarboxylase from Methan-
othermobacter thermautotrophicus,338 the cyano 
group is bent out of the plane of the pyrimidine 
ring by an angle of 30ª, a distortion that should be 
required by a nucleophilic substitution. This bending 
accomplished by the active site is estimated to require 
about +30 kJ mol-1 of standard free energy. The 
6-carboxylato group on orotidine 5¢-phosphate 
should also be bent out of the plane of the ring upon 
its association with the active site, and this contor-
tion should weaken the bond between carbon 6 
and the carbon of the carboxylato group and increase 
the withdrawal of electron density in this bond by 
the acyl oxygen at carbon 4. A similar distortion is 
observed in a crystallographic molecular model of 
the active site occupied by orotidine 5¢-phosphate 
in a mutant of orotidine-5¢-phosphate decarboxylase 
from M. thermautotrophicus in which Aspartate 70 
has been mutated to an alanine,339 so the distortion 
does not seem to be accomplished by a steric inter-
action with this immediately adjacent side chain.340 
The distortion is not confined to molecules that are 
substrates for the enzyme. When 6-methyluridine 
5¢-phosphate occupies the active site,341 the methyl 
group is bent out of the plane of the pyrimidine 
ring by 15ª. 
 In the normal reaction catalyzed by orotidine-
5¢-phosphate decarboxylase, the carbanionic inter-
mediate is hydronated by the ammonio group of 
Lysine 72. In a crystallographic molecular model of the 
complex between orotidine-5¢-phosphate decarbox-
ylase from M. thermautotrophicus and the substrate 
uridine 5¢-phosphate,342 carbon 6 in the uracil is also 
bent by the active site out of the plane of the ring by 
0.01 nm by the 6-amino group of Lysine 72. When 
Lysine 72 is mutated to an alanine, the dissociation 
constant for uridine 5¢-phosphate decreases by a 
factor of 105, a result consistent with Lysine 72 being 
responsible for the steric distortion of carbon 6 of 
the uridine 5¢-phosphate. During catalysis, this dis-
tortion would result from the compression of one 
of the hydrogens on the ammonio group of Lysine 72 
against carbon 6. In a crystallographic molecular 
model of the active site of the same mutant occu-
pied by 6-cyanouridine 5¢-phosphate, however, the 
cyano group is still bent out of the plane of the ring 
to the same degree as it is in the wild type by two 
fixed molecules of water occupying the same loca-
tion as the lysine does in the wild-type active 
site.338 
 During the electrophilic aromatic substitution 
catalyzed by tyrosine phenol-lyase 

         
                (3-374) 

carbon 1 of the 4-hydroxyphenyl group, upon its 
hydronation, changes its hybridization from sp2 to 
sp3, from trigonal planar to tetrahedral. In the crystal-
lographic molecular model of the quinonoid inter-
mediate of ¬-tyrosine in the active site of a mutant of 
tyrosine phenol-lyase from Citrobacter freundii,343 
the active site has pushed on the 4-hydroxyphenyl 
group, so carbon 1, although it remains trigonal, is 
no longer planar. In the active site, as a result of this 
push, the angle between the still planar, aromatic 
phenyl ring and the bond between carbon 1 and 
the b carbon has decreased from 180ª to around 
158ª, on its way to the 125ª that it has in hydronated 
intermediate 3-30.  
 2¢-Deoxypseudouridine is an inactive analogue 
of uridine, which is the natural substrate for the active 
site of uracil-DNA glycosylase. In the crystallo-
graphic molecular model of the active site of human 
uracil-DNA glycosylase occupied by 2¢-deoxypseudo-
uridine, which has swung out from the double-helical 
DNA in which it was incorporated, the 2¢-deoxy-
pseudouracil in the 2¢-deoxypseudouridine has been 
twisted and the ring bent over so that it is almost 
coplanar with the ring of the ribose.344 This bending 
of the 2¢-deoxypseudouracil at the bond of the 
hemiaminal that connects the ribose and the nucleo-
tide base brings the p molecular orbital system of 
the 2¢-deoxypseudouracil almost parallel with the 
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s bond between the 2¢-deoxypseudouracil and the 
ribose, allowing the p molecular orbital system of 
the 2¢-deoxypseudouracil to withdraw electron 
density from the s bond and promote the hetero-
lytic dissociation of this bond, which is the first step 
in the dissociative nucleophilic substitution of the 
2¢-deoxypseudouracil with a hydroxy group. 
 
 Active sites also force two atoms between which 
a covalent bond is to be formed into closer proximity 
than the sum of their van der Waals radii. This abil-
ity explains the compression of the ammonio group 
on Lysine 72 in orotidine-5¢-phosphate decarboxylase 
against carbon 6 of the orotidine. 
 The first intermediate in the reaction catalyzed by 
the active site of porcine 3-oxoacid CoA-transferase 
(Equation 3-364) is a mixed anhydride285,345,346 
between Glutamate 305347 and the 3-oxoacyl group 
of the 3-oxoacyl-SCoA resulting from a nucleophilic 
substitution at the acyl carbon of the 3-oxoacyl-SCoA 
of the carboxylato group of the glutamate for the 
sulfanyl group of coenzyme A. There is a crystallo-
graphic molecular model of a complex between a 
mutant of acetate CoA-transferase from Acetobacter 
aceti, in which the glutamate equivalent to Gluta-
mate 305 in 3-oxoacid CoA-transferase is replaced 
with an alanine, and dethiaacetyl-CoA, an inert 
analogue of coenzyme A in which the sulfur of the 
thioacetyl group is replaced by a carbon.346 When 
dethiaacetyl-CoA is superposed on a crystallo-
graphic molecular model of the wild-type enzyme, 
the carbonyl carbon of the dethiaacetyl-CoA, which 
is the analogue of the acyl carbon of acetyl-SCoA, is 
only 0.2 nm from the nearest oxygen of the carbox-
ylato group of Glutamate 305, well within van der 
Waals contact. The new bond will be formed between 
this carbon and this oxygen. This compression, if it 
actually occurs in the active site during the normal 
reaction, would explain the fact that all the non-
covalent interactions between acetoacetyl-SCoA 
and the active site of porcine 3-oxoacid CoA-
transferase (Equation 3-364) are needed for it to 
perform its catalysis. This compression would vali-
date the prediction that “the thiol ester group of the 
bound acyl-CoA is then clamped against the enzyme 
carboxylate group in a viselike grip that causes an 
increase in rate by decreasing the low frequency 
motions and entropy that must be lost to form a 
new covalent bond, and by destabilizing the bound 
thiol ester group relative to the transition state.”285 
In the transition state for formation of the tetrahedral 
intermediate in anhydride formation, the distance 

between the oxygen of the glutamate and the acyl 
carbon of acetoacetyl-SCoA should be about 0.2 nm. 
 Alkaline phosphatase from E. coli catalyzes the 
hydrolysis of a large variety of phosphate monoes-
ters. The promiscuity results from the fact that the 
enzyme associates only with the four oxygens of the 
phospho group and does not associate with the 
remainder of the alcohol taking part in the phos-
phoester. The enzyme uses the alkoxide of a serine 
in the active site, which is stabilized by a prosthetic 
Zn2+, as a nucleophile in a nucleophilic substitu-
tion at phosphorus, with the alcohol as the leaving 
group, to form a phosphoserine as an intermediate 
in the reaction. A hydroxide from solution, which is 
stabilized by another prosthetic Zn2+, then replaces 
the oxygen of the leaving alcohol and participates 
in a second nucleophilic substitution at phosphorus, 
in which the alkoxide of the serine is the leaving 
group and the product is phosphate. In the reverse 
direction, phosphate should associate with the 
active site, and a phospho group should be trans-
ferred to the alkoxide of the serine. The dissociation 
constant for the trianion of phosphate from the 
active site when serine is the nucleophilic alkoxide 
is ≥1 ¥ 10-7 M. When the serine is mutated to a gly-
cine, the dissociation constant of the trianion of 
phosphate from the active site348 is approximately 
1 ¥ 10-15 M. It was concluded that a portion 
(<-24 kJ mol-1) of the dramatically large standard 
free energy of dissociation for the trianion of phos-
phate for the active site, which is revealed when the 
serine has been mutated to a glycine, has been 
used to push the phosphorus atom of the phos-
phate trianion up against the lone pair of electrons 
on the alkoxide of the serine. This alkoxide adds to 
the phosphorus atom during the formation of the 
phosphorane that is the intermediate in the nucle-
ophilic substitution of the alkoxide of the serine for 
the hydroxide that is the leaving group in the re-
verse direction. The dissociation constant for the 
dianion of phosphate from the active site in which 
the serine is the alkoxide, however, which is the model 
for a phosphate ester, the ground state, increases 
only by a factor of 46 (4.4 kJ mol-1) when the serine 
is replaced by a glycine. 
 Forcing of one atom of a reactant up against an 
atom of another reactant between which a covalent 
bond is to be formed can lead to reactant antago-
nism. Reactant antagonism occurs when one reac-
tant decreases the dissociation constant for 
another reactant and vice versa. For example, the 
dissociation constant for 3-phospho-∂-glyceroyl 
phosphate from human phosphoglycerate kinase 
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                (3-375) 

increases from 0.03 mM when the active site is unoc-
cupied to 0.9 mM when the active site is occupied by 
MgADP-, and the dissociation constant for MgADP– 

increases from 8 mM when the active site is unoc-
cupied to 100 mM when the active site is occupied 
by 3-phospho-∂-glyceroyl phosphate.349 One expla-
nation for these observations is that the active site 
pushes the oxygen of the MgADP-, to which the 
1-phospho group of 3-phospho-∂-glyceroyl phos-
phate is to be transferred, up against the phosphorus 
atom to catalyze the transfer and that this push is 
manifested in a steric effect that increases the respec-
tive dissociation constants. 
 Active sites also force a base and a carbon 
from which a hydron is to be removed or an acid 
and a carbon to which a hydron is to be added into 
closer proximity than the sum of their van der 
Waals radii. In effect, this property is a corollary to 
forcing together two atoms between which a cova-
lent bond is to be formed. In a crystallographic mo-
lecular model between the active site of a mutant of 
steroid D-isomerase 

  
                (3-376) 

from Comamonas testosteroni and its substrate an-
drost-4-ene-3,17-dione (the product in Equa-
tion 3-376), the carboxylato oxygen of Aspartate 38, 
the catalytic base, is forced up against carbon 4 
(0.27 nm) and carbon 6 (0.33 nm), the two carbons 
between which it transfers a hydron, closer than the 

sum (0.38 nm) of the van der Waals radii of a hy-
drogen (0.115 nm) and an oxygen (0.15 nm) and the 
length of a carbon–hydrogen bond (0.11 nm). 
When Proline 38, which is immediately adjacent to 
Aspartate 38, is mutated to a glycine, the side chain 
of Aspartate 38 is able to swing away from carbons 4 
and 6 of androst-4-ene-3,17-dione, and the strain 
is relieved. This relief is manifest in the decrease of 
the dissociation constant for androst-4-ene-
3,17-dione from the active site from 60 mM in the 
wild type to 1.1 mM for the mutant in which the 
proline has been replaced with glycine.350 This dif-
ference in the standard free energy of dissociation 
for the substrate is presumed to be approximately 
equal to the standard free energy of dissociation for 
androst-4-ene-3,17-dione, which is used by the active 
site to force the carboxylato oxygen up against the 
two carbons. 
 
 The standard free energy that accomplishes 
strain within an active site is provided by non-
covalent interactions between the active site and 
the reactants. The hydrophobic effect accompany-
ing the association of reactants with the active site 
results from the removal of hydrogen–carbon bonds 
both on the reactant and within the active site itself 
from contact with water.52 In many active sites, a 
few of the hydrogen–carbon bonds on the reactant 
and within the active site may still be exposed to 
the water of the surrounding solution, but those 
that have been sequestered produce the favorable, 
negative standard free energy of the hydrophobic 
effect that accompanies the association. The hydro-
phobic effect is the main contributor to the standard 
free energy of dissociation and as such is responsible 
for assembling the reactants on the active site. The 
reactant and the active site of an enzyme almost 
always have complementary donors and acceptors 
for hydrogen bonds. There is little net standard 
enthalpy change when these hydrogen bonds 
form, however, because the donors and acceptors 
were participating in hydrogen bonds with the water 
before the complex between reactant and active 
site is formed, and there is usually no net change in 
the number of hydrogen bonds in the solution.351 
If, however, the donors and acceptors from water 
were not replaced by acceptors and donors in the 
active site, there would be an increase in standard 
free energy upon the association of a substrate with 
an active site. Once they are within the active site, 
the reactants engage in van der Waals forces with 
the functional groups within the active site. Again, 
there is little net standard enthalpy change resulting 
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from these interactions because both the functional 
groups in the active site and those on the reactants 
were engaged in van der Waals forces with the water 
of the solution before the reactants entered the active 
site.352 After it has been occupied by the reactant, 
the active site also has associated with it a particular 
electric potential energy that arises from the dispo-
sition of the formal elementary charges and the orien-
tation of the dipoles that it contains. 
 Because all or almost all of the hydrophobic 
effect is realized simply upon the dehydration of 
hydrogen–carbon bonds on the reactant and those 
in the active site, only the standard free energies of 
the hydrogen bonds, the van der Waals forces, and 
the electric potential change as the conformation of 
the occupied active site progresses from the ground 
state to the transition state. These interactions, in 
dramatic contradistinction to the hydrophobic effect, 
are critically dependent on the orientation and po-
sition of the participants.351,352 When all three non-
covalent interactions between the reactant and the 
active site are accomplished as favorably as possible, 
the maximum standard free energy of dissociation, 
DGªt, which is composed of the total available 
standard free energy of the noncovalent interac-
tions and the electric potential and which is always 
a positive number, is achieved. 
  These effects can be represented on free energy 
diagrams (Figure 3-29).353 Suppose that the enzyme 
catalyzing the reaction had an active site constructed 
so that all these interactions that are subject to 
change—namely the hydrogen bonds, the van der 
Waals forces, and the electric potential—were 
completely engaged and the electric potential energy 
was at a minimum, and hence the sum of the 
standard free energies resulting from these inter-
actions was at the absolute minimum, when the 
ground states of the reactants were bound. This 
situation would cause the reactants to be bound 
tightly, and its standard free energy of dissociation, 
DGªAA, would equal DGªAt, the maximum standard 
free energy of dissociation for the optimally aligned 
noncovalent interactions and the minimum of 
electric potential in this situation. The sum of the 
standard free energies for the formation of hydro-
gen bonds, the formation of van der Waals forces, 
and the electric potential would be at an absolute 
minimum when the reactants are bound. During 
the approach to the transition state, however, the 
standard free energy of these interactions would 
have to increase as the nuclei changed their con-
figuration from the one they had in the ground 
states of the reactants. In this situation, the standard 

free energy of activation, D‡GªAE, for the reaction on 
the active site of the enzyme would be increased 
relative to the standard free energy of activation for 
the uncatalyzed reaction, D‡Gªu (corrected for entropy 
of approximation and changes in solvation between 
the water in the solution and the active site), by an 
amount of standard free energy, D‡GªA

nci (in this case 
a positive number), equal in magnitude to the 
standard free energy of formation for the noncovalent 
interactions lost during the progress along the reac-
tion coordinate. Under these circumstances, the 
enzyme would decrease the rate of the reaction after 
approximation has been accomplished. 
 Suppose, however, that the enzyme catalyzing 
the reaction has an active site constructed so that 
all these interactions that are subject to change—
namely the hydrogen bonds, and the van der Waals 
forces—are completely engaged and the electric 
potential energy is at a minimum, and hence the 
sum of the standard free energies resulting from 
these interactions is at the absolute minimum, only 
when the transition state is bound. In this situa-
tion, the transition state is bound tightly, and its 
standard free energy of dissociation, DG ‡ªt, is equal 
to DGªt, the maximum standard free energy of disso-
ciation for the optimally aligned noncovalent inter-
actions and the minimum of electric potential in 
this situation. The sum of the standard free energies 
for the formation of hydrogen bonds, the formation 
of van der Waals forces, and the electric potential are 
at an absolute minimum only when the transition 
state is achieved. During the approach to the transi-
tion state, however, the standard free energy for these 
interactions decreases as the nuclei change their 
configuration from the one they had in the ground 
states of the reactants. In this situation, the standard 
free energy of activation, D‡GªE, for the reaction on 
the active site of the enzyme is decreased relative to 
the standard free energy of activation for the uncat-
alyzed reaction, D‡Gªu (corrected for entropy of 
approximation and changes in solvation), by an 
amount of standard free energy, D‡Gªnci (in this 
case a negative number), equal in magnitude to the 
standard free energy of formation gained and the 
decrease in the electric potential during the progress 
along the reaction coordinate. The sum of the 
standard free energies arising from all these inter-
actions that change as the conformation of the 
occupied active site changes is at a minimum only 
when the transition state is reached. Under these 
circumstances, the enzyme increases the rate of the 
reaction after approximation has been accomplished. 
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Figure 3-29: Diagrammatic representation of the effect of 
binding the transition state more efficiently than the ground 
state on the standard free energy of activation for an enzymatic 
reaction. The free energy of activation for the uncatalyzed reac-
tion, D‡Gªu, is for the uncatalyzed reaction once any free energy 
of approximation has been subtracted so that one can focus 
only on events that occur after association of reactant A with 
the active site. (A) An enzyme the active site of which binds the 
reactant most efficiently will have a large positive standard free 
energy of dissociation (DGªAA >> 0) for the reactant, but it will 
bind the transition state poorly because standard free energies 
of dissociation for some of the noncovalent interactions are 
lost (D‡G ªAnci < 0) as the reactant is transformed to the transi-
tion state. It has been assumed that, without the loss of non-
covalent interactions, the standard free energy of activation on 
the active site would be the same as the standard free energy of 
activation of the uncatalyzed reaction (D‡Gªu), corrected for 

standard free energy of approximation. Raising of the standard 
free energy of the E·TS‡ complex because some noncovalent 
interactions are lost causes the standard free energy of activa-
tion on the active site (D‡GªAE) to be larger than the standard 
free energy of activation of the uncatalyzed reaction (D‡Gªu), 
after correcting for the standard free energy of approximation. 
(B) An enzyme the active site of which binds the transition 
state most effectively will still have a positive standard free energy 
of dissociation (DGAª > 0) for the reactant, but it will bind the 
transition state strongly because standard free energies of dis-
sociation for some of the noncovalent interactions are gained 
(D‡G ªnci > 0) as the reactant is transformed to the transition 
state. Lowering of the standard free energy of the E·TS‡ complex 
causes the standard free energy of activation on the active site 
(D‡GªE) to be smaller than the standard free energy of activa-
tion of the uncatalyzed reaction (D‡Gªu), after correcting for the 
standard free energy of approximation. 

 
 

 Regardless of whether strain is occurring, the 
large increase in the rate of reaction that results 
simply from assembling and orienting the reactants 
on the active site would still apply. In one case, 
however, this increased rate would be decreased by 
the loss of noncovalent interactions on approach to 
the transition state. In the other case, it is increased 
by the gain in noncovalent interactions on approach 
to the transition state. Considered in this way, it 
seems almost to be a necessity that the full effect of 
noncovalent interactions not be exerted until the 
transition state is reached. 
 
 Another way to present the effects of binding 
upon the rate of an enzymatic reaction is a more 
general approach not confined simply to a consid-
eration of noncovalent forces. In this approach, all 
the consequences associated with the binding of 
the transition state to the active site of an enzyme 
are included.354,355 In the case of an enzyme that  

 
 
operates on two reactants, the following linkage 
box can be constructed355 

 
                (3-377) 

where KdA, KdB, and ‡Kd are the dissociation con-
stants from the active site for reactant A, reactant B, 
and the transition state, respectively; A·B‡ is the 
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transition state; kT,u, du, and ‡mu and kT,E, dE, and 
‡mE are transmission coefficients, lengths of the 
reaction coordinate at the transition state, and 
masses of the transition state for the uncatalyzed 
and enzymatically catalyzed reactions, respectively; 
and ‡Ku and ‡KE are the equilibrium constants between 
the respective reactants and transition states. 
 Assume for the moment that expressions con-
taining transmission coefficients, lengths of the reac-
tion coordinates at the transition state, and masses 
of the transition states for the uncatalyzed and enzy-
matically catalyzed reactions are approximately 
equal.* Because 

         (3-378) 

it follows that  

            (3-379) 

This expression states that, given all the rather bold 
assumptions that have been made, the quotient of 
the product of dissociation constants for the reactants 
and the dissociation constant for the transition 
state determines the ratio between the catalytic 
constant for the enzymatically catalyzed reaction 
and the rate constant for the uncatalyzed reaction. 
Therefore, to catalyze a reaction, an enzyme must 
bind the transition state more tightly than the reac-
tants, and the degree of preference it displays for 
the transition state relative to the reactants deter-
mines entirely the increase in rate that is realized. 
 This statement alone, however—that an active 
site must bind the transition state more tightly than 
the reactants—although indisputable,263 is unin-
formative. The informative observations are the 
details of the explicit strategies used by the active 
site to bind the transition state preferentially. One 
strategy is to design an active site in which non-
covalent forces increase in strength and electric 
potential decreases as the configuration of the atoms 

                                     
*It is difficult to decide what the mass of the transition state is 
when the reaction is occurring within an active site because an 
indeterminate portion of that active site is actively in motion as 
the transition state is being approached. When the reaction 
occurs in solution, however, a significant portion of the solvation 
shell is also actively in motion as the transition state is being 
approached. It can be assumed, merely for the sake of the argu-
ment, that roughly the same mass of the active site is in motion 
as the mass of the solvation shell that is in motion. 

in the reactants moves toward that of the transition 
state. In the transition state, covalent bonds are 
partially formed and partially broken between the 
reactants themselves, and the active site must as-
sociate with these shortened or elongated distances 
between particular atoms in the transition state 
more effectively than it does with the same atoms 
in the reactants. Another strategy is to provide appro-
priately located acids and bases. The transition 
states in most biochemical reactions involve hydrons 
in transit. A bare hydron leaving a shrinking lone 
pair of electrons in a reactant or a bare hydron being 
attracted to an enlarging lone pair of electrons in a 
reactant are hydrons in transit. They are structural 
features of the transition state that must be bound 
by the enzyme if the transition state is to be bound 
more tightly than the reactants, in which these 
peculiar situations do not exist. To stabilize and 
provide these hydrons in transit, acids and bases 
must be located appropriately within the active site 
but also compressed against the corresponding 
bases and acids in the reactants to approach the 
respective distances between the nuclei in the tran-
sition state. Finally, in many instances, prosthetic 
groups or metallic ions are incorporated in the active 
site to provide capabilities unavailable in a simple 
aqueous solution. All these features, and any others 
that apply to the interaction between the active site 
and the transition state, produce the difference in 
standard free energy of dissociation for the reactants 
in their ground state from the active site and the 
standard free energy of dissociation for the transition 
state from the active site. 
 
 It has been a widely accepted custom to quan-
tify the catalytic proficiency of an enzyme356 as 
the rate constant k0 (KmAKmBº )- 1. The ratio 
k0 (KmAKmBº)-1, however, is a rate constant that is 
only indirectly related to the actual catalytic profi-
ciency of the enzyme. The rate constant actually 
quantifying the catalytic proficiency of the enzyme 
is k0 (KdAKdBº)-1, a number that should be propor-
tional to the association constant between the tran-
sition state and the active site (Equation 3-379) if 
several related enzymatically catalyzed reactions 
are compared for which the rate of the uncatalyzed 
reaction is the same—always with the caveat that all 
of the foregoing assumptions are valid. It is signifi-
cantly more difficult, however, to measure the 
dissociation constant for a reactant than to measure 
its Michaelis constant. Consequently, the unmen-
tioned assumption made to avoid this labor is that 
the Michaelis constant for a reactant is approxi-
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mately the same as its dissociation constant, a rather 
tenuous assumption. It has also been decided that 
it is more gratifying to use a number indirectly related 
to the association constant for the transition state, 
‡Kd

-1, rather than a number more directly related to 
the dissociation constant because it is always a 
number greater than 1 and therefore seems to indi-
cate that the enzyme is increasing the rate of the 
reaction. Regardless of all these caveats, the custom 
of tabulating the rate constants k0 (KmAKmBº)-1 has 
become universal. One is forced to consider these 
ratios as more or less the same as the intended rate 
constants k0 (KdAKdBº)-1. 
 The rate constant k0 KmAi

-1 can be used to obtain 
information about the structure of the transition 
state in a particular enzymatic reaction from a series 
of reactants Ai, each of which can participate in the 
reaction catalyzed by the enzyme.357,358 If a series 
of reactants Ai for an enzyme is examined in which 
all the rate constants for the uncatalyzed reaction 
are the same; if the reaction is being catalyzed only 
by the increase in standard free energy of dissocia-
tion of the transition state; and if the dissociation 
constants for the other reactants in the enzymatic 
reaction do not change as the identity of reactant A 
is changed, then the quantities KdAi k0

-1 will be 
proportional to the dissociation constants for the 
respective transition states from the active site 
(Equation 3-379). The rate constant k0 KmAi

-1 may 
also be proportional to the association constants 
for the respective transition states from the active 
site. For example, a series of alkyl phosphates and a 
series of phenyl phosphates that differed in the pKa 
of the leaving groups in each case were used as re-
actants for alkaline phosphatase 

   (3-380) 

from E. coli, an enzyme in which the portion of the 
reactant beyond the phospho group hangs out into 
the solution. The values for the common logarithms 
of k0 Km,phos

-1 were plotted against the respective 
values of pKa for the leaving groups. The Brønsted 
coefficient for the phenyl phosphates was –0.77 ± 0.1, 
and that for the alkyl phosphates was –0.85 ± 0.1. 
From these values it was concluded that, in the 
transition states for the rate-limiting nucleophilic 
substitutions at phosphorus, the bond between 
oxygen and phosphorus is mostly dissociated.359 
 The rate constant k0 Km

-1 can be used to obtain  
 

information about the apparent change in the 
standard free energy of the dissociation constant 
for the transition state relative to the dissociation 
constant for the reactant from the active sites in a 
series of site-directed mutations. For example, the 
values of k0 Km

-1 for four mutations of orotidine-
5A-phosphate decarboxylase from S. cerevisiae, both 
alone and in all fifteen combinations, were used to 
estimate the changes in standard free energies of 
activation for the enzymatic reaction produced by 
each mutation, and hence the contributions of the 
side chains of those amino acids to stabilization of 
the transition state relative to the ground state.360 
 One misunderstanding of the statement that the 
enzyme must bind the transition state more tightly 
than the reactants is the impression it leaves that 
the enzyme actually binds transition states present 
in the solution and that this ability would explain 
its catalysis. An enzyme binds otherwise unassoci-
ated and unactivated reactants, and the transition 
states are achieved within the active site. If an en-
zyme preferentially bound only transition states 
formed in solution, it could only decrease the rate 
of the reaction because, by definition, a transition 
state decomposes to products instantaneously. That 
the enzyme must bind the transition state more 
strongly than the ground state is only a thermody-
namic argument, not something that actually occurs. 
 
 If a transition state has to be bound more tightly 
to an active site than the substrates, it should be pos-
sible, as proposed by Pauling in the credo cited 
above,311 to design molecules the structures of 
which resemble the structures of the respective 
transition states and to demonstrate that they bind 
to the enzyme far more tightly than do the substrates. 
In most instances, transition states involve bond 
lengths and bond angles that cannot be reproduced 
in a stable molecule. By the Hammond postulate,318 
however, an intermediate of high energy encoun-
tered along a reaction coordinate, which by definition 
does have normal bond lengths and bond angles, 
resembles in its structure the transition states on 
either side of its well of potential energy more 
closely than do either the immediate reactant or 
the immediate product. Because one is rarely able 
to synthesize analogues for transition states, ana-
logues for intermediates of high energy have been 
synthesized and shown to be potent inhibitors of 
enzymes, as predicted. In spite of the inaccuracy of 
the phrase, analogues for intermediates of high energy 
are often referred to as "transition-state analogues". 
  

ROPO3
2–  +  HOH  1  ROH  +  2–O3POH
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 The trisaccharide N-acetylglucosaminopyrano-
syl-(b1,4)-N-acetylmuramopyranosyl-(b1,4)-N-acetyl-
∂-glucosamine binds to the active site of lysozyme 
from G. gallus in subsites A, B, and C (Figure 3-27) 
with a dissociation constant of 4 mM, while the tetra-
saccharide N-acetylglucosaminopyranosyl-(b1,4)-N-
acetylmuramopyranosyl-(b1,4)-N-acetylglucosamino-
pyranosyl-(b1,4)-N-acetylmuramate binds with a 
dissociation constant of 500 mM.361 This increase in 
the dissociation constant for the tetrasaccharide 
relative to the trisaccharide is thought to be due to 
the fact that the more stable chair conformation of 
the pyranose of the additional N-acetylmuramate 
in the fourth position of the tetrasaccharide cannot 
fit into the subsite for the ∂-pyranose in the active 
site of the enzyme without being distorted into a 
half-chair conformation (Figure 3-28),319 and this 
distortion increases the dissociation constant. The 
d-lactone of (b1,4)-tri-N-acetylglucosaminopyrano-
syl-2-acetamido-2-deoxygluconate 

 

however, binds to the active site of lysozyme with a 
dissociation constant of 0.2 mM.362 All these results 
are consistent with the conclusion that at the reducing 
end of a tetrasaccharide that occupies the active 
site of lysozyme, rather than the chair confor-
mation of a pyranose, a planar conformation at 
carbon 5, oxygen 5, carbon 1, and carbon 2, which 
is the case with the lactone, is the structure that fits 
in subsite D. On the basis of these observations, it 
was proposed that the d-lactone resembles oxo-
carbenium ion 3-26, an intermediate of high energy, 
or the planar arrangement at these atoms in the 
transition state of a concerted nucleophilic substi-
tution by a carboxylato group that the active site 
has evolved to stabilize. 
 
 
 
 
 

 In the crystallographic molecular model obtained 
from a crystal of lysozyme in which the active site 
was occupied by tetrasaccharide 3-31, the lactone 
was found to occupy the subsite in the active site 
for the D pyranose at the reducing end of the tetra-
saccharide, and it was bound in the planar, sofa 
conformation, which is its usual unhindered con-
formation in solution.316 Because the terminal 
d-lactone definitely occupies this subsite when 
tetrasaccharide 3-31 is bound even though a pyra-
nose in the chair conformation at this position in a 
tetrasaccharide might not occupy the same subsite, 
only an upper limit to the difference in the standard 
free energy of dissociation between a lactone and a 
pyranose from the D subsite can be calculated. This 
upper limit for DDGª is 20 kJ mol-1. 
 A few analogues for transition states and many 
other analogues for intermediates of high energy 
have been synthesized and shown to have dissocia-
tion constants from the enzyme for which each was 
designed that are significantly smaller than those 
for the respective reactants (Table 3-7). For example, 
the inhibition constant Ki—which in general is as-
sumed to be a dissociation constant—for the bicyclic 
dicarboxylate 3-33 (100 nM) is 100 times smaller 
than the Michaelis constant Km,chr for choris-
mate,364 which in the absence of a dissociation 
constant for chorismate was assumed to be an 
approximation of its dissociation constant. Analogues 
for the respective transition states in an electrocyclic 
reaction (3-32), a 1,2-methyl migration (3-34), the 
dissociation of a nucleophile (3-36), and a dissoci-
ative nucleophilic substitution at phosphorus (3-39) 
have been reported. Analogues for intermediates of 
high energy such as carbenium ions (3-41 and 3-43), 
oxocarbenium ions (3-45, 3-47, and 3-50), enolates 
(3-52, 3-54, 3-56, 3-58, and 3-60), phosphoranes 
(3-62), unstable ketals (3-64), hemiaminals,448,449 
and tetrahedral intermediates (3-66) have also 
been reported. In the special case of tetrahedral 
intermediates in nucleophilic substitutions, sulfox-
imines (3-67), hemiaminals (3-68), boronates (3-69), 
hemiacetals and hemiketals (3-70), phosphonami-
dates (3-71), sulfonamides (3-72), phosphonates 
(3-73), phosphinates,450-452 and phosphates453 have 
been used as analogues. 
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Table 3-7: Analogues for Transition States and Intermediates of High Energya 

transition state analoguea  references intermediate analogue references 

 
3–32 

 
3–33 

Ki = 150 nM 

 
 
 
 
 

303,      
363-365 

 
3–41 

 
3–42 

Ki = 4 nM 

 
 
 
 

366 

 
3–34 

 
3–35 

Ki = 22 pM 

 
 
 
 
 

367  
3–43 

 
3–44 

Ki = 3 mM 

 
 
 
 
 

368 

 
3–36 

 
3–37 

Ki = 42 pM 

 
3–38  

Ki = 20 pM 

 
 
 
 
 
 
 

369-371  
 
 
 
 
 
 
 
 

372-375 

 
3–45 

 

 
3–47 

 
3–46 

Ki = 110 pM 
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Ki = 10 mM 
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Ki = 20 mM 

 
 
 
 

211,376  
 
 
 
 
 
 

377-379  
 
 
 
 
 
 

377-380  

 
3–39 

 
3–40 

 
 
 
 

381-385 
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Ki = 1 mM 
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intermediate analogue references intermediate analogue references 

 
3–52 

 
3–53 

Ki = 120 pM 

 
 
 
 

388 
 

3–66 
X = O, N 

Y = O, N, S 

 
3–67 

Ki = 150 mM 

 
 
 
 

389-391 

 
3–54 

 
3–55 

Ki = 7 mM 

 
 
 

354,355,392,393 

 

 
3–68 

Ki = 0.16 pM 

 
 
 
 

354,394-400 

 
3–56 

 
3–57 

Ki = 16 nM 

 
 
 
 

401 

 

 
3–69 

Ki = 40 pM 

 
 
 
 

402-412 

 
3–58 

 
3–59 

 
 
 
 

413-417 

 

 
3–70 

Ki = 60 mM 

 
 
 
 

418,419 

 
3–60 

 
3–61 

Ki = 12 mM 

 
 
 
 

420 

 

 
3–71 

Ki = 1 pM 

 
 
 
 

421-427 

 
3–62 

 
3–63 

Ki = 10 pM 

 
 
 
 

428-437 

 

 
3–72 

Ki = 4 mM 

 
 
 
 

390,438 

 
3–64 

 
3–65 

Ki = 4 nM 

 
 
 
 

439-441 

 

 
3–73 

Ki = 10 fM 

 
 
 
 

213,390,  
442-447 

aThe noted inhibition constant is for inhibition of only one of the enzymes inhibited by the analogue and is usually the smallest of 
the values observed when several enzymes or several different conditions were tested. 
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 One peculiar property of a few of these ana-
logues for intermediates of high energy, especially 
those that bind with the smallest dissociation con-
stants, is that their rates of association are quite 
slow compared to those at which other ligands 
bind to the same active site.454-456 For example, the 
analogue 

 

for the tetrahedral intermediate in the hydrolysis of 
peptides catalyzed by thermolysin from B. thermo-
proteolyticus (Table 3-6) has a rate of association of 
only 470 M-1 s-1 but a dissociation constant of 
45 nM.427 It may be that, in these peculiar instances, 
the active site in its ground state has evolved to 
associate rapidly with the reactants, yet the respective 
intermediate of high energy differs enough in struc-
ture and conformation from the ground state that 
a molecule mimicking it cannot associate efficiently.455 
In the case of analogue 3-74 of the tetrahedral inter-
mediate in the active site of thermolysin, because it 
does not resemble the reactant, it binds slowly. This 
behavior should be distinguished from the situation 
in which an inhibitor associates with a normal, 
rapid second-order rate constant but appears to 
associate slowly because the approach to equilibrium 
is governed by its slow rate of dissociation457 or the 
situation in which an inhibitor associates slowly 
because it forms a covalent adduct with the enzyme.458 
 Such analogues for intermediates of high ener-
gy should be distinguished from bisubstrate ana-
logues.109,280 A bisubstrate analogue is a compound 
in which two of the substrates of an enzymatic re-
action have been attached together synthetically. 
For example, N-(phosphonacetyl)-¬-aspartate (3-6), 
a competitive inhibitor of aspartate carbamoyl-
transferase, combines the structures of carbamoyl-
phosphate (3-7) and ¬-aspartate (3-8). The disso-
ciation constant for carbamoyl phosphate from the 
empty active site of aspartate carbamoyltransferase 
from E. coli is 27 mM, and the dissociation constant 
for ¬-aspartate from the empty active site is 11 mM.178 
The respective standard free energies of dissociation, 
based on a standard state of corrected volume frac-
tion,273,274 are +33 and +18 kJ mol-1. The inhibition 

constant Ki for N-(phosphonacetyl)-¬-aspartate, when 
it is acting as a competitive inhibitor binding to the 
empty active site of aspartate carbamoyltransferase, 
is 30 nM, from which a standard free energy of 
dissociation of +48 kJ mol-1 can be calculated. The 
standard free energy of dissociation for the bisub-
strate analogue is almost equal to the sum of the 
free energies of dissociation for the two substrates. 
Consequently, it cannot be an analogue of an inter-
mediate of high energy. It is simply an example of 
free energy of approximation. 
 An inhibitor of phosphoribosylglycinamide 
formyltransferase from E. coli in which the substrates 
10-formyltetrahydrofolate and N1-(5-phospho-
∂-ribosyl)glycinamide have been joined together 
synthetically with a simple methylene459 has a 
standard free energy of dissociation (+57 kJ mol-1) 
that is almost equal to or less than the sum of the 
standard free energies of dissociation of 10-formyl-
tetrahydrofolate (≥27 kJ mol-1) and N1-(5-phospho-
∂-ribosylglycinamide (≥34 kJ mol-1).460 
 An analogue in which the 5¢-hydroxy group of 
adenosine is covalently attached to the carbamoyl 
nitrogen of ¬-cysteinamide by a sulfonyl group is a 
strong inhibitor (Ki = 300 nM; Kd = 100 nM) of the 
nucleophilic substitution at phosphorus catalyzed 
by ¬-cysteine:1∂-myo-inositol 2-amino-2-deoxy-
a-∂-glucopyranoside ligase from Mycolicibacterium 
smegmatis. Even though the analogue is isosteric 
with O-adenylyl-¬-cysteine, a proposed intermediate 
of high energy in the enzymatic reaction; even 
though the dissociation constants for AMP and 
¬-cysteine were not measured; and even though the 
Michaelis constants for MgATP2- and ¬-cysteine 
suggest that it may well be an analogue of that in-
termediate of high energy, the authors have decid-
ed that the analogue is simply a "bisubstrate 
analogue".461,462 Such caution should probably be 
applied to all analogues in which portions of two 
substrates are combined. 
  The standard free energy of dissociation de-
fines the difference between a bisubstrate analogue 
and an analogue of an intermediate of high energy. 
The standard free energies of dissociation for 
N-(phosphonacetyl)-¬-aspartate and the inhibitor 
of phosphoribosylglycinamide formyltransferase, 
although they are large, are almost equal to but 
nevertheless less than the sum of the standard free 
energies of dissociation for their respective parts. 
Consequently, they are bisubstrate analogues and 
not analogues for intermediates of high energy. In 
fact, their designs were not intended to mimic a 
transition state or an intermediate of high energy. 
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The standard free energy of dissociation for an ana-
logue of a transition state or an intermediate of 
high energy that coincidentally combines two sub-
strates for the enzyme must be greater than the 
sum of the standard free energies of dissociation 
for each separate substrate. For example, an ana-
logue for a proposed tetrahedral intermediate 

 

in the reaction catalyzed by aspartate—ammonia 
ligase from E. coli  

     
                (3-381) 

was synthesized using a sulfoximine (3-67) to sub-
stitute for the tetrahedral intermediate. This inhibi-
tor has an inhibition constant of 70 nM,456 which is 
impressive, but its standard free energy of dissocia-
tion (+44 kJ mol-1) is not significantly greater than, 
and may be less than, the sum of the standard free 
energies of dissociation for ¬-aspartate (≥23 kJ mol-1) 
and MgATP2- (≥20 kJ mol-1) from the enzyme. This 
comparison is ambiguous because the dissociation 
constant for AMP2- was not measured. If AMP2– 
binds weakly to the active site, the sulfoximine may 
well be an analogue of an intermediate of high 
energy. Nevertheless, the claim that an inhibitor is 
an analogue of an intermediate of high energy 
should require a demonstration that it is not merely 
a bisubstrate analogue. 
 This caveat, however, does not mean that use-
ful information cannot be obtained from a bisub-
strate analogue. For example, the bisubstrate 
analogue 

 

covalently attaches the properly positioned phospho 
group and carboxy group of phosphoenolpyruvate, 
one substrate, and N-acetyl-∂-mannosamine, the 
other substrate for N-acetylneuraminate synthase 
from Neisseria meningitidis. The fact that only the 
R isomer at carbon 2 of the analogue associates 
with the active site is consistent with a tetrahedral 
intermediate in the enzymatic reaction that has a 
particular sterochemistry. This intermediate, which 
forms between the carbon–carbon double bond of 
phosphoenolpyruvate as a nucleophile, the carbonyl 
group of the N-acetyl-∂-mannosamine as the elec-
trophile, and a molecule of water as the second nucle-
ophile, must have the R configuration at its carbon 2. 
Consequently, a crystallographic molecular model 
of the 2R analogue in the active site should reveal 
the orientation of the catalytic groups that occur 
around the actual tetrahedral intermediate.463 
 In several instances, a bisubstrate analogue 
has been produced on the active site of an enzyme 
rather than synthetically from one of the substrates 
that happens to be a nucleophile and an analogue 
for another substrate that incorporates an electro-
philic carbon in the proper location464 or from one 
of the substrates that happens to be an electrophile 
and an analogue for another substrate that incorpo-
rates a nucleophilic carbon in the proper location.465 
 
 The existence of a particular inhibitor that binds 
tightly and noncovalently to a particular enzyme is 
often used as an argument in favor of a transition 
state or a particular intermediate in the mecha-
nism of the enzyme. For example, to provide evidence 
for the existence of the anionic intermediate 3-77 
in the reaction catalyzed by protocatechuate 
3,4-dioxygenase from P. aeruginosa 

 

the hydroxamate 3- 78 was synthesized.466 The 
inhibition constant Ki for this inhibitor (100 nM)467 
is 300 times smaller* than the Michaelis constant 
(30 mM) for protocatechuate.468 

                                     
*The problem of whether or not the inhibitor is a bisubstrate 
analogue does not arise with an enzyme that has only one reactant.  
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 The inhibition effected by analogues for in-
termediates of high energy has also been used to 
distinguish between alternatives for the conforma-
tion of the transition state in a particular enzymatic 
reaction. For example, the transition state in the 
reaction catalyzed by chorismate mutase (Equa-
tion 3-367) could proceed through either an all-
chair conformer of the transition state or a chair–
boat conformer. The fact that exo-6-hydroxybi-
cyclo[3.3.1]nonane-1,exo-3-dicarboxylate (3-79) was 
a reasonable competitive inhibitor of chorismate 
mutase from E. coli (Ki = 400 mM) while exo-6-hydroxy-
bicyclo[3.3.1]nonane-1,endo-3-dicarboxylate (3-80) 
was not (Ki >10 mM) 

 

has been used as an argument that the transition 
state in the enzymatic reaction is in the all-chair 
conformation.363 
 
 A compound thought to be the actual inter-
mediate of high energy in an enzymatic reaction 
can sometimes be synthesized. If it binds tightly to 
the enzyme, this tight binding is presented as evi-
dence for its participation in the reaction. For ex-
ample, the phosphorylated hemiketal 3-81 

 

has a dissociation constant of less than 1 nM from 
3-phosphoshikimate 1-carboxyvinyltransferase (Equa-
tion 3-262) from E. coli,469 and the dienol 3-82 has 
a dissociation constant of 6 nM from a mutant of 
steroid D-isomerase from C. testosteroni.470 These 
small dissociation constants are presented as evi-
dence that these compounds are intermediates in 
these reactions. 
 
 Correlations between the dissociation constants 
of analogues for intermediates of high energy and 
the rate constants Km k0

-1 can provide information 
about both analogues and intermediates in the 

enzymatic reaction. Thermolysin hydrolyzes peptide 
bonds in polypeptides amino-terminal to hydropho-
bic side chains (Table 3-6) through a tetrahedral 
intermediate 

   
                (3-382)  

Analogues for six of the peptides in Table 3-6 were 
synthesized that incorporate a phosphonamidate 
(3-71) in place of a peptide bond. For example, the 
phosphonamidate  

 

is identical to the peptide Cbz-Gly-Leu-Leu (Table 
3-6) with the exception that one of the acyl carbons 
has been replaced by the phosphorus and oxygen 
of the phosphonamidate. This compound inhibits 
thermolysin strongly as a competitive inhibitor 
(Ki = 9 nM).426 Each of the six respective phosphon-
amidates was shown to be a potent competitive 
inhibitor of the hydrolytic reactions catalyzed by the 
enzyme. 
 If these phosphonamidates are bound to the 
active site of thermolysin as if they were the respec-
tive tetrahedral intermediates in the normal catalytic 
mechanism (Equation 3-382 and Table 3-7), then 
they should be bound with much of the standard 
free energy of the available interactions between 
the active site and transition state. The values of the 
competitive inhibition constants Kic,phn for each 
competitive inhibitor in the series should be directly 
proportional to ‡Kd for the corresponding transition 
state (Equation 3-377). If this is the case and ku, the 
rate constant for the uncatalyzed hydrolysis of each 
peptide, is approximately the same for all the peptides 
in the series, the values for Ki,phn should be propor-
tional to the values for the product Kd,pep k0

-1 (Equa-
tion 3-379). The values for the common logarithms 
of Ki,phn should be a linear function for the respec-
tive values of the common logarithms for Kd,pep k0

-1 
with a slope equal to 1. When these values of the 
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common logarithms for Ki,phn were plotted as a 
function of the common logarithms for Km,pep k0

-1, 
the slope of the line fit to the data was 0.87 ± 0.15 
over a range for Ki from 9 to 1700 nM.426 Such a 
correlation simultaneously provides evidence, in 
the case of thermolysin, for the existence of the 
tetrahedral intermediate in the enzymatic reaction, 
for the diversion of standard free energy of dissocia-
tion to lower the standard free energy of activation, 
and for the ability of a phosphonamidate to mimic 
the tetrahedral intermediate (Figure 1-10). 
 A similar, though more extensive, series of 14 
tripeptides and tetrapeptides were synthesized in 
which a phosphonate (3-73) rather than a phos-
phonamidate replaced the peptide bond between 
their two carboxy-terminal alanines. These analogues 
for the respective tetrahedral intermediates were 
found to be competitive inhibitors of bovine carboxy-
peptidase A, an exopeptidase that hydrolyzes the 
peptide bond between the carboxy-terminal amino 
acid of a protein and its penultimate amino acid. 
Over three orders of magnitude, their competitive 
inhibition constants Kic,pho were proportional to 
the values of Km,pep k0

-1 for the respective peptides 
as reactants for the enzyme because the slope of 
the line fit to a plot of the common logarithms of Kic,pho 
as a function of the common logarithms of Km,pep k0

-1 
is indistiguishable from 1 (Figure 3-30A).213,471,472 
In this instance, each of the 14 inhibitors had an 
inhibition constant Ki,pho that was at least 1000 times 
smaller than the value for the corresponding Michaelis 
constant Km,pep. Again, in addition to the conclusion 
that a portion of the standard free energy of disso-
ciation of the respective reactants is used by the active 
site to distort the reactants in the direction of the 
transition state, this correlation provides evidence 
that the intermediate in the reaction catalyzed by 
carboxypeptidase A is a tetrahedral intermediate. 
 A proportionality between Ki and Km k0

-1 (Fig-
ure 3-30A) is used as an argument that each member 
of a particular series of inhibitors resembles an 
intermediate of high energy or a transition state in 
the enzymatic reaction.473 If the series of inhibitors 
fails this test, however, it cannot be concluded that 
its members are not analogues for intermediates or 
transition states474,475 because the Michaelis constant 
KmA is often uncorrelated with the dissociation 
constant for a particular reactant. 
 

 The same type of correlation can be made 
between the dissociation constants for the same 
analogue of an intermediate in an enzymatic reaction 
and the values of Km k0

-1 for a series of mutants of 
the enzyme of decreasing catalytic efficiency. For 
example, tungstate associates with the active site of 
alkaline phosphatase from E. coli and forms an adduct 
with the serine responsible for nucleophilically cata-
lyzing the hydrolysis of phosphate esters. The fact 
that the dissociation constants for tungstate from 
the active sites of several site-directed mutants of 
the enzyme are almost proportional to the values of 
Km k0

-1 for the hydrolysis of methyl 4-nitrophenyl 
phosphate by the respective mutants (Figure 3-30B) 
is evidence for the conclusion that the adduct of 
tungstate is mimicking an actual intermediate of 
high energy in the enzymatic reaction. The crystal-
lographic molecular model of that adduct demon-
strates that it is a pentavalent, trigonal bipyramid 
isosteric with a phosphorane.476 Consequently, these 
results are consistent with a phosphorane being an 
intermediate in the enzymatic reaction, which is 
reasonable because the nucleophile is a strong one 
and the leaving group is a poor one. 
 The structure of the active site of bovine carboxy-
peptidase A was also varied. Some of the aforemen-
tioned phosphonates were used as inhibitors of three 
mutants of carboxypeptidase A, with significantly 
different values of Km,pep k0

-1 from the wild type, to 
obtain 15 different values of Ki,pho and Km,pep k0

-1 
for the various combinations of inhibitors and mutant 
enzymes. Again, the common logarithms of the 
values of Ki,pho were proportional (slope 1.03) to the 
common logarithms of Km,pep k0

-1 for the respective 
mutants hydrolyzing the respective peptides.477 
 Endo-1,4-b-xylanase from C. fimi hydrolyzes 
(b1,4)-∂-xylosidic linkages in xylans. Three deriva-
tives of ∂-xylosyl-(b1,4)-∂-xyloside that place a planar 
lactam oxime, a planar imidazolyl group, and a lactam 
in the location of carbon 1 and the pyranose oxygen 
at the reducing end of this disaccharide are potent 
inhibitors (inhibition constants of 0.37 mM, 0.16 mM, 
and 0.33 mM, respectively) of the enzyme. When 
each is used as an inhibitor of a series of mutants of 
the enzyme, the common logarithms of the inhibition 
constants of each inhibitor were linearly related 
(slopes of 1.18, 1.20, and 1.31, respectively) to the 
values for the common logarithms of Km k0

-1 for 
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Figure 3-30: (A) Correlation between the dissociation con-
stants, Kic,pho, for a set of phosphonates from the active site of 
bovine carboxypeptidase A and the values of the steady-state 
rate constants, Km,pep k0-1, for the homologous reactants.213 
The reactants, listed in order of increasing values for Km,pep k0-1, 
were the peptides Cbz-Phe-Ala-Ala, Cbz-Ala-Ala-Ala, Cbz-∂-Ala-
Ala-Ala, Cbz-Leu-Ala-Ala-Ala, Cbz-Phe-Ala-Ala-Ala, Cbz-Gly-
Ala-Ala, Pp-Ala-Ala-Ala, Pp-Ala-Ala-Ala-Ala, Cbz-Ala-Ala-Ala-
Ala, Ac-Ala-Ala-Ala-Ala, Ac-Ala-Ala-Ala, Cbz-Ala-∂-Ala-Ala-Ala, 
Ac-Ala-∂-Ala-Ala-Ala, and Ac-∂-Ala-Ala-Ala, where Cbz is 
benzyloxycarbonyl, Pp is 3-phenylpropanoyl, and Ac is acetyl. 
In each case, the peptide is cleaved by the enzyme at the peptide 
bond in the carboxy-terminal alanylalanine. An analogue of 
each peptide was synthesized in which a phosphonate (3-73) 
replaced the peptide bond between the carboxy-terminal 
alanylalanine as the phosphonamidate replaces the peptide 
bond in analogue 3-83. Each analogue was assayed for its abil-
ity to inhibit carboxypeptidase A at pH 7.6, 27 ªC, and an ionic 
strength of 0.5 M with the fluorescent reactant N-[3-(2-furyl)-
acryloyl]-¬-phenylalanyl-¬-phenylalanine. The analogues were 
all competitive inhibitors of the enzyme. The common loga-
rithms of the competitive inhibition constants, Kic,pho (molar), 
for tripeptides (Í) and tetrapeptides (◊) are plotted as a func-
tion of the common logarithms of their respective steady-state 

rate constants, Km,pep k0-1 (molar second), determined previ-
ously at pH 7.6 and 27 ªC.471,472 The solid line is a least-squares 
linear fit to the data with a slope of 0.93 (r = 0.975), and the 
dashed line is a least-squares fit of a line of slope 1 to the data 
(r = 0.973). (B) Correlation between the dissociation constants, 
Kic,WO42-, for tungstate from the active sites of a set of mutants 
of alkaline phosphatase from E. coli and the values of the 
steady-state rate constants, Km k0-1, for the hydrolysis of 
methyl 4-nitrophenyl phosphate at pH 8.0 by the respective 
mutant.476 The mutants, listed in order of increasing values for 
Km k0-1, were the wild type (WT), D101A, D153A, K328A, 
D153A/K328A, D101A, R166S/K328A, D101A/R166S, D101A/ 
R166S/D153A, D153A/R166S, E322Y, D101A/D153A/R166S/K328A, 
and D153A/E322Y. The dissociation constants for tungstate 
from the various mutants were the values of the inhibition 
constant for competitive inhibition of each mutant by tungstate. 
The common logarithms of these inhibition constants, 
Kic,WO42- (molar), are plotted as a function of the common loga-
rithms of their respective steady-state rate constants, Km k0-1 
(molar second). The solid line is a least-squares linear fit to the 
data with a slope of 0.7 (root mean square deviation = 0.28), 
and the dashed line is a least-squares fit of a line of slope 1 to 
the data (root mean square deviation = 0.41). 
 

 
 
 
each mutant. The similarity of the slopes, the fact 
that the data span three orders of magnitude, and 
the quality of the correlations are arguments in favor 
of these three inhibitors being analogues of an 
intermediate or a transition state in the enzymatic 
reaction.478 The lactam oxime and the imidazolyl 
group have carbon 2, carbon 1, the pyranosyl oxygen 
and carbon 5 in the same plane as would an oxo-
carbenium ion, and the lactam has carbon 2, carbon 1, 
and the pyranosyl oxygen in the same plane. These 
facts are consistent with an oxocarbenium ion as 
an intermediate in the reaction or an expanded, 
concerted nucleophilic substitution. 
 
 

 
 
 
 Such correlations can also be evidence that 
the standard free energies of dissociation for parti- 
cular functional groups on substrates, even those 
distant from the site of catalysis, are being used by  
an active site to lower the standard free energy of 
the transition state relative to that of the ground 
state. For example, steroid D-isomerase from P. putida 
(Equation 3-376) also catalyzes the alternative 
isomerization 
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                (3-383) 

of estr-5(10)-ene-3,17-dione (ed). Cyclohex-3-en-1-one 
(co) is an analogue of the single ring in which the 
isomerization occurs. The value for k0 Km,ed

-1 is 
27,000 times greater than k0 Km,co

-1. One interpre-
tation of this large difference is that a portion of the 
standard free energy of dissociation for the rest of 
the estr-5(10)-ene-3,17-dione has been used to 
lower the standard free energy of the transition 
state for one or more rate-affecting steps in the enzy-
matic reaction.479  
 Two related enzymes (25% identity; 2.3 gap 
percent), 2-dehydro-3-deoxy-phosphogluconate/ 
2-dehydro-3-deoxy-6-phosphogalactonate aldolase 
from Saccharolobus solfataricus and 2-dehydro-
3-deoxy-phosphogluconate aldolase from Picrophilus 
torridus, each perform a retroaldol reaction on 
2-dehydro-3-deoxy-6-phospho-∂-gluconate (KDPG), 
but the value of k0 Km,KDPG

-1 for the former enzyme 
is 2000 times greater than that for the latter. The 
enzyme from S. solfataricus has a cluster of amino 
acid side chains responsible for binding the 
6-phospho group of 2-dehydro-3-deoxy-6-phospho-
∂-gluconate that is missing in the enzyme from P. 
torridus. It has been proposed that this difference 
permits the increased free energy of dissociation, 
exerted at a significant distance from the point at 
which the retroaldol cleavage occurs, to be used to 
lower the standard free energy of the transition state. 
This decrease in standard free energy increases 
catalytic activity of the former enzyme.480  
 When the phospho group distant from the site 
of the substitution catalyzed by human orotidine-
5A-phosphate decarboxylase (Equation 3-366) is 
removed from orotidine 5A-phosphate (3-17), the 
catalytic constant decreases481 by a factor of 105. 
(1-b-∂-Erythrofuranosyl)orotic acid (EO) is an ana-
logue of orotidine 5A-phosphate with not just the 
phospho group but the entire phosphohydroxymethyl 
group at carbon 4¢ replaced by a hydrogen. When it 
is used as a substrate for orotidine-5A-phosphate 
decarboxylase (Equation 3-366) from S. cerevisiae, 
the specificity constant k0 KmEO

-1 at pH 7 and 25 ªC 
is 0.02 M-1 s-1, which is 4 ¥ 108 times smaller than 
the specificity constant k0 KmOMP

-1 (1 ¥ 107 M-1 s-1) 

for the natural substrate, orotidine 5A-phosphate 
(OMP). This observation is consistent with a decrease 
in the standard free energy of dissociation for the 
transition state relative to that of the ground state 
of -49 kJ mol-1, as a result eliminating the phospho-
hydroxymethyl group (Equation 3-379).482 When 
orotate (O) alone is used as a substrate for orotidine-
5A-phosphate decarboxylase (Equation 3-366) from 
S. cerevisiae, the specificity constant k0 KmO

-1 at 
pH 7 and 25 ªC is 3 ¥ 10-10 M-1 s-1, which is 7 ¥ 107 
times smaller than the specificity constant k0 KmEO

-1. 
This observation is consistent with a further decrease 
in the standard free energy of dissociation for the 
transition state relative to that of the ground state 
of -45 kJ mol-1 as a result of eliminating the 
b-∂-erythrofuranosyl group. These apparent decreases 
in the standard free energy of dissociation for the 
transition state are, in turn, consistent with the 
conclusion that the free energy of dissociation for 
some or all of the noncovalent interactions of both 
the phosphohydroxymethyl group at carbon 4¢ of 
orotidine 5A-phosphate and the ribose of orotidine 
5A-phosphate is used by the active site to increase 
the standard free energy of dissociation for the 
transition state relative to that of the ground state 
by +94 kJ mol-1 and thereby lower the free energy of 
activation by -94 kJ mol-1 (Figure 3-29).483 
 When phosphite, HPO3

2- (PHI), is present at 
saturation, however, the specificity constant 
k0 KmEO

-1 KdPHI
-1 (Equation 3-379) is 1600 M-1 s-1, 

where KdPHI is the dissociation constant from the 
active site for the cosubstrate phosphite. This spec-
ificity constant is consistent with a restoration by 
the phosphite of +28 kJ mol-1 to the standard free 
energy of dissociation of the transition state relative 
to that of the ground state482 and a consequent de-
crease of -28 kJ mol-1 in the standard free energy of 
activation for the reaction (Figure 3-29). Phosphite 
substitutes in part for the missing phosphohydroxy-
methyl group. Because, however, phosphite is not 
connected covalently to carbon 4A of (1-b-∂-erythro-
furanosyl)orotic acid, the active site, by gripping it, 
cannot be decreasing the entropy of approximation 
at the site of catalysis. Both the large decrease in 
the standard free energy of dissociation for the 
transition state relative to the ground state when 
the phosphohydroxymethyl group is removed and 
the subsequent significant increase in the standard 
free energy of dissociation for the transition state 
relative to that of the ground state when a portion 
of that phosphohydroxymethyl group is restored 
are consistent with the association of the 4A-phos-
phohydroxymethyl group of orotidine 5A-phosphate, 
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which is distant from the site of the decarboxyla-
tion, nevertheless providing standard free energy to 
lower the standard free energy of activation. 
 A series of site-directed mutants of orotidine-
5A-phosphate decarboxylase (Equation 3-366) from 
S. cerevisiae with different values for k0 KmOMP

-1 
were constructed. When the common logarithms of 
the rate constants k0 KmEO

-1 KdPHI
-1 were plotted 

against the common logarithms of the respective 
rate constants k0 KmOMP

-1, there was a linear corre-
lation between the two, over five orders of magni-
tude, with a slope of 1.05 ± 0.08. This correlation is 
further validation of the conclusion that association 
of the phosphohydroxymethyl group at carbon 4¢ 
of orotidine 5A-phosphate provides standard free 
energy used to lower the standard free energy of 
the transition state relative to that of the ground 
state for the reaction catalyzed by orotidine-
5A-phosphate decarboxylase.484 
 A similar correlation (slope = 1.04 ± 0.3) was 
observed for the reactions catalyzed by a series of 
site-directed mutants of triose-phosphate isomer-
ase 

        (3-384) 

from Trypanosoma brucei between the common 
logarithms of k0 KmGAP

-1, where the Michaelis con-
stant is for ∂-glyceraldehyde 3-phosphate (GAP), 
and the common logarithms of k0 KmGAP

-1 KdPHI
-1, 

where the Michaelis constant is for glycolaldehyde 
(GA), a truncated version of ∂-glyceraldehyde 3-phos-
phate in which the 2-phosphohydroxymethyl 
group is replaced by a hydrogen, and the dissocia-
tion constant is for phosphite (PHI). Again the con-
clusion is that standard free energy of dissociation 
for the phosphohydroxymethyl group of ∂-glycer-
aldehyde 3-phosphate is used to lower the standard 
free energy of the transition state relative to that of 
the ground state for the isomerization catalyzed by 
the enzyme.485 
 A decrease in the apparent standard free energy 
of dissociation for the transition state relative to 
that of the ground state (-35 kJ mol-1) is observed 
for the reaction catalyzed by 1-deoxy-∂-xylulose-
5-phosphate reductoisomerase from M. tuberculosis 

when 1-deoxy-¬-erythrulose (1-deoxy-∂-xylulose-
5-phosphate missing its phosphohydroxymethyl 
group) is used as a substrate, and a portion of the 
standard free energy of dissociation for the transition 
state relative to that of the ground state (+13 kJ mol-1) 
can be restored when phosphite associates with the 
active site along with 1-deoxy-¬-erythrulose.486 
 Thermolysin and carboxypeptidase A catalyze the 
hydrolysis of a peptide bond by activating water and 
catalyzing its direct addition to the amide. Another 
whole group of endopeptidases and esterases, such 
as trypsin, chymotrypsin, elastase, and acetylcholin-
esterase, catalyze hydrolyses of acyl compounds 
by forming covalent intermediates between serines 
in their active sites and the acyl carbons of the 
reactants (Figure 3-6). In the case of acetylcholin-
esterase, the covalent intermediate is an ester 
formed between a serine in the active site and the 
acetyl moiety of the reactant  

                   
(3-385)

 

Several trifluoromethyl ketones were synthesized to 
act as precursors to the respective hemiacetals 
formed from the serine in the active site487 

  
                (3-386) 

These hemiacetals, because they mimic the tetra-
hedral intermediate of the nucleophilic substitution 
catalyzed by acetylcholinesterase (Equation 3-385), 
are examples of analogues for intermediates of high 
energy formed on the active site of the enzyme 
itself from a precursor.488 Because they can form 
such adducts, trifluoromethyl ketones are potent 
inhibitors of the enzymatic reaction. For example, 
the trifluoromethyl ketone that is an analogue for 
acetylcholine [R = -(CH2)3N+(CH3)3] has an inhibition 
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constant, Ki, of 0.06 nM for acetylcholinesterase 
from E. electricus.487 
 
 It has been pointed out by Jencks,489 and 
implied by Pauling,311 that if an active site catalyzes 
a reaction by binding the transition state or an inter-
mediate of high energy more tightly than it does 
the substrates,311 an immunoglobulin raised 
against an analogue for either a transition state or 
an intermediate of high energy, because it would 
bind the corresponding transition state or inter-
mediate of high energy tightly, should catalyze the 
corresponding reaction. Such catalytic immuno-
globulins have been produced. For example, mon-
oclonal immunoglobulins were raised against an 
analogue364 

 

of the transition state in the chorismate mutase 
reaction (Ki = 0.1 mM) that had been attached as a 
hapten to a protein carrier through a tyrosine490 

 

One of the monoclonal immunoglobulins pro-
duced was able to catalyze the chorismate mutase 
reaction enzymatically (k0 = 2.7 min-1, Km = 260 mM at 
10 ªC). Although this monoclonal immunoglobulin 
was not so efficient as chorismate mutase itself 
(k0 = 820 min-1, Km = 290 mM at 10 ªC), its catalytic 
constant was 104 times that of the first-order, un-
catalyzed reaction under the same conditions. It 
has already been noted that freezing rotation 
around the two exocyclic bonds of chorismate and 
forcing the exocyclic carbon–carbon double bond 
into the axial position could accelerate the reaction 
by a factor of 103. The same analogue for the transi-
tion state was used in other experiments491 and a 
similar monoclonal antibody was isolated. 
 A number of these catalytic immunoglobulins 
have been produced. None has yet duplicated the 
acceleration of rate achieved by an enzyme. For 

example, the largest catalytic constants observed 
so far are in the range 20-100 min-1 at 25 ªC492-495 
while enzymes usually have catalytic constants264 
between 10 and 106 s-1. The advantage of such 
catalytic immunoglobulins, however, is that they 
can be designed to catalyze reactions not catalyzed 
by extant enzymes.492,496-500 
 
 The standard free energy of dissociation of 
the substrates can be exploited by an enzyme to 
alter the difference in standard free energy be-
tween reactants and products while they are 
bound at the active site. The equilibrium constant 
for the reaction catalyzed by ¬-lactate dehydrogenase 
(Equation 3-27) at pH 7, in the direction of reducing 
pyruvate to lactate and converting NADH to NAD+ 
in free solution, is 2.5 ¥ 104 in favor of NAD+ and 
lactate because of the gain in aromaticity of the 
nicotinamide and the conversion of a p bond to a 
s bond. When all the substrates, however, are within 
the active site of the porcine enzyme, the equilibrium 
constant for the same reaction is only 4.501 This 
represents a shift in the standard free energy change 
for the reaction as written of +22 kJ mol-1 when it 
takes place on the active site. This shift can be 
explained with the following linkage box 

 
                (3-387) 

By observation  

       (3-388) 

It necessarily follows that 

       (3-389) 

and that pyruvate and NADH dissociate from the 
enzyme less readily, by +22 kJ mol-1, than lactate and 
NAD+. A standard free energy change of +22 kJ mol-1 
must occur in the noncovalent forces holding the 
substrates in the active site as pyruvate and NADH 
are turned into lactate and NAD+. 
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 A similar effect is observed with isoleucine—
tRNA ligase 

 
                (3-390) 

from E. coli. When the substrates are on the active 
site,502 the standard free energy change is +5 kJ mol-1 
to form the amino acid adenylate that is the inter-
mediate in the reaction; but, in solution,502,503 the 
standard free energy change for the same reaction 
has been estimated to be between +20 and 
+40 kJ mol-1. 
 Such shifts in the standard free energy change 
for an enzymatically catalyzed reaction, brought 
about by the preferential association of reactants 
or the preferential association of products to the 
active site, may be advantageous. It has been argued 
that when the standard free energy change for the 
reaction catalyzed by an enzyme is shifted suffi-
ciently so that it has a value of 0 within the active 
site, the enzyme can catalyze the reaction with the 
highest efficiency.504 This property is supposed to 
be essential when the role of that reaction in metabo-
lism is to perform the net transformation of substrates 
either in one direction or in the other direction, 
depending on the demands of the moment, and to 
accomplish this feat, the enzyme must maintain its 
substrates at their equilibrium concentrations in 
the cytoplasm.505 Several enzymes, such as arginine 
kinase from Homarus vulgaris, creatine kinase 
from O. cuniculus, phosphopyruvate hydratase 
from S. cerevisiae, glutamine synthetase from E. coli, 
phosophoglucomutase from O. cuniculus, and 
phosphoglycerate kinase (Equation 3-375) from 
S. cerevisiae,506 all maintain their substrates at 
equilibrium in the cytoplasm and all shift the equi-
librium constants on the active site to values close 
or considerably closer to 1.507 The generality, however, 
of the conclusion that a perfect enzyme will maintain 
the equilibrium constant between reactants and 
products on its active site near a value of 1 has been 
questioned.508 
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Problem 3-24: The catalytic subunit of aspartate 
carbamoyltransferase contains the active site that 
catalyzes the reaction of Equation 3-220. 

 
 (A) Write a mechanism for this reaction, involv-

ing a tetrahedral intermediate, as it would 
occur in the active site of the enzyme. Indicate 
the removals and additions of hydrons by acids 
and bases in the active site.  

 (B) Succinate is an inhibitor of the enzyme that 
competes with ¬-aspartate for the same corner 
of the active site. Draw the structures of suc-
cinate and aspartate side by side in the same 
orientation. What is the difference between 
the two?  

 
When the catalytic subunit of aspartate carbamoyl-
transferase from E. coli is mixed with saturating 
concentrations of carbamoyl phosphate and suc-
cinate, a significant conformational change occurs 
in the enzyme that is associated with increased absor-
bance of the protein at 290 nm178 and a 1.8% increase 
in the sedimentation coefficient.509 Neither carbamoyl 
phosphate nor succinate alone causes this change 
in conformation; nor does it occur when the carbam-
oyl phosphate corner of the active site is occupied 
by HOPO3

2- and either ¬-aspartate or succinate 
occupies its corner. The following are dissociation 
constants for succinate and ¬-aspartate from the 
enzyme when it is saturated with either phosphate 
or carbamoyl phosphate.178 
 

ligand phosphate carbamoyl 
phosphate 

aspartate 6.7 mM >20 mM 
succinate  33 mM 0.74 mM 

MgATP 
2–  +  ¬-isoleucine  +  tRNA 

Ile  1  AMP 
2–

       +  H+  +  MgOPO3PO3
2–  +  ¬-isoleucyl-tRNA 

Ile
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The conclusion that can be drawn from these 
measurements is that carbamoyl phosphate increases 
the affinity of the enzyme for succinate 50-fold but 
decreases the affinity of the enzyme for ¬-aspartate 
greater than 3-fold. 
 
 (C) Examine closely your mechanism for the en-

zymatic reaction and the structural differ-
ence between ¬-aspartate and succinate and 
explain values of the tabulated dissociation 
constants in terms of strain.  

 (D) Assume that the same noncovalent forces are 
involved in the binding of either ¬-aspartate 
or succinate to the enzyme and that the 
available noncovalent free energy for 
¬-aspartate changes by the same amount as 
that for succinate when carbamoyl phos-
phate is substituted for phosphate. If these 
assumptions apply, how much free energy of 
association is apparently used by the enzyme 
to lower the free energy of activation for the 
reaction?  

 

Problem 3-25: 

 
 (A) Write the chemical mechanism for the hydrol-

ysis of a peptide bond, RCONHR¢, when it is 
not catalyzed by an enzyme. Include all trans-
fers of hydrons explicitly. Draw the reactants, 
all intermediates, and the products with 
proper stereochemistry.  

 
A series of inhibitors has been synthesized for 
thermolysin from B. thermoproteolyticus426 
 

inhibitor Ki 
(nM) 

CbzNHCH2PO2-¬-Leu-∂-Ala 1700 
CbzNHCH2PO2-¬-Leu-amide 760 
CbzNHCH2PO2-¬-Leu-Gly 270 
CbzNHCH2PO2-¬-Leu-¬-Phe 78 
CbzNHCH2PO2-¬-Leu-¬-Ala 78 
CbzNHCH2PO2-¬-Leu-¬-Leu 9.1 

where Cbz is benzyloxycarbonyl. 
 
 (B) By drawing the appropriate structures, explain 

why these inhibitors (see Table 3-7) bind so 
much more tightly to the enzyme than their 
analogous substrates (Table 3-6).  

 (C) What is the central intermediate in the peptide 
hydrolysis catalyzed by thermolysin?  

 
 
One way to write the mechanism of the reaction 
catalyzed by thermolysin and compare it to the 
mechanism of the nonenzymatic reaction is 

 

where (Int) is the central intermediate in peptide 
hydrolysis, kun and kcat are rate constants for the 
dissociation of the intermediate into the two products 
in free solution or on the active site of the enzyme, 
Th is thermolysin 

 

      

and all the other constants are dissociation con-
stants. 
 It has been shown that the values of Km (Table 
3-6) for the reactants analogous to these inhibitors 
are approximately equal to their dissociation constants 
from the active site. These tabulated values are pre-
sumed to be apparent dissociation constants. 

 

 (D) Show that 
 

 

Th·H2O  +           Th·RCONHRA                 K d,int

  RCONHRA                     +  H2O

Th  +  H2O  +  RCONHRA         Th  +  (Int)

Th·RCONHRA·H2O         Th·(Int)

1

1
K dH2O                     K d,pep

K  int,un
1

1
K d,pep,H2O                  K dH2O,pep

K  int,cat

Th  +  RCOO–  +  
+H3NRA

Æ

Th  +  RCOO–  +  
+H3NRA

Æ

k  un

k  cat

1

1

K  int,un =                                    
[(Int)]

[RCONHRA][H2O]

K  int,cat =
[Th·(Int)]

[Th·RCONHRA·H2O]

K d,pep,app  =  
([Th] + [Th·H2O])[RCONHRA] 

[Th·RCONHRA] + [Th·RCONHRA·H2O]
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 (E) Show that 

 

 (F) Show that there should be a correlation 
among the values of inhibition constants, Ki, 
for the six inhibitors and the values of the 
dissociation constant, Kd,pep, and the catalyt-
ic constant, k0, for the respective peptide if 
the following reasonable assumptions are 
made.  

(a) The initial rate v0 = k0[Th·RCONHRA·H2O] = kcat[Th(Int)] 
so that k0 = kcatK int,cat.  

(b) The rate constant, kcat, is the same for all sub-
strates.  

(c) Both the enzymatic reaction and the uncata-
lyzed reaction proceed through the same central 
intermediate.  

(d) The equilibrium constant, Kint,un, is the same for 
all the substrates because the differences among 
them are distant from the point of hydrolysis.  

(e) The concentration of the reactant water is at 
saturation so that it is greater than the two disso-
ciation constants, K dH2O and K dH2O,pep.  

(f) The equilibrium constants, Ki and Kd,int, vary in 
direct proportion to each other as the substrates 
and their analogous inhibitors are varied in struc-
ture.  

 (G) Show that the results display this correlation.  
 

Problem 3-26: The enzyme inorganic diphosphatase 
catalyzes the reaction 

 

where MgO3POPO3
2- is the magnesium complex of 

inorganic diphosphate, HOPO3
2- is phosphate, and 

MgO3PO- is the magnesium complex of phosphate. 
From the following equilibrium constants510 

 

for the species at pH 7, calculate the equilibrium 
constant for this reaction as written. On the active 
site of the enzyme from S. cerevisiae, the equilibrium 
constant at pH 7 for the reaction catalyzed by the 
enzyme is 5. The ionization state of the reactants 
and products in the active site is unknown. Compare 
the two equilibrium constants, the one in solution 
with the one on the active site. Discuss their relative 
magnitudes in terms of approximation and strain. 

 

Problem 3-27: These competitive inhibitors were 
designed as analogues for intermediates of high 
energy for the respective enzymes. Draw the inhibitor 
next to the intermediate of high energy in the reaction 
that it was designed to mimic in the same orientation 
as the drawing of the compound. 
 

enzyme inhibitor         Kic 

aconitate 
hydratase511 

 

60 nM 

isocitrate     
lyase512 

 

<20 nM 

1  +(                     )K dH2O,pep

[H2O]

(                )K dH2O

[H2O]
K d,pep,app  =  

K d,pep,H2O   1  +

K  int,cat    1  +

(                     )K dH2O,pep

[H2O]

(                )K dH2O

[H2O]

K d,int  =  

K dH2O K  int,un K d,pep,app   1  +

MgO3POPO3
2– +  H2O  1

                                                                               MgO3PO– +  HOPO3
2– +  H+

  =  2.7 ¥ 10 
4 M

[HOPO3
2–]2

[H2O3POPO3
2–]

  =   5 ¥ 10 
–2 M

[Mg 
2+][HOPO3

2–]
[MgO3PO–]

  =   2.7 ¥ 10 
–4 M

[Mg 
2+][H2O3POPO3

2–]
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2–]

O
N

O

H

COO–
COO–O

““

““

H
:

:)

)

(

O
N

O

H

COO–

““

““ :

:)

)

(



Crystallographic Studies of Active Sites  
 

793 

orotidine-
5¢-phosphate 
decarbox-
ylase513 

 

10 pM 

adenosine    
deaminase514 

 

3 pM 

acetylcholin-
esterase515 

 

30 nM    

glucose-
6-phosphate 
isomerase516 

 

   0.3 mM   

phospho-
pyruvate      
hydratase517  

0.1 mM 

adenosine             
deaminase 
(3.5.4.4)400 

 

25 mM 

The reactions catalyzed by these enzymes can be learned at 
https://www.enzyme-database.org/.  

 

Problem 3-28: Is the magnesium complex of 
P(1),P(5)-bis(5A-adenosyl) pentaphosphate a bisub-
strate analogue or an analogue for an intermediate of 
high energy for adenylate kinase from O. cuniculus 

 

if its dissociation constant as a competitive inhibi-
tor518 is 3 nM while the dissociation constants from 
the active site for AMP- and MgATP2- are 0.1 and 
0.6 mM? 
 

Problem 3-29: ¬-Methionine (S)-sulfoximine 
N-phosphate 

 

forms a tight complex with ovine glutamine synthe-
tase.391,519 What does this fact suggest about the 
mechanism of the enzyme? 
 
 

Crystallographic Studies of Active Sites 

The initial step in a crystallographic study of the ac-
tive site of an enzyme is to construct a refined crys-
tallographic molecular model of the enzyme in 
one of its forms by the usual procedures of crystal-
lization, diffraction of X-rays, collection of a data 
set, calculation of a map of electron density, con-
struction of a molecular model, and refinement. 
For a protein that has just been crystallized and to 
which these methods are being applied, molecular 
replacement is always the first resort for calculating 
a map of electron density.  
 There are now so many crystallographic molec-
ular models of so many proteins that one is often 
already available of a protein that is known from its 
sequence of amino acids to be homologous to the 
enzyme of interest.* In addition, methods of artifi-
cial intelligence can use the large and ever-growing 
collection of established crystallographic molecular 
models to learn how to construct a molecular model 
from the sequence of amino acids for a protein.520 
Either or both of these approaches can be used to 
create a hypothetical molecular model† for the 
purposes of molecular replacement of a protein 
that has been crystallized but for which a crystallo-
graphic molecular model is unavailable. 

                                     
*It is now the case that the sequence of amino acids for any 
protein that has been purified and crystallized is almost always 
available from genomic sequencing.  
†It should be pointed out that these methods provide a hypo-
thetical molecular model of only the unoccupied protein and 
are as yet unable to provide a hypothetical molecular model of 
a form of the enzyme in which the active site is occupied by 
any ligand. Hence, crystallography is still required to examine 
the mechanism of an enzyme. It should also be kept in mind 
that these methods, because they do not rely on any under-
standing of the forces involved in protein folding, which are at 
best poorly understood, cannot provide any information about 
why a protein has a certain structure. 
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 The crystallographic molecular model of a related 
protein or a hypothetical molecular model created 
by artificial intelligence is used as a starting point 
to apply molecular replacement to the observed 
reflections from a crystal of the enzyme of interest. 
Molecular replacement allows the crystallographer 
to initiate refinement without the need for the arduous 
tasks of discovering isomorphous replacements, 
locating the positions of the heavy atoms in those 
isomorphous replacements, and phasing the initial 
data set of observed reflections. Consequently, molec-
ular replacement has had a significant impact on 
crystallography. 
 Molecular replacement uses Patterson maps to 
score its trials and errors. A Patterson map is calculated 
by the usual Fourier transform from squares of the 
amplitudes of reflections in an observed data set, 
but the phases for the reflections are all set at zero. 
A Patterson map provides a map of all the vectors 
between all the atoms in the unit cell rather than a 
map of electron density. Nevertheless, a Patterson 
map is indirectly related to the actual electron den-
sity within the unit cell. 
 If a known molecular model of a homologous 
protein is used as a starting point, a molecular 
model of the actual protein in the crystal with 
which to initiate refinement is then built from the 
molecular model of the homologous protein by 
placing each of its amino acids in the location of 
the homologous amino acid in the protein used to 
initiate the molecular replacement. When a hypo-
thetical molecular model derived from artificial intel-
ligence is used to initiate molecular replacement, it 
already has the correct sequence of amino acids. 
 Methods are available to rotate and translate the 
homologous or hypothetical molecular model of the 
protein within the unit cell of the crystal of the pro-
tein of interest for which a molecular model is not 
available.* The homologous or hypothetical crystal-
lographic molecular model is rotated and translated 
until the calculated Patterson map of the rotated and 
translated molecular model in the unit cell containing 
the protein of interest has the highest correlation 
with the Patterson map calculated from the ampli-
tudes of the reflections observed directly from the 
new crystal. When the best correlation is achieved, 
                                     
*Most unit cells have more than one molecule of protein with-
in them. Each molecule of protein, however, is usually related 
to every other molecule of protein by the symmetry operations 
of the space group. As a result, rotation of the known crystallo-
graphic molecular model of the protein can be continuously 
coupled to rotation of other copies of that same known crystal-
lographic molecular model within the new unit cell by these 
symmetry operations so that all copies rotate at the same time. 

it is assumed that the orientation and position of 
the homologous or hypothetical crystallographic 
molecular model is as close as possible to the orien-
tation and position of the actual molecule of the 
protein of interest in the unit cell of the crystal. 
 Once the molecular model in which the amino 
acids of the homologous protein have been replaced 
or the hypothetical molecular model has been posi-
tioned and oriented in the unit cell of the new crystal, 
a data set of reflections, Fc, and a data set of phases, 
ac, is calculated from that oriented molecular model. 
These two data sets are used to initiate a refine-
ment of the structure against the data set of the 
observed amplitudes of the reflections, Fo, from the 
crystal, again the only actual observations. 
 Gradually, under the influence of the observed 
data set, the map of electron density shifts from 
that of the initial molecular model to one for the 
actual molecule in the crystal. At first, the set of 
atoms that were present in the initial crystallographic 
molecular model positioned by the molecular replace-
ment are continuously repositioned in the maps of 
electron density calculated during initial rounds of 
refinement as accurately as possible. When further 
adjustments of these atoms are no longer required, 
the positive electron density for any prosthetic 
groups in the active site or molecules of water or 
other ligands that are at any location in the protein 
in the crystal and that were not present in the anhy-
drous molecular model used to initiate the refinement 
will be at their most accurate resolution, and molec-
ular models of these prosthetic groups, molecules 
of water, and ligands are placed within their respective 
electron densities. The more complete structure is 
then submitted to further refinement against the 
observed amplitudes, and molecules of water are 
added as they appear in the map of electron density. 
 In the initial crystallographic molecular model 
of the enzyme, the active site is usually unoccupied 
by substrates or inhibitors because neither substrates 
nor inhibitors were present in the solution from 
which the enzyme was crystallized. In many instances, 
however, a form of the enzyme occupied by a sub-
strate or an inhibitor is the form chosen for the initial 
crystals, often because it crystallizes more readily. 
Such a salutary effect of a ligand on the crystalliza-
tion is thought to be due to the rigidification of the 
active site produced by its association. Just as is 
done with molecules of water or prosthetic groups, 
as soon as the electron density of that substrate or 
inhibitor becomes definitive in one of the interme-
diate maps of difference electron density calculated 
during the refinement, a molecular model of it is 
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positioned within that electron density, and that 
molecular model of the ligand simply becomes a 
part of the overall molecular model of the enzyme 
submitted to further refinement. 
  In some instances, a protein, thought to be unoc-
cupied, has been found to have a ligand bound to it 
other than any of the components in the solution 
used to crystallize the protein. When such unexpected 
features appear in its map of electron density, the 
unexpected ligand should then be identified by 
chemical analysis rather than just by guessing what 
it is.521-523 
 The initial crystals of the enzyme, either occu-
pied or unoccupied; the data sets for the observed 
amplitudes of the reflections, Fo, the calculated 
amplitudes of the reflections, Fc, and the calculated 
phases for the reflections,* both ao and ac; the refined 
maps of electron density; and the fully refined crys-
tallographic molecular model itself comprise the 
starting point in a study of the active site of a particular 
enzyme. 
 Although molecular models of substrates and 
inhibitors are often docked computationally with an 
empty active site to produce imaginary complexes, 
this practice is usually unreliable,524 while crystal-
lographic molecular models of actual complexes 
are definitive pictures of actual events. 
 
 Crystals of an enzyme, the active site of which 
is occupied by one or more substrates or inhibitors 
of interest that were not present in the initial crystals, 
can be prepared in at least two ways. The initial 
crystals of the enzyme with an unoccupied or oth-
erwise occupied active site can be transferred to a 
solution containing one or more of these ligands of 
interest, which diffuse into the crystal and occupy 
the active sites. Often this soaking causes the crystals 
to shatter as adjustments in the structure of the pro-
tein occur in response to the occupation of the active 
site. Sometimes this shattering can be prevented by 
crosslinking the crystals, but this procedure can often 
prevent a conformational change required to produce 
the active conformation of the active site or even 
prevent the added ligands from occupying the active 

                                     
*It is worth reminding the reader that the only observed data 
are the reflections from particular crystals and their amplitudes, 
which are tabulated both in the several data sets that are needed 
to calculate the phases and in the data sets Fo used with the 
phases to calculate maps of electron density. All the remaining 
data sets are for calculated data, including the euphemistically 
designated “observed phases”, ao, as well as the data sets for 
the phases, ac, and the reflections, Fc, calculated from the various 
interim crystallographic molecular models built by the crystal-
lographer in the computer during the cycles of refinement. 

site. Preferably, the ligands of interest can be present 
during crystallization at concentrations adequate 
to saturate the active sites and become directly incor-
porated into the crystal while on the active site of 
the enzyme. This strategy, however, can lead to 
crystals that are not isomorphous with the original 
crystals and have a different space group from the 
original crystals simply because the enzyme is a dif-
ferent molecule when one or more ligands are 
bound than when no ligand or another ligand is 
bound. For example, while the unliganded a2 dimer 
of equine alcohol dehydrogenase crystallizes in the 
C2221 space group with a single protomer as the 
asymmetric unit, the form of the enzyme in which 
the active site is occupied by NADH crystallizes in 
the P1 space group with the entire a2 dimer neces-
sarily comprising the asymmetric unit.525 
 If crystals of the enzyme occupied with the 
substrate or inhibitor of interest have a different 
space group from the initial crystals of the unoccu-
pied or otherwise occupied enzyme, they necessarily 
present an entirely new crystallographic problem. 
In almost all cases, however, this new problem can 
again be solved rapidly by molecular replacement 
using the initial molecular model of the protein of 
interest as a starting point.  
 If one is lucky and the new crystals of the 
liganded enzyme are isomorphous with the crystals 
that produced the initial crystallographic molecular 
model, a map of electron density can be calculated 
using the set of calculated phases, ac, from the initial 
refined crystallographic molecular model and the 
observed data set of amplitudes for the reflections, 
Fo, collected from the new crystals. Were the phases 
of all the reflections from the new crystals the same 
as the phases of the reflections from the initial crystals, 
an unambiguous map of electron density could be 
calculated from this data set immediately, but they 
are not the same because the presence of new ligands 
has produced a different set of reflections with dif-
ferent phases from those collected from the initial 
crystals. Although the electron density for the poly-
peptide itself is almost the same as it was in the 
earlier refined map of electron density of the other-
wise occupied or unoccupied enzyme, there are often 
differences, especially in the vicinity of the active 
site, resulting from changes in the conformation of 
the polypeptide elicited by the binding of substrates 
or inhibitors that now occupy the enzyme, and these 
changes must be incorporated during refinement. 
The alterations in electron density resulting from 
these changes in conformation become more defini-
tive as the refinement against the data set of observed 
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amplitudes progresses, and these alterations guide 
the necessary adjustments of the polypeptide. 
Again, the atoms present in the initial model are 
positioned in the new model as accurately as possible 
first, and then, either initially or as the refinement 
proceeds, molecular models of the novel ligand or 
ligands are inserted in the respective features of 
positive electron density. 
 There are, however, problems with isomor-
phous crystals. Isomorphous crystals may not have 
the enzyme in the proper conformation for catalysis. 
For example, when MgATP2- is diffused into crys-
tals of a domain of myosin II from Dictyostelium 
discoideum, it is unhydrolyzed in the map of electron 
density calculated from the observed data set even 
though the domain would have rapidly hydrolyzed 
the MgATP2- were it in solution.526 When Mg2+ is 
diffused into crystals of a complex between the 
EcoRV endonuclease from E. coli and a fragment of 
DNA, the DNA remains unhydrolyzed even though 
the Mg2+ associates in the active site adjacent to the 
phosphodiester that is normally hydrolyzed by the 
enzyme in the presence of Mg2+ when it is in solu-
tion.527 Another disadvantage of trying to avoid 
molecular replacement by using isomorphous crys-
tals is that it is difficult to eliminate bias toward the 
initial, unliganded structure. Often molecular replace-
ment is still used to obtain an initial map of electron 
density from an isomorphous crystal to avoid these 
biases. 
 A refined crystallographic molecular model of 
a complex between a protein that is not an enzyme 
and a ligand that binds to that protein can also be 
obtained by these procedures. Strategically, this 
approach is a simpler problem than that of a complex 
between an enzyme and its substrates because a 
protein that simply binds a ligand does not alter the 
ligand covalently in a catalytic reaction. Examples of 
crystallographic molecular models for such naturally 
static complexes are those for hormone receptors 
and their hormones,528 immunoglobulins and their 
antigens,529 binding proteins that deliver metabolites 
to proteins catalyzing transport and their metabo-
lites,530-532 lectins and their oligosaccharides,533,534 
agglutinins and their oligosaccharides,535,536 lipid-
binding proteins and their lipids,537-539 and histo-
compatibility antigens and their peptidic ligands.540-542 
 
 

 When the refinement of a crystallographic molec-
ular model of the liganded enzyme is complete, an 
omit map of difference electron density is calculated. 
For the calculation of this omit map, the molecular 
model of a substrate, ligand, or inhibitor is omitted 
from a crystallographic molecular model, a data set 
is calculated from this molecular model, and refine-
ment against the observed reflections is initiated 
and continued until the positive electron density 
for these omitted participants in the maps no longer 
changes This omit map of difference electron density 
and the value of Rfree for the omit map are presented 
as validation and a measure of the accuracy, respec-
tively, of the final orientations of all these essential 
groups (Figure 3-31).543 In many instances, any 
prosthetic groups, molecules of water, and amino 
acid side chains judged to be essential to catalysis 
are omitted and consequently become features in 
the map. It is always the final omit map of difference 
electron density that provides the most accurate 
picture of the actual occupancy of the active site. 
 
 An active site or binding site that is unoccu-
pied by substrates or ligands is filled with mole-
cules of water. This observation is almost universal 
because empty space is always minimized in a 
condensed phase. Because a molecule of protein in 
its crystal is still entirely dissolved in water, and 
therefore still in a condensed phase, empty spaces 
larger than a molecule of water will usually be au-
tomatically filled with molecules of water. An active 
site is required to orient substrates so they can act 
as participants in the reaction catalyzed by the en-
zyme. The noncovalent interactions usually em-
ployed to perform this orientation are hydrogen 
bonds formed between the active site and the sub-
strates. The donors and acceptors for those hydro-
gen bonds in the active site when it is unoccupied 
by substrates form hydrogen bonds with more or 
less rigidly held molecules of water.511 In the map 
of electron density for the unoccupied active site, 
these fixed molecules of water appear as spheres of 
electron density. There are, however, in the map of 
electron density many apparently vacant areas, 
especially the spaces between the molecules of 
protein but those within the molecules of protein 
as well. Because nature abhors a vacuum, these 
apparent vacancies are areas in the actual crystal 
that are almost always filled with molecules of dis-
ordered water. 

 
 
 



Crystallographic Studies of Active Sites  
 

797 

 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
Figure 3-31: Map of difference electron density between nico-
tinate-nucleotide—dimethylbenzimidazole phosphoribosyltrans-
ferase from S. typhimurium with a vacant active site and the 
enzyme with its active site occupied by a-ribazole 5¢-phos-
phate and nicotinate.543 Black atoms are carbons, white atoms 
are oxygens, small gray atoms are nitrogens, and the large dark 
gray atom is phosphorus. Nicotinate-nucleotide—dimethylbenz-
imidazole phosphoribosyltransferase from S. typhimurium was 
crystallized in a buffer of ammonium phosphate containing 
the substrate 5,6-dimethylbenzimidazole. A refined crystallo-
graphic molecular model of the complex between the enzyme 
and 5,6-dimethylbenzimidazole was constructed from a data 
set gathered to Bragg spacing of 0.19 nm from crystals of this 
complex and several isomorphous replacements. Samples of 
these crystals were soaked in a solution of the substrate 
b-nicotinate ∂-ribonucleotide, and a new data set was gathered, 
again to Bragg spacing of 0.19 nm. A map of difference electron 
density was calculated from amplitudes of the reflections of 
this new data set and amplitudes and phases of the reflec-
tions calculated from the original refined crystallographic 
molecular model of the complex between the enzyme and 
5,6-dimethylbenzimidazole from which the molecular models 

of the 5,6-dimethylbenzimidazoles, all the waters, and all the 
phosphate ions had been removed to completely empty the 
active sites. The map of electron density that resulted (features 
of isoelectronic density in the drawing) clearly demonstrated 
that b-nicotinate ∂-ribonucleotide and 5,6-dimethylbenz-
imidazole had been converted by the enzyme within its active 
site to nicotinate (to the left) and a-ribazole 5¢-phosphate (to the 
right). Molecular models of these two substrates were inserted 
into the respective features of electron density, and their exact 
positions were determined by refinement. A ribbon drawing 
of the crystallographic molecular model of the protein sur-
rounding the active site is included in the figure. Nitrogen 1 of 
the nicotinate can displace the 5,6-dimethylbenzimidazole of 
the a-ribazole 5¢-phosphate in the nucleophilic substitution 
catalyzed by the enzyme (arrow) to produce b-nicotinate 
∂-ribonucleotide, but the equilibrium within the active site favors 
the observed substrates nicotinate and a-ribazole 5¢-phos-
phate. Glutamate 317 hydronates nitrogen 3 of the 5,6-dimethyl-
benzimidazole in  a-ribazole 5¢-phosphate to make it a better 
leaving group in the reaction catalyzed by the enzyme. 
Adapted with permission from reference 543. Copyright 1999 
American Chemical Society. https://doi.org/10.1021/bi991752c 
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 In building the initial crystallographic molecular 
model of the enzyme, fixed molecules of water* are 
added to the molecular model as its refinement 
progresses, and they become obvious features of 
electron density. Consequently, the fully refined initial 
crystallographic molecular model, which forms the 
basis for calculating the maps of electron density 
for the various forms of the enzyme occupied by 
the various ligands, contains many molecules of 
water. This initial molecular model is to be the 
starting point for either molecular replacement or 
for calculating a new map of electron density from 
an isomorphous crystal. For these calculations, under 
the assumption that occupation of the active site 
changes the position and occupation of these sites for 
fixed molecules of water, even at distant locations, all 
the molecules of water in the initial crystallographic 
molecular model are routinely discarded before it 
is used as a starting point in the rotation and trans-
lation operations of molecular replacement and 
refinement. As the subsequent refinement of the 
liganded molecular model progresses, fixed mole-
cules of water appear, not necessarily in the same 
places as the ones that were discarded, and they are 
added to the new structure during its refinement. If 
the active site in the initial model is occupied by 
any other ligand, that ligand is also removed before 
the set of phases used to initiate the refinement is 
calculated from the initial model properly positioned 
in the unit cell. An exception to this procedure is a 
tightly bound prosthetic group, which is usually 
retained in the active site under all conditions and 
is consequently retained in the stripped initial 
molecular model. 
 When a substrate, inhibitor, or ligand associates 
with an active site or a binding site, it displaces the 
molecules of water that occupied the active site in 
its absence. Because an active site often has a 
significant constellation of donors and acceptors 
ready to form hydrogen bonds with its substrates, 
there are usually quite a few fixed molecules of 
water within the active site in a crystallographic 
molecular model of the unoccupied enzyme. The 
displacement of these fixed molecules of water can 
be followed by examining crystallographic molecular 
models. For example, in the active site of strepto-

                                     
*As before, a fixed molecule of water is a molecule of water that 
has a fixed location in a map of electron density. This usage is 
not meant to imply that the same molecule of water occupies 
this location for any appreciable length of time; rather, these 
molecules of water are exchanging rapidly with molecules of 
water in the solvent. At any given instant, however, the site is 
occupied by a molecule of water. 

grisin A from Streptomyces griseus, there are 15 fixed 
molecules of water that are displaced when the 
competitive inhibitor chymostatin binds to the 
active site (Figure 3-32).544 In the absence of the 
inhibitor 1-deoxynojirimycin, the donors and accep-
tors that will form hydrogen bonds to the four hydroxy 
groups of the 1-deoxynojirimycin when it occupies 
the active site of glucoamylase from Aspergillus 
awamori are occupied by four fixed molecules of 
water, which assume the same positions that the 
hydroxy groups of the inhibitor do.545  
 Large nonpolar pockets intended for purely 
hydrophobic portions of the substrates, even though 
they themselves are lined by hydrophobic amino 
acids, do not remain empty in the absence of sub-
strates but are occupied by molecules of water, 
often fixed molecules of water. For example, when 
a molecule of oleate associates with the binding 
site for fatty acids in the intestinal fatty acid binding 
protein from R. norvegicus, its alkane displaces at 
least nine fixed molecules of water occupying that 
hydrophobic site in its absence.546 As a ligand binds 
to the active site by occupying the donors and accep-
tors for hydrogen bonds and nonpolar pockets, the 
molecules of water that were occupying these loca-
tions must dissociate before the ligand can settle in. 
 Aside from occupying donors and acceptors for 
hydrogen bonds in an active site that will ultimately 
by occupied by acceptors and donors on a substrate 
and filling otherwise empty space that will be filled 
by atoms of the substrate, a fixed molecule of water 
in the empty active site can itself wind up being a 
substrate for the enzyme. For example, in the crystal-
lographic molecular model of the empty active site 
of b-lactamase from S. aureus, there is a molecule 
of water fixed by hydrogen bonds to Glutamate 166 
and Asparagine 170.547 During the hydrolysis of 
b-lactams catalyzed by the enzyme, the acyl group 
of the lactam participates in a nucleophilic substi-
tution in which the hydroxy group of Serine 70 
replaces the amino group of the lactam to produce 
an intermediate ester. The molecule of water fixed 
by these two hydrogen bonds is positioned in the 
empty active site at a location where it can partici-
pate in a second nucleophilic substitution, replacing 
the hydroxy group of Serine 70 in this intermediate 
ester and releasing the hydrolyzed lactam. When 
Asparagine 170 is replaced with a glutamine, this 
water in the empty active site is displaced,548 and 
the hydrolysis of the intermediate ester with Serine 70 
is decreased by a factor of 800. 
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Figure 3-32: Crystallographic molecular model of the inhibitor 
chymostatin bound within the active site of streptogrisin A 
from S. griseus, including the molecules of water displaced 
from the active site by the inhibitor.544 Streptogrisin A was 
crystallized (space group P42) from 1.3 M sodium phosphate at 
pH 4.1. A data set, Fnat, was collected to Bragg spacing of 0.18 nm. 
The phases of these reflections were estimated from four 
isomorphous replacements, and the initial crystallographic 
molecular model was refined to an R-factor of 0.14. This refined 
crystallographic molecular model contained 200 molecules of 
water. Crystals were soaked in mother liquor containing chymo-
statin, and a new data set, Fchym0, was then collected. The map 
of difference electron density (Fchym0 - Fnat) was then calculat-
ed to locate the position of chymostatin in the unit cell. The 
inhibitor was found to overlap 18 of the molecules of water in 
the refined crystallographic molecular model of the unoccu-
pied enzyme. These molecules of water were removed from the 

crystallographic molecular model, and a data set, Fc, was then 
calculated from it. The difference map of electron density 
(Fchym0 - Fc) was then used to position the chymostatin as 
accurately as possible. This resulting molecular model was 
then refined against the data set Fchym0. The stereo drawing 
presents the final configuration of the chymostatin (P1-P4) 
and three of the amino acids in the active site (H57, S195, and 
D194). The aldehyde of the carboxy-terminal phenylalaninal 
(phenal) of the chymostatin has formed a hemiacetal (ha) with 
the hydroxy group of Serine 195. Fourteen of the 15 waters 
located within the active site of the unliganded crystallographic 
molecular model of streptogrisin A at locations overlapping 
that of the chymostatin, which are displaced by the chymo-
statin as it associates with the active site, are indicated as W. 
Reprinted with permission from reference 544. Copyright 1985 
Academic Press. https://doi.org/10.1016/0022-2836(85)90283-9 
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 The final crystallographic molecular model of 
the occupied active site, in which the protein is 
positioned by the refinement itself and the sub-
strates, inhibitors, or other ligands are positioned 
by the omit map, is used to draw conclusions 
about the mechanism of the enzymatic reaction. 
The crystallographic molecular model of an enzyme 
with its active site occupied by the full complement 
of substrates presents a challenging problem because 
an enzyme, by definition, catalytically interconverts 
its substrates. Consequently, most crystallographic 
studies of enzymatic active sites are performed in 
the absence of a full complement of substrates. The 
crystallographic molecular model of the active site 
of an enzyme occupied by one or more substrates 
or inhibitors, in which the entire complement of 
substrates is not present, is a static structure. Because 
it is a static structure rather than an active catalyst, 
the information gained about the catalytic mecha-
nism of the enzyme from such a crystallographic 
molecular model depends entirely upon the ligands 
that are chosen to occupy in the active site. 
 The simplest information gained from a crystal-
lographic molecular model is the location of the 
active site in its structure. If the enzyme happens to 
contain a tightly bound prosthetic group involved 
in the catalytic mechanism, it will identify the loca-
tion of the active site.549 If an enzyme has only one 
reactant and one product or if one of the two reactants 
is water itself, which cannot be left out of the crystal, 
then competitive inhibitors are often used to locate 
the active site.550,551 For example, 2-benzylsuccinate 
dianion is a competitive inhibitor of carboxypepti-
dase C from S. cerevisiae and is found in the crystal-
lographic molecular model of its complex with the 
enzyme. The 1-carboxy group of the inhibitor forms 
hydrogen bonds to the side chains of Glutamate 145, 
Histidine 397, and Asparagine 51 and the amido 
group of Glycine 52, and its phenyl group is inserted 
into an adjacent nonpolar pocket. These donors 
and acceptors for hydrogen bonds and this nonpolar 
pocket together constitute the subsite within the 
active site at which the carboxy-terminal amino acid 
of a normal reactant for the enzyme is thought to 
bind.552 
 Crystallographic molecular models of the active 
sites of enzymes occupied by inhibitors of pharma-
ceutical interest can be used to design even more 
potent inhibitors that have even smaller dissociation 
constants.553-555 For example, an examination of 
the crystallographic molecular model of the complex 
between exo-a-sialidase from influenza virus and 
the inhibitor 2-deoxy-2,3-dehydro-∂-N-acetyl-

neuraminic acid (Ki = 1 mM) suggested that substi-
tution of the 4-hydroxy group of the inhibitor with 
a guanidinio group would take advantage of four 
properly oriented acceptors in the protein for four 
of the five new donors for hydrogen bonds in the 
guanidinio group. The 4-guanidinio derivative was 
a far more tightly bound inhibitor (Ki = 0.1 nM), 
and its guanidinio group did occupy the acceptors 
as predicted.556 
 Examination of the crystallographic molecular 
model of an acyl intermediate between penicillanic 
acid and the active site of TEM-1b-lactamase, 
which hydrolyzes penicillins, suggested that adding 
a hydroxymethyl group to carbon 6 of the penicil-
lanic acid would displace the water necessary to 
hydrolyze that acyl enzyme intermediate, just as 
mutation of the asparagine in the active site of 
b-lactamase from S. aureus to a glutamine displaced 
a molecule of water responsible for hydrolyzing the 
acyl enzyme intermediate in its enzymatic reaction. 
6a-(Hydroxymethyl)penicillanic acid 

 

was found to form a long-lived, inactive, covalent 
complex with the enzyme in which its hydroxy 
group does displace the hydrolytic water.557 Crystal-
lographic molecular models can also be used to locate 
binding sites on enzymes for inhibitors of pharma-
ceutical interest that do not mimic the substrates of 
the enzyme.558-560 
 Competitive inhibitors that are much closer 
analogues for substrates of the enzyme are usually 
used to define the complex between an enzyme 
and a lone substrate. For example, ∂-glucitol 
6-phosphate, in which the 2-oxo group of the sub-
strate ∂-fructose 6-phosphate has been reduced to 
the secondary alcohol, locates the active site in the 
crystallographic molecular model of its complex 
with ∂-psicose-6-phosphate 3-epimerase 

     
                (3-391) 

from E. coli. In addition to identifying the active 
site, this crystallographic molecular model also defines 
the coordination of the actual substrate ∂-fructose 
6-phosphate with a prosthetic Mg2+ and reveals a 
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pocket with a lining of amido groups from the 
backbone of the polypeptide and hydroxy groups 
from side chains that together form five hydrogen 
bonds to the three nonbridging oxygens of the 
6-phospho group.561 
 Most enzymes catalyze reactions involving two 
or more reactants and two or more products. In 
such a situation, the active site and the subsite 
within the active site for a substrate can be located 
by occupying it with only one of the two reactants 
or products.562-566 For example, a crystallographic 
molecular model of (2E,6E)-farnesyl diphosphate 
bound to protein farnesyltransferase from R. norveg-
icus, in the absence of its other reactant, a protein 
to which the enzyme transfers the (2E,6E)-farnesyl 
group, locates the active site on the enzyme and 
defines the snug nonpolar pocket into which the 
farnesyl group inserts.567 Likewise, the crystallo-
graphic molecular model of UDP-galactose bound 
to bovine b-N-acetylglucosaminyl-glycopeptide 
b-1,4-galactosyltransferase in the absence of its 
other reactant, an oligosaccharide with b-N-acetyl-
∂-glucosamine at its nonreducing end, locates the 
subsite within the active site with which UDP-galac-
tose associates and also defines the significant con-
formational change that occurs in the polypeptide 
surrounding the active site and that creates the site 
to which the oligosaccharide that is the other reactant 
binds after the UDP-galactose has associated.568 
The complex between the substrate uridine 5A-phos-
phate and the active site of orotidine-5A-phosphate 
decarboxylase (Equation 3-366) from B. subtilis in 
the absence of CO2 identifies the catalytic side 
chains surrounding the site of the carboxylation.569 
Orotidine 5A-phosphate, the reactant correspond-
ing to the product uridine 5A-phosphate, would be 
immediately decarboxylated if it were mixed with 
the enzyme. 
 Both MgADP- and MgATP2- were bound in 
separate experiments at the active site of crystalline 
equine phosphoglycerate kinase (Equation 3-375) 
by soaking crystals in solutions of the respective 
ligand. Both of these substrates, one a reactant and 
the other the respective product, were bound at the 
same location and in the same orientation in a 
pocket on the surface of the enzyme, and this obser-

vation both located the active site and defined the 
noncovalent interactions between the active site 
and an adenine nucleotide.570 There are crystallo-
graphic molecular models of much higher accuracy 
and resolution571 of MgADP- and MgATP2-, respec-
tively, occupying the active site of 5-(carboxy-
amino)imidazole ribonucleotide synthase from 
Aspergillus clavatus, in which the precise confor-
mation of the nucleotides, their ligation by two 
Mg2+ ions, and the donors and acceptors for hydrogen 
bonds ensnaring them in the active site are clearly 
observed. 
 Many of the dehydrogenases using nicotinamide-
adenine dinucleotides as coenzymes have been 
crystallized with either NAD+, NADH, NADP+, and 
NADPH occupying their active sites,525,572-574 the 
so-called "holoenzyme", in the absence of the other 
respective nominal reactant or in the presence of 
an inhibitor that is competitive with the nominal 
reactant. In most instances, crystallographic molec-
ular models of such "holoenzymes" have permitted 
the description of the extensive networks of hydrogen 
bonds that form between amino acids of the active 
site and NAD+, NADH, NADP+ or NADPH (Fig-
ure 3-33),575,576 which are large molecules. 
 In a strategy similar to using just one of two re-
actants, for an enzyme that has three reactants, using 
two of the three reactants will often form a static 
complex. The crystallographic molecular model of 
this complex will not only locate the subsites in the 
active site for each of the two reactants but will also 
reveal the relative orientation of the reactants and 
allow one to imagine the corresponding orientation 
of the third reactant.577 
 The practice of using just one of two reactants 
or two of three reactants, however, can be misleading. 
For example, crystals of unliganded citrate (Si)-syn-
thase (Equation 3-226) were soaked in solutions of 
citrate, and isomorphous crystals of the enzyme to 
which citrate is bound were obtained. When crystals 
were formed from enzyme to which both citrate 
and coenzyme A had been bound, however, the 
enzyme changed its conformation, causing the 
active site to rearrange and the details of the inter-
actions between citrate and the amino acids 
around it to change significantly.578 
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Figure 3-33: Stereodrawing576 of the network of hydrogen 
bonds between NAD+ and  side chains of amino acids in the 
polypeptide surrounding the active site in the crystallographic 
molecular model of the complex between NAD+ and glycer-
aldehyde-3-phosphate dehydrogenase from G. stearothermo-
philus.575 Black atoms are carbons, white atoms are oxygens, 
small gray atoms are nitrogens, the two large dark gray atoms 
are atoms of phosphorus, and the large light gray atom is a sulfur. 
The complex between glyceraldehyde-3-phosphate dehydro-
genase and NAD+ was crystallized from a phosphate buffer 
containing 1 mM NAD+. In the final crystallographic molecular 
model from a data set gathered to Bragg spacing of 0.18 nm 
and data sets of several isomorphous replacements, the adenine 
ring (Adenine) of the NAD+ in the active site participates in hydro-
gen bonds with the peptidic oxygen of Arginine 77 from the 
protein and a fixed molecule of water (white sphere). The O2¢ 

and O3¢ groups on the adenylyl ribose participate in hydrogen 
bonds with the carboxy group of Aspartate 33 and the latter 
with a molecule of water (white sphere). The two phospho 
groups participate in hydrogen bonds to the peptidic amido 
nitrogens of Arginine 11 and Isoleucine 12 and the amido nitro-
gen in the side chain of Asparagine 182 as well as several mole-
cules of water (white spheres). The O4¢ oxygen of the ribose of 
the nicotinamide nucleotide participates in a hydrogen bond 
with the hydroxy group of Serine 119. The O2¢ and O3¢ oxygens 
of the ribose of the nicotinamide nucleotide participate in 
hydrogen bonds to a sulfate and a molecule of water (white 
sphere). The nicotinamide participates in hydrogen bonds to 
the amido nitrogen in the side chain of Asparagine 314 and a 
molecule of water (white sphere). There is also an intramolecular 
hydrogen bond within the NAD+ between the amido nitrogen 
of the nicotinamide and its phospho group. 
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 One way to occupy simultaneously both of the 
subsites on the active site of an enzyme and avoid 
the difficulty of these subsequent rearrangements 
when a second reactant associates is to effect these 
changes in conformation relevant to the enzymatic 
reaction by using a bisubstrate analogue as a ligand. 
For example, the bisubstrate analogue 3-87* 

 

which combines the structural features of S-aden-
osyl-3-(methylthio)propylamine (3-88) and putre-
scine (1,4-diaminobutane), locates the subsites for 
these two reactants in the active site in the crystal-
lographic molecular model579 of its complex with 
spermidine synthase 

  
                (3-392) 

from Thermotoga maritima. Likewise, N-phosphon-
acetyl-¬-aspartate (3-6), a bisubstrate analogue 
that combines the structural features of carbamoyl 
phosphate and ¬-aspartate, has been used to locate 
the active site and the catalytic side chains in a 
crystallographic molecular model of aspartate car-
bamoyltransferase (Equation 3-220) from E. coli.580 
 In a number of enzymatic reactions, a small 
portion of one reactant is transferred to the other 
reactant. In such cases, the reactant to which the 
group is transferred and the product from which 
the group has been transferred will often form an 
                                     
*From here on in this text, whenever possible, in drawings of 
chemical structures and in chemical equations, the substrates, 
analogues of substrates, analogues for intermediates of high 
energy, inhibitors, and side chains of amino acids participating 
in the respective enzymatic reactions will be drawn in the con-
formations and relative orientations they assume within their 
respective active sites in crystallographic molecular models. In 
these instances, molecular drawings have been chosen rather 
than drawings of the actual crystallographic molecular models 
to permit detailed explanations of the chemistry of the respective 
reactions. 

inactive dead-end complex defining the subsites 
for these substrates and the orientation in which 
the two substrates between which the group is 
transferred are held by the enzyme. For example, 
the enzymatically inactive complex between IMP 
dehydrogenase from T. foetus and the reactant xan-
thosine 5A-phosphate and the product NAD+ lacks 
the hydride transferred from NADH to xanthosine 
5A-phosphate during the enzymatic reaction, and 
the crystallographic molecular model of this complex 
defines the noncovalent interactions recognizing 
and orienting the two substrates as well as a significant 
conformational change in the enzyme that occurs 
upon the binding of substrates.581 
 The crystallographic molecular model of the 
enzymatically inactive complex (Figure 3-34)582 
between the active site of guanidinoacetate N-methyl-
transferase from R. norvegicus and the reactant 
guanidinoacetate (GuanAc) and the product 
S-adenosyl-¬-homocysteine (SAHC) is missing the 
methyl group that is transferred by the active site 
back and forth from S-adenosyl-¬-methionine to 
guanidinoacetate and from the resulting creatine to 
S-adenosyl-¬-homocysteine, but the alignment of 
guanidinoacetate and S-adenosyl-¬-homocysteine 
by the enzyme places the sulfur and the nitrogen 
between which the methyl group is transferred 
immediately adjacent to each other at a distance of 
0.39 nm, in perfect orientation for a concerted nu-
cleophilic substitution, and reveals the basic strat-
egy employed by the active site. 
 A similar disposition of S-adenosyl-¬-homocys-
teine and geranyl S-thiolodiphosphate, an analogue 
of geranyl diphosphate, is observed in a crystallo-
graphic molecular model of the active site of geranyl 
diphosphate 2-C-methyltransferase from Streptomyces 
coelicolor. In this instance, the distance between 
the carbon that would be methylated in geranyl 
diphosphate and the sulfur of the S-adenosyl-
¬-homocysteine is 0.55 nm. This enzyme catalyzes 
a concerted nucleophilic substitution that transfers 
the methyl group from S-adenosyl-¬-methionine to 
carbon 2 in the nucleophilic carbon–carbon double 
bond between carbons 2 and 3 of geranyl diphos-
phate rather than to a guanidino nitrogen. In this 
latter molecular model, the p electrons on one side 
of the carbon–carbon double bond are pointed at 
the sulfur of the ¬-homocysteine just as the nucleo-
philic lone pair of electrons of the guanidino nitrogen 
is pointed at the sulfur in the active site of guanidino-
acetate N-methyltransferase (Figure 3-34). 
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Figure 3-34: Stereodrawing576 of the occupied active site in the 
crystallographic molecular model for the complex of guanidino-
acetate N-methyltransferase from R. norvegicus and the reactant 
guanidinoacetate and the product S-adenosylhomocysteine.582 
Black atoms are carbons, white atoms are oxygens, small gray 
atoms are nitrogens, and large light gray atoms are sulfurs. 
Crystals of the enzyme were grown from a solution containing 
1 mM S-adenosylhomocysteine and 2 mM guanidinoacetate. A 
data set was gathered at Bragg spacing of 0.20 nm, and a map 
of electron density was produced by molecular replacement 
using an earlier crystallographic molecular model of a complex 
between the enzyme and S-adenosylhomocysteine. Features in 
the initial map of electron density into which S-adenosylhomo-
cysteine (SAHC) and guanidinoacetate (GuanAc) could be satis-

factorily inserted were found in the region already assigned as 
the active site. Following the insertion, the crystallographic 
molecular model was submitted to refinement. A portion of 
the final refined molecular model is drawn. In a nucleophilic 
substitution, the enzyme transfers a methyl group back and 
forth between the sulfur in S-adenosylhomocysteine and the 
imido nitrogen of guanidinoacetate, which are connected by a 
thick dashed line in the drawing. The methyl group itself is 
missing in the crystallographic molecular model but can be 
imagined on the fly. There are a number of hydrogen bonds 
between donors and acceptors in the substrates, the polypep-
tide, and molecules of water (white spheres) orienting the two 
substrates in the active site. Tryptophan 19 stacks upon the 
adenine of the S-adenosylhomocysteine. 
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 In both crystallographic molecular models, the 
line of centers between the nucleophile and the sulfur 
of S-adenosyl-¬-homocysteine passes through one of 
the vertices of the tetrahedral sulfur, the location 
that would be occupied by the methyl group on the 
tetrahedral sulfonium ion were the S-adenosyl-
¬-homocysteine actually S-adenosyl-¬-methionine. 
The alignment between the sulfur in the ¬-homo-
cysteine and the As3+, the methyl acceptor, is less 
ideal in the crystallographic molecular model of the 
occupied active site of arsenite methyltransferase 
from Cyanidioschyzon,583 but it can be inferred that 
steric effects on the methyl group itself would 
complete the alignment. 
 An enzymatically inactive complex forms on 
the active site of rhamnulokinase from E. coli between 
the product MgADP- and the reactant b-¬-fructo-
furanose, an alternative to the nominal reactant 
¬-rhamnofuranose. This complex is missing the 
phospho group normally transferred from MgATP2– 

to the 1-hydroxy group of b-¬-fructofuranose, but 
its crystallographic molecular model defines an exten-
sive conformational change that occurs upon binding 
of substrates and shows how the reactants are oriented 
by the enzyme to achieve the phospho transfer.584 
One can readily imagine the missing phospho 
group on the fly between the oxygen of MgADP– 

and the oxygen of b-¬-fructofuranose. 
 
 

 At times, one of the substrates in a formally 
unimolecular reaction is used as a ligand in crys-
tallographic studies even though it is continuously 
transformed in the crystal by the enzyme. Usually, 
under these circumstances, only one of the two 
substrates, reactant or product, is observed in the 
active site, but occasionally the equilibrium constant 
for the reaction in the active site close enough to 1 
that both reactant and product, in equilibrium 
with each other, can be observed simultaneously 
in a crystallographic molecular model of the active 
site. For example, the substrates in the reaction 
catalyzed by phosphopyruvate hydratase from 
O. cuniculus, 2-phospho-∂-glycerate and phospho-
enolpyruvate and a molecule of water 

     
                (3-393) 

are present in an almost equimolar mixture when 
they are in the active site.507 Crystals of phospho-
pyruvate hydratase from S. cerevisiae were grown 
from a solution containing phosphoenolpyruvate 
and the Mg2+ needed for catalysis, and a feature of 
 
 

 
 
 
Figure 3-35: Equilibrium mixture of 2-phospho-∂-glycerate 
and phosphoenolpyruvate and a molecule of water (Equation 
3-393) in the active site of phosphopyruvate hydratase from 
S. cerevisiae.585 Black atoms are carbons, red atoms are oxygens, 
and the orange atom is a phosphorus. The purified enzyme 
was dissolved in a solution containing 2 mM phosphoenol-
pyruvate, 2 mM MgCl2, 0.25 M KCl, and 50 mM 3-[4-(2-hydroxy-
ethyl)piperazin-1-yl]propane-1-sulfonic acid at pH 8.0. The 
enzyme was crystallized from this solution, and a map of elec-
tron density was calculated from diffracted X-rays to Bragg 
spacing of 0.18 nm. In the active site of the enzyme, there was a 

feature of electron density that resembled either 2-phospho-
∂-glycerate or phosphoenolpyruvate and a molecule of water. 
The substrates were intentionally omitted during the refine-
ment, and the final omit map of electron density is presented 
as a cage of light gray lines. A molecule of 2-phospho-∂-glyc-
erate has been inserted into this map of electron density, but it 
is clear from the protrusion in the upper left-hand corner of the 
map that a molecule of phosphoenolpyruvate and a molecule 
of water could just as easily been inserted. Reprinted with 
permission from reference 585. Copyright 1996 American Chem-
ical Society. https://doi.org/ 10.1021/bi952859c 
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electron density was observed in the map that re-
sembled a substrate. A refined omit map of difference 
electron density (Figure 3-35) has a continuous 
feature of electron density into which either 2-phos-
pho-∂-glycerate or phosphoenolpyruvate and a 
molecule of water can be inserted,585 consistent 
with the expectation that the substrates are both 
present in equilibrium with each other. An omit 
map of electron density within the active site of a 
complex between ¬-fucose and ¬-fucose mutarotase 
from E. coli demonstrates unequivocally that both 
reactant, a-¬-fucopyranose, and product, b-¬-fuco-
pyranose, are present in an almost equimolar mix-
ture,586 presumably in equilibrium with each other. 
In the active site of UDP-glucuronic acid 4-epimerase 
from Bacillus cereus, both UDP-∂-glucuronic acid and 
UDP-∂-galacturonic acid, the reactant and product of 
the enzymatic reaction, are present in an equilibrium 
mixture.587 
 Phosphopyruvate hydratase from S. cerevisiae 
also crystallizes in a different space group in which 
the complete dimer is in the asymmetric unit. The 
different environments in this other crystal for the 
two subunits of the homodimer of the enzyme, 
which is symmetric in solution, have altered the 
conformations of the two active sites in such a way 
that the equilibrium constants between 2-phospho-
∂-glycerate and phosphoenolpyruvate and a molecule 
of water are shifted in opposite directions. In the 
unit cell of this other crystal, in one of the active 
sites of the dimer, electron density for only 2-phospho-
∂-glycerate is observed, and in the other active site, 
electron density for only phosphoenolpyruvate and 
a molecule of water is observed.588 The same situa-
tion occurs in a crystal of dihydroorotase 

       
                (3-394) 

from E. coli. The dimeric enzyme crystallizes in the 
space group P212121 with the dimer as the asymmetric 
unit. The environments of the two subunits in the 
crystal are different enough that one subunit stabi-
lizes (S)-dihydroorotate and water in its active site 
and the other subunit stabilizes N-carbamoyl-
¬-aspartate in its active site.589 
 
 The equilibrium mixture of substrates in the 
active site of an enzyme that has two reactants and 
two products and catalyzes a bimolecular reac-
tion can also be observed crystallographically. For 

example, cytidine deaminase catalyzes the hydroly-
sis of cytidine to uridine 

  
                (3-395) 

A hydroxide on a Zn2+ in the active site is the nucleo-
phile in a nucleophilic substitution at the acyl carbon 
of the amidine. The nucleophilic substitution passes 
through the usual tetrahedral intermediate. The 
omit map of electron density for the complex between 
murine cytidine deaminase and cytidine had a fea-
ture of electron density that was clearly a hybrid of 
a cytidine and a water (Figure 3-36A) and a uridine 
and an ammonia (Figure 3-36B) in an equilibrium 
ratio of 3:1.590 
 (3S)-5-(3-Carboxy-3-hydroxypropyl)nicotinamide-
adenine dinucleotide (previously 1-78) 

 

is a bisubstrate analogue for ¬-lactate dehydrogenase 
(Equation 3-27). When this bisubstrate analogue is 
added to a solution of ¬-lactate dehydrogenase, the 
hydride is transferred back and forth intramolecularly 
between carbon 3 of the 3-carboxy-3-hydroxypropyl 
group and carbon 4 of the nicotinamide while it is 
in the active site, an observation demonstrating that 
one analogue effectively mimics two substrates. A 
crystallographic molecular model of the bisubstrate 
analogue occupying the active site of porcine ¬-lactate 
dehydrogenase, in crystals within which the hydride 
is presumably being transferred back and forth 
continuously, identifies the groups responsible for 
catalysis, in particular the imidazolyl group of His-
tidine 195 that is responsible for removing the hydron 
from the 3-hydroxy group during its oxidation to 
the 3-oxo group.591 
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Figure 3-36: Omit maps of electron density for substrates 
bound in the active sites in crystallographic molecular models 
for (A) the complex of murine cytidine deaminase and the sub-
strates cytidine and water and (B) the complex of murine cytidine 
deaminase and the substrates uridine and ammonia.590 Crystals 
of the enzyme were grown from a solution containing 5 mM 
cytidine. A data set was gathered at Bragg spacing of 0.207 nm, 
and a map of electron density was produced by molecular 
replacement using an earlier crystallographic molecular model 
of human cytidine deaminase.599 In the initial map of electron 
density, there were features in the active site that could be 
explained by the superposition of molecules of cytidine and 
water and molecules of uridine and ammonia with a ratio of 
occupancy of about 3:1. Three quarters of a molecule of cyti-
dine, three quarters of a hydroxide, one quarter of a molecule 
of uridine, and one quarter of a molecule of ammonia were 
inserted into these hybrid features of electron density, and the 
resulting molecular model of these substrates at their respec-
tive partial occupancies and the enzyme were submitted to 
refinement. Following the refinement, omit maps of electron 
density (features of electron density in Panels A and B, respec-
tively) were prepared for each pair of substrates by omitting 
their respective partial molecules and the equivalent fraction 
of a Zn2+ from the final crystallographic molecular model. Por-

tions of the final crystallographic molecular model are drawn 
including, on the one hand (Panel A), the final positions of the 
molecules of cytidine and hydroxide (OH) and, on the other 
hand (Panel B), the final positions of the molecules of uridine 
and ammonia (N), as well as portions of the protein providing 
donors and acceptors of hydrogen bonds to the substrates and 
ligands for the Zn2+. Arrows indicate the nucleophilic attack of 
hydroxide (Panel A) coordinated to Zn2+ on the cytosine of the 
cytidine and the nucleophilic attack of ammonia (Panel B) on 
the uracil of the uridine. One of the hydrogens on the ammonia 
participates in a hydrogen bond with the peptidic oxygen of 
Serine 97. The upper oxygen of the carboxy group of Glutamate 67 
(which is behind the water in panel A and behind the molecule 
of ammonia in panel B) is close enough to the amido nitrogen 
on carbon 4 of the cytidine (0.30 nm) and the hydroxide on the 
Zn2+ (0.28 nm) in Panel A, and also close enough to the acyl 
oxygen on carbon 4 of the uridine (0.30 nm) and the ammonia 
(0.29 nm) in Panel B, to form hydrogen bonds with both func-
tional groups and both nucleophiles. The lower oxygen of Glu-
tamate 67 forms a hydrogen bond with nitrogen 3 of both the 
cytosine (0.29 nm) and the uridine (0.27 nm), facts which suggest 
that it is planted as the other oxygen pivots around it. Reprinted 
with permission from reference 590. Copyright 2006 American 
Chemical Society. https://doi.org/10.1021/bi060345f 
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 The fact that most crystals are frozen before a 
data set is collected may shift an equilibrium one 
way or the other. For example, the equilibrium con-
stant within the active site136 at 30 ªC for the reaction 
catalyzed by orotate phosphoribosyltransferase from 
S. typhimurium is 2 in favor of the products, orot-
idine 5¢-phosphate and diphosphate. Nevertheless, 
the omit map of electron density within its occu-
pied active site, from a data set gathered at -178 ªC, 
is consistent with the presence of only the reactants, 
orotate and 5-phospho-a-∂-ribose 1-diphosphate, 
with no indication of the presence of orotidine 
5¢-phosphate or diphosphate.592 It must be the case 
that the equilibrium is shifted in favor of orotidine 
5¢-phosphate and diphosphate at the lower temper-
ature. Even though the equilibrium constant in 
solution at 25 ªC for the reaction catalyzed by iso-
chorismate synthase is 0.84 in favor of the reactant 
chorismate,593 the map of electron density calculated 
from a data set gathered from crystals of the enzyme 
from E. coli at cryogenic temperatures is consistent 
with the presence of only the product isochoris-
mate in the active site.594 
 As is the case with orotate phosphoribosyltrans-
ferase and isochorismate synthase at cryogenic 
temperatures, for the majority, if not almost all, of 
the equilibria between substrates when they are in 
their respective active sites and when the enzymes 
are either in solution or in a crystal, the equilibri-
um constant within the active site favors one of 
the outcomes, often the outcome favored by the 
overall equilibrium for the reaction being catalyzed. 
If the equilibrium constant for the reaction within 
the active site is such that less than 10% of the sub-
strates on one side of the equation for the enzymatic 
reaction are present, the electron density for the 
minor participants cannot be resolved from the 
electron density of the major participants. One reason 
for the presence of the substrates on only one side 
of the equilibrium, as was observed with the two 
different conformations of the subunits of phospho-
pyruvate hydratase and the two different confor-
mations of the subunits of dihydroorotase in the 
respective crystals, can be that the conformation of 
the enzyme that has crystallized favors the substrates 
on only that side of the equation even though there 
may be other conformations in the solution favoring 
the substrates on the other side of the equation. 
 Complexes between an active site and a full 
complement of the substrates favored by the equilib-
rium existing in the active site in the crystal under 
the conditions at which the data set is gathered (often 
referred to ambiguously as a "complex with the 

products of the enzymatic reaction") can be crystal-
lized.595,596 The resulting complex will usually show 
no feature of electron density suggesting that the 
substrates unfavored by the equilibrium are also 
present in the active site even though they must be 
present at a ratio dictated by the equilibrium con-
stant for the reaction as it occurs in the active site 
under the conditions of data collection. For example, 
within the active site of triose-phosphate isomerase 
(Equation 3-384) from S. cerevisiae, as in solution, 
the equilibrium favors glycerone phosphate.597 In the 
map of electron density for the complex between glyc-
erone phosphate and the enzyme (Figure 3-37),598,599 
there is a feature within the active site into which 
only a molecule of glycerone phosphate can be in-
serted. 
 Lanosterol synthase catalyzes an equilibrium 

   
                (3-396) 

that in solution is heavily in favor of lanosterol. In 
the map of difference electron density from crystals 
of the complex between the human enzyme and 
lanosterol, there is no evidence for electron density 
arising from (3S)-2,3-epoxy-2,3-dihydrosqualene, only 
a clear feature of electron density for lanosterol.600 
Likewise, in the case of the complex between nico-
tinate-nucleotide—dimethylbenzimidazole phospho-
ribosyltransferase from S. typhimurium 

  
                (3-397) 

and its two substrates nicotinate and a-ribazole 
5A-phosphate, there is no indication in the difference 
map of electron density for the presence of any 
b-nicotinate ∂-ribonucleotide or 5,6-dimethylbenz-
imidazole, but the orientation of the two substrates 
favored by the equilibrium positions them perfectly 
for the phosphoribosyl transfer catalyzed by the 
enzyme (Figure 3-31).543 In the case of glutathione 
transferase, when it catalyzes the condensation of 
glutathione and phenanthrene 9,10-oxide, there are 
two reactants but only one product, 9-(S-glutathionyl)-
10-hydroxy-9,10-dihydrophenanthrene. The reaction 
heavily favors this substrate, and the complex between 
it and the enzyme from R. norvegicus could be crys-
tallized.601

(3S )-2,3-epoxy-2,3-dihydrosqualene

                                                       1  lanosterol

-nicotinate ∂-ribonucleotide  +
   5,6-dimethylbenzimidazole  1
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b
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Figure 3-37: Omit maps of electron density for three catalytic 
side chains and glycerone phosphate bound in the active site 
of triose-phosphate isomerase from S. cerevisiae.598 Crystals of 
a fully active double mutant of the enzyme in which Trypto-
phan 90 was mutated to a tyrosine and Tryptophan 157 to a 
phenylalanine were soaked in a solution of glycerone phos-
phate. The crystals gradually disappeared and new crystals 
gradually appeared that were monoclinic and of space group 
P21. A data set was gathered from these monoclinic crystals at 
Bragg spacing of 0.12 nm, and a map of electron density was 
produced by molecular replacement using an earlier crystallo-
graphic molecular model of the enzyme.599 In the refined map 
of electron density, there was a feature of electron density into 
which a molecular model of glycerone phosphate could be in-

serted. Following the refinement, omit maps of electron density 
were prepared by omitting glycerone phosphate and the side 
chains of Lysine 11, Histidine 94, and Glutamate 164. The 
drawing is of the electron density in that omit map filled with 
molecular models of glycerone phosphate and the side chains. 
Dashed lines for Lysine 11 and Histidine 94 are for hydrogen 
bonds that they form with the carbonyl oxygen of the glycerone 
phosphate. The dashed line from one of the carboxylato oxygens 
of Glutamate 164 to carbon 3 of the glycerone phosphate indi-
cates its role as a base that removes a hydron from that carbon 
in the enzymatic reaction. Reprinted with permission from refer-
ence 598. Copyright 2003 National Academy of Sciences, U.S.A. 
https://doi.org/10.1073/pnas.0233793100 

 
 
 
 
 When neither a complex between an enzyme 
and an equilibrium mixture of substrates nor one 
between the enzyme and the set of substrates favored 
by the equilibrium as it occurs on the active site 
can be crystallized, it is often possible to produce a 
complex closely resembling the natural complex 
by using an almost identical but inactive analogue 
in place of one of the substrates.602 
 Isoprene synthase catalyzes the dissociation of 
diphosphate from 3,3-dimethylallyl diphosphate to 
produce the 3,3-dimethylallyl carbenium ion (1-99 
in Figure 1-26) as an intermediate in the reaction. 
The transfer of a hydron from one of the methyl 
groups of the dimethylallyl carbenium ion produces 
isoprene, 2-methylbuta-1,3-diene, which is the 
product of the enzymatic reaction. 3,3-Dimethylallyl 
S-thiolo diphosphate 

 
 
 

 

is an inactive analogue of dimethylallyl diphos-
phate in which the oxygen between the dimethylallyl 
group and the diphospho group, which would leave 
the dimethylallyl group in the normal reaction 
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catalyzed by the enzyme, has been replaced with a 
sulfur. In a crystallographic molecular model of the 
active site of isoprene synthase from Populus cane-
scens,603 the analogue is forced by the active site to 
assume a conformation in which the bond between 
carbon and sulfur, which would be the bond that 
dissociates in 3,3-dimethylallyl diphosphate (1-99 
in Figure 1-26), is parallel to the p orbitals that 
form the p molecular orbital system of the carbon–
carbon double bond of dimethylallyl diphosphate 
(as in 3-90). Consequently, the two electrons in the 
occupied p molecular orbital of the carbon–carbon 
bond can push on the carbon–oxygen bond of the 
substrate and enhance the dissociation. One of the 
oxygens of the distal phospho group is also posi-
tioned by the active site to remove the hydron from 
the cis methyl group of the dimethylallyl carbenium 
ion to produce the isoprene. This oxygen is oriented 
by the active site so that it is on a line with the carbon 
of the methyl group that is perpendicular to the 
plane of the carbon–carbon double bond. In this 
orientation, it is able to remove the hydron in a 
carbon–hydrogen bond on the methyl group when 
that bond is parallel to the p molecular orbital system 
of the allyl carbenium ion, which withdraws the 
two electrons in that bond into itself. 
 Hypoxanthine phosphoribosyltransferase, which 
is able to catalyze the nucleophilic substitution at 
the carbon of the hemiaminal in the ribose of the 
alternative substrate, guanosine 5A-phosphate 

  
                (3-398) 

is inhibited by the pyrrolidinium ion 

 

In a crystallographic molecular model of a complex 
between the human enzyme and magnesium di-
phosphate, Mg2+, and pyrrolidinium 3-91 (Figure 
3-38),604,605 the Mg2+ of the magnesium diphosphate 
has two of the nonbridging oxygens as ligands. The 
other Mg2+ in the active site has two other non-
bridging oxygens of the diphosphate and the 
3-hydroxy group and the 4-hydroxy group of pyrrol-
idinium 3-91 as ligands. This network of ligation 
creates a rigid structure of two five-membered 
rings and two six-membered rings that holds the 
oxygen of the diphosphate that is the acceptor of 
the phosphoribosyl group in the nucleophilic substi-
tution catalyzed by the enzyme immediately adjacent 
to carbon 2 of the pyrrolidinium 3-91 (Figure 3-38). 
Carbon 2 is the homologue of the electrophilic car-
bon 1¢ of the ribose in the guanosine 5A-phosphate 
(Equation 3-398). The crystallographic molecular 
model demonstrates that hydronation of nitrogen 9 
of the guanine in guanosine 5A-phosphate increases 
the electrophilicity of carbon 1¢ by improving the 
leaving group in the nucleophilic substitution. In 
the transition state of the enzymatic reaction, the 
nonbridging oxygen of the diphosphate that is imme-
diately below (dotted line in the figure) the oxygen 
in the intermediate oxocarbenium ion of the ribosyl 
group, represented in the analogue by the ammonio 
nitrogen, stabilizes its positive elementary charge.606 
 In a similar complex with a similar inhibitor in 
the active site of purine-nucleoside phosphorylase 
from E. coli, the phosphate that normally attacks 
carbon 1A of ribose in the nucleoside is held in posi-
tion by hydrogen bonds from the six w nitrogen–
hydrogens of three guanidinio groups from three 
arginines instead of two Mg2+, but these hydrogen 
bonds also form a network of rigid five-membered 
rings.607 
 In the case of enzymes that have two identical 
reactants, such as porphobilinogen synthase from 
P. aeruginosa, which condenses two 5-aminolevu-
linates, the same enzymatically inactive analogue 
of these two reactants can be used to occupy each 
of the two respective subsites in the active site.608 
 Complexes between two substrates and an 
analogue of the third substrate and an enzyme 
catalyzing a reaction with three reactants and three 
products have also been crystallized, and the align-
ment of the three ligands defines the orientation of 
the three substrates in the normal reaction.609 
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Figure 3-38: Stereodrawing576 of the crystallographic molecular 
model of the active site in the complex of human hypoxanthine 
phosphoribosyltransferase, its substrate magnesium diphos-
phate, and the pyrrolidinium 3-91, which is an inhibitor of the 
enzyme.604 Black atoms are carbons, white atoms are oxygens, 
small gray atoms are nitrogens, large dark gray atoms are 
atoms of phosphorus, and the two small dark gray spheres are 
magnesium ions. The enzyme was crystallized from a solution 
containing an equimolar concentration of pyrrolidinium 3-91 
and an excess of magnesium diphosphate. A data set was gathered 
from the crystals at Bragg spacing of 0.20 nm, and a map of 
electron density was produced by molecular replacement using 
an earlier crystallographic molecular model of hypoxanthine 
phosphoribosyltransferase from T. gondii.605 In the initial map of 
electron density, there were features in the active site into 
which molecular models of molecules of magnesium diphosphate 
and pyrrolidinium 3-91 could be unambiguously inserted. The 
molecular models of the pyrrolidinium, Mg2+, and the diphos-
phate (PP) in the final refined crystallographic molecular model 

are drawn. The arrow indicates the nucleophilic attack of the 
closest oxyanion in the magnesium diphosphate that would 
occur during the reaction catalyzed at the active site on carbon 1 
of guanosine 5A-phosphate, the normal substrate for the enzyme, 
which is represented by carbon 5 of the inhibitor. The nearly 
vertical, thin dashed line indicates a hydrogen bond between 
the quaternary ammonium of the pyrrolidinium and another 
oxyanion of the diphosphate. This hydrogen bond represents 
an ionic interaction between the oxygen atom of the normal 
oxocarbenium ion intermediate and this oxyanion in the nucleo-
philic substitution catalyzed by the enzyme. The second 
Mg2+, in addition to the one brought into the active site on the 
diphosphate, is also coordinated by the diphosphate. In addi-
tion to five molecules of water (white spheres) and ligands 
from the diphosphate and the two hydroxy groups on pyrroli-
dinium 3-91 that provide ligands to the two Mg2+, Aspartate 193 
from the enzyme provides a ligand to one of the magnesium 
ions. 
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 Magnesium 5A-adenylic methylenediphosphonic 
anhydride (3-5), in which the bridging oxygen to 
the g-phospho group of MgATP2- has been changed 
to a methylene group; magnesium 5A-adenylic imido-
diphosphonic anhydride (MgAMPPNP2-), in which 
the bridging oxygen to the g-phospho group of 
MgATP2- has been changed to an imino group; and 
magnesium adenosine 5A-(3-thiotriphosphate), in 
which one of the nonbridging oxygens on the 
g-phospho group of MgATP2- has been changed to 
sulfur, are analogues often used in place of MgATP2–. 
These analogues are widely used because there are 
so many enzymes that have MgATP2- as a substrate. 
They cannot participate in the enzymatic reaction, 
yet they often form ternary complexes with an active 
site and the substrate to which and from which the 
g-phospho group of MgATP2- is transferred during 
the normal nucleophilic substitution at phospho-
rus catalyzed by an enzyme that has MgATP2- as a 
substrate. Examples of cosubstrates to which 
g-phospho groups are transferred from MgATP2- in 
such active sites are shikimate,610 adenosine,611 
uridine 5A-phosphate,612 formylglycinamide ribo-
nucleotide,613 flavin mononucleotide,614 the hydroxy 
group of serine in a peptide,615 and fructose 6-phos-
phate (Figure 3-39).616 In crystallographic molecular 
models of ternary complexes with the respective 
active sites for each substrate, as in that for human 
6-phosphofructo-2-kinase (Figure 3-39), the oxygen 
of the cosubstrate to be phosphorylated is nestled 
against the g phosphorus of the analogue of MgATP2– 
and surrounded by the three terminal nonbridging 
oxygens and aligned for an in-line nucleophilic 
substitution at the g phosphorus of MgATP2-. In this 
orientation, there is considerable electron repul-
sion between the lone pairs of electrons on the 
oxygen receiving the phospho group and the lone 
pairs of electrons on three nonbridging oxygens, 
and this electron repulsion must be overcome by 
pushing the oxygen against the phosphorus. 
 

 An enzymatically inactive ternary complex that 
mimics the complex between the actual substrates 
in an active site can be produced between an ana-
logue that lacks a nucleophilic heteroatom and the 
other substrate participating in a nucleophilic sub-
stitution. For example, for an enzyme catalyzing a 
phospho transfer to and from MgATP2-, an analogue 
of the cosubstrate that is missing just the oxygen to 
and from which the phospho group is transferred 
can be used to produce a complex in a crystallo-
graphic molecular model of the active site of an 
enzyme. The inactive complex mimics the actual 
complex in which the nucleophilic substitution at 
phosphorus takes place.215,216,617 It was possible to 
crystallize a complex between a galactosyl transferase 
from N. meningitidis and UDP-galactose and an 
analogue of the oligosaccharide that would normally 
accept the galactosyl group but that is missing the 
hydroxy group to which the galactosyl group is 
transferred, and a crystallographic molecular model 
of this complex could be obtained.618  
 Succinate, which is an analogue of ¬-aspartate 
missing the a-amino group to which a carbamoyl 
group is transferred from carbamoyl phosphate by 
aspartate carbamoyltransferase (Equation 3-220), 
can be used to form an inactive complex with the 
enzyme and carbamoyl phosphate. The succinate 
and the carbamoyl phosphate are tightly held and 
oriented by the active site in the crystallographic 
molecular model of the complex (Figure 3-40).580,619 
When ¬-aspartate is superposed on the succinate in 
the crystallographic molecular model, its amino nitro-
gen ends up 0.21 nm from the carbamoyl carbon of 
the carbamoyl phosphate, well within van der Waals 
contact (0.33 nm) and in an orientation placing it in 
the location of the large central lobe in the lowest 
unoccupied molecular orbital of the p system of the 
carbamoyl group. Considering how short this distance 
is, it is easy to imagine the amino group of the 
¬-aspartate forcefully pushed up against the carbam-
oyl carbon of the carbamoyl phosphate by the active 
site to promote the reaction. 
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Figure 3-39: Omit map of electron density for the ligands 
bound in the active site in a crystallographic molecular model 
for the complex of human 6-phosphofructo-2-kinase, its sub-
strate b-∂-fructose 6-phosphate, and the inhibitor MgAMPPCP2– 
(3-5).616 Crystals of the enzyme were transferred to a solution 
containing 0.2 mM b-∂-fructose 6-phosphate, and 0.2 mM 
MgAMPPCP2-. After one hour, a data set was gathered from the 
crystals at Bragg spacing of 0.27 nm, and a map of electron density 
was produced by molecular replacement using an earlier 
crystallographic molecular model of human 6-phosphofructo-
2-kinase from which all ligands and molecules of water had been 
stripped. In the initial map of electron density, there were features 
in the active site into which molecular models of molecules of 

b-∂-fructose 6-phosphate and MgAMPPCP2- could be unambig-
uously inserted. Following refinement, an omit map of electron 
density (features of electron density in the drawing) was prepared 
by omitting the molecules of b-∂-fructose 6-phosphate and 
MgAMPPCP2-. The molecular models of the molecules of 
b-∂-fructose 6-phosphate (F6P),  and MgAMPPCP2- in the final 
crystallographic molecular model are drawn. The arrow indicates 
the nucleophilic attack of the 2-hydroxy group of b-∂-fructose 
6-phosphate on what would be the g-phospho group of 
MgATP2- in the normal reaction catalyzed by the enzyme. 
Reprinted from reference 616 with permission from Elsevier. 
https://doi.org/10.1016/j.jmb.2007.03.038 
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Figure 3-40: Crystallographic molecular model of the active 
site in the complex between aspartate carbamoyltransferase 
from E. coli and succinate and carbamoyl phosphate.619 Crystals 
of the enzyme, in which the active sites had been occupied 
with N-phosphonacetyl-¬-aspartate (3-6) to promote crystalli-
zation of the enzyme in its active conformation, were soaked 
for 60 h in a solution of 20 mM carbamoyl phosphate and 
30 mM succinate at pH 5.9 and 20 ªC. A data set was gathered 
from the resulting crystals to Bragg spacing of 0.26 nm. The 
molecular model used to initiate refinement was a crystallo-
graphic molecular model of the enzyme, determined from 
crystals in which the active site was occupied by N-phosphon-
acetyl-¬-aspartate.580 This provisional molecular model had 
water and N-phosphonacetyl-¬-aspartates removed from it before 
it was inserted into the unit cell. A map of electron density was 
produced by using the data set of the phases calculated from 
this provisional model in the unit cell and the data set of 
observed phases gathered from the crystals in which the active 
site was occupied by succinate and carbamoyl phosphate. As 
the refinement of this initial model progressed, features appeared 
in the map of electron density within the known active site and 
became more distinct. Eventually, molecular models of succinate 

and carbamoyl phosphate could be unambiguously inserted 
into these features and the refinement was continued. The 
drawing is of the succinate and the carbamoyl phosphate in 
the final refined crystallographic molecular model. The dashed 
lines, as usual, indicate hydrogen bonds, and a thin solid line 
has been drawn from carbon 2 of the succinate, the carbon on 
which the amino group would be located on (2S)-2-amino-
succinate (¬-aspartate), and the carbamoyl carbon of the carbam-
oyl phosphate. This line would intersect with the nitrogen atom 
in (2S)-2-aminosuccinate were it occupying the active site and 
is at an acceptable angle with respect to the plane of the carbam-
oyl group for nucleophilic addition to its p system. The hole for 
the oxyanion of the tetrahedral intermediate in the nucleo-
philic substitution at the carbamoyl carbon can be identified in 
the crystallographic molecular model of the complex between 
the enzyme and N-phosphonacetyl-¬-aspartate.580 The oxyan-
ion hole is for the oxygen atom at the back of the drawing of 
carbamoyl phosphate in the figure. This oxyanion hole is 
formed by the hydrogen on the hydroxy group of threonine, 
the guanidino group of arginine, and the hydronated imidazolyl 
group of histidine. 
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 A similar way to form an enzymatically inactive 
complex that closely resembles the catalytically active 
complex between substrates and the active site is 
available if the enzyme catalyzes electron transfer. 
In this instance, instead of removing a functional 
group, an electron is added or subtracted. If an 
incorrect oxidation state of the active site and the 
substrates is chosen, the electron transfer cannot 
proceed. For example, when the heme in camphor 
5-monooxygenase from P. putida is in the ferric 
form rather than the ferrous form, the enzyme is 
unable to hydroxylate camphor, and a crystallo-
graphic molecular model of the complex between 
camphor and the enzyme shows the orientation of 
the camphor accomplished by the active site, with 
its carbon 5 the distance of one oxygen atom away 
from the iron and at an angle appropriate for hydrogen 
abstraction by the oxoiron(IV) porphyrin· + (previ-
ously Equation 2-252) 

      
                (3-399) 

that is the normal intermediate in the active form 
of the enzyme.620 
 An almost identical, inactive form of an enzyme 
can also be obtained by mutating one of the side 
chains of the amino acids shown to be in the active 
site in an earlier crystallographic molecular model 
of the enzyme.621-625 For example, in the crystallo-
graphic molecular model of a complex between the 
substrates pyruvate and succinate and an inactive 
(<1% activity) mutant of methylisocitrate lyase 
from E. coli 

   
                (3-400) 

in which Cysteine 123 had been mutated to serine,626 
the hydroxy group of the serine is immediately adja-
cent to carbon 2 of the succinate, from which the 
cysteinate would normally remove a hydron to 
form the enolate, and the carbonyl carbon of the 

pyruvate is immediately adjacent to the other side 
of carbon 2 of succinate, oriented perfectly to par-
ticipate in a nucleophilic addition with the resulting 
enolate of succinate 

              (3-401) 

to produce (2S,3R)-3-hydroxybutane-1,2,3-tricarbox-
ylate in the normal enzymatic reaction. 
 Mutating one or another of the amino acids in 
the active site often enables a crystallographic molec-
ular model of the active site occupied by an inter-
mediate that would otherwise be evanescent and 
unable to be observed.571 For example, when Gluta-
mate 166 in the active site of b-lactamase from 
M. tuberculosis is mutated to an alanine, the transient 
acyl intermediate in the enzymatic reaction can no 
longer be hydrolyzed and becomes stable, and the 
acyl intermediate of the substrate cefamandole can 
be observed in a crystallographic molecular model 
of the active site.627 
 A mutant of the enzyme can also reveal a 
Michaelis complex between the reactant and the 
active site that would otherwise be rapidly convert-
ed to product. When Lysine 73 in the active site of 
b-lactamase from M. tuberculosis is mutated to an 
alanine, the initial Michaelis complex in the enzymatic 
reaction between the active site and unaltered cefa-
mandole, a reactant for the enzyme, becomes stable 
and can also be observed crystallographically.627 A 
mutant of nicotinamidase from S. pneumoniae stabi-
lizes the acyl intermediate in its reaction, and another 
mutant stabilizes the Michaelis complex with its 
substrate nicotinamide so that crystallographic 
molecular models could be constructed of these 
complexes.628 Mutating Histidine 187 in the active 
site of mannuronate-specific alginate lyase from 
Defluviitalea phaphyphila prevented the normal 
cleavage of alginate and permitted a complex to be 
formed in the crystal in which all five of the 
∂-mannurates of intact [(a1,4)-∂-mannuronate]5 
are bound in the active site, and this Michaelis 
complex spans the location in the active site at 
which the cleavage of the oligomer would normally 
occur. When the same substrate was bound in the 
active site of the native alginate lyase in the crystal, 
the [(a1,4)-∂-mannuronate]5 is cleaved, only three 
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of the sites are occupied, and the nonreducing end 
of the trimer sits at the point of cleavage,629 as was 
the case in the original crystallographic molecular 
model of the occupied active site of lysozyme. 
 
 Unquestionably, the most informative ligands 
that can be chosen for crystallographic studies of 
the active site of an enzyme are analogues of tran-
sition states or analogues for intermediates of high 
energy.316 For example, a crystallographic molecular 
model of a complex between analogue 3-84 for the 
transition state of chorismate mutase (previously 
Equation 3-167) 

      
                (3-402) 

from B. subtilis and the enzyme identifies the amino 
acids creating the active site and confining the 
transition state to the proper geometry for the electro-
cyclic reaction.365 
 Crystallographic molecular models of complexes 
between analogues for intermediates of high energy 
are more numerous than those for analogues of 
transition states. Nitrate (NO3

-) is isosteric and 
isoionic with monomeric metaphosphate anion* 

 

In the omit map of electron density generated from 
crystals of the complex between arginine kinase 

  
                (3-403) 

from Limulus polyphemus and ¬-arginine, MgADP-, 
and nitrate, the electron density for nitrate is clearly 
observed (Figure 3-41).630 The plane of nitrate is 
normal to a line drawn between one of the non-
bridging b-oxygens of MgADP- and one of the e amido 
nitrogens of ¬-arginine with the nitrogen of nitrate 
on the line. This orientation of the nitrate mimics 

                                     
*Recall that phosphorus is immediately below nitrogen on the 
periodic table. 

monomeric phosphate as an intermediate in the 
reaction on the fly between these two atoms in the 
nucleophilic substitution at phosphorus normally 
catalyzed by the enzyme. In this instance, because both 
¬-arginine phosphate and MgATP2- are phosphate 
esters of high energy, the nucleophilic substitution 
should be dissociative, and monomeric metaphos-
phate should be mimicking an intermediate instead 
of a transition state. The orientation of the guanidino 
group of ¬-arginine, the nucleophile, suggests that 
the nucleophilic electrons that participate in the 
reaction are those in the highest occupied molecular 
orbital of its p molecular orbital system. 
 Another analogue of monomeric metaphos-
phate, which resembles it in planarity and charge 
number, is MgF3

-. It has already been noted that 
MgF3

- was used in a crystallographic description of 
the steps in the mechanism of cAMP-dependent 
protein kinase,631 where it was located in a crystal-
lographic molecular model on the line of centers 
between the hydroxy group of the serine normally 
phosphorylated by the enzyme and one of the 
nonbridging b-oxygens of MgADP-, just as nitrate is 
located in the crystallographic molecular model of 
the active site of arginine kinase on the line of centers 
between the two atoms to and from which the 
phospho group is transferred (Figure 3-41). In a 
crystallographic molecular model632 of a complex 
between the active site of b-phosphoglucomutase 
from Lactococcus lactis and b-∂-glucose 6-phosphate 
and MgF3

-, the atom of magnesium is located on 
the line of centers between the 1-hydroxy group of 
b-∂-glucose 6-phosphate and the carboxy oxygen 
of an aspartate in the active site. In the reaction 
catalyzed by the enzyme, a phospho group is trans-
ferred back and forth between these two oxygens. 
 One of the phosphonamido inhibitors of 
thermolysin, phosphonamidate 3-83, is based on 
the reactant Cbz-Gly-Leu-Leu (Table 3-6). Crystals 
of thermolysin from B. thermoproteolyticus soaked 
in a solution of phosphonamidate 3-83 were used 
to generate a refined crystallographic molecular 
model of the active site occupied by this analogue 
for the tetrahedral intermediate in the enzymatic 
reaction (Figure 3-42).633 Aside from identifying all 
the important catalytic side chains, the crystallo-
graphic molecular model defines the noncovalent 
interactions holding the analogue in the active site 
along its entire length. 
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Figure 3-41: Omit map of electron density for the ligands 
bound in the active site in a crystallographic molecular model 
of the complex formed from arginine kinase from L. polyphe-
mus, its substrates ¬-arginine and MgADP-, and nitrate.630 
White atoms are oxygens, small gray atoms are nitrogens, and 
the large dark gray atom is a phosphorus. The enzyme was 
crystallized from a solution containing 53 mM MgCl2, 2 mM 
ADP2-, 25 mM KNO3, and 10 mM ¬-arginine. A data set was 
gathered from the crystals at Bragg spacing of 0.186 nm, and a 
map of electron density was produced using phases estimated 
by a combination of molecular replacement and isomorphous 
replacement. In the initial map of electron density, there were 
features in the active site into which molecular models of 

molecules of ADP2-, NO3
- (nitrate), and ¬-arginine could be 

unambiguously inserted. Following refinement, an omit map 
of electron density (features of electron density in the drawing) 
was prepared by omitting these three ligands. The molecular 
models of NO3

- and portions of the molecules of ADP2- and 
¬-arginine in the final crystallographic molecular model are 
drawn. The dashed line indicates the axis of the nucleophilic 
substitution at phosphorus that would occur in the normal 
reaction, in which monomeric metaphosphate takes the place 
of nitrate. Reprinted with permission from reference 630. Copy-
right 1998 National Academy of Sciences, U.S.A. https://doi.org/ 
10.1073/pnas.95.15.8449 
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Figure 3-42: Stereodrawing576 of the occupied active site in the 
crystallographic molecular model of the complex between 
thermolysin from B. thermoproteolyticus and phosphon-
amidate 3-83.633 Black atoms are carbons, white atoms are oxy-
gens, small gray atoms are nitrogens, the large dark gray atom 
is a phosphorus, and the small dark gray sphere is a zinc ion. A 
data set from crystals of unliganded thermolysin was gathered 
to Bragg spacing of 0.16 nm, and a crystallographic molecular 
model refined against this data set served as the starting point 
of the study. Crystals of thermolysin were soaked in a 10 mM 
solution of the phosphonamidate for several days. A data set, 
|Fcomplex|, was gathered to Bragg spacing of 0.16 nm from these 
crystals. From maps of difference electron density, the general 
location occupied by the phosphonamidate in the active site 
could be defined. All molecules of water overlapping this loca-
tion in the refined crystallographic molecular model were 

removed, and a data set, |Fnat,calcd|, and a set of phases, anat,calcd, 
were calculated from this dehydrated model to Bragg spacing of 
0.16 nm. A map of difference electron density (Fcomplex - Fnat,calcd) 
was calculated from these two data sets and the set of phases. 
A molecular model of the phosphon-amidate was inserted into 
the large feature of positive electron density found in the active 
site. The initial crystallographic molecular model of phosphon-
amidate in the active site was refined against the observed data 
set |Fcomplex|, and a drawing of the phosphonamidate (PhAm; 
black bonds) in the active site (white bonds) in the final refined 
crystallographic molecular model is presented. The carbobenzoxy 
group (Cbz) of the phosphonamidate is labeled to orient the 
drawing.The Zn2+ of the metalloenzyme is included in the 
drawing. Molecules of water (white spheres) involved in the 
network of hydrogen bonds in the active site are included. 
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 The hydrate of pyrimidin-2-one ribonucleo-
side (3-93) 

 

is an analogue for the tetrahedral intermediate in 
the reaction catalyzed by cytidine deaminase (Equa-
tion 3-395). The same arrangement of catalytic 
groups and Zn2+ around analogue 3-93 is observed 
in a crystallographic molecular model of the active 
site of cytidine deaminase from E. coli634 as is observed 
(Figure 3-36) for the equilibrium mixture cytidine and 
uridine in the active site of murine cytidine deaminase 
(28% identity; 2.7 gap percent). Phosphonocytosine 
(3-94) is an analogue for the tetrahedral intermediate 
in the reaction catalyzed by cytosine deaminase, an 
enzyme apparently evolutionarily unrelated to cyti-
dine deaminase. In the crystallographic molecular 
model of phosphonocytosine in the active site of 
cytosine deaminase from E. coli, a similar but distinct 
distribution of catalytic functional groups around 
the analogue is observed.635 A hydroxide on Zn2+ is 
still the nucleophile, but an aspartate takes the 
place of the glutamate in the active site of cytidine 
deaminase. The cytosine is flipped over relative to the 
cytosine ring in the active site of cytidine deaminase 
(Figure 3-36), so a second carboxy group is required 
to hydronate nitrogen 3. Finally, the hydrogen 
bond to the acyl oxygen is provided by a histidine 
rather than the amido nitrogen–hydrogen of Cyste-
ine 99. 
 The trialkylammonium 3-95 

 

is an analogue of carbenium ion 3-96, another inter-
mediate of high energy. Carbenium ion 3-96 is the 
initial intermediate in the condensation between 
phosphoenolpyruvate and ∂-arabinose 5-phosphate 
catalyzed by 3-deoxy-8-phosphooctulonate synthase. 
Crystallographic molecular models of the complexes 

between trialkylammonium 3-95 and the 3-deoxy-
8-phosphooctulonate synthases from E. coli and 
Aquifex aeolicus identify the side chains of the amino 
acids that orient the two reactants within the respec-
tive active sites.636,637 The relative orientation of the 
groups that mimic ∂-arabinose 5-phosphate on the 
one end and phosphoenolpyruvate on the other 
end of the analogue explains the stereochemistry 
determined previously for the condensation.637 
 It has been proposed that the reaction catalyzed 
by isopentenyl-diphosphate D-isomerase from S. cere-
visiae proceeds through a tertiary carbenium ion 
resulting from the hydronation of either substrate 
on carbon 

  
                (3-404) 

This proposal is based on the fact that the enzyme 
is inhibited by 2-(dimethylamino)ethyl diphosphate, 
a tertiary ammonium analogue of this carbenium 
ion, in which the ammonio nitrogen replaces the 
carbon of the carbenium ion.638 In crystallographic 
molecular models of a complex between isopen-
tenyl-diphosphate D-isomerase from E. coli and 
2-(dimethylamino)ethyl diphosphate551 and a 
complex of human isopentenyl-diphosphate 
D-isomerase (26% identity; 3.3 gap percent) and 
2-amino-1-ethyl diphosphate,639 the candidates for 
the respective catalytic acids performing these 
hydronations can be identified. 
 Analogues for intermediates of high energy can 
also be formed on the active site of an enzyme and 
observed in a crystallographic molecular model. 
For example, glutamine synthetase from M. tuber-
culosis 

       
                (3-405) 

was mixed with the sulfoximine (3-67) of ¬-methi-
onine and MgATP2- and then crystallized. In the 
crystallographic molecular model, the adduct 3-97 
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was observed occupying the active site640 along 
with MgADP-. Adduct 3-97 is an analogue of the 
tetrahedral intermediate 3-98, which forms on the 
active site when ammonia attacks the 5-phospho-
¬-glutamate produced by the phosphorylation of 
the carboxylato group of ¬-glutamate by MgATP2– 
during the step in the mechanism in which there is 
a nucleophilic substitution of the phospho group 
for an amido group catalyzed by the active site. The 
position of the methyl group of adduct 3-97 occu-
pies the site at which ammonia normally binds,641 
the sulfoximido oxygen identifies the guanidinio 
group of an arginine that is the donor in a hydrogen 
bond stabilizing the oxyanion of intermediate 3-98, 
the MgADP- assumes an orientation appropriate 
for the initial transfer of the phospho group to the 
carboxylato group of ¬-glutamate, and the three 
Mg2+ ions that orient the three phospho groups and 
the carboxylato group of the ¬-glutamate that is 
phosphorylated are clearly defined in the crystallo-
graphic molecular model. 
 An enzyme catalyzing a nucleophilic substitution 
at the phosphorus in a monoester of phosphoric 
acid is the phosphatase encoded by the BT4131 
gene of Bacteroides thetaiotaomicron. This enzyme 
first performs a nucleophilic substitution at a 
phosphate monoester in which the alcohol of the 
phosphoester is the leaving group and the magne-
sium carboxylato group of Aspartate 8 in the active 
site is the nucleophile. The enzyme then catalyzes a 
second nucleophilic substitution at the same phos-
phate group in which the magnesium carboxylato 
group of Aspartate 8 is the leaving group and water, 
under general base catalysis by Aspartate 10, is the 
nucleophile (Figure 3-43).643 Vanadate (Table 3-7) 
forms, with the carboxylato group of Aspartate 8, 

an analogue (3-99) for the phosphorane (3-100) 
formed during the normal reaction in the active site 

 

This phosphorane is an intermediate in the nucle-
ophilic substitution of the magnesium carboxylato 
group of this Aspartate 8 with a hydroxy group from 
water catalyzed by the enzyme.642 In the crystallo-
graphic molecular model of the complex between the 
enzyme and vanadate, a hydrogen bond between 
the carboxylato group of Aspartate 10 and the axial 
hydroxy group of the vanadate identifies Aspar-
tate 10 as the catalytic base that removes a hydron 
from the molecule of water. 
 
 The goal of the approaches discussed so far is 
to obtain experimentally a single accurate crystal-
lographic molecular model in which details of the 
catalytic mechanism are unveiled. 
 
 There are also computational approaches to 
creating a molecular model of the fully occupied 
active site. These approaches are not so satisfying 
as having a single informative crystallographic molec-
ular model, but they can be provocative nevertheless. 
 A molecular model of the complex between the 
active site of an enzyme and its several reactants 
can be computed by superposing separate crystal-
lographic molecular models of complexes between 
the enzyme and each reactant by itself.644,645 For 
example, the crystallographic molecular model of a 
complex between the active site of human galactosyl-
galactosylxylosylprotein 3-b-glucuronosyltransferase 
and MgUDP- and the trisaccharide 3-b-∂-galactosyl-
4-b-∂-galactosyl-O-b-xylose was superposed on 
a crystallographic molecular model of a complex 
between the active site and UDP-glucuronate. In 
the superposition, the 3-hydroxy group of the terminal 
∂-galactose of the trisaccharide, to which the glu-
curonosyl group is transferred during the enzymatic 
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Figure 3-43: Stereodrawing576 of the occupied active site in the 
crystallographic molecular model of the complex between the 
phosphatase encoded by the BT4131 gene of B. thetaiotaomi-
cron and a vanadate.642 Black atoms are carbons, white atoms 
are oxygens, small gray atoms are nitrogens, and the small dark 
gray sphere is a magnesium ion. Crystals of the enzyme were 
grown from a solution containing 10 mM MgCl2 and 5 mM 
sodium orthovanadate. A data set was gathered at Bragg spacing 
of 0.1 nm, and a map of electron density was produced by molec-
ular replacement using an earlier crystallographic molecular 
model of the phosphatase from which all the ligands and mole-
cules of water had been stripped. A feature of electron density 
was found in the active site immediately adjacent to the electron 
density for one of the oxygens in the carboxy group of Aspartate 8. 

An atom of vanadium and four atoms of oxygen could be inserted 
into this trigonal pyramidal distribution of electron density, 
and a bond was made between vanadium and the oxygen of 
Aspartate 8. A sphere of electron density consistent with a Mg2+ 
was found adjacent to the electron density assigned to the 
vanadate, and a magnesium atom was inserted in this sphere. 
The initial molecular model with these insertions was submitted 
to refinement. The drawing of the final refined structure includes 
the vanadyl group centered on the atom of vanadium (V), the 
Mg2+, and most of the amino acids in the surrounding poly-
peptide providing hydrogen bonds to vanadate and amino 
acids and the molecules of water (white spheres) providing 
ligands to Mg2+. 
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reaction, ends up on the opposite side of carbon 1 
of the glucuronosyl group of UDP-glucuronate 
from the phosphate group of MgUDP- that leaves 
during the nucleophilic substitution catalyzed by 
the enzyme646 

 

in line for the nucleophilic substitution. 
 When the crystallographic molecular model of 
the complex between shikimate kinase from M. tuber-
culosis and shikimate 3-phosphate and MgADP- is 
superposed on the crystallographic molecular 
model of the complex between the enzyme and 
MgATP2-, the three nonbridging oxygens of the 
phosphate on shikimate phosphate superpose on 
the three nonbridging oxygens of the g-phospho 
group of MgATP2-, and the in-line nucleophilic 
substitution with inversion of configuration at the 
phosphorus that transfers the phospho group from 
MgATP2- to the hydroxy group of shikimate is easily 
imagined.647 
 (2E,6E)-Farnesyl diphosphate synthase 

  
                (3-406) 

catalyzes the alkylation of the isopentenyl alkene 
by the same mechanism as that of dimethylallyl-
transtransferase (Figure 1-26), in which the allyl 
carbenium ion formed from geranyl diphosphate, 
instead of 3,3-dimethylallyl diphosphate, adds to 
the carbon–carbon double bond in isopentenyl 
diphosphate. Two crystallographic molecular models 
were superposed. One was a model of the complex 
between (2E,6E)-farnesyl diphosphate synthase 
from E. coli648 and isopentenyl diphosphate and 
S-diphospho-1-sulfanyl-3-methyl-2-butene, an in-
active analogue of the substrate geranyl diphosphate.  

The other was a model of a complex of the closely 
related (42% identity; 1.3 gap percent) enzyme farne-
syltranstransferase 

  
                (3-407) 

from Sinapis alba with geranylgeranyl diphosphate, 
which is the product of its reaction as written and 
which is homologous to (2E,6E)-farnesyl diphosphate. 
 The superposition of these two crystallographic 
molecular models (Figure 3-44)648,649 clearly shows 
how the atoms involved in the reaction move as reac-
tants are converted to products in the respective, 
mechanistically identical reactions catalyzed by 
these two different enzymes. The steps of the alkyl-
ation are indicated by the numbers. First, the bond 
between the allylic carbon 1 of the respective poly-
isoprenoid and the oxygen of trimagnesium diphos-
phate dissociates heterolytically to produce the allyl 
carbenium ion. Second, the double bond of the 
isopentenyl diphosphate, the alkene, acting as a 
nucleophile in the alkylation, reacts with the carben-
ium ion to form the new carbon–carbon bond in 
the adduct. Third, the hydron at carbon 2 of the 
former isopentenyl diphosphate immediately adja-
cent to the carbenium ion at carbon 3 of the former 
isopentenyl diphosphate is removed by one of the 
oxygens of trimagnesium diphosphate, which is the 
product of the dissociation that occurred in the first 
step, to produce the double bond between carbons 2 
and 3 in the product. 
 If a crystallographic molecular model of the 
active site of an enzyme occupied by one of the 
substrates and an inactive, competitive inhibitor of 
the other substrate that happens to contains the 
other substrate as part of its structure has been 
constructed, the actual substrate can be inserted in 
place of the portion of the inhibitor that is in common 
and the resulting hypothetical molecular model 
can be submitted to energy minimization. For 
example, there is a crystallographic molecular model 
of the active site of malate dehydrogenase from E. coli 
occupied by NAD+ and citrate, which is an inactive in-
hibitor of the enzyme that contains all the atoms of the 
normal substrate, (S)-malate, except the hydride that 
would be transferred to NAD+ in the normal reaction.  
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Figure 3-44: Superposition of the molecular models of isopen-
tenyl diphosphate and S-diphospho-1-sulfanyl-3-methylbut-
2-ene in the active site of the crystallographic molecular model 
of their complex with (2E,6E)-farnesyl diphosphate synthase 
from E. coli648 upon the molecular model of geranylgeranyl 
diphosphate in the active site of the crystallographic molecular 
model of its complex with farnesyltranstransferase from Sinap-
sis alba.649 Black atoms are carbons, white atoms are oxygens, 
gray atoms are nitrogens, the large light gray atom is a sulfur, 
the large dark gray atoms are atoms of phosphorus, and the 

three small dark gray spheres are magnesium ions that are 
ligands to the diphospho group of the geranylgeranyl diphos-
phate. The S-diphospho-1-sulfanyl-3-methylbut-2-ene in the 
former crystallographic molecular model is an inactive analogue 
of the first five carbons of the normal substrate, geranyl diphos-
phate. The superposition describes the conversion of the two 
respective reactants into the two respective products catalyzed 
by each of these enzymes, which are closely related and catalyze 
alkylations that have identical mechanisms (see Figure 1-26).  
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A molecular model of (S)-malate was inserted into the 
electron density for the citrate, and the resulting 
molecular model of the occupied active site was 
submitted to energy minimization. The computed 
structure places electrophilic carbon 4 of the NAD+ 
0.35 nm from carbon 2 of the malate, from which it 
would normally abstract a hydride in the reaction 
catalyzed by the enzyme, and in a favorable orien-
tation for such an abstraction.650 
 
 A series of crystallographic molecular models of 
strategically designed complexes between an enzyme 
and various ligands can represent the complete 
sequence of events in its catalytic cycle.651-653 For 
example, DNA (cytosine-5-)-methyltransferase is 
responsible for using S-adenosyl-¬-methionine to 
methylate carbons 5 in cytosines 

 
                (3-408) 

at particular positions in the double-stranded DNA 
of a bacterium to protect it from its own restriction 
endonucleases. 
 Three crystallographic molecular models repre-
sent the three steps in the enzymatic reaction. The 
crystallographic molecular model of a complex 
between the enzyme from Haemophilus parahae-
molyticus and S-adenosyl-¬-homocysteine, which 
is S-adenosyl-¬-methionine missing the methyl 
group, and a segment of DNA containing a deoxy-
cytidine that can be methylated by the enzyme illus-
trates the first step in the reaction, in which the 
deoxycytidine is flipped out of the double helix into 
the active site of the enzyme. When a segment of 
DNA containing the deoxycytidine to be methylated, 
which has been modified by fluorination at carbon 
5, is mixed with the enzyme and S-adenosyl-
¬-methionine, the active site methylates carbon 5 
of this 5-fluorodeoxycytidine, but there is a fluorine 
in place of the hydrogen at carbon 5 in the equiva-

lent of adduct 3-103, so the reaction cannot proceed 
to the next step. The crystallographic molecular 
model of this stalled complex and S-adenosyl-
¬-homocysteine occupying the active site654 identifies 
the 5-fluorinated form of adduct 3-103. Unfluori-
nated adduct 3-103 in the normal reaction results 
from the methylation at carbon 5 of carbanion 
3-102 that in turn is produced by the nucleophilic 
addition of the sulfido group of Cysteine 81 in the 
active site to carbon 6 of the flipped-out deoxy-
cytidine. The crystallographic molecular model of 
the complex between the products S-adenosyl-
¬-homocysteine and the segment of DNA containing 
the methylated deoxycytidine represents the final 
step in the reaction.655 
 cAMP-Dependent protein kinase catalyzes a 
nucleophilic substitution at phosphorus during 
which a phospho group is transferred from MgATP2– 
to the hydroxy group of a serine in one of its protein 
substrates to form a phosphomonoester. The molec-
ular details of the steps in the reaction that occurs 
in its active site can be followed in crystallographic 
molecular models of the active sites of the enzymes 
from Mus musculus and O. cuniculus in three com-
plexes: a complex with CaATP2- and a peptide in 
which the serine that is usually phosphorylated has 
been replaced by a cysteine; a complex of MgADP-, 
the unmodified seryl peptide, and MgF3

-, a trigonal 
mimic of monomeric metaphosphate (see the homol-
ogous complex 3-40 with aluminum); and a complex 
of MgADP- and the phosphorylated seryl peptide.631 
 In the case of inorganic diphosphatase from S. 
cerevisiae, complexes of wild-type enzyme and two 
mutants with phosphate, diphosphate, and various 
divalent metallic ions provide crystallographic molec-
ular models for the reactants and products of six 
steps in the enzymatic reaction that comprise the 
complete catalytic cycle.656 
 A data set suitable for calculating a map of 
electron density can also be gathered over intervals 
as short as picoseconds by using intense short 
flashes of X-rays. As already noted, this procedure 
has been used to follow events in the active sites of 
bacteriorhodopsin,657,658 photosystem II,659-661 and 
photoactive yellow protein.662-664 In each case, the 
reaction within the active site could be initiated by 
a strong flash of light of the proper wavelength, and 
the changes in the active site could then be followed 
by the flashes of X-rays at appropriate intervals. 
This procedure has seldom been applied to enzy-
matic reactions because in the active sites of most 
enzymes, few ways have been developed to initiate 
the reaction in a crystal in such a way that all the 
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active sites proceed in concert through the reac-
tion. In the case of haloacetate dehalogenase from 
Rhodopseudomonas palustris, however, this prob-
lem was solved by soaking the crystals of the enzyme 
in a solution of 2-(4-hydroxyphenyl)-2-oxoethyl 
2-fluoroacetate, which upon photolysis rapidly 
releases 2-fluoroacetate, a reactant for the enzyme. 
The photolytically released 2-fluoroacetate imme-
diately associates with a significant proportion of 
the active sites in the crystal, and the dehalogena-
tion then proceeds. Data sets could be collected at 
intervals from 30 ms to 30 s following the initiation 
of the reaction to follow the steps in the catalytic 
mechanism.665 
 
 The structure of the active site itself; the 
conformations, orientations, and positions of the 
substrates, analogues of substrates, and analogues 
of transition states and intermediates of high 
energy within an active site; and the distances 
among their atoms and atoms of the active site are 
the only facts revealed by a crystallographic mo-
lecular model. Each of these purely stereochemical 
features in this static structure is the consequence 
of noncovalent interactions. It follows that the in-
formation provided by the crystallographic mo-
lecular model also defines these noncovalent 
interactions. They are hydrogen bonding,351 electric 
fields that arise from both ionic and dipolar forces, 
the hydrophobic effect,666 and van der Waals forc-
es.352 
 
 Most of the hydrogen bonds that are formed 
between an enzyme and its substrates and other 
ligands occupying the active site are participants 
in networks of hydrogen bonds that ensnare those 
substrates and ligands (Figures 3-33, 3-34, 3-40, 
and 3-42). These networks of hydrogen bonds are 
revealed in a crystallographic molecular model in 
which the active site is occupied by substrates, ana-
logues of substrates, or analogues of transition states 
or intermediates of high energy. The networks of 
hydrogen bonds between substrates and ligands 
and an active site or a binding site, as with the net-
works of hydrogen bonds within the protein itself, 
have been the most compelling features of crystal-
lographic molecular models from the beginning of 
their revelation, no doubt because of the emphasis 
on hydrogen bonding in the early models of the 
a helix and b structure that were published667,668 

before any crystallographic molecular models of 
proteins had been revealed. The fact that hydrogen 
bonds are blatant in crystallographic molecular 
models has led to the mistaken impression that 
they provide standard free energy of association for 
a substrate or a ligand during its association with 
an active site or a binding site. As has already been 
discussed, however, because of the properties of 
liquid water in which the substrates, the ligands, 
and the active site are dissolved before they associate, 
the only noncovalent interaction that can provide 
significant, favorable standard free energy of associ-
ation is the hydrophobic effect. 
 One of the more paradigmatic examples of hydro-
gen bonding between a ligand and its site is found in 
the crystallographic molecular model of the complex 
between b-∂-galactose and the periplasmic ∂-glu-
cose/∂-galactose-binding protein from E. coli (Fig-
ure 3-45).669-671 Of the 17 donors and acceptors for 
hydrogen bonds on the b-∂-galactose, 11 are occu-
pied by acceptors and donors from the amino acids 
surrounding the site and two are occupied by the 
acceptors of a tightly bound molecule of water. Every 
donor for a hydrogen bond on the ∂-galactose is 
associated with an acceptor. 
 Not all the hydrogen bonds in these networks 
are provided by the folded polypeptide. As the 
complex between b-∂-galactose and the periplasmic 
∂-glucose/∂-galactose-binding protein illustrates, 
molecules of water fixed by hydrogen bonds within 
the active site or within a binding site often provide 
donors and acceptors for hydrogen bonds to the 
substrates or ligands when they are bound (Figures 
3-33, 3-34, and 3-42).464,672 For example, in the 
crystallographic molecular model of the complex 
between asparagine—tRNA ligase from Pyrococcus 
horikoshii and the intermediate asparaginyl-
adenylate, a molecule of water provides an acceptor 
for a hydrogen bond with the primary carbamoyl 
nitrogen–hydrogen of the side chain of the asparaginyl 
group that was the substrate ¬-asparagine, and 
another molecule of water provides a donor for a 
hydrogen bond to the acyl oxygen of the carbamoyl 
group673 
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Figure 3-45: Stereodrawing576 of the networks of hydrogen 
bonds formed between b-∂-galactose and the various donors 
and acceptors surrounding it in the binding site within the 
crystallographic molecular model of the complex between 
b-∂-galactose and the periplasmic ∂-glucose/∂-galactose-
binding protein from E. coli.669,670 Black atoms are carbons, 
white atoms are oxygens, and gray atoms are nitrogens. The 
tightly associated b-∂-glucose that is bound to the binding site 
in the protein in the cell and that copurifies with it was replaced 
by b-∂-galactose,671 and the complex was then crystallized. A 
data set was gathered to Bragg spacing of 0.2 nm, and a map of 
electron density was calculated using phases calculated from 

an earlier crystallographic molecular model of the protein to 
which b-∂-glucose was bound and from which the molecular 
models of b-∂-glucose and the waters had been removed. In an 
initial map of difference electron density, a feature that could 
be unambiguously identified as that of a molecule of b-∂-galac-
tose in the binding site was observed. The side chains of each 
amino acid that forms hydrogen bonds to b-∂-galactose in the 
refined crystallographic molecular model are drawn, as well as 
a fixed molecule of water that provides two hydrogen bonds. 
The side chains of Tryptophan 183 and Phenylalanine 16 
sandwich the two hydrophobic faces of b-∂-galactose. 
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To ensure that the former molecule of water pro-
vides only an acceptor, its two donors are occupied 
with hydrogen bonds to the peptidyl acyl oxygen of 
Leucine 229 and the carboxylato group of Gluta-
mate 230. These two molecules of water are respon-
sible in part for identifying the ¬-asparagine that is 
the substrate for the enzyme, a role that is critical 
to avoiding rather catastrophic misacylation of the 
transfer RNA. 
 In a crystallographic molecular model of the 
active site of DNA-directed DNA polymerase from 
Escherichia phage RB69 occupied by a synthetic 
fragment of DNA that is a substrate for the enzyme, 
a cluster of five fixed molecules of water is used to 
provide donors and acceptors for hydrogen bonds 
for the acceptors and donors in the minor groove of 
the double-helical portion of the DNA.674 The buried 
molecules of water in this crystallographic molecular 
model calculated from a data set to Bragg spacing 
of 0.18 nm are tetrahedrally aligned with each other 
as in the iceIh lattice, and the hydrogen bonds to 
the acceptors and donors in the minor groove are 
also tetrahedrally arrayed around each molecule of 
water. 
 In the binding site of sialic acid-binding 
periplasmic protein SiaP from Haemophilus influ-
enzae, a cluster of five fixed molecules of water pro-
vides three donors of hydrogen bonds that 
recognize a molecule of the substrate sialic acid. 
When this cluster is disrupted by mutating a nearby 
alanine to an asparagine, the dissociation constant 
for sialic acid decreases675 by a factor of 1400. 
 The crystallographic molecular model of the 
enzymatically inactive complex between human 
glutathione-disulfide reductase and its oxidized 
substrates glutathione disulfide and NADP+ represents 
an extreme example of the participation of fixed 
molecules of water in identifying the substrate for 
an enzyme. There are 13 molecules of water that 

are fixed by 17 donors and acceptors for hydrogen 
bonds from the protein and that in turn provide 17 
donors and acceptors to just the bound glutathione 
disulfide.676 
 In the case of ∂-glucose/∂-galactose-binding 
protein (Figure 3-45), the binding site completely 
surrounds its ligand, preventing any contact with 
the bulk solution that surrounds the protein. An active 
site or a binding site on a protein, however, is often 
merely a depression or a crevice on its surface. In 
such a site, several of the donors and acceptors for 
hydrogen bonds on a bound substrate or a bound 
ligand can remain occupied by fixed molecules of 
water that occupied those donors and acceptors for 
hydrogen bonds when they were free in solution, 
and those fixed molecules of water can still be in 
contact with molecules of water in the bulk solution. 
 In almost all instances, the formation of a hy-
drogen bond between an acceptor or a donor on a 
functional group from the active site and a donor or 
an acceptor on a ligand, respectively, should be an 
almost isenthalpic reaction677,678 because the con-
centration of hydrogen bonds in the solution does 
not increase significantly during the reaction.351,679 
This conclusion results from the fact that when the 
active site is unoccupied and the substrates are free 
in solution before they associate with the active 
site, a donor or an acceptor for a hydrogen bond in 
the active site or on a substrate is occupied most of 
the time with an acceptor or a donor from a mole-
cule of water. When the substrates associate with 
the active site, if these donors and acceptors that 
were participating in hydrogen bonds with mole-
cules of water do not find partners in the occupied 
active site, the number of hydrogen bonds in the 
solution decreases. When they do find partners, the 
number of hydrogen bonds in the solution does not 
change significantly, so the standard enthalpy of 
the solution remains approximately the same. Con-
sequently, it is not because hydrogen bonds in an 
active site have favorable standard free energies of 
formation that there are so many of them; but it is 
because whenever a donor or an acceptor for a 
hydrogen bond leaves water it must find an accep-
tor or the change in standard free energy is posi-
tive and unfavorable. 
 Even though the formation of a hydrogen bond 
in an active site is almost isenthalpic, it so happens 
that, as in the case of the occupied site on ∂-glucose/ 
∂-galactose-binding protein (Figure 3-45), there is 
an imbalance between the occupation of donors 
and the occupation of acceptors for hydrogen 
bonds in a fully occupied active site. Although accep-
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tors often do not find donors, all or almost all of 
the donors for hydrogen bonds usually participate 
in hydrogen bonds with acceptors in an occupied 
active site. This feature of the association of sub-
strates, coenzymes, and prosthetic groups with an 
active site results from a historical fact. In a concen-
trated solution of protein, such as the cytoplasm in 
which most enzymes have evolved, acceptors always 
outnumber donors for hydrogen bonds because the 
polypeptide backbones of the proteins in that solu-
tion have two acceptors for hydrogen bonds on 
each acyl oxygen but only one donor on each amido 
nitrogen.680 A donor for a hydrogen bond on a ligand 
or on the surface of the active site, when they are 
dissolved in cytoplasm, will always be occupied by 
an acceptor on a molecule of water in free solution. 
Whenever that donor is vacated by that molecule of 
water upon association of the ligand with an active 
site and does not participate in a hydrogen bond 
with an acceptor from the active site or another ligand 
or within the ligand itself, there is an inescapable 
positive change in the standard enthalpy of the solu-
tion as a whole because a net of one hydrogen bond 
is lost. In cytoplasm, however, this loss does not 
occur for an acceptor. If an acceptor for a hydrogen 
bond is not occupied by a donor following associa-
tion of the ligand, there is no change in the number 
of hydrogen bonds in the solution because the donor 
on the molecule of water that dissociates from the 
acceptor can always find another unoccupied accep-
tor. It follows that during the association of substrates, 
coenzymes, and prosthetic groups with the active 
site on an enzyme, which has evolved over its entire 
history under these conditions, the maximum pos-
sible number of hydrogen bonds will form with 
donors, both on the ligands and on functional groups 
from the active site.* 

                                     
*In a dilute solution of protein and a reasonably concentrated 
solution of reactants, such as the situation when steady-state 
kinetics or equilibrium binding is assessed experimentally, the 
solutes will determine whether donors or acceptors are in 
excess in the solution. If acceptors are in excess, as in cytoplasm, 
whenever a hydrogen bond between a donor and an acceptor 
on a molecule of water dissociates because the donor has lost 
contact with the water in the solution, there will be a net loss of 
one hydrogen bond if the donor fails to find an acceptor in the 
active site because the acceptor on the molecule of water 
released will not find an unoccupied donor. If, however, donors 
are in excess, whenever a hydrogen bond between a donor and 
an acceptor on a molecule of water dissociates because the 
donor has lost contact with the water, there will be no net loss 
of a hydrogen bond if the donor fails to find an acceptor in the 
active site because the molecule of water released will find 
another donor. These considerations, however, are irrelevant 
to natural selection, which has always operated in a cytoplasm 
with excess acceptors. 

 A hydrogen bond between a donor and an accep-
tor in free aqueous solution always has a positive 
standard free energy of formation because of the 
competition of molecules of water for the donor 
and the acceptor,678 but the formation of a hydrogen 
bond between an acceptor or a donor on an other-
wise rigidly held ligand and a rigidly fixed donor or 
acceptor on a functional group from the active site 
involves significant standard entropy of approxi-
mation. Consequently, its formation in fact might 
display a negative standard free energy of formation. 
Nevertheless, if there are rigidly oriented hydrogen 
bonds in active sites that do have a negative free 
energies of formation, those standard free energies 
are probably not greatly negative. 
 There have been many experiments that have 
been designed to discover a hydrogen bond in an 
occupied active site that has a negative standard 
free energy of formation. In most of these experi-
ments, rather small differences in thermodynamic 
state functions form the basis of the argument. It 
turns out, however, that it is difficult if not impossible 
to derive the standard free energy of formation of 
the hydrogen bond in question from these small, 
indirect effects. Perhaps it is educational to examine 
one of the more rigorous attempts to do so. 
 Two series of analogues for the tetrahedral in-
termediate in the hydrolytic reaction catalyzed by 
thermolysin from B. thermoproteolyticus have been 
synthesized. The various analogues in the first series 
were phosphonates (3-73), and the various analogues 
in the second series were the corresponding phos-
phonamidates (3-71). Each phosphonate was 
homologous to one of the phosphonamidates, each 
phosphonamidate was homologous to one of the 
phosphonates, and each pair of homologues was 
homologous to one of the peptides in a series of 
reactants for the enzyme (see 3-83 and Table 3-6). 
When the dissociation constants (Ki) for each 
phosphonamidate and its corresponding phos-
phonate, all acting as competitive inhibitors of 
thermolysin, were compared, a consistent differ-
ence, equivalent to a difference in free energy of 
dissociation of +16.7 ± 0.4 kJ mol-1, was observed.681 
Each phosphonamidate had the larger free energy 
of dissociation (a smaller dissociation constant) 
relative to the corresponding phosphonate. 
 Between the refined crystallographic molecular 
models of the complex between a phosphonate and 
the enzyme and the complex between the corre-
sponding phosphonamidate and the enzyme, no 
difference in the orientations or the positions of the 
two respective inhibitors or amino acids within the 
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active site could be observed.682 In the model of the 
phosphonamidate bound in the active site, the nitro-
gen of the nitrogen–hydrogen bond of the phosphon-
amidate is 0.30 nm from the acyl oxygen of the 
peptide bond of Alanine 113 with a reasonable 
orientation for a hydrogen bond (Figure 3-42). One 
difference between the complex of a phosphonate 
with the active site and the complex of the corre-
sponding phosphonamidate with the active site is 
the existence of this hydrogen bond. If this hydrogen 
bond were the only difference, the free energy of 
formation of this rigidly oriented hydrogen bond, 
relative to the hydrogen bond between the same 
nitrogen–hydrogen and a molecule of water when 
it was free in solution, would be -17 kJ mol-1, which 
could be attributed to the entropy of approximation. 
There are, however, at least two other differences. 
 First, the ester oxygen of each phosphonate is 
forced to reside next to the acyl oxygen of Alanine 113 
in the complex between a phosphonate and the active 
site, and this juxtaposition should engender an 
electron repulsion. To test this possibility, two 
competitive inhibitors of thermolysin, both of which 
were phosphonates 

 

were synthesized.683 The difference between the 
two was that the oxygen and the carbon of the 
phosphonate were interchanged. At the active site, 
this interchange would have replaced the oxygen 
with a carbon and a hydrogen, yet no difference in 
dissociation constant between these two competi-
tive inhibitors was observed. The advantage of this 
experiment was that solvation of the two inhibitors 
in free solution should have been the same around 

the phosphorus, but in the active site, the oxygen 
would be replaced by the methylene. This result 
seems to suggest that electron repulsion is insignif-
icant, but it would be surprising if there were not 
steric repulsion in the case of the methylene at least 
equivalent in magnitude to the electron repulsion 
of the oxygen because the distance that should exist 
between the carbon of the methylene and the oxygen 
of the peptide bond (0.30 nm) is well within the 
sum of the van der Waals radii of a hydrogen 
(0.115 nm) and an oxygen (0.15 nm) and the length 
of a carbon–hydrogen bond (0.11 nm), so this result 
is also inconclusive. 
 Second, the two free, nonbridging anionic 
oxygens of a phosphonate are less basic than the 
analogous anionic oxygens of a phosphonamidate 
and should bind less strongly to the zinc in the active 
site (Figure 3-42). This difference in pKa could account 
for some or all of the difference in free energy of 
dissociation that was observed. To test this possi-
bility, two sets of phosphonamidates (3-71 and 3-83), 
phosphonates (3-73), and phosphinates (3-107) 

 

were synthesized, where each set is analogous to a 
peptide cleaved by thermolysin.683 The phosphinates 
had the same pKa as the phosphonamidates, but the 
values of pKa for the analogous phosphonates were 
about 1.65 units lower. When the dissociation con-
stants of the phosphonamidates and phosphinates 
were compared, the free energies of dissociation 
differed by only +6 kJ mol-1, while the free energies 
of dissociation between phosphonamidates and 
phosphonates differed, as before, by +17 kJ mol-1. 
When comparisons between phosphinates and 
phosphonamidates were made with the same series 
of peptide analogues used in the original comparisons 
between phosphonamidates and phosphonates,684 
the difference in free energy of dissociation between 
phosphonamidates and phosphinates was even less, 
+0.5 kJ mol-1. From these observations, it might be 
concluded that the majority of the difference in free 
energy of dissociation between phosphonamidate 
and phosphonate is due not to the hydrogen bond 
but to the difference in basicity, which causes the 
oxygens of the phosphonamidate to bind more 
tightly to the zinc. When a series of arylphosphonate 
inhibitors of thermolysin that differed in the basicity 
of the phosphonate were examined, however, no 
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differences in dissociation constant were observed.684 
Again the observations are inconclusive. 
 From comparisons of the dissociation constants 
of all these phosphonamidates, phosphonates, and 
phosphinates, it can be concluded that the various 
differences in observed free energies of dissociation 
resulted from some combination of several factors: 
(1) the difference in hydrogen bonding in free solution 
between water and the nitrogen–hydrogen of the 
phosphonamidate or the oxygen of the phosphonate; 
(2) the difference in hydrophobic effect of the 
methylene in the phosphinates, the oxygen of the 
phosphonates, or the nitrogen–hydrogen of the 
phosphonamidates; (3) the difference in electron 
repulsion or steric repulsion between the acyl oxygen 
of Alanine 113 and the oxygen of the phosphonates 
or the methylene of the phosphinates; (4) the dif-
ference in basicity between the phosphinates, the 
phosphonamidates, and the phosphonates; and (5) the 
hydrogen bond itself. These experiments, at face 
value so simple, illustrate the difficulty of dissecting 
the various contributions of standard free energy to 
observed dissociation constants. 
 The most optimistic assessment of the results 
of these experiments is that the difference in standard 
free energy of formation between the hydrogen bond 
in the complex of a phosphonamidate with the active 
site of thermolysin and the hydrogen bond of the 
same phosphonamidate with water in free solution 
is greater than -17 kJ mol-1; the most pessimistic is 
that it is in the neighborhood of 0 kJ mol-1. The two 
states that differ by these amounts of free energy of 
formation are the nitrogen–hydrogen bond of the 
phosphonamidate in a hydrogen bond as a donor 
intramolecularly to the acyl oxygen of Alanine 113 
and the nitrogen–hydrogen bond of the phosphon-
amidate as a donor intermolecularly to water. As the 
values of pKa for the hydronated oxygen of water and 
the hydronated acyl oxygen of a peptide bond are 
essentially the same, no difference in enthalpy 
should exist between these two states. The lone 
pair of electrons on the peptide oxygen fixed and 
oriented adjacent to the nitrogen–hydrogen of the 
bound phosphonamidate, however, acts as if its 
entropy of approximation is no more negative 
than -50 J K-1 mol-1 relative to the entropy of approx-
imation associated with the one mole fraction of 
water surrounding the unbound inhibitor and is 
probably much less negative. 
 In other, more equivocal experiments, the free 
energies of formation of single hydrogen bonds 
between amino acids in the active site of tyrosine-
tRNA ligase from Geobacillus stearothermophilus 

and donors and acceptors on a bound substrate 
was estimated679 to be about -4 kJ mol-1. In these 
experiments, amino acids in the active site were 
replaced systematically by site-directed mutation, a 
procedure that involves significant and unpredictable 
steric effects. Similar results have been reported in 
other site-directed mutations.685 
 In any case, there seems to be agreement 
among those who have examined this question in 
detail that it is possible for entropy of approxima-
tion to be of sufficient magnitude to overcome the 
competition by water and provide a small favorable 
free energy of formation to one or more, but usually 
not the majority, of the hydrogen bonds in a complex 
between a ligand and a site on a protein. It should 
be kept in mind, however, that the entropy of approx-
imation had to be paid for by the hydrophobic effect, 
so even if formally the formation of the hydrogen 
bond on the active site were to have a negative 
standard free energy of formation, a greater amount 
of negative standard free energy would have to be 
provided by the hydrophobic effect during the associa-
tion of the substrate with the active site to accom-
plish the approximation. There is no doubt that when 
a donor or an acceptor for a hydrogen bond on a 
substrate cannot find an acceptor or a donor, respec-
tively, in the active site, the standard free energy of 
formation between that donor or acceptor and a 
molecule of water is lost678 and has to be paid for 
somehow. 
 Rather than to provide standard free energy of 
dissociation, the critical role of the hydrogen bonds 
that form between a substrate and an active site on 
an enzyme is to orient the substrates relative to 
each other, to orient the substrates relative to the 
catalytic groups and prosthetic groups that perform 
the catalysis, and to recognize the substrates and 
ligands in the first place. One important way that 
an enzyme or a protein that binds a particular sub-
strate or ligand recognizes that substrate or that 
ligand is by providing donors and acceptors for 
hydrogen bonds positioned in space to complement 
the acceptors and donors, respectively, on the sub-
strate or the ligand (Figures 3-33, 3-34, 3-36, 3-38, 
3-40, and 3-42). One of the more unusual examples 
of such hydrogen bonding is that between the active 
site of haloacetate dehalogenase from R. palustris 
and its substrate.686 This enzyme has a catalytic 
constant for hydrolyzing fluoroacetate that is 5 times 
larger than that for chloroacetate even though the 
bond dissociation energy of a carbon–fluorine 
bond is 1.35 times that of a carbon–chlorine bond. 
In the crystallographic molecular model of the 
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complex between an inactive mutant of the enzyme 
and fluoroactetate, the fluorine atom of the fluoro-
acetate is the acceptor for three hydrogen bonds, 
from Tyrosine 219, Histidine 155, and Tryptophan 156. 
These hydrogen bonds are all of reasonable length 
(0.30-0.33 nm), and they position the carbon on 
which the fluorine resides in the optimal alignment 
with the carboxylato group on Aspartate 110 that 
acts as a nucleophile in the nucleophilic substitu-
tion of the fluorine for one of the carboxylato oxygens. 
When chloroacetate occupies the active site, the 
larger radius of the chlorine atom causes it to fit 
improperly in this pocket, and it is pushed over, 
twisting the carbon–chlorine bond out of proper 
alignment and causing the catalytic constant for 
chloroacetate to be 5 times smaller than that for 
fluoroacetate. When the histidine is mutated to an 
asparagine, increasing the size of the pocket but 
retaining the donor for a hydrogen bond, the enzyme 
has a catalytic constant for chloroactetate that is 
8 times larger than that for fluoroacetate. 
 Of even more importance than recognizing the 
proper substrate, however, is the requirement that 
the arrangement of donors and acceptors for hydro-
gen bonds in the active site not complement the 
arrangement of acceptors and donors on closely 
related metabolites in the cytoplasm or the environ-
ment that are not substrates or ligands for the enzyme 
or the protein. When an incorrect metabolite asso-
ciates with an active site or a binding site, some of 
its acceptors and donors lose the donors and accep-
tors for hydrogen bonds provided by molecules of 
water when it is in solution and remain vacant 
while they are on the site, and some of the donors 
and acceptors in the active site or the binding site 
also lose the acceptors and donors provided by 
molecules of water in the empty active site and remain 
vacant in the complex. For each hydrogen bond 
lost in the overall solution, there will be an increase 
in standard free energy. For example, double-
stranded uracil-DNA glycosylase from herpes sim-
plex virus type 1 must distinguish a uracil from a 
cytosine. The active site focuses on the amido oxygen 
at carbon 4 of the uracil. At carbon 4 of cytosine, 
there is an amido group rather than an acyl oxygen. 
The active site provides two amido nitrogen–
hydrogens, one from the side chain of an aspara-
gine and the other from the polypeptide backbone, 
to form hydrogen bonds with the acyl oxygen of 
uracil.687 Were cytosine to occupy the same loca-
tion in the active site, the amido group at carbon 4 
would lose its hydrogen bonds to two molecules of 
water, its amido group would displace the waters 

providing hydrogen bonds to the two amido nitrogen–
hydrogens of the active site, no compensating 
hydrogen bonds would be formed, and four donors 
for hydrogen bonds in the overall solution would be 
vacated. The loss of the hydrogen bonds between 
these donors and molecules of water provides the 
positive standard free energy excluding cytosine 
from the active site, in addition to the steric overlaps 
of the four hydrogens in the incorrect complex. In 
this instance, the two donors are from amido 
groups, the values of pKa (17) for which prevents 
them from dehydronating and becoming acceptors. 
 In the active site of thymidylate synthase from 
Lactobacillus casei, the side chain of an asparagine 
recognizes the acyl oxygen at position 4 of the 
2¢-deoxyuridine monophosphate (dUMP) that is its 
substrate with one of its carbamoyl nitrogen–
hydrogens, and it recognizes the amido nitrogen–
hydrogen of dUMP with its carbamoyl oxygen (3-108) 

 

When the asparagine is mutated to an aspartic acid 
so that a donor for a hydrogen bond is converted into 
an acceptor (3-109), the mutant enzyme, unlike 
the wild-type enzyme, is able to methylate 
2¢-deoxycytidine monophosphate (dCMP) with a 
catalytic constant 0.06 times that of the catalytic 
constant for the wild-type enzyme when it is meth-
ylating dUMP.688,689 Mutating the histidine that 
normally forms a hydrogen bond to the other lone 
pair of electrons on the acyl oxygen on carbon 4 of 
dUMP, which would sterically clash with the nitrogen–
hydrogen bond on that side of the amido group on 
dCMP and assist in excluding it from the active site, 
increased the catalytic constant for the methylation690 
of dCMP by the aspartyl mutant by a further factor 
of 5. 
 Asparagine-tRNA ligase must distinguish aspar-
tyl-AMP, the incorrect substrate, from asparaginyl-
AMP, the correct substrate. The only difference 
between them is that an asparaginyl group has two 
donors and two acceptors for hydrogen bonds on 
its carbamoyl group, and an aspartyl group has at 
most only one donor and at least three acceptors in 
its b-carboxy group. The active site of the enzyme 
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from P. horikoshii provides two acceptors and two 
donors for hydrogen bonds 

 

at the proper locations to complement the carbamoyl 
group of asparaginyl-AMP.673 If the aspartyl group 
in aspartyl-AMP, rather than an asparaginyl-AMP, 
were to bind as the unhydronated b-carboxylato 
group, both Glutamate 228 and Glutamate 230 in 
the active site would have to be hydronated for the 
four acceptors on the b-carboxylato group to find 
four donors for hydrogen bonds properly posi-
tioned in the site. If, however, the aspartyl group in 
aspartyl-AMP were to bind as the hydronated 
b-carboxy group, then only one of the two glutamates 
in the active site would have to be hydronated for 
the single donor and the three acceptors for hydrogen 
bonds on the b-carboxy group to find one acceptor 
and three donors properly positioned in the site. 
The sum of the positive standard free energies for 
one or the other of these two unfavorable states of 
hydronation permits the enzyme, in part, to distin-
guish between aspartyl-AMP and asparaginyl-AMP. 
 A phospho group is usually recognized in an 
active site by a cuplike structure lined with an array 
of as many as ten donors for hydrogen bonds posi-
tioned to chelate its three nonbridging oxygens.691 
Each of the three formal oxyanions in the phospho 
group bound in the cup can be coordinated by as 
many as four donors for hydrogen bonds.692 Usually 
there are three donors for hydrogen bonds for two 
of the oxyanions, and these donors are arranged 
roughly at three of the vertices of a tetrahedron, 
with a bond between phosphorus and the oxygen 
at the fourth vertex (see two of the vanadyl oxygens 
in Figure 3-43). The third oxyanion participates in 
only two or even one hydrogen bond.692 Remarkably, 
this arrangement is contrary to the orientation of 
donors to oxyanions of phospho groups in crystal-
lographic structures of small molecules,693 in which 

the donors are arranged trigonally around each 
oxygen.* In the absence of a phospho group, the 
cup is filled with molecules of water. If any other 
ligand displaces even one of these waters without 
providing acceptors for any donors for hydrogen 
bonds vacated, there is a positive change in stand-
ard free energy that excludes that other ligand. The 
large number of properly positioned donors for 
hydrogen bonds in the cup are arrayed to fit the 
acceptors on a phospho group rather than the accep-
tors on any possible cluster of molecules of water. 
In the unoccupied state, some of these donors 
must be vacant, but they become occupied when 
the phospho group associates. Furthermore, there 
must be significant entropy of approximation favoring 
the association of the phospho group because so 
many properly aligned hydrogen bonds form at 
once. Consequently, a phospho group associates 
tightly with this array by extensive chelation and 
strongly anchors within an active site or a binding 
site the rest of the substrate or the ligand to which it 
is attached. The strength of this interaction explains 
why phosphate or other phosphorylated compounds 
at high concentration often act as inhibitors of 
enzymes that catalyze reactions involving phos-
phorylated substrates and consequently have one 
of these cups. The strength of these interactions 
may also be a reason, in addition to the ability of a 
phospho group to confine the metabolite to the cyto-
plasm, that phosphorylated substrates have been 
selected by evolution for most of the reactions in 
glycolysis. 
 The crystallographic molecular model of the 
phosphatase encoded by the BT4131 gene of B. theta-
iotaomicron (Figure 3-43) introduces the oxyanion 
hole, one of the frequently encountered features of 
an active site that can be revealed in a crystallo-
graphic molecular model by an analogue of an 
intermediate of high energy. The three equatorial 
oxygens of the vanadate are three equatorial oxyan-
ions in the intermediate phosphorane. Two of these 
three oxygens form hydrogen bonds to the a-amido 
groups of Isoleucine 9, Aspartate 10, and Glycine 44, 
the hydroxy group of Threonine 43, the 6-amino 
group of Lysine 188, and the g-amido group of Aspar-
agine 214. These six donors for hydrogen bonds 
stabilize the single negative elementary charges on 
the two oxyanions and consequently the phosphorane 
itself. It is remarkable that the donors are arranged 
                                     
*In some of these cups, there are trigonal arrays of donors around 
one of the oxygens.694 Either arrangement is consistent with 
the requirement that the molecular orbitals of the phospho 
group have its overall symmetry. 
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tetrahedrally* around each oxygen, as the three lone 
pairs of electrons on each of them would be if they 
actually are hybridized sp3. 
 An oxyanion hole is an arrangement of donors 
for hydrogen bonds that associates with an oxyanion 
in a substrate or intermediate in an enzymatic re-
action, but usually it stabilizes an oxyanion in an 
intermediate.412 In addition to stabilizing oxyanions 
in a phosphorane, an intermediate of high energy, 
oxyanion holes are usually found in enzymes that 
hydrolyze peptide bonds through oxyanionic tetra-
hedral intermediates (Figures 1-10B and 3-6). The 
single oxyanion holes in subtilisin,412 chymotrypsin,695 
streptogrisin A (Figure 3-32),544 carboxypeptidase D 
from Triticum aestivum,696 and bovine thrombin,697 
which in each enzyme is formed from two a-amido 
groups of the polypeptide backbone, can be identified 
in crystallographic molecular models of the complexes 
between the enzymes and the respective analogues 
for the tetrahedral intermediates.412 Each analogue 
places an oxygen at the position of the oxyanion in 
the actual intermediate (Figure 3-32). In many of 
these structures, one of the two donors for hydrogen 
bonds is part of a stable six-membered ring that 
incorporates a nucleophilic serine and the tetrahedral 
intermediate (Figure 3-32).† 
 There are a number of other active sites that 
catalyze reactions other than a nucleophilic substi-
tution at phosphorus or the hydrolysis of a peptide 
bond and yet use two a-amido groups from the 
polypeptide to form an oxyanion hole. For example, 
b-lactamase from Enterobacter cloacae hydrolyzes 
an amide through an oxyanionic tetrahedral inter-
mediate,698 and acetylcholinesterase from T. cali-
fornica hydrolyzes an ester through an oxyanionic 
tetrahedral intermediate,227 and the active site in 
each enzyme has an oxyanion hole formed from 
two a-amido groups from the polypeptide. b-Ketoacyl-
[acyl-carrier-protein] synthase III from M. tuberculo-
sis transfers an acyl group from the sulfanyl group 
of coenzyme A to the sulfanyl group of a cysteine in 
the protein and then transfers the acyl group from 
the cysteine to the enolate of acetyl-SCoA (previ-
ously Equation 1-118) 

                                     
*It is also the case, however, that a tetrahedral arrangment mini-
mizes the steric interactions among the donors of the hydrogen 
bonds. 
†The six-membered ring in Figure 3-32 is formed by the amido 
nitrogen of Serine 195, its a and b carbons, its g oxygen, the carbon 
of the hemiacetal (ha), and the oxygen of the hemiacetal that 
forms the hydrogen bond with the amido nitrogen of Serine 195. 

  
                (3-409) 

that is formed by the decarboxylation of malonyl-
SCoA. Each of the two nucleophilic substitutions 
transferring the acyl group from the respective sulfanyl 
group proceeds through a tetrahedral intermediate 
at the acyl carbon, and the oxyanion of this tetra-
hedral intermediate is accommodated in an oxyanion 
hole formed by two a-amido groups from the poly-
peptide.621 In the nucleophilic aromatic substitution 
catalyzed by 4-chlorobenzoyl-CoA dehalogenase 
from Pseudomonas, the oxyanion of the usual inter-
mediate 

 

in such a substitution in a thiobenzoate sits in an 
oxyanion hole formed from two a-amido groups 
from the polypeptide.699 
 There are other oxyanion holes, however, that 
are not formed from two a-amido groups. In the 
active site of aspartate carbamoyltransferase (Fig-
ure 3-40), the oxyanion hole for the tetrahedral inter-
mediate at the carbamoyl carbon is formed by the 
hydroxy group of a threonine, the guanidinio group 
of an arginine, and the hydronated imidazolyl 
group of a histidine. In the active site of thermolysin 
(Figure 3-42), the oxyanion hole for the tetrahedral 
intermediate is formed by the carboxy group of a 
glutamic acid and a molecule of water. In acetyl-CoA 
C-acetyltransferase from Zoogloea ramigera, which 
catalyzes almost the same reaction as that cata-
lyzed by b-ketoacyl-[acyl-carrier-protein] synthase III 
(Equation 3-409), one of the oxyanion holes is 
formed instead by the imidazolio group of a histidine 
and a molecule of water.700  
 In the active site of acetyl-CoA C-acetyltransferase 
from Z. ramigera there are two oxyanion holes. The 
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enzyme performs a Claisen condensation (Equa-
tion 3-409) in which the enolate of an acetyl group 
on a cysteine in the active site is condensed with an 
acyl-SCoA. The oxyanion hole for the oxyanion of 
the enolate is provided by the fixed molecule of 
water and the imidazolio group of a histidine, and 
the oxyanion hole for the oxyanion in the tetrahedral 
intermediate in the nucleophilic substitution is 
provided by two amido nitrogen–hydrogen bonds 
from the backbone of the polypeptide.701 
 When amino acids that provide donors for 
hydrogen bonds in oxyanion holes are mutated, the 
rate constants for the enzymatic reaction usually 
decrease.702 For example, in the active site of carboxy-
peptidase A from R. norvegicus, which hydrolyzes a 
peptide bond through an oxyanionic tetrahedral 
intermediate, the w-guanidinio group of Arginine 
127 and a Zn2+ form the oxyanion hole.703 When 
Arginine 127 is mutated to a methionine, the speci-
ficity constant of the enzyme for its substrate de-
creases by a factor of 9000.704 
 It has been pointed out that when a reaction 
that is catalyzed by an enzyme in which an oxyanion 
is formed as an intermediate occurs in aqueous solu-
tion, water invariably provides donors for the oxy-
anion. That water is required to provide these 
donors can be inferred from the fact705 that when 
the catalytic base that removes the hydron during the 
enolization of acetone is bulky enough to bump off 
one of the molecules of water solvating the carbonyl 
oxygen that becomes the oxyanion of the enolate, 
the rate of enolization decreases by a factor of 10. 
Consequently, if the reaction is brought into an active 
site, the active site has to provide the donors for 
hydrogen bonds that water provides outside or it 
will actually decrease the rate of the reaction. Never-
theless, there may be advantages to providing fixed 
donors for hydrogen bonds in the proper orienta-
tion. In most of the situations in which an oxyanion 
forms during the enzymatic reaction, the oxygen 
begins as a trigonal acyl or carbonyl oxygen on a 
trigonal carbon and becomes a tetrahedral oxyanion 
on a tetrahedral carbon as the intermediate forms. 
This rehybridization usually perfects the fit of the 
oxygen within the oxyanion hole. To the extent that 
the hydrogen bonds in the occupied oxyanion hole 
come into existence or become more stable during 
this rehybridization, the increase in standard free 
energy of formation they experience must lower 
the standard free energy of activation for the reac-
tion. When amino acids around the oxyanion hole 
in steroid D-isomerase from P. putida were mutated 
so that there was enough room in the active site for 

disorganized molecules of water to solvate the oxy-
anion rather than the fixed donors for hydrogen 
bonds provided normally by the enzyme,706 the 
rate of the reaction decreased by a factor of 1000. 
Consequently, the hydrogen bonds achieved by the 
donors from the active site in an occupied oxyanion 
hole may be examples of hydrogen bonds that, during 
their formation or their increase in stability as the 
transition state is achieved, lower the standard free 
energy of activation of the reaction catalyzed by the 
enzyme. 
 
 The role of ionic interactions in the formation 
of complexes between substrates and active sites 
is difficult to assess. In part, this difficulty results 
from the fact that water solvates elementary charges 
so effectively. The change in standard enthalpy 
when two opposite elementary charges that were in 
free solution are juxtaposed in an active site during 
the association of a substrate is probably always 
positive because this solvation is lost in the process.707 
This endergonic change is the reason that ion pairs 
are usually unstable relative to the separated, inde-
pendent ions in aqueous solution, and it forms the 
basis for the ionic theory of solution. 
 The main reason it is difficult to evaluate the 
importance of ionic interactions is that there are 
almost never fixed elementary charges in biochemical 
metabolites. The charged molecules in biochemistry 
are almost always cationic acids or anionic bases 
that can be neutralized in acid–base reactions and 
that have multiple donors and acceptors for hydrogen 
bonds. It is difficult to distinguish a hydrogen bond 
between a donor and an acceptor that just happen 
to be oppositely charged from an interaction due 
solely to ionic attraction. An example of this diffi-
culty is the charged hydrogen bonds in the crystal-
lographic molecular models of the adducts between 
the prosthetic pyridoxal phosphate and either aspar-
tate or glutamate in the active site of aspartate 
transaminase (previously Equation 2-29) 

   
                (3-410) 

from G. gallus.708,709 Each pair of charged hydrogen 
bonds between a guanidinio group and a carboxylato 
group is canonical 

¬-aspartate  +  2-oxoglutarate

                          1  oxaloacetate  +  ¬-glutamate
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Are these hydrogen bonds or ionic interactions? 
When a fatty acid is bound to intestinal fatty acid 
binding protein from R. norvegicus, its carboxylato 
group forms two hydrogen bonds to two guanidinio 
nitrogen–hydrogens of an arginine side chain, but 
the geometry of the hydrogen bonding in the crystal-
lographic molecular model seems more important 
than the balance of elementary charges.710 
 In the one instance that had always been pre-
sented as a purely ionic interaction,711 that between 
the trimethylammonio group in acetylcholine and 
acetylcholinesterase, it has now been concluded 
that the noncovalent interaction that causes the 
quaternary ammonium to associate with the active 
site arises from the hydrophobic effect as well as 
electric forces (cation–p interactions) between the 
p molecular orbital system of uncharged aromatic 
side chains and the fixed cation.226,229 A similar 
combination of the hydrophobic effect and cation-p 
interactions with two phenylalanines is involved in 
recognizing the sulfonium ion of S-adenosyl-
¬-methionine in the active site of human adenosyl-
methionine decarboxylase.712 In this instance, the 
positively charged sulfur atom is covalently sur-
rounded in the S-adenosyl-¬-methionine itself by a 
methyl group, the b- and g-methylenes of the 
¬-methionine, and the methylene of carbon 5 of the 
ribosyl group, all of which insulate it. Contrariwise, 
in the case of the SH2 domain of the non-specific 
protein-tyrosine kinase from avian leukosis virus 
RSA, the phenyl ring of the phospho-¬-tyrosine that 
is a ligand for the binding site in this domain is 
sandwiched between the guanidinio nitrogen of an 
arginine and the 6-ammonio group of a lysine in 
the crystallographic molecular model in what also 
appear to be cation–p interactions rather than ionic 
interactions.713 
 In the instance of the positively charged guan-
idinio group of an arginine involved in binding or 
catalysis, it has been proposed that ionic interac-
tions can be dissected from hydrogen bonding by 
mutating an arginine to a citrulline. For example, 
in the crystallographic molecular model of the 
complex between the active site of chorismate mutase 
(Equation 3-402) from B. subtilis and analogue 
3-84 for the transition state in the electrocyclic 
rearrangement catalyzed by the enzyme, one of the 

w-amido nitrogen–hydrogens in the positively 
charged guanidinio group of Arginine 90 engages in 
a hydrogen bond with the ether oxygen of the ana-
logue. This oxygen in the analogue is the homologue 
of the ether oxygen in chorismate that becomes the 
carbonyl of the prephenate.365 When Arginine 90 is 
mutated to a citrulline, in effect replacing one of 
the w-amido groups with a carbonyl oxygen as well 
as eliminating the single positive elementary charge 
that was on the guanidinio group of the arginine, 
the specificity constant for chorismate decreases by 
a factor of 20,000. This observation was presented 
as evidence that the positive elementary charge on 
the guanidinio group in the unmutated active site 
stabilizes the actual transition state in the reaction.714 
This conclusion was consistent with the fact that 
only mutants of the enzyme that have the guani-
dinio group of an arginine or the ammonio group 
of a lysine in the immediate vicinity of the ether 
oxygen in chorismate are enzymatically active.715 
In another instance, where the substitution of each 
of the two arginines in an active site with citrullines 
has been performed, there is no crystallographic 
evidence of the disposition of these arginines in a 
complex between the active site and either a sub-
strate or an analogue, so it is difficult to evaluate 
the decreases of greater than 5000 in the catalytic 
constant that are observed when both arginines are 
mutated to citrullines. Nevertheless, the decrease 
was attributed to the loss of the positive elementary 
charges.716 
 During the substitution of citrulline for arginine, 
in addition to elimination of the charge, two nitrogen–
hydrogens on an amido group are converted to two 
lone pairs of electrons; as a result, two donors for 
hydrogen bonds are converted to two acceptors. 
There are at least two problems with this substitution. 
First, the w-carbamoyl nitrogen of the arginine in 
the unmutated active site that does not form the 
hydrogen bonds to the substrate that are the focus 
of attention may not actually end up in the occupied 
active site as the ureido oxygen of the citrulline, as 
is desired. If it does not, then the w-carbamoyl nitro-
gen that does provide the hydrogen bond will be 
replaced by the ureido oxygen that cannot provide 
a hydrogen bond but would direct a lone pair of 
electrons at the lone pair of electrons in the acceptor 
of the substrate. For example, in the particular case 
of chorismate mutase, in the complex between the 
active site and the analogue of the transition state, 
the nitrogen atom of the other w-amido group of 
the arginine that does not form the hydrogen bond 
with the oxygen of the substrate is sandwiched 
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between one of the carboxylato oxygens of Gluta-
mate 78 (0.32 nm), and the sulfanyl group of Cyste-
ine 88 (0.32 nm).365 It is entirely possible that this 
intimate interaction is exclusive for a carbamoyl 
group and that in the mutated enzyme the acyl 
oxygen, rather than being sandwiched between 
these two atoms as is desired, is directed toward 
the oxygen of the substrate, which would certainly 
disrupt the reaction. Second, in most instances the 
amido group that does not form a hydrogen bond 
with the substrate engages with other side chains in 
the active site, and the mutation must interfere 
with these interactions, disrupting the alignment of 
the ureido group of the citrulline. This interference 
could well explain much if not all of the decrease in 
a specificity constant.  
 Most substrates of enzymatic reactions or ligands 
for binding proteins bear elementary charges at 
neutral pH and probably enter an active site or a 
binding site as charged molecules. In crystallo-
graphic molecular models of the resulting complexes, 
however, there is no obvious pattern in which each 
formal elementary charge on the substrate or ligand 
is exactly balanced by an amino acid bearing the 
opposite elementary charge in the site. Rather, the 
distributions of elementary charges over occupied 
active sites or binding sites are far more disor-
ganized and unpredictable (Figures 3-33, 3-34, 
3-40, 3-42, and 3-45). An example of an active site 
in which no cationic amino acid is located adjacent 
to a negative elementary charge on a substrate is 
found with tryptophan synthase. In the crystallo-
graphic molecular model of the active site of the 
enzyme from S. typhimurium occupied by the 
competitive inhibitor propane phosphate, the neg-
atively charged phosphate is surrounded only by 
uncharged donors and acceptors for hydrogen 
bonds.717 In the case of the phospho group of deoxy-
uridine phosphate, however, when it is bound in 
the active site of thymidylate synthase from L. casei, 
there are four arginines forming hydrogen bonds 
with its oxygens, so its maximum of two negative 
elementary charges is surrounded by four positive 
elementary charges.718 The orientation by the active 
site of the seven donors for these hydrogen bonds 
creates the cup into which the three nonbridging 
oxygens of the phospho group fit perfectly. 
 There is another example of a complex of a 
positively charged substrate with a negatively charged 
amino acid in an active site that has been cited as a 
simple ionic interaction. Trypsin is an endopep-
tidase that cleaves peptide bonds (Figure 3-6) to 

the carboxy-terminal side of lysines and arginines 
exclusively. The enzyme was thought to be confined 
to cleave at these locations because, in the region 
of its active site where the side chain of the amino 
acid to the amino-terminal side of the susceptible 
bond is bound, there is a strategically placed aspar-
tate,719 Aspartate 171 in bovine a-trypsin, that would 
provide a compensating elementary charge. Before 
refined crystallographic molecular models (Figure 
3-46)720 of complexes between inhibitors and bovine 
trypsinogen, the precursor of bovine trypsin, were 
available, the interaction between trypsin and the 
lysines or arginines on its reactants was thought to 
be ionic. It turns out, however, that at least in this 
instance, it is difficult if not impossible to distin-
guish the importance of hydrogen bonding from the 
importance of ionic interaction. 
 In crystallographic models of complexes between 
trypsinogen and small inhibitory proteins in which 
either lysine or arginine in the respective protein 
occupies the pocket for the targeted amino acid in 
the reaction catalyzed by the enzyme, it is clear that 
either the lysine or the arginine, in turn, partici-
pates in a complex network of hydrogen bonds rather 
than participating only in an ionic interaction. This 
observation is remarkable because the arrangement 
of the donors for hydrogen bonds in lysine and the 
donors for hydrogen bonds in arginine are so different. 
Nevertheless, acceptors for hydrogen bonds are 
arranged within the binding site with great preci-
sion so as to accommodate either side chain. When 
lysine is bound, the three tetrahedrally arrayed donors 
on its ammonio group find three tetrahedrally arrayed 
acceptors for hydrogen bonds: Water 416, Water 414, 
and the peptidic acyl oxygen of Serine 172 within 
the polypeptide (Figure 3-46). The carboxy group 
of Aspartate 171 is not directly bound to lysine because 
its side chain is too short, but it forms a hydrogen 
bond to one of the actual ligands, Water 414. Argi-
nine, however, is longer, by one atom, than lysine, 
and arginine forms a canonical bis-hydrogen bond 
(3-111) with Aspartate 171 directly. The other three 
donors of the planar guanidinio group in the argi-
nine form hydrogen bonds with the acyl oxygen of 
Glycine 196, Water 416, and Water 403. Only one of 
these five acceptors for hydrogen bonds, Water 416, 
is also used in the complex with lysine. When argi-
nine is bound, Water 414 is displaced and the acceptor 
for a hydrogen bond on the acyl oxygen of Serine 172 
is vacant. When lysine is bound, the acceptor on 
Water 403 and the lone pair on Aspartate 171 are 
vacant. 
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Figure 3-46: Superposed stereodrawings576 of crystallographic 
molecular models of the binding of either lysine or arginine  to the 
portion of the active site of trypsin, the specificity pocket, that 
determines its specificity for lysines and arginines.720 Black atoms 
are carbons, white atoms are oxygens, small gray atoms are ni-
trogens, and large light gray atoms are sulfurs. The two crystal-
lographic molecular models are superposed to show that the 
same conformation of the specificity pocket accommodates 
both side chains and that the side chains themselves super-
pose closely at each of their common atoms. The two crystallo-
graphic molecular models from which these regions come are 
those of the complex between native bovine pancreatic trypsin 
inhibitor (58 aa) and bovine trypsinogen, the precursor to bovine 

trypsin, in which a  Lysine 15 of the inhibitor occupies the 
specificity pocket, and the complex between bovine trypsinogen 
and bovine pancreatic trypsin inhibitor, in which Lysine 15 has 
been replaced with an arginine. In the models, the side chain of 
the lysine occupies exactly the same location as that of arginine, 
with the 6-amino group of the lysine occupying the location of 
the guanidino carbon of the arginine. Water 414, Water 416, 
and the acyl oxygen of Serine 172 form a triangular array of 
hydrogen-bond acceptors for the three donors on the lysine. 
Aspartate 171, Water 403, Water 416, and the acyl oxygen of 
Glycine 196 form a planar array of hydrogen-bond acceptors 
for the five donors on the arginine. 
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 In these two instances, the vacant acceptors in a 
given complex that are used to bind the other reactant 
in the other complex are enthalpically inconse-
quential in the wild. It is noteworthy, however, that 
every donor for a hydrogen bond on the respective 
side chain ends up in a hydrogen bond when it is 
bound at the active site. 
 The complexity of the hydrogen bonding in this 
subsite within the active site of trypsin when it is 
associating with a lysyl or an arginyl side chain in a 
substrate clearly reveals the naiveté of the expec-
tation that changing Aspartate 171 to lysine would 
reverse the specificity of trypsin from peptide 
bonds carboxy-terminal to lysines and arginines to 
peptide bonds carboxy-terminal to aspartates and 
glutamates.721 In the case of the active site of aspartate 
transaminase from E. coli, however, ¬-aspartate, 
the exclusive substrate for the enzyme, seems to be 
recognized mainly by the canonical pair of hydrogen 
bonds (3-111) between its g-carboxylato group and 
Arginine 292. Mutating Arginine 292 to an aspartate 
did reverse the specificity of the transaminase from 
¬-aspartate (7 ¥ 105) in the native enzyme to 
¬-arginine (7) in the mutant, but the specificity 
constant of the mutant for ¬-arginine was only 
2 ¥ 10-5 that of the wild type for ¬-aspartate.722 The 
specificity was reversed, but the activity of the mutant 
for ¬-arginine was minuscule. Similar changes in 
specificity and activity were observed when an attempt 
was made to change the specificity of trypsin from 
R. norvegicus from hydrolyzing peptide bonds carboxy-
terminal to arginines and lysines to the preference 
shown by the related enzyme chymotrypsin (38% 
identity; 2.8 gap percent) for aromatic side chains 
by mutating Aspartate 171 to the serine found at 
that location in chymotrypsin.723 
 
 The manifestation of the hydrophobic effect 
in a crystallographic molecular model is less appar-
ent than the hydrogen bonds and ionic interactions. 
Nevertheless, because it is directly proportional to 
the number of hydrogen–carbon bonds removed 
from contact with the solution,52 the magnitude of 
the hydrophobic effect affiliated with the association 
of ligand with an active site can be estimated by 
counting up the number of hydrogen–carbon 
bonds that are exposed to the solution in the unbound 
substrates, in the unbound coenzymes, and in the 
empty active site itself in the crystallographic molec-
ular model of the unoccupied enzyme and then 
counting up the number of those same hydrogen–
carbon bonds that remain in contact with the solu-
tion in the crystallographic molecular model of the 

fully occupied active site. The difference between 
these two tallies is an indication of the strength of 
the hydrophobic effect elicited by the association. 
 A crystallographic molecular model, however, 
leaves one with the false impression that where a 
particular hydrogen–carbon bond ends up once a 
substrate associates with an active site is somehow 
consequential to the hydrophobic effect. The only 
significant contribution to the hydrophobic effect 
is the behavior of the water that occurs after the 
hydrogen–carbon bond leaves. No interaction that 
occurs between that hydrogen–carbon bond and 
the environment that surrounds it in the active site 
is of importance.352 It follows that observing the 
situation of a particular hydrogen–carbon bond 
within the active site provides no information about 
the magnitude of the hydrophobic effect in which it 
has participated. 
 Hydrogen–carbon bonds that have been 
removed from contact with water are always 
observed in a crystallographic molecular model of 
a substrate or a ligand bound in an active site or a 
binding site, and hydrogen–carbon bonds on func-
tional groups from the active site that have been 
removed from contact with water upon the associa-
tion of a substrate or a ligand are also always observed. 
For example, the hydrogen–carbon bonds of the 
three methylenes, of the ribosyl group, and of the 
adenine ring are all removed from contact with water 
upon formation of the complex between the active 
site of guanidinoacetate N-methyltransferase and 
S-adenosyl-¬-homocysteine (Figure 3-34). In the 
crystallographic molecular model of the complex 
between porcine ¬-lactate dehydrogenase (Equa-
tion 3-27) and NAD+, the planar p system of the 
adenine ring of NAD+ is sandwiched between an 
alanine, an isoleucine, a valine, and a glycine on 
one side and two valines and a leucine on the other,591 
and the hydrogen–carbon bonds on these side 
chains that sandwich the adenine ring are removed 
from contact with water after intimately contacting 
the p molecular orbital system of the adenine upon 
formation of the complex. 
 In the case of side chains in the active site, the 
situation is somewhat ambiguous. The hydrophobic 
effect is the negative standard free energy change 
that occurs when a hydrogen–carbon bond is removed 
from bulk water. Because of the coordinated behavior 
of molecules of water in bulk, the magnitude of the 
hydrophobic effect may well depend on the behavior 
of the molecules of water beyond those immedi-
ately in contact with the hydrogen–carbon bond. In 
the active site of an enzyme, the hydrogen–carbon 
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side chains of the amino acids that are in contact 
with water before a substrate binds are usually in 
contact with molecules of water that are more or 
less isolated from the bulk phase, so the hydrophobic 
effect arising from their dehydration may be signif-
icantly less than the hydrophobic effect of removing 
a hydrogen–carbon bond from the bulk solution.  
 In most instances, the hydrophobic side chains 
in an unoccupied active site are surrounded by 
molecules of water because there is usually little 
vacant space in a condensed phase. In maps of 
electron density for the unoccupied active site of 
thermolysin from B. thermoproteolyticus, when 
those maps are calibrated to absolute electron den-
sity, there is no detectable electron density in the 
hydrophobic pocket formed from Phenylalanine 130, 
Leucine 133, Valine 139, Isoleucine 188, Valine 192, 
Leucine 202, and the p faces of the amides in the 
polypeptide backbone between positions 138 and 
140, 188 and 189, and 112 and 113. This pocket is 
occupied by the leucine adjacent to the site of hydrol-
ysis in the crystallographic molecular model in Fig-
ure 3-42. Consequently, there is no water adjacent 
to the hydrophobic side chains that form this empty 
hole in the unoccupied active site, and the situa-
tion is not complicated by the ambiguity accompa-
nying the dehydration of those side chains. A series 
of otherwise identical phosphonamidates (see 3-71 
in Table 3-7), which are analogues of the tetrahedral 
intermediate in the enzymatic reaction, were synthe-
sized that place a methyl group, an isopropyl 
group, or an isobutyl group in this vacant subsite, 
and their free energies of association were meas-
ured.724 The free energies of association for these 
three inhibitors decrease with a slope of -2.35 ± 0.03 kJ 
(mol of hydrogen–carbon bonds)-1. This value is 
quite close to the value of -1.9 ± 0.2 kJ (mol of hy-
drogen–carbon bonds)-1 that is the standard free 
energy for the removal of a hydrogen–carbon bond 
from water into a condensed phase of alkane based 
on units of molarity.52 The small difference in the 
two values may result from the fact that during 
transfer between two isotropic condensed phases, 
which is the standard measure of the hydrophobic 
effect, a hole has to be made in the nonpolar phase, 
a process with a positive change in standard free 
energy. In the case of inhibitors associating with 
the active site of thermolysin, however, the hole is 
already there. In any case, this result for the associ-
ation of these inhibitors with thermolysin is a rather 
unambiguous demonstration of the favorable 
standard free energy that is gained from the hydro-
phobic effect during the removal of hydrogen–

carbon bonds from contact with water when a sub-
strate enters the active site of an enzyme.  
 Although this fact is seldom emphasized, as is 
the case for the four hydrogens in the ring of the 
ribosyl group in S-adenosyl-¬-homocysteine, mono-
saccharides have two hydrophobic axial surfaces 
opposite each other on the ring, each containing 
two to five hydrogen–carbon bonds.725 For example, 
cyclodextrins, which are cyclic, cylindrical rings of 
∂-glucosyl groups, have structures that turn an axial 
face of each monosaccharide, in which there are 
two hydrogen–carbon bonds, toward the axis of the 
cylinder, and together they form a significantly hydro-
phobic pocket. 
 In the refined crystallographic molecular mod-
el of the complex between b-∂-galactose and the 
∂-glucose/∂-galactose-binding protein from E. coli, 
the b-pyranose of b-∂-galactose is flush against the 
p molecular orbital system of a tryptophan on its 
axial face containing five hydrogen–carbon bonds, 
and one of the two hydrogen–carbon bonds on its 
other axial face is flush against the p molecular orbital 
system of a phenylalanine (Figure 3-45). The mono-
saccharide bound in the B subsite in lysozyme has 
one of its axial faces, containing three hydrogen–
carbon bonds, flush against the p molecular orbital 
system of Tryptophan 62.314 In the crystallographic 
molecular model of the complex between chitinase 
from Ostrinia furnacalis and the two products of 
the hydrolysis of [(b1,4)-N-acetyl-∂-glucosamine]7, 
four of the five N-acetylglucosaminyl groups encom-
passing the site of hydrolysis each have one of their 
hydrophobic faces flush against the indolyl group 
of a tryptophan.726,727 In the crystallographic molec-
ular model of the complex between the maltodextrin-
binding protein from E. coli and maltose, one of the 
glucosyl groups in the maltose is sandwiched between 
the p molecular orbital systems of a tyrosine and a 
tryptophan on one axial face and the p molecular 
orbital system of another tryptophan on the other 
axial face, and the other glucosyl group of the maltose 
is sandwiched between the edge of the indolyl 
group of a tryptophan on one side and the p molecular 
orbital system of another tryptophan on the other 
side.728 In each instance, all the hydrogen–carbon 
bonds on the axial surfaces of the monosaccharides 
are removed from contact with the solution when 
the respective complex is formed. The p molecular 
orbital systems in these instances provide conven-
ient flat surfaces to cover up the hydrogen–carbon 
bonds without also sequestering donors for hydrogen 
bonds in the process. 
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Figure 3-47: Stereodrawing576 of hypoxanthine sandwiched 
between two tryptophans in the crystallographic molecular 
model of the complex between the active site of a mutant of 
purine nucleosidase from T. vivax and inosine, a substrate for 
the enzyme.729 Black atoms are carbons, white atoms are oxygens, 
and gray atoms are nitrogens. To produce the mutant, Aspar-
tate 10 in the active site was mutated to an alanine. The mutant 
enzyme is virtually inactive, which allowed a data set to be 
gathered before the inosine in the active site was hydrolyzed. 
Crystals of the mutant enzyme were soaked in a solution con-
taining 50 mM inosine at pH 7.5 for 3 min and then frozen. A 
data set was gathered from the frozen crystals to Bragg spacing 
of 0.16 nm. The refinement of the crystallographic molecular 
model was initiated by using the amplitudes of the reflections 

in this data set and a data set of phases calculated from a crystal-
lographic molecular model of the native enzyme in a complex 
with the inhibitor 3-deazaadenosine, from which all ligands, in 
particular the 3-deazaadenosine, and molecules of water had 
been removed. The crystal from which this initial crystallo-
graphic molecular model was solved was isomorphous with 
the crystal of the mutant in complex with the normal substrate, 
inosine. As the refinement progressed, electron density consistent 
with a molecule of inosine appeared in maps of electron density 
in the same location at which 3-deazaadenosine was found in 
the initial crystallographic molecular model. The drawing con-
tains only the molecule of inosine that was inserted into this 
electron density and the side chains of the two tryptophans 
between which the inosine is sandwiched. 

  

Trp 260 inosine

Trp 83

Trp 260 inosine

Trp 83



Crystallographic Studies of Active Sites  
 

841 

 Because of the high frequency with which hydro-
phobic amino acids and the hydrophobic portions 
of hydrophilic amino acids line the surfaces of enzy-
matic active sites in crystallographic molecular 
models, a significant hydrophobic effect must be 
involved in the association of any ligand, other 
than an inorganic ion, with the active site of an 
enzyme. 
 There are many examples of p  molecular orbital 
systems within substrates and ligands for enzymes 
and proteins ending up sandwiched between 
p  molecular orbital systems or stacked upon 
p  molecular orbital systems of amino acids forming 
the sites for those substrates and ligands. For example, 
in the crystallographic molecular model of the 
complex between a mutant of purine nucleosidase 
from Trypanosoma vivax and inosine, the hypoxan-
thine ring is sandwiched between two tryptophans 
(Figure 3-47).729,730 In the complex between dihydro-
lipoyllysine-residue acetyltransferase from Azotobacter 
vinelandii and its substrate coenzyme A, however, 
the p molecular orbital system of the adenine ring 
is stacked upon the p molecular orbital system of 
the peptide bond between Glycine 561 and Histi-
dine 562.731 Because surfaces created by p molecular 
orbital systems do not display a hydrophobic effect 
when they are removed from water,52 if such stacking 
is energetically advantageous rather than simply 
sterically advantageous, it must involve favorable 
van der Waals forces arising from the polarizability 
of the p molecular orbital systems.732 
 In the case of the complex between purine nucle-
osidase from T. vivax and inosine (Figure 3-47), it 
has been argued that the stacking of the two trypto-
phans above and below the inosine serves the purpose 
of raising the pKa of the hydron on nitrogen 7 in the 
imidazolio group of the conjugate acid of the hypo-
xanthine and consequently promoting its hydronation 
during the enzymatic reaction. This hydronation 
would increases the capacity of the hypoxanthine 
to be a leaving group in the reaction.730 If this is the 
case, in this instance the stacking has a catalytic 
purpose beyond possibly providing standard free 
energy of association. 
 
 In the crystallographic molecular model of a 
complex between an enzyme and its substrates or 
inhibitors, distortions of a reactant by the active 
site in the direction of the transition state (Figure 
3-28) can often be observed.733 For example, in the 
crystallographic molecular model of the complex 
between creatinase from P. putida and its substrate 
creatine, the planar guanidinio group of the creatine 

has been twisted by the active site so that the lone 
pair of electrons on the nitrogen that is the leaving 
group in the reaction 

     
                (3-411) 

is almost orthogonal to and no longer conjugated 
to the amidino p molecular orbital system. Because 
it is now a basic s lone pair of electrons rather than 
a delocalized p lone pair of electrons, it can be 
readily hydronated by an adjacent imidazolium from 
a histidine to enhance its ability to leave.734 In the 
crystallographic molecular model of the complex 
between 3-deoxy-7-phosphoheptulonate synthase 
from E. coli and the substrate phosphoenolpyruvate, 
the normally coplanar phosphoenol group is twisted 
by the active site 30ª with respect to the plane of the 
carboxylato group to prevent conjugation between the 
intermediate enolate and the carboxylato group, 
which would destabilize the enolate.735 Although 
many of the distortions such as these are assisted 
by the appropriate orientation of donors and accep-
tors so that they complement acceptors and donors 
for hydrogen bonds in the distorted conformation 
of the reactant, the major force accomplishing such 
a distortion is often a steric effect. 
 
 Far and away the most reliable way to control 
a chemical reaction is to use a steric effect, and 
this fact has not been overlooked in the evolution 
of active sites. A steric effect is accomplished when 
a portion of the structure of the protein in the active 
site occupies the same location that some portion 
of the reactant in its most stable conformation 
would occupy when it associates with the site, and 
the conformation of the reactant must change to 
accommodate the obstacle.  
 There are five similar enzymes that bind to 
double-helical DNA substrates: DNA (cytosine-5-)-
methyltransferase from H. parahaemolyticus,654,655 
human thymine-DNA glycosylase,736 human uracil-
DNA glycosylase,737,738 human methylated-DNA—
[protein]-cysteine S-methyltransferase,739 and human 
DNA-(apurinic or apyrimidinic site) lyase.740,741 In 
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each crystallographic molecular model of the com-
plexes between these enzymes and their double-
helical DNA substrates,* a base—cytosine, thymine, 
uracil, O-alkylguanine, or 8-oxo-7,8-dihydroguanine, 
respectively—has swung out of the stack of base 
pairs into the catalytic region of the active site. The 
positions in the double-helical DNA that were 
occupied by each of the flipped bases are now 
occupied by one or two amino acid side chains 
from the active site—glutamine and serine, arginine, 
leucine, arginine, and asparagine and arginine, 
respectively. 
 There are two ways to interpret these observa-
tions. As the double-helical DNA associates with the 
active site, the amino acid side chains are unavoid-
able obstacles in part responsible for pushing the 
flipped bases out of the double helix. Alternatively, 
as the bases flip out of the double helix by simple 
thermal agitation, the amino acid side chains swing 
into the slot vacated by the respective base and steric-
ally prevent the substrate from leaving the active 
site and the base pair from reentering the double 
helix. The actual sequence of events is probably some 
combination of these scenarios. 
 Steric effects are also the most dependable way 
to exclude the incorrect reactant from the active 
site of an enzyme. For example, editing is the process 
by which a tRNA that has been aminoacylated by 
an incorrect amino acid is recognized and the incor-
rect amino acid is removed by hydrolysis.742 Editing 
ensures that no misacylated tRNA arrives at a ribo-
some. When site-directed mutations are made in 
the active site for hydrolyzing misacylated ¬-valyl-
tRNAIle in isoleucine-tRNA ligase from E. coli, the 
rate of hydrolysis of ¬-valyl-tRNAIle decreases dramat-
ically and the amount of ¬-valyl-tRNAIle produced 
by the enzyme increases dramatically.743 The nonpolar 
pocket in the active site for editing in isoleucine-
tRNA ligase from Thermus thermophilus, which 
recognizes a misacylated ¬-valine so it can be excised, 
is just large enough for the isopropyl group of the 
¬-valine but too small for the 2-butyl group of a cor-
rectly acylated ¬-isoleucine.744 The 2-butyl group, 
and hence the properly acylated ¬-isoleucyl-
tRNAIle, is successfully excluded from the active site 
responsible for editing and not subject to the hydrol-
ysis performed by this site. In many of the tRNA 
ligases, the most reliable way to ensure that the 
correct amino acid is aminoacylated to a tRNA is to 
use steric effects. Amino acids larger than the correct 

                                     
*In the case of  DNA (cytosine-5-)-methyltransferase, the double-
helical substrate was  fluorinated. 

one, such as ¬-methionine in the case of isoleu-
cine-tRNA ligase, are excluded from the site for 
aminoacylation by steric effects; amino acids 
smaller than the correct one, such as ¬-valine, are 
removed by hydrolysis at the site for editing; and 
the correct amino acid is excluded from the site for 
editing by steric effects. 
 DNA-Directed DNA polymerase from Escherichia 
phage RB69 shows a greater than 10,000-fold pref-
erence for 2¢-deoxyribonucleoside triphosphates 
over ribonucleoside triphosphates. In the crystallo-
graphic molecular model of the active site of the 
enzyme occupied by a template and magnesium 
2¢-deoxycytidine triphosphate, the p system on one 
surface of the 4-hydroxyphenyl group of Tyrosine 216 
is flush against carbon 2¢, the deoxy carbon.674 If 
there were a hydroxy group on carbon 2¢, as there 
is in cytidine triphosphate, it would overlap the 
4-hydroxyphenyl ring of the tyrosine. The dissocia-
tion constant for magnesium cytidine triphosphate 
from the active site decreases from 16 to 0.52 mM 
and the catalytic constant for its incorporation into 
DNA increases from 0.74 to 8.6 s-1 when this tyro-
sine is mutated to an alanine. In contrast, the dis-
sociation constant for the normal substrate, 
magnesium 2¢-deoxycytidine triphosphate, from 
the active site remains 0.07 mM and the catalytic 
constant for its incorporation into DNA decreases 
from 200 to 22 s-1. These two facts are consistent 
with the conclusion that the 4-hydroxyphenyl ring 
provides a steric effect that excludes ribonucleoside 
triphosphates from the active site.745 
 In the crystallographic molecular model of a 
complex between proline dehydrogenase from E. coli 
and tetrahydrofuran-2-carboxylic acid,746 which is 
an analogue of the substrate ¬-proline, Tyro-
sine 540 is fixed in a location that would sterically 
overlap the hydroxy group of trans-4-hydroxy-
¬-proline, a metabolite present in the cytoplasm of 
the cell. This steric effect should prevent trans-
4-hydroxy-¬-proline from associating with the 
enzyme, just as Tyrosine 216 in DNA-directed DNA 
polymerase from Escherichia phage RB69 prevents 
ribonucleoside triphosphates from associating with 
its active site. Mutation of Tyrosine 540 to an alanine747 
decreases the ratio of the specificity constants for 
¬-proline and trans-4-hydroxy-¬-proline by a factor 
of 50. 
 A steric effect can also be used experimentally 
to modify the reaction catalyzed by an enzyme. 
When Asparagine 170 in the active site of b-lactamase 
from S. aureus is mutated to a glutamine, the resulting 
steric effect pushes the molecule of water responsible 



Crystallographic Studies of Active Sites  
 

843 

for the hydrolysis catalyzed by the enzyme away 
from the acyl group it must attack, and the rate of 
hydrolysis decreases more than 800-fold.548 
 
 One way to consider the steric effects exerted 
by an active site is to imagine that the active site is 
a more or less rigid mold into which a substrate 
must insert by adopting a conformation comple-
mentary to the mold. For example, when creatine 
binds to creatinase (Equation 3-411) from 
P. putida,734 its methyl group fits into a nonpolar 
pocket; its amidino group fits into a pocket formed 
by the edge of a histidine, a valine, and two gluta-
mates and two molecules of water that provide ac-
ceptors for the donors for hydrogen bonds on the 
amidino group; and its carboxymethyl group fits 
into a pocket formed by an isoleucine, the 
p molecular orbital system of another histidine, 
and two arginines that provide donors for the acyl 
oxygen. A creatine will fit into the mold created by 
these three pockets only if its central nitrogen is 
tetrahedral and twisted so that its lone pair of elec-
trons is in the plane of the amidino group that is 
now unconjugated to it. 
 Many of these molds can be quite rigid. The rigid-
ity of the mold formed by the active site of steroid 
D-isomerase from P. putida prevents the hydrogen 
bonds between its oxyanion hole and a phenolate 
from shortening as it should when 2,6-difluoro-
phenolate is the ligand instead of phenolate.281 
 The mold is also able to hold functional 
groups apart from each other to prevent unfavorable 
reactions from occurring. For example, the 6-ammo-
nium of a lysine in b-ketoacyl-[acyl-carrier-protein] 
synthase must be held close enough to the acetyl 
enolate formed during the decarboxylation of malonyl 
acyl-carrier protein to stabilize it but far enough 
away from it to prevent it from hydronating the 
enolate.748 
 The mold can also hold functional groups in 
the reactant near the site of catalysis in confor-
mations that favor the catalysis. For example, there 
are three conformations of the hydroxymethyl 
group at carbon 5 of a pyranose 

 

Studies of the hydrolysis of fused rings that lock 
carbon 6 in one or the other of these conformations 
have demonstrated that gauche,gauche ∂-glucosyl 
glycosides hydrolyze 1.5 times more rapidly than 
gauche,trans ∂-glucosyl glycosides and 3.5 times 
more rapidly than trans,gauche ∂-glucosyl glycosides 
because in the gauche,gauche conformation at 
carbon 6, the carbon–oxygen bond is parallel to the 
p molecular orbital system of the intermediate oxo-
carbenium ion that is an intermediate and can donate 
electron density to it. Although these differences 
are quite small, nevertheless, in crystallographic 
molecular models of the occupied active sites of 
most glucosidases (94%), the mold holds the hydroxy-
methyl groups in the gauche,gauche conformation.749 
If this orientation is the result of natural selection, 
it illustrates the fact that natural selection operating 
for two billion years over the surface of the earth 
can respond to even small increases in enzymatic 
rate. 
 The mold can force a functional group in the 
reactant into an environment that promotes catal-
ysis. For example, it has already been noted that 
decarboxylations occur far more rapidly in nonpo-
lar solvents than in water.750,751 In the active site of 
methylmalonyl-CoA decarboxylase from E. coli, the 
mold forces the polar carboxylato group of methyl-
malonyl-SCoA into a nonpolar pocket lined by three 
leucines, a valine, an edge of the phenyl ring of a 
tyrosine, a glycine, and a proline.752 
 The mold formed by an active site can deter-
mine the specificity of the enzyme for its reactant 
as well as preventing the enzyme from converting 
the incorrect reactant. For example, the deep 
nonpolar pocket in protein farnesyltransferase from 
R. norvegicus should be able to bind several different 
shorter isoprenoid diphosphates, but only when 
the (2E,6E)-farnesyl group of (2E,6E)-farnesyl diphos-
phate snugly fills the pocket is carbon 1 of the iso-
prenoid diphosphate properly positioned for the 
nucleophilic substitution catalyzed by the enzyme 
that takes place at this carbon.567 Shorter isoprenoid 
diphosphates descend into the hole so far that their 
carbons 1 are improperly located relative to the 
catalytic groups; longer isoprenoid diphosphates 
spill out of the active site. 
 In a crystallographic molecular model of 
(2E,6E)-farnesyl diphosphate synthase from G. gal-
lus,753 there is a nonpolar pocket that snugly fits the 
geranyl group of a molecular model of the substrate 
geranyl diphosphate. The active site produces a 
geranyl carbenium ion and then alkylates it with 
isopentenyl diphosphate (see Figure 1-26). The 
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enzyme is specific for the geranyl group of geranyl 
diphosphate (kgpp = 5 mM-1 s-1) and only reluc-
tantly adds isopentenyl diphosphate to the far-
nesyl carbenium ion of farnesyl diphosphate 
(kfpp = 0.001 mM-1 s-1), presumably because the 
longer farnesyl chain cannot fit in the pocket. 
Phenylalanine 112 and Phenylalanine 113 form the 
floor of the pocket. When they are mutated to an 
alanine and a serine, respectively, the specificity 
constant for farnesyl diphosphate, kfpp, increases to 
4.5 mM-1 s-1, indistinguishable from that for geranyl 
diphosphate for the native enzyme.754 Although the 
specificity constant of the mutant for geranyl diphos-
phate remains the same (kgpp = 3 mM-1 s-1), the cata-
lytic constant decreases by a factor of 20, presumably 
because the geranyl diphosphate no longer fits 
snugly in the pocket. Furthermore, in addition to 
producing the tetraisoprenoid geranylgeranyl diphos-
phate from farnesyl diphosphate and isopentenyl 
diphosphate, the enzyme now produces pentaiso-
prenoids, hexaisoprenoids, heptaisoprenoids, and 
octaisoprenoids because there is now no bottom to 
the nonpolar pocket, which has become a long non-
polar tube. 
 If the mold dictates the reactant for the enzymatic 
reaction, then it necessarily follows that the structure 
of the mold determines what product is formed in 
the enzymatic reaction because a reactant in one 
direction is a product in the other. For example, 
nonspecific monooxygenase 4B1 from O. cuniculus 
is an enzyme containing a heme P450 that prefer-
entially hydroxylates carbon 1 of octane (90%) rather 
than carbon 2 (10%), which should be significantly 
more reactive to hydrogen abstraction. In the active 
site of the enzyme, there is a long hydrophobic 
tube into which octane fits snugly. Because the free 
energy of association is maximized when the entire 
octane molecule associates with the tube, only 
carbon 1 is accessible at the end of the tube where 
the oxoiron(IV) porphyrin· + that performs the hydrox-
ylation is located. Consequently, oxoiron(IV) por-
phyrin· + usually removes a hydrogen from carbon 1 
to initiate the hydroxylation rather than carbon 2.755 
In this instance, the mold determines the regiose-
lectivity of the reaction. The chemistry of the reac-
tion is the same, it is only where on the reactant the 
chemistry occurs that is controlled. 
 There is a family of enzymes that catalyze the 
prenylation of the indolyl group in either 
¬-tryptophan or derivatives of ¬-tryptophan modi-
fied at its a-amino or a-carboxy group or both of 
them. Each reaction catalyzed by these enzymes is 
initiated by the dissociation of 3,3-dimethylallyl 

diphosphate (Figure 1-26) to produce dimethylallyl 
carbenium ion (previously 1-99) 

 

the primary carbon of which or the tertiary carbon 
of which then adds to either nitrogen 1 or to carbon 2, 
3, 4, 5, 6, or 7 of the respective indolyl group.756,757 
Consequently, in theory, there are 14 possible prod-
ucts. An example of one specific regioselectivity 
would be the electrophilic aromatic substitution at 
carbon 4 catalyzed by 4-dimethylallyltryptophan 
synthase (previously Equation 1-155) 

  
                (3-412) 

In this instance, the primary carbon of dimethylallyl 
carbenium ion 3-115, the least reactive carbon, 
adds to the indolyl group. Each enzyme in this set 
catalyzes the electrophilic aromatic substitution or 
the electrophilic aromatic addition of only one of 
the two possible carbenium centers at only the 
nitrogen or only one of the six carbons with strict 
regiochemistry. All the enzymes in this set are 
homologous to each other, their sequences of amino 
acids can be aligned, and the same catalytic amino 
acids are found in the aligned sequences, in partic-
ular a glutamate the carboxylato group of which is 
the acceptor for a hydrogen bond from the indolyl 
nitrogen–hydrogen, a tyrosine that is responsible 
for hydronating the leaving oxygen of the diphosphate 
during the dissociation that produces dimethylallyl 
carbenium ion 3-115, and several invariant amino 
acids that provide donors for hydrogen bonds to 
the diphosphate,757 yet the regioselectivity of each 
active site is unique. The mold of the particular active 
site accomplishes the regioselectivity. 
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 N1-(1,1-Dimethylprop-2-enyl)tryptophan syn-
thase from Salinispora arenicola adds the carbenium 
center situated on the tertiary carbon of the dimethyl-
allyl carbenium ion 3-115 to nitrogen 1 of the indolyl 
group. In a crystallographic molecular model of the 
active site occupied by ¬-tryptophan and dimethyl-
allyl S-thiolodiphosphate, which is an analogue of 
dimethylallyl diphosphate in which the leaving 
oxygen is replaced by a sulfur, the planar 
3-methylprop-1-enyl group of the dimethylallyl 
diphosphate is sandwiched between the indolyl 
group of the ¬-tryptophan to which the tertiary carbon 
of dimethylallyl carbenium ion 3-115 adds and the 
indolyl group of Tryptophan 148, which is not 
modified during the reaction.757 All the other enzymes 
in the set have either a tryptophan or a tyrosine at 
the position homologous to that of Tryptophan 148, 
so they all presumably form an analogous sand-
wich in which the three planes are parallel to each 
other. The tertiary carbon of the dimethylallyl 
S-thiolodiphosphate and the indolyl nitrogen of the 
¬-tryptophan sit 0.34 nm apart on a line almost 
normal (104ª) to the planes of the sandwich. In 
other words, the active site determines the regio-
chemistry of the reaction by placing the carbenium 
ion on the tertiary carbon of dimethylallyl carbenium 
ion 3-115 immediately adjacent to the atom in the 
¬-tryptophan to which it is supposed to add and in 
the proper orientation for the electrophilic addi-
tion. The regiochemistry of all the other prenyl-
transferases in this set of enzymes is presumably 
determined in the same way; the active site posi-
tions carbon 1 or carbon 3 in the dimethylallyl diphos-
phate immediately adjacent to and on a line with 
the atom in the indolyl group to which it is to add, 
normal to the planes of the sandwich, to give the 
product produced by that particular enzyme. The 
active site of each enzyme sterically shifts the di-
methylallyl diphosphate within the sandwich so 
that the proper orientation is achieved. 
 Enzymes in this family that add the carbenium 
ion to nitrogen 1, carbon 2, or carbon 3 of the indolyl 
group add either the tertiary carbon or the primary 
carbon of dimethylallyl carbenium ion 3-115, but 
enzymes in this set that add the carbenium ion to 
carbons 4, 5, 6, or 7, always add the primary carbon 
of the allylic carbenium ion to the respective carbons 
of the indolyl group. This general regiochemistry 
can be explained by the fact that, in the crystallo-
graphic molecular model of N1-(1,1-dimethylprop-
2-enyl)tryptophan synthase, carbon 1 of the dimethyl-
allyl S-thiolodiphosphate, which will become the 
primary carbon, sits against the phenyl ring of the 

indolyl group and carbon 3, which will become the 
tertiary carbenium ion, sits against the pyrrolyl 
group. 
 There are two related (25% identity; 3.2% gap 
percent) enzymes, 2-amino-4-deoxychorismate 
synthase from Burkholderia lata and anthranilate 
synthase from Serratia marcescens, that both convert 
chorismate to (2S)-2-amino-4-deoxychorismate 

 
                (3-413) 

in an elimination followed by an addition. In the 
active site of anthranilate synthase, (2S)-2-amino-
4-deoxychorismate undergoes the further elimina-
tion of an enolpyruvate anion and a hydron to form 
anthranilate, the nominal product of its reaction. In 
the active site of 2-amino-4-deoxychorismate syn-
thase, this elimination does not occur and 2-amino-
4-deoxychorismate, the nominal product of its reac-
tion, dissociates from the active site. 
 There are crystallographic molecular models of 
each active site occupied in both cases by benzoate, 
Mg2+, and pyruvate. When the molecular models of 
benzoate and pyruvate in each active site are replaced 
by a molecular model of 2-amino-4-deoxychorismate 
and the resulting structures are submitted to energy 
minimization, it can be seen that the molds created 
by the two active sites differ in one significant way. 
The mold formed by the active site of 2-amino-
4-deoxychorismate synthase sterically forces 2-amino-
4-deoxychorismate into a conformation in which 
the hydron at carbon 2, the amino carbon, is locked 
into an equatorial position, preventing its overlap 
with the neighboring p molecular orbital system of 
the cyclohexadiene. Forcing the hydrogen to adopt 
an equatorial position prevents the elimination, 
which requires it to be in an axial position, and also 
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tilts it away from the amino group of the lysine 
homologous to the lysine that removes the hydron 
in anthranilate synthase. In the mold formed by the 
active site of anthranilate synthase, however, the 
molecular model of 2-amino-4-deoxychorismate 
assumes a conformation that places the hydrogen 
on carbon 2 in an axial position, ensuring both its 
overlap with the neighboring p molecular orbital 
system and its juxtaposition with the amino group 
of the lysine responsible for its removal as a hydron.758 
Again, the final product of an enzymatic reaction is 
dictated by the conformation that the mold of the 
active site forces the substrates or intermediates to 
assume. 
 In the crystallographic molecular model of 
stearoyl-SCoA occupying the active site of murine 
stearoyl-CoA 9-desaturase, the octadecanoyl group 
of the stearoyl-SCoA snugly occupies a mold just 
long enough to contain it. The mold, when it is fully 
occupied, places carbons 9 and 10 of the octadecanoyl 
group immediately adjacent to the diferrous diiron 
cluster that is also in the active site.759 These two 
nonheme Fe2+, along with a molecule of oxygen, 
produce the peroxydiiron(III) (previously 2-135) 

 

This structure is the precursor to the high-valent 
oxoiron intermediate that performs the actual 
desaturation, producing the double bond between 
carbons 9 and 10. The mold itself is bent into an 
acute angle so that when the octadecanoyl group 
occupies the mold, it is bent by the mold at both 
carbon 9 and carbon 10, forcing the bond between 
them into a less stable gauche conformation that is 
closer to the geometry of the cis double bond in the 
product than the more stable trans conformation. 
Consequently, in addition to determining the speci-
ficity of the enzymatic reaction for a stearoyl-SCoA, 
the rigid mold in stearoyl-CoA 9-desaturase also 
ensures that the desaturation occurs between 
carbons 9 and 10 and that the product contains a 
cis double bond rather than the more stable trans 
double bond. 
 A kink, albeit on a much larger scale, occurs in 
the crystallographic molecular model of human 
DNA ligase (ATP) in complex with a double helix 
containing 20 base pairs that is nicked on one strand 
in the middle. The 5¢ end in the nick in this double 

helix has been adenylylphosphorylated on the 
5¢-hydroxy group to mimic exactly the adenylyl-
phospho intermediate in the enzymatic reaction, 
but the 3¢ end is lacking the 3¢-hydroxy group, so 
the intermediate cannot proceed further in the 
normal ligation. The mold formed by the active 
site, which completely surrounds the double helix 
over nine of its base pairs, physically distorts the 
double helix, unwinding it to produce a kink that 
offsets the helical axis on one side of the kink by 
0.5 nm from the helical axis on the other side. This 
kink opens up the double helix around the nick to 
allow the catalytic side chains in the active site to 
approach the phospho group at which the nucleo-
philic substitution at its phosphorus occurs as well 
as the 3¢-hydroxy group that is the nucleophile and 
the adenylyl leaving group.760 The product of the 
nucleophilic substitution is the repaired, intact 
double helix. In this instance, the mold formed by 
the active site distorts the reactant to provide access 
to the site of the reaction. 
 Rather than kink double-helical DNA at a site 
at which a base has been removed by a DNA glyco-
sylase that recognizes damaged bases, the mold of 
the active site of human exodeoxyribonuclease III 
physically bends the DNA at the site of the apurinic 
or apyrimidinic deoxyribosyl group. The bend is 
quite abrupt, and the axes of the double helix at the 
two sides of the bend are at an angle of 35ª to each 
other and are also displaced from each other by 
0.5 nm. This bend extrudes the deoxyribosyl group 
from the double helix and permits both the deoxy-
ribosyl group and the phospho groups at its 5¢ and 
its 3¢ end to enter the site at which the hydrolysis of 
these two phosphodiesters occurs, excising the 
apurinic or apyrimidinic deoxyribose.761 The bend 
produced by the mold of the active site in double-
helical DNA by the active site of type II site-specific 
deoxyribonuclease from E. coli is much smoother 
and less abrupt, but again the catalytic portion of 
the active site responsible for the hydrolysis is at 
the center of the bend. The major groove in the 
DNA is on the convex side of the bend, and at the 
center of the bend, the major groove is occupied by 
a loop of polypeptide. The seven side chains in this 
loop are responsible for recognizing the sequence of 
nucleotides in the DNA in the center of which the 
hydrolysis is to occur by reading the donors and 
acceptors for hydrogen bonds and the shapes of the 
base pairs along the major groove.527 Again, in both 
of these instances, the mold provides access of the 
portion of the substrate to be hydrolyzed, rather 
than ligated, to the site of the hydrolysis. 
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 Enzymes such as the fatty-acid synthase system 

      
                (3-414) 

or the polyketide synthases condense enolates of 
acetyl-SCoA formed by the decarboxylation of mal-
onyl-SCoA, one after the other, to produce an elon-
gating sequence of products. The ultimate length of 
the final product is dictated by the volume of the 
mold in a portion of the active site in which the 
elongating portion of the intermediate is situated. 
For example, chalcone synthase from Medicago sativa 
adds three acetyl units from three malonyl-SCoA, 
in equivalent Claisen condensations, one after the 
other, to 4-coumaryl-SCoA (analogous to the ace-
tyl-SCoA in Equation 3-414) to produce naringenin. 
The volume of the portion of the active site in 
which the elongating polyketide ends up762 causes 
the reaction to cease at three acetyl units when that 
volume has been filled. If the volume of that portion 
of the active site is decreased by mutating a glycine 
to a leucine, the enzyme produces bis-noryangonin, 
which results from the condensation of only two 
acetyl groups instead of three.763 
 Changing the shape of the mold by mutation 
can also change the identity of the product more 
significantly. For example, cyclohexanone monooxy-
genase from Thermocrispum municipale performs 
a Baeyer–Villiger oxidation (Figure 2-47) of the 
unnatural reactant 4-phenyl-2-butanone, for which 
the product is 2-phenylethyl acetate (<99%). When 
a leucine, phenylalanine, threonine, and leucine in 
the active site are mutated to glycine, glycine, phenyl-
alanine, and threonine, respectively, the regio-
chemistry of the reaction is reversed, and the product 
of the oxidation of 4-phenyl-2-butanone is ethyl 
phenylacetate (98%).764 The ester oxygen ends up on 
the other side of the original carbonyl group. 
 The role of the mold in determining the prod-
uct of the reaction is exploited most dramatically 
in the family of terpene cyclases. Terpene cyclases 
are enzymes that cyclize geranyl diphosphate (two 
isoprene units), (2E,6E)-farnesyl diphosphate (three 
isoprene units), or geranylgeranyl diphosphate (four 
isoprene units) to produce monoterpenes, sesqui-
terpenes, or diterpenes, respectively. Each terpene 
cyclase cyclizes the particular isoprenoid diphosphate 
that is its substrate to form its particular unique 

terpene or its characteristic distribution of two or 
three terpenes. These enzymes as a group produce 
a vast array of terpenes from only the three respec-
tive isoprenoid diphosphates. The set of sesquiter-
pene synthases alone, the structurally related 
enzymes that use only (2E,6E)-farnesyl diphos-
phate as a substrate, produces over 300 different 
products, each from the same precursor.765 Each 
active site in a terpene cyclase contains a mold that 
guides the reaction to the terpene or the two or three 
terpenes the enzyme is designed to produce.765-768 
The portion of a terpene controlled by the mold in 
a terpene cyclase is its polyisoprenyl group, which 
is entirely hydrocarbon. Consequently, hydrogen 
bonding is irrelevant and only the mold itself is 
guiding the reaction as it progresses. 
 The reaction of each of the hundreds of terpene 
cyclases begins with the heterolytic dissociation of 
the diphosphate from geranyl diphosphate, 
(2E,6E)-farnesyl diphosphate, or geranylgeranyl 
diphosphate to produce an allylic carbenium ion. 
In the active site of several if not most of the sesqui-
terpene synthases765,769,770 and monoterpene syn-
thases,770,771 the diphospho group on the (2E,6E)-far-
nesyl diphosphate that enters the active site with at 
least one Mg2+ as a ligand is further liganded with 
two more Mg2+. The result of such ligation is that it 
becomes a trimagnesium diphospho group with a 
cumulative charge number in its completely unhydro-
nated state of +3. This excess positive elementary 
charge makes the trimagnesium diphospho group 
an excellent leaving group, but the trimagnesium 
diphosphate dication that results from its leaving 
should be inert to further participation in the reac-
tion as either an acid or a base. The allylic carbenium 
ion of the geranyl group, the (2E,6E)-farnesyl 
group, or the geranylgeranyl group that results 
from the dissociation of the trimagnesium diphos-
phate then rearranges through a sequence of steps 
involving carbon–carbon bond formation by intra-
molecular alkylation (see Figure 1-26), leading to 
cyclization and the usual rearrangements of carbenium 
ions such as hydride migrations and 1,2-methyl 
migrations. The culmination of this sequence of 
reactions is usually the loss of a hydron to give a 
cyclic hydrocarbon, the terpene, that is the product 
of the reaction. A paradigmatic example of such a 
sequence of events is the one that proceeds in the 
active site of aristolochene synthase during the 
conversion of (2E,6E)-farnesyl diphosphate into 
(+)-aristolochene (Figure 3-48).770,772-775  
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Figure 3-48: Mechanism of the conversion of magnesium 
(2E,6E)-farnesyl diphosphate into (+)-aristolochene, a sesqui-
terpene, catalyzed by aristolochene synthase.772,773 In the active 
site of the enzyme, there are two Mg2+ ions that are ligands to 
the diphospho group in addition to the Mg2+ that enters the 
active site with (2E,6E)-farnesyl diphosphate.775 The first step 
is the dissociation of trimagnesium diphosphate as a leaving 
group, which produces an allyl carbenium ion, the predominant 
resonance form of which is drawn. The predominance of this 
resonance form, which fixes the configuration at carbon 1, as 
well as the immediate alkylation in the next step explains the 
fact that the reaction proceeds with inversion of configuration 
at that carbon774 even though it is a dissociative nucleophilic 
substitution (see the orientation in Figure 3-49A). The fact that 
this resonance form predominates explains how rotation about 
the bond between carbons 2 and 3 of the allylic carbenium ion 
can occur, as required, in certain terpene cyclases.770 The double 
bond between carbons 10 and 11 as a nucleophile adds to the 
electrophilic carbon 1 of the allylic carbenium ion, forming a 
single bond between carbon 1 and carbon 10. During this cyclic 
alkylation, the carbocation ends up at carbon 11, as a tertiary 
carbenium ion. A base, (-)O”, then removes a hydron from one 
of the methyl groups on carbon 11 to produce the neutral mole-
cule (-)-germacrene A, (1E,5E,8S)-1,5-dimethyl-8-prop-1-en-2-yl-
cyclodeca-1,5-diene, as an intermediate. The (-)-germacrene A 
then flips over in the active site to assume the orientation 
defined in Figure 3-49B. The double bond that was originally 
between carbons 6 and 7 of (2E,6E)-farnesyl diphosphate is then 
hydronated by a strong acid, (+)NH, to produce the tertiary 
carbenium ion at original carbon 7. The double bond between 
the original carbons 2 and 3 then adds to this electrophilic 
carbenium ion, and the resulting cyclic alkylation produces the 
tertiary 7-epi-a-selinenyl cation in which the original carbon 2 
forms a bond with the original carbon 7. The hydrogen that was 
on the original carbon 2 then migrates to the tertiary carbenium 
carbon of the 7-epi-a-selinenyl cation from its anterior posi-
tion, as drawn, to produce the S-configuration at the original 
carbon 3. The methyl group that was on the original carbon 7 
then migrates to the resulting tertiary carbenium carbon from 
the posterior position, as drawn, to produce the R-configuration 
of a quaternary carbon at the original carbon 2. The removal of 
a hydron by a base, (-)N”, from the original carbon 8 produces 
the product (+)-aristolochene. 
 
 
 
 
 
 The inhibitor (2E,6E)-farnesyl S-thiolodiphos-
phate is an analogue of the substrate (2E,6E)-farnesyl 
diphosphate that cannot participate in the reaction 
because the oxygen in the trimagnesium diphos-
pho group that leaves carbon 1 of (2E,6E)-farnesyl 
diphosphate has been replaced synthetically with a 
sulfur. This difference is the only one between the 
two molecules. In a crystallographic molecular 
model of the active site of aristolochene synthase 
from Aspergillus terreus occupied by magnesium 
(2E,6E)-farnesyl S-thiolodiphosphate (Figure 3-49A),775 
the mold into which the farnesyl group of the ana-
logue has inserted causes it to assume a confor-
mation favorable to the reaction that the enzyme 
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Figure 3-49: Stereodrawing576 of the mold for the farnesyl 
group of (2E,6E)-farnesyl diphosphate created by side chains of 
the amino acids and the polypeptide backbone within the active 
site of aristolochene synthase from A. terreus that ensures the 
production of (+)-aristolochene.775 Black atoms are carbons, 
white atoms are oxygens, small gray atoms are nitrogens, large 
light gray atoms are sulfurs, and large dark gray atoms are atoms 
of phosphorus. (A) Initial Michaelis complex between the active 
site and magnesium (2E,6E)-farnesyl diphosphate. Crystals 
were grown from a solution containing 0.15 mM active sites of 
aristolochene synthase, 1.0 mM MgCl2, 60 mM NaCl, 0.8 mM 
sodium diphosphate, and 0.75 mM (2E,6E)-farnesyl-S-thiolo-
diphosphate at pH 6.5. In the map of electron density calculated 
from a data set to Bragg spacing of 0.19 nm, there was a feature 
of electron density located in the active site into which a molec-
ular model of (2E,6E)-farnesyl-S-thiolodiphosphate (FSDP) 
could be confidently inserted, and there were three features of 
electron density consistent with three Mg2+ ions coordinated 
by the diphospho group. The mold into which the farnesyl 
group of the inactive analogue of the substrate (2E,6E)-farnesyl 
diphosphate inserts, and presumably the substrate itself, is 
featured in the drawing. It is formed by two phenylalanines, 
two tyrosines, a tryptophan, two leucines, two valines, a glycine, 

and an asparagine, as well as portions of the polypeptide back-
bone. The farnesyl group of the inactive analogue folds into this 
mold with carbon 1 only 0.40 nm from carbon 10 (dashed line). 
(B) Complex between the active site and the 7-epi-a-selinenyl 
cation. Crystals were grown from a solution containing 
0.15 mM active sites of aristolochene synthase, 1.0 mM MgCl2, 
60 mM NaCl, 0.8 mM sodium diphosphate, and 1.5 mM 
(1R,4aS,7S,8aR)-1,4a-dimethyl-7-(prop-1-en-2-yl)decahydroquin-
olinium at pH 6.5. (1R,4aS,7S,8aR)-1,4a-Dimethyl-7-(prop-1-en-
2-yl)decahydroquinolinium is an analogue of the 7-epi-a-selin-
enyl cation that is an intermediate in the enzymatic reaction in 
which the carbenium carbon has been replaced by a tertiary 
ammonium ion. In the map of electron density calculated from 
a data set to Bragg spacing of 0.19 nm, there were two features 
of electron density located in the active site into which a molecu-
lar model of (1R,4aS,7S,8aR)-1,4a-di-methyl-7-(prop-1-en-2-yl)-
decahydroquinolinium and a molecular model of a diphosphate 
could be confidently inserted, and there were three features of 
electron density consistent with three Mg2+ ions coordinated 
by the diphospho group. The drawing is in the same orientation 
as that in Panel A and is composed of the same side chains and 
strands of polypeptide. 
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catalyzes. The distance between carbons 1 and 10 
of (2E,6E)-farnesyl S-thiolodiphosphate, the atoms 
between which the first carbon–carbon bond would be 
formed in (2E,6E)-farnesyl diphosphate (Figure 3-48), 
is 0.40 nm, which is close to the distance expected of 
van der Waals contact (0.42 nm). 
 Intramolecular alkylations other than this first 
one, however, must be prevented by the mold. The 
carbenium ion at carbon 3 must be prevented from 
adding to carbon 10, and the distance between these 
two carbons is 0.47 nm, and they are held in an 
unfavorable orientation. The allyl carbenium ion that 
is formed in the first step must also be prevented 
from adding to the double bond between carbons 6 
and 7, which would be the more favorable cycliza-
tion in solution. In the conformation in which the 
farnesyl group is held by the active site, the distance 
between carbons 3 and 6 is 0.30 nm, the distance 
between carbons 1 and 6 is 0.46 nm, and the distance 
between carbons 3 and 7 is 0.35 nm. Even though 
they are immediately adjacent to each other, if car-
bon 3 were to add to carbon 6, an unfavorable four-
membered ring would form, an outcome ruling out 
this cyclization. The pair of carbons 1 and 6 and the 
pair of carbons 3 and 7, both suitable candidates 
for alkylation, are oriented by the mold in confor-
mations unsuitable for addition. 
 The inhibitor (1R,4aS,7S,8aR)-1,4a-dimethyl-
7-(prop-1-en-2-yl)decahydroquinolinium ion is an 
analogue of the 7-epi-a-selinenyl cation that is an 
intermediate in the enzymatic reaction (Figure 3-48). 
It is identical in structure to the 7-epi-a-selinenyl 
cation with the exception that the positively 
charged carbon of the carbenium ion is replaced by 
a positively charged ammonio nitrogen. In a crys-
tallographic molecular model of the active site of 
aristolochene synthase from A. terreus occupied by 
(1R,4aS,7S,8aR)-1,4a-dimethyl-7-(prop-1-en-2-yl)deca-
hydroquinolinium ion and magnesium diphos-
phate (Figure 3-49B),775 it can be seen that the 
intermediate has flipped over in the active site rela-
tive to the initial orientation of the (2E,6E)-farnesyl 
group. One might ask why this should be the case. 
 The most difficult step in the reaction catalyzed 
by the active site of aristolochene synthase is the 
hydronation of the carbon–carbon double bond in 
(-)-germacrene A (Figure 3-48). Such a hydrona-
tion requires a strong acid, and an acid that is 
strong enough is hard to come by in the active site 
of an enzyme. The hydron that departs from original 
carbon 12 of the (2E,6E)-farnesyl diphosphate in 
the third step of the mechanism, as with any hydron 
that departs from a carbon adjacent to a carbenium 

ion, is a strong acid. The feat is to somehow transfer 
that strongly acidic hydron from original carbon 12 
to original carbon 6 without losing its acidity. 
 This acidic hydron is removed from original 
carbon 12 by a molecule of water held tightly in posi-
tion by Asparagine 219 (0.28 nm), Asparagine 305 
(0.28 nm), and Serine 309 (0.27 nm). These three 
tetrahedrally arrayed hydrogen bonds force a lone 
pair of electrons on the molecule of water against 
carbon 12 of (2E,6E)-farnesyl S-thiolodiphosphate 
at a distance of 0.31 nm, well within van der Waals 
contact (0.38 nm), and in precisely the orientation 
required for removing a hydron in a hydrogen–
carbon bond parallel to the vacant p orbital on an 
adjacent carbenium ion on original carbon 11. 
 An acidic hydron is added to original carbon 6 
in (-)-germacrene A, after it has flipped over in the 
active site, by the 4-hydroxy group of Tyrosine 67. 
In the complex between the active site and 
(1R,4aS,7S,8aR)-1,4a-dimethyl-7-(prop-1-en-2-yl)deca-
hydroquinolinium ion (Figure 3-49B), the equatorial 
hydrogen on the carbon of the analogue of the 
7-epi-a-selinenyl cation equivalent to original car-
bon 6 lies on the line of centers between the oxygen 
of this 4-hydroxy group and the carbon, and the 
distance between oxygen and carbon is 0.36 nm, 
within the sum (0.38 nm) of the van der Waals radii 
for hydrogen and oxygen and the length of a carbon–
hydrogen bond. The distances and orientations 
leave little doubt that these two acid–bases, the 
molecule of water and the 4-hydroxy group of the 
tyrosine, are responsible for the respective dehy-
dronation and hydronation. 
 Connecting the fixed molecule of water that 
acts as a base and the 4-hydroxy group of Tyro-
sine 67 that acts as an acid in each crystallographic 
molecular model is a network of oxygens partici-
pating in hydrogen bonds. The hydroxy group of 
Serine 309, the molecule of water, the acyl oxygen 
of Asparagine 305, and the phenolic 4-hydroxy 
group of Tyrosine 67 comprise this network. The 
values of pKa for the hydronated forms of these four 
oxygens are -3, 0, -0.5, and -6, respectively. Each 
oxygen becomes a strong acid, in turn, when it is hy-
dronated, and as judged from the individual values 
of pKa, each is capable of conserving the acidity of 
the hydron removed by the molecule of water from 
original carbon 12 adjacent to the carbenium ion 
on original carbon 11. A hydron can be readily dis-
tributed among them through the hydrogen bonds 
creating the network. None of these participants, 
however, is able to hydronate the double bond 
between original carbons 6 and 7 in the initial con-
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formation of the (2E,6E)-farnesyl diphosphate as it 
folds into the active site (Figure 3-48). Only after 
the neutral molecule of (-)-germacrene A, which is 
a stable intermediate and not evanescent as are the 
various carbenium ions, flips over in the active site 
is the carbon–carbon bond positioned for hydrona-
tion by the hydronated, cationic 4-hydroxy group 
of Tyrosine 67 (pKa = -6) bearing the relayed, 
strongly acidic hydron. The fact that the plane of 
the phenyl ring is normal to the line of centers 
between the oxygen and the carbon is not conse-
quential because hydronation of the 4-hydroxy 
group to produce an acid strong enough to hydronate 
the carbon–carbon bond would unconjugate the 
oxygen from the p system of the ring.* 
 Site-directed mutations reinforce the conclusion 
that these amino acids are involved in the hydron 
transfers that produce, in turn, the (-)-germacrene 
A and the 7-epi-a-selinenyl cation. When the hom-
ologue of Tyrosine 67 in aristolochene synthase 
from Penicillium roqueforti is mutated to a phenyl-
alanine777 or an alanine778, the specificity constant 
for (2E,6E)-farnesyl diphosphate decreases by a 
factor of 1000, and 44% or 100%, respectively, of the 
terpenes produced by the active site are those 
expected if the reaction cannot proceed beyond 
(-)-germacrene A. When Serine 309 is mutated to 
an alanine, although the specificity constant for the 
production of (+)-aristolochene is unaffected, the 
mutant produces (-)-germacrene A as a product 
(10%), a fact suggesting that the hydronation of the 
(-)-germacrene A in the active site has been ham-
pered because the molecule of water is no longer so 
rigidly fixed. When Asparagine 305 is mutated to 
alanine, the specificity constant for production of 
(+)-aristolochene decreases by a factor of 20, and 
half of the product produced is now (-)-germacrene A, 
again indicating a failure to hydronate the 
(-)-germacrene A while it is in the active site. When 

                                     
*Despite the desire that it be so,776 it is unlikely that the trimag-
nesium diphosphate that is the leaving group in the first step of 
the reaction participates as an acid or a base in any of the hydro-
nations or dehydronations that occur during the enzymatic 
mechanism of aristolochene synthase. First, it would be almost 
impossible to hydronate any of the oxygens of the trimagne-
sium phosphate because in its completely unhydronated state 
it has a formal charge number of +2. Second, the only connec-
tion between the water that removes a hydron from original 
carbon 12 and the hydronated 4-hydroxy group that hydronates 
(-)-germacrene A is two hydrogen bonds to the amido group of 
Asparagine 219. An amido group is a very poor base that can-
not be hydronated in the orientation in which it is firmly fixed 
in both crystallographic molecular models. This amido group is 
responsible for rigidly fixing the molecule of water rather than 
any hydron transfers. 

both Serine 309 and Asparagine 305 are mutated to 
alanines, the specificity constant for production of 
(+)-aristolochene decreases by a factor of 400, and 
95% of the product is a mixture of (-)-germacrene A 
and (2E,6E)-farnesol, and (E)-nerlolidol.776 These 
are products expected from an almost complete 
failure to hydronate (-)-germacrene A in the active 
site and either its release into the solution or the 
hydration of precursors to it, respectively. This last 
result is consistent with the rigidly oriented net-
work of hydrogen bonds being replaced by a more 
disorganized collection of molecules of water in the 
empty space that is created by the two mutations to 
alanine and that is much less efficient at retaining 
the strongly acidic hydron and transferring it from 
one carbon to the other. In addition to indicating 
that the network of hydrogen bonds is responsible 
for the dehydronation to form the (-)-germacrene A 
and its subsequent hydronation, all these results 
are also consistent with the intermediate dehydro-
nation and hydronation becoming the rate-limiting 
step of the reaction in the mutants rather than the 
dissociation of the trimagnesium diphosphate. 
 A comparison of the two crystallographic mo-
lecular models (Figure 3-49) suggests that the mold 
formed by the active site is not completely rigid 
and has a degree of plasticity. For example, the 
side chains of Leucine 83, Leucine 86, and Phenyl-
alanine 87 have assumed different conformations 
in the two molecular models in which the unflipped 
and flipped orientations of the intermediate are 
observed. This observation suggests that the ability 
of the mold to change shape in certain locations in 
a certain way is also critical to determining the 
product of a specific cyclase. 
 All these observations, albeit made on only one 
of the terpene cyclases, lead to the following view 
of the mechanism common to the enzymes in this 
family. The first step in the reaction catalyzed by 
the active site of a terpene cyclase is the dissocia-
tion of diphosphate from the linear isoprenoid diphos-
phate to produce an allylic carbenium ion. Following 
the production of the allylic carbenium ion, the 
mold in which it finds itself determines which cycliza-
tions, alkylations, rearrangements, hydronations, 
and dehydronations of the carbenium ion occur. 
During these processes, it is unlikely that the evolving 
carbenium ion reorients in the mold because it is 
so evanescent, but a stable intermediate terpene 
can reorient in the mold. Consequently, the mold 
must be plastic enough to tolerate not only the 
changes in shape of the evolving carbenium ion but 
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Figure 3-50: Enforcing the conformations of (+)-germacrene A 
that lead to 5-epi-aristolochene and vetispiradiene. These con-
versions proceed to completion within the active sites of 
5-epi-aristolochene synthase and vetispiradiene synthase, 
respectively, and each passes through the same two intermediates, 
the sesquiterpene (+)-germacrene A and the 5-epi-a-selinenyl 
cation, which is produced in both active sites by hydronation 
of (+)-germacrene A and carbon–carbon bond formation 
across the center of the ring. The reactions diverge at the point 
where migration occurs across the central bond in the 
5-epi-a-selinenyl cation. One way to control this migration 
conformationally is to control whether the methyl group or the 
carbon–carbon bond is parallel to the p orbital of the carbenium 
 
 
 
 

ion in the 5-epi-a-selinenyl cation. This conformational differ-
ence is prefigured in the angle enforced by the mold of the 
respective active site between the two endocyclic double 
bonds in (+)-germacrene A. If they are held in a conformation 
in which they are parallel, the methyl group will eventually end 
up parallel to the cation; if they are held in a conformation in 
which they are inclined at 60ª to each other, the carbon–
carbon bond will eventually end up parallel to the cation. It 
is also possible that bulky groups in the active sites of 
5-epi-aristolochene synthase and vetispiradiene synthase steri-
cally prevent the migration of the carbon–carbon bond and the 
methyl group, respectively, of the 5-epi-a-selinenyl cation. 
 
 
 
 
 

also the reorientation of a stable intermediate. The 
shape of the active site and the plasticity that is inher-
ent in the composition of the amino acids forming 
it determine the ultimate product or products of 
the reaction. In this way, basically the same chemical 
reaction can lead to the terpene, or the small number 
of terpenes, particular to that enzyme while the 
family of terpene cyclases, each with its own particu-
lar mold, can produce hundreds of different terpenes. 
 Site-directed mutation of amino acid side chains 
within the mold formed by the active site can 
change the product of the reaction catalyzed by one 
of these terpene cyclases. For example, nine differ-
ent amino acids in the active site of epi-isozizaene 
synthase from S. coelicolor were mutated to create 
a set of 26 different mutants. Ten different sesqui-
terpenes that are not produced by the wild-type 
enzyme were produced by one or more of these 

mutants. Three different sesquiterpenes that were 
produced as minor products by the wild type were 
major products produced by one or more of the 
mutants.779 When a single phenylalanine in the 
active site was mutated to seven different amino 
acids, each mutant produced one of five different 
sesquiterpenes, all different from epi-isozizaene.780 
 5-Epi-aristolochene synthase converts the farne-
syl allylic carbenium ion, formed when trimagne-
sium diphosphate dissociates from trimagnesium 
(2E,6E)-farnesyl diphosphate, to the sesquiterpene 
5-epi-aristolochene (Figure 3-50). It has a 5-epi-a-seli-
nenyl cation as an intermediate, rather than a 
7-epi-a-selinenyl cation, because the intermediate 
that is hydronated in its active site is (+)-germ-
acrene A rather than (-)-germacrene A.781 The reaction 
proceeds through an intramolecular, electrophilic 
alkylation that forms a carbon–carbon bond followed 

CH3

H

H
CH3

H
H

H

H

H H

H
CH3

H

CH3
HH

C

H
H CH3

H

CH3

H
H

H
H

CH3

H

H H

H CH3

H
H

CH3
HHCH3

H
H

H

H
H

H

H

CH3

H H

H

H

CH3

H H

H
HH

CH3

H
H

CH3CH3

H

H

H
H

H
H

CH3

H

H

CH3CH3

H

H
H

H

H

(+)-5-epiaristolochene

(+)-germacrene A

vetispiradiene

H3C

H

H

(

H3CH3C
H3C

(

H3C

H

H
(H

HH
(

H H

H(
HCH3 HCH3 H

H3C
(+)AH H

(H

5-epi-  -selinenyl
cation

(–)A”

R

R 1

a

(–)A”

1 1

premnaspirodiene
synthase

1

1
(–)A

”(+)A
H

1

5-epi-aristolochene
synthase

1

1

(–)A”

(–)A”

(–)A

”

(+)A
H



Crystallographic Studies of Active Sites  
 

853 

by the transfer of a hydron, just as in the first steps 
of the mechanism of aristolochene synthase (Fig-
ure 3-48), but the mold in 5-epi-aristolochene syn-
thase dictates the formation of an R configuration 
at original carbon 10 instead of an S configuration. 
The resulting stable intermediate, (+)-germacrene 
A, is also locked in the mold in a conformation that 
causes the two carbon–carbon double bonds with-
in its ring to assume opposite orientations instead 
of the same orientation as they do in the active site 
of aristolochene synthase (Figure 3-49A) so that a 
5-epi-a-selinenyl cation is formed as an intermedi-
ate. A hydride migration, a 1,2-methyl migration, 
and a dehydronation produces (+)-5-epi-aristolochene 
rather than (+)-5-aristolochene. A crystallographic 
molecular model of a complex between the enzyme 
from Nicotiana tabacum and magnesium 2-fluoro-
(2E,6E)-farnesyl diphosphate, an inactive analogue 
of magnesium (2E,6E)-farnesyl diphosphate, has 
been reported.766,769 
 There is a terpene cyclase closely related to 
5-epi-aristolochene synthase from N. tabacum, 
vetispiradiene synthase from Hyoscyamus muticus 
(75% identity; 0.9 gap per cent), that converts 
(2E,6E)-farnesyl diphosphate to vetispiradiene 
(97%) rather than (+)-5-epi-aristolochene, also 
through an intermediate 5-epi-a-selinenyl cation 
(Figure 3-50). When the nine amino acids that form 
the mold enforcing the rearrangement of 
(2E,6E)-farnesyl diphosphate to (+)-5-epi-aristolo-
chene (in 90% yield) in the active site of 
5-epi-aristolochene synthase are mutated to the 
amino acids occupying those locations in vetispir-
adiene synthase, to create a mold dictating the 
production of vetispiradiene, the mutant 5-epi-aristo-
lochene synthase produces vetispiradiene (in 75% 
yield) instead of (+)-5-epi-aristolochene (in 3% 
yield).782 A mutant in which only two of the nine 
amino acids have been mutated has a mold that 
dictates yet another sesquiterpene, epi-eremorphilene 
(70%). These observations demonstrate that, on the 
same superstructure, the mold can be remachined 
by natural selection to change the products of the 
enzymatic reaction, and they also further explain 
the raft of products produced by the various ter-
pene cyclases. 
 The triterpene cyclase cycloartenol synthase from 
A. thaliana 

         
                (3-415) 

was mutated at random rather than at specific 
positions in its sequence of amino acids, and the 
mutants were selected for their ability to produce 
another triterpene, lanosterol, from (3S)-2,3-epoxy-
2,3-dihydrosqualene. It was found that either the 
mutation of an amino acid in the lining of the mold 
or the mutation of an amino acid in the protein 
outside the mold in this enzyme could change the 
shape of the mold sufficiently to cause it to dictate 
the production of lanosterol instead of cycloar-
tenol.783,784 In the case of two related (54% identity; 
0.6 gap percent) triterpene synthases, lupeol synthase 
from Olea europaea and b-amyrin synthase from 
Panax genseng, the mutation of leucine to trypto-
phan or the mutation of tryptophan to leucine at 
the respective homologous positions in the sequences 
of amino acids caused the lupeol synthase to produce 
b-amyrin (>99%) and the b-amyrin synthase to 
produce lupeol (66%).785 
 The terpene cyclizations described in detail in 
Figures 3-48 and 3-50 leave the impression that 
the intermediate carbenium ions in such cycliza-
tions are always allyl or tertiary carbenium ions and 
that the mold cannot overcome the significant in-
stability of secondary carbenium ions relative to 
allyl or tertiary carbenium ions. In the majority of 
terpene cyclizations, the intermediates are either 
allyl or tertiary carbenium ions, a realistic prefer-
ence, but there are terpene cyclases in which the 
mold is able to dictate that a secondary carbenium 
ion be an intermediate. For example, in the initial 
cyclization in the active site of pentalenene synthase, 
a secondary carbenium ion is the intermediate 

                (3-416) 

in an intramolecular alkylation of an alkene that is 
analogous to the first step in the alkylation catalyzed 
by aristolochene synthase (Figure 3-48), except for 
its regioselectivity. The mold of the active site dic-
tates that the allyl carbenium ion cyclize to a humulyl 
ion, which is a secondary carbenium ion, rather 
than the tertiary germacradienyl ion. In the active 
site of pentalenene synthase from Streptomyces 
exfoliatus in a complex with 12,13-difluorofarnesyl 
diphosphate, an inactive analogue of farnesyl diphos-
phate, the mold holds carbon 1 of farnesyl diphos-
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phate 0.03 nm closer to carbon 11 than to carbon 10, 
and one face of the p molecular orbital system of 
the phenyl group of a phenylalanine is pushed up 
against carbon 10 and the hydrogen on carbon 9. 
This phenyl group should be able to stabilize the 
secondary carbenium ion on carbon 10 by a cation-p 
interaction and orient the carbon–hydrogen bond 
on carbon 9 so that it is parallel to the vacant 
p orbital on the carbenium ion to provide hyper-
conjugation.786 These features of the mold are 
thought to overcome the instability of the secondary 
carbenium ion. 
 There is a synthetic cavity that is able to en-
close various derivatives of (E)-geraniol that have 
been activated by attaching leaving groups compe-
tent to form the geranyl carbenium ion. The resulting 
enclosed carbenium ion rearranges to produce one 
of a set of various monoterpenes. In this instance, 
the cavity remains the same; the distribution of 
monoterpenes produced depends on steric effects 
resulting from the different sizes of the appended 
leaving groups but also the time during which the 
rearrangement takes place.787 
 It is also possible to reconfigure the mold in an 
active site by mutation so that it will accept a 
chemical compound that is not present in the bio-
logical collection of metabolites and thereby use an 
enzyme, evolved for a different substrate, to per-
form a nonbiochemical reaction desired by a synthetic 
organic chemist.779 
 So far, the rigidity of the mold and its ability to 
grip substrates and intermediates in fixed orienta-
tions to select the proper reactant and determine 
the proper product have been stressed. In at least 
one instance, however, it was demonstrated that 
changing the structure of a fatty acyl group in the 
reactant for a monooxygenase, by changing one of 
its methylene carbons to an oxygen, caused the fat-
ty acyl group to slide over in the active site so that 
the oxygenation occurred at the carbon adjacent to 
the one normally oxygenated.788,789 This observa-
tion suggests that functional groups of substrates, 
especially alkanes, are not always held that im-
movably in their subsites. 
 
 The orientation of substrates and intermedi-
ates accomplished by the more or less rigid mold 
comprising an active site is the exploitation by 
natural selection of the principle of least nuclear 
motion. The principle of least nuclear motion790 is 
that those elementary reactions will be favored that 
 

involve the least change in atomic position.791 A 
corollary of this principle is that the less change in 
atomic position a reaction involves, the lower will 
be the standard free energy of activation and the 
faster will the reaction proceed. 
 Active sites follow this corollary by providing a 
mold that not only is complementary to the transi-
tion state or the transition states in a reaction but 
also positions reactants and products such that 
their atoms are as close as possible to the positions 
occupied by respective atoms in the transition 
state. This aspect of a mechanism proceeding in 
the active site of a particular enzyme can be appre-
ciated by superposing crystallographic molecular 
models representing complexes between the active 
site and reactants, intermediates, and products.792 
For example, superposition of crystallographic molec-
ular models of complexes between ¬-methionine 
adenosyltransferase from E. coli 

     
                (3-417) 

and magnesium 5A-adenylic imidodiphosphonic 
anhydride (MgAMPPNP2-) and ¬-methionine, on 
the one hand, and S-adenosyl-¬-methionine and 
magnesium phosphoric imidodiphosphonic anhy-
dride, on the other, shows that the atoms in the 
reactants move less than 0.1 nm during the transi-
tion to products (Figure 3-51).793 The omit map of 
electron density (Figure 3-35) for the equilibrium 
mixture of 2-phospho-∂-glycerate and phosphoenol-
pyruvate and the molecule of water in the active site 
of phosphopyruvate hydratase illustrates how 
small the movements are in the positions of the 
atoms when reactant is converted to product. 
 The superposition of crystallographic molecular 
models of complexes between human double-
stranded uracil-DNA glycosylase and an analogue 
of the reactant, an analogue for the intermediate 
oxocarbenium ion, and the products of the reaction 
show that the only atom that moves more than 
0.1 nm during the reaction is the 1A-glycosidic carbon 
of the ribose in the uridylyl group.794 An identical 
conclusion was reached about the respective 
1A-glycosidic carbons and the other atoms in the 
substrates from crystallographic molecular models 
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Figure 3-51: Superposition of stereodrawings576 of molecular 
models of ligands in the active site in two crystallographic 
molecular models of complexes of methionine adenosyltrans-
ferase from E. coli. One molecular model is for the complex of 
the enzyme with its substrate ¬-methionine and the inhibitor 
MgAMPPNP2-, and the other molecular model is for the complex 
of the enzyme with its substrate S-adenosyl-¬-methionine (SAM) 
and the inhibitor magnesium phosphoric imidodiphosphonic 
anhydride (PPNP).793 Black atoms are carbons, white atoms 
are oxygens, small gray atoms are nitrogens, large light gray atoms 
are sulfurs, and large dark gray atoms are atoms of phosphorus. 
The enzyme was dissolved in a solution containing 5 mM 
MgAMPPNP2-, 10 mM ¬-methionine, and 5 mM MgCl2 at 
pH 8.0. After 60 min at 37 ªC, the protein was crystallized. In the 
map of electron density calculated from a data set to Bragg 
spacing of 0.25 nm and calculated by imposing noncrystallo-
graphic 222(D2) symmetry on the tetramer of the enzyme, the 
resulting feature of electron density located in the active site 
could be shown to be the sum of electron density arising from 

molecules of ¬-methionine and MgAMPPNP2- and electron 
density arising from molecules of S-adenosyl-¬-methionine 
and magnesium phosphoric imidodiphosphonic anhydride. 
The latter pair of molecules arose from the nucleophilic transfer 
of an adenylyl group from MgAMPPNP2- to ¬-methionine cata-
lyzed at the active site by the enzyme. Consequently, the molecu-
lar models of the former pair of molecules and the latter pair of 
molecules were each inserted into this feature of electron density 
at half occupancy, and the resulting molecular model was 
submitted to refinement. The final refined positions of the two 
pairs of substrates are superposed in the drawing. Two features 
of electron density consistent with Mg2+ were found to be coordi-
nated by 5A-adenylic imidodiphosphonic anhydride, and 
phosphoric imidodiphosphonic anhydride, and those two 
Mg2+ (gray spheres) are included in the drawing. The 5A-carbon of 
the ribosyl group in the adenylyl group, at which the nucleophilic 
substitution catalyzed by the enzyme occurs, moves 0.13 nm 
during the substitution, and the 4A-carbon moves 0.06 nm. 
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for complexes of bovine purine-nucleoside phos-
phorylase,795 uridine phosphorylase from E. coli,796 
and adenine phosphoribosyl transferase from Giardia 
intestinalis.797 All these observations emphasize 
that enzymes are usually designed to minimize 
changes in atomic position as their reactions pro-
ceed. 
 
 The active site must also accommodate both 
the reactants and the products of the enzymatic 
reaction. In cases in which the reaction requires 
only minimal alterations in the reactants during 
their conversion to products, the principle of least 
nuclear motion can be satisfied during the conversion. 
In more complicated reactions, however, rather 
significant shifts, such as the flipping over of 
(-)-germacrene A (Figure 3-48), have to occur in the 
bound substrates and intermediates for the reaction 
to proceed successfully from reactants to products. 
For example, in the reaction catalyzed by aldehyde 
dehydrogenase (NAD+) 

          (3-418) 

there are three consecutive steps with quite different 
chemistry: nucleophilic addition of the sulfanyl 
group of a cysteine in the active site to the carbonyl, 
dehydrogenation of the resulting thiohemiacetal by 
NAD+, and hydrolysis of the resulting thioester. In 
the crystallographic molecular model of the active 
site of human aldehyde dehydrogenase (NAD+) occu-
pied by NAD+, the nicotinamide ring of NAD+ is in 
the location expected for removal of the hydride 
from the thiohemiacetal, but when the active site is 
occupied by NADH, the nicotinamide ring has 
withdrawn from its former location. The adenosyl 
group remains fixed in place as the reduced nicotin-
amide and its ribosyl group are displaced by about 
0.4 nm from their position in the complex with 
NAD+. It has been proposed that the purpose of this 
withdrawal of the nicotinamide ring performed by 
the active site is to provide room for the hydrolysis 
to proceed.798 At the beginning of the reaction, the 
NAD+ assumes the former conformation as it asso-
ciates with the active site, and at the end of the 

reaction, the NADH is in the latter conformation, 
having shifted as the reaction progresses. 
 In the active site of photoactive yellow protein 
from Halorhodospira halophila, when the chromo-
phore, (E)-4-hydroxycinnamic acid, photoisomerizes 
to (Z)-4-hydroxycinnamic acid, which is the photo-
chemical product, hydrogen bonds to the chromo-
phore break initially, but within 100 ps the rigidity of 
the active site causes them to re-form. Nevertheless, 
the active site is flexible enough to accommodate 
the Z carbon–carbon double bond, an accommo-
dation that requires shifts in the mold of up to 
0.1 nm.664  
 As the example of the subsite in trypsin respon-
sible for its specificity has illustrated (Figure 3-46), 
the mold provided by the active site must some-
times be designed so that a subsite within it is able 
to recognize two different reactants. This accom-
modation can be accomplished by having a mold 
either large enough or flexible enough to achieve it. 
There are many other examples of subsites within 
active sites that must recognize more than one 
functional group. For example, unlike double-
stranded uracil-DNA glycosylase from herpes simplex 
virus type 1, which must exclude cytosine from the 
active site, cytidylate kinase from D. discoideum 
must phosphorylate both cytidine phosphate and 
uridine phosphate, so the active site must be able to 
accommodate both substrates. The active site uses a 
molecule of water that is not controlled by other 
donors and acceptors, as is the one in double-
stranded uracil-DNA glycosylase, to act as a donor 
for a hydrogen bond to the acyl oxygen at position 4 
of the uracil and as an acceptor for a hydrogen 
bond from the carbamoyl nitrogen–hydrogen at 
position 4 of the cytosine.799 
 A significantly greater requirement for accom-
modation is satisfied by the active site of branched-
chain-amino-acid transaminase from E. coli 

   
                (3-419) 

The same subsite in the active site must recognize 
both the polar side chain of glutamate and the 
nonpolar side chain of leucine as well as those of 
isoleucine and valine. The subsite is a hydrophobic 
tube into which the isobutyl, 2-butyl, and isopropyl 
groups of leucine, isoleucine, and valine, respec-
tively, can insert, as well as the two methylenes of 
the glutamate, and the tube has four donors at its 
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end that form hydrogen bonds with the carboxylato 
group of the glutamate when it is in the subsite or 
among themselves and molecules of water when it 
is not.800 
 Thermolysin catalyzes the hydrolysis of peptide 
bonds to the amino-terminal side of hydrophobic 
amino acids such as alanine, valine, leucine, isoleu-
cine, and phenylalanine almost exclusively.801,802 
The reliability of this specificity results from the 
expandable, exclusively hydrophobic pocket observed 
in the crystallographic molecular model at the location 
in the active site where the side chain on a reactant 
associates on the carboxy-terminal side of the point 
of cleavage (Figure 3-42). Phospholipase A2 from 
Naja atra must recognize phospholipids that have 
the usual heterogeneous mixture of fatty acyl sub-
stituents at oxygens 2 and 3 of the glycero group. 
Consequently, it has a deep, flexible pocket lined 
entirely by hydrophobic side chains to accommodate 
indiscriminately the long alkyl and alkenyl chains.447 
 The transaminases that use pyridoxal phosphate 
as a prosthetic group are particularly good examples 
of active sites that must recognize two substrates at 
the same subsite of the complete mold. During 
transamination, an amino group is transferred from 
an amine to a 2-oxo acid, usually 2-oxoglutarate. The 
2-oxo acid becomes an a-amino acid, usually 
¬-glutamate, and the amine becomes the respective 
ketone, in which the oxygen of a carbonyl group 
replaces the amino group, just as the amino group 
replaced the oxygen of a carbonyl on the 2-oxo acid. 
The order of the steps in the forward reaction is 
mechanistically the same as the order of the steps 
in the reverse reaction. Because of this symmetry, a 
subsite within the active site has to accommodate 
equivalently both ketones and both amines and 
their respective adducts with pyridoxal phosphate. 
For example, ¬¬-diaminopimelate aminotransferase 
transfers an amino group from ¬¬-2,6-diamino-
heptanedioate to 2-oxoglutarate to produce 
¬-glutamate, which is ¬-2-aminopentanedioate, 
and ¬-2-oxo-6-aminoheptanedioate. The reaction 
takes place in ¬¬-2,6-diaminoheptanedioate and 
¬-glutamate at the 2-amino groups and in the respec-
tive ketones at the 2-oxo groups, but the functional 
groups attached to the carbons 2, a 4-amino-
4-carboxybutyl group and a 2-carboxyethyl group, 
respectively, differ significantly in length and substi-
tution. Nevertheless, they must be accommodated 
by the same subsite in the active site. 
 In contrast to the subtle arrangement of acceptors 
for hydrogen bonds necessary to recognize both 
arginines and lysines in the specificity pocket of 

trypsin, the arrangement of donors for hydrogen 
bonds necessary to recognize both ¬-glutamate and 
¬¬-2,6-diaminoheptanedioate in the specificity pocket 
of ¬¬-diaminopimelate aminotransferase from A. thal-
iana803 is more straightforward. The 6-carboxylato 
group in the substrate ¬¬-2,6-diaminoheptanedioate 
and its various adducts with pyridoxal phosphate is 
two methylenes further away from its carbon 2 
than the 4-carboxylato group in the substrate 
¬-glutamate is from its carbon 2, and there is the 
additional ammonio group in the former. Never-
theless, the same donors to the 6-carboxylato group 
in ¬¬-2,6-diaminoheptanedioate and its adducts, two 
tyrosines and a lysine, are used in the same roles to the 
4-carboxylato group of ¬-glutamate and its adducts. 
The two extra methylenes in ¬¬-2,6-diaminoheptane-
dioate are accommodated by kinking the longer 
alkane. The additional 6-ammonio group in ¬¬-2,6-di-
aminoheptanedioate, immediately adjacent to the 
6-carboxylato group, occupies a pocket that is occu-
pied by disordered molecules of water when ¬-gluta-
mate is in the active site. Two of these disordered 
molecules of water become fixed as acceptors for 
hydrogen bonds from the ammonio group, and the 
third nitrogen–hydrogen of the ammonio group 
forms a hydrogen bond with the carbamoyl group 
in the side chain of an asparagine. This carbamoyl 
group was hydrated in the complex with ¬-glutamate 
by the disordered molecule of water taking the 
place of the ammonio group in ¬¬-2,6-diamino-
heptanedioate. 
 In a much less dramatic example, the same 
arginine, with the same canonical hydrogen bonds 
(3-111), recognizes both the b-carboxylato group 
of ¬-aspartate and its adducts and the g-carboxylato 
group of ¬-glutamate and its adducts in the active 
site of aspartate transaminase (Equation 3-410).709 
 Because it transfers the amino group from 
¬-histidinol phosphate (3-117) to 2-oxoglutarate to 
produce 3-(imidazol-4-yl)-2-oxopropyl phosphate 
and ¬-glutamate (3-118) 

 

histidinol-phosphate transaminase has to accom-
modate both the substrate ¬-histidinol phosphate 
and its adducts, as well as ¬-glutamate and its adducts. 
In the active site of the enzyme from E. coli, the 
guanidinio group of Arginine 386 forms canonical 
hydrogen bonds (3-111) with the a-carboxylato 
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group of ¬-glutamate and donates the same nitrogen–
hydrogens to two of the oxyanions of the phospho 
group in ¬-histidinol phosphate. An amido nitrogen–
hydrogen from the carbamoyl group of Asparagine 194 
donates a second hydrogen bond to one of the oxy-
anions of the a-carboxylato group of ¬-glutamate 
and donates a second hydrogen bond to the oxyan-
ion of the phospho group of ¬-histidinol phosphate 
that ends up in the same location. A molecule of 
water fixed in position by Aspartate 109 acts as a 
donor in a hydrogen bond with the 4-carboxylato 
group of ¬-glutamate, and Aspartate 109 by itself 
acts as an acceptor to the t-nitrogen of the imidazolyl 
group of ¬-histidinol phosphate. Because ¬-histidinol 
phosphate has more donors and acceptors for hydro-
gen bonds than ¬-glutamate, the remainder of the 
donors and acceptors to ¬-histidinol phosphate 
and its adducts are unique. A reasonable cup for 
the phospho group, with two donors for each oxy-
anion, and two acceptors for the two donors on the 
imidazolio group are provided by the active site.804 
 In the case of transaminases, because two dif-
ferent amines or amino acids have to engage in the 
same nucleophilic addition to the internal pyridox-
imine, the subsite that recognizes one of the substrates 
must recognize the other substrate but also exclude 
other amines and amino acids. The active sites in 
these enzymes have evolved to employ a strategy 
where the prosthetic pyridoxal phosphate remains 
in a fixed location in the active site while the different 
substrates add to it from within the same subsite. 
If, however, the substrates that are required to par-
ticipate in reactions with a prosthetic group are 
dramatically different in structure, the active site 
may be constructed in such a way that the prosthetic 
group moves between two subsites for the substrates, 
rather than the two substrates occupying the same 
subsite. For example, the reduced prosthetic flavin 
in the active site of ¬-ornithine N5-monooxygenase 
(NADPH) 

    
                (3-420) 

becomes oxidized during the hydroxylation of 
¬-ornithine and must be rereduced by NADPH, two 
substrates that differ considerably in structure. In 
crystallographic molecular models of the active site 
of the enzyme from Kutzneria occupied by various 
substrates, a significant movement of 0.6 nm within 
the active site of the 7,8-dimethylisoalloxazine of the 

prosthetic flavin adenine dinucleotide was observed 
that shifts it back and forth between the subsite 
with which NADPH associates and the subsite with 
which ¬-ornithine associates.805 
 As is illustrated by the active site of aristolochene 
synthase (Figure 3-49), there are also subsites 
within certain active sites that must accommodate 
two orientations of the same intermediate. For 
example, in the crystallographic molecular model 
of phosphoglycerate mutase from Leishmania mexi-
cana, the active site is occupied by an equilibrium 
mixture of the sole reactant 3-phospho-:-glycerate 
and the sole product 2-phospho-:-glycerate. In 
this equilibrium mixture within the active site, the 
reactant and the product differ in their confor-
mation and orientation only by a 120ª rotation 
around the bond between carbons 1 and 2 while the 
carboxylato group remains fixed in position. The 
rotation is accompanied by a tilt that nevertheless 
retains the position of the two carboxylato oxygens 

   
                (3-421) 

but brings the phospho group on carbon 2 of 
2-phospho-:-glycerate into the same position it 
occupies on carbon 3 of 3-phospho-:-glycerate.806 
In the enzymatic reaction, the phosphate is trans-
ferred from oxygen 3 to Serine 75 to give the inter-
mediate ∂-glycerate, the rotation and the tilt of the 
intermediate :-glycerate take place, and the phos-
pho group is then transferred to oxygen 2 from Ser-
ine 75. 
 In the active site of UDP-glucose 4-epimerase 
(previously Equation 1-88) 
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a hydride is removed from carbon 4 of UDP-galactose 
by the prosthetic NAD+ in the active site, and the 
resulting 4-oxoglucopyranosyl group of UDP-4-dehy-
droglucose pivots so that the hydride can be added 
by the stationary NADH to the side of the 4-oxo 
group opposite the side from which it was removed 
to produce UDP-glucose.* Carbon 4 of the hexose 
and its hydroxy group are held in exactly the same 
orientation and position by the active site in both 
UDP-galactose and UDP-glucose (Equation 3-422). 
This reorientation of the intermediate 4-oxopyranose 
is defined by crystallographic molecular models of 
complexes between an inactive mutant of the enzyme 
from E. coli and either UDP-galactose or UDP-glu-
cose (Equation 3-422).807 In a related (28% identity; 
3.0 gap percent) enzyme, UDP-glucuronic acid 
4-epimerase from B. cereus, when crystallographic 
molecular models of the active site occupied by the 
reactant and product, UDP-∂-glucuronic acid and 
UDP-∂-galacturonic acid, which in the active site in 
the crystal are in equilibrium with each other, are 
superposed, the epimeric carbons 4 in the two sub-
strates occupy identical positions even though the 
two pyranoses have flipped over.587 
 In a crystallographic molecular model (Figure 
3-52)808 of the complex between porcine aconitate 
hydratase 

                                     
*Convince yourself that, in the drawing of UDP-galactose and 
UDP-glucose in Equation 3-422, the hydrogen on carbon 4 has 
the opposite stereochemistry even though it is pointed in the 
same direction, namely, the direction of the nicotinamide. 

   
                (3-423) 

and isocitrate, the isocitrate coordinates only one 
of the iron ions, a Fe2+,809 in a prosthetic [4Fe-4S] 
iron–sulfur cluster with its a-hydroxy group and 
one of the oxygens* in its a-carboxylato group 
(upper right structure in Equation 3-423).810 In the 
crystallographic molecular model between citrate 
and an inactive mutant of bovine aconitate hydratase 
in which Serine 642† has been changed to alanine, 
one of the oxygens of the b-carboxylato group and 
the b-hydroxy group of the citrate occupy the same 
two coordination sites on the Fe2+.811 In each case, 
the hydroxy group that is bound to Fe2+ is the one 
that leaves as ferrous hydroxide from both isocitrate 
and citrate, respectively, to produce cis-aconitate. 
 The cis-aconitate then must reorient in the active 
site, switching its coordination from its a-carboxy 
group to its b-carboxy group or vice versa (lower 
equilibrium in Equation 3-423). During this change 
in ligation, the cis-aconitate, when it is unliganded 
to the iron, pivots on the two s bonds between the 
carbon–carbon double bond and the g-carboxylato 
group while the g-carboxylato group remains fixed 
 
                                     
*This coordination resembles the coordination of the molyb-
denum ion in the [Mo–7Fe–9S–C] cluster of dinitrogenase by 
homocitrate (Figure 2-62). 
†The hydroxy group of Serine 642 is equidistant (0.34-0.36 nm) 
from one oxygen in each of the three carboxy groups of isocitrate 
(Figure 3-52) but does not seem to form a hydrogen bond with 
any of them. 
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Figure 3-52: Stereodrawing576 of the crystallographic molecular 
model of the active site of unmodified, enzymatically active 
porcine aconitate hydratase occupied by the substrate iso-
citrate.808 Black atoms are carbons, white atoms are oxygens, 
small gray atoms are nitrogens, and large light gray atoms are 
sulfurs. In the iron–sulfur clusters, large light gray spheres are 
sulfides and small dark gray spheres are iron ions.The enzyme 
was purified from porcine heart, activated with 2 mM ferrous 
ammonium sulfate and 2 mM sodium dithionite, and crystal-
lized in 2.4 M ammonium sulfate, 15 mM 1,2,3-tricarboxy-
propane, 20 mM citrate, and 60 mM 2-amino-2-(hydroxy-
methyl)propane-1,3-diol at pH 7.8. A data set to Bragg spacing 
of 0.20 nm was collected. Electron density consistent only with 
isocitrate was observed in the active site even though the enzyme 
was crystallized in the presence of only citrate. The isocitrate 
was a ligand to the iron ion in the [4Fe-4S] iron–sulfur cluster 
that lacks a cysteine as a fourth tetrahedral ligand (iron at top 
corner) while all the other iron ions have a cysteine as their 
fourth ligands. This iron ion is hexacoordinate rather than tetra-
hedral as the others are, and it is a ferrous ion.809 Three of its 

open coordination sites are filled by the three sulfides of the 
cluster. The isocitrate provides two ligands to the hexacoordi-
nate Fe2+: its 2-hydroxy group and its 1-carboxylato group. The 
final ligand to the Fe2+ is a molecule of water that acts as a 
Brønsted acid that hydronates the 3-carboxylato group of the 
isocitrate by relaying the acidity of Aspartate 166 or Histidine 
167. cis-Aconitate performs a pivot in the active site so that its 
1-carboxylato group (the a-carboxylato group in Equation 
3-423) is replaced as a ligand to the hexacoordinate Fe2+ by its 
3-carboxylato group (the b-carboxylato group in Equation 
3-423). Following the pivot, the 1-carboxylato group of 
cis-aconitate that left the Fe2+ ends up with its two oxygens in 
the same pocket that was occupied by the two oxygens of the 
3-carboxylato group that is now on the Fe2+. This retention of 
position can be visualized by moving in your imagination the 
carboxymethyl group from carbon 2 of the isocitrate to carbon 3, 
thus creating citrate, and rotating the carboxymethyl group 
until its two oxygens end up in the same place that they were 
before you moved the carboxymethyl group. 
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by the two canonical hydrogen bonds between its 
two oxygens and the two w-amido nitrogens of 
Arginine 580 as well as four other donors. After the 
pivot, the hydroxy group of the ferrous hydroxide 
can be added to the other end of the carbon–carbon 
double bond so that isocitrate can be turned into 
citrate or citrate can be turned into isocitrate. Both 
before and after the pivot, the two oxygens of the 
a-carboxylato group in citrate and the two oxygens 
of the b-carboxylato group in isocitrate, respectively—
in each case the carboxylato group that is neither a 
ligand to the Fe2+ nor the acceptor for the hydrogen 
bonds from Arginine 580—end up in the same 
pocket in the active site. In this pocket, the two 
oxygens of the a-carboxylato group before the 
pivot or the b-carboxylato group after the pivot are 
acceptors in six hydrogen bonds. While it is pivoting 
and neither of these carboxylato groups is associated 
with this pocket or with the Fe2+, the loosely held 
cis-aconitate often leaves the active site, so there is 
always a significant concentration of cis-aconitate 
in the solution or the cytoplasm, and it enters and 
leaves the active site while the net conversion of 
citrate to isocitrate or the net conversion of iso-
citrate to citrate is proceeding.  
 
 The crystallographic molecular models of 
complexes between an enzyme and its substrates, 
prosthetic groups, or inhibitors define the boundary 
of the active site within which the reactants associate 
and at which they are converted to products. This 
active site will usually be a crevice, closed box, or 
tubular hole812 deep enough, wide enough, and 
long enough to accommodate all the reactants 
when they are bound to the enzyme simultaneously. 
Its walls—from which protrude the functional 
groups that recognize the substrates, provide free 
energy of association, and catalyze the reaction—
are formed from strands of the polypeptide compris-
ing the protein. Although there are multienzymatic 
complexes that have active sites for more than one 
catalytic activity,813 such as the multienzymatic 
complexes for fatty acid synthesis, the active sites 
of most enzymes are constructed to catalyze only 
one reaction or two or more closely related reactions. 
 In a monomeric enzyme, each molecule of the 
protein has an active site at a unique location on its 
surface or in its interior. Almost all enzymes, however, 
are oligomers formed from two or more protomers. 
In an oligomeric enzyme, each molecule of the oli-
gomer almost always contains as many active sites 
as there are protomers. Usually, the active sites are 
all identical to each other, they are formed from 

strands of polypeptide that are all from the same 
protomer, and they are distributed over the surface 
or the interior of the oligomer by the same symmetry 
operations that govern the arrangements of the 
protomers themselves.814 There are, however, many 
examples in which an active site in an oligomeric 
protein is constructed from strands of polypeptide 
from more than one of the protomers. In most of 
these instances, strands of polypeptide from two 
protomers form the active site, but in rare cases, an 
active site is constructed from strands of polypeptide 
from three protomers,815-817 and in at least one 
instance, an active site is formed from strands of 
polypeptide from four of its protomers.818,819 In 
such situations, the active site, by definition, lies 
within an interface or interfaces in the oligomer. 
 When an active site is formed from strands of 
polypeptide from more than one protomer, there 
can be two outcomes. The two or three protomers 
that form the interface or interfaces within which 
the active site is located are almost always related 
to each other by a twofold rotational axis of 
symmetry820 or a threefold rotational axis of 
symmetry,821 respectively. If the rotational axis of 
symmetry runs through the active site, it necessarily 
follows that the same amino acids from each pro-
tomer form the active site, and therefore there can 
only be one active site that is formed by the two or 
three protomers. In such a situation, the number of 
active sites in the oligomer will be equal to half or a 
third the number of protomers, respectively. If, 
however, the active site is formed from strands of 
polypeptide from only two of the protomers in the 
oligomer and the twofold rotational axis of sym-
metry relating them is far enough from the active 
site that all the strands of polypeptide forming an 
active site are unique, then there will be two active 
sites in the interface between the two protomers 
related by the axis of symmetry. In this instance, 
the number of active sites in the oligomer will be 
equal to the number of protomers. This equiva-
lence is the usual case because an active site with 
an axis of symmetry running through it has difficulties 
associating with asymmetric substrates. 
 Ribulose-bisphosphate carboxylase812 
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                (3-424) 

from Spinacia oleracea is composed of eight copies 
of a folded a polypeptide (475 aa) and eight copies 
of a folded b polypeptide (123 aa). The octamer 
contains four a2 dimers arranged around a fourfold 
rotational axis of symmetry, and the two twofold 
rotational axes of symmetry relating the subunits 
within the a2 dimers are both normal to, and inter-
sect perpendicularly at, the fourfold rotational axis 
of symmetry. Only the b subunits link the four 
a2 dimers together around the fourfold axis of 
symmetry, so each a2 dimer is an independent unit 
of the higher structure. Each a2 dimer of ribulose-
bisphosphate carboxylase contains two active sites 
symmetrically displayed on opposite sides of the 
twofold rotational axis of symmetry of that a2 dimer. 
These two identical and symmetrically related active 
sites both lie within the interface between the two 
a subunits. The amino acids that form each of the 
two active sites (Figure 3-53)812 are Threonine 171, 
Lysine 173, Lysine 175, Threonine 198, Aspartate 200, 
Glutamate 202, Histidine 292, Arginine 293, Histi-
dine 325, Lysine 332, Leucine 333, Serine 377, Gly-
cine 378, Glycine 379, Glycine 401, and Glycine 402 
from one subunit (designated A in the figure) and 
Glutamate 58, Threonine 63, Tryptophan 64, and 
Asparagine 121 from the adjacent subunit across 
the interface (designated B in the figure). In no case 
is the same amino acid from both subunits present 
in the same active site, so there can be two active 
sites in each a2 dimer. 

 This catalogue of the amino acids forming the 
active site of ribulose-bisphosphate carboxylase illus-
trates the fact that an active site is formed from a 
cluster of neighboring amino acids in the structure 
of the protein, regardless of their covalent affiliation. 
The only purpose for which the polypeptide has 
folded to form a globular structure and for which 
this globular structure has been created by natural 
selection is to gather these amino acids in proper 
alignment to catalyze the enzymatic reaction. Because 
the polypeptide folds into a complexly ordered, 
globular structure, amino acids distant in the 
sequence of amino acids or from different polypep-
tides are brought together opportunistically to form 
an active site.822 
 If it is unknown, but suspected for some reason, 
that an active site is composed of amino acids from 
two different subunits, this suspicion can be examined 
by complementation. An oligomer of an enzyme 
that has been mutated at one amino acid so that it 
is enzymatically inactive is mixed, under conditions 
where the subunits or the oligomer can interchange, 
with an inactive oligomer of the same enzyme that 
has been mutated at a different amino acid. If the 
enzymatic activity returns, one explanation is that 
the unmutated amino acid on the one subunit has 
joined the unmutated amino acid on the other in a 
now unmutated active site. For example, when His-
tidine 68 in the active site of adenylosuccinate lyase 
from B. subtilis is mutated to a glutamine or Histi-
dine 141 is mutated to an alanine, the resulting mu-
tants are each enzymatically inactive. When equal 
amounts of the two inactive mutants are mixed 
together in 20 mM NaCl at pH 7 and 25 ªC for 12 h, 
enzymatic activity returns. The final level of recon-
stituted activity is equal to 15% of the level expected 
for the concentration of active sites present. If His-
tidine 68 from one subunit and Histidine 141 from 
an adjacent subunit are part of the same active site 
at the interface between the two subunits in adenylo-
succinate lyase, the probability that unmutated 
Histidine 68 from one subunit and unmutated Histi-
dine 141 from the other subunit end up in the same 
active site, if the subunits interchanged completely 
and at random, should be 25%, close to the observed 
value.823 A yield of 25% has been observed in another 
complementation.824 
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Figure 3-53: Stereodrawing576 of the crystallographic molecular 
model of the active site of ribulose-bisphosphate carboxylase 
from S. oleracea occupied with 2-carboxy-∂-arabinitol 
1,5-bisphosphate, an analogue for intermediate 3-119 in the 
enzymatic reaction (Equation 3-424).812 The complex between 
ribulose-bisphosphate carboxylase and 2-carboxy-∂-arabinitol 
1,5-bisphosphate was crystallized from a solution of ammonium 
sulfate. The phases of the reflections were determined by multi-
ple isomorphous replacement with three derivatives. A model 
of the polypeptide was inserted into the initial map of electron 
density, and the resulting molecular model was used to initiate 
refinement. After several cycles of refinement, a molecular 
model of 2-carboxy-∂-arabinitol 1,5-bisphosphate (CABP) was 

inserted into the difference map of electron density within a 
feature of positive electron density that was unmistakably the 
correct size and shape. Refinement then proceeded to a final 
R-factor of 0.24. The view is of the analogue (in thick lines) sur-
rounded by segments of the polypeptide creating the active 
site. The polypeptide backbone is drawn with lines of interme-
diate width, and the side chains are drawn with thin lines. In 
the final crystallographic molecular model, the active site is a 
blind tube, open at one end to the solution, into which the 
2-carboxy-∂-arabinitol 1,5-bisphosphate has inserted. It is 
formed from eight strands of polypeptide, six from one subunit 
(designated A) and two from an adjacent, identical subunit related 
to the first by a twofold rotational axis of symmetry (designated B). 
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Figure 3-54: Stereodrawing576 of the crystallographic molecular 
model of the a2 dimer of aspartic endopeptidase from human 
immunodeficiency virus type 1 group M subtype B (isolate 
BH10).825-828 The viral enzyme was expressed in E. coli and 
crystallized. The space group of the crystals was P41212 with a 
single folded polypeptide in the asymmetric unit and related to 
an immediately adjacent asymmetric unit by an exact crystal-
lographic twofold rotational axis of symmetry. Together these 
two folded, symmetrically related polypeptides form one mole-
cule of the enzyme. The phases of the reflections to 0.3 nm 
were determined by molecular replacement using a previous 
crystallographic molecular model of the protein, and the resulting 
crystallographic molecular model was refined against a data 
set with Bragg spacing to 0.14 nm. The drawing is of the poly-
peptide backbones (thin lines) of the two folded polypeptides 

in the refined crystallographic molecular model of the com-
plete molecule of the enzyme. The exact twofold rotational axis 
of symmetry of the molecule is normal to the plane of the page. 
Those portions of the polypeptide backbones and those side 
chains of the amino acids that make contact with peptide in 
complexes between the enzyme and substrates or peptidic inhibi-
tors829,830 are highlighted by thicker lines. The active site that is 
defined by these thicker lines runs diagonally across the enzyme 
as drawn from top left to bottom right. The active site makes 
contact with as many as ten amino acids in the polypeptide 
that it cleaves, which stretches in an elongated conformation 
across the active site. Two symmetrically displayed flaps of 
polypeptide form two symmetric arches enclosing the active 
site and the substrate. 
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 One of the more unusual active sites is that in 
the aspartic endopeptidase from human immuno-
deficiency virus type 1 (Figure 3-54).822,825-830 The 
protein is an a2 dimer composed of two identical 
polypeptides (99 aa). It is a member of a family of 
aspartic endopeptidases that includes the pepsins 
from animals. Most of the other members of the 
family, however, are composed of folded polypep-
tides at least twice as long. These larger proteins all 
have an internal duplication that resulted from a 
gene duplication, and the two internally repeating 
domains, each of which is superposable on a single 
subunit of the dimeric viral enzyme, are arranged 
around a twofold rotational axis of pseudosym-
metry that passes through the one protomer. In the 
large aspartic endopeptidases, this axis of pseudo-
symmetry passes through the one active site 
formed by the single folded polypeptide. In the viral 
aspartic endopeptidase, however, each of the two 
identically folded polypeptides assume the same 
position as one of the two domains in a larger aspartic 
endopeptidase, the protein is an a2 dimer containing 
only one active site, the two folded polypeptides 
are arranged around a twofold rotational axis of 
symmetry, and the twofold rotational axis of sym-
metry in the a2 dimer passes through the center of 
the single active site (Figure 3-54). 
 The peculiar aspect of this situation is that 
although the active site of the viral aspartic endo-
peptidase is symmetric in the unoccupied enzyme, 
its reactant, a strand of polypeptide that it is designed 
to cleave, is completely asymmetric, a fact that pre-
sents the difficulty already noted. When the reactant 
associates with the active site, the conformation of 
each subunit changes to complement the distinct 
sequence of five amino acids with which it associ-
ates on its side of the point of cleavage, so in the 
complex the conformations of the two protomers 
have become different from each other.829,830 This 
plasticity within the active site contrasts with the 
rigidity of the active site in a terpene synthase but is 
a common feature of an endopeptidase that must 
accept many different sequences of amino acids. 
The symmetry of the unoccupied active site, however, 
can be exploited in designing inhibitors for a viral 
aspartic endopeptidase. A twofold rotationally 
symmetric inhibitor was synthesized that was 
bound tightly (Ki = 5 nM) to the aspartic endopep-
tidase from human immunodeficiency virus type 1.831 
 The larger, internally duplicated aspartic endo-
peptidases are examples of one of the outcomes 
that can result from gene duplication. As with these 
endopeptidases, the active site of diaminopimelate 

epimerase from H. influenzae also sits at the two-
fold rotational axis of pseudosymmetry in a mono-
meric protein that has two internally repeating 
domains.832 Lactoylglutathione lyase from S. cere-
visiae, however, has two internally repeating domains, 
each of which forms its own active site, so there are 
two functional active sites on each monomer of this 
enzyme, each catalyzing the same reaction.833 
Some of the internally duplicated hexokinases have 
one functional active site on each of the two internally 
repeating domains, two for each folded polypeptide, 
while in others, one of the active sites has become 
defunct.834 
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is a strong inhibitor of dihydrofolate reductase that 
is competitive with respect to dihydrofolate, which 
it closely resembles. A view of a portion of the crys-
tallographic molecular model of the complex between 
methotrexate and the active site of dihydrofolate 
reductase from L. casei is presented in the following 
figure. There are six hydrogen bonds, indicated 
with dashed lines, between the pteridinyl group of 
the inhibitor and the active site. 

 

 (A) Identify by their numbers the donor or acceptor 
to the methotrexate in each of the six hydrogen 
bonds. Identify the amino acid side chain by 
naming the amino acid, identify an atom 
from the peptide backbone by naming the 
functional group, and identify any other donor 
or acceptor by its name.  

 (B) Draw the s structure of only the pteridinyl 
group of methotrexate. Include all s lone 
pairs of electrons and acidic hydrons in their 
proper orientations. As an afterthought, to 
make your drawing more familiar, add p elec-
trons distributed as they would be in one of the 
resonance structures.  

 (C) Around the pteridine ring in your drawing, 
place the functional groups that form the 
hydrogen bonds seen in the figure. Draw 
each functional group fully enough so that it 
is clear what it is. Draw each functional 
group with the proper size to match your 
drawing of the pteridine ring. Orient each 
functional group so that an ideal hydrogen 
bond is formed in each instance. Put s lone 
pairs on the acceptors for hydrogen bonds in 
the proper orientations. Put acidic hydro-
gens on the donors for hydrogen bonds in 
the proper orientations. Choose one of the 
resonance hybrids of the functional groups.  

 (D) Two of the hydrogen bonds as they are 
formed in the crystallographic molecular model 
are not in the ideal configuration. Which two 

are they and why are they not ideal? Why 
does it not matter?  

 
 The following figure is a view of the active site 
in the crystallographic molecular model of bovine 
chymotrypsin.835 The narrow dashed lines are sup-
posed to indicate hydrogen bonds. 

 

 (E) Make a list identifying both the donor and 
the acceptor in each of the 14 hydrogen 
bonds. Identify the amino acid side chain by 
naming the amino acid, identify an atom 
from the peptide backbone by naming the 
functional group, and identify any other do-
nor or acceptor by its name.  

 (F) Attempt to draw out each hydrogen bond 
with the care you exercised in your answer to 
part B.  

 (G) If you have done your work carefully enough, 
you will have found at least three hydrogen 
bonds indicated in the figure that are formally 
impossible for electronic or steric reasons. 
Identify each formally impossible hydrogen 
bond and describe why each is impossible.  

 (H) Assume that the crystallographer knew these 
were impossible as written and meant to indi-
cate a different arrangement from single hydro-
gen bonds. Provide a reasonable explanation 
for what may be happening at each formally 
impossible location.  

 

 

Problem 3-31: What information would be obtained 
from the crystallographic molecular model of the 
complex between P1,P5-bis(5A-adenosyl) penta-
phosphate and adenylate kinase?836 
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Problem 3-32: What information can be gained 
from a crystallographic molecular model of the 
complex between deoxyuridine 5A-diphosphate and 
dUTP diphosphatase?837 

 

 

Problem 3-33: Draw the structures of the two reac-
tants that the bisubstrate analogue 3-87 for sper-
midine synthase combines into one molecule. 
Draw them next to a drawing of bisubstrate ana-
logue 3-87 so that it is clear which parts of the ana-
logue mimic which reactant. 

 

Problem 3-34: (1S)-1-Diphospho-(2R,3R)-dihydroxy-
(4S)-4-(phosphoryloxymethyl)cyclopentane838 forms 
inactive complexes with phosphoribosyl transfer-
ases and the acceptor to which the phosphoribosyl 
group is transferred. These complexes can be crys-
tallized, and in the crystallographic molecular models 
the alignment of the acceptor and the analogue 
producing the phosphoribosyl transfer can be 
observed.839 Why is this analogue inactive in the 
enzymatic reaction? 

 

Problem 3-35: Tartrate dehydrogenase catalyzes 
three different reactions:41 

 

The enzyme has a Mn2+ as a prosthetic group in its 
active site. 
 
 (A) Draw each reactant in a sawhorse represen-

tation, with the R carbon of each reactant in 
front and in the same orientation. Draw the 
carbon in back of your structures of (R,R)-tar-
trate and (R,S)-tartrate with the hydroxy 

group in the orientation in which it can share 
the Mn2+ in the active site with the carboxy 
group on the front carbon in a metallocyle 
with six atoms.  

 (B) Explain the results of the three reactions in 
terms of these three structures that you just 
drew by making your mechanisms as similar 
as possible, aligning orbitals to permit the 
required overlap, and completing each reac-
tion with least nuclear motion.  

 

Problem 3-36: One way to verify that an active site 
is formed from strands of polypeptide from two dif-
ferent protomers in an oligomer is to perform a 
hybridization of mutants to assess complementa-
tion.840-843 Suppose that Tyrosine 85 from one pro-
tomer and Lysine 273 from another protomer in an 
oligomeric enzyme participate in the same active 
site. Tyrosine 85 can be mutated to alanine (Y85A) 
and Lysine 273 can be mutated to alanine (K273A), 
and oligomers with only Y85A protomers and oli-
gomers with only K273A protomers are both com-
pletely inactive. 

 
 (A) If equimolar amounts of each mutant oligomer 

are mixed together, the oligomers dissociate 
into monomers, and the monomers then 
reassociate into oligomers at random. What 
are the four different types of active sites that 
would result from the hybridization?  

 (B) In what ratio would these four different active 
sites be present in the final hybrids?  

 (C) What would be the enzymatic activity of this 
final mixture of hybrids relative to that of the 
unmutated, wild-type enzyme?  

 (D) Suppose a constant concentration of Y85A 
homooligomer is mixed with increasing con-
centrations of K273A homooligomer, the 
oligomers dissociate, and the monomers 
reassociate at random. Derive an equation 
for the fraction of Y85A protomers that 
would be associated with K273A homo-
oligomers in the final mixture of hybrids.844 

 (E) In the experiment described in part D, what 
would be the enzymatic activity for each 
mole of Y85A protomer relative to the enzy-
matic activity for each protomer in the wild-
type enzyme at infinite concentration of 
K273A?  

 
  

MgdUTP 
2–  +  H2O  1

                                       dUMP 
–  +  MgOPO3PO3

2–  +  H+

(R,R )-tartrate + NAD+ 1
                             (R )-oxaloglycolate + NADH + H+

(R,S )-tartrate + NAD+ + H+  1
                           CO2 + (R )-glycerate + NAD+

(R )-malate + NAD+ 1
                                    CO2 + pyruvate + NADH
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Physical Measurements of Complexes between 
Enzymes and Ligands 

The same stable complexes between enzymes and 
substrates and inhibitors that can be studied crys-
tallographically and that were just discussed at 
length can also be probed by physical measure-
ments. The most commonly used physical methods 
for this purpose are infrared spectroscopy, ultraviolet 
and visible spectroscopy, and nuclear magnetic 
resonance spectroscopy. 
 
 Infrared spectroscopy is used to monitor 
changes in vibrational modes in a substrate or the 
analogue of a substrate when it associates with an 
active site. Although other molecular vibrational 
modes, such as those of the phosphorus–oxygen 
bonds in nucleotides and other substrates with 
phosphate groups,845,846 can be followed, the 
strong, characteristic stretching frequency of the 
carbon–oxygen double bond of a carbonyl group or 
an acyl group in a substrate or an inhibitor bound 
in an active site is most often monitored by infrared 
spectroscopy. When a substrate or an inhibitor is 
bound in the active site, its infrared vibrational 
modes overlap those of the protein, so either Fouri-
er transform infrared spectroscopy or Raman infra-
red spectroscopy, in both of which peaks of 
absorbance are significantly narrowed, is used for 
measurements. In addition, in both instances a dif-
ference spectrum between a solution of the enzyme 
alone and a solution of the same concentration of 
enzyme with the active site occupied by the substrate 
or inhibitor is used to isolate the vibrational modes of 
the ligand. 
 When glycerone phosphate associates with triose-
phosphate isomerase (Equation 3-384) from 
G. gallus, the stretching frequency of its carbonyl 
group847 in a difference Fourier transform infrared 
spectrum between a solution of the enzyme alone 
and a solution of the enzyme with the active site 
occupied by glycerone phosphate has a maximum 
of absorbance at 1713 cm-1. This stretching vibra-
tion has been assigned to the carbonyl group of 
glycerone phosphate when it occupies the active 
site in its productive orientation. In free solution, 
the same absorption has a maximum of absorbance 
at 1732 cm-1. Consequently, there is a shift of –19 cm-1 
in this absorption upon association of glycerone 
phosphate with the active site. By site-directed 
mutation, this shift could be shown to result from 
the presence of the imidazolyl group of the histidine 
in the active site848 that is immediately adjacent to, 

and that forms a hydrogen bond with, the carbonyl 
oxygen of glycerone phosphate in the crystallo-
graphic molecular model of the occupied active site 
(Figure 3-37). 
 19-Nortestosterone is an enone 

 

that is a competitive inhibitor of steroid D-isomerase 

  
                (3-425) 

with respect to the substrate androst-5-ene-
3,17-dione.849 A difference Fourier transform infra-
red spectrum was recorded for 19-nortestosterone 
when it is occupying the active site of steroid 
D-isomerase from P. putida.850 Upon association of 
the inhibitor with the active site from the solution, 
the maximum of absorbance for the stretching 
frequency of its carbonyl group shifts -46 cm-1, 
from 1634 to 1588 cm-1. 
 In a low-resolution structure of the active site 
of steroid D-isomerase from C. testosteroni occupied 
by the succinyl ester of nortestosterone, obtained 
by two-dimensional nuclear magnetic resonance 
spectroscopy, both the carboxy group of Aspartate 99 
and the hydroxy group of Tyrosine 14 are immediately 
adjacent to the carbonyl oxygen of the inhibitor.851 
In a high-resolution crystallographic molecular 
model of the same active site occupied by equilenin, 
an inhibitor with the same carbon skeleton as 
19-nortestosterone in which the two rings to the 
left in the drawing of 3-120 are aromatic, one of the 
carboxy oxygens of Aspartate 99 and the hydroxy 
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group of Tyrosine 14 form compressed (0.26 nm) 
hydrogen bonds with the hydroxy group that takes 
the place of the carbonyl carbon of 19-nortestos-
terone.852 One of the oxygens of the homologous 
carboxy group in Aspartate 103 and the homolo-
gous hydroxy group in Tyrosine 16 in the active site 
of the enzyme from P. putida form short (0.26 nm) 
hydrogen bonds with the carbonyl oxygen of 
19-nortestosterone (3-120) in the crystallographic 
molecular model of its occupied active site.853 
 When Aspartate 103 of the enzyme from P. putida 
is mutated to a leucine, the maximum of absorbance 
for the stretching frequency of 19-nortestosterone 
in the active site shifts +32 cm-1 to 1626 cm-1. 
When Tyrosine 16 is mutated to a phenylalanine,850 
the maximum of absorbance for the stretching fre-
quency shifts +61 cm-1 to 1649 cm-1, a value larger 
than that of the stretching vibration of 19-nortes-
tosterone in solution but not so large as its value in 
hexane (1690 nm). Both of these results suggest 
that the red shift observed when 19-nortestosterone 
associates with the enzyme is due to both of these 
hydrogen bonds and also that the 19-nortestosterone 
is in a nonpolar environment. 
 Isotopic editing can be used to assign absorp-
tions in difference Fourier transform infrared spectra. 
For example, replacing a carbon-12 in a molecule, 
either synthetically or biosynthetically, with a car-
bon-13 increases the mass of that atom. The force 
constants of the bond remain the same, but the 
increase in mass causes the vibrational modes in 
which that carbon atom participates to shift to a 
lower frequency. These shifts in frequency can then 
be used to identify the absorptions that arise from 
the vibrational modes in which this carbon partici-
pates. For example, when [2-12C]pyruvate is bound 
in the active site of the complex between NADH 
and porcine ¬-lactate dehydrogenase 

   
                (3-426) 

there is a maximum of absorbance in the difference 
Fourier transform infrared spectrum854 of the resulting 
ternary complex at 1679 cm-1. When [2-13C]pyruvate 
associates with the same complex, the absorption 
with a maximum of absorbance at 1679 cm-1 is no 
longer present in the difference spectrum and is 
replaced with an absorption with a maximum of 
absorbance at 1640 cm-1. The magnitude of the 
shift to lower frequency is that expected for the 

shift of the stretching vibration of a carbonyl group 
as a result of the increase of 1.00 g mol-1 in the molar 
mass of the carbon. Consequently, the maximum of 
absorbance at 1679 cm-1 was assigned to the 
stretching frequency of the carbonyl group in the 
[2-12C]pyruvate occupying the active site. The 
frequency of the maximum of absorbance for the 
stretching vibration of the carbonyl in [2-12C]pyruvate, 
which was assigned by isotopic editing, shifts         
–31 cm-1, from 1710 to 1679 cm-1, when the pyruvate 
enters the active site from the solution. 
 By recording a complete difference spectrum 
between the ternary complex of [2-12C]pyruvate and 
that of [2-13C]pyruvate with the active site occupied 
by NADH, other vibrational modes in which this 
carbon participates could also be identified, including 
a complex vibrational mode in which atoms from 
both pyruvate and the nicotinamide of NADH partic-
ipate. This latter result is consistent with the obvious 
fact that pyruvate and NADH are intimately associ-
ated with each other in the active site. 
 Isotopic editing was also used to identify the 
stretching vibration of the ureido carbon–oxygen 
double bond at carbon 2 of orotidine 5¢-monophos-
phate and the stretching vibration of the acyl carbon–
oxygen double bond at carbon 4 of orotidine 
5¢-monophosphate when this substrate occupies 
the active site of orotate phosphoribosyltransferase 

     
                (3-427) 

from Plasmodium falciparum in the absence of 
magnesium diphosphate. On the basis of these identi-
fications, it could be unambiguously demonstrated 
that the frequencies of the maxima of absorbance 
for both absorptions shift to lower values by -20 cm-1 
when orotidine 5¢-monophosphate associates with 
the active site. In the crystallographic molecular 
model of the complex between the enzyme from 
S. cerevisiae and orotidine 5¢-monophosphate, the 
oxygen at carbon 4 participates in two short 
(0.26 nm) in-plane hydrogen bonds, trigonal at the 
oxygen, with the nitrogen–hydrogen of an w-guani-
dinio nitrogen of an arginine and an amido nitrogen–
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hydrogen from the polypeptide, and the oxygen on 
carbon 2 participates in two out-of-plane hydrogen 
bonds with two fixed molecules of water.855 Isotopic 
editing can also be used to identify absorptions from 
vibrational modes in phospho groups.846 
 Difference Raman infrared spectroscopy can 
be used to monitor the stretching frequency of the 
carbon–oxygen double bond of a carbonyl group or 
an acyl group in a substrate when it is bound in the 
active site of an enzyme. Again, the difference spec-
trum is between the spectrum of the unoccupied 
enzyme and the spectrum of the enzyme occupied 
by a substrate or an inhibitor. When pyruvate asso-
ciates with the active sites of ¬-lactate dehydrogenases 
(Equation 3-426) from G. stearothermophilus, Squalus 
acanthias, and Sus scrofa,856,857 each of which is 
already occupied by NAD+, the stretching vibration 
of its carbonyl group in a difference Raman infrared 
spectrum decreases by -42 cm-1, from 1710 to 
1668 cm-1. Isotopic editing was used in this instance 
to validate the assignment of the absorptions. In 
the crystallographic molecular model of the complex 
between the active site of porcine ¬-lactate dehy-
drogenase and (3S)-5-(3-carboxy-3-hydroxypropyl)-
nicotinamide-adenine dinucleotide (3-89), there 
are hydrogen bonds from the hydronated imidazolyl 
group of Histidine 195 and one of the w-guanidinio 
nitrogens of Arginine 109 to the oxygen that is 
analogous to the carbonyl oxygen of pyruvate.591 
 Within a set of nine seryl-acyl enzyme inter-
mediates (Equation 3-91) for three different serine 
endopeptidases, the common logarithm of the rate 
constant for the step in which the acyl intermediate 
is hydrolyzed (k3 in Equation 3-91) was a linear 
function of the observed stretching frequencies 
(centimeters-1) in the difference resonance Raman 
infrared spectra for the acyl carbon–oxygen double 
bond within the active site. As the stretching frequency 
of the substrate in the active site decreased, the com-
mon logarithm of the rate constant increased.858,859 
Each active site has an oxyanion hole into which 
the acyl oxygen in these acyl intermediates fits in 
the tetrahedral intermediates preceding and following 
the respective acyl intermediates. The correlation 
suggests that as the ability of an oxyanion hole to 
withdraw electron density from the carbon–oxygen 
double bond increases and the electrophilicity of 
the carbon increases, the rate of the hydrolysis of 
the acyl enzyme increases. 
 An advantage of difference Raman spectroscopy 
is that many other infrared absorptions can be 
observed in addition to the strong absorption of a 
carbon–oxygen double bond. For example, the 

absorptions in a difference Raman spectrum with 
absorbance maxima at 1650 and 1675 cm-1 have 
been assigned to the stretching vibrations for the 
bond between unhydronated nitrogen 5 and carbon 6 
of the pteridine ring in dihydrofolate and hydro-
nated nitrogen 5 and carbon 6, respectively 

 

These absorptions shift reciprocally in relative 
absorbance with pH when dihydrofolate is in the 
active site of dihydrofolate reductase (previously 
Equation 1-89) 

  
                (3-428) 

from E. coli, and these reciprocal shifts in absorb-
ance can be used to measure the pKa of nitrogen 5 
when the folate is in the active site.860 
 In the case of the stable ternary complex between 
equine alcohol dehydrogenase, an enzyme with a 
prosthetic Zn2+ in its active site, and NADH and 
4-dimethylaminobenzaldehyde 

 

which is a substrate for the enzyme, a complete 
difference Raman spectrum for the bound 
4-dimethylaminobenzaldehyde could be collected 
from 300 to 1700 cm-1 in which the 16 absorptions 
create a fingerprint for the substrate. This finger-
print was almost identical to that for the complex 
between Zn2+ and 4-dimethylaminobenzaldehyde 
in dichloromethane, which was proposed to mimic 
the situation of the substrate in the active site.861 
 A resonance Raman infrared spectrum is 
observed when a chromophore in the active site is 
excited by passing a beam of light with a wave-
length that is absorbed by that chromophore 
through the sample perpendicular to the beam from 
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the laser that is registering the Raman spectrum. 
The excitation of the chromophore by this perpen-
dicular beam of light enhances the intensity of the 
absorptions from oscillators in the vicinity of the 
excited chromophore. For example, there is an 
oxidized, inactive form of murine cysteine dioxy-
genase 

  
                (3-429) 

that has mononuclear, nonheme Fe3+ in its active 
site rather than the Fe2+ present in the active enzyme. 
The complex between the substrate ¬-cysteine and 
the oxidized active site has a blue color resulting 
from an absorption with a maximum of absorbance 
at 640 nm. When this stable, inactive complex is 
excited by a perpendicular beam of light from a laser 
at a wavelength of 647 nm, two absorptions, with 
maxima of absorbance at 340 and 292 cm-1, are 
enhanced sufficiently that they dominate the 
Raman spectrum in a region containing many 
overlapping unenhanced absorptions.862 These 
enhanced absorptions were assigned to a stretch-
ing vibration of the bond between the Fe3+ and the 
sulfur of ¬-cysteine, which has become one of its 
ligands in the active site, and a bending vibration at 
the b carbon of that ¬-cysteine. 
 When the guanine (lmax = 253 nm) in guano-
sine monophosphate 

 

bound in the active site of human hypoxanthine 
phosphoribosyltransferase (Equation 3-398) is ex-
cited with a laser emitting light of wavelength 
263 nm, eight vibrational modes in the guanine are 
enhanced and dominate the Raman infrared spec-
trum. Most of these vibrational modes are shifted 
relative to their positions in the infrared spectrum 
of guanosine monophosphate in free solution.863 
The maximum of absorbance for the stretching 
vibration at 1682 cm-1 of the acyl carbon–oxygen 
double bond at carbon 6 decreases in frequency 
by -40 cm-1, and maxima of absorbance for two 
complex vibrational modes at 1538 and 1577 cm-1, 
each involving both the nitrogen–hydrogen bond at 
nitrogen 1 and the amido group at carbon 2 in the 

guanidino group of the guanine, decrease in frequency 
by -11 cm-1. In the crystallographic molecular model 
of the active site of human hypoxanthine phospho-
ribosyltransferase occupied by guanosine mono-
phosphate,864 Lysine 165 forms a hydrogen bond to 
the acyl carbon–oxygen bond at carbon 6 of the 
guanosine monophosphate, the acyl oxygen of the 
peptide bond of Valine 187 forms hydrogen bonds 
with the nitrogen–hydrogen bond of nitrogen 1 and 
one of the amido nitrogen–hydrogen bonds in the 
amido group on carbon 2, and the acyl oxygen of the 
peptide bond of Aspartate 193 forms a hydrogen 
bond with the other nitrogen–hydrogen bond of 
the amido group on carbon 2. 
 The absorption of the bending vibration at 
1468 cm-1 of the nitrogen–hydrogen bond at nitro-
gen 1 of inosine monophosphate, observed in the 
resonance Raman infrared spectrum resulting from 
excitation at 260 nm, shifts by +5 cm when inosine 
monophosphate associates with the active site of 
adenylosuccinate synthase from Methanocaldococcus 
jannaschii.865 This shift is consistent with a shift in 
the equilibrium between hydronated and unhydro-
nated nitrogen 1 of the inosine monophosphate, 
the pKa of which in solution is 12.5. The first step in 
the enzymatic reaction is the phosphorylation of 
the adjacent acyl oxygen in the amido group that 
includes nitrogen 1 by MgATP2-. The dehydronation 
of nitrogen 1 by the carboxylato group of the aspar-
tate with which it forms a hydrogen bond in the 
crystallographic molecular model866 of murine 
adenylosuccinate synthase (26% identity; 1.8 gap 
percent) should be required to make the acyl oxygen 
sufficiently nucleophilic to engage in the nucleo-
philic substitution at phosphorus, even at the 
g phosphorus of MgATP2-, and the shift in the absorp-
tion is consistent with this expectation. 
 Most authors of the foregoing infrared spectro-
scopic observations of the stretching vibrations of a 
carbon–oxygen double bond have proposed that the 
decreases in frequency for absorptions of the vibra-
tional modes for carbon–oxygen double bonds that 
were observed upon association of the substrates 
or inhibitors with the respective active sites resulted 
from a weakening of those double bonds by the 
hydrogen bonds that are formed between the oxygen 
and the donors observed in the respective crystal-
lographic molecular models. This weakening of the 
double bond would be brought about by a shifting 
of the electron density in the occupied p molecular 
orbital of the carbon–oxygen double bond toward 
the oxygen and thus in the direction of a configura-
tion represented by the usually unfavored resonance 
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structure in which the oxygen bears a full negative 
formal charge, the carbon bears a full positive formal 
charge, and the double bond is broken. Consequently, 
in this view, the function of the donors for hydrogen 
bonds aligned by the active site would be to desta-
bilize the ground state of the substrate relative to 
the immediate transition state by causing this shift 
in electron density. 
 This explanation of the shifts in the maxima of 
absorbance, however, is probably mistaken. First, 
the oxygen of each carbon–oxygen double bond 
accepts hydrogen bonds from molecules of water 
when it is free in solution, so the replacement of 
these hydrogen bonds by hydrogen bonds in the 
active site should be relatively inconsequential. 
Second, there are calculations suggesting that quite 
large local electric fields, larger than those that can 
be created by an active site, are required to produce 
significant shifts in electron density in the occupied 
p molecular orbital of a carbon–oxygen double 
bond.850,867 Finally, it has been shown that similar 
red shifts in the maximum of absorbance for a 
carbon–oxygen double bond do not result from 
decreases in its force constant, as would be required 
if the active site were actually polarizing the occupied 
p molecular orbital significantly. 
 When acetophenone 

 

is dissolved in nine different solvents, the frequency 
of the stretching vibration of the double bond of its 
carbonyl group shifts over a similar range (30 cm-1) 
to the shifts observed in active sites, albeit increasing 
from water to hexane, from polar to nonpolar solvent, 
rather than decreasing as usually occurs when the 
carbonyls already discussed associate with the 
respective active sites from an aqueous solution. 
Nevertheless, similar shifts in infrared spectra of 
the stretching vibrations of carbon–oxygen double 
bonds in carbonyl and acyl groups upon changing 
solvent have often been invoked as a model for the 
shifts observed upon the association of a substrate 
with an active site. It has been demonstrated exper-
imentally that the shifts in the observed frequency 
for the maximum of absorbance for the stretching 
vibration for the carbonyl group in acetophenone 
in these several solvents are not due to changes in 
the force constant of the bond, and hence its weak-

ening, because the anharmonicity of the stretching 
vibration does not shift in concert with the shift in 
frequency of the absorption, as it must if the shift 
were due to a change in force constant, but remains 
unaltered within the resolution of the measure-
ment.868 
 When a carbon–oxygen double bond is free in 
solution, its fixed dipole induces an electric field in 
the solvent surrounding it. The magnitude of this 
induced electric field can be estimated from known 
properties of the solvent.869 When the shifts in the 
infrared absorptions of acetophenone in the same 
set of solvents used for the measurements of anhar-
monicity are plotted as a function of these calculated 
induced electric fields, a linear correlation is ob-
served.868,870 A similar linear correlation between 
the calculated values of the induced electric fields 
and the shift in infrared absorptions for 19-nortes-
tosterone (3-120) was observed for the same set of 
solvents.850 
 The sign on the component of an electric field 
at a carbon–oxygen bond and parallel to it has 
been chosen so that the fixed electric field of the 
dipole of the carbon–oxygen bond in the ground 
state is positive, with oxygen at the negative end 
and carbon at the positive end. Since the induced 
electric field in water and the other solvents is, by 
definition, in the direction opposite to the fixed 
electric field of the dipole of the carbonyl group, 
the induced field has a negative sign.871 As the 
induced local electric field becomes more negative, 
the stretching frequency of the carbon–oxygen 
double bond decreases. This convention for the 
sign of a local electric field in the vicinity of a carbon–
oxygen double bond, based on the direction of its 
dipole, will be used from here on. A field with a 
negative sign is one that would be created by fixed 
positive formal charge in the surroundings that is 
closer to the oxygen than it is to the carbon or by a 
dipole oriented so that its positive charge is closer 
to the oxygen than it is to the carbon. 
  On the basis of the correlations between the 
induced local electric field in the adjacent solvent 
and the frequency for the maximum of absorbance, 
it has been proposed that the shifts in the maxima 
of absorbance for the stretching vibrations of carbon–
oxygen bonds observed in the different solvents are 
the result of a vibrational Stark effect, rather than 
any change in the force constant or strength of the 
carbon–oxygen double bond.870 
 A vibrational Stark effect is a shift in the frequen-
cy of the maximum of absorbance for a vibrational 
mode produced by an electric field, either applied 
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externally to the entire solution or existing only in 
the immediate vicinity of the atoms participating in 
that vibrational mode.871 It results from the fact 
that the lengths of the bonds participating in a particu-
lar vibrational mode increase in the excited state. 
Because the bond lengths increase, their dipoles 
increase, and the effect of the local electric field in 
their vicinity is greater in the excited state than in 
the ground state. In the particular case of the 
stretching vibration of a carbon–oxygen double 
bond in a carbonyl or acyl group, the dipole moment 
of the bond is large because of the difference in 
electronegativity between oxygen and carbon, and as 
a result, the difference in dipole moment between 
the ground state and the excited state is also signif-
icant. The local electric field, depending on its 
direction, may stabilize the excited state relative to 
the ground state and produce a red shift of the 
frequency of the maximum of absorbance to lower 
wavenumbers (lower energy), or it may destabilize 
the excited state relative to the ground state and 
produce a blue shift of the frequency of the maxi-
mum of absorbance to higher wavenumbers (higher 
energy). The important point in this description is 
that a vibrational Stark effect arises from a differ-
ence between the effect of the electric field on the 
excited state and its effect on the ground state and 
is a property of only the spectroscopy and not a 
property of the bonds participating in the vibrational 
mode in the ground state of the molecule. In other 
words, the force constants, and hence the strengths 
of the bonds themselves that are participating in 
the vibrational mode, can be unaffected by the electric 
field induced in the surroundings, but the presence 
of the field will nevertheless shift the frequency of 
the maximum of absorbance. 
 If the shifts in the stretching frequencies of the 
maxima of absorbance that are observed for its 
carbon–oxygen double bond when a carbonyl or 
acyl group enters an active site arise from the same 
physical process as these shifts in frequency in the 
various solvents, then they also should result from 
a vibrational Stark effect. Consequently, in practice, 
the frequency of the maximum of absorbance in 
an infrared spectrum for the stretching vibration 
of a carbon–oxygen bond on a substrate or an inhibi-
tor within an active site is a monitor of the local 
static electric field at the location of the carbon–
oxygen bond created by the active site itself. 
 There are a couple of problems with using this 
shift in the frequency of the maximum of absorb-
ance quantitatively to assess the local electric field 
in an active site.850,870,871 First, the slopes of the 

lines relating the shifts in frequency of the maximum 
of absorbance for both acetophenone (3-124)868,870 
and 19-nortestosterone (3-120)850 and the calcu-
lated induced, microscopic electric fields in the 
various solvents, 0.41 and 0.70 cm-1 (MV cm-1)-1, 
are considerably smaller than the slopes of the lines 
for the shifts in frequency for the maxima of absorb-
ance in a fixed, applied, macroscopic electric field, 
1.1 and 1.4 cm-1 (MV cm-1)-1, respectively. It is unclear 
which of these coefficients should be used to estimate 
the fixed, microscopic electric field in an active site 
from shifts observed in infrared absorptions. Second, 
a carbon–oxygen double bond does not monitor 
the magnitude of the actual net local electric field, 
Eloc, at its position in the active site; it monitors only 
the component of the local electric field, Eloc cosq, 
parallel to its fixed dipole, where q is the angle between 
the net local electric field and the fixed dipole. Con-
sequently, the actual electric field in its vicinity 
could be significantly larger than what it reports 
and not necessarily aligned with the carbon–oxygen 
double bond.* For both reasons, these measurements 
should be evaluated qualitatively. 
 Although reliable estimates of the absolute 
magnitude and direction of the electric field at the 
location of a carbon–oxygen double bond in a sub-
strate or an inhibitor within an active site cannot be 
made by vibrational Stark effects, it nevertheless 
seems to be the case that the shift in the frequency 
of its maximum of absorbance is linearly related to 
the magnitude of the component of the electric 
field parallel to the dipole of that carbon–oxygen 
bond. A series of mutants of steroid D-isomerase 
(Equation 3-425) from P. putida were made in 
which Aspartate 103 was mutated to leucine or as-
paragine; Tyrosine 16 was mutated to phenylala-
nine, serine, or 3-chlorotyrosine; and Tyrosine 57 
and Tyrosine 32, which participate in a network of 
hydrogen bonds with Tyrosine 16, were mutated to 
3-chlorotyrosines. The frequencies of the maxima 
of absorbance of 19-nortestosterone (3-120) in the 
active sites of eight of these single and double mu-
tants were linearly related to the common logarithm 
of their catalytic constants for the substrate androst-
5-ene-3,17-dione.850,853 As the frequency of the 
maximum of absorbance increases, and hence the 
red shift experienced when 19-nortestosterone en-
ters the active site decreases, the common loga-
rithm of the catalytic constant decreases. This linear 

                                     
*In the case of steroid D-isomerase, however, calculations suggest 
that the static local electric field of the active site is aligned with 
the carbon–oxygen double bond.872 
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correlation is the one expected from the effect of an 
electric field on a particular standard free energy. 
 As the reaction catalyzed by steroid D-isomerase 
approaches its transition state, the electron density 
in the occupied p molecular orbital of the carbon–
oxygen double bond is shifting onto the oxygen to 
become one of the lone pairs of electrons on the 
hydroxy group of the g,d-unsaturated enol that is 
the immediate intermediate (Equation 3-425). This 
shift in electron density is the result of the unfolding 
reaction, not a shift in the ground state prior to the 
onset of the reaction. This inescapable shift in elec-
tron density onto the oxygen in the transition state 
causes the negative elementary charge on the oxygen 
to increase, and this increase in negative charge in 
the transition state is favored by the component of 
the fixed, local negative electric field created by the 
distribution of formal charge and dipoles within 
the active site parallel to the dipole of the initial 
carbon–oxygen bond. A decrease in this component 
of the field, which results in a directly proportional 
decrease in the electric potential energy experi-
enced by the transition state, should be linearly 
related to the standard free energy of activation, as 
is observed, because electric fields exert their influence 
on standard free energies in direct proportion. It 
has already been noted that a similar correlation 
exists between the frequencies of maximum absorp-
tion of the carbon–oxygen double bond in a series 
of seryl-acyl enzyme intermediates in the active 
sites of three endopeptidases and the common log-
arithms of the rate constants for their hydrolysis. 
Each result suggests that the local electric field estab-
lished by the active site can participate directly in 
catalyzing an enzymatic reaction. 
 As is the case with the active site of steroid 
D-isomerase, in almost all the other examples of 
carbon–oxygen double bonds discussed earlier, 
because they involve red shifts when the substrate 
or inhibitor enters the active site, the local, fixed 
electric fields created by the respective active sites 
and experienced by the carbon–oxygen bonds upon 
their association with the active site must be more 
negative than the local electric fields induced by 
these same carbonyl and acyl groups when they are 
in water. In the active sites of triose-phosphate 
isomerase, ¬-lactate dehydrogenase, and serine endo-
peptidases, the negative elementary charge on the 
oxygen of the carbon–oxygen double bond increases 
in the respective transition state in the reaction. 
Consequently, a fixed, negative electric field existing 
in the ground state along the respective carbon–
oxygen bond that is greater than the negative electric 

field induced in the surrounding water when the 
reactant is in solution provides greater stabilization 
of the transition state than does water and favors 
catalysis. In the active sites of orotate phosphoribo-
syltransferase and hypoxanthine phosphoribosyl-
transferase, either orotate or guanine is the leaving 
group in the nucleophilic substitution, so local 
negative electric fields at the respective carbon–
oxygen bonds should stabilize excess negative 
charge accumulating on the oxygens in the transition 
state as orotate or guanine is leaving. 
 Mutation of an amino acid acting as a donor in 
a hydrogen bond with the oxygen of a carbon–
oxygen double bond in a crystallographic molecular 
model of an occupied active site causes the frequency 
of the maximum of absorbance for its stretching 
vibration to increase by +20 to +60 cm-1. In fact, the 
+61 cm-1 shift that occurs upon mutation of Tyro-
sine 16 in the active site of steroid D-isomerase850 
shifts the frequency of the maximum of absorbance 
of the carbon–oxygen bond by +20 cm-1 relative to 
its value in water. These results suggest that the 
major contributors in an active site to the negative 
electric field along the axis of a carbon–oxygen 
bond in the ground state are the donors for hydrogen 
bonds to the oxygen.871 This conclusion seems rea-
sonable. Each donor has a dipole moment that is 
positive at the hydrogen in the hydrogen bond and 
negative at the respective heteroatom on which the 
hydrogen is located. Each dipole producing these 
dipole moments is as intimate to the oxygen of the 
carbon–oxygen bond as possible because a hydrogen 
bond always brings the atoms participating much 
closer together than the sum of their van der Waals 
radii and covalent bonds. 
 Even though the oxygen of the carbon–oxygen 
bond is an acceptor for hydrogen bonds from water 
when it is in solution, the relative permittivity of an 
aqueous solution (80) is large while the relative 
permittivity of an occupied active site is much 
smaller. The strength of the electric field created by 
a fixed dipole is inversely proportional to the relative 
permittivity of the surroundings, so a smaller relative 
permittivity increases the strength of the electric 
field produced by each donor for a hydrogen bond 
even if their dipole moments are the same as that 
of a molecule of water. There may also be a contri-
bution to the electric field that results from the 
donors being rigidly oriented by the active site. In 
any case, the donors for hydrogen bonds, although 
they probably do not significantly shift the electron 
density of the carbon–oxygen bonds in the ground 
state, do provide the electric field that stabilizes the 
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shift of electron density onto the oxygen that occurs 
in the respective transition states. In effect, the 
explanation of the effect is quite different even 
though the origin of the effect, the hydrogen bonds, 
is the same. 
 The frequency of the maximum of absorbance 
for a carbon–oxygen bond can also demonstrate a 
blue shift relative to the frequency for the maximum 
of its absorbance in water. When an phenacyl 
group, spectrally equivalent to acetophenone, is 
substituted synthetically for Phenylalanine 8 in bovine 
ribonuclease S, the frequency of the maximum of 
absorbance for the stretching frequency of its carbonyl 
group (1688 cm-1) experiences a blue shift of 
+19 cm-1 relative to that for the same phenacyl 
group in water (1669 cm-1).870 In the crystallo-
graphic molecular model of bovine ribonuclease 
S,873 Phenylalanine 8 is in a nonpolar pocket, but its 
p molecular orbital system is in van der Waals contact 
with the imidazolyl group of Histidine 12. Conse-
quently, the blue shift in the maximum of absorb-
ance for the phenacyl group is not so large as the 
one observed when it is transferred from water to 
hexane, +27 cm-1, which represents a completely 
nonpolar environment. The blue shift (+11 cm-1), 
however, observed in the frequency of the maximum 
of absorbance for the stretching vibration for the 
carbonyl of pyruvate bound in the active site of 
¬-lactate dehydrogenase when it is occupied by 
NADH, relative to the active site when it is occupied 
by NAD+. This blue shift results from the fact that 
the positive elementary charge on NAD+, because it 
is immediately adjacent to the carbon of the carbon–
oxygen bond rather than the oxygen, causes the local 
electric field experienced by the carbon–oxygen bond 
to be more negative. 
 
 Ultraviolet and visible absorption spectra are 
also used to examine the environment of chromo-
phores on substrates or inhibitors when they are 
bound to active sites. For example, when 
19-nortestosterone (3-120) is bound to steroid 
D-isomerase from C. testosteroni, the maximum of 
absorbance for the enone in the ultraviolet absorp-
tion spectrum shifts849 from 248 to 260 nm. When 
19-nortestosterone (pKa,C=OH+ = -2.3) is dissolved in 
10 M sulfuric acid, almost the same shift, from 248 
to 258 nm, is observed.874 The compressed hydrogen 
bonds (0.26 nm)853 formed between the carbonyl 
oxygen of 19-nortestosterone and Aspartate 99 and 
Tyrosine 14 in the active site of the enzyme from 
C. testosteroni may mimic the hydronation that occurs 
in 10 M sulfuric acid. 

 Neither of these donors for hydrogen bonds, 
however, is anywhere near so strong an acid as a 
hydronium. The shift observed may in part be the 
result of the local electric field caused by the dipoles 
of these two donors that was detected by the Stark 
effect on infrared spectra of 19-nortestosterone 
when it is bound to the active site of steroid 
D-isomerase (Equation 3-425) from P. putida. It 
has been shown that a shift of the same magnitude 
in the ultraviolet spectrum of steroids closely related 
to 19-nortestosterone can be produced in a nonpolar 
environment by the dipole of an adjacent hydroxy 
group that is incapable of forming a hydrogen bond 
with the oxygen.875 If the delocalized electrons in 
the p molecular orbital system are shifted toward 
the oxygen by the local electric field of the oxygen–
hydrogen bond in the carboxy group of Aspartate 
99 and the hydroxy group of Tyrosine 14, which are 
participating in hydrogen bonds with the oxygen, 
more than they are by the donors for hydrogen 
bonds from molecules of water in the solution, 
there should be a greater separation of charge in 
the molecule than it has in solution. Zwitterionic 
molecules, such as a pyridoximine of pyridoxal 
phosphate, in which the two opposite formal 
charges are on atoms that are conjugated to each 
other by a p molecular orbital system, have absorb-
ances that are red-shifted relative to their conjugate 
acids and conjugate bases (Figure 2-1)876 or to 
nonzwitterionic analogues with an isoelectronic 
p molecular orbital system. There must also be a 
contribution to the red shift observed in the wave-
length for the maximum of absorbance from the 
decrease in relative permittivity experienced when 
the enone leaves the solution and enters the active 
site. The wavelength for the maximum of absorbance 
for an unconjugated carbonyl group shifts to higher 
wavelength as the relative permittivity of the solvent 
in which it is dissolved decreases, and the range of 
wavelengths over which this red shift occurs (about 
10 nm) in mixed solvents from water to dioxane877 
is the same as the red shift that is observed when 
19-nortestosterone associates with the active site.  
 A larger red shift in the maximum of absorbance, 
from 368 to 408 nm, is observed in the ultraviolet 
spectrum of 1-hydroxy-2-naphthoyl-SCoA, an ana-
logue of the product 1,4-dihydroxy-2-naphthoyl-SCoA 
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when it associates with the active site of 
1,4-dihydroxy-2-naphthoyl-CoA synthase from E. coli. 
In this instance, however, the shift was attributed 
to dehydronation of the 1-hydroxy group by a base 
on the active site.878 The dehydronation increases 
the conjugation of the oxygen of the thiocarboxy 
group on carbon 2 with the naphthoyl group, resulting 
in a shift of its maximum of absorbance to longer 
wavelengths, the same reason that dehydronation 
of a tyrosine in a protein shifts its maximum of absor-
bance from 275 to 293 nm.879 
 
 Nuclear magnetic resonance spectroscopy is 
used to examine the environment experienced by 
a nucleus of nonzero spin such as carbon-13, nitro-
gen-15, or fluorine-19* that has been incorporated 
into a substrate or inhibitor when it is bound to an 
active site. For example, deoxyuridine monophosphate 
labeled with carbon-13 at carbon 2 or at carbon 4 both 
register the dehydronation of nitrogen 3 (pKa = 9.2), 
which sits between them, by a downfield shift in 
their absorptions in a nuclear magnetic resonance 
spectrum of 8 parts per million (ppm). When either 
isotopically labeled deoxyuridine monophosphate 
is in solution, nitrogen 3 is hydronated, but after 
each of them has associated with the active site of 
thymidylate synthase (FAD) from T. maritima, nitro-
gen 3 is unhydronated. Site-directed mutation 
identifies the guanidinio group of Arginine 174 as 
the functional group in the active site responsible 
for the fact that deoxyuridine monophosphate is 
unhydronated following its association.880 Whether 
the active site preferentially associates with the 
conjugate base or is itself responsible for the dehy-
dronation is not clear, but it is possible to observe 
the dissociation of the hydron that occurs upon the 
association with an indicator of pH. 
 Labeling of indolene and ¬-serine with both 
carbon-13 and nitrogen-15 at the locations marked 
with asterisks has been used to assign the tautomeric 
equilibrium in the quinonoid intermediate 

                                     
*Carbon-13 (1.1%) and nitrogen-15 (0.4%) are rare isotopes of 
carbon and nitrogen, but fluorine-19 is the naturally abundant 
isotope (100%) of fluorine. 

          (3-430) 

that indolene forms on the active site for trypto-
phan synthase (indole-salvaging) within tryptophan 
synthase from S. typhimurium. This saturated quino-
noid intermediate results from addition of the anilino 
nitrogen of the indolene (pKa @ 29) to the external 
pyridoximine of 2-aminoacrylate rather than the 
aromatic p electrons of unsaturated, aromatic indole. 
This adduct is an analogue of the quinonoid inter-
mediate formed by electrophilic aromatic substitu-
tion on the indole by the electrophilic external 
pyridoximine of 2-aminoacrylate produced from 
¬-serine in the normal enzymatic reaction 

           
                (3-431) 

In this instance, an equilibrium between two different 
molecules (Equation 3-430) is being monitored by 
the physical method. 

O

O

SCoA

OH

H
3  –125

N

N
H

O

H
)

(

:

““

N

HH

HH

H

H

*
O

O–

H

*

*

*

* *
*

N

N
H

O )

:

““

N

HH

HH

H

H

O

OH

H
“

::

1

1

H 

+  +

1 NH

N
H

O

H
)

(

:

““
NH

N
H

O

H
)

(

:

““

N
H(

H

O

NH
)

(

““

:

H

H

:

NN

NH

H H

HHHH

H
H

O

O–

O

O–

O

O–

(



Physical Measurements of Complexes between Enzymes and Ligands  
 

877 

 The three fluorine-19 atoms in MgF3
-, an ana-

logue of monomeric metaphosphate, when it asso-
ciates with the complex between the active site of 
unphosphorylated b-phosphoglucomutase from 
L. lactis and the substrate b-∂-glucose 6-phosphate, 
each have unique maxima of absorbance at -147,   
–152, and -159 ppm, respectively. Each peak reflects 
the shielding or deshielding that the unique elec-
tric field in the vicinity of its fluorine nucleus pro-
duces. There is no [19F]MgF3

- in the solution in the 
absence of enzyme because it only forms on the ac-
tive site, which is constructed to bind PO3

- tightly, 
but if there were, its three fluorines would all be 
identical. 
 There are certain alterations in double-
stranded DNA that convert a cytosine into a thymine 
with the result that a thymine is paired with a guanine, 
a mispairing that can lead to mutations. Thymine-
DNA glycosylase recognizes these mispairings and 
hydrolyzes the hemiaminal between ribose and 
thymine. As has already been mentioned, in the 
first step in this hydrolysis, the thymine swings out 
of the stack of bases into the catalytic portion of the 
active site. The absorption of 2¢-fluoro-arabino-
deoxythymidine, which has been incorporated into 
duplex DNA so that its thymine is mispaired with a 
guanine, shifts upfield by -7 to -11 ppm from its 
absorption at -115 ppm in the stacked confor-
mation, which predominates in solution, when it 
associates with the active site of human thymine-
DNA glycosylase and flips out of the stack. The 
equilibrium constants between stacked and flipped 
conformations when the DNA is in the active site of 
the enzyme for four different double-stranded DNAs 
is proportional to the catalytic constant for the hydro-
lysis of hemiaminal in the active site.881 
 Nuclear magnetic resonance spectroscopy can 
also be used to obtain information about the electric 
field created by the active site and experienced by a 
carbon–oxygen double bond in a substrate or an 
inhibitor. The substrate or inhibitor can be synthe-
sized, either chemically or enzymatically, in such a 
way that the carbon in the carbon–oxygen double 
bond is carbon-13 rather than carbon-12 while all 
the other carbons are normal carbon-12. A complex 
can then be formed with the modified substrate or 
inhibitor, and the carbon-13 nuclear magnetic res-
onance spectrum can be taken. For example, in a 
solution of 3 mM active sites of porcine citrate 
(Si)-synthase 

     
                (3-432) 

containing 3 mM carboxymethyl-SCoA, an ana-
logue of the enolate of acetyl-SCoA,* and 3 mM 
[2-13C]oxaloacetate, the active sites are saturated 
with carboxymethyl-SCoA and [2-13C]oxaloacetate, 
and very little of either ligand remains free in solution. 
In the carbon-13 nuclear magnetic resonance spec-
trum, the carbon-13 at the carbonyl carbon in 
[2-13C]oxaloacetate has a maximum of absorbance 
at 206.6 ppm, shifted downfield +7 ppm from its max-
imum of absorbance in free solution (199.9 ppm).882 
In the crystallographic molecular model of the 
same complex, the imidazolyl group of Histidine 320 
and one of the w-nitrogen–hydrogens of the guani-
dinio group of Arginine 329 are donors for two in-
plane, trigonally arrayed hydrogen bonds (0.29 and 
0.26 nm, respectively) to the carbonyl oxygen of the 
oxaloacetate.883 When Histidine 320 is mutated to a 
glycine,884 the maximum of absorbance for carbon-13 
is at 200.7 ppm, only +1 ppm from its maximum of 
absorbance in free solution. 
 Cinnamoyl-SCoA, a substrate for the addition 
to a carbon–carbon double bond catalyzed by 
enoyl-CoA hydratase 

   
                (3-433) 

can be synthesized in three isotopically labeled forms: 
[1-13C]cinnamoyl-SCoA, [2-13C,2-2H]cinnamoyl-SCoA, 
and [3-13C,3-2H]cinnamoyl-SCoA. Carbon-13 nuclear 
magnetic resonance spectra of complexes between 
the active site of bovine enoyl-CoA hydratase and 
each labeled substrate in turn were obtained. The 
chemical shift of the maximum of absorbance for car-
bon 1 (201.0 ppm) was situated downfield by +5.1 ppm 
relative to its chemical shift in solution (195.9 ppm); 
that of carbon 2 (126.1 ppm) was situated upfield 
by -0.8 ppm relative to its chemical shift in solution 
(126.98 ppm); and that of carbon 3 (147.2 ppm) was 

                                     
*The enolate is an intermediate in the enzymatic reaction. It is 
the nucleophile in the nucleophilic addition to the carbonyl 
group of oxaloacetate (see Equation 3-409) catalyzed by the 
enzyme. 
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situated downfield by +3.2 ppm relative to its 
chemical shift in solution (144.0 ppm).885 In the 
crystallographic molecular model of enoyl-CoA hydra-
tase from R. norvegicus occupied by 4-dimethyl-
aminocinnamoyl-SCoA,886 there are two amido 
groups from the polypeptide forming an oxyanion 
hole for the acyl oxygen of the cinnamoyl group, 
one at a location normal to the plane of the cinnam-
oyl group and the other near a tetrahedral position 
around the oxygen relative to the first. 
 The downfield shifts experienced by the [13C]car-
bonyl carbons in oxaloacetate and cinnamoyl-SCoA 
result from deshielding of the respective carbons. 
As such, they indicate that electron density has shifted 
away from the carbon-13 of the carbonyl group. In 
oxaloacetate, this shift in electron density must be 
onto the oxygen of the carbonyl. In the extended 
p molecular orbital system of the cinnamoyl group, 
there is no necessity that it should be so, but it has 
been calculated that the shift of electron density 
from the carbon is also onto the oxygen. 
 These more or less unambiguous conclusions 
that electron density in the respective p  molecular 
orbital systems shifts from carbon to oxygen in the 
ground state appear to contradict the proposal that 
electron density in the highest occupied p molecular 
orbitals of a carbon–oxygen double bond in a carbonyl 
or acyl group, when it enters an active site, is not 
displaced sufficiently in the direction of the oxygen 
to change the force constant of the carbon–oxygen 
bond. That the deshielding observed in the nuclear 
magnetic resonance spectrum of cinnamoyl-SCoA 
must result from a shift in electron density in the 
highest occupied p molecular orbital follows from 
the fact that the deshielding is also experienced by 
carbon 3, which has a lobe over it in the highest oc-
cupied p molecular orbital, but not by carbon 2, 
which has a node at its location. In the case of cinnam-
oyl-SCoA, however, it has been estimated that a 
shift in electron density at carbon 1 in the cinnamoyl 
group onto the oxygen atom equal to only about 
0.02–0.05 of an elementary charge can account for 
the deshielding of +5.1 ppm, or about 1-2% of the 
electron density in the highest occupied molecular 
orbital. Since the deshielding is about the same 
(+7 ppm) at carbon 2 in [2-13C]oxaloacetate, in the 
active site of citrate (Si)-synthase, the shift in electron 
density should also be about the same.887 These 
shifts are fairly small and could well not measurably 
affect the force constant for the stretching frequency 
of a carbon–oxygen double bond yet cause an easily 
measurable increase in chemical shift. 

 The shift of electron density onto the oxygen in 
both oxaloacetate and cinnamoyl-SCoA that is regis-
tered by the deshielding results from the component 
of the local electric field along the carbon–oxygen 
bond created by the donors for hydrogen bonds to 
the respective oxygens. This component of the 
electric field in each case must have a negative sign 
to explain the deshielding. In the transition states 
of both enzymatic reactions, negative charge increases 
on these oxygens. Consequently, these local electric 
fields will stabilize the respective transition states 
relative to the ground states and contribute favorably 
to the catalysis. 
 By examining the two- and three-dimensional 
spectra of an unbound substrate or inhibitor in the 
solution surrounding an enzyme, it is possible to 
observe the residua of nuclear Overhauser effects 
between two hydrogen-1 atoms, a proton on the 
enzyme, substrate, or inhibitor and another proton 
on the substrate or inhibitor. These nuclear Over-
hauser effects were initiated while the substrate or 
inhibitor was associated with the active site of an 
enzyme, and they persist after its dissociation. The 
transfer of saturation between two protons that is 
accomplished while a substrate or inhibitor is 
bound to the active site of an enzyme persists for 
an interval long enough for the substrate or inhibitor 
to dissociate because relaxation is slow in nuclear 
magnetic resonance spectroscopy. If the substrate 
or inhibitor usually dissociates from the active site 
before relaxation has occurred, then the population 
of unbound ligand in the solution will contain a 
significant subpopulation of recently released indi-
viduals that retain the transfer of saturation that 
they gained while they were bound, and this sub-
population of unbound ligands will experience a 
nuclear Overhauser effect in the absorption of each 
proton to which saturation was transferred. This 
nuclear Overhauser effect will be manifested in the 
nuclear magnetic resonance spectrum of the entire 
population of unbound ligands at the chemical 
shift that the proton has when it is on the unbound 
ligand free in solution. It follows that, to observe 
such transferred nuclear Overhauser effects, the 
substrate or inhibitor must be in rapid exchange 
between the site and the solution, with a rate con-
stant for dissociation from the site greater than the 
rate constant for the relaxation of its saturation. 
 Transferred nuclear Overhauser effects888 can 
be produced by transfer of saturation either between 
a proton on a side chain in the active site and a proton 
on a substrate or inhibitor889,890 or between two 
protons on the substrate or inhibitor while it is 
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bound in a particular conformation in the active 
site.891 Saturation transfer produces negative nuclear 
Overhauser effects; a population of protons to 
which saturation has been transferred does not absorb 
so strongly as an equivalent population to which 
saturation has not been transferred. Because negative 
nuclear Overhauser effects are usually not observed 
between protons in a rapidly rotating small mole-
cule in free solution, negative nuclear Overhauser 
effects observed for peaks of absorption of protons 
in a substrate or inhibitor in rapid equilibrium with 
an active site can be confidently assigned to satura-
tion transfer that occurs when the substrate or 
inhibitor is bound to the site, and these negative 
nuclear Overhauser effects indicate that the two 
protons, one that has been saturated and one to 
which this saturation has been transferred, were 
close to each other in the conformation of the ligand 
bound to the site. 
 In several instances, the proximities between 
protons producing transferred nuclear Overhauser 
effects have been checked against crystallographic 
molecular models of the respective complexes and 
found to be consistent.891-893 For example, the seven 
negative, transferred nuclear Overhauser effects 
observed in two-dimensional nuclear magnetic 
spectra of the hexapeptide Thr-Pro-norVal-N-methyl-
Leu-Tyr-Thr, when it is in solution with porcine 
elastase and rapidly entering and leaving the active 
site, arise from pairs of protons on the peptide that 
are 0.2-0.4 nm apart in the crystallographic molecular 
model of the complex between this inhibitor and 
the enzyme.894 
 The agreement of observed transferred nuclear 
Overhauser effects between protons with the prox-
imities of the hydrons in crystallographic molecular 
models of appropriate complexes provides reas-
surance that transferred nuclear Overhauser effects 
are informative in situations for which crystallo-
graphic molecular models are not available. For 
example, transferred nuclear Overhauser effects for 
acetylcholine in complex with acetylcholine receptor 
from T. californica895 and for micellar 1-(hexylthio)-
2-(nonanoylamino)-1,2-dideoxy-sn-glycero-3-phos-
phocholine in complex with phospholipase A2 from 
N. atra896 have been used to define the confor-
mations adopted by this ligand and this inhibitor, 
respectively, when they are bound by their respective 
sites. Crystallographic molecular models were una-
vailable at the time for either complex. 
 Nuclear magnetic resonance spectroscopy can 
provide other information that cannot be obtained 
by crystallography. For example, the hydronation 

state of amino acid side chains in a crystallographic 
molecular model, which usually can be determined 
only by neutron diffraction, can be established 
from two-dimensional nuclear magnetic resonance 
spectra of the same complex between the enzyme 
and the particular ligand of interest.897 The tauto-
meric state of the neutral imidazolyl group of a 
particular histidine in the active site of an enzyme 
can be established by nuclear magnetic resonance 
spectroscopy.898 If it is in the range of rate constants 
for relaxation of excited states in nuclear magnetic 
resonance spectroscopy, the rate constant for the 
dissociation of a substrate or inhibitor from an active 
site can be estimated.899 In the case of enzymes in 
which a substrate or intermediate must be bound 
in two different orientations at different steps in the 
enzymatic reaction, the observation of two distinct 
maxima of absorption in a nuclear magnetic reso-
nance spectrum from the same nucleus originally 
in a substrate or inhibitor when the substrate or 
inhibitor is within the active site provides evidence 
for the existence of the two orientations. Such an 
observation has been made with the inhibitor 
6-deoxy-6-fluoro-a-∂-glucopyranosyl phosphate 
when it is bound in the active site of phosphogluco-
mutase from O. cuniculus,900 an active site that 
must accommodate two orientations of the inter-
mediate a-∂-glucose 1,6-bisphosphate during the 
enzymatic reaction, just as the active site of phospho-
glycerate mutase (Equation 3-421) must accom-
modate two orientations of the intermediate in its 
reaction. 
 Nuclear magnetic resonance spectroscopy can 
be used, just as crystallography is used, to obtain a 
molecular model of the complex between an enzyme 
and a substrate or inhibitor.851,901 These nuclear 
magnetic molecular models are obtained by the 
usual procedures of assigning all the proton absorp-
tions from the complex in two- and three-dimensional 
nuclear magnetic resonance spectra and then tabu-
lating all nuclear Overhauser effects between them. 
The problem with such molecular models when 
active sites are examined is their low resolution. 
For example, in the molecular model of 19-nortes-
tosterone (3-120) occupying the active site of steroid 
D-isomerase from C. testosteroni built from 1647 
nuclear Overhauser effects (an average of 13.2 effects 
for each amino acid in the enzyme), it could not be 
determined unequivocally whether or not the carboxy 
group of Aspartate 99 and the hydroxy group of 
Tyrosine 14 form hydrogen bonds with the carbonyl 
oxygen of the inhibitor.851 Crystallographic molecular 
models, however, because of their higher resolution,



Association of Substrates with the Active Site 
 

880 

unequivocally establish that they do, and they pro-
vide a measurement of the lengths of the hydrogen 
bonds.852,853 
 Originally, it was thought that molecular models 
derived from nuclear magnetic resonance spectra 
had the advantage that the molecules of enzyme 
were in solution, but this claim ignored the fact 
that molecules of enzyme in a crystal are still in 
solution. Molecular models from nuclear magnetic 
resonance spectroscopy, however, do have the 
advantage that different conformations of an enzyme 
in solution can be observed in equilibrium with 
each other rather than in separate crystals. There is 
also the advantage that a molecular model of a 
molecule of protein that has not yet been crystal-
lized can be constructed from cross peaks in two-
dimensional nuclear magnetic resonance spectra 
of that protein in solution, if the protein is small 
enough. 
 4-Chlorobenzoyl-CoA dehalogenase from 
Pseudomonas catalyzes the hydrolysis of 4-chloro-
benzoyl-SCoA in a nucleophilic aromatic substitution 

   
                (3-434) 

The stable complex between its active site and its 
substrate 4-hydroxybenzoyl-SCoA has been examined 
by nuclear magnetic resonance spectroscopy, infra-
red spectroscopy, and ultraviolet spectroscopy.902 
When the labeled substrate [13C=O]4-hydroxy-
benzoyl-SCoA associates with the active site, the 
maximum of absorbance for the carbon-13 in the 
acyl group in a nuclear magnetic resonance spectrum 
shifts downfield +2.8 ppm, from 193.2 to 196.0 ppm. 
When the unlabeled substrate, 4-hydroxybenzoyl-
SCoA, associates with the active site, the frequency 
of the maximum of absorbance for the stretching 
vibration of its acyl carbon–oxygen bond in the dif-
ference Raman infrared spectrum shifts -12 cm-1, 
from 1609 to 1597 cm-1, and the maximum of absorb-
ance for its benzoyl group in the ultraviolet spectrum 
shifts to the red from 292 to 373 nm. 
 Both the deshielding of the carbon in the carbon–
oxygen double bond and a vibrational Stark effect 
on the frequency of the maximum of absorbance 
for its stretching vibration are consistent with the 

existence of a significant component of an electric 
field, of negative sign, produced by the active site 
along the axis of the carbon–oxygen double bond of 
4-hydroxybenzoyl-SCoA. In the crystallographic 
molecular model of the active site of the complex 
between the enzyme and 4-hydroxybenzoyl-SCoA, 
there is an oxyanion hole for the carbon–oxygen 
double bond that consists of two amido groups 
from the polypeptide, one normal to the plane of 
the benzoyl ring and the other near a tetrahedral 
location relative to the first.699 This oxyanion hole 
should provide an electric field with a component 
along the axis of the carbon–oxygen double bond of 
negative sign. In the transition states leading to the 
tetrahedral intermediate in the nucleophilic aromatic 
substitution, in either direction, negative charge is 
greater on the oxygen than in the ground state 
because a negatively charged nucleophile has been 
added to carbon 4, and the acyl oxygen ends up 
with the majority of that negative charge in the 
pentadienyl intermediate of the nucleophilic aromatic 
substitution. This increase in negative charge, and 
hence the transition state, is stabilized by such an 
electric field. 
 The electric field detected by nuclear magnetic 
resonance spectroscopy and infrared absorption 
would cause a polarization of the highest occupied 
p molecular orbital system of the 4-hydroxybenzoyl 
group in 4-hydroxybenzoyl-SCoA, and the separation 
of charge produced by this polarization could be 
responsible in part for the red shift in the maximum 
absorption in the ultraviolet spectrum. The red 
shift observed, however, seems too large for such 
an effect to be responsible for it. In this instance, 
the change in relative permittivity between the solu-
tion and the active site should not be consequential, 
because the ultraviolet absorption spectrum of 
benzaldehyde actually displays a small blue shift upon 
transfer from water to cyclohexane.903 It has been 
suggested that the red shift observed is in large part 
the result of a dehydronation of the 4-hydroxy 
group on 4-hydroxybenzoyl-SCoA by the carbox-
ylato group of an aspartate that forms a hydrogen 
bond to it in the crystallographic molecular model.699 
In support of this possibility is the fact that the 
wavelength of the maximum of absorbance for 
4-hydroxymethylbenzoyl-SCoA only shifts from 292 
to 323 nm when it associates with the active site. 
The dehydronation of the oxygen following the ini-
tial addition of hydroxide to carbon 4 would provide 
push during the dissociation of the chloride. 
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Problem 3-37: Histidine 159 is a catalytic base 
within the active site in crystallographic molecular 
models of papain from Carica papaya.904 The peak 
of absorption from the hydron on carbon 2 of 
Histidine 159 has been identified in the nuclear 
magnetic resonance spectrum of papain. The follow-
ing are its chemical shifts (dH159,CH2) as a function 
of pH.905 

 

pH   dH159,CH2 

6.18 8.55 
6.93 8.48 
7.24 8.48 
7.89 8.38 
8.14 8.29 
8.38 8.23 
8.59 8.14 
8.96 8.00 
9.07 7.94 
9.37 7.89 
9.95 7.73 

10.58 7.75 

 
 (A) Plot (d H159,CH2) as a function of pH.  
 (B) What information does this plot contain?  
 (C) What is the numerical value of this equilibri-

um constant?  
 (D) Is this equilibrium constant a macroscopic 

or an elementary equilibrium constant?  

 

 

 

Induced Fit 

From crystallographic molecular models, it has 
become apparent that the active sites of enzymes 
display a spectrum of structural responses to the 
association of substrates. At one end of the spectrum 
are active sites the structures of which are affected 
very little when a substrate binds.906 An example is 
ribonuclease T1 from Aspergillus oryzae. The crys-
tallographic molecular models of the polypeptide 
surrounding the active site of this enzyme display 
only a few reorientations of the side chains of amino 
acids surrounding and creating the active site upon 
association of an analogue for the substrate in the 
enzymatic reaction.907-909 At the other end of the 
spectrum are active sites that close around the sub-
strates as they bind so that the amino acids forming 
the active site and responsible for catalysis are 
assembled and properly oriented only after the 
substrates have associated. An example is hexokinase 
from S. cerevisiae.910 When ∂-glucose associates 
with the enzyme, its structure changes so signifi-
cantly that the unliganded enzyme and the 
liganded enzyme form crystals that are not isomor-
phous.911 This difference in structure results from a 
rigid-body movement of 12ª about an axis between 
two independently shifting domains within the 
same subunit. This movement closes the active 
site, which lies in the crevice between the domains, 
around the bound substrates (Figure 3-55).910,912 
Between the extremes represented by ribonuclease 
T1 and hexokinase, examples of a variety of inter-
mediate structural responses can be found. 
 



Association of Substrates with the Active Site 
 

882 

 
 
 

 
 
 

  

"

#



Induced Fit  
 

883 

Figure 3-55: Space-filling model of the two conformations of a 
subunit of hexokinase from S. cerevisiae: (A) the form in which 
the active site is open and (B) the form in which the active site 
is occupied by ∂-glucose and the protein has closed around 
the substrate.912 The crystallographic molecular model of the 
open form was constructed from a map of electron density 
calculated from the reflections of a crystal of hexokinase with 
space group P212121. The phases were determined by isomor-
phous replacement. The crystallographic molecular model of 
the closed form was obtained from crystals of the enzyme 
complexed with ∂-glucose. Although these crystals were, by 
chance, also of the space group P212121, the dimensions of the 
 
 

unit cell and the packing of the protein were completely different. 
The phases of the reflections from this nonisomorphous crystal 
were also determined by multiple isomorphous replacement 
independently of the previous crystallographic study of the 
open form. The active site lies in the deep cleft between the 
two lobes of the open form (Panel A). When ∂-glucose is bound 
in this cleft, the lobes close around the active site to enclose 
the molecule of ∂-glucose (atoms highlighted with speckled 
pattern). Reprinted from reference 912 Copyright 1980 with 
permission from Elsevier. https://doi.org/10.1016/0022-2836 
(80)90103-5 
 
 

 Reorientations of the side chains of amino acids 
in the active site upon the association of substrates, 
such as those observed for phosphoserine phos-
phatase from Methanococcus jannaschii (Figure 
3-56),913 are probably universal. A particularly 
striking example is the rotation of -160ª around the 
bond between the a carbon and b carbon of Tyro-
sine 248 in bovine carboxypeptidase, with no 
change in the position of these two carbon atoms, 
that brings the 4-hydroxy group of the side chain 
into a hydrogen bond with the carboxy-terminal 
carboxylato group of its substrate.914,915 
 Occasionally, a prosthetic group shifts its po-
sition rather dramatically during the association of 
a substrate. In a crystallographic molecular model 
of the active site of 4-hydroxybenzoate 3-mono-
oxygenase 

  
                            (3-435) 

from P. aeruginosa, in which the substrate 
4-hydroxybenzoate is bound, the isoalloxazine of 
the prosthetic flavin in the enzyme sits between the 
bound 4-hydroxybenzoate and the solution. In a 
crystallographic molecular model of another confor-
mation of the enzyme, however, the isoalloxazine 
has slid aside, providing unhindered access to the 
site with which the 4-hydroxybenzoate associ-
ates.916 It was concluded that, following association 
of 4-hydroxybenzoate with this open version of the 
subsite, the isoalloxazine slides over it, isolating it 
from the solution. In crystallographic molecular 
models of the active site of the flavoenzyme 
¬-ornithine N5-monooxygenase [NAD(P)H] from 
Neosartorya fumigata, the adenylate and the phospho-
ribose to which the isoalloxazine of the prosthetic 
flavin adenine dinucleotide is attached are firmly 
anchored within the protein, but the isoalloxazine 
can swing into and out of the active site by pivoting 

on the stationary single bond between carbons 1¢ 
and 2¢ of the phosphoribosyl group. In the unoccu-
pied active site, the flavin has swung out of the active 
site, but when the active site is occupied by either 
the substrate ¬-ornithine or the substrate NAD+ or 
both of them, the flavin has swung in to leave room 
for them to bind.917 
 Another change in the conformation of an 
enzyme that is often observed when crystallo-
graphic molecular models of liganded and un-
liganded versions are compared is a tightening of 
the structure of the protein surrounding the active 
site. Segments of secondary structure around the 
active site often shift perceptibly in the direction of 
a bound inhibitor or substrate as if closing around 
it (Figure 3-57).918-922 When crystallographic 
molecular models of unoccupied enzyme and enzyme 
occupied by substrates or inhibitors are compared, 
this tightening is also manifested as significant 
decreases in the crystallographic B-factors of segments 
of the polypeptide surrounding the active site923 or 
increases in the order parameters for relaxation of 
the excitation of amido hydrons in the polypeptide 
backbone surrounding the active site in nuclear 
magnetic resonance spectra.924,925 In small proteins 
with large substrates, this tightening often occurs 
over the entire structure of the protein. 
 In enzymes with two reactants, in which asso-
ciation of the reactants with the active site is ordered, 
association of the first reactant can cause confor-
mational changes that create the subsite for the 
second reactant. For example, when aspartate 
carbamoyltransferase (Equation 3-220) from E. coli 
binds carbamoyl phosphate, which is the first reactant 
to associate with the enzyme (Figure 3-14), there 
are small but significant changes in the conforma-
tions of the side chains that surround the carbamoyl 
phosphate as well as shifts in the polypeptide 
backbone that together create the subsite for 
¬-aspartate, the second reactant to bind to the active 
site.926 
 

4-hydroxybenzoate  +  NADPH  +  H+  +  O2

1   3,4-dihydroxybenzoate  +  NADP 
+  +  H2O 
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Figure 3-56: Superposed stereodrawings576 showing the small 
shifts in side chains and a portion of the polypeptide backbone 
in the active site of phosphoserine phosphatase from M. janna-
schii accompanying the association of the reactant O-phospho-
¬-serine.913 Black atoms are carbons, white atoms are oxygens, 
small gray atoms are nitrogens, and the large dark gray atom is 
a phosphorus. An enzymatically inactive mutant of the enzyme 
in which Aspartate 11 had been mutated to an asparagine was 
crystallized in 5 mM MgCl2 and a buffer at pH 7.4, either alone 

or in the presence of O-phospho-¬-serine. The resulting crys-
tallographic molecular models were superposed. The drawing 
is the superposition of the empty active site (black bonds) and 
the active site occupied by O-phospho-¬-serine (white bonds). 
The side chains of several amino acids surrounding the active 
site are included in the drawing as well as a short segment of 
polypeptide. Hydrogen bonds (dashed lines) between donors 
and acceptors in the side chains or polypeptide and acceptors 
and donors in the O-phospho-¬-serine are also drawn. 
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Figure 3-57: Tightening of the active site of cysteine synthase 
from Fusobacterium nucleatum around the external pyridox-
imine of ¬-lanthionine.918 The central intermediate in the reaction 
catalyzed by cysteine synthase is the external pyridoximine of 
2-aminoacrylate (Equation 2-13), which in the usual reaction 
is formed in one direction from O-acetyl-¬-serine and formed 
in the other direction from ¬-cysteine. The enzyme, however, is 
promiscuous about the nucleophile that adds to the pyridox-
imine of 2-aminoacrylate. The sulfido group of ¬-cysteine is 
one of the nucleophiles that can add, and it gives ¬-lanthionine 
as the final product. The open active site is observed in the 
crystallographic molecular model of the internal pyridoximine 
in the otherwise unoccupied enzyme, and the closed active site is 
observed in the crystallographic molecular model of the external 
pyridoximine of ¬-lanthionine.919 The molecular model of the 
¬-lanthionine in the external pyridoximine from the latter 
model was inserted into the former model to provide a picture 
of the complex that forms between the open active site and the 
substrate ¬-lanthionine. Lavender atoms are carbons, red atoms 
are oxygens, and blue atoms are nitrogens The resulting super-
position is presented as the OPEN conformation in space-
filling format, and the crystallographic molecular model of the 
active site occupied by the external pyridoxime of ¬-lanthio-
nine is presented as the CLOSED conformation. The view of 
the open conformation contains, from left to right, the 
a-carboxy group, the a-carbon, and the a-amino group from 
the ¬-cysteine that added to the pyridoximine of 2-aminoacrylate 
as well as carbon 3, the 2-amino group, and the carboxy group 
formerly in 2-amino-acrylate. Two segments of the polypeptide, 
each consisting of two amino acids, move toward each other 
to close over the occupied active site. Serine 224 in one of the 
segments provides both a donor, the amido oxygen of its peptide 
bond, and an acceptor, its hydroxy group, for hydrogen bonds 
to the a-carboxy group of ¬-lanthionine. Reprinted with permis-
sion from reference 918. Copyright 2020 American Chemical 
Society. https://doi.org/10.1021/acs.biochem.0c00683 

 The reorientation of side chains and prosthetic 
groups and the small shifts of secondary structures 
that close and tighten the structure of the protein 
around a substrate result in only small changes in 
the relative positions of the a  carbons of the folded 
polypeptide that constitutes the enzyme. When 
crystallographic molecular models of the unliganded 
conformations and the respective liganded confor-
mations in a large collection of crystallographic 
molecular models were compared, most of these 
enzymes (75-80%) showed only small changes 
(<0.1 nm) in the mean positions of their a carbons, 
consistent with only minor adjustments to a preex-
isting active site upon the association of sub-
strates.908,927 The minority (20-25%), however, 
show more significant conformational changes of 
the polypeptide upon the association of substrates 
and inhibitors. 
  A common example of these more significant 
conformational changes is the closing of a loop of 
polypeptide over the substrates or inhibitors after 
they have associated. For example, after glycerone 
phosphate1 or an analogue of the cis-enediol inter-
mediate in the enzymatic reaction928 associates 
with the active site of triose-phosphate isomerase 
(Equation 3-384), a short loop of polypeptide, 
comprising amino acids 165–175 in the enzyme 
from S. cerevisiae,929 closes over the substrate or 
inhibitor to lock it in the active site (Figure 
3-58).928,930,931 The closing of this lid embeds the 
phospho group of the substrate within a mold of 
amino acids932 that prevents it from moving during 
the reaction. Because the phospho group is held in 
the plane of the cis-enediol that is an intermediate 
in the reaction (Figure 3-58), orthogonal to its 
p system, and because it binds to the enzyme as the 
dianion,2 the elimination of phosphate from the 
intermediate cis-enediol that would produce methyl 
glyoxal 

              (3-436) 

an undesired side product, is prevented. This elim-
ination requires that the phospho group be normal  
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Figure 3-58: Superposed stereodrawings576 showing the closing 
of the lid over the active site of triose-phosphate isomerase 
from S. cerevisiae.930,931 Black atoms are carbons, white atoms 
are oxygens, small gray atoms are nitrogens, and the large dark 
gray atom is a phosphorus. The crystallographic molecular 
model of the enzyme with an empty active site (black filled 
bonds) was superposed onto the crystallographic molecular 
model of the enzyme with its active site occupied by phospho-
glycerate (white open bonds), an analogue of the cis-enediol 
intermediate in the enzymatic reaction. The analogue of the 
intermediate occupies the active site and also causes the loop 
of polypeptide from Tryptophan 167 to Alanine 174 to drop 
over the active site, clamping down on the phospho group of 
phosphoglycerate. The movement can be appreciated by following 

the translation of Isoleucine 169 and Leucine 173 and the poly-
peptide between them. While Leucine 173 drops down with the 
lid, the side chain of Isoleucine 169, because it is at the edge of 
the lid, slides into place as the lid closes. The side chain of 
Glutamate 164 swings into the active site as the lid closes. The 
twisting of the polypeptide allowing this motion can be appre-
ciated by observing the motion of Proline 165. The twist causes 
the side chain of Proline 165 to move up rather than down. The 
hydrogen bonds between the side chains of Histidine 94 (Fig-
ure 3-37) and Lysine 11 and the oxygen of the inhibitor that 
mimics the oxygens on carbons 2 of the substrates 
∂-glyceraldehyde 3-phosphate and glycerone phosphate are 
drawn. 
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to the plane of the cis-enediol and that it be at least 
the monoanion. The unrelated enzyme methylglyoxal 
synthase from E. coli, the purpose of which is to 
produce methylglyoxal from glycerone phosphate, 
binds the glycerone phosphate so that its phospho 
group is normal to the plane of the cis-enediol, an 
orientation ideal for elimination.393 
 When the loop in triose-phosphate isomerase 
from G. gallus is shortened by four amino acids by site-
directed mutation, the mutant enzyme, in addition 
to having a specificity constant for glyceraldehyde 
3-phosphate that is 8 ¥ 105 smaller than the wild 
type, produces significant quantities of methyl-
glyoxal (as much as 95% of the product from 
glyceraldehyde 3-phosphate)933 because the active 
site is still able to produce the cis-enediol intermediate 
but it dissociates and decomposes in solution,934 
presumably because the loop is not long enough to 
retain it until the isomerization has been completed. 
When only Valine 166 and Tryptophan 167 in one 
of the hinges for the loop, however, are mutated to 
proline and glutamate, respectively,933 the specificity 
constant for glyceraldehyde 3-phosphate is still 
dramatically smaller (2 ¥ 104) than that of the wild 
type, but the percentage of the product that is 
methylglyoxal decreases to 20%, presumably because 
the loop is long enough to prevent a larger fraction 
of the cis-enediol from escaping into the solution. 
 There is a loop that closes over the active site of 
ribulose-bisphosphate carboxylase (Equation 3-424) 
after the association of 2-carboxy-∂-arabinitol 
1,5-bisphosphate, an analogue for intermediate 3-119 
in the enzymatic reaction (Figure 3-53). When the 
entire loop in the enzyme from Rhodospirillum 
rubrum was replaced by two glycines by site-
directed mutation, the active site still catalyzed the 
enolization of ∂-ribulose 1,5-bisphosphate, which 
is the first step in the overall enzymatic mecha-
nism, just as the active site of triose-phosphate 
isomerase was still able to catalyze the enolization 
of glyceraldehyde 3-phosphate. In the absence of 
the loop, however, the active site of ribulose-
bisphosphate carboxylase was unable to carbox-
ylate the enolate to complete the reaction.935 
 Loops that fold over the active site to enclose 
the substrates can be as short as four to six amino 
acids936-938 or as long as 32 amino acids.939 
 So far, only the closing of a loop over the active 
site of enzymes with a single reactant have been 
considered. In an enzyme with two reactants, a 
loop of polypeptide can close over the active site 
once both of the reactants have associated to oc-
clude them from the solution. There is a loop of 

polypeptide (53 aa) composed of three a helices on 
the surface of hydroxymethylglutaryl-CoA reductase 
from S. pneumoniae that swings as a rigid body in a 
rotation of 180ª on a hinge of two strands of random 
meander* to close over the active site. In a crystal-
lographic molecular model of the open confor-
mation,940 the loop adheres to the surface of the 
enzyme on one side of the hinge. In a crystallo-
graphic molecular model941 of hydroxymethylglu-
taryl-CoA reductase from Pseudomonas mevalonii 
(40% identity; 0.4 gap percent) in the conformation 
in which the loop has enclosed the two oxidized 
substrates, 3-hydroxy-3-methylglutaryl-SCoA and 
NAD+, the loop is adhering to the surface of the 
enzyme on the other side of the hinge and closing 
the active site. In the crystallographic molecular 
model942 of hydroxymethylglutaryl-CoA reductase 
from S. pneumoniae, however, in which the active 
site is occupied by only one of the reactants, 
3-hydroxy-3-methylglutaryl-SCoA, the loop has only 
partially closed, and the 3-hydroxy-3-methylglu-
taryl-SCoA has been enclosed; but the immediately 
adjacent subsite for the other reactant, NADPH, is 
still open to permit its association. In the enzymatic 
reaction, 3-hydroxy-3-methylglutaryl-SCoA is reduced 
by four electrons, so this partial closure permits the 
first molecule of NAD+ to dissociate and the second 
molecule of NADH to associate while the partially 
reduced 3-hydroxy-3-methylglutaryl-SCoA remains 
enclosed. 
 Although the closing of a loop over an active 
site is often emphasized because it seems to have 
more catalytic advantages, loops can also move 
over to open an active site to its reactant and remain 
in this shifted conformation after the reactant asso-
ciates. In a comparison of crystallographic molecular 
models of the unoccupied active site of cholesterol 
oxidase from Brevibacterium sterolicum and the 
active site occupied by the substrate dehydroiso-
androsterone, it can be seen that a loop comprising 
amino acids 75–85 moves over, and this motion 
opens the active site rather than closing it.943 
 When a loop closes over an active site, an amino 
acid participating in the catalysis is often brought 
into the active site by the closure of the loop.944-946 
For example, Glutamate 140 in endoglucanase CelC 

                                     
*A distinction is made between random meander, which is the 
fixed, randomly meandering path the polypeptide follows in 
the folded structure of a protein and which, aside from molecular 
vibration, does not change significantly with time, and a random 
coil, which is an expanded unfolded polypeptide in solution 
that is constantly changing its entire structure as a result of 
random rotations around its single bonds. 
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from A. thermocellus, which is the catalytic acid 
that hydronates the leaving group in the hydrolysis 
catalyzed by this enzyme, is brought into the active 
site when the loop containing amino acids 138–141 
closes around the reactant.936 In the active site of 
triose-phosphate isomerase (Equation 3-384) from 
S. cerevisiae, the catalytic carboxylato group of Gluta-
mate 164 (Figure 3-37) enters the active site as the 
loop containing amino acids 164–175 closes over a 
reactant (Figure 3-58). 
 The loops that close over a substrate always 
assume a particular conformation in the crystallo-
graphic molecular model of the closed confor-
mation of the active site, but they can have a 
particular conformation,929,947 can have two con-
formations,948 can be disordered and lack electron 
density,949,950 or can be partially disordered951 in 
the crystallographic molecular models of the open 
conformation, or the several open conformations, 
of the active site. Because the loop is often disor-
dered or at least more exposed in the open confor-
mation while it is ordered in the closed 
conformation, its availability to digestion by an 
endopeptidase when the enzyme is in solution can 
be used to determine when the active site is open 
and when it is closed.952 
 In some cases, the transition from the open to 
the closed conformation is accompanied by a 
change in the secondary structure of a loop. For 
example, the closing of a loop can cause a new 
a helix to form within it953,954 or extend an already 
existing a helix.955 In the case of purine-nucleoside 
phosphorylase from E. coli, an a helix of 14 amino 
acids that exists in the open conformation breaks in 
two, and one half shifts over to close the active 
site.956 A loop in dihydrofolate reductase from E. coli 
has an irregular structure in the crystallographic 
molecular model of the open conformation, but 
when the loop is closed over the active site, it has 
become a hairpin of b structure.957 
 In contrast to these examples of changes in the 
secondary structure within a loop as it closes over 
the active site, the secondary structure of the loop, 
as was the case with hydroxymethylglutaryl-CoA 
reductase, can remain unchanged after it has closed. 
For example, the loop of fifteen amino acids that 
closes over the intermediate analogue ethyl 
n-hexylphosphonate, in crystallographic molecular 
models of the unoccupied and occupied confor-
mations of triacylglycerol lipase from Rhizomucor 
miehei contains an a helix of seven amino acids 
that moves as a rigid body during the closure, 

which is accomplished by hinges at the two ends of 
the loop.958 
 In some cases, two,959,960 three949,961 or as many 
as six962 loops close over the active site, almost as if 
they were short fingers closing as a fist over an object. 
Sometimes the carboxy terminus963 or the amino 
terminus,949 rather than an internal loop, closes 
over the substrates after they have associated with 
the active site. In one instance, however, the amino-
terminal strand of the protein can block access to 
the active site in an unliganded conformation of the 
enzyme and must swing away to make the active 
site available to substrates.964 
 The ultimate solution to closing an active site 
around the substrate is to bring together two inde-
pendently shifting domains, as does hexokinase 
from S. cerevisiae (Figure 3-55) or porcine citrate 
(Si)-synthase.578 The motion of the two domains 
relative to each other can be described by comparing 
crystallographic molecular models of the enzyme 
in the open and closed conformations. In the tran-
sition from an open to a closed conformation, amino 
acids participating in catalysis and those recognizing 
substrates by noncovalent interactions are consid-
erably reoriented to form a functional active site in 
the closed conformation where only a portion existed 
in the open conformation. In isocitrate dehydro-
genase (NADP+) from Aeropyrum pernix (Equation 
3-345), one reactant, NADP+, is bound to one domain 
in the crystallographic molecular model of the 
open conformation, and the other reactant, iso-
citrate, is bound to the other domain in the open 
conformation; and the closure of the two domains 
upon each other, in addition to creating the active 
site, moves the two substrates closer together by 
0.5 nm so they can react with each other.965 The 
two domains that close upon each other are usually 
domains in the same polypeptide, but the reorien-
tation can also be between two heterologous subunits 
of the enzyme,966 which in the future may become 
two domains of the same polypeptide as a result of 
gene fusion. Usually the reorientation of the domains 
occurs upon association of the reactants, but it can 
also occur between intermediate steps in the reac-
tion.967,968 
 As was the case with the closing of the loop in 
hydroxymethylglutaryl-CoA reductase, in the closing 
of domains, there can be a partially open confor-
mation in addition to the open and closed confor-
mations. 4-Phytase from Bifidobacterium longum 
hydrolyzes the 4-phospho group from myo-inositol 
hexakisphosphate to give phosphate and 1∂-myo-
inositol 1,2,3,5,6-pentakisphosphate as products. 
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The open conformation is observed in the crystallo-
graphic molecular model of the unoccupied enzyme 
and the closed conformation in the crystallographic 
molecular model of the complex between the enzyme 
and myo-inositol hexakissulfate, an analogue of the 
reactant. When the active site, however, is occupied 
only by phosphate, one of the products, the site is 
partially open, with the angle between the two 
domains about half of the full angle through which 
the two independently shifting domains swing to 
fully close.969 
 As was the case with the closing of loops over 
the active site, but more so, the closing of domains 
almost always gathers the functional groups on 
amino acids that participate in catalysis into the 
closed active site and orients them for catalysis. 
This occlusion is often accomplished simply by the 
closing of the jaws. For example, when the two inde-
pendently shifting domains of isocitrate dehydro-
genase (NADP+) from E. coli in the crystallographic 
molecular models of the open and closed forms are 
superposed, it can be seen that the amino acids 
responsible for catalysis on the two domains “move 
as rigid bodies during domain closure”.970 In other 
instances, there can be significant conformational 
changes that occur in the side chains of catalytic 
amino acids coordinated with the closing of the 
domains. For example, in the crystallographic molec-
ular model of the open conformation of 
b-phosphoglucomutase from L. lactis, the carboxy 
group of Aspartic Acid 10 is swung out of the active 
site, forming a hydrogen bond with the amido 
group of Threonine 16 in the polypeptide back-
bone. In the crystallographic molecular model of 
the two domains closed around the substrate ∂-glu-
cose 6-phosphate, however, the carboxy group has 
swung over to form a hydrogen bond with the oxygen 
on carbon 6 of ∂-glucose 6-phosphate, which is the 
leaving group in the phosphotransfer catalyzed by 
the enzyme.971 
 Often closure of the domains causes the sub-
strates to become completely surrounded by protein 
and to be no longer in contact with the solution. 
Even substrates as large as NADH can be encased 
in protein in this way, as in the closed confor-
mation of formate dehydrogenase from Pseudo-
monas.972 Because the closure of the domains 
usually sequesters side chains of the amino acids as 
well as substrates from access to the solution, the 
rate of reaction for a side chain that is known to be 
sequestered with a reagent that modifies it, such as 
the reaction between a lysine and 2,4-dinitrophenyl 

acetate,973 can be used to monitor the closure when 
the enzyme is in solution. 
 Other local changes in conformation often 
accompany the closure of the two domains. For 
example, during the closing of the two domains in 
adenosine kinase from Toxoplasma gondii around the 
substrate adenosine and the analogue MgAMPPCP2– 
(3-5), the a-helical segment composed of amino 
acids 312–316 in the open conformation becomes a 
random coil that creates an oxyanion hole, and the 
segment of random coil composed of amino acids 
307–310 in the open conformation becomes a 
310 helix.611 Often, segments of polypeptide that are 
disordered and lack electron density in models of 
the open conformation of the enzyme become 
ordered and display well-defined electron density 
when the domains close around a substrate.974 
 As might be expected, the closure of domains 
around the substrates decreases the number of 
amido hydrogens in the polypeptide backbone that 
can exchange with hydrons in the solution. As the 
domains close, the amido nitrogen–hydrogen 
bonds become buried and inaccessible. For example, 
there is a large cleft between two independently 
shifting domains in phosphoglycerate kinase 
(Equation 3-375) in the absence of substrates. 
From the crystallographic molecular model975 of 
the ternary complex between phosphoglycerate kinase 
from T. brucei and the reactant 3-phospho-
∂-glycerate and the product MgADP-, as well as 
measurements of the scattering of X-radiation976 
from solutions of the ternary complex between 
phosphoglycerate kinase from S. cerevisiae (44% iden-
tity; 1.9 gap percent) and 3-phospho-∂-glycerate 
and MgADP-, it has been concluded that these two 
domains have closed around the ligands. When the 
rates of exchange for the amido hydrons in the poly-
peptide backbone of phosphoglycerate kinase from 
G. stearothermophilus (45% identity; 1.2 gap percent) 
were measured, it was observed that the number of 
amido groups that had rates of exchange 108 times 
slower than those they would have in the unfolded 
polypeptide increased from 17 to 40 when either 
3-phospho-∂-glycerate or MgADP- was bound in 
the active site. The number then further increased 
to 59 when 3-phospho-∂-glycerate, AlF4

-, and 
MgADP- were all bound in the active site.977 The 
latter combination forms within the active site either 
an analogue of the transition state or an analogue 
of the intermediate monomeric metaphosphate in 
the phosphotransfer catalyzed by the enzyme. These  
 



Association of Substrates with the Active Site 
 

890 

increases in the slowly exchanging amido hydrons 
monitor their exclusion from the solution as the 
domains close. 
 A closure of domains that sequesters both 
substrates and side chains of amino acids from the 
solution also involves changes in the hydration of 
the protein. The water hydrating the two surfaces 
in the open conformation is mostly gone in the 
closed conformation after they have closed upon 
each other. Consequently, the closed conformation 
is dehydrated relative to the open conformation, 
causing dissociation constants for substrates978 and 
enzymatic rate constants979 to become functions of 
the concentration of water. For example, from 
changes in the dissociation constant for ∂-glucose 
from hexokinase from S. cerevisiae as a function of 
the concentration of water, it has been estimated978 
that about 60 molecules of water of hydration are 
lost upon closure of the active site (Figure 3-55). 
 Usually the two domains that close upon each 
other are about the same size, but sometimes one 
is considerably smaller than the other.973,980,981 In 
most cases, as with hexokinase (Figure 3-55), the 
two domains move as rigid bodies because they 
are large enough to retain their stable tertiary struc-
tures during the conformational change. In some 
instances, however, usually when one of the domains 
is small, there can be changes in the tertiary struc-
ture of the smaller domain during the closure,982 or 
one of the domains in the open conformation can 
be disordered in the crystal.941 When one of the 
domains is small enough, it is simply a more or less 
structured loop that closes over the active site.947 
 The closure of the domains983 can be a simple 
hinged bending as in hexokinase (Figure 3-55), a 
twisting motion that slides one domain over the 
surface of the other,984 or a ball-and-socket motion 
that rotates one domain within a shallow cup on 
the surface of the other.968,980 When the motion 
closing the domains is a hinged bending, two to as 
many as seven strands of polypeptide form the 
hinge upon which the two domains swing.983 These 
strands are usually random meander and hence 
flexible enough to bend by the necessary angle. The 
two domains in aspartate transaminase from G. gal-
lus are joined by two strands of polypeptide. One 
strand is a random meander in both the open and 
closed conformations, but the other strand in the 
open conformation is a long continuous rod of 
a helix, half in one domain and half in the other, 
that kinks in its center by 12ª in the closed conforma-
tion to accommodate the closing of the domains.985,986  

In one instance where the closure results from a 
twisting motion, there are only two flexible strands 
connecting the two domains on either side of the 
axis of the twist.984 In the case of 5A-nucleotidase 
from E. coli, in which a ball-and-socket motion 
closes the active site, the rotation of the ball unwinds 
a turn of a helix in the lone segment polypeptide 
connecting the two domains.987 
 Sometimes a screw axis, which is an operation 
capable of describing any reorientation of two rigid 
bodies, must be used to describe the motion.912 
Usually, however, the motion of the two domains 
as rigid bodies can be described as a relative mo-
tion about a rotational axis (Table 3-8). 
 Enzymes that have nucleic acids as their sub-
strates usually have the most dramatic induced fits 
as they associate with their respective reactants 
because nucleic acids are also macromolecules, 
and they are of a size equal to the enzymes them-
selves. For example, it has already been noted that 
human DNA ligase (ATP) completely surrounds 
nine of the base pairs in the nicked double-
stranded DNA that is its reactant.760 The induced fit 
required to accomplish this enclosure has been 
described in crystallographic molecular models of 
DNA ligase (NAD+) from E. coli both in the absence 
of DNA995 and after it has surrounded a segment of 
DNA.996 In the crystallographic molecular model of 
the unliganded conformation, the enzyme contains 
four independently shifting domains that form an 
arc of roughly 160ª that is open on its concave side. 
As the DNA is surrounded during formation of the 
complex, the arc contracts into an almost complete 
circle. During this contraction, the four domains 
twist and flip with respect to each other as they 
contact the surface of the DNA so that surfaces on 
three of them that were not on the concave side of 
the arc end up on the concave surface of the final 
structure. 
 Type II site-specific deoxyribonuclease from 
B. subtilis hydrolyzes foreign, double-stranded DNA 
at restriction sites that have not been modified by 
the bacterium. The enzyme is a homodimer of two 
subunits (233 aa) that is rotationally symmetric in 
the crystallographic molecular models of both the 
free enzyme997 and the complex with double-
helical DNA.998 The sequence of nucleotides in the 
double-stranded DNA is palindromic, and in the 
complex the rotational axis of symmetry of the pro-
tein coincides with the rotational axis of symmetry 
of the palindrome. During the transition from the 
unliganded to the liganded conformation, the two  
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Table 3-8: Rotations of Domains about an Axis during Closure of 
Active Sites   

enzyme rotation 

formate dehydrogenase from Pseudomonas972 7.5ª 
2S epimer (∂-mannose) from S. cerevisiae912 12ª 
orotidine-5A-phosphate decarboxylase from E. coli988 12ª 
3-dehydroquinate synthase from Aspergillus nidulans972,989 12ª 
glycogen synthase from E. coli990 15ª 
thermolysin from B. thermoproteolyticus991 16ª 
porcine citrate (Si)-synthase578 18ª 
isocitrate dehydrogenase (NADP+) from A. pernix965 19ª 
phosphoenolpyruvate carboxykinase (ATP) from E. coli992 20ª 
pyruvate kinase from O. cuniculus993  41ª 
human lactotransferrin994 53ª 
periplasmic dipeptide transport protein from E. coli993 55ª 
 

 
 
 
dimers pivot with respect to each other by 100ª 
about an axis that passes through the interface 
between the two subunits and that intersects and is 
normal to the rotational axis of symmetry, just as 
the two blades of a scissors, which are related to 
each other by a rotational axis of symmetry, pivot 
around the pin that holds them together and that is 
perpendicular to that rotational axis of symmetry. 
Within the interface, the two faces rotate relative to 
each other about this axis so that the noncovalent 
interactions creating the interface are almost com-
pletely different in the complex than what they 
were in the unliganded conformation, even though 
there is still a rotational axis of symmetry running 
through the interface. This pivot allows the two 
subunits to close around the DNA and surround a 
250ª sector of the cylinder of DNA. The enclosure is 
completed by two loops of polypeptide from each 
subunit that were disordered in the unliganded 
conformation but become ordered as they embrace 
the DNA. 
 Unlike DNA ligase and type II site-specific deoxy-
ribonuclease, which must find a specific nick or a 
specific sequence of nucleic acids in the long DNA 
of the chromosome, DNA-directed DNA polymerase 
is responsible for elongating any segment of DNA 
of any sequence. On one side of the active site in its 
substrate, there is a double-stranded DNA duplex 
in which one strand ends at the catalytic site with a 
3¢-hydroxy group. On the other side of the active 

site, the other strand of the DNA is a continuous 
single strand forming the template on which the 
elongation is to occur. On the surface of a large 
(604 aa) truncated version of DNA-directed DNA 
polymerase I from E. coli, in the crystallographic of 
molecular model of the unliganded conformation,999 
there is a deep groove, the width of double-
stranded DNA, on one side of the active site. On the 
other side of the active site, there is a narrower 
groove on the surface of the protein at an angle of 
130ª to the wider groove. In the crystallographic 
molecular model of the liganded conformation,1000 
associatied with a molecule of DNA that is a complex 
between a single strand representing the template 
and a primer the 3¢ end of which represents the 
point of elongation, the double-stranded portion of 
the DNA is sitting in the wide groove and the short 
single-stranded portion of the DNA is sitting at the 
entrance to the narrow groove, presumably repre-
senting the single strand of a much longer template 
on its way into the active site. An independently 
shifting domain of the protein (100 aa), known as 
the "thumb", has closed over the catalytic portion 
of the active site in an induced fit that isolates it 
from the solution. Presumably, the wide groove has 
no preference for the sequence of nucleotides in 
the double-stranded DNA, and likewise, the narrow 
groove has no preference for the sequence of nucleo-
tides in the single-stranded DNA. 
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 The open form of DNA-directed DNA poly-
merase I from E. coli with the thumb swung away 
from the catalytic site is susceptible to digestion by 
trypsin while the closed form is not. Using suscep-
tibility of the intact polypeptide to tryptic digestion, 
as well as using selective templates in which a short 
single strand of DNA is annealed to a longer strand 
so that the identity of the next nucleotide to be 
added to the elongating strand is known, it could 
be shown that the thumb closes over the catalytic 
site only when the nucleoside triphosphate of the 
correct, complementary base has associated with 
the active site and presumably the template.1001,1002 
The subsequent opening of the active site following 
the catalytic step permits release of the diphos-
phate that is the product of elongation of the primer 
by one nucleotide and permits association of the 
next, correct nucleoside triphosphate. The active 
site then closes around that correct nucleotide and 
the DNA. Consequently, both the opening and the 
closing must happen at each step in elongation. For 
the structurally related DNA-directed DNA poly-
merase from Escherichia phage T7,1003 both the 
rate constant at which the active site opens to release 
the diphosphate as a product (1.2 ms-1) and the 
rate constant at which the active site closes over the 
DNA and the correct magnesium deoxyribonucleoside 
triphosphate in the next step of the elongation 
(0.3 ms-1) have been measured.1004 These rate con-
stants are fast enough to accomplish the opening 
and closing of the active site at each step in the 
elongation, just as the active site of hexokinase 
opens and closes during each turnover.  
 In the much shorter (335 aa), but nevertheless 
structurally related1005 DNA-directed DNA poly-
merase b from R. norvegicus, the grooves are missing 
and only the portion the enzyme containing the active 
site remains. In the crystallographic molecular 
model of the unliganded enzyme,1005 the active site 
is wide open to a molecule the size of a molecule of 
DNA that is a duplex up to the 3¢-hydroxy group 
and a single strand beyond the point of elongation. 
In the crystallographic molecular model of the 
closed conformation,1006 a rather long rodlike, inde-
pendently shifting domain (80 aa), composed of six 
short a helices, has closed over the single-stranded 
and double-stranded DNA by an almost rigid-body 
motion through an angle of 80ª about a hinge com-
posed of two short a helices. The movement of this 
domain again isolates the active site from the solu-
tion and creates the catalytic center. 
 Tightening of the protein around the substrates, 
closure of a loop or several loops over the substrates, 

or enclosure of the substrates brought about by the 
reorientation of domains are not exclusive possi-
bilities. Tightening of the active site can accompany 
closure of a loop,1007,1008 and closure of two domains 
can be accompanied by closure of one or more 
loops.947,986,1009,1010 When aspartate—tRNA ligase 
associates with its substrate tRNAAsp, two of its 
three independently shifting domains rotate with 
respect to the third, each about its own axis, to 
form contact with tRNAAsp, which is a large sub-
strate. In the single sites on each domain that make 
contact, as well as in the catalytic site that associ-
ates with ¬-aspartyl acyl adenylate and tRNAAsp, the 
only conformational changes from the respective 
unliganded conformations are rotations of side 
chains to adjust to the substrates.1011 The sum of all 
the structural changes characteristic of a particular 
enzyme defines the difference between open and 
closed conformations. 
 In a certain sense, many of the rotations, pivots, 
reorientations, and closings of hinges observed in 
the respective pairs of crystallographic molecular 
models may be illusory. Although the closed confor-
mation is most likely the conformation the protein 
assumes in solution upon association of the substrate 
or substrates, the particular open conformation 
observed in a crystallographic molecular model 
may be more a result of the crystallization than any 
inherent structure. In solution, the two domains in 
the open conformation may be constantly reori-
enting relative to each other rather that being rigidly 
held at some particular angle. In several crystallo-
graphic studies, more than one structure has been 
observed for the open conformation of an en-
zyme.1012,1013 In other instances, the angle between 
the two domains in the open conformation fluctu-
ates widely.1014,1015 In the case of triose-phosphate 
isomerase, calculations suggest that the loop in the 
open conformation is in fact highly flexible and 
samples many different conformations,1016 so the 
picture of a rigid-body motion (Figure 3-58), although 
educational, is probably incorrect. 
 There are other observations, however, suggest-
ing that the structures observed in static crystallo-
graphic molecular models of the unoccupied, 
open conformations are often realistic. For example, 
in five different, nonisomorphous crystalline forms, 
aspartate transaminase from G. gallus exists in only 
two conformations, either open or closed.1017 There 
are spectroscopic observations with a modified 
form of the enzyme in which a fluorescent functional 
group has been incorporated that are consistent 
with only two conformations of the enzyme existing 
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in solution.985 The conclusion that there are only 
two conformations in this instance seems reasonable 
since the open conformation has a long, rigid 
a helix spanning the two domains. 
 When arginine kinase from L. polyphemus is in 
solution in the absence of substrates or inhibitors, 
nuclear magnetic resonance spectra are consistent 
with an equilibrium existing between open and 
closed conformations that are observed crystallo-
graphically and that differ from each other by the 
opening and closing of two independently shifting 
domains.1018 These observations correlate the motions 
in solution to the conformational change defined in 
these static structures. 
 The behavior of the absorbances of 27 amido 
nitrogens-15 and their amido hydrogens in a two-
dimensional (1H-15N) correlated nuclear magnetic 
resonance spectrum of adenylate kinase from E. coli, 
which shift in concert under perturbation, are also 
consistent with only two conformations, open and 
closed, being present in the solution.962 
 
 Any change in the conformation of an enzyme 
that is thermodynamically linked to the associa-
tion of its substrates is an induced fit. That such 
alterations in the structure of a protein could occur 
in response to the binding of a reactant or reactants 
was proposed before any such changes were observed 
crystallographically.1019 Assume for the moment 
that the sequence of amino acids for the polypeptide 
that folds to form the native structure for a protomer 
of the enzyme contains the information necessary 
to specify two distinct native structures, which are 
two distinct conformations of the enzyme. These 
two conformations could be, for example, the open 
conformation (Eo) and the closed conformation 
(Ec) observed in crystallographic molecular models. 
Assume also that, in the absence of reactant A, the 
open conformation is more stable than the closed, 
but that when reactant A is bound, the closed con-
formation is more stable than the open. The equi-
libria describing this situation are  

            (3-437) 

The standard free energy changes for binding of 
reactant A to the two conformations of the enzyme 

are for the directions of dissociation, from right to 
left, and those for the conformational changes are 
for the directions from closed to open, upward. The 
free energies for all four limbs of such a linkage 
relation have been measured for the association of 
nucleotides with tryptophan—tRNA ligase from G. 
stearothermophilus,1020 
 Because free energy is a state function and 
independent of path  

                   (3-438) 

Because the enzyme is open in the absence of reac-
tants and closed in the presence of reactant A, 
DGª2 < 0, and DGª3 > 0, from which it follows that 

               (3-439) 

These linkage relations state that if and only if reac-
tant A binds more tightly to the closed conformation 
than the open conformation, as is reasonable, will 
the binding of reactant A be able to invert the equi-
librium between the open and closed confor-
mations of the enzyme. This difference in the 
standard free energies of dissociation tips the balance 
and closes the active site around the reactant. 
 The linkage relation of Equation 3-437, for the 
sake of simplicity, assumes that the enzyme can exist 
in only two conformations, open and closed. When 
domains or loops in the open conformation fluctuate 
among many different orientations, which may be 
the more common situation, the ensemble of the 
conformations can be treated thermodynamically 
as the single open conformation in Equation 3-437 
by assigning to the ensemble a mean standard free 
energy. 
 Although a thermodynamic distinction between 
the two is irrelevant, a kinetic distinction can be 
made between the two directions around the linkage 
square (Equation 3-437). The path on which the 
ligand associates before the conformational change 
occurs, designated as induced fit,1019 can be distin-
guished kinetically from a path on which the 
conformational change occurs before the ligand 
can associate with the active site, designated as 
conformational selection.1021,1022 The difference is 
between a thermodynamic statement that free energy 
is independent of path and a kinetic mechanism 
describing the actual events of the association. In 
the former instance, a site with which a reactant 
can associate must exist in the open conformation. 
Certainly, in the instances in which the active site 

Eo  +  A  1  Eo·A1 DG 4ª

DG 2ª

Ec  +  A  1  Ec·A

1
DG 3ª

DG 1ª

DG 1ª  +  DG 2ª  =  DG 3ª  +  DG 4ª

DG 1ª  >>  DG 4ª
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closes around that substrate and its cosubstrates, 
occluding them from the solution, it must be the 
case that a site exists on the open conformation 
since there is no access of any ligand to the active 
site in the closed conformation. In the latter kinetic 
mechanism, the actual association of the reactant 
or reactants is preceded by a pre-equilibrium that 
does not involve the reactants. That many kinetic 
mechanisms not involving enzymes proceed 
through preequilibria is well-known and uncontro-
versial. There is no reason to doubt that there may 
be instances in which an active site is both open to 
the solution in the closed conformation and unable 
to associate with the reactants in the open confor-
mation. Although such a situation may be involved 
in the control of enzymatic activity, if such control 
is not occurring, the main consequence of such a 
kinetic mechanism is to decrease the concentration 
of active enzyme in the solution and decrease the 
efficiency of catalysis, an outcome that seems con-
trary to natural selection. 
 The original proposal for the existence of induced 
fit was provided as an explanation for the specificity 
that certain enzymes displayed toward certain 
reactants. For example, bovine 5A-nucleotidase 
catalyzes the hydrolysis of the phosphate ester of 
adenosine 5A-phosphate 100-fold more rapidly than 
it does that of ribose 5-phosphate.1019 One explana-
tion for this kinetic preference was that the larger 
reactant causes an induced fit to occur more effec-
tively.* If the active site is able to catalyze the reaction 
only in the closed conformation, then any reactant 
that is more effective at inducing closure of the active 
site will be more effectively transformed by the 
enzyme. Consequently, in this explanation, induced 
fit is a strategy to enhance the specificity of the 
enzyme for its reactant relative to portions of its 
reactant or other related reactants if only the proper 
reactant is able to elicit the induced fit, which in 
turn brings the catalytic groups into proper loca-
tions and orientations for catalysis. 
 
 Induced fit can be used to improve the specificity 
of an enzyme only at the expense of its catalytic 
efficiency.1023 This conclusion follows from the fact 
that a portion of the negative change in free energy 
accompanying the association of the reactant must 
be expended to shift the equilibrium between the 
inactive, open conformation and the active, closed 

                                     
*The conformational change accompanying the induced fit 
linked to the association of a nucleotide accomplished by 
5A-nucleotidase from E. coli was subsequently shown to exist.980 

conformation of the enzyme rather than being used 
to hasten the reaction. If almost all the unoccupied 
enzyme is in the open conformation to begin with, 
the total change in standard free energy for dissoci-
ation of reactant A from the catalytically active 
complex, Ec·A, is either DGª1 + DGª2 or DGª3 + DGª4, 
but either sum is always more negative than DGª1, 
the standard free energy of dissociation of reac-
tant A from the closed form. Therefore, reactant A 
binds less tightly to the enzyme than it would if only 
the closed conformation were present from the 
beginning. Therefore, tight binding is sacrificed 
to perform the conformational change. 
 Because the active site assembles only after the 
proper reactant or all the proper reactants are present, 
and therefore catalysis can proceed only after the 
active site closes, the enzyme avoids catalyzing a 
reaction for which it was not intended. It has been 
shown, for example, that the open active site of 
5A-nucleotidase from E. coli is unable to catalyze the 
enzymatic reaction.1024 If the enzyme were always 
present in the closed conformation and reactant A 
were able to bind to the closed conformation, reac-
tant A would bind more tightly, and the enzyme 
could be a better catalyst. Nothing, however, would 
prevent molecules that contained only a portion of 
reactant A from binding and participating in the 
normal reaction mechanism. For example, the 
specificity constant for oxaloacetate, which is 
3-carboxylatopyruvate, in the reaction catalyzed by 
porcine malate dehydrogenase, which normally 
reduces oxaloacetate to (S)-malate with NADH, is 
106 times greater than the specificity constant for 
the reduction of pyruvate to lactate in the same active 
site. This discrimination in favor of 3-carboxylato-
pyruvate and against pyruvate can be explained by 
the fact that there is an induced fit upon the binding 
of 3-carboxylatopyruvate, which has been demon-
strated crystallographically.392 This conformational 
change, which assembles the catalytic groups, 
seems to require the presence of the 3-carboxylato 
group on oxaloacetate. 
 The smaller molecule of most concern is water, 
and the reaction catalyzed by hexokinase from 
S. cerevisiae (Figure 3-55) illustrates this problem 
most graphically. Hexokinase transfers the 
g-phospho group from MgATP2- to the primary alco-
hol on carbon 6 of ∂-glucose. Water is also a primary 
alcohol and occupies the same location in the active 
site occupied by the primary alcohol of ∂-glucose 
in its absence. If the active site in hexokinase were 
properly configured for catalysis in the absence of 
∂-glucose, MgATP2- could bind, water would be 
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present at the site for the primary alcohol, and the 
g-phospho group would be transferred to water. In 
this instance, hexokinase would catalyze the hydrol-
ysis of MgATP2-, an unfortunate outcome. 
 Hexokinase from S. cerevisiae does catalyze the 
hydrolysis of MgATP2- in the absence of ∂-glucose, 
but the Michaelis constant for MgATP2- (4 mM) and 
the catalytic constant (4 s-1) are higher and lower, 
respectively, than the Michaelis constant for MgATP2– 
(0.2 mM) and the catalytic constant (140 s-1) for the 
transfer of phosphate to the primary 6-hydroxy 
group of ∂-glucose. From what is known about the 
conformational changes in which hexokinase from 
S. cerevisiae engages (Figure 3-55), one explanation 
for this counterproductive hydrolytic activity would 
be that occasionally the active site closes when 
MgATP2- is bound but ∂-glucose is not bound. 
Because water is occupying the location in the 
active site at which the primary hydroxy group at 
carbon 6 of ∂-glucose would normally be located, 
the hydrolysis of MgATP2- would result as soon as 
the proper active site was assembled. 
 If this is the explanation for the observed hydrol-
ysis of MgATP2-, it should be possible to amplify 
the error by including a ligand missing a portion of 
the normal substrate. ∂-Mannose is also a substrate 
for hexokinase. When ∂-lyxose 

 

which is the five-carbon analogue missing carbon 6 
of ∂-mannose, is added at a concentration of 0.1 M 
(Km,lyx = 5 mM), the hydrolysis of MgATP2- is remark-
ably accelerated to levels approaching the normal 
levels of hexokinase activity [Km,ATP = 0.1 mM and 
k0 = 60 s-1].1025 ∂-Xylose, the five-carbon analogue 
for ∂-glucose, also accelerates the hydrolysis of 
MgATP2-. Because both ∂-mannose and ∂-glucose 
are excellent substrates for hexokinase (Table 3-5) 
these results suggest that ∂-lyxose or ∂-xylose, instead 
of ∂-mannose or ∂-glucose, respectively, induces 
the closing of the active site when MgATP2- is also 
bound but that a molecule of water is trapped at 
the position usually occupied by the hydroxymethyl 
group on the respective hexose and acts as the 
acceptor. 
 In a similar set of experiments, it could be shown 
that 3-phosphoshikimate 1-carboxyvinyltransferase 
(Equation 3-262) from E. coli would catalyze hydrogen 
exchange at carbon 3 of phosphoenolpyruvate only 
when 4,5-dideoxyshikimate 3-phosphate was pre-

sent.1026 This analogue is missing the 5-hydroxy 
group to which the enzyme normally transfers the 
carboxyvinyl group of phosphoenolpyruvate, but its 
ability to activate the catalysis of one of the partial 
reactions catalyzed by the enzyme indicates that it 
can nevertheless induce the active site to close. 
 Under certain circumstances, the process of 
induced fit would not be able to accomplish the 
increase in specificity that has just been described. 
Consider the closed conformation of an enzyme (Ec in 
Equation 3-437). Suppose that both the proper reac-
tant, for example, ∂-glucose in the case of hexoki-
nase, and an improper reactant, for example, water 
in the case of hexokinase, could equilibrate so rapidly 
with the active site in its closed conformation that 
the association and dissociation of each reactant 
with and from the closed conformation were all 
faster than the turnover of the enzyme and the rate 
at which the active site could open. If this were the 
case, adding the ability of the enzyme to open and 
close would not change the ratio of the rates for 
participation of the two reactants in the enzymatic 
reaction. As soon as the enzyme closed, these two 
competing reactants would equilibrate on the active 
site, and the fact that the enzyme had just closed 
would be irrelevant unless the opening of the enzyme 
when the improper reactant is bound were much 
faster than the catalytic constant of the closed enzyme 
to which the improper reactant was bound. There-
fore, if the proper and improper reactant were able 
to enter and leave the closed conformation of the 
enzyme rapidly, induced fit would not improve the 
specificity of the enzyme. Induced fit can increase the 
specificity of an enzyme only if the active site closes 
so tightly on the proper reactant that it cannot disso-
ciate or be displaced by an improper reactant before 
turnover occurs. This secure enclosure seems to be 
the case with hexokinase (Figure 3-55). It is unlikely 
that a molecule of ∂-glucose upon which the enzyme 
has closed would be able to dissociate from the 
closed conformation. This consideration suggests 
that induced fit will usually involve the closing of 
the active site around a reactant, as it does in hexo-
kinase and triose-phosphate isomerase (Fig-
ure 3-58), and that seldom will the unoccupied 
active site in the closed conformation be able to 
associate with its substrate. 
 The foregoing considerations suggest that, in 
most cases in which the association of substrates 
induces the enzyme to close, the loops of polypep-
tide or the clefts between the two hinged domains 
should close sufficiently that entry and exit of sub-
strates from the closed conformation should be 
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very difficult if not impossible. If so, the closed con-
formation cannot by itself be a more efficient enzyme. 
Even though, in theory, substrates bind more tightly 
to the closed form, their entry into it and exit from 
it should be kinetically too slow for it to be an effective 
catalyst. Consequently, induced fit can be viewed 
as a way to create an active site that surrounds the 
substrates on all sides but that can nevertheless 
bind and release reactants and products rapidly. 
The ability to surround substrates completely 
seems to be a reasonable advantage for catalysis. 
 When the closing of the active site sequesters 
the reactants so effectively from the solution that 
they are unable to enter the closed conformation, it 
must necessarily follow that the reactants are able 
to associate with the open conformation rapidly 
and with a large enough free energy of dissociation 
so that most of the time, when reactants are present 
at saturating concentrations, they are occupying 
the active site when it closes.1027  
 So far it has been assumed that the enzyme is 
active only in the closed conformation, but this 
assumption is not necessary for induced fit to be 
beneficial. When equine alcohol dehydrogenase is 
locked artificially in the open conformation, its cata-
lytic constant is actually somewhat greater than 
when it can assume both open and closed confor-
mations as it does naturally. The Michaelis constant 
for an alcohol, however, decreases by a factor of 
100–1000 when the enzyme is able to close around 
it.1028 Consequently, the enzyme can catalyze the 
reaction more effectively at low concentrations of 
reactant, when the induced fit is functioning, but 
not when the reactant is present at high enough 
concentrations to saturate the active site in the 
open conformation. 
 When the two reactants of a bimolecular reac-
tion catalyzed by an enzyme together induce the 
closing of the active site around themselves, each 
individual dissociation constant is affected by the 
presence of the other reactant.1029 The reason for 
this interaction is most easily understood by exam-
ining the linkage cube for this reaction 

       
                (3-440) 

In this representation, the changes in standard free 
energies DGª2, DGª4, DGª5, DGª6 DGª7, DGª10 DGª11, 
and DGª12 are standard free energies of dissociation 
and DGª1, DGª3, DGª8, and DGª9 are standard free 
energies of isomerization in the direction from 
closed to open, as in Equation 3-437. Double arrows 
are replaced with lines for simplicity. If it is assumed, 
to simplify matters, that each of the two reactants, 
A and B, binds with the same affinity to the open 
conformation of the enzyme whether the other is 
bound or not, then DGª5 = DGª7 and DGª4 = DGª6. If 
it is assumed that the enzyme does not close until 
both reactants are present, then DGª1 < 0, DGª3 < 0, 
and DGª9 < 0. When both reactants are bound, the 
conformational change takes place, and therefore 
DGª8 > 0. When reactant A binds to the enzyme in 
the absence of reactant B to form Eo·A, the standard 
free energy of dissociation is DGª4. When reactant A 
binds to the enzyme after reactant B has been 
bound to form Ec·A·B, the standard free energy of 
dissociation is DGª6 + DGª8 or DGª9 + DGª11, both of 
which must be more positive than DGª4. When 
reactant B binds to the enzyme in the absence of 
reactant A to form Eo·B, the standard free energy of 
dissociation is DGª5. When reactant B binds to the 
enzyme after reactant A has been bound to form 
Ec·A·B, the standard free energy of dissociation is 
DGª7 + DGª8 or DGª3 + DGª12, both of which must be 
more positive than DGª5. Therefore, each reactant 
will bind more tightly when the other is already 
bound. 
 This linkage can be observed in the binding of 
reactants to hexokinase from S. cerevisiae. The 
dissociation constant for the binding of MgATP2- in 
the absence of monosaccharide to the empty, open 
active site is 4 mM. When ∂-lyxose binds along with 
MgATP2-, the Michaelis constant for MgATP2- is 
0.1 mM, and when ∂-mannose binds along with 
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MgATP2-, the Michaelis constant for MgATP2- is 
28 mM.1029 
 The linkage box and the linkage cube (Equa-
tions 3-437 and 3-440) imply that, in the absence 
of substrate, open and closed conformations of the 
unoccupied enzyme are both present and that, 
when substrates occupy the active site, closed and 
open conformations of the enzyme are also both 
present. Both open and closed conformations of 
the loop in triose-phosphate isomerase from 
O. cuniculus have been observed in the absence of 
ligands;1030 both open and closed conformations of 
the loop in triose-phosphate isomerase from P. falci-
parum have been observed when the active site of 
the enzyme is occupied by phosphoglycolate, an 
analogue of the cis-enediol intermediate in the 
reaction;1031 and both open and closed confor-
mations of the loop in triose-phosphate isomerase 
from S. cerevisiae have been observed in the unoc-
cupied enzyme, the enzyme occupied by substrates, 
and the enzyme occupied by phosphoglycolate.1032 
 The loop that closes over the substrates when 
they associate with the active site of human phospho-
ribosylglycinamide formyltransferase also closes 
over the empty active site when the pH of the solution 
for crystallization is 4, and this closure blocks access 
of the substrates. When the pH of the solution for 
crystallization is 8, however, the loop is in the open 
conformation with the active site ready for associa-
tion.1033 At intermediate values of pH, both the 
open and closed forms must be in equilibrium with 
each other because the catalytic constant of the 
enzyme declines smoothly as the pH is lowered as a 
consequence of the shift in the equilibrium between 
the open accessible active site and the closed inacces-
sible active site. 
 When arginine kinase from L. polyphemus is in 
solution in the absence of substrates or inhibitors, 
nuclear magnetic resonance spectra are consistent 
with an equilibrium existing between the open and 
closed conformations that are observed crystallo-
graphically.1018 
 In solution, nuclear magnetic resonance spectra 
of adenylate kinase from E. coli to which MgATP2–

has bound are consistent with the existence of an 
equilibrium mixture in which its two domains are 
in closed and open conformations.1034 When the 
equilibrium for the unoccupied enzyme is shifted 
toward the open conformation by mutation, the 
catalytic constant of the enzyme increases, and 
when the equilibrium is shifted in favor of the closed 
conformation by decreasing the concentration of 
water in the solution, the catalytic constant decreas-

es,962 as expected if the substrates can associate only 
with the open conformation of the enzyme. 
 It is the case, however, that the linkage box and 
the linkage cube (Equations 3-437 and 3-440) only 
imply that, in the absence of substrate, open and 
closed conformations of the unoccupied enzyme 
are both present, not that they are required to be. It 
has already been noted that even if the open con-
formation observed in crystallographic molecular 
models is only one member of an array of states, 
the entire ensemble can be assigned a standard free 
energy. Even if the closed conformation does exist 
only in vanishingly small concentration in the absence 
of substrate or substrates, nevertheless it would 
have a standard free energy. 
 
 In solution, the closing of a loop of polypep-
tide or the closing of domains over an active site is 
a dynamic process, and particular rate constants 
govern these conformational changes. In triose-
phosphate isomerase from S. cerevisiae, the rate 
constant at 25 ªC for closing the loop over either 
the unoccupied or the occupied active site is 
40 ms-1, and the rate constant at which it swings 
open is 3 ms-1.1032,1035 These rates are in the same 
range as the catalytic constant of the enzyme 
(3-10 ms-1), and this fact suggests that either the 
closing or the opening of the loop is the rate-
limiting step in catalysis or at least a significant rate-
affecting step. 
 In the crystallographic molecular model of the 
complex between arginine kinase from L. polyphemus 
and ¬-arginine, MgADP-, and nitrate (Figure 3-41), 
in addition to the two domains that have closed 
around the substrates, there is a loop of polypeptide 
from Isoleucine 182 to Glycine 209 that has folded 
over the substrates and the nitrate. Arginine 309, 
Threonine 311, and Glutamate 314 in this loop 
form hydrogen bonds to the substrates.630 In the 
crystallographic molecular model of the unliganded 
enzyme, this loop has swung away from the active 
site, and the portion of the loop from Threonine 
311 to Glutamate 319 is disordered and lacks electron 
density in the map.1018 Transverse relaxation opti-
mized spectra of nitrogen-15 nuclei in this loop in 
arginine kinase can be used to estimate the rate at 
which this loop closes over the active site. The rate 
of its closure in the unoccupied enzyme (40 s-1) is 
slower than the catalytic constant (110 s-1), but the 
activation energy for its closure (35 ± 10 kJ mol-1) is 
the same as that for the catalytic constant.1036 These 
measurements suggest that the rate-limiting step in
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the nucleophilic substitution at phosphorus cata-
lyzed by arginine kinase is the closure of this loop. 
 The dynamic opening and closing of the cleft 
between the domains in unoccupied phospho-
glycerate kinase1037 also seems to correlate with the 
turnover of the enzyme,1038 and the rate constant 
for a global conformation change in unoccupied 
bovine pancreatic ribonuclease (1.7 ms-1) agrees 
closely with the catalytic constant of the enzyme 
(1.9 ms-1) under the same conditions.1039,1040 All 
these results suggest that, in at least some enzymes, 
the rates of the conformational changes required 
for the active site to close around the reactants or 
for the active site to open to release products are 
rate-limiting steps in the rate of the reaction cata-
lyzed by the enzyme. 
 In the case of dihydrofolate reductase from 
E. coli, however, conformational fluctuations asso-
ciated with catalysis are observed after substrates 
have associated with the active site, it has already 
closed around them, and catalysis is taking place.1041 
Intrinsic fluctuations in the closed, occupied active 
site of the same enzyme that are detected by nuclear 
magnetic resonance spectroscopy are dramatically 
reduced in two different mutants of the enzyme, 
and in active sites of these rigid mutants, the rate of 
hydride transfer is 20-fold less than in the wild 
type.1042 These results suggest that conformational 
fluctuations in an active site can continue to play a 
role in catalysis even after that active site has closed 
around the reactants. 
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Association of Reactants and Dissociation of 
Products 

 Both associations of the reactants with the 
active site and usually their respective dissociations 
from the active site as reactants, as well as dissocia-
tions of the products of the enzymatic reaction, are 
inescapable steps in the kinetic mechanism of an 
enzymatic reaction, and they can be rate-affecting 
or even rate-limiting. Although most active sites are 
open to the solution and immediately accessible to 
their reactants or open and accessible before they 
close around their assembled reactants by an induced 
fit, there are a number of molecular and structural 
aspects that influence the events involved in this 
association in addition to its rate. For example, in a 
crystallographic molecular model of the ternary 
complex of NADP+, cyclohexanone, and the flavo-
enzyme cyclohexanone monooxygenase 

  
                (3-441) 

from Rhodococcus, the cyclohexanone occupies the 
same position as the nicotinamide ring does in the 
binary complex between the enzyme and NADP+. 
This observation suggests that the nicotinamide 
ring in the ternary complex has swung out of its 
position in the binary complex. It was concluded 
that the oxidized nicotinamide ring, after it has 
reduced the flavin, has to swing away from the flavin 
before the cyclohexanone can associate.1043 
 When a reactant associates with an active site, 
it must always displace molecules of water that occupy 
the active site in its absence. It has been pointed 
out that, because the active site has been designed 
by natural selection to associate with its reactants 
and not those molecules of water, the molecules of 
water that will be displaced by the reactant are 
poorly coordinated relative to their coordination in 
the bulk solution. As a result, they are more easily 
displaced during the association.1044 The rate at which 
they are displaced may have been enhanced by 
natural selection. 
 The reactant in one direction of an enzymati-
cally catalyzed reaction is a product in the other 
direction. Consequently, the molecular aspects of 
the process of association of a particular reactant 
apply in reverse to its dissociation as a product and 
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vice versa. For example, the steps in the dissociation 
of CO2 as a product from the active site of human 
carbonic anhydrase and its replacement by two 
fixed molecules of water can be followed crystallo-
graphically,1045 and these steps must apply in reverse 
to its association as a reactant. 
 Often access to an active site can be a com-
promise mediated by natural selection. In the active 
site of myohemerythrin from Phascolopsis gouldii, 
a carrier of molecular oxygen, there is an invariant 
leucine. Mutating the leucine to a phenylalanine 
decreases the rate of association of oxygen with the 
iron ions by a factor of more than 100 because of 
steric hindrance by the larger side chain, but mutating 
it to valine, which has a smaller side chain, increased 
3-fold the rate of autoxidation of the heme, an unfor-
tunate side reaction.1046 Mutating Alanine 68 in 
myoglobin from Physeter catodon to large amino acids 
also decreased the rate of association of oxygen 
with the heme.1047 
 In other instances, access of a reactant to the 
active site has been altered by natural selection to 
create new opportunities. In the common mecha-
nism of a set of closely related lipoxygenases, each 
with different regiochemistry or stereochemistry, a 
molecule of oxygen adds to a pentadienyl radical 

  
                (3-442) 

formed during the enzymatic reaction within the 
respective polyunsaturated fatty acid that is a reac-
tant for the enzyme. The presence of a glycine at a 
particular location in the active site of two enzymes 
in this family permits the oxygen to associate and 
react at a carbon of the pentadienyl radical imme-
diately adjacent to the glycine to produce the products 
specific to these enzymes. The presence of an alanine, 
however, at the same location in the active sites of 
two other members of the family prevents access to 
this carbon, and the oxygen adds instead to the 
other end of the pentadienyl radical to produce the 
products specific to these other enzymes.1048 
 It has already been noted that association of a 
nucleic acid with an enzyme is challenging because 
of its size. In the case of aspartate—tRNA ligase 
from S. cerevisiae, the initial nucleophilic substitu-
tion at the g-phospho group of MgATP2- and the 
subsequent nucleophilic substitution at the a-carboxy 

group of ¬-aspartate catalyzed by the active site occurs 
at the 3¢-hydroxy group of the ribose at the 3¢ end of 
the tRNAAsp; the four nucleotides at the 3¢ end are 
not paired in the acceptor stem of the tRNAAsp and 
are freely moiling in solution;1049 and the active site 
at which the nucleophilic substitutions occur is a 
shallow depression on the surface of enzyme with 
which only the cytidine and the adenine at the very 
3¢ end have any contact.1050 Consequently, one 
might think that there would be no problem with 
the association of the reactant tRNAAsp with the 
active site of the enzyme. Aspartate—tRNA ligase, 
however, must recognize the transfer RNA as 
tRNAAsp unerringly. If it were to esterify ¬-aspartate 
to any other transfer RNA, a mutation would occur 
in the elongating protein to which ¬-aspartate is 
subsequently added. Aspartate—tRNA ligase from 
S. cerevisiae is a rigid homodimer (2 ¥ 556 aa) of the 
same dimensions as tRNAAsp from S. cerevisiae, and 
following the association of tRNAAsp with the enzyme, 
an interface has formed along the whole length of 
the enzyme and the whole length of the tRNAAsp 
that brings them into intimate contact.1050,1051 At 
one end of the interface, the cytidine and adenine 
at the 3¢ end of the tRNAAsp have entered the active 
site of aspartate—tRNA ligase. Seven nanometers 
from the active site at the other end of the interface, 
which is at the other end of tRNAAsp at the tip of the 
anticodon arm, the guanosine, uridine, and cytidine 
of the anticodon associate intimately with a binding 
site on the surface of aspartate—tRNA ligase. In this 
instance, recognition of the actual anticodon en-
sures that the correct transfer RNA with the correct 
anticodon has been selected. In contrast, in the 
complex between tRNALeu and leucine—tRNA ligase 
from T. thermophilus, although the anticodon stem 
is held firmly by the homologous domain on the 
ligase, the anticodon loop itself does not contact 
the ligase.1052 In the middle of the interface, between 
the active site and the anticodon in aspartate—
tRNA ligase from S. cerevisiae, there is another 
binding site on the surface of the protein into which 
the D loop of tRNAAsp inserts to provide further 
insurance. During the association of tRNAAsp with 
aspartate—tRNA ligase, there are various loops of 
polypeptide that reorient in induced fits, but these 
reorientations, although they may perform other 
purposes, are not so consequential to the correct 
association of the enzyme with its reactant. 
 Provocative descriptions of the intermediate 
steps in the association or dissociation of a substrate 
can be provided by calculations, and those descrip-
tions can then be assessed experimentally.1053 
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Occasionally, as was the case with carbonic anhydrase, 
intermediates in the association and dissociation of 
a substrate can be observed crystallographically. 
For example, in a crystallographic molecular model 
of the active site of aspartate carbamoyltransferase 
(Equation 3-220) from E. coli, crystallized in the 
presence of the substrate phosphate, there are two 
phosphate ions occupying the site, one at the location 
occupied by the phospho group of the substrate 
carbamoyl phosphate in the crystallographic molec-
ular model of its complex with the active site, and 
the other in an adjacent location.1054 It has been 
proposed that the second phosphate is occupying a 
way station for a phosphate on its way out of or into 
the active site. 
 Separate crystals of human indoleamine 2,3-di-
oxygenase (previously Equation 2-248)  

           
                (3-443) 

that had been soaked for different times in a solu-
tion of the inhibitor N-(4-chlorophenyl)-4-(6-fluoro-
4-quinolyl)-a-methyl-cis-(aR)-cyclohexaneacetamide 
could be selected. In three different crystallographic 
molecular models obtained from these selected 
crystals, the inhibitor occupied three different loca-
tions in the tunnel leading to the active site. In each 
model, only one inhibitor was in the tunnel, in each 
case in its unique location. It was proposed that 
these three different locations represented inter-
mediate way stations in the passage of inhibitor to 
its final location as a ligand to the iron ion in the 
heme at the end of the tunnel.1055 
 
 As with indoleamine 2,3-dioxygenase, there 
are a number of enzymes in which the active site is 
deeply buried in the protein, and access for sub-
strates is afforded by a tunnel passing into the pro-
tein from the solution. For example, the iron ion of 
the heme in catalase from Bos taurus or S. cere-
visiae is at the blind end of a straight tunnel 3 nm 
long and 1.5 nm wide at its opening to the solution 
on the surface of the protein. The tunnel gradually 
narrows to a width of 0.6-0.9 nm just above the iron 
 
 

ion and is lined by nonpolar side chains (Figure 
3-59).1056-1058 The substrates H2O2, H2O, and O2 
pass through this tunnel while associating with and 
dissociating from the iron. When they are not occu-
pied by substrates, locations along one of these 
tunnels in a catalase are occupied by molecules of 
water except at its narrow, innermost end. The 
tunnel for substrates into the imino carbon of the 
internal pyridoximine in the active site of diamino-
propionate ammonia-lyase from E. coli is 1.2 nm 
long. It narrows slightly as the imino carbon is 
approached and the intruder has to be identified as 
one of the substrates: 2,3-diaminopropanoate, 
pyruvate, or ammonia.1059 
 The tunnel into the heme in the active site of 
bovine cholesterol monooxygenase (side-chain-cleav-
ing) is also a long one. When 22R-hydroxycholesterol, 
an intermediate in the reaction, is in position to be 
oxidized, it fills two-thirds of the tunnel because it 
is so large.1060 This situation is in contrast to the 
tunnel to the heme in catalase and the tunnel to the 
pyridoximine in diaminopropionate ammonia-
lyase, which are both enzymes with small substrates. 
In cholesterol monooxygenase, the tunnel not only 
serves as access to the heme but probably has a 
role in specifically selecting the cholesterol that is 
the substrate for the reaction. 
 There is a long convoluted tunnel from the 
surface of the protein into the diiron cluster (see 
Figure 2-57I) in the active site of methane mono-
oxygenase (soluble) from Methylosinus trichosporium 
that is remarkably uniform in width. It is wide 
enough to allow the passage of the substrates O2 
and CH4 from the solution into the active site but 
narrow enough to hinder the access of larger hydro-
carbons, a fact that would explain the preference of 
the enzyme for methane. The enzyme is activated 
by a smaller protein, the association of which with 
the enzyme increases the bimolecular rate of asso-
ciation of O2 with the cluster by a factor of more 
than 1000. In the absence of this activator, the tunnel 
is almost completely constricted about halfway 
along its length; the conformational change of the 
enzyme produced by the activator eliminates the 
constriction and opens the channel.1061 Site-
directed mutation of Valine 41 at the opening of the 
tunnel on the surface of the protein, which is well 
removed from the active site, to an arginine decreases 
the rate of association of O2 with the cluster in the 
center of the protein by a factor greater than 25,000. 
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Figure 3-59: Stereodrawing576 of the tunnel into the active site 
in the crystallographic molecular model of bovine catalase.1058 
Black atoms are carbons, white atoms are oxygens, small gray 
atoms are nitrogens, and large light gray atoms are sulfurs. Bovine 
catalase was purchased and further purified by size-exclusion 
chromatography. To the pooled and concentrated solution of 
catalase, NH4OH was added to adjust the pH, and an equal 
volume of 50 mM magnesium formate was then added. The 
protein was then crystallized in this solution. The crystals were 
suspended and mixed with 1-(N,N-diethylamino)diazen-
1-ium-1,2-diolate, which releases nitric oxide when dissolved 
in water, and the nitric oxide generated was then bound as a 
ligand to the iron in the heme. The crystals diffracted X-rays to 

Bragg spacing of 0.188 nm. A map of electron density was calcu-
lated by molecular replacement using the known structure of 
bovine catalase,1056 and the molecular model was submitted to 
refinement. The drawing is of six segments of polypeptide in 
the molecular model that line the tunnel into the active site. 
The heme (black bonds) can be seen at the end of the tunnel. 
The nitric oxide on the iron ion in the center of the heme, 
which is hidden by the nitric oxide, is drawn in space-filling 
representation to illustrate the sizes of molecular oxygen, hydro-
gen peroxide, and water, which are the substrates for the en-
zyme and each must pass through the tunnel to and away from 
the heme. 
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 One of the longest tunnels (16 nm) that has 
been found to date is the tunnel into the active site 
of the exosome from S. cerevisiae, a large enzyme 
(4000 aa) responsible for the hydrolysis of single-
stranded RNA. This tunnel accommodates about 25 
nucleotides of single-stranded RNA.1062 The enzyme 
is composed of 11 different subunits, some struc-
turally related and others structurally unrelated to 
each other, and the tunnel passes through the center 
of the protein among and within the subunits. The 
active site at the end of the long tunnel is an exoribo-
nuclease II, catalyzing the hydrolysis of 5¢-nucleo-
tides from the unphosphorylated 3¢ end of the single-
stranded RNA threading through the tunnel. As 
each 5¢-nucleotide is disconnected from the RNA 
by hydrolysis, it dissociates from the active site into 
the solution. 
 An acyl-SCoA is a long molecule. At one end of 
the molecule is a 3¢-phosphoadenosyl group, and 
between its 5¢-oxygen and the sulfur of the coen-
zyme A, there is a linear chain of 15 atoms, none of 
which is excessively substituted. Attached to the 
sulfur of the coenzyme A is an acyl group, which in the 
case of the reaction catalyzed by acyl-CoA:acyl-CoA 
alkyltransferase from Xanthomonas campestris is at 
least 14 carbons long, which makes the entire linear 
portion of the molecule at least 31 atoms long. 
There is a tunnel from the surface of the enzyme 
into the active site, which is in the center of the 
protein (338 aa). The linear portion of an acyl-SCoA 
that is a reactant for the enzyme threads through 
the tunnel, with the fatty acyl group in the lead, and 
it continues threading beyond the catalytic subsite 
into a blind tunnel lined with nonpolar side chains 
while the linear portion of coenzyme A ends up filling 
the tunnel with the adenylyl group sitting on the 
outside end of the tunnel acting as a stop to the 
threading. When the threading is halted by this 
stop, the thioester of the acyl-SCoA ends up adjacent 
to the catalytic subsite. When the thioester arrives 
at the catalytic subsite, its acyl group is transferred 
to the sulfanyl group of a cysteine to form a thioester 
of the cysteine. Then, the first product of the overall 
reaction, the coenzyme A that was a portion of the 
first acyl-SCoA, dissociates from the tunnel, leaving 
behind the thioester of the acyl group. A second 
acyl-SCoA threads into the tunnel. Its acyl group 
threads into a second blind tunnel leading away 
from the catalytic subsite in the opposite direction 
to the first. The enolate of the second acyl-SCoA 
then adds in a Claisen condensation to the thioester 
of the initial acyl group on the sulfanyl group of the 
cysteine to form the ketone containing both alkyl 

chains that is the product of the enzymatic reac-
tion.1063 
 The active site of cellulose synthase (UDP-form-
ing) adds ∂-glucosyl groups from UDP-glucose to 
an elongating polymer of cellulose, [(b1,4)-∂-glu-
cosyl]n.* In the crystallographic molecular model of 
the enzyme from Cereibacter sphaeroides, the active 
site at which the glucosyl groups are added to the 
elongating polymer could be identified by the 
UDP-glucose with which it is occupied. The active 
site is located in the cytoplasmic domain of the 
enzyme, which spans the plasma membrane of the 
cell. UDP-Glucose enters the active site from the 
cytoplasmic solution in which it is made, but the 
elongating polymer emerges from the enzyme 
across the membrane into the extracytoplasmic 
solution. In the crystallographic molecular model, 
there is a polymer of cellulose, 18 (b1,4)-∂-glucosyl 
groups long, located in a tunnel 0.8 nm wide and 
6 nm long that leads out of the active site across the 
membrane into the extracytoplasmic solution.1064 
As each (b1,4)-∂-glucosyl group is added to the elon-
gating chain of cellulose, it slides along the tunnel. 
In theory, an infinitely long polymer of cellulose 
could be continuously secreted into the extracyto-
plasmic solution by the enzyme. The distantly related 
(according to alignment of amino acids in the active 
site) cellulose synthase from Populus tremula is a 
rotationally symmetric trimer, rather than being a 
monomer, with a threefold rotational axis of symmetry 
normal to the plane of the membrane. The three 
tunnels in its membrane-spanning portion converge 
on a common point of exit on the threefold rota-
tional axis of symmetry. The product that emerges 
from this common point of exit is a protofibril of 
cellulose, which is a trimeric strand of cellulose 
monomers.1065 
 Tunnels that connect a buried active site with 
the solution are often not so straight and direct as 
they are in catalase, diaminopropionate ammonia-
lyase, cellulose synthase (UDP-forming), superoxide 
dismutase from E. coli,1066 and ascorbate oxidase 
from Cucurbita pepo.1067 Tunnels can be tortuous 
and of irregular width1068 and contain abrupt 
changes of direction.1069 They sometimes bifurcate 
and have two openings to the solution.1070 The 
tunnel into the active site in 3-hydroxybenzoate 
4-monooxygenase from C. testosteroni has two 
openings to the solution, one hydrophilic and the 

                                     
*Amylose, which is the primary source of energy for humans, is 
[(a1,4)-∂-glucosyl]n, which is readily digested. Cellulose, 
[(b1,4)-∂-glucosyl]n, unfortunately, cannot be digested by humans. 
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other hydrophobic, that provide access to a large 
internal chamber adjacent to the prosthetic flavin.1071 
In some instances, as was the case with the tunnel 
into the active site in the unactivated form of methane 
monooxygenase (soluble), the tunnels seem to be 
interrupted by side chains that act as gates along 
the way, swinging into the tunnel or out of it.1072 
 As was the case for association of the inhibitor 
with indoleamine 2,3-dioxygenase, as reactants 
move into and products move out of the active site 
through these tunnels, there are way stations along 
the course with which substrates have been observed 
to associate in crystallographic molecular mod-
els.1071,1073 These way stations may assist in the 
selection of the correct reactant and thereby increase 
the rate of the enzymatic reaction at low concentra-
tions of reactant, but the association of a reactant 
with one of these way stations may cause reactant 
inhibition by blocking the dissociation of product 
at high concentrations of reactant.1074 
 Tunnels into active sites are usually identified 
by applying algorithms that calculate the surface of 
the anhydrous crystallographic molecular model to 
molecules of water and then search for regions of 
continuous empty space wide enough to permit 
passage of small molecules.1075,1076 Tunnels can 
also be recognized in a crystallographic molecular 
model by the continuous distribution of actual, 
fixed molecules of water that usually occupy 
them.1044 Those tunnels that are lined with hydro-
phobic amino acids can be traced in a crystallo-
graphic molecular model by filling them with xenon 
(van der Waals radius = 0.21 nm), an electron-
dense (54 electrons atom-1), hydrophobic noble gas 
applied to the crystal at high pressure while the data 
are collected.1068,1070,1077,1078 
 Aside from permitting sensitive prosthetic groups 
such as hemes, internal pyridoximines, flavins, and 
clusters of metallic ions to be isolated within the 
protection provided by the protein and yet still 
gain access to the substrates they must transform, 
tunnels into the active site can accomplish other 
purposes. The mouth of the hydrophobic tunnel in 
ovine prostaglandin-endoperoxide synthase is 
placed against the surface of a lipid bilayer when 
the enzyme is bound at a cellular membrane, and 
the arachidonic acid that is its reactant can slither 
up the tunnel out of the membrane into the active 
site.1079 The narrow tunnel along the sevenfold rota-
tional axis of symmetry of the eicosaoctamer into 
the large central cavity of the proteosome, in which 
the active sites for its endopeptidases are located1080  

and which is ungated in the prokaryotic enzymes 
but gated in the eukaryotic enzymes,1081 is narrow 
enough to ensure that the protein to be digested by 
the proteosome enters as the unfolded polypep-
tide,1082 which threads through the tunnel on its 
way to its hydrolysis.1083 
 When there are several tunnels from the solu-
tion to the active site, the question arises as to 
which tunnel or tunnels are used by the substrates. 
The cluster of four manganese ions, five m-oxo ions, 
and a Ca2+ (Figure 2-59) in the crystallographic 
molecular model of photosystem II from Thermo-
synechococcus vulcanus is responsible for the oxida-
tion of two molecules of water to a molecule of oxygen. 
This cluster is well buried within the protein. There 
are three tunnels from the solution to the cluster 
that are occupied by fixed molecules of water, and 
each is a candidate for the tunnel through which 
the molecules of water that are substrates for the 
enzyme could queue.1076 Only one of the three 
tunnels leads from the solution to a molecule of 
water that is a ligand to the Ca2+ in the cluster. Results 
from Fourier transform infrared spectroscopy 
identify this molecule of water as contributing one 
of the oxygen atoms in the molecule of oxygen 
produced by the cluster.1084 The m-oxo ion that 
contributes the other oxygen atom is also a ligand 
to the Ca2+, as well as to three manganese ions. In 
the coordination sphere of the Ca2+, that m-oxo ion 
is immediately adjacent to the molecule of water at 
the end of the tunnel. As the cluster produces mole-
cules of oxygen, molecules of water destined to 
become oxygen move along the tunnel from the 
solution to the cluster. 
 In each crystallographic molecular model from 
three different species, five tunnels from the solution 
to various locations around the [Mo-7Fe-9S-C] 
cluster buried in dinitrogenase can be identified.1085 
In this instance, since it is still unclear with what 
position in the cluster molecular nitrogen associ-
ates, the tunnel or tunnels through which it usually 
approaches the active site cannot yet be assigned. 
 Pharmaceutical agents can exert their effects 
by blocking a tunnel. Aspirin, 2-acetyloxybenzoic 
acid, achieves its anti-inflammatory effect by acetyl-
ating a serine lining the tunnel1079 into the active 
site of ovine prostaglandin-endoperoxide synthase 
and blocking the slither of the arachidonic acid 
from a membrane into the active site.1086 Ibuprofen, 
2-[4-(2-methylpropyl)phenyl]propanoic acid, blocks 
the same tunnel by binding tightly within it.1079 
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 Because there is no such thing as a bare hydron 
in solution, for enzymes that have a hydron as one 
of their stoichiometric reactants or products, there 
must be one or several lone pairs of electrons 
responsible for shuttling a hydron into or out of the 
active site. When a hydron is a reactant, that hydron 
could occupy a lone pair of electrons on another 
reactant as it enters the active site, but then the active 
site would have to associate with the conjugate acid 
of that reactant, which may be present at lower 
concentration in the solution than the conjugate 
base. When a hydron is a product, that hydron 
could leave the active site on a lone pair of electrons 
on another product, but there may be no basic lone 
pair of electrons on that other product that is acces-
sible to the hydron when the other product and the 
hydron are produced in the active site. For example, 
a hydron is a reactant in the reaction catalyzed by 
3-oxoacyl-[acyl-carrier-protein] reductase 

  
                (3-444) 

where ACPSH is acyl-carrier protein. This hydron 
does not enter the active site on its ultimate recep-
tacle, the 3-oxo oxygen of the 3-oxoacyl-[acyl-
carrier-protein], because this oxygen is not basic 
(pKa < -7). 
 In many instances, an active site is exposed 
sufficiently to the bulk solvent to permit the delivery 
of a hydronium, or there is a water-filled channel 
connecting it to the bulk solvent that would permit 
a hydronium to enter it. In the crystallographic molec-
ular model of the complex between 3-oxoacyl-
[acyl-carrier-protein] reductase from E. coli and 
NADP+, however, a tyrosine, which forms a hydrogen 
bond with the carbonyl oxygens of the respective 
substrates in crystallographic molecular models of 
the complexes of homologous enzymes with their 
substrates and which hydronates each of these 
oxygens during those reactions, is not in direct 
contact with the solution but is connected to it by a 
network of hydrogen bonds (Figure 3-60)1087,1088 
that can act as a hydron wire during the association 
of the hydron that is a stoichiometric reactant. 
 A hydron wire is a chain of hydrogen bonds into 
one end of which a hydron enters and out of the 
other end of which a hydron emerges1089 or out of  
 

one end of which a hydron is removed and into the 
other end of which a hydron enters.1090 The distinc-
tion between these two processes is that, as the 
hydrons are transferred between donors and acceptors 
for hydrogen bonds within the wire, either a sequence 
of conjugate acids or a sequence of conjugate bases, 
respectively, is the intermediate. In one case a hydron 
on sequential hydroniums is transported, and in 
the other case a basic lone pair of electrons on sequen-
tial hydroxides is transported. The distinction is a 
kinetic one based on whether the acid at one end 
initiates the transfer by adding a hydron to the 
hydron wire or the base at the other end initiates 
the transfer by removing a hydron from the hydron 
wire. In the case of 3-oxo-acyl-[acyl-carrier-protein] 
reductase from E. coli, the two processes would be 
distinguished as a hydronium at one end of the hydron 
wire that adds a hydron to the wire and a hydron 
emerging from the wire onto the oxygen of the car-
bonyl of 3-oxoacyl-[acyl-carrier-protein] (Figure 3-60) 
or the oxygen of the carbonyl oxygen that removes 
a hydron from the wire and a molecule of water at the 
other end that adds a hydron to the wire and becomes 
a hydroxide. Considering the pKa of the carbonyl 
group (pKa < -7) the overwhelmingly most likely 
sequence of events is the former. 
 When 7-hydroxyquinoline, which is the neutral 
tautomer in solution at pH 7 

 

absorbs a photon, the pKa of the hydroxy group in 
the resulting excited state becomes 0.4 and the pKa 
of the conjugate acid of the quinolyl nitrogen 
becomes 11.1 while the values of pKa are 8.7 and 5.6, 
respectively, for these functional groups in the 
ground state. Consequently, in water or methanol, 
a hydron dissociates from the hydroxy group and a 
hydron is added to the nitrogen when neutral 
7-hydroxyquinoline enters the excited state. In this 
instance, the removal of a hydron from a molecule 
of water or methanol by the quinolyl nitrogen initi-
ates the transfer, rather than the addition of a hydron 
from the hydroxy group to a molecule of water or 
methanol, and, contrary to the probable situation in 
3-oxoacyl-[acyl-carrier-protein] reductase, the trans-
fer through a hydron wire of water molecules between 
the two functional groups is hydroxide or methoxide 
transfer.1090 
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Figure 3-60: The hydron wire in the crystallographic molecular 
model of 3-oxoacyl-[acyl-carrier-protein] reductase from E. coli. 
The hydron wire does not form until the coenzyme NADP+ or 
NADPH associates with the active site and induces a confor-
mational change. The crystallographic molecular models on 
which the drawing is based are those of the binary complexes 
of the enzyme with either NADP+ or NADPH. The hydrogen 
bond between the tyrosine and the carbonyl oxygen is inferred 
from crystallographic molecular models of complexes between 
substrates and inhibitors or other homologous short-chain 
dehydrogenases and reductases that reduce b-oxoacids in which 
 
 
 

the homologous tyrosine forms a hydrogen bond with the carbo-
nyl carbon of the substrate. In the hydron wire illustrated here, 
a string of four molecules of water is held in fixed location by 
hydrogen bonds to the side chains of asparagine, threonine, 
and serine and the acyl oxygens of two amido groups of the 
polypeptide backbone. The wire then runs through the side 
chain of lysine, the 2-hydroxy group of NADPH, and the side 
chain of tyrosine before ending on the carbonyl oxygen of 
3-oxoacyl-[acyl-carrier-protein]. Acyl-carrier protein is abbre-
viated ACPSH. A hydronium is shown donating a hydron to the 
first water in the wire. 
 
 
 

 In enzymatic reactions, although it can be decid-
ed with some certainty in cases such as 3-oxoacyl-
[acyl-carrier-protein], it is usually unknown whether 
the transfer of a hydron through a hydron wire is 
the result of the transport of a hydron on sequential 
hydroniums or the transport of a lone pair of electrons 
on sequential hydroxides. From here on, for the sake 
of simplicity, it will be assumed that transport of a 
hydron is occurring. 
 In at least one set of enzymes, the carbonic 
anhydrases 

     (3-445) 

it has been shown that, in the hydrations catalyzed 
by these enzymes, the rate-limiting step is the 
transit of the hydron that is the stoichiometric 
product through a hydron wire consisting of the 
imidazolyl group of a histidine and a chain of two 
fixed molecules of water.1091 One of the hydrons on 
a molecule of water on the Zn2+ in the active site 
enters the hydron wire connecting the active site 
with the solution. This hydron is transferred 
through the hydron wire to a general base or a mol-
ecule of water in the solution.1092-1096 The distribu-
tion of hydrons in this hydron wire can be defined 
by neutron diffraction.1097 The molecule of water 
that will accept the hydron is neutral and is the accep-
tor in a hydrogen bond to the molecule of water on 
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the Zn2+ from which the hydron is to be removed. 
One of its hydrogens is the donor in a hydrogen 
bond to the next molecule of water, and one of the 
hydrons on this molecule of water is a donor to the 
lone pair of electrons on the nitrogen of the imidaz-
olyl group from which a hydron is to depart into the 
solution.* 
 Changes in the hydronation state within a hydron 
wire resulting from changes in the active site can be 
assessed by examining difference spectra from 
Fourier transform infrared spectroscopy. The wire 
for the two hydrons that are substrates for ferredoxin 
hydrogenase from Chlamydomonas reinhardtii runs 
from the solution through the guanidinio group of 
an arginine, the carboxy group of a glutamate, the 
hydroxy group of a serine, the carboxy group of a 
glutamate, a fixed molecule of water, and the sulfanyl 
group of a cysteine to the secondary amino group 
in a diiron cluster (previously 2-137)  

 

in the active site.1098 The same hydron wire is also 
conserved in the related ferredoxin hydrogenase 
from Clostridium pasteurianum (37% identity; 
1.6 gap percent)1099 The cluster can be photore-
duced, and differences in peaks of absorbance in 
Fourier transform infrared spectra between the 
oxidized state and the photoreduced state are 
observed upon photoreduction. These differences 
could be assigned by successive site-directed muta-
tion to changes in the absorption of side chains of 
the amino acids in the hydron wire resulting from 
changes in their state of hydronation upon photo-
reduction.1100 
 A hydron wire can be as short as a molecule of 
water and the hydroxy group of a threonine,1101 but 
in the hydron wire in 3-oxoacyl-[acyl-carrier-
protein] reductase (Figure 3-60), there are four 
fixed molecules of water at one end, then an unhy-
dronated lysine, the 2A-hydroxy group of the 
NADPH, and the tyrosine, with the carbonyl oxygen 

                                     
*In this instance, it seems more likely that a hydroxide ion in the 
solution removes a hydron from the imidazolyl group to initiate 
the transfer of the hydron. 

of the bound reactant at the other end. The hydron 
wire in thymidylate kinase from M. tuberculosis 
runs from the solution through the carboxy group 
of a glutamic acid, the hydroxy group of a serine, 
the guanidinio group of an arginine, and the carboxy 
group of an aspartic acid to the phospho group that 
is transferred by the enzyme.1102 The hydron wire 
that connects the oxygen of sorbose that must be 
hydronated during the reaction catalyzed by sorbose 
reductase from Gluconobacter frateurii runs from 
the solution through two fixed molecules of water, 
the 6-amino group of a lysine, the 2¢-hydroxy group 
of the nicotinamide ribose in NADPH, and the 
4-hydroxyphenyl group of a tyrosine.1103 The hydron 
wire out of the active site of betaine-aldehyde dehy-
drogenase from P. aeruginosa runs through two 
carboxy groups of two glutamates into the solu-
tion.1104 The hydron wire in nitrite reductase 
(NO-forming) from Alcaligenes xylosoxidans runs 
from the solution through the imidazolyl group of a 
histidine, two fixed molecules of water, and the 
carboxy group of an aspartic acid to the nitrite being 
reduced by the enzyme. 1105 
 While one of their oxygens alone can function 
as if it were a simple hydroxy group, albeit with a 
far more negative pKa, carboxy groups, such as the 
two in the hydron wire of betaine-aldehyde dehy-
drogenase, are able to span a greater distance 

  
                (3-446) 

than a molecule of water, a hydroxy group, or an 
amino group. The two nitrogens in a stationary 
imidazolyl group are able to span the same distance 
as the two oxygens in a carboxyl group 

  
                (3-447) 

but in the hydron wire in human carbonic anhy-
drase 2,1092 the imidazolyl group on Histidine 64 
covers an even greater distance by swinging 0.35 nm 
about the pivot of the bond between its a and 
b carbons. It assumes two different conformations 
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while shuttling the hydron, one in contact with the 
solution and the other in contact with a fixed mole-
cule of water in the hydron wire leading from the 
active site.1091 
 For many hydron wires, only the hydron that is 
a stoichiometric reactant or product has to be 
transferred into or out of the active site, respectively, 
for each turnover, and the arrangement of hydrogen 
bonds in the wire can be reset between turnovers. 
In the case of the hydron wire in 4-hydroxy-tetra-
hydrodipicolinate synthase from E. coli, however, 
three hydrons are passed along it into the active site 
during a single turnover.1106 
 To accomplish the transfer of more than one 
hydron, which is always required for multiple turn-
overs of an enzyme that has only one hydron as a 
stoichiometric substrate, each participant in a hydron 
wire has to rotate after the first hydron has been 
moved to reestablish the initial distribution of hydrons 
in the wire. For example, the distribution of hydrons 
in the wire in 4-hydroxy-tetrahydrodipicolinate 
synthase1106 after the transfer of the first hydron 

 

can be converted to the distribution required for the 
second transfer by rotations of the hydroxy groups 
on tyrosine, threonine, tyrosine, and the substrate 
of 180ª, 120ª, 180ª, and 120ª, respectively. A rotation 
of 180ª in a carboxyl group (Equation 3-446) 
reestablishes the initial distribution, but an imidaz-
olyl group (Equation 3-447) cannot rotate to 
reestablish the initial distribution because its two 
nitrogens are not symmetrically disposed. Conse-
quently, as in carbonic anhydrase and nitrite reduc-
tase (NO-forming), the imidazolyl groups in a 
hydron wire are usually at the interface with the 
solution where a symmetric rotation is not required. 
 Bacteriorhodopsin from Halobacterium salin-
arium is an enzyme that catalyzes the reaction1107 

                             (3-448) 

where Hi
+ is a hydron inside the cell and Ho

+ is a 
hydron outside the cell. The absorption of a photon 

produces a photoisomerization of the retinal that is 
a prosthetic group in the active site, and for every 
two photons absorbed, the photoisomerization suc-
ceeds in moving one hydron in the proper direction. 
The hydron wire from the solution on one side of 
the membrane into the active site and the hydron 
wire from the active site into the solution on the 
other side of the membrane together have to 
transfer hydrons over a considerable distance 
(3.5-4.0 nm).1108,1109 
 The hydron wire from the cytoplasmic solution 
into the active site is composed of a carboxy group 
from an aspartic acid and four molecules of water, 
and it is reconstructed from different molecules of 
water from the solution during each turnover so 
that no rotation of its participants is required between 
turnovers.1110 Mutation of the aspartic acid in this 
hydron wire to asparagine slows the uptake of hydrons 
by the enzyme by 20-fold.1111,1112 
 The hydron wire out of the active site into the 
extracytoplasmic solution is composed of a molecule 
of water, the oxygen of a carboxyl group, a molecule 
of water, and the guanidinio group of an argi-
nine.1113,1114 The guanidinio group changes its 
position during each turnover from one in which it 
is forming a hydrogen bond to the interior molecule 
of water in the hydron wire to one in which it can 
form hydrogen bonds with molecules of water in 
the solution.1115 Mutation of the aspartate in this 
hydron wire decreases the quantum yield of hydron 
transport 20-fold without affecting hydron uptake,1112 
and mutation of the arginine eliminates rapid hydron 
release into the extracytoplasmic solution.1116 
 Many hydron wires in enzymes contain two or 
more fixed molecules of water. The hydron wire into 
the active site in bacteriorhodopsin is composed in 
part of four fixed molecules of water in a chain of 
hydrogen bonds. In liquid water, such evanescent 
chains of molecules of water, through which the 
net of one hydron can be rapidly transferred, are 
thought to be responsible for the anomalously high 
mobility of hydrons in this solvent. In this explanation, 
a hydron would associate with a molecule of water 
at one end of the chain, and then there would be an 
almost instantaneous, concerted shift of hydrons 
within the hydrogen bonds of the chain that results in 
the molecule of water at the other end of the chain 
becoming a hydronium.* The net result would be 
the formal transfer of a hydron from one end of the 
chain to the other.1089 Such hydron jumping probably 

                                     
*The description of this process is usually attributed to Theodor 
Grotthus.1117 
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occurs in a hydron wire in enzymes where there are 
molecules of water in a chain of hydrogen bonds and 
hydroxy groups.1118 There are also a number of syn-
thetic materials that incorporate continuous, isolated 
chains of water molecules,1119,1120 and there are 
calculations leading to the conclusion that hydron 
transfer through such single-file chains of water 
molecules can be as much as 40 times faster than 
hydron transfer in bulk water.1121,1122 
 As was the case with bacteriorhodopsin, a de-
crease in the rate of an enzymatic reaction resulting 
from the mutation of an amino acid participating 
in a chain of hydrogen bonds that is a candidate for 
a hydron wire is often used as evidence for the partic-
ipation of that hydron wire in transferring hydrons 
into or out of the active site.1101,1123 For example, 
mutation of two histidines on the way from the 
solution into the active site of the reaction center 
from C. sphaeroides decreases the rate of the first 
hydron transfer into the active site by a factor of 10 
and the second hydron transfer by a factor of 4.1124 
Mutation of a histidine on the way from the active 
site of aryl-alcohol dehydrogenase from P. putida 
into the solution1028 to glutamine decreases the 
specificity constant of the enzymatic reaction for 
benzyl alcohol by a factor of 125, and the effects of 
amines added to the solution are consistent with 
this decrease in rate arising from a decrease in the 
rate of transfer of the stoichiometric hydron in the 
overall reaction out of the active site.1125 The fact 
that the participants in a hydron wire are conserved 
in a large number of species in which the enzyme is 
found is another indication of their importance to 
the enzymatic reaction.1099 
 
 While in some instances the rate constant of 
association of a reactant is so fast that it is equal to 
that expected for encounter control,1126 the second-
order rate constants for associations of reactants 
with the active site of an enzyme usually have values 
that are less than the rate constant predicted for an 
encounter-controlled reaction between a small 
molecule and a macromolecule by 1-3 orders of 
magnitude. At 25 ªC, the rate of a encounter-
controlled reaction is about 109 M-1 s-1, depending on 
the diffusion constant for the substrate.284,1127,1128 
The concentrations of most substrates in the cyto-
plasm, however, are usually less than 1 mM, which 
means that the pseudo-first-order rate constants of 
association between reactants and most enzymes 
at physiologically relevant concentrations are usu-
ally significantly less than 105 s-1. With this in mind, 
it should come as no surprise that some enzymes 

have catalytic constants that are equal to or greater 
than the pseudo-first-order rate constants with 
which the reactants, when present at physiological 
concentrations rather than at saturation, associate 
with the active site. Consequently, it is possible for 
the association of the reactants with the active site, 
rather than the subsequent turnover of the bound 
reactants, to be the rate-limiting step in an enzy-
matic reaction when those reactants are at their 
physiological concentrations. 
 The association of the reactants when they are 
present at physiological concentrations can be 
rate-limiting, however, only if those reactants are 
sticky.1129 A sticky reactant is a reactant that is 
converted to products free in solution faster than it 
can dissociate from the active site once it has asso-
ciated with it. For example, in the simple kinetic 
mechanism 

   (3-449) 

if k2 and k3 are much greater than k-1, then reac-
tant A is converted to product Z free in solution 
much faster than it can dissociate back into the solu-
tion, and reactant A is a sticky reactant. If a reactant 
is sticky, almost every molecule of that sticky reactant 
that associates with the enzyme is converted to a 
molecule of product free in the solution. 
 If the reactants are not sticky and dissociate from 
the active site faster than they can be converted into 
products that have dissociated from the enzyme—
for example if k-1 in Equation 3-449 is much greater 
than either k2 or k3—then a rapid pre-equilibrium is 
established between the enzyme and the reactants, 
and either chemical turnover or the release of the 
products must be the rate-limiting step, not associ-
ation of the reactant.1129 Pyruvate is a sticky reactant 
in the reaction catalyzed by acetolactate synthase 
from E. coli 

     
                (3-450) 

The enzyme associates in a kinetically irreversible 
step with the first pyruvate, the sticky reactant, and 
the second pyruvate then associates with the enzyme 
in a reversible pre-equilibrium preceding the chemical 
conversion and the release of acetolactate.1130 
 If a reactant in a particular enzymatic reaction 
is sticky, then two situations can be distinguished. 

E  +  A  1  E·A  1  E·Z  Æ  E  +  Z
k 1

k –1

k 2

k –2

k 3

2 pyruvate  +  H+  1  CO2  +  2-acetolactate
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If the concentrations of the reactants in the enzymatic 
reaction are all at saturation, then as each active 
site releases products, it is immediately filled with 
reactants, and the rate-limiting step of the reaction 
must be a step that does not involve association of 
reactants, usually turnover of the bound reactants 
or the dissociation of the products. If the concen-
tration of one reactant is so low that the rate of its 
association with the active site becomes less than 
the rates of turnover, dissociation of the products, 
and any other step affecting the overall rate of the 
reaction; if that reactant is sticky so that almost 
every molecule is converted to product free in solu-
tion once it associates with the active site; and if the 
concentrations of the other reactants remain at 
saturation, then the rate-limiting step in the reaction 
will become the association of that sticky reactant 
with the active site. It follows that when one of the 
reactants in an enzymatically catalyzed reaction is 
sticky, a change in rate-limiting step must occur 
when the concentration of that reactant is decreased 
below a certain level. 
 Coincident with this change in rate-limiting 
step for the sticky reactant is a change in reaction 
order. At high concentrations of the sticky reactant 
that is being varied, its turnover, the dissociation of 
products, or some other first-order process not 
involving its association is rate-limiting; at low 
concentrations of the reactant, its association, a 
second-order process, is rate-limiting. As a result, 
the behavior observed is an increase in the initial 
rate of the enzymatic reaction that is proportional 
to the concentration of reactant at low concentrations, 
followed by an approach to a horizontal asymptote 
at higher concentrations of reactant as the rate-
limiting step changes from association to turnover. 
This change in rate-limiting step is observed as 
apparent saturation. This apparent saturation, 
however, is not caused by saturation of the active 
site but by the change in rate-limiting step. This 
behavior will be indistinguishable by steady-state 
kinetics from the behavior of an enzyme that does 
not have sticky reactants. In each instance, the initial 
rate of the enzymatic reaction is a rectangularly 
hyperbolic function of the concentration of reactant. 
 These general conclusions, however, have signifi-
cant consequences for natural selection. To under-
stand these consequences, consider the simplest 
kinetic mechanism 

      (3-451)  

In all cases, at concentrations of reactants that sat-
urate an enzyme, none of the pseudo-first-order 
rate constants for association between an enzyme 
and its reactants can be rate-limiting because the 
concentrations of reactants—and consequently 
their pseudo-first-order rate constants of associa-
tion, which can be increased until no more reactant 
will dissolve in the solution—have been purposely 
increased by the investigator to a level at which no 
further increases in the rate of the enzymatic reaction 
are observed. When saturation is reached, the first-
order rates at which bound reactant is converted to 
product and product dissociates from the enzyme 
limit any further increase in the initial rate of the 
reaction. 
 If, on the one hand, k-1 << k2 so that the reactant 
is sticky, then Equation 3-62 becomes 

        (3-452) 

the specificity constant kA = k1, and the catalytic 
constant k0 = k2. At low concentration of reactant 

                (3-453) 

and the enzymatic reaction is limited by the rate of the 
second-order association of enzyme with reactant. 
At high concentration of reactant 

             (3-454) 

and the rate of the reaction is limited by the rate of 
the first-order conversion of reactant to product 
and dissociation of the product. In this situation the 
Michaelis constant KmA for the reaction is k2 k1

-1, 
which is not even remotely connected to the disso-
ciation constant KdA for reactant A from the active 
site. 
 If, on the other hand, k-1 >> k2 so that the reactant 
is not at all sticky, then Equation 3-62 becomes 

              (3-455) 

At high saturating concentrations of reactant A, 
Equation 3-454 still applies, k0 = k2, and the rate of 
the reaction is limited by the rate of the first-order 
conversion of reactant to product and dissociation 
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of the product, but the Michaelis constant is equal 
to the dissociation constant for reactant A from the 
active site 

              (3-456) 

The consequential aspect of this situation is that, at 
concentrations of reactant A significantly less than 
the Michaelis constant 

              (3-457) 

the rate of the reaction is not limited by the rate of 
association of reactant with the enzyme. At this 
low concentration of the reactant, the rate of the 
reaction should increase as the dissociation constant 
for reactant A decreases. If the physiological concen-
tration of reactant A is less than the Michaelis constant 
and reactant A is not sticky, natural selection can 
increase the rate of the enzymatic reaction, and 
hence its efficiency, by selecting for decreases in 
the dissociation constant of reactant A. 
 If, however, reactant A is sticky and its physio-
logical concentration is less than the Michaelis 
constant for the enzyme, then the rate of diffusion 
of sticky reactant A to the active site is rate-limiting 
at its physiological concentrations; the initial rate 
for the enzymatic reaction at the physiological con-
centration of reactant A will be proportional to its 
concentration; and the constant of that propor-
tionality, by definition the observed specificity con-
stant kA for reactant A, will be equal to the second-
order rate constant for its association with the 
enzyme, k1. If the catalytic constant of an enzyme is 
so fast that the rate of association of one or more 
sticky reactants, when they are at their physiological 
concentrations, is the rate-limiting step in the reaction, 
then the enzyme will have evolved to a state where 
an increase in its catalytic constant cannot increase 
the rate of the enzymatic reaction as it occurs in the 
cytoplasm, and natural selection can no longer 
operate upon the catalytic constant. At this stage, if 
it is not possible to increase the rate of diffusion of 
that reactant or those reactants to the active site, 
short of increasing their cellular concentrations, the 
enzyme will have become a perfect catalyst.284,1131 
Natural selection, however, might still select for an 
increase in the rate at which the reactant associates 

with the active site once it has collided with the en-
zyme. 
 As most substrates for enzymes bear a net charge 
at physiological pH, the possibility that rates of associ-
ation can be increased by providing elementary 
charges around the active site that are opposite to 
the charge of the reactant has been rather enthusi-
astically considered as one way in which natural 
selection could increase the rate of association. For 
example, the rate of association of NADH, which 
has a charge number of -1 above pH 7, decreases 
by a factor of 10 as the net elementary charge on 
equine liver alcohol dehydrogenase is changed 
from +16 to -24 by increasing the pH, but only 
when the ionic strength of the solution is 0.01 M.1132 
As with most such purely electric effects, enhance-
ments in the rate of association observed when the 
vicinity of the active site is oppositely charged from 
its substrate decrease dramatically, in the case of 
alcohol dehydrogenase to less than a factor of 2, at 
physiological levels of ionic strength. In the case of 
acetylcholine receptor, mutation of an aspartate or 
glutamate in the region surrounding its channel for 
the transport of potassium ions to a neutral amino 
acid decreases its conductance by a factor of around 2 
at an ionic strength of 0.10 M, a change thought to 
result from an electric effect on the rate of associa-
tion of K+ with the channel in the enzyme,1133 a 
rather small effect. Although there are other reasons 
for the fact that all cytoplasm has this level of ionic 
strength, one reason may be to minimize electric 
effects between charged reactants and charged 
proteins. 
 Electric effects on rates of association at physio-
logical levels of ionic strength appear to be significant 
in cases in which a small protein acting as a carrier 
of an electron associates with an enzyme.1134,1135 
In this instance the net elementary charges on the 
participants can be large. For example, at physio-
logical pH, the net charge number on equine fer-
ricytochrome c is +7 and that on a tryptic fragment 
of cytochrome b5 is -9, and it seems that the large 
difference in the elementary charge on these two 
proteins increases the rates at which they associate 
by a factor of around 20 at physiological ionic 
strength.1136 In these cases, natural selection would 
be able to operate successfully on electric effects. 
 
 The rate of dissociation of a product from the 
active site is often slow enough to be the rate-
limiting step in an enzymatically catalyzed reaction. 
Because the dissociation constants of substrates 
from enzymes are often in the range of 10-6 M and 
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the respective second-order rate constants for their 
association are usually less than 108 M-1 s-1, it follows 
that rates of dissociation of the substrates, and 
hence the products, of an enzymatic reaction can 
be less than 100 s-1. Many enzymatic reactions in 
which the dissociations of the products are rate-
limiting have been identified. Therefore, the rate of 
release of products from the active site can be an 
important factor in the overall rate of the enzymatic 
reaction. 
 A sticky product is a product that dissociates 
slowly from the active site relative to the rate of either 
the back reaction to bound reactant or the forward 
reaction from bound reactant to bound product. In 
other words, for the simple kinetic mechanism of 
Equation 3-449, a sticky product would be the 
product in the enzymatic reaction for which 
k3 << k-2 or k3 << k2 or both of these inequalities occur, 
regardless of whether k3, k2, or k-2 themselves are 
microscopic or composite rate constants. Under these 
circumstances, the dissociation of a sticky product 
(k3), not the chemical transformation of reactant and 
product (k2), determines the catalytic constant of the 
enzymatic reaction. For example, the rate at which 
acyl-CoA dehydrogenase 

  
                (3-458)  

from E. coli oxidizes octanoyl-SCoA on its active site 
at 25 ªC is 400 s-1, but the rate at which the resulting 
large, sticky trans-oct-2-enoyl-SCoA dissociates 
from the enzyme is only 13 s-1, which determines 
the catalytic constant for the enzyme of 15 s-1. 
When the enzyme is mutated so that oxidation of 
octanoyl-SCoA decreases from 400 s-1 to 0.5 s-1, 
this rate of 0.5 s-1 determines the catalytic constant 
of 0.7 s-1, not the dissociation of the no longer 
sticky product, which is 8 s-1 in the mutant.1137 The 
catalytic constant of equine alcohol dehydrogenase 
is equal to the rate constant at which the large, 
sticky product NADH dissociates from the enzyme, 
and a mutation that increases this rate of dissocia-
tion by a factor of 7 increases the catalytic constant 
of the enzyme by a factor of 6.1138 
 Even the smallest substrate, a hydron, however, 
can be a sticky product. For example, the dissociation 
of the hydron that is a product of the dehydration 
catalyzed by fumarate hydratase (Equation 3-1) 

from E. coli is slower than both the dehydration itself 
and the dissociation of fumarate.1139 
 In the case of nucleophilic aromatic substitu-
tion of the sulfanyl group of glutathione for the chloro 
group in 1-chloro-2,4-dinitrobenzene catalyzed by 
isoenzyme M1-1 of glutathione transferase from 
R. norvegicus, the dissociation of the product is 
60-fold slower than the actual nucleophilic substi-
tution because a conformational change in the 
enzyme must precede the dissociation.1140,1141 The 
dissociation of the product nitric oxide from nitric-
oxide synthase (flavodoxin) from G. stearother-
mophilus, however, is slow not because of a confor-
mational change but because an isoleucine and a 
histidine on the way out of the active site sterically 
hinder its release into the solution.1142 
 In an enzymatic reaction in which both prod-
uct and reactant are sticky, the chemical transfor-
mation converting reactant and product has time 
to reach equilibrium while the reactant and product 
remain on the enzyme. 
 
 The effects of microviscosity of the solution 
on the observed steady-state catalytic constant k0 
and the specificity constant kA for reactant A can 
be used to distinguish microscopic rate constants 
for the association and dissociation of reactant A 
and for the dissociation of product Z in the under-
lying kinetic mechanism from those rate constants 
for the chemical transformations that occur with-
in the active site.1143 If the rate constant for the 
association of substrate A with the active site of 
enzyme E1143 and the rate constant for the dissociation 
of substrate A from the active site of enzyme E1144 
are each directly proportional to the sum of the dif-
fusion coefficient of substrate A, DA, and the diffusion 
coefficient of enzyme E, DE, in the solution, then 

      (3-459) 

where ki is a rate constant for either association or 
dissociation, xi is a constant of proportionality 
unique to that rate constant, kB is the Boltzmann 
constant, T is the temperature, h is the microvis-
cosity of the solution, and rA and rE are the Stokes 
radii of substrate A and enzyme E, respectively. It 
follows that 

              (3-460) 

octanoyl-SCoA  +  
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where ki is the rate constant in a reference solution 
of microviscosity h0, usually chosen to be the aque-
ous solution containing the enzyme at the pH and 
ionic strength at which the initial rates of its reaction 
have been studied, and kih is the rate constant in 
the reference solution to which a microviscogen 
such as glycerol, sucrose, or trehalose has been 
added to produce a microviscosity h,* which is 
greater than h0.  
  
 Suppose the enzyme has one reactant A and 
one product Z. If the dissociation of product Z is 
explicitly included, the kinetic mechanism of the 
reaction is that of Equation 3-449 and the rate 
equation (see Equation 3-89) for this kinetic mech-
anism is 

 
                (3-461) 

from which it follows that 

             (3-462) 

and 

          (3-463) 

If only the rate constants governing association and 
dissociation of substrates with and from the active 
site are affected by the microviscosity of the solu-
tion and k1, k-1, and k3 behave according to Equa-
tion 3-460, it follows that the ratio 

                                     
*The microviscosity of the solution, the viscosity experienced 
by a molecule, is distinguished from the macroviscosity of the 
solution, the viscosity measured by a viscometer. Small viscogens 
such as glycerol, sucrose, or trehalose affect both the micro-
viscosity and the macroviscosity equivalently. In these instances, 
the microviscosity is the viscosity measured by a viscometer. 
Macromolecular viscogens such as long, flexible, hydrophilic 
polymers can affect the macroviscosity more than they do the 
microviscosity.1145 The lack of an effect of a macromolecular 
viscogen on the rate constants for an enzymatic reaction 
demonstrates that it is actually the microviscosity that is affecting 
those rates.1146 

          (3-464) 

where k0 and k0h are the catalytic constants observed 
in the absence and presence of microviscogen, respec-
tively. It also follows that the ratio 

         (3-465) 

The ratio k0 k0h-1 as a function of hrel defines a line 
with a slope 

         (3-466) 

and a value of 1 when hrel = 1. The ratio kA kAh-1 as a 
function of hrel defines a line with a slope 

     (3-467) 

and a value of 1 when hrel = 1. Consequently, the 
slopes of these plots provide information in addi-
tion to the only observed rate constants, k0 and kA, 
obtained from steady-state kinetics.1143 
 Consider first the situation in which the slope 
of the line for the ratio k0 k0h-1 as a function of hrel 
(Equation 3-464) is indistinguishable from 0 and 
the slope of the line for the ratio kA kAh-1 as a function 
of hrel (Equation 3-465) is indistinguishable from 1, 
as is the case for bovine adenosine deaminase (Fig-
ure 3-61A)283,455 and bovine alkaline phosphatase 
at pH 6.1144 From the former observation it follows 
that k3 >> k2 and k3 >> k-2, and from the latter obser-
vation it follows that k-1 << k2. Therefore, if the kinetic 
mechanism of Equation 3-85 describes the reac-
tion, reactant A—for example, adenosine in the case 
of adenosine deaminase or a phosphate monoester 
in the case of alkaline phosphatase—is a sticky 
reactant, the respective product is not sticky, the 
specificity constant kA for reactant A (Equation 
3-463) is equal to the bimolecular rate constant k1 
for association of reactant A with the enzyme,1144 
the Michaelis constant KmA is unrelated to the disso-
ciation constant for reactant A from the active site, 
and the observed catalytic constant k0 is equal to k2.  
 

v0  =  

[A]0 

k 2k 3[E]t

k –2 + k 2 + k 3
(                              )

  +                                                [A]0   
 

k 2k 3[E]t

k –2 + k 2 + k 3

k 1k 2k 3[E]t

k –1k –2 + k –1k 3 + k 2k 3
(                  )

k 1k 2k 3[E]t

k –1k –2 + k –1k 3 + k 2k 3
(                  ) (                              )

k 0  = 
k 2k 3

k – 2 + k 2 + k 3

k A  = 
k 1k 2k 3

k – 1k – 2 + k – 1k 3 + k 2k 3

(k – 2 + k 2)       + k 3

k – 2 + k 2 + k 3

k 0   =  
k 0h

hrel

(k – 1k – 6 + k 6k 7)       + k – 1k 7

k – 1k – 6 + k 6k 7 + k – 1k 7

kA   =  
kAh

hrel

slope0    = 
k – 2 + k 2 

k – 2 + k 2 + k 3
h

slopeA    = h
k – 1k – 2 + k 2k 3

k – 1k – 2 + k 2k 3 + k – 1k 3



Association of Reactants and Dissociation of Products  
 

913 

 
 
Figure 3-61: Effect of microviscosity of the solution on rate 
constants for the reactions catalyzed by bovine adenosine 
deaminase,455  triose-phosphate isomerase from G. gallus,284 
and bovine chymotrypsin.1143 (A) Steady-state catalytic constant 
k0 and specificity constant kAd for adenosine for the conversion 
of adenosine (Ad) to inosine catalyzed by adenosine deaminase 
were determined by fitting full time courses for approaches to 
equilibrium (see Figure 3-1A) at an ionic strength of 0.15 M, 
pH 7.0, and 20 ªC, and in solutions containing various concen-
trations of sucrose to increase the microviscosity. The ratios of 
the steady-state rate constants kAd kAdh-1 (3) and k0 k0h-1 (Í), 
where kAd and k0 refer to values for the rate constants in the 
absence of microviscogen and kAdh and k0h refer to values for 
the rate constants at a particular relative microviscosity, are 
plotted as a function of relative microviscosity hrel, which is the 
microviscosity of the particular solution, h, divided by the micro-
viscosity of the same solution in the absence of sucrose, h0. 
The solid lines are linear, least-squares fits to the data, and the 
dashed lines are lines of slope 1 and slope 0, respectively. (B) 
Initial rates of conversion of ∂-glyceraldehyde 3-phosphate to 
glycerone phosphate, catalyzed by wild-type triose-phosphate 
isomerase (3) or a mutant in which Glutamate 164 had been 
changed to aspartate (Í), were measured at pH 7.6 and 30 ªC in 
solutions containing various concentrations of ∂-glyceraldehyde 
 
 
 

 3-phosphate (GAP) and various concentrations of glycerol to 
increase the microviscosity. The initial rates were used to 
determine the specificity constant kGAP for ∂-glyceraldehyde 
3-phosphate in the absence of glycerol and the specificity 
constants kGAPh at particular relative viscosities, and the data are 
presented as in Panel A. The solid lines are lines of slope 1 and 
slope 0. (C) Initial rates of hydrolysis catalyzed by chymo-
trypsin were measured for various concentrations of several 
acyl derivatives (AcX) that are reactants for the enzyme—the 
4-nitroanilide (Í, AcTrppNA) and the methyl ester (3, 2, 
AcTrpOMe) of N-acetyl-¬-tryptophan and the 4-nitrophenyl 
ester of N-(methoxycarbonyl)-¬-tryptophan (ò, fi, MocTrppNP)—
at an ionic strength of 0.5 M, pH 8.0, and 25 ªC. Initial rates 
were also measured in solutions containing various concentra-
tions of sucrose (Í, 3, ò) to increase the microviscosity or Ficoll 
(2, fi) to increase the macroviscosity. The initial rates were 
used to determine the specificity constant kAcX for the various 
reactants in the absence of microviscogen and the specificity 
constants kAcXh at particular relative viscosities for each of the 
reactants, and the data are presented as in Panel A. The solid 
lines are fits to the data for sucrose as microviscogen, and the 
lines with shorter dashes are fits to the data for Ficoll as the 
macroviscogen. The line with longer dashes is a line of slope 1. 
 
 
 

 
The only reason the initial rate of the reaction de-
creases below V as the concentration of adenosineis 
decreased is that a change in rate-limiting step oc-
curs from turnover, at high concentrations, to the 
unidirectional association of adenosine, at low 
concentrations.  
 That these conclusions are reasonable in a par-
ticular instance is strengthened by the observation 
that when turnover of the reactant is decreased 
significantly—either by site-directed mutation 
(Figure 3-61B),284,840,1147,1148 by using a reactant 
that is turned over more slowly,1143 or by changing 
the pH1145—the slope of the line for kA kAh-1 as a 
function of hrel goes to 0 because the reactant is no 
longer sticky. 
 If the slope of the line for kA kAh-1 as a function 
of hrel is 0, as is the case for cytidine deaminase from 
E. coli with no alterations,283 then k2 << k-1 and the 

 
reactant is not at all sticky; a pre-equilibrium between 
reactant A, the enzyme, and a complex of reactant A 
with the enzyme precedes the chemical step trans-
forming reactant to product within the active site; 
and in the simplest case, the Michaelis constant is 
the dissociation constant for reactant A from the 
active site (Equation 3-455). 
 Consider the situation in which the slope of 
the line for the ratio k0 k0h-1 as a function of hrel 
(Equation 3-464) is indistinguishable from 1 and 
the slope of the line for the ratio kA kAh-1 as a func-
tion of hrel (Equation 3-465) is indistinguishable 
from 0. It follows from both of these observations 
together that k-2 << k3, k3 << k2, and k2 << k-1. 
Therefore, if the kinetic mechanism of Equation 
3-449 describes the reaction, the product is sticky, 
all steps before the release of product reach equi-
librium, and the rate-limiting step of the reaction is 
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the release of product Z. For example, in the case of 
murine cyclic-AMP-dependent non-specific serine/ 
threonine protein kinase, the slope of the line for 
k0 k0h-1 as a function of hrel is indistinguishable 
from 1 and the slope of the line for kpep kpeph-1 as a 
function of hrel is close to 0 for the peptide 
LRRASLG as a reactant. It could be concluded that 
the rate-limiting step in the reaction is the dissocia-
tion of the product; that k3, the rate constant for 
dissociation of product, is equal to the observed 
catalytic constant k0 (22 s-1);1149 and that the associa-
tion of the peptide with the active site is at equilib-
rium. Even though the association of the reactant is 
at equilibrium, because 

       (3-468) 

the Michaelis constant is not equal to the dissocia-
tion constant for the reactant. If it is the case for 
this enzyme, as seems reasonable, that k-2 << k2 
because the chemical step is the transfer of a phospho 
group from a phosphoric anhydride to an aliphatic 
hydroxy group, it can concluded that product piles 
up on the active site waiting to dissociate. 
 If the slope of either the line for behavior of the 
ratio k0 k0h-1 as a function of hrel (Equation 3-464) 
or the line for behavior of the ratio kA kAh-1 as a 
function of hrel (Equation 3-465) is significantly dif-
ferent from either 1 or 0, then the rate of associa-
tion of reactant A at low concentration cannot be 
rate-limiting. Nevertheless, the rate of association 
for the reactant must be affecting the overall rate of 
the reaction, and in such circumstances, the slope of 
one or the other of these lines can be used to obtain 
estimates of the values for underlying rate constants 
in the kinetic mechanism of Equation 3-449.1143,1150 
 For example, the lines describing the effect of 
relative microviscosity of the solution on the ratio 
of the specificity constants, kester kester,h-1, for hydrol-
ysis of N-(methoxycarbonyl)-¬-tryptophan 4-nitro-
phenyl ester and N-acetyl-¬-tryptophan methyl ester 
by bovine chymotrypsin (Figure 3-61C)1143 have 
slopes of 0.4 ± 0.1 and 0.1, respectively. Over the 
same ranges, the respective values for the catalytic 
constants k0 actually increased by about 10% rather 
than decreasing as the microviscosity of the solution 
was increased. Consequently, the rate constant k3 in 
the kinetic mechanism for chymotrypsin  

    
                (3-469) 

for both reactants cannot be affected by the rate 
constant for the dissociation of either product. It is 
also known that, for the two reactants used in these 
experiments, the second step in the kinetic mecha-
nism is irreversible because the respective product 
Z, 4-nitrophenol or methanol, dissociates rapidly 
and immediately after the acyl enzyme is formed, 
so the value of the rate constant k-2 is formally 0. It 
follows (Equation 3-467) that 

           (3-470) 

From the slopes of the lines for N-(methoxycarbonyl)-
¬-tryptophan 4-nitrophenyl ester and N-acetyl-
¬-tryptophan methyl ester, values for the ratio 
k-1 k2

-1 of 1.5 and 11, respectively, could be calcu-
lated (Equation 3-470). Since the values for kester in 
the absence of microviscogen are 35 and 0.81 mM-1 s-1, 
respectively, the values estimated for k1 are 90 and 
10 mM-1 s-1. 
 The slope of the line for the effect of microvis-
cosity on the catalytic constant for the decarboxylation 
of orotidine 5¢-phosphate by orotidine-5¢-phosphate 
decarboxylase (Equation 3-366) from M. thermauto-
trophicus is 0.02 ± 0.03, so dissociation of the prod-
uct, uridine monophosphate, cannot be the rate-
limiting step in the enzymatic reaction. The slope 
of the line for the effect of microviscosity on the 
specificity constant for the reactant,1146 orotidine 
5¢-phosphate, however, is 0.6 ± 0.1, so the association 
of orotidine 5¢-phosphate must be a rate-affecting 
step. From the value of the slope, it could be calcu-
lated that the rate constant k1 for its association is 
4 mM-1 s-1. 
 In theory, if the slopes of both the line for k0 k0h-1 
and the line for kA kAh-1 as a function of the relative 
microviscosity are between 0 and 1, and one of the 
rate constants in the mechanism of Equation 3-449 
has been assigned a value by some other observa-
tion, the remaining four underlying rate constants 
can be estimated from these slopes and from the 
observed values of the specificity constant kA for 
reactant A and the catalytic constant k0. In practice, 
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however, the rate constants k-1, k2, and k3 are seldom, 
if ever, close enough to each other in numerical 
value that both slopes fall between and are signifi-
cantly different from 1 and 0. 
 In the preceding discussion, it has been assumed 
that the only effects of relative microviscosity on 
the observed rate constants for the enzymatic reac-
tion are on the rates of association and dissociation 
of substrates with the enzyme. There are, however, 
several situations in which it has been concluded 
that the observed effects of the relative microvis-
cosity result from changes in the rates of conforma-
tional changes, such as an induced fit (Figure 3-55) 
that the enzyme undergoes during catalysis.1151-1153 
These observations suggest that the effects of relative 
viscosity on observed kinetic constants may be 
more ambiguous than they are often assumed to be 
and that effects of microviscosity on conformational 
changes must be ruled out before the assumption 
that the effects of microviscosity are only on rates 
of association and dissociation is made. The obser-
vation that an increase in relative microviscosity 
affects only the observed specificity constant kA for 
reactant A and not the observed catalytic constant 
k0 is the least ambiguous result and usually means 
that the effect of microviscosity is only on associa-
tion and dissociation of reactant A. For example, 
the 10% increase in the catalytic constant for chymo-
trypsin observed at high concentrations of micro-
viscogens was used as an argument that the only 
effect of microviscogens was on the association of 
reactant with the enzyme.1143 
 
 Now that you are familiar with the molecular 
details of noncovalent interactions between sub-
strates and active sites, it becomes possible for you 
to imagine the steps in the dissociation of a product. 
Because almost every substrate is held in the active 
site of an enzyme by many localized interactions 
and because covalent bonds about which free rota-
tion can occur are located between these individual 
points of contact within most substrates, the release 
of a product can be viewed as the culmination of a 
series of steps taken in a random order.1154 A mole-
cule of a given product can be divided into segments 
connected by one or more covalent bonds about 
which free rotation can occur. Even though the 
configurational flexibility of a bound or partially 
bound product is likely to be much less than what it 
displays in solution, it is possible to imagine each 
segment independently detaching from the active 
site momentarily as the subset of noncovalent inter- 

actions holding that segment in the active site 
breaks and rotation, albeit hindered, occurs around 
the covalent bonds connecting that segment to the 
rest of the substrate. Just as quickly, however, that 
segment reestablishes its connection with the active 
site before the neighboring segments can break theirs. 
These local dissociations and reassociations from 
subsites of the active site occur randomly over the 
molecule of product. Eventually, at some instant, 
all the local contacts are broken at the same time, 
and the molecule of product departs. For example, 
a mutant of streptavidin from Streptomyces avidinii 
in which Aspartate 128 has been changed to alanine 
is unable to form the usual hydrogen bond between 
one of the ureido nitrogen–hydrogens of the biotin 
that is the normal ligand of the protein because the 
acyl oxygen in the carboxy group of the aspartate is 
no longer there. In a crystallographic molecular 
model of the complex between biotin and the mu-
tant, the rigid, bicyclic 2-oxohexahydro-1H-thieno-
[3,4d]imidazol-4-yl group of the biotin has pulled 
away from its normal position into a configuration 
believed to represent one of the individual detach-
ments leading to the eventual dissociation of biotin 
from streptavidin.1155 
 Another example of such a process may occur 
within the active site of phosphoglycerate kinase 
(Equation 3-375) from S. cerevisiae.1154 At high 
concentrations, sulfate is a competitive inhibitor 
with respect to MgATP2- in the forward reaction 
and with respect to 3-phospho-∂-glyceroyl phos-
phate, but not with respect to MgADP-, in the reverse 
reaction.1154 These results suggest that sulfate can 
bind to the same location as the phospho group 
that is transferred from the phosphoanhydride of 
MgATP2- to the carboxylato group of 3-phospho-
∂-glyceroyl phosphate. At low concentrations, how-
ever, sulfate and several other polyanions activate 
the enzymatic reaction (Figure 3-62).1156 
 One explanation for both the activation and the 
competitive inhibition observed in the respective 
ranges of concentration is that, during the instant 
that the 1-phosphate group on the carboxy carbon 
of the product 3-phospho-∂-glyceroyl phosphate 
has momentarily detached from its cup of both 
donors for hydrogen bonds and the Mg2+ and rotated 
away and before it can reattach, sulfate can associate 
with the cup that the phospho group normally 
occupies (Figure 3-63).644,1156-1159 The sulfate pre-
vents reassociation of the 1-phospho group, and 
3-phospho-∂-glyceroyl phosphate is forced to depart 
as soon as the 3-phospho group breaks away from its 
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Figure 3-62: Effect of sulfate on the enzymatic activity of yeast 
phosphoglycerate kinase.1156 Samples were prepared that con-
tained phosphoglycerate kinase in 5 mM (2), 50 mM (3), 0.5 mM 
(Í), 1.5 mM (ò), or 5.0 mM (ù) MgATP2- and 1.0 mM free Mg2+, 
50 mM 3-phosphoglycerate, and various concentrations of 
Na2SO4. The initial rate of production of 1,3-bisphosphoglycerate 
was monitored by the decrease in concentration of NADH in a 
coupled assay involving glyceraldehyde-3-phosphate dehydro-
genase, creatine kinase, creatine phosphate, and triose-phos-
phate isomerase. Initial rates of decrease in the fluorescence of  
NADH were measured continuously for each sample. The activity 
of the enzyme (percent of the initial rate in the absence of 
phosphate) is presented as a function of the concentration of 
Na2SO4 (millimolar). 
 
 
 
 
 
 
 
 
 
 
Figure 3-63: Schematic representation of the possibility that 
sulfate may accelerate the dissociation of 3-phospho-
∂-glyceroyl phosphate from the active site of phosphoglycerate 
kinase from S. cerevisiae by associating with one of the two 
subsites that bind its phospho groups.644,1156-1158 Dissociation 
of 3-phospho-∂-glyceroyl phosphate from the active site can 
be considered to occur in at least two steps: release of the 
1-phospho group and release of the 3-phospho group (left side 
of drawing). These dissociations can occur in either order, but 
either dissociation probably coincides with an induced widening 
of the active site.1159 In the drawing, the 1-phospho group is 
the first to dissociate. During its dissociation, the bond between 
carbons 1 and 2 has rotated to remove the 3-phospho group 
from the vicinity of its subsite. It is possible that sulfate occupies 
the subsite for either the 1-phospho group, as is drawn, or the 
3-phospho group (right side of drawing), preventing its reasso-
ciation and the reclosing of the active site and hastening the dis-
sociation of the complete molecule of 3-phospho-∂-glyceroyl 
phosphate. The sulfate is drawn as occupying the subsite for 
the 1-phospho group because sulfate appears to compete with 
MgATP2- for its association with the enzyme (Figure 3-62), 
perhaps because it occupies the same subsite occupied by both 
the 1-phospho group of 3-phospho-∂-glyceroyl phosphate and 
the g-phospho group of MgATP2-. 
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cup of donors for hydrogen bonds. In this view of the 
process of dissociation, the 3-phospho group in the 
absence of sulfate would usually break away from 
its cup after the 1-phosphate group had already 
reassociated with its cup, and the 3-phospho group 
would have to detach many times before it happened 
to detach at the same time that the 1-phosphate 
group was also unattached. The sulfate, however, at 
concentrations high enough to occupy the active 
site effectively but not high enough to occupy the 
active site continuously and block the association 
of the g-phospho group of MgATP2-, would block 
the reassociation of the 1-phosphate group, and 
activation rather than inhibition would result. For 
this explanation to be the correct one, dissociation 
of the product must be a rate-limiting step in the 
enzymatic reaction. 
 Phosphoglycerate kinase serves as an example 
not only of stepwise dissociation of a product but 
also of a mechanism by which reactants or other 
ligands could accelerate the dissociation of a 
product from the active site. The individual sites of 
noncovalent interaction distributed over the reac-
tants in an enzymatic reaction are usually found 
distributed over the products, albeit in a different 
order. For example, the g-phospho group of MgATP2–  
is the 1-phospho group of 3-phospho-∂-glyceroyl 
phosphate in the reaction catalyzed by phospho-
glycerate kinase, but the 3-phospho group of 
3-phosphoglycerate is the 3-phospho group of 
3-phospho-∂-glyceroyl phosphate. It follows that 
reactants usually have substituents that can occupy 
the regions of the active site occupied by the respec-
tive substituents on products. In this view, a molecule 
of reactant that contains a functional group that 
ends up in a product should always have the poten-
tial to hasten dissociation of the molecule of that 
product that immediately precedes association of 
that reactant with the active site. In the particular 
case of phosphoglycerate kinase, the g-phospho 
group of MgATP2- is an anion that can bind at the 
site for the 1-phospho group of 3-phospho-
∂-glyceroyl phosphate and should be able to accel-
erate the dissociation of 3-phospho-∂-glyceroyl 
phosphate just as sulfate was able to do. As it turns 
out, MgATP2- does display reactant activation,1156 
consistent with an ability to perform this accelera-
tion of the reaction by displacement of the product 
3-phospho-∂-glyceroyl phosphate. 
 Reactant activation in steady-state kinetics is the 
acceleration of an enzymatic reaction by a reactant 
as its concentration is increased, beyond the usual 
increase in rate resulting only from its association 

with the active site. One way in which reactant acti-
vation can occur is the acceleration of dissociation 
of the product from the active site by association 
of the reactant with the active site. 
 Consider an enzyme the product of which, C-D, 
is bound at the active site by separate subsets of 
noncovalent interactions to segments C and D, 
respectively. Assume that these separate subsites 
are beyond the immediate vicinity of the chemical 
transformation and that the reactant, A-B, is bound 
by the same subsets of noncovalent interactions to 
segments A and B, which are identical to segments 
C and D, respectively. Under conditions of initial 
rate, in which the concentration of product C-D is 0, 
the replacement of product C-D by reactant A-B 
during the kinetic mechanism could occur in the 
following sequence  

 
                (3-471) 

In this scheme, the binding of segment B of the 
reactant blocks the rebinding of segment D of the 
product. The rate of dissociation of product C-D 
from the complex between enzyme and product is 

           
                (3-472) 

where [C-D] is the concentration of fully dissociated 
C-D. From the various steady-state relations it follows 
that 

              (3-473) 

where the apparent rate of dissociation of the 
product C-D 

    
                (3-474) 
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Figure 3-64: Graphical representation of the common logarithm 
of the function defined by Equation 3-474. The horizontal asymp-
totes of the curve are fixed by the values for log [k1k3(k-1 + k3)-1] 
and log k1, and the intersection of a line of slope 1 passing 
through the midpoint of the curve and the lower horizontal asymp-
tote is fixed at a value of log[A-B] equal to log [(k-2 + k3) k2-1]. 
These are the points that position the curve on the axes. 
 
 
 
The common logarithm of the apparent first-order 
dissociation rate constant k1,app can be plotted as a 
function of the common logarithm of the concen-
tration of reactant, [A-B] (Figure 3-64). Because 
k1k3 (k3 + k-1)-1 is always less than k1, the addition 
of reactant A-B will always accelerate the dissociation 
of product C-D. 
 Equation 3-471 is for a branched mechanism 
and contains two paths from the fully intact complex 
between the enzyme and product C-D to the fully 
intact complex between the enzyme and reactant 
A-B, and the fluxes on the two paths shift in relative 
magnitude as the concentration of A-B is increased. 
Such a branched mechanism is known to produce 
reactant activation.1160 
 Many instances of reactant activation might 
result from the process of reactants displacing 
products. For example, in the steady-state kinetics 
of human dihydrofolate reductase (Equation 
3-428), NADPH displays reactant activation.1161 
This activation results from the fact that the prod-
uct tetrahydrofolate dissociates from the enzyme 
5 times more rapidly when the site for nicotinamide-
adenine dinucleotide is occupied by the reactant 
NADPH than when it is occupied by the product 
NADP+. A reasonable explanation of this fact is that 
the hydride on carbon 4 of NADPH, after the hydro-
nicotinamide ring slips into its subsite following 
the momentary departure of the 2-amino-4-oxo-
5,6,7,8-tetrahydro-1H-pteridinyl group from its 
subsite, blocks the reattachment of the pteridinyl 

group. This block permits the 4-aminobenzoyl 
group and the ¬-glutamyl group, which comprise 
the remainder of tetrahydrofolate, to dissociate 
without the complication of the pteridinyl group 
reassociating. 
 If this explanation is correct for human dihydro-
folate reductase, this reactant activation is a partic-
ularly striking example of the power of a steric 
effect because NADPH differs from NADP+ by only 
a hydrogen. In the case of dihydrofolate reductase 
from E. coli (25% identity; 3.9 gap percent), the 
association of NADPH enhances the dissociation of 
tetrahydrofolate by a factor of 350.1162 Results from 
both crystallography and relaxation dispersion of 
hydrogen-1 in nuclear magnetic resonance spec-
tra1162,1163 are consistent with the adenylyl portion 
of NADPH initially associating on the surface of the 
complex between the enzyme and tetrahydrofolate 
and the nicotinamide portion then swinging into 
the active site at a rate of 21 s-1 before tetrahydro-
folate dissociates into the solution with a rate constant 
of 1000 s-1. The relaxation dispersion spectra also 
suggest that, in concert with the nicotinamide 
swinging into the active site, the 2-amino-4-oxo-
5,6,7,8-tetrahydro-1H-pteridinyl group is displaced 
from its original position, coincident with a confor-
mational change in the active site, but that even 
though it is displaced, the pteridinyl group remains 
associated with the active site for a short time until 
the entire molecule of tetrahydrofolate fully disso-
ciates. Whether the conformational change or the 
extra hydrogen is responsible for the initial displace-
ment was not determined. In the case of dihydro-
folate reductase from M. tuberculosis (23% identity; 
2.2 gap percent), the association of NADPH accel-
erates the dissociation of tetrahydrofolate by a factor 
of 2, but there is a conformational change in the 
active site prior to dissociation of the products that 
prevents this acceleration from increasing the 
overall rate of the reaction.1164 
 The displacement of products by reactants at 
the active site seems so unavoidable that it may 
occur far more often than the frequency with which 
obvious reactant activation is observed in steady-
state kinetics. A kinetic mechanism in which disso-
ciation of a product is accelerated by association of 
a reactant can apply even when obvious deviations 
from the usual rectangularly hyperbolic kinetic 
behavior are not observed. For example, mutation 
of Phenylalanine 31 in human dihydrofolate reduc-
tase to leucine produces an enzyme in which the 
reactant NADPH no longer displays reactant activa-
tion in steady-state kinetics. Nevertheless, it could 
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be shown that the association of NADPH still accel-
erated the dissociation of tetrahydrofolate by directly 
measuring rates of dissociation for the product 
tetrahydrofolate from the active site in the presence 
and absence of NADPH. The reason that reactant 
activation is no longer observed in steady-state 
kinetics of the mutant is that, following the transfer 
of a hydride from NADPH to 7,8-dihydrofolate 
(H2F), the dissociation of 5,6,7,8-tetrahydrofolate 
(H4F) from enzyme in which NADP+ occupies the 
site for nicotinamide-adenine dinucleotide has 
become 30 times slower than when it is occupied 
by NADPH rather than only 5 times slower, so the 
reaction proceeds almost exclusively on the path in 
which NADPH associates before tetrahydrofolate 
dissociates 

   
                (3-475) 

a kinetic mechanism that displays normal rectan-
gularly hyperbolic behavior because there are no 
longer two kinetically significant paths for dissocia-
tion of product.1165 For dihydrofolate reductase 
from E. coli, however, mutation of Leucine 54 to 
isoleucine accelerates the dissociation of tetrahy-
drofolate so that its rate becomes the same whether 
NADPH or NADP+ is bound. The reactant activa-
tion is also lost,1166 but for the opposite reason: 
namely, that dissociation of tetrahydrofolate has 
increased so much that association of NADPH no 
longer makes a difference and the reaction proceeds 
almost exclusively on the path in which tetrahydro-
folate dissociates before NADPH can associate. 
  Porcine aconitate hydratase (see Equation 
3-423),1167 which catalyzes the three reactions 

          (3-476) 

is another example of such a direct measurement of 
the rate of dissociation of a product. The enzyme 
displays linear and uncomplicated initial rates with 

each of its three substrates as reactants.1168 The 
unassisted release of [14C]citrate from the active 
site of bovine aconitate hydratase in the absence of 
any other substrates is far too slow, however, for it 
to be a step in the conversion of cis-aconitate to cit-
rate. If the release of [14C]citrate is measured in the 
presence of unlabeled citrate, however, its release 
becomes fast enough. In addition, the effects of pH 
on the rate of the enzymatically catalyzed reaction 
are inconsistent with the effects of pH on the inhi-
bition shown by analogues for the substrates. It has 
been concluded that as any one of the three carbox-
ylato arms of a molecule of any one of the three 
products bound at the active site of aconitate hydra-
tase momentarily pulls away from its subsite on the 
active site, either that carboxylato group can be 
trapped by a hydron or the subsite can be seized by 
the respective carboxylato arm of a molecule of the 
respective reactant entering the active site from the 
solution. Either event would prevent the carboxylato 
arm of the product from reassociating and would 
hasten the rate of dissociation of the product. If this 
is the case, aconitate hydratase would be an example 
of another enzyme the kinetics of which are unre-
markable but that nevertheless uses reactants to 
displace products. 
 In other situations, the requirement for one of 
the reactants to associate before one of the products 
dissociates has been demonstrated in other ways. 
For example, protein farnesyltransferase from 
R. norvegicus catalyzes the reaction 

  
                (3-477) 

where (2E,6E)-farnesyl-CVIM is the tetrapeptide CVIM 
farnesylated on the sulfanyl group of its cysteine. In 
a crystallographic molecular model of a complex 
between the enzyme and both the reactant 
(2E,6E)-farnesyl diphosphate and the product 
(2E,6E)-farnesyl-CVIM, the (2E,6E)-farnesyl group 
of the reactant has displaced the (2E,6E)-farnesyl 
group of the product from the farnesyl subsite 
while the tetrapeptide portion of the product remains 
bound at its subsite. This observation suggests that 
the reactant (2E,6E)-farnesyl diphosphate must 
associate with the active site before the product 
(2E,6E)-farnesyl-CVIM can dissociate,562 even though 
(2E,6E)-farnesyl diphosphate does not display reac-
tant activation.1169 
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 There are several factors that would limit the 
effectiveness of such mechanisms for acceleration 
of the dissociation of product and hence the rate of 
the enzymatic reaction. First, in the conformation 
in which only a portion of the product has dissoci-
ated, there will likely remain considerable steric 
hindrance to the approach of the displacing ligand. 
This steric hindrance will be particularly acute if 
the displacing ligand is large and can associate with 
the momentarily exposed portion of the active site 
in only one particular conformation. In the case of 
protein farnesyltransferase, however, even though 
reactant and product are large, the entire 
(2E,6E)-farnesyl group in the farnesylated peptide 
that is its product can swing out of the active site 
while its tetrapeptide remains bound so that the 
(2E,6E)-farnesyl diphosphate that is its reactant can 
associate unhindered. Second, a rigid molecule like 
the pyranose of ∂-glucose acting as a reactant may 
be able to associate with an active site in only one 
specific orientation that could not be accommo-
dated if any portion of the product was still bound. 
Third, not only such steric effects but also charge 
repulsion could prevent a molecule of the displacing 
ligand from associating even partially before the 
entire molecule of product has dissociated. Fourth, 
if the mechanism of the enzyme involves induced 
fit, the active site may be continuously changing its 
conformation as the product dissociates, and this 
plasticity might preclude the association of any 
other ligand until the active site was completely 
vacated. Finally, ligand-promoted dissociations of 
products are often observed only at high, unphys-
iological concentrations of the displacing ligand, 
and such examples could be irrelevant biologically. 
In spite of these difficulties, promotion of the dissoci-
ation of a molecule of product from the active site 
by a molecule of reactant or another ligand may 
still be a common feature of enzymatically catalyzed 
reactions. 
 The product of an enzymatic reaction in one 
direction is a reactant in the other direction, and by 
the principle of microscopic reversibility, if the 
dissociation of a product proceeds through multiple, 
reversible detachments, the association of that same 
substrate as a reactant must proceed through 
multiple, reversible attachments. In solution, most 
reactants for enzymes have internal rotational de-
grees of freedom around their single bonds and 
randomly assume many different conformations. 
When reactants are bound to an active site, however, 
only one of those conformations that can be 
achieved in solution is usually assumed on the site. 

While it is unlikely, a particular active site may pick 
only that one conformation out of the solution. It 
seems more reasonable, however, that an active 
site is able to associate partially with the incorrect 
conformers of its reactant and promote the confor-
mational change to the correct conformer. In this 
strategy, following the association of only a portion 
of the reactant in a subsite of the active site, the 
sequential, reversible formation of the multiple 
attachments that are precisely positioned by that 
active site would cause any one of the many confor-
mations of the reactant existing in solution to assume 
gradually the specific conformation it adopts when 
it is completely pinned down. As each attachment 
is formed and rotation about intervening single 
bonds then aligns the next set of noncovalent donors 
and acceptors, the next noncovalent interaction is 
completed, and so forth until all the attachments 
have formed, and the reactant has assumed the 
unique, bound conformation. For example, a small 
protein that has no detectable secondary structure 
in solution is a physiological inhibitor of aspartic 
endopeptidase A from S. cerevisiae. In a crystallo-
graphic molecular model of the inhibitor bound to 
the enzyme, the portion of the inhibitor occupying 
the active site is an a helix.1170 One can imagine a 
sequence of properly aligned, noncovalent interac-
tions, completed in a random order, that would 
guide the structureless inhibitor gradually into an 
a helix as opposed to the active site binding only 
the vanishingly small concentration of a helix in 
the solution.* 
 A similar issue arises in situations in which a 
particular ionization state of a reactant is required 
for an enzymatic reaction. For example, Arginine 381 
forms a hydrogen bond with the phenoxy oxygen of 
the ¬-tyrosine that is a reactant for tyrosine phenol-
lyase 

   
                (3-478) 

from C. freundii, which uses pyridoxal 5¢-phosphate 
as a prosthetic group. This hydrogen bond stabilizes 
the phenolate that is required in the elimination of 
the 1-oxo-2,5-cyclohexadien-4-yl group catalyzed by 
the enzyme.1171 Does the enzyme associate only 
with the conjugate base of the 4-hydroxyphenyl 

                                     
*It should be recalled that an isolated a helix is always unstable 
in solution, again because of the competition of molecules of 
water for the donors and acceptors of hydrogen bonds. 

¬-tyrosine  +  H2O  1
                                        phenol  +  pyruvate  +  NH4

+
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group of ¬-tyrosine, the phenolate, which is present 
in the solution at a low concentration relative to the 
conjugate acid, the phenol? Or does the 4-hydroxy-
phenyl group of ¬-tyrosine associate with the active 
site and does its hydron dissociate as the hydrogen 
bond forms with this arginine? The increase in the 
observed specificity constant for ¬-tyrosine, ktyr, 
with increasing pH, from 65 M-1 s-1 at pH 6.6 to 
1.3 ¥ 104 M-1 s-1 at pH 8.4, suggests that the actual 
reactant for tyrosine phenol-lyase is the phenolate. 
 As do substrates, active sites change conforma-
tions during association and dissociation of substrates. 
It is usually assumed that the conformation of the 
enzyme from which the products dissociate is the 
same conformation with which the next set of reac-
tants associate. There are instances, however, in 
which this is not the case.1172,1173 In such an instance, 
the conformation of the active site from which the 
product dissociates is different from the confor-
mation with which the reactant associates. For 
example, the conformation of triose-phosphate 
isomerase from G. gallus (Equation 3-384) from 
which glycerone phosphate has just dissociated as 
a product or with which glycerone phosphate must 
associate as a reactant is different from the confor-
mation with which glyceraldehyde 3-phosphate must 
associate as a reactant or from which it has just dis-
sociated as a product.1174 In the case of proline 
racemase from Clostridium stricklandii 

          (3-479) 

the two forms of the enzyme, one specific for ¬-proline 
and the other for ∂-proline, are not different confor-
mations but different tautomers in which the hydron 
just removed from the reactant still sits on the base 
that removed it and the conjugate base of the acid 
that just added a hydron to the reactant remains 
unhydronated.1175 The hydron must be removed 
from the former and another hydron added to the 
latter before the next reactant can associate with 
the enzyme for the next catalytic cycle. The two 
forms of fumarate hydratase (Equation 3-1) from 
S. cerevisiae, however, are tautomers that also differ 
in conformation.1176 
 The simplest kinetic mechanism for these en-
zymes is 

      (3-480) 

In most cases, the conversion between the two confor-
mations or two tautomers of the unliganded enzyme 
(E and EA) is so fast (0.1-10 ms-1)1174 that it does not 
limit the catalytic constant of the enzyme, but a 
rate-affecting conversion can be detected by meas-
uring flux ratios1177 with isotopic tracers.1172 
 
 A large number of enzymes have substrates 
that are not solutes in free solution in an aqueous 
phase. One major group of such enzymes is those 
that catalyze reactions in which the substrates are 
lipids. Lipids such as fats, oils, polyisoprenoids, 
phospholipids, and sphingolipids are almost always 
dissolved in a separate amphipathic phase composed 
of either the lipid itself or a mixture of the lipid with 
other fats, oils, polyisoprenoids, phospholipids, or 
sphingolipids. These separate amphipathic phases 
can be fat droplets, lipoproteins, micelles, or mem-
branes. There are some enzymes that are embedded 
permanently in one or the other of these separate 
amphipathic phases with their active sites immersed 
in that nonpolar phase, so their reactants can enter 
the active site from that phase and their products 
leave the active site into that phase by simple diffu-
sion, just as reactants enter an active site from the 
aqueous solution by simple diffusion. Examples of 
such enzymes are bovine quinol—cytochrome-c 
reductase (Figure 2-32), an enzyme spanning the 
inner mitochondrial membrane that oxidizes ubiq-
uinol, and the two related enzymes found in mem-
branes of the endoplasmic reticulum: diacylglycerol 
O-acyltransferase,1178 the enzyme responsible for 
the synthesis of triacylglycerols, and sterol O-acyl-
transferase,1179 the enzyme responsible for acylating 
the 3-hydroxy group of cholesterol. Many enzymes 
that have substrates sequestered in a separate amphi-
pathic phase, however, remain in the aqueous 
phase almost completely surrounded by water, but 
nevertheless their substrates in the amphipathic 
phase must associate with and dissociate from 
their active sites. 
 Phospholipase A2 catalyzes the hydrolysis of 
phosphatidylcholine, which is 1,2-diacyl-sn-glycero-
3-phosphocholine 

¬-proline  1  ∂-proline

E  +  A  1  E·A  1  E A·Z  Æ

                                            E A  +  Z  1  E   +  Z

k 1

k –1

k 2

k –2

k 3

k 4

k – 4
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                (3-481) 

As was originally demonstrated with porcine triacyl-
glycerol lipase,1180 although phospholipase A2 free 
in solution will hydrolyze soluble, unaggregated 
short-chain 1,2-diacyl-sn-glycero-3-phosphocholine, 
its activity increases dramatically when a particular 
1,2-diacyl-sn-glycero-3-phosphocholine aggregates 
into micelles or bilayers1181 or is dispersed into 
micelles of detergent.1182 These observations demon-
strate that the enzyme is most efficient when oper-
ating at an interface between the aqueous phase 
and a separate amphipathic phase in which the 
reactant is dissolved. 
 Phospholipase A2 accomplishes its catalysis of 
the hydrolysis of its reactant phosphatidylcholine 
by associating with the surface of the amphipathic 
phase in which phosphatidylcholine is dissolved 
and, while remaining bound to the surface, hydro-
lyzing many molecules of phosphatidylcholine by 
diffusing in two dimensions or scooting over the 
surface to reach them one after the other.1183 Such 
two-dimensional diffusion on a surface is the 
equivalent of the three-dimensional diffusion of 
the usual enzyme through the cytoplasm. Phospho-
lipase A2 from N. atra associates firmly with the 
surface of the amphipathic phase, in part through 
hydrophobic interactions between that surface and 
a ring of hydrophobic amino acids on the surface of 
the enzyme surrounding its active site,1184 but hu-
man 1-alkyl-2-acetylglycerophosphocholine ester-
ase, which also acts as a phospholipase on the 
surface of the amphipathic phase of a lipoprotein, 
has an amphipathic a helix 11 amino acids long 
that associates with the lipids and holds the enzyme 
on the surface.1185 A molecule of phosphatidylcholine, 
when it is encountered by either of these scooting 
enzymes, rises by simple diffusion out of the surface 
into the active site.1184 A similar ring of hydrophobic 
amino acids surrounds the active site of triacylglycerol 
lipase,958,1186 which hydrolyzes triacylglycerides by 
a similar interfacial mechanism. The hydrophobic 
patch on the surface of human sphingomyelin 
phosphodiesterase, however, that mediates its asso-
ciation with a membrane does not surround the 
active site but is adjacent to it.1187 In addition to the 
ring of hydrophobic amino acids that associate 
nonspecifically with the surface of the amphipathic 
phase, there is a separate site on phospholipase A2 

for binding tightly to the head groups of anionic 
phospholipids such as phosphatidic acid and 
phosphatidylserine in a biological membrane.1188 
This other site provides selection for biological 
membranes, which usually contain one of these 
anionic phospholipids, rather than any other 
amphipathic phase. 
 There are several observations consistent with 
this scooting mechanism. The initial rate of hydrolysis 
of phosphatidylcholine catalyzed by phospholipase A2 
increases as a rectangularly hyperbolic function of 
the concentration of micelles of phosphatidylcho-
line1189 or the concentration of micelles of detergent 
containing a particular molar ratio of phosphatidyl-
choline.1190 These results are consistent with the 
reversible association between the enzyme and a 
micelle and the dissociation constant being greater 
than 0. When the concentration of micelles of deter-
gent is held at saturation so that all the phospho-
lipase A2 from Naja naja is bound to micelles at a 
given instant, the initial rate of hydrolysis increases 
as a rectangularly hyperbolic function of the mole 
fraction of phosphatidylcholine in the micelles.1191,1192 
This result is consistent with a normal enzymatic 
reaction proceeding through the collision and asso-
ciation of reactant with the active site as a result of 
diffusion of enzyme and phosphatidylcholine over 
the surface of each occupied micelle. When porcine 
phospholipase A2 hydrolyzes 1,2-ditetradecanoyl-
sn-glycero-3-phosphomethanol in the form of an 
aqueous suspension of small bilayer vesicles, the 
amount of hydrolysis achieved at the completion of 
the reaction increases nonlinearly with the concen-
tration of phospholipase A2.1193 This result is con-
sistent with a situation in which each molecule of 
enzyme, under these circumstances, participates in 
a kinetically irreversible association with a vesicle 
so that it can hydrolyze the phospholipid only by 
scooting over the surface of that one vesicle during 
the course of the reaction. If these small vesicles are 
fused into larger vesicles after the reaction has 
ceased, hydrolysis resumes as each molecule of 
enzyme encounters unhydrolyzed reactant that has 
fused with the vesicle to which it is bound. When 
the mole fraction of the diester 1,2-ditetradecanoyl-
sn-glycero-3-phosphomethanol is increased in vesi-
cles of the inert diether 1,2-ditetradecyl-sn-glycero-
3-phosphomethanol, the initial rate of hydrolysis of 
the diester by porcine phospholipase A2 increases.1194 
This result is again consistent with a normal enzy-
matic reaction proceeding through the collision 
and association of reactant with the active site as a 

1,2-diacyl-sn-glycero-3-phosphocholine

  +  H2O  1  a carboxylic acid
     +  1-acyl-sn-glycero-3-phosphocholine
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result of diffusion of enzyme and reactant over the 
surface of the vesicle. 
 Cellulose is a solid that is secreted by the cells 
of plants and bacteria. Individual long molecules of 
[(b1,4)-∂-glucose]n are the strands of polymer that 
comprise the solid. Each type of cellulose consists 
of a particular distribution of amorphous cellulose, 
in which the strands are randomly arrayed, and 
crystalline cellulose, in which the strands are aligned 
parallel to each other in a crystalline array. Crystal-
line cellulose is an impenetrable solid, so cellulases, 
the purpose of which is to hydrolyze cellulose, 
must operate on the surface of the solid. The holo-
enzyme of cellulose 1,4-b-cellobiosidase (reducing 
end) Cbh1, a cellulase from Hypocrea jecorina, asso-
ciates with the surface of solid crystalline cellulose 
from Cladophora and diffuses over the surface at 
random at a rate of 30 nm s-1 until it encounters 
the reducing end of a strand of [(b1,4)-∂-glucose]n 
protruding from the surface. If it successfully asso-
ciates with the end of the strand, it then digests the 
strand at a rate of 9 nm s-1, successively releasing 
molecules of the disaccharide cellobiose, (b1,4)-∂-glu-
cosyl-∂-glucose, from the reducing end of the poly-
mer. The cellulase spends, on average, about 8 s 
digesting the polymer of [(b1,4)-∂-glucose]n with 
which it is associated before it dissociates, releasing 
over the interval about 70 molecules of cellobiose.1195 
 Some reactants are incorporated into linear 
polymers rather than separate phases with two-
dimensional interfaces such as biological mem-
branes. In such instances, enzymes searching the 
polymer for a specific reactant are often able to diffuse 
along the polymer in one dimension. As is the case 
with diffusion in solution or diffusion of an enzyme 
over a surface, diffusion of a protein along a linear 
polymer is usually an unbiased random walk in 
which motion in either direction has an equal 
probability, and the molecule of protein moves back 
and forth at random. A fibril of collagen is a linear 
cable formed by polymerization of individual collagen 
monomers.1196 Interstitial collagenase cleaves fibrils 
of collagen into fragments by hydrolyzing a specific 
peptide bond in each collagen monomer in the fibril. 
This single peptide bond is the reactant that the 
enzyme has to find in the linear polymer. To accom-
plish this goal, a molecule of interstitial collagenase 
diffuses back and forth in a random walk along a 
collagen fibril, cleaving monomers at the specific 
peptide bond as it encounters each site of hydroly-
sis.1197 
 Double-stranded and single-stranded DNA are 
also linear polymers. A number of enzymes are able 

to diffuse along a strand of DNA searching for a 
particular reactant within the polymer.1198 Examples 
of such proteins are lac repressor from E. coli,1199 
type II site-specific deoxyribonuclease BamHI from 
Bacillus amyloliquefaciens,1200 DNA-(apurinic or 
apyrimidinic site) lyase V encoded by Escherichia 
phage T4,1201 DNA (cytosine-5-)-methyltransferase 
from E. coli,1202,1203 late enhancer complex for 
DNA-directed DNA polymerase encoded by Esche-
richia phage T4,1204 and RNA-directed DNA poly-
merase encoded by human immunodeficiency 
virus.1205 
 The paradigm for diffusing along duplex DNA 
is type II site-specific deoxyribonuclease EcoRI 
from E. coli.1206 The enzyme cleaves double-
stranded DNA at the restriction site with the palin-
dromic sequence GAATTC that is unmethylated on the 
two cytosines. The enzyme must find this sequence 
of nucleotides in long stretches of DNA before it 
cleaves it between guanine and adenine on each 
strand. To find the reactant, the enzyme associates 
with duplex DNA and diffuses along the DNA until 
it encounters the palindrome. When two fragments 
of duplex DNA, one 4316 base pairs long and the 
other 34 base pairs long, each with a restriction site 
approximately in their center, are mixed at equi-
molar concentrations, type II site-specific deoxyribo-
nuclease is added for various times, and the rates at 
which the two fragments are cleaved at the respective 
restriction site are assessed, the apparent associa-
tion of the enzyme with the longer fragment is 
about 7 times more rapid than with the shorter.1206 
The explanation is that, even though the molar 
concentration of the two restriction sites is the 
same, the likelihood of the enzyme encountering a 
portion of the longer DNA, associating with it, and 
diffusing to the restriction site is far greater than 
the likelihood of it encountering a portion of the 
shorter DNA and associating with it. Once it encoun-
ters any portion of duplex DNA, the enzyme associ-
ates and then diffuses along the duplex in a 
random walk to the restriction site. 
 When a fragment of 1027 base pairs containing 
two restriction sites in the middle separated by 51 
base pairs was mixed at 100-fold molar excess with 
type II site-specific deoxyribonuclease from E. coli 
at an ionic strength of 0.13 M, the initial rate at 
which two cleavages were made in the fragment 
exceeds the initial rate at which only a single cleavage 
was made1207 by a factor of 1.7. This observation 
suggests that the enzyme can associate with the 
duplex DNA, diffuse along it, and most times, but 
not always, make two consecutive cleavages before 
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dissociating. If the enzyme always cleaved the 
second restriction site once it had cleaved the first, 
no fragments that had been cleaved at only one site 
would have been observed. Six separate fragments 
of duplex DNA were then constructed in which two 
restriction sites were placed at distances from each 
other of 42, 134, 234, 335, 482, and 605 base pairs 
while on each side of each of the six pairs the length 
of DNA was the same. When each fragment was 
mixed in 400-fold molar excess with type II site-
specific deoxyribonuclease at an ionic strength of 
0.07 M, the ratio between the initial rate at which 
two cleavages were made by the enzyme in a frag-
ment and the initial rate at which only a single 
cleavage was made declined as the distance between 
the two restriction sites was increased. From the ratio 
of these rates, it could be calculated that the first-
order rate constant for diffusive movement of the 
enzyme from one base pair to an adjacent base pair 
in a random walk is 300,000 times greater than the 
first-order rate constant for dissociation of the enzyme 
from the DNA.1208 Even for the two fragments in 
which the two restriction sites are separated by the 
shortest distances (42 base pairs and 135 base 
pairs), however, the rate constant at which a second 
cleavage occurs after the first is only 1.5 times the 
rate constant at which the first cleavage occurs. The 
fact that, on average, the protein walks at random 
from one base pair to one next door 300,000 times 
before it dissociates and yet often does not cover 
such short linear distances before it dissociates is 
simply a consequence of diffusing between two 
points in an unbiased random walk along a linear 
polymer. 
 One solution to this drawback of a random walk 
is to bias the diffusion. Biasing diffusion, however, 
requires an expenditure of standard free energy. 
DNA Helicase is an enzyme that unwinds duplex 
DNA into its component single strands. The energy 
necessary to perform the unwinding catalyzed by 
DNA helicase is provided by the hydrolysis of 
MgATP2-. When it unwinds DNA the enzyme is a 
homodimer, but the monomer is able to diffuse 
along single-stranded DNA with a bias in the direc-
tion from the 3¢ end to the 5¢ end, and this bias is 
also established by hydrolyzing MgATP2-. A molecule 
of MgATP2- is hydrolyzed each time DNA helicase 
PcrA from G. stearothermophilus1209,1210 or the 
related (42% identity; 1.1 gap percent) DNA helicase 
UvrD from E. coli1211 moves from one nucleotide in 
a single strand of DNA to the nucleotide on its 
5¢ side. A fragment of single-stranded DNA cova-
lently labeled at its 5¢ end with a fluorescent dye 

was preincubated at a 2-fold molar excess with 
monomers of DNA helicase UvrD from E. coli. After 
a monomer associated at random on a fragment of 
single-stranded DNA, its diffusion was initiated by 
adding MgATP2-, and quenching of the fluores-
cence of the dye as a function of time was meas-
ured.1212 If it is assumed that each monomer 
associated at random with the single-stranded 
DNA and then began to move toward the 5¢ end 
when the MgATP2- was added, from the time 
course of the quenching, it could be calculated that 
the rate at which the monomer slides in one direc-
tion is 200 nucleotides s-1 at 25 ªC. No movement of 
the protein could be detected in the absence of 
MgATP2-. 
 In this instance, the stepping of the enzyme 
from one nucleotide to the one on its 5¢ side, coin-
cident with the hydrolysis of one molecule of MgATP2–, 
can be considered to be a catalytic turnover of the 
monomer acting as an enzyme. In this view, the 
nucleotide in the active site, the nucleotide to its 
5¢ side, MgATP2-, MgADP-, and phosphate are the 
substrates for the enzyme, and the enzymatic reac-
tion is the transfer of the active site from the nucle-
otide to the nucleotide to its 5¢ side, or in other 
words, the transfer of the nucleotide on the 5¢ side 
into the active site upon dissociation of the nucleo-
tide on the 3¢ side.  
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Problem 3-38: Draw the hydron wire in 4-hydroxy-
tetrahydrodipicolinate synthase in the reset config-
uration by making the rotations indicated in 3-129 
while replacing the water in the solution with a 
hydronium and rotating the hydroxy group on the 
substrate to offer a lone pair of electrons to the hydron 
wire. Then draw the configuration after the hydron 
is transferred as in Figure 3-60. 
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Problem 3-39: Nonspecific protein-tyrosine kinase 
v-Fps from Fujinami sarcoma virus catalyzes the 
transfer of the g-phospho group from MgATP2- to a 
tyrosine in another protein. Its steady-state rate 
constants were measured in solutions containing 
various concentrations of glycerol or sucrose to 
produce different relative viscosities.1213 The slope 
of the line for the ratio of its specificity constants as 
a function of the relative microviscosity of the solu-
tion, kpep kpep,h-1, where pep refers to a tyrosyl-
peptide used as a reactant for the enzyme in place 
of one of the proteins that are the natural reactants 
for the enzyme, is indistinguishable from 0 when 
measurements of the rate constant kpep are made at 
saturating concentrations of MgATP2-. Because 
MgATP2- can associate with the enzyme in the 
absence of the peptide, because MgATP2- is at satu-
ration, and because the change in standard free 
energy for the overall reaction is significantly exer-
gonic, it has been assumed that this observation of 
the effect of microviscosity means that the kinetic 
mechanism for the reaction is 

 

where Ppep is the peptide phosphorylated on its 
tyrosine. 
 
 (A) Why was it assumed that the association of the 

peptide with the enzyme can be described by 
a simple dissociation constant?  

 (B) Show that the rate equation for this mecha-
nism is 

 

 (see Equation 3-40).  
 The observed slope of the line for the ratio of 
catalytic constants, k0 k0h-1, as a function of the rela-
tive microviscosity is 0.63 ± 0.072. In the absence of 
microviscogens, when the relative microviscosity of 

the solution is 1 by definition, the steady-state rate 
constant kpep = 35 ± 7 mM-1 s-1 and the catalytic 
constant k0 = 14 ± 1 s-1. 
 
 (C) Derive an expression for the slope of the line 

for k0 k0h-1 as a function of the relative micro-
viscosity based on the assumed kinetic mech-
anism and rate equation. Assume that 
k7 k7h-1 is equal to hrel (Equation 3-460) and 
that k6 is unaffected by the microviscosity of 
the solution.  

 (D) What are the values of Kd,pep,ATP, k6, and k7 in 
the assumed mechanism?  

 

Problem 3-40: Show that the mechanism in Equa-
tion 3-475 gives the rate equation 

 

where NPH is NADPH and H2F is dihydrofolate. 
 
 (A) Show how this rate equation requires hyper-

bolic behavior when v0 is measured as a 
function of [NPH]0 at a fixed concentration 
of dihydrofolate.  

 (B) If v0
-1 is plotted as a function of [NPH]0

-1 at 
several fixed concentrations of dihydrofolate, 
what should be observed if the enzymatic 
reaction has the kinetic mechanism of Equa-
tion 3-475?  

Transfer of Substrates among Active Sites 

In most reactions that occur sequentially within a 
metabolic pathway, the product of the preceding 
reaction in the pathway is released into the cyto-
plasm from the active site of one enzyme; it diffuses 
freely and randomly; and upon fortuitous collision, 
it associates with the active site on the next enzyme. 
There are, however, situations in which the active 
sites for two or more different, consecutive reac-
tions in a metabolic pathway are assembled into a 
multienzymatic complex. 
 
 In many multienzymatic complexes, substrates 
or portions of substrates are transferred as covalent 
adducts between active sites on the same multi-
enzymatic complex without being released into 
the cytoplasm as free solutes. 

E·MgATP  +  pep                         E·MgATP·pep

                   Æ  E·MgADP·Ppep

                                      E·MgATP  +  MgADP  +  Ppep

k 7

+ MgATP

k 6

K d,pep,ATP

v 0   =   
                                        [E]t[pep]0 

                      +                          [pep]0

k 6k 7

k 6 + k 7
(           ) k 6

K d,pep, ATP
(              )

(               )
  =  

k 0 k pep[E]t[pep]0

k 0 + k pep[pep]0

k 6k 7

k 6 + k 7

k 6

K d,pep, ATP

v0  =  

k 0 k NPH k H2F [E]t[NPH]0 
[H2F]0 

k 0 k NPH[NPH]0 + k 0 k H2F[H2F]0 + k NPH k H2F [NPH]0 
[H2F]0 
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 A family of small, independently folding, detach-
able domains1214,1215 is responsible for transferring 
either an N-carboxybiotinyl group 

 

or the corresponding uncarboxylated biotinyl group 
or an S8-acyldihydrolipoyl group 

 

 or the corresponding lipoyl group 

 

among the active sites of certain multienzymatic 
complexes. The N-carboxybiotinyl, biotinyl,1216 
S8-acyldihydrolipoyl, and lipoyl groups1217 are 
each covalently incorporated into their respective 
domains through an amide formed between their 
carboxy groups and nitrogen 6 of a lysine within 
the respective sequence of amino acids.* These 
domains, known as biotin carboxyl-carrier domains 
and lipoyl acyl-carrier domains, respectively, are 
all about 70 amino acids long, at the lower limit of 
the number of amino acids necessary to produce a 
stable folded globular structure in the absence of 
internal disulfides. Biotin carboxyl-carrier domains 
and lipoyl acyl-carrier domains are all evolutionarily 
related to each other (20-25% identity and less than 
1 gap percent) and have superposable structures 
composed of a core of six roughly parallel b strands 
and often, but not always, a couple of peripheral 
b strands.1214,1215,1218 The particular lysines to 
which the respective biotinyl groups or lipoyl 
groups are attached are at the same position in the 
respective sequences of amino acids when they are 
aligned with each other. 
 In the a2 homodimer of acetyl-CoA carboxylase 

                                     
*Note that the distal sulfur in each prosthetic group is six atoms 
from the amide and the acyl oxygen in each prosthetic group is 
10 atoms from the amide. 

  
                (3-482) 

from S. cerevisiae, the biotin carboxyl-carrier domain 
(BCCD) is located between positions 701 and 769 in 
the middle of the polypeptide (2233 aa) that folds to 
form each of the two identical subunits in the homo-
dimer.57 Acetyl-CoA carboxylase is a multienzymatic 
complex because each subunit contains two enzy-
matic domains. The active site of the amino-
terminal enzymatic domain in each subunit cata-
lyzes biotin carboxylase 

  
                (3-483) 

and the active site of the carboxy-terminal enzymatic 
domain in each subunit catalyzes acetyl-CoA carboxy-
transferase 

 
                (3-484) 

The biotin carboxyl-carrier domain, which is between 
these two enzymatic domains in the polypeptide, is 
responsible for transferring the carboxy group that 
is covalently attached to nitrogen 6 of biotin 
(3-130) from the active site of biotin carboxylase, 
where it is added to biotin, to the enolate of ace-
tyl-SCoA within the active site of acetyl-CoA carboxy-
transferase, where it is added to the enolate. 
 In the crystallographic molecular model of the 
complex between acetyl-CoA carboxylase from 
S. cerevisiae and coenzyme A (Figure 3-65),57 the 
active site for acetyl-CoA carboxytransferase could 
be located by inspection because it is occupied by 
both coenzyme A and the biotinyl group. In this active 
site, nitrogen 1 of the biotinyl group is 0.43 nm from 
the sulfur of coenzyme A, an appropriate distance 
for carboxylation of the enolate of an acetyl group, if 
it were on the sulfur of the coenzyme A, by a carboxy 
group, if it were on nitrogen 1 of the biotinyl group. 
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Figure 3-65: Stereodrawing576 of the crystallographic molecu-
lar model of one of the two subunits in the homodimer of the 
complex between acetyl-CoA carboxylase from S. cerevisiae 
and coenzyme A.57 The enzyme is a dimer of two folded poly-
peptides, each 2233 amino acids long. A number of disordered 
segments of polypeptide in the crystal account for gaps in the 
molecular model. The biotin carboxyl-carrier domain (center 
right in the drawing), the biotinyl group (BTN) attached to the 
biotinylated carboxyl-carrier domain through an amide to 
Lysine 735 (3-130), and the molecule of coenzyme A are drawn 
with thicker lines. The label BTN is adjacent to the bicyclic 
N,N A-dialkylurea of the biotin, and the label CoA is adjacent to 
the sulfanyl group of coenzyme A. Coenzyme A occupies the 
active site for acetyl-SCoA, and the biotinyl group is docked in 
this active site as well. Because it is in the middle of the sequence 

of amino acids for the polypeptide, the biotinylated carboxyl-
carrier domain is attached to the rest of the protein by two 
leashes. One is a short segment of extended polypeptide, within 
which are nine single bonds about which rotation of the poly-
peptide can occur. The other is a long stretch of polypeptide in 
which there is a disordered region between Proline 772 and 
Alanine 778 (dashed line in the center of the drawing) for which 
there is no electron density. The active site of biotin carboxylase 
(BC) was identified by superposing upon the enzymatic domain 
for biotin carboxylase the crystallographic molecular model of 
the ternary complex between MgADP- and biotin and the 
homologous (33% identity; 1.6 gap percent) biotin carboxylase 
from E. coli, which is a single enzyme and not part of a multi-
enzymatic complex. 
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 Although the domain in the crystallographic 
molecular model of acetyl-CoA carboxylase respon-
sible for catalyzing biotin carboxylase could be 
readily identified by comparison with other biotin 
carboxylases, the active site within this domain in 
the crystallographic molecular model was unoccupied 
by any ligand. Therefore, the active site for biotin 
carboxylase in this domain was located by super-
posing on it the crystallographic molecular model 
of biotin carboxylase from E. coli in which the active 
site was occupied by biotin and MgADP-. 
 The two active sites in the two enzymatic do-
mains of one subunit of acetyl-CoA carboxylase are 
8.0 nm apart. The biotinyl group is attached cova-
lently to the biotin carboxyl-carrier domain by a 
tether (3-130) that, if fully extended, as it essentially 
is in the crystallographic molecular model (Figure 
3-65), has a length of 1.4 nm. The biotin carboxyl-
carrier domain is attached covalently to the rest of 
the subunit at its amino-terminal end by an exten-
ded disordered segment of polypeptide with the 
sequence ENDP and at its carboxy-terminal end by 
a long disordered leash of polypeptide (dashed line 
in Figure 3-65) with the sequence DDPSKVKHALP-
FEGMLPDFGSPVIEGTK. Even though the two active 
sites are so far apart, it can be seen that the biotinyl 
group should be able to withdraw from the active 
site of acetyl-CoA carboxytransferase, the biotin 
carboxyl-carrier domain should be able to pivot on 
the amino-terminal connector while the long dis-
ordered carboxy-terminal connector winds around 
the pivot, and the biotinyl group should then be 
able to associate with the active site of biotin carbox-
ylase. In this instance, it has been concluded that the 
biotin in the biotinylated carboxyl-carrier domain 
moves back and forth between the two enzymatic 
domains on the same subunit in the homodimer. 
 Pyruvate carboxylase  

   
               (3-485) 

is also a multienzymatic complex. The two enzymatic 
domains on each subunit in the complex catalyze two 
reactions analogous to those catalyzed by acetyl-CoA 
carboxylase: biotin carboxylase (Equation 3-483) and 
pyruvate carboxytransferase 

  
               (3-486) 

Pyruvate carboxylase from Rhizobium etli is an 
a4 homotetramer, and each folded polypeptide 
contains an amino-terminal enzymatic domain for 
biotin carboxylase and an enzymatic domain in the 
middle of the polypeptide for pyruvate carboxy-
transferase. 
 Unlike the biotin carboxyl-carrier domain in 
acetyl-CoA carboxylase from S. cerevisiae, which is 
in the middle of its polypeptide, the biotin carboxyl-
carrier domain in pyruvate carboxylase from R. etli 
is at the carboxy-terminal end of its polypeptide. In 
the crystallographic molecular model,1219 each of 
the four biotinylated carboxyl-carrier domains in 
the rotationally symmetric a4 homotetramer is 
connected to the carboxy terminus of the rest of its 
folded polypeptide by a structureless leash of poly-
peptide with the sequence GATGAAVRRKAEPGNAA. 
 Unlike the biotinylated carboxyl-carrier domain 
in acetyl-CoA carboxylase, which transfers the carboxy 
group between two active sites on the same folded 
polypeptide in which the biotinylated carboxyl-carrier 
domain itself is located (Figure 3-65), a biotinylated 
carboxyl-carrier domain in pyruvate carboxylase 
on the end of a folded polypeptide in the homo-
tetramer transfers the carboxy group between the 
active site of biotin carboxylase on another folded 
polypeptide in the complex and the active site of 
pyruvate transcarboxylase on yet another of the 
folded polypeptides. These two active sites, one on 
the second subunit and the other on the third sub-
unit, are 6.5 nm apart, so the leash has to be long 
enough to accomplish this feat while remaining 
attached covalently to the first subunit. Because of 
the 222(D2) symmetry of the a4 homotetramer, 
there are four symmetrically distributed units of 
biotin carboxylase, pyruvate transcarboxylase, and 
biotinylated carboxyl-carrier domain in each mole-
cule of the enzyme even though the three domains 
are each in three different subunits. 
 The pyruvate dehydrogenase complex is respon-
sible for the overall reaction 

           
                (3-487) 
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a reaction central to metabolism that connects 
glycolysis with the citric acid cycle. The homotetra-
cosameric core of the complex from E. coli is a 
symmetric octahedral oligomeric protein1220 com-
posed of 24 identical, folded polypeptides 630 amino 
acids long arrayed around six twofold, four three-
fold, and three fourfold axes of symmetry.1221 
Consequently, the 24 subunits are symmetrically 
equivalent to each other. By taking advantage of 
the octahedral symmetry of the protein, a map of 
scattering density has been produced by recon-
structive summation of electron microscopic images 
of the protein embedded in amorphous ice at a 
resolution sufficient to insert the 24 polypeptides 
and construct a molecular model of this homo-
tetracosameric core.1222 
 The 316 amino-terminal amino acids in each of 
the 24 core polypeptides1223 comprise three lipoyl 
acyl-carrier domains, each homologous to a biotin 
carboxyl-carrier domain. As is the case with bioti-
nylated carboxyl-carrier domains, these lipoyl acyl-
carrier domains are around 70 amino acids long 
and folded into a globular structure.1224,1225 Because 
all three of the lipoyl acyl-carrier domains in each 
amino-terminal segment are homologous to each 
other, they are internally repeating domains. Because 
the three consecutive lipoyl acyl-carrier domains in 
each subunit of the pyruvate dehydrogenase complex 
are at the amino-terminal end of the polypeptide 
forming that subunit, the biotinylated carboxyl-
carrier domain in acetyl-CoA carboxylase is found 
in the middle of its polypeptide, and the biotinylated 
carboxyl-carrier domain in pyruvate carboxylase is 
found at the carboxy-terminal end of its polypep-
tide, these homologous domains are also evolu-
tionarily shifting domains.* 
 In the pyruvate dehydrogenase complex, the 
acyl group being transferred among the active sites 
by the lipoyl acyl-carrier domain is an acetyl group. 
Depending on its place in the catalytic cycle at a 
given instant, each lipoyl acyl-carrier domain on 
the homotetracosameric core contains a covalently 
attached lipoyl group (3-132), an S8-acetyldihydro-
lipoyl group (3-131),1217 or a dihydrolipoyl group 
(3-131 with the acetyl group replaced by a hydron) 
extending out from its surface the same length as 
the biotinyl group extends out from the surface in a 

                                     
*Evolutionarily shifting domains are domains that are homolo-
gous, either in amino acid sequence or because their crystallo-
graphic molecular models are superposable, and that appear at 
different locations in the polypeptides of apparently unrelated 
proteins. The inference is that natural selection caused them to 
be inserted adventitiously into already existing proteins. 

biotin carboxyl-carrier domain (Figure 3-65). Between 
the first and second internally repeating domains 
on each folded polypeptide in the pyruvate dehy-
drogenase complex from E. coli is the sequence 
ADGAADAAPAQAEEKKEAAPAAAPAAAAAKDVA; 
between the second and third internally repeating 
domains is the sequence GEAGAAAPAAKQEAAPAAA-
PAPAAG; and between the third internally repeating 
domain and the rest of the folded polypeptide is the 
sequence GAAPAAAPAKQEAAAPAPAAKAEAPAAAP-
AAKAEG. 
 The inescapable conclusion from an examination 
of their sequences alone, in particular considering 
the high fraction of alanines and prolines, is that 
each segment is completely disordered and acts as 
a flexible leash of random coil. Consequently, the 
three consecutive globular lipoyl acyl-carrier domains 
and their attached N6-(lipoyl)lysine form a flexible, 
triply jointed arm extending out from each of the 
24 protomers in the core.1226 The purpose of this 
flexibility is to permit each N6-(lipoyl)lysine on the 
arms to gain access consecutively to the three 
unique active sites in the multienzymatic complex. 
The individual leashes connecting the domains, if 
fully extended, are between 10 and 13 nm long, and 
when the arm is fully extended, it should cover a 
distance of about 40 nm. In the molecular model 
from electron microscopy, only the third of these 
three domains from each subunit, the one closest 
to the core, is present, presumably because the 
other two have been frozen in many different loca-
tions and orientations and are consequently absent 
from the reconstruction.1222 The lipoyl acyl-carrier 
domain closest to the core seems to assume only 
one orientation because its lipoyl lysine is inserted 
into the active site on its subunit and thereby fixed 
in location.  
 The pyruvate dehydrogenase complex from E. coli 
can be dissociated and resolved into three separate, 
discrete proteins: the core and two other proteins.1227 
Each protein carries an active site responsible for 
one of the three steps in the overall reaction cata-
lyzed by the complex (Equation 3-487). Each of the 
three separate enzymes is composed of copies of 
its own distinct folded polypeptide, and they are 
not connected covalently to each other, as are the 
enzymatic domains in acetyl-CoA carboxylase and 
pyruvate carboxylase, but associated noncovalently. 
The core forms the center of the complex. The other 
two proteins are attached through interfaces between 
them and the core in the intact complex, but when 
separated from the core, they are homodimers with 
the usual twofold rotational axes of symmetry relating 
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their respective subunits.1228,1229 Images of mole-
cules of the entire complex embedded in amorphous 
ice have also been submitted to reconstruction, but 
because of the size of the complex, the resulting 
molecular model is not of sufficient resolution to 
insert any of the constituent polypeptides. Never-
theless, large globular structures formed from the 
other two subunits situated on twofold rotational 
axes of the octahedral core can be observed in the 
molecular model.1222 
 Pyruvate dehydrogenase (acetyl-transferring)1229 

    
                (3-488) 

is a homodimeric protein (2 ¥ 887 aa) bound non-
covalently to the homotetracosameric core of the 
pyruvate dehydrogenase complex. Each identical 
and symmetrically arrayed active site of pyruvate 
dehydrogenase (acetyl-transferring) uses thiamine 
diphosphate as a prosthetic group to decarboxylate 
pyruvate, creating 2-(1-hydroxyethylidene)thiamine 
diphosphate (Figure 2-6), and then transfers the 
hydroxyethylidene group of the decarboxylated 
pyruvate (Figure 2-7) as an acetyl group to an 
N6-(lipoyl)lysine (3-132) on one of the lipoyl acyl-
carrier domains on one of the jointed, flexible arms 
that happens to be bound to its active site. 
 The flexible arm then swings around randomly 
until the resulting N6-(S-acetyldihydrolipoyl)lysine 
can associate with one of the 24 identical, symmetri-
cally arrayed active sites of dihydrolipoyllysine-residue 
acetyltransferase 

   
                (3-489) 

This enzyme is the homotetracosameric core itself, 
and the acetyl group arriving on the sulfanyl group 
in the dihydrolipoyl group of the lipoyl acyl-carrier 
domain is transferred by the active site to the sulfanyl 
group of coenzyme A. 
 The long flexible arm then swings around 
randomly until the N6-(dihydrolipoyl)lysine (3-131, 
with the acetyl group replaced by a hydron) on the 
lipoyl acyl-carrier domain that is the product of the 
second acetyl transfer can associate with one of the 

two identical, symmetrically displayed active sites 
of dihydrolipoyl dehydrogenase1228 

    
                (3-490) 

another dimeric protein (2 ¥ 474 aa) bound non-
covalently to the homotetracosameric core, and the 
N6-(dihydrolipoyl)lysine is oxidized to N6-(lipoyl)lysine 
(3-132). The long flexible arm then swings around 
randomly until the N6-(lipoyl)lysine that is the 
product of dehydrogenation can associate with an 
active site for pyruvate dehydrogenase (acetyl-
transferring) (Equation 3-488), and the cycle begins 
again. 
 In this description, the impression is left that 
the pyruvate dehydrogenase complex can be divided 
into 24 independent sectors, each of which is serviced 
by one of the 24 triply jointed arms and in which 
these cycles proceed in isolation, much as acetyl-CoA 
carboxylase seems to be divided into two independ-
ent sectors and pyruvate carboxylase can be divided 
into four independent sectors. It has been demon-
strated, however, that the arms on which the lipoyl 
acyl-carrier domains are situated are so long and 
so flexible that a significant fraction of the active 
sites within a given complex are chemically inter-
connected. 
 A set of pyruvate dehydrogenase complexes 
from E. coli, containing decreasing ratios of the 
active site for the first enzyme in the sequence, 
pyruvate dehydrogenase (acetyl-transferring), can 
be produced either by reconstituting the complex 
with less than stoichiometric amounts of this partic-
ular protein1230,1231 or by adding an inhibitor of 
such high affinity that it binds stoichiometrically to 
a portion of these active sites.1231 The overall enzy-
matic activity decreases in direct proportion to the 
loss of these active sites, and the rate at which 
N6-(lipoyl)lysine is acetylated by [2-14C]pyruvate in the 
absence of coenzyme A and NADH also decreases 
in direct proportion to the loss of these active sites 
(Figure 3-66).1232 All the N6-(lipoyl)lysines on the 
lipoyl acyl-carrier domains in the complex, however, 
still become acetylated in a simple first-order reaction 
(Figure 3-66), even when as few as five competent 
active sites for pyruvate dehydrogenase (acetyl-trans-
ferring) are present for every homotetracosameric 
core of dihydrolipoyllysine-residue acetyltransfer-
ase.1231 When, however, fewer than two competent  
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CO2  +  protein N 
6-(S-acetyldihydrolipoyl)lysine

protein N 
6-(S-acetyldihydrolipoyl)lysine
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Figure 3-66: Incorporation of [2-14C]pyruvate into a series of 
partly assembled pyruvate dehydrogenase complexes.1232 The 
pyruvate dehydrogenase complexes were reassembled from 
purified pyruvate decarboxylase and a purified form of the 
complex between dehydrolipoamide transacetylase and dihydro-
lipoyl dehydrogenase with a stoichiometry of 0.88 polypeptide 
of dehydrogenase for every polypeptide of transacetylase. Various 
ratios of these two purified proteins were mixed and allowed to 
reassemble, and the products were purified. This procedure 
produced complexes with 0.21 (ò), 0.39 (Í), 0.71 (◊), and 1.29 („) 
polypeptides of decarboxylase for every polypeptide of trans-
acetylase. The native protein (ˆ) has 1.24 polypeptides of decar-
boxylase for every polypeptide of transacetylase. Transfer of 
the acetyl moiety from [2-14C]pyruvate (18 mM) to the 
N6-(lipoyl)lysines of the transacetylase was monitored as a 
function of time at 0.7 mM thiamine diphosphate, 10 mM MgCl2, 
and 1.0 mM NAD+ at pH 7.0 and 25 ªC. The reaction was 
quenched at various times by mixing with trichloroacetic acid, 
and the radioactivity bound to protein was assayed. The com-
mon logarithm of the percent N6-(dihydrolipoyl)lysine not 
acetylated is presented as a function of time (seconds). Notice 
that the N6-(lipoyl)lysines became acetylated in each case in a 
simple first-order reaction. 
 
 
 
active sites for pyruvate dehydrogenase (acetyl-trans-
ferring) are present for every homotetracosameric 
core of dihydrolipoyllysine-residue acetyltransferase, 
the acetylation of N6-(lipoyl)lysines is incomplete, 
From the final levels of acetylation reached at these 
low molar ratios of active sites for pyruvate dehy-
drogenase (acetyl-transferring), it was concluded 
that each active site in these more incomplete 
complexes can accomplish the acetylation of only a 
third to a half of the N6-(lipoyl)lysines on the homo-
tetracosameric core.1230,1233 
 For steric reasons, a third to a half of the 72 
N6-(lipoyl)lysines on all 72 lipoyl acyl-carrier domains 
covalently attached to the homotetracosameric 

core are unable to associate with the same active 
site on a particular homodimer of pyruvate dehy-
drogenase (acetyl-transferring). In fact, in the molec-
ular model of the complex, because each globular 
structure containing dihydrolipoyl dehydrogenase 
and pyruvate dehydrogenase (acetyl-transferring) 
sits on one of the twofold axes,1222 each well removed 
from the others, the pyruvate dehydrogenase complex 
can be divided into 12 independent sectors. It must 
be the case that although the N6-(lipoyl)lysines on 
several lipoyl acyl-carrier domains can be acetylated 
in succession by the same active site of pyruvate 
dehydrogenase (acetyl-transferring), most of the 
distribution of acetyl groups over the surface of the 
homotetracosamer among the 24-36 N6-(lipoyl)-
lysines that can be eventually acetylated by a single 
active site results from rapid, uncatalyzed exchange 
of both sulfanyl groups and acetyl groups between 
sulfanyl groups 

 
                (3-491) 

 Therefore, acetyl groups are transferred not 
only among active sites in the complex but also 
among the N6-(dihydrolipoyl)lysines attached to 
the core of the complex. As a result, complexes that 
are missing up to 80% of their pyruvate dehydro-
genase (acetyl-transferring) subunits are still able 
to function efficiently. This rapid transfer of acetyl 
groups among all the N6-(dihydrolipoyl)lysines can 
still occur unabated in a deletion mutant in which 
the two amino-terminal lipoyl acyl-carrier domains 
have been removed, but shortening the leash that is 
rich in alanines and prolines between the remaining 
lipoyl acyl-carrier domain and the rest of the protein 
from 36 amino acids to fewer than 20 amino acids 
pulls the remaining lipoyl acyl-carrier domain into 
the central homotetracosamer and decreases its 
extent significantly.1234 
 An examination of Equation 3-491 leads to the 
conclusion that a pyruvate dehydrogenase com-
plex, which, for any reason, is deficient in function-
al active sites for dihydrolipoyl dehydrogenase, 
should be able to equilibrate dithio groups among 
all of its 72 lipoyl acyl-carrier domains just as it 
equilibrates acetyl groups. 

1 2 3 4 5 60
time  (s)

40

10

20

60

un
ac

et
yl

at
ed

 (d
ih

yd
ro

lip
oy

l)l
ys

in
e 

 (%
)

0

80
100

H3C

–S
S

S
S

O

S
S

S

O

S

S

S

O
S

S

S

O

–S
H3C

–S

H3C

–S

H3C

1 1 1



Association of Substrates with the Active Site 
 

932 

 The animal fatty-acid synthase system is a multi-
enzymatic complex that is an a2 homodimer, in 
which each of the two identical folded polypeptides 
contains six globular enzymatic domains and an 
acyl-carrier domain (ACD). The entire length of a 
constituent human polypeptide is 2511 amino acids. 
In prokaryotes and plants, the six enzymes that 
together accomplish the synthesis of fatty acids are 
six unassociated, separate proteins. The acyl-
carrier protein that carries the elongating fatty acyl 
group among them as they diffuse at random 
through the cytoplasm is also a small separate pro-
tein. Several of the six enzymatic domains and the 
acyl-carrier domain in animal fatty acid synthases 
are homologous in their sequences of amino acids 
to the respective proteins of plants and bacteria. All 
the enzymatic domains can be delineated in the 
complete sequences of amino acids for the multi-
enzymatic complexes from G. gallus and R. norveg-
icus by alignment of these two homologous sequences 
with those of the plant and bacterial enzymes and 
the position of peptides within these complete 
sequences that have been identified as participating 
in particular active sites of intact animal fatty-acid 
synthase systems.1235,1236 
 The six enzymatic domains of the animal fatty-
acid synthase system catalyze eight reactions1237 

      (3-492) 

 
                (3-493) 

 
                (3-494) 

                (3-495) 

 
                (3-496) 

 
                (3-497) 

 
                (3-498) 

 
                (3-499) 

where HSACD is a sulfanyl group on the phospho-
pantotheinyl group attached as a phosphodiester 
to a serine in the acyl-carrier domain and HSE is a 
sulfanyl group on a cysteine in the active site in the 
domain responsible for b-ketoacyl-[acyl-carrier-
protein] synthase I. 
 The first two reactions, [acyl-carrier-protein] 
S-acetyltransferase (acetyltransferase; Equation 3-492) 
and [acyl-carrier-protein] S-malonyltransferase (malo-
nyltransferase; Equation 3-493), are nucleophilic 
substitutions of the sulfanyl group of an acyl-
carrier domain in the enzyme for the sulfanyl group 
of coenzyme A at the respective acyl carbon. Both 
nucleophilic substitutions are catalyzed by the same 
active site in acyltransferase, one of the enzymatic 
domains. b-Ketoacyl-[acyl-carrier-protein] synthase I 
(oxoacyl synthase; sum of Equations 3-494 and 
3-495), is carried out by an active site on one of the 
other enzymatic domains. The final four reactions 
—3-oxoacyl-[acyl-carrier-protein] reductase (oxoacyl 
reductase; Equation 3-496), 3-hydroxyacyl-[acyl-
carrier-protein] dehydratase (hydroxyacyl dehydra-
tase; Equation 3-497), enoyl-[acyl-carrier-protein] 
reductase (NADPH, Re-specific) (enoyl reductase; 
Equation 3-498), and oleoyl-[acyl-carrier-protein] 
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hydrolase (oleoyl hydrolase; Equation 3-499)—are 
each carried out by one of the other four enzymatic 
domains in the intact enzyme. The acyl-carrier 
domain is responsible for carrying the elongating 
fatty acyl group among the active sites on four of 
the six enzymatic domains, those catalyzing the 
reactions of Equations 3-494 through 3-498. When 
the elongating fatty acid is the proper length, oleoyl 
hydrolase hydrolyzes it from the sulfanyl on the acyl-
carrier domain, and it dissociates into the cytoplasm 
as a fatty acid. 
 The acyl-carrier domains, although the same 
size as the biotinylated carboxyl-carrier domains 
and the lipoyl acyl-carrier domains, are unrelated 
to them.* They are instead globular, independently 
folding, detachable domains that are composed of 
only a helixes, with no b structure. Each of the two 
small, globular acyl-carrier domains (70 aa) in an 
animal fatty-acid synthase system1238,1239 sits between 
the five amino-terminal enzymatic domains and a 
sixth carboxy-terminal enzymatic domain in the 
sequence of amino acids for each of the two poly-
peptides that constitute the homodimeric multien-
zymatic complex.1237 Consequently, each acyl-
carrier domain is in theory attached to the protein 
by two strands of polypeptide, just as is the biotin 
carboxyl-carrier domain in acetyl-CoA carboxylase 
(Figure 3-65). It turns out, however, that the carboxy-
terminal enzymatic domain, which is oleoyl hydro-
lase (Equation 3-499) responsible for only the final 
step in the synthesis of a fatty acid, is not associat-
ed with the large structure formed from the five 
amino-terminal enzymatic domains (Figure 
3-67).1240 Instead it is a free-floating globular do-
main1241,1242 attached to the carboxy terminus of 
the acyl-carrier domain by a long flexible strand of 
polypeptide 25 amino acids long. 
 The portion of the fatty-acid synthase system 
resolved in the crystallographic molecular model of 
the porcine enzyme is formed from the two sets of 
five amino-terminal enzymatic domains from the two 
identical folded polypeptides of the a2 homodimer. 
In this resolved portion of the complete homodimer, 
there are two identical, symmetrically arrayed open 
bays on either side of the complete protein that are 
each formed by and surrounded by two peninsulas 
(Figure 3-67).1240 The upper peninsula in the drawing 
is formed of three globular enzymatic domains 
from the carboxy-terminal 1699 amino acids of the 

                                     
*It is possible that these unrelated domains are the same size 
because natural selection has pared them both down to the 
minimum size for the folding of a polypeptide. 

resolved portion of one folded polypeptide in the 
homodimer. The lower peninsula is formed of two 
globular enzymatic domains from the amino-
terminal 414 amino acids of the resolved portion of 
the other folded polypeptide in the homodimer. 
 The acyl-carrier domain is carboxy-terminal to 
the fifth enzymatic domain, which is the domain 
responsible for oxoacyl reductase (OR). It is in the 
same folded polypeptide chain as this enzymatic 
domain, and it is attached to this fifth domain by a 
leash (LSH in Figure 3-67) The leash contains no 
hydrophobic amino acids that would be necessary 
for it to have any stable structure. Consequently, it 
is a flexible, protean, random coil. The leash in the 
porcine fatty-acid synthase system, –KKAAAPRDGSS–, 
if fully extended, would be around 4 nm long. The 
carboxy-terminal serine of the leash is attached to 
the acyl-carrier domain on the side opposite the 
phosphopantotheinyl group, and the point of con-
nection is 1.7 nm from that sulfanyl group. These 
dimensions give the sulfanyl group a range of 
5.7 nm from its point of attachment. 
 The flexibility of the leash permits the acyl-
carrier domain to wander randomly around the 
open bay, in a manner similar to the biotinylated 
carboxyl-carrier domain wandering back and forth 
between the two domains in acetyl-CoA carboxylase 
(Figure 3-65). It picks up an acetyl group at the 
active site on acyl transferase (AT) that catalyzes 
both acetyltransferase and malonyltransferase; swings 
over to the active site of oxoacyl synthase (OS) and 
drops off that acetyl group on a sulfanyl group in 
its active site; swings back to the active site of the 
former enzymatic domain to pick up a malonyl 
group; swings back over to the active site of oxoacyl 
synthase, which condenses that malonyl group with 
the acetyl group, or in later cycles an elongating fatty 
acid, on the sulfanyl group in its the active site. The 
3-oxoacyl group from the condensation ends up on 
the sulfanyl group of the acyl-carrier domain, 
which then swings from there to the active sites for 
oxoacyl reductase (OR), hydroxyacyl dehydratase 
(DH), and enoyl reductase (ER) before swinging 
back to the active site for oxoacyl synthase to deposit 
the longer fatty acyl group on the same sulfanyl 
group in its active site. When the fatty acyl group 
becomes the proper length, its transfer to the sulfanyl 
group in the active site of oxoacyl synthase slows 
down so dramatically1243 that the freely floating, 
carboxy-terminal oleoyl hydrolase (Equation 3-499)  
 



Association of Substrates with the Active Site 
 

934 

 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 3-67: Stereodrawing576 of the crystallographic molecular 
model of enzymatic domains of the porcine fatty-acid synthase 
system that form two peninsulas surrounding and creating the 
open bay around the shoreline of which the acyl-carrier domain 
ferries the elongating fatty acyl group from active site to active 
site.1240 The enzyme is a dimer of two folded polypeptides, 
each 2512 amino acids long. Because, however, the acyl-carrier 
domain and the enzymatic domain catalyzing oleoyl hydro-
lase, which are attached to the carboxy terminus of the fifth 
enzymatic domain from the amino terminus, are on intentionally 
flexible leashes, their locations fluctuate dramatically within 
the crystal and no electron density is observed for either. Con-
sequently, the folded polypeptide in the crystallographic molec-
ular model ends at Glutamate 2113 even though the remaining 
399 amino acids are present. The flexible leash, on the end of 
which is the acyl-carrier domain, is attached at this location in 
the model, designated as LSH. The leash is about 4 nm long, 
and the scale provided to the right is that length. The two folded 

polypeptides that comprise the dimer in the crystallographic 
molecular model are arrayed around a twofold rotational axis 
of pseudosymmetry. The relation of the two folded polypep-
tides is pseudosymmetric because there is a flexible neck con-
necting the upper peninsula in the drawing to the lower penin-
peninsula. This neck is composed of a single strand from each 
of the two folded polypeptides. There is also a flexible link 
between the two enzymatic domains on the lower peninsula. 
Consequently, when the entire molecule crystallizes, the rota-
tional axis is bent at the neck by crystal packing. The axis of 
pseudosymmetry is vertical and on the left-hand edge of the 
drawing. Only one half of the entire crystallographic molecular 
model is drawn. The active sites for acyltransferase (AT), oxoacyl 
synthase (OS), oxoacyl reductase (OR), hydroxyacyl dehydratase 
(DH), and enoyl reductase (ER) are labeled. The upper peninsula 
of the bay is formed from three compact enzymatic domains 
(ER, OR, and DH), and the lower penninsula is formed from 
two compact enzymatic domains (OS and AT). 
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on the longer leash has the time to find it and hydro-
lyze it from the acyl-carrier domain to give the fatty 
acid that is the product of the sequence of conden-
sations and reductions. 
 Unlike the biotinylated carboxyl-carrier domain, 
which is clearly resolved in the crystallographic 
molecular model of acetyl-CoA carboxylase from 
S. cerevisiae (Figure 3-65) because its biotinyl 
group is firmly associated with the active site of the 
acetyl-CoA carboxytransferase, neither the acyl-
carrier protein domain nor the enzymatic domain 
that catalyzes oleoyl hydrolase is resolved in the 
crystallographic molecular model of the porcine 
fatty-acid synthase system. The panthotheinyl groups 
on the acyl-carrier domains in the crystal, in the 
absence of the active production of fatty acids, 
must not associate with any active site, and they 
are wandering aimlessly around in their respective 
bays in the molecules of enzyme in the crystal. 
 In one molecular model produced from recon-
structive summation of electron microscopic images 
of the fatty-acid synthase system from S. cerevisiae, 
separate features of scattering density of the proper 
size for its acyl-carrier domain are observed in the 
immediate vicinity of the active sites for acyl trans-
ferase, oxoacyl synthase, oxoacyl reductase, and enoyl 
reductase. The scattering densities observed are 
consistent with the unacylated acyl-carrier domain in 
this enzyme, in the absence of reactants, spending 
30%, 30%, 10%, and 30% of its time associated with 
the respective active site.1244 In another molecular 
model, however, also produced from reconstructive 
summation of electron microscopic images of the 
fatty-acid synthase system from S. cerevisiae, the 
acyl-carrier domain can be resolved, and it is asso-
ciated with the active site of acyl transferase.1245 In 
a crystallographic molecular model of the same 
enzyme, the acyl-carrier domain is also resolved but 
not associated with any of the active sites.1246 The 
fatty-acid synthase system from S. cerevisiae is an 
a6b6 heterododecamer in which six ab heterodimers 
are arranged with 322(D3) symmetry, and the order 
in which the different active sites are arranged 
around each of the six bays in the molecule differs 
from their order in the mammalian fatty-acid syn-
thase system. 
 Unlike a biotinylated carboxyl-carrier domain, a 
lipoyl acyl-carrier domain, or an acyl-carrier domain, 
the small, globular phosphoryl-carrier domain 
(99 aa) in pyruvate, phosphate dikinase (Problem 
3-13) 

 
                (3-500) 

from C. symbiosum, which transfers a phospho 
group between the two active sites on its two respec-
tive enzymatic domains, is not on a leash of flexible 
polypeptide or on a flexible, jointed arm. It performs 
the transfer by rotating 100ª back and forth around 
a fixed axis that lies between two adjacent strands 
of extended, flexible polypeptide connecting the 
phosphoryl-carrier domain to two enzymatic domains 
(340 aa), one amino-terminal and one carboxy-
terminal to it.1247-1249 These two strands act as a 
stationary spindle on which the phosphoryl-
carrier domain revolves. The imidazolyl group of 
the histidine that is to carry the phospho group 
between the two enzymatic domains is phosphory-
lated by phosphoenolpyruvate at the active site in 
the carboxy-terminal enzymatic domain  

 
                (3-501) 

and the phospho group on the imidazolyl group 
rides on the surface of the rotor to the active site in 
the amino-terminal enzymatic domain where it is 
phosphorylated by magnesium diphosphate 

 
                (3-502) 

and then transfers the resulting magnesium diphos-
pho group1250 from the imidazolyl group of the his-
tidine to AMP2- to form MgATP2-  
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                (3-503) 

where Ad is an adenosyl group. 
 Methionine synthase from E. coli is an a2 homo-
dimer composed of two polypeptides 1226 amino 
acids long. The two globular cob(I)alamin methyl-
carrier domains (235 aa) in each folded polypeptide 
contain the cob(I)alamin that in turn transfers a 
methyl group among three larger, globular enzymatic 
domains (325, 261, and 324 aa). Each cob(I)alamin 
methyl-carrier domain is located between the second 
and third domains in the sequence of amino acids 
for the complete polypeptide. In this instance, unlike 
biotinylated carboxyl-carrier domains, lipoyl acyl-
carrier domains, or acyl-carrier domains, which are 
flexibly anchored domains attached to larger 
globular structures, the two cob(I)alamin methyl-
carrier domains in the homodimer of methionine 
synthase can be considered the core of the structure 
because the only interface holding the two intact 
folded polypeptides together to form the homodimer 
is between these two methyl-carrier domains. As 
such, these two domains together form a relatively 
large, compact dimeric globular structure. Within 
the interface in this globular structure between these 
two identical cob(I)alamin methyl-carrier domains 
is a twofold rotational axis of symmetry relating only 
these two domains.1251 
 The three enzymatic domains of methionine 
synthase, listed from the amino terminus of each 
folded polypeptide to its carboxy terminus, catalyze 
the respective reactions 

    
                (3-504) 

   
                (3-505) 

   
                (3-506) 

where Co(III) is methyl cob(III)alamin, Co(I) is 
cob(I)alamin, and Co(II) is cob(II)alamin. The first 
two reactions sustain the overall chain reaction 
synthesizing ¬-methionine from ¬-homocysteine 
and 5-methyltetrahydrofolate, and the third reaction 
performs the housekeeping that repropagates the 
chain when it has been terminated adventitiously 
by the oxidation of the cob(I)alamin. 
 The two enzymatic domains catalyzing transfer 
of the methyl group from methyl cob(III)alamin to 
¬-homocysteine (Equation 3-504) and transfer of 
the methyl group from 5-methyltetrahydrofolate to 
cob(I)alamin (Equation 3-505) are composed of the 
amino-terminal 616 amino acids of each polypep-
tide in the multienzymatic complex. They are asso-
ciated with each other by an asymmetric inter-
domain interface and together form a compact 
globular structure.1252 The globular enzymatic domain 
catalyzing transfer of the methyl group from 
S-adenosyl-¬-methionine to cob(II)alamin (Equa-
tion 3-506) is composed of the carboxy-terminal 
324 amino acids.1253 These three domains are not 
associated with their twins in the other half of the 
homodimer, and they freely diffuse at random 
while attached to the dimeric cob(I)alamin methyl-
carrier domain. 
 Each amino-terminal enzymatic domain is con-
nected to one of the domains in the central, sym-
metric homodimeric cob(I)alamin methyl-carrier 
domain by a leash that is a random coil with the 
sequence EDVILNRRDDGTERLLELAEKYRGSKTDD-
TANAQQAEWRSWEVNK. These two leashes emerge 
from the dimeric central globular domain, com-
posed of two cobalamin-carrier domains with the 
two cobalamins on opposite sides of its surface. 
The active sites in the two amino-terminal domains 
are 5.0 nm apart.1252 Nevertheless, each leash is 
long enough to permit the active site in the amino-
terminal domain responsible for the nucleophilic 
substitution in Equation 3-504 to associate with 
methylcob(III)alamin in a cobalamin methyl-carrier 
domain and transfer a methyl group between methyl-
cob(III)alamin and ¬-homocysteine (previously Equa-
tion 2–353) 
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(3-507) 

Each leash is also long enough to permit the active 
site in the amino-terminal domain responsible for 
the nucleophilic substitution in Equation 3-505 to 
associate with cob(I)alamin in a cobalamin methyl-
carrier domain and transfer a methyl group between 
5-methyltetrahydofolate and cob(I)alamin (previously 
Equation 2–356) 

         
                (3-508) 

 Each carboxy-terminal enzymatic domain that 
catalyzes the regeneration of cob(I)alamin is attached 
to the central homodimeric cobalamin methyl-
carrier domain by a shorter leash with the sequence 
KKPRTPP. These two leashes emerge from the central 
homodimeric domain at locations on its surface 
that are immediately adjacent to each other. When 
the leashes are constricted artificially by mutationally 
inserting a disulfide into them1253 or by mutating 
the histidine that provides the axial ligand to the 
cobalamin,1255 the carboxy-terminal domain forms 
a stable complex between its active site and the cobal-
amin in the cobalamin methyl-carrier domain to 
which it is attached, a consquence that hinders the 
overall reaction. 
 The leash between the globular structure con-
taining the two amino-terminal enzymatic domains 
and the central cobalamin methyl-carrier domain 
is so long and so flexible, and the two are so loosely 
attached to each other, that each cobalamin in the 

central homodimeric domain probably services at 
random all four active sites in the two identical 
amino-terminal globular structures that are unat-
tached to each other and flail independently of 
each other. The leash is also long enough, however, 
and contains enough bonds about which free rota-
tion can occur that the amino-terminal globular 
domain containing the two respective active sites 
can be considered a free agent that is just as likely 
to associate with cobalamins on other homodimers 
of methionine synthase as with cobalamins on the 
molecule of protein in which it happens to be locat-
ed, with little distinction between intramolecular 
association and intermolecular association. 
 The possibility that the transfer of methyl 
groups among the active sites on the amino-
terminal enzymatic domains of methionine syn-
thase is intermolecular rather than intramolecular 
has been examined by using site-directed mutation 
to cleave the multienzymatic complex at the Ala-
nines 649 in the middle of the two long leashes 
between the amino-terminal enzymatic domains 
and the central homodimeric cobalamin methyl-
transfer domain. When the resulting monomeric 
globular portion containing the two enzymatic 
domains is mixed in equimolar proportion with the 
dimeric portion containing the two cob(I)alamin 
methyl-carrier domains, the observed initial rates 
of methionine synthesis at 37 ªC and saturating 
concentrations of ¬-homocysteine and 5-methyl-
tetrahydrofolate are, as might be expected from a 
bimolecular reaction, directly proportional to the 
square of the common molar concentration of the 
two halves from 30 to 300 nM.1256 Over the same 
range of concentrations for the intact enzyme, the 
initial rates are directly proportional to only the 
concentration of enzyme.* The catalytic constant for 
the two halves at equimolar concentrations of 270 nM 
is 11 s-1 while that for the intact enzyme1257,1258 is 
30 s-1 at all concentrations in the same range. These 
two observations rule out significant rates of inter-
molecular transfer of the methyl group by the 
cobalamin methyl-transfer domain for the intact 
enzyme at concentrations less than 200 nM. If, 
however, the concentration of intact enzyme is 
greater than 1 mM, because the initial rates of the 
mixture of the dissociated halves increase as the 
square of their common concentration, most of the 
methyl transfer by the cobalamin methyl-transfer 
domain among the enzymatic domains for the in-
tact enzyme must occur intermolecularly. 

                                     
*Rowena Matthews, personal communication. 
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 It has already been noted that, when a tRNA 
ligase is aminoacylating the correct tRNA with the 
correct amino acid, the complex between the tRNA 
ligase and the transfer RNA, two macromolecules of 
similar dimensions, is held together by an extensive 
interface that includes both the anticodon stem at 
one end of the transfer RNA and the unpaired nucleo-
tides at the 3¢ end of the transfer RNA in the acceptor 
stem at the other end.1011,1050,1052,1259,1260 These 
unpaired nucleotides protruding from the acceptor 
stem must associate with the active site for the 
aminoacylation catalyzed by the enzyme in such a 
way that the 3¢-hydroxy group at the 3¢ end if the 
transfer RNA can be aminoacylated. In a sense, 
although the complex is transient, while it is in 
existence, it is similar to an intact macromolecule 
composed of two subunits, the transfer RNA and 
the ligase. It has also been noted that, to ensure 
that the correct amino acid has been aminoacylated, 
the active site for aminoacylation is as specific as 
possible, but the accuracy of the aminoacylation is 
often double-checked by editing at another active 
site within the enzyme that hydrolyzes any misac-
ylated 3¢-hydroxy group at the 3¢ end before the 
complex dissociates. Consequently, transfer of the 
aminoacylated 3¢-hydroxy group of the transfer 
RNA between the site for aminoacylation and the 
site for editing is an example of the transfer of a cova-
lent intermediate between two active sites. 
 In the crystallographic molecular model of the 
complex between tRNAIle and isoleucine—tRNA 
ligase from S. aureus, the unpaired ACCA at the 
3¢ end of the transfer RNA is located in the site for 
editing,1260 the selectivity of which has also already 
been discussed. The active site for editing and the 
active site for aminoacylation are 3.4 nm apart, but 
the space between them is a bay empty of protein 
and filled with water, similar to the bay in fatty acid 
synthase (Figure 3-67) but much smaller. In the 
crystallographic molecular model of the complex 
between glutamine—tRNA ligase from E. coli and 
tRNAGln, the 3¢-hydroxy group of the transfer RNA 
is inserted into the active site for aminoacylation 
rather than the site for editing.1259 By comparing 
the two structures, it can be seen how the com-
pletely flexible, single-stranded tail at the 3¢ end of 
the acceptor stem of a tRNA can swing from the 
active site for aminoacylation to the active site for 
hydrolytic editing, easily spanning the 3.4 nm between 
them,1260 just as the small carrier domains attached 
to multienzymatic complexes swing among active 
sites. 
 

 Most multienzymatic complexes do not trans-
fer a substrate or a portion of a substrate between 
their active sites in the form of a covalent adduct, 
as do acetyl-CoA carboxylase, pyruvate carbox-
ylase, pyruvate dehydrogenase complex, animal 
fatty-acid synthase system, pyruvate, phosphate 
dikinase, and methionine synthase. In these other 
multienzymatic complexes, the substrate or sub-
strates transferred between the series of active sites 
responsible for the sequential reactions catalyzed 
by the multienzymatic complex are freely diffusing, 
independent molecules. In each multienzymatic 
complex, the intermediate substrates are the 
products of the reactions catalyzed by each active site 
in the complex except the last one in the sequence, 
the initial reactants are the reactants that enter the 
active site for the first reaction in the sequence, and the 
final products are the products that dissociate from 
the active site for the last reaction in the sequence. 
 In many of these multienzymatic complexes, if 
not most of them, even though all the active sites 
for the complete overall reaction resulting from the 
sequence of individual reactions are on the same 
molecule of protein, the intermediate substrates 
are not transferred preferentially between active 
sites in the same complex but instead are transferred 
by free diffusion through the solution between active 
sites that are usually on different molecules of the 
same multienzymatic complex. When an inter-
mediate substrate dissociates into the solution 
from the active site catalyzing one of the reactions 
in the sequence of reactions for which the multi-
enzymatic complex is responsible, it is immediately 
in free diffusion and has no obligation to associate 
with the active site catalyzing the next reaction in 
the sequence on the same molecule of the multi-
enzymatic complex from which it just dissociated. 
Consequently, there is no catalytic advantage in 
such circumstances to having the enzymatic domains 
attached together in the same multienzymatic 
complex. The active sites in these cases are gathered 
into the multienzymatic complex to coordinate the 
biosynthesis of the proteins at the level of expres-
sion of the protein, not for the purpose of catalytic 
cooperation. 
 Chorismate mutase–prephenate dehydratase 
from E. coli is a multienzymatic complex catalyzing 
two sequential reactions in the biosynthetic path-
way for phenylalanine: the reaction catalyzed by 
chorismate mutase (previously Equation 3-402) 

      (3-509) 
chorismate  1  prephenate
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and the reaction catalyzed by prephenate dehydra-
tase 

      
                (3-510) 

These two reactions are catalyzed by two distinct 
active sites1261 in enzymatic domains that are on 
the same folded polypeptide.1262,1263 Prephenate, 
the intermediate substrate, is the exclusive product 

Figure 3-68: Changes in the concentrations of substrates with 
time in solutions containing E. coli chorismate mutase–prephen-
ate dehydratase.1261 (A) Chorismate mutase–prephenate dehy-
dratase was mixed with 1.5 mM chorismate at pH 7.5 and 
37 ªC. At the noted times (in minutes), samples were removed 
and assayed for chorismate (ˆ), prephenate (2), and phenyl-
pyruvate (fi). The three smooth curves are for theoretical func-
tions derived from the kinetic constants (Km and V) for the two 
active sites and from the assumption that all products and reac-
tants dissociate into the solution and associate from the solution. 
Any preferential intramolecular channeling between active 
sites on the same protein would have caused the observed 
concentrations of prephenate to be less than the theoretical 
function. (B) Chorismate mutase–prephenate dehydratase was 
mixed under the same conditions with 1.76 mM [U-14C]choris-
mate (12,000 cpm mmol-1) and 1.0 mM prephenate, and the 
concentrations of the three substrates, disregarding the radio-
activity, were again monitored as a function of time. The 
curves are calculated with the same assumptions and the same 
functions as were used for the curves in Panel A. (C) In each 
sample from the experiment in Panel B, the percent of the total 
carbon-14 radioactivity in phenylpyruvate was determined as a 
function of time (minutes), disregarding the total molar concen-
tration of phenylpyruvate. The solid line represents the predictions 
of the functions used in Panels A and B that were derived on 
the assumption that no channeling occurs. The dashed line is 
for a function derived on the assumption that prephenate is 
completely channeled between the active sites. 
 
 
 
 
of the first reaction and the exclusive reactant in 
the second reaction. The progress of the overall 
reaction can be followed by assaying for the con-
centrations of chorismate, prephenate, and phenyl-
pyruvate as a function of time (Figure 3-68A).1261 
As the reaction progresses, the concentration of 
prephenate in the solution increases, reaches a 
maximum, and declines as all the substrates are 
converted to phenylpyruvate. The important ques-
tion is whether all the prephenate passes through 
the solution in going from an active site catalyzing 
the first reaction to an active site catalyzing the se-
cond or if some of it is transferred intramolecularly 
between the active sites on the same molecule of 
enzyme without leaving it.  
 One way to answer the question of whether or not 
chorismate mutase–prephenate dehydratase transfers 
prephenate intramolecularly between its two active 
sites is to evaluate the behavior of the concentra-
tions of the reactant chorismate, the intermediate 
substrate prephenate, and the final product phenyl-
pyruvate as a function of time after adding enzyme 
to a solution of chorismate (Figure 3-68A). The fact 
that the intermediate substrate appears in solution, 
builds to a maximum, and then declines indicates 
that at least a portion of the prephenate passes 
through the solution. Both the fact that the concen-
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tration of the final product shows a distinct lag 
and the fact that the amount of prephenate observed 
as a function of time is that predicted from the values 
of kchorismate and k0 for chorismate mutase and the 
values of kprephenate and k0 for prephenate dehydratase 
(smooth curve in Figure 3-68A) suggest that most if 
not all the prephenate passes through the solution. 
 Such a kinetic argument is often used to rule 
out intramolecular transfer.1264-1267 Another approach 
is to examine the effect of adding the intermediate 
substrate on the kinetics (Figure 3-68B). Finally, 
when [14C]chorismate and nonradioactive prephenate 
were mixed with the enzyme and the production of 
[14C]phenylpyruvate was monitored (Figure 3-68C), 
the production of [14C]phenylpyruvate followed the 
calculated curve (solid line in Figure 3-68C) expected 
if all the prephenate produced at the active site of 
chorismate mutase had to pass through the solution 
to reach the active site of prephenate dehydratase. 
If all the prephenate produced at the first active site 
had been transferred to the second active site with-
out leaving the enzyme, the production of [14C]phenyl-
pyruvate would have begun at a steady rate 
(dashed line in Figure 3-68C). If, however, all the 
[14C]prephenate enters the solution before it enters 
the second active site, it should be diluted by the 
nonradioactive prephenate, and there should be a 
lag in its production as [14C]prephenate builds up, as 
was observed. 
 Suppose that there are two mutants of a multi-
enzymatic complex, one in which the active site for 
the first reaction it catalyzes is inactive and one in 
which the active site for the second reaction is inac-
tive. If these two mutants are mixed in equimolar 
concentration and the conversion of reactants of 
the first reaction into products of the second reac-
tion occurs at the same rate as the rate observed 
with the same molar concentration of unmutated 
multienzymatic complex, it can be concluded that 
intramolecular transfer is not required for the reac-
tions to proceed. 
 For example, there is a multienzymatic complex 
in the cytoplasm of H. influenzae that has two enzy-
matic domains: one with an active site catalyzing 
ribitol-5-phosphate 2-dehydrogenase (NADP+) 

       
                (3-511) 

and the other with an active site catalyzing ∂-ribitol-
5-phosphate cytidylyltransferase 

(3-512) 

A mutant of the multienzymatic complex in which 
Lysine 386 has been mutated to an alanine in the 
active site for the former reaction lacks significant 
activity for the dehydrogenase but has normal 
activity for the cytidyltransferase, and a mutant in 
which Arginine 18 has been mutated to an alanine 
in the active site for the latter reaction lacks signifi-
cant activity for the cytidylyltransferase but has 
normal activity for the dehydrogenase. When 
equimolar amounts of the two mutants are mixed 
together,1267 the catalytic constant for the overall 
reaction, based on the molar concentration of un-
mutated active sites, is 6 s-1 while the catalytic con-
stant for the unmutated intact multienzymatic 
complex, based on the molar concentration of active 
sites, is 12 s-1. If the intermediate ∂-ribitol 5-phos-
phate were being transferred only intramolecularly 
between active sites on the same molecule of the 
multienzymatic complex, the mixture of mutants 
should have no enzymatic activity because the 
reactant for the second reaction produced by the 
former mutant could not be transformed into the 
product for the second reaction by the latter mutant. 
 Another way to test whether or not an inter-
mediate is being transferred intramolecularly between 
active sites is to add the active site for the second 
reaction to a solution of the intact multienzymatic 
complex while it is catalyzing the overall reaction. 
Either a mutant that is unable to catalyze the first 
reaction but can catalyze the second or a fragment 
of the multienzymatic complex containing only the 
intact active site for the second reaction can be 
used. If either protein lacking the first active site is 
added to the solution and formation of the prod-
ucts of the second reaction increases in rate and 
the lag in the rate of their formation (see Fig-
ure 3-68) decreases, then intramolecular transfer 
cannot be a necessary step in the reaction. 
 For example, there is a multienzymatic complex 
from E. coli that contains an enzymatic domain cata-
lyzing glucosamine-1-phosphate N-acetyltransferase 
and an enzymatic domain catalyzing UDP-N-acetyl-
glucosamine diphosphorylase. This multienzymatic 
complex catalyzes the overall reaction that equili-
brates MgUTP2-, acetyl-SCoA, and ∂-glucosamine 
1-phosphate with MgUDP-, diphosphate, HSCoA, 
and UDP-N-acetyl-a-∂-glucosamine. When an 
amino-terminal fragment of the multienzymatic 
complex, containing only the active site for UDP-

∂-ribulose 5-phosphate  +  NADPH  +  H 
+

               1  ∂-ribitol 5-phosphate  +  NADP 
+

∂-ribitol 5-phosphate  +  MgCTP 
2–

          1  MgOPO3PO3
2–  +  CDP-ribitol
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N-acetylglucosamine diphosphorylase, is added (to a 
final concentration of 1 mM) to a solution containing 
0.013 mM intact multienzymatic complex, the cata-
lytic constant for production of diphosphate from 
MgUTP2-, acetyl-SCoA, and ∂-glucosamine 1-phos-
phate increases1268 from 16 to 44 s-1. In this exper-
iment, the choice of the reactants has made the 
reaction catalyzed by UDP-N-acetylglucosamine 
diphosphorylase the second reaction in the sequence. 
 There are enzymes that catalyze several succes-
sive reactions at the same active site rather than at 
several different active sites. These enzymes convert 
a reactant into a product through one or more inter-
mediate substrates. One example of such an enzyme 
would be aristolochene synthase (Figure 3-48), in 
which (-)-germacrene A is a tightly held intermedi-
ate substrate. The same criteria can be used to decide 
whether or not the intermediate substrates in such 
a sequence of reactions dissociate from the lone active 
site. 
 For example, human aromatase contains a 
heme P450 that converts androst-4-ene-3,17-dione 
into estrone in three successive hydroxylations using 
successive oxoiron(IV) porphyrins· + formed at the 
same heme from three successive molecules of 
oxygen. The two intermediates in the reaction, pro-
duced by the first two successive, individual hydrox-
ylations, are 19-hydroxyandrost-4-ene-3,17-dione 
and 19-oxoandrost-4-ene-3,17-dione, respectively. 
In this instance, the question is whether the inter-
mediates remain bound on the active site or are 
released into the solution and then bound again at 
the same or another active site for the next hydrox-
ylation. Because the concentrations of the two 
intermediate substrates build up and then decrease 
at levels predicted for their complete dissociation from 
and reassociation with the active sites between each 
successive reaction (see Figure 3-68A) and because 
the addition of either nonradioactive intermediate 
dramatically decreases the yield of [1,2,6,7-3H4]estrone 
produced from [1,2,6,7-3H4]androst-4-ene-3,17-dione, 
it was concluded that the intermediate substrates 
freely dissociate and reassociate with the active 
sites in the solution between successive hydroxyla-
tions rather than remaining in the same active site 
for all three hydroxylations,1269 unlike the situation 
with (-)-germacrene A in the active site of aristo-
lochene synthase. 
 
 There are many multienzymatic complexes, 
albeit probably the minority, in which intermedi-
ate substrates are channeled within the protein 
between active sites in the complex. A molecule of 

a multienzymatic complex channels an intermedi-
ate substrate between two of its active sites if that 
substrate passes between them intramolecularly 
through the molecule of the enzyme without disso-
ciating into the solution and without being cova-
lently attached to the protein. As mentioned 
previously, intermediate substrates cannot be 
channeled if they dissociate from any of the active 
sites in the complex into the solution. 
 Cavities or tunnels that connect separate active 
sites are usually observed in crystallographic mo-
lecular models of multienzymatic complexes for 
which evidence of the channeling of an intermediate 
substrate has been presented. A cavity or a tunnel 
can connect active sites on two or more separate 
enzymatic domains in the same folded polypeptide 
or on two or more separate subunits, each a differ-
ent folded polypeptide. As in the case of tunnels 
leading from solution into a single active site, these 
tunnels connecting active sites can be traced by fill-
ing them with atoms of xenon (Figure 3-69).1270-1272 
Usually, however, they are identified as cavities or 
long tunnels, filled with water or apparently empty, 
running through the crystallographic molecular 
model of the protein. 
 It should be kept in mind, however, that crystal-
lography is always unable to determine whether or 
not an intermediate substrate actually does pass 
through a tunnel that is observed. Consequently, 
kinetic observations, such as the ones described for 
multienzymatic complexes that do not channel 
their intermediate substrates, are always essential 
to conclude that an intermediate substrate is chan-
neled. Several different kinds of observations have 
been used as evidence that an intermediate substrate 
actually is channeled by a multienzymatic complex 
between two of its active sites. 
 A characteristic feature of a multienzymatic 
complex that is unable to channel intermediate 
substrates between its active sites is a pronounced 
lag in the production of the final product in the 
sequence (Figure 3-68A). This lag results from the 
requirement that the intermediate substrate—in the 
case of chorismate mutase–prephenate dehydratase, 
the prephenate—must accumulate in the solution 
to a concentration high enough to sustain a steady-
state rate for production of the final product—in 
the case of chorismate mutase–prephenate dehy-
dratase, the phenylpyruvate. The lack of a lag in the 
production of a final product from the initial reac-
tants can be used as evidence that the intermediate 
substrates do not have to accumulate in the solution  
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Figure 3-69: Stereodrawing576 of the tunnel connecting the active 
sites for anaerobic carbon monoxide dehydrogenase (Equation 
3-521) and CO-methylating acetyl-CoA synthase (Equation 
3-522) in the multienzymatic complex from M. thermo-
acetica.1271 The enzyme was purified from a homogenate of 
bacterial cells under strictly anaerobic conditions.1270 Crystals 
were grown from a solution of 200 mM calcium acetate and 
20% glycerol at pH 7 with poly(ethylene glycol) as a precipi-
tant, again under anaerobic conditions.1272 The crystals were 
exposed to 14 atm of xenon gas for 60 s, and then a data set was 
collected to Bragg spacing of 0.25 nm. In the resulting map of 
electron density, nine electron-dense xenon atoms (131 electrons) 
could be observed in the center of an ab heteromonomer of 
the symmetric (ab)2 homodimer, distributed within a tunnel 
connecting the active site for anaerobic carbon monoxide dehy-
drogenase, which was identified by its [4Fe-4S-Ni] cluster 
(3-133), and the active site for CO-methylating acetyl-CoA 
synthase, which was identified by its dinuclear cluster of a 

nickel ion and a copper ion. The two active sites are located in 
the two different subunits, a and b, of the ab heteromonomer. 
The nine xenon atoms (represented by open circles) serve to 
trace the rather tortuous tunnel. The [4Fe-4S-Ni] cluster is 
drawn in space-filling representation in the lower half of the 
drawing, and the dinuclear cluster of a nickel ion and a copper 
ion is also drawn in space-filling representation in the upper 
half of the drawing. The CO is produced at the active site of the 
dehydrogenase and then travels up through the tunnel to the 
active site of the synthase, where it is turned into acetyl-SCoA. 
Side chains of the amino acids are included in the upper subunit, 
which contains the active site for CO-methylating acetyl-CoA 
synthase, to delineate more clearly the wall of the tunnel in this 
location, but side chains are not included in the lower subunit, 
which contains the active site for anaerobic carbon monoxide 
dehydrogenase, because they obscured the tunnel through this 
subunit. 
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because they are channeled within the molecule of 
each multienzymatic complex from one active site 
to the other intramolecularly.1273-1278 
 For example, a multienzymatic complex from 
Bradyrhizobium japonicum is an a4 homotetramer, 
with each subunit composed of a single folded poly-
peptide that contains two enzymatic domains.1262,1263 
One enzymatic domain has an active site for proline 
dehydrogenase 

   
                (3-513) 

and the other has an active site for glutamate- 
5-semialdehyde dehydrogenase 

  
                (3-514) 

The intermediate substrate (S)-1-pyrroline-5-carboxy-
late hydrolyzes rapidly and spontaneously to the 
intermediate substrate ¬-glutamate 5-semialdehyde 
during its transfer. The overall reaction catalyzed is 
a four-electron oxidation of ¬-proline to ¬-glutamate 
using a quinone and NAD+ as the two respective 
two-electron oxidants. The production of ¬-glutamate 
from ¬-proline, ubiquinone, and NAD+ by the multi-
enzymatic complex commences with only a short 
lag of less than 15 s (upper solid line in Fig-
ure 3-70).1279,1280 
 That the short lag observed is not the result of 
a requirement for ¬-glutamate 5-semialdehyde to 
accumulate in the solution could be shown by per-
forming an identical assay to which the same molar 
amounts of two mutants of the complex were added 
in place of the unmutated complex. The active site 
for proline dehydrogenase had been inactivated in 
one of the mutants and the active site for glutamate-
5-semialdehyde dehydrogenase had been inactivated 
in the other so that the intermediate substrate 
¬-glutamate 5-semialdehyde was required to pass 
through the solution from an active site for proline 
dehydrogenase to the active site for glutamate-
5-semialdehyde dehydrogenase. In this case, a 
much longer lag was observed (◊ in Figure 3-70), 
which could be explained quantitatively as a require-
ment for the accumulation of ¬-glutamate 5-semi-
aldehyde in the solution (lower solid line in Fig-
ure 3-70). Following the lag, the steady-state rate of 

this reaction (dashed line in Figure 3-70) catalyzed 
by the two mutants working in concert was the 
same as that for the unmutated multienzymatic 
complex. This fact suggests that once adequate con-
centrations of ¬-glutamate 5-semialdehyde have 
accumulated at these concentrations of the active 
sites, the rate of the overall reaction is determined 
not by steps that involve ¬-glutamate 5-semialde-
hyde in solution associating with the active site for 
glutamate-5-semialdehyde dehydrogenase but by the 
rates of steps common to both intramolecular and 
intermolecular reactions. 
 In the crystallographic molecular model of this 
multienzymatic complex in which the site for NAD+ 
is occupied,1279 there is a large cavity surrounded 
almost completely by protein within each of the 
four subunits. The cavity is filled with disordered 
molecules of water. The flavin adenine dinucleotide 
in the active site of proline dehydrogenase is exposed 
at one end of the cavity, and the NAD+ in the active 
site of glutamate-5-semialdehyde dehydrogenase is 
exposed at the other end of this cavity. It seems rea-
sonable to assume that a molecule of (S)-1-pyrroline-
5-carboxylate, which is produced by the oxidized 
flavin from a molecule of ¬-proline, dissociates from 
that active site into the cavity and is hydrolyzed to 
¬-glutamate 5-semialdehyde while trapped in the 
cavity. The resulting ¬-glutamate 5-semialdehyde is 
then oxidized by the NAD+ to ¬-glutamate at the 
other end of the cavity before it can escape into the 
solution. In this way, the intermediate ¬-glutamate 
5-semialdehyde is channeled from one active site 
to the other within the same molecule of the multi-
enzymatic complex. There are two small openings 
to the solution in the walls of the cavity through 
which the reactants ¬-proline, ubiquinone, and 
NAD+ must enter the cavity and through which the 
products ¬-glutamate, ubiquinol, and NADH must 
exit the cavity.* In addition to the absence of a 
lag, no intermediate substrate in the sequence of 
reactions catalyzed by a multienzymatic complex 
accumulates to levels predicted by the steady-state 
  

                                     
*When the multienzymatic complex for proline dehydrogenase 
and glutamate-5-semialdehyde dehydrogenase, in which the 
flavin is oxidized, is mixed with ¬-proline and NAD+, so that only 
one turnover can occur, the rate at which NADH is produced 
has no lag (<1 s).1280 Consequently, the short lag observed in 
the steady-state assay (Figure 3-70) is a delay required to estab-
lish a steady-state rate of flavin oxidation rather than to establish 
a steady-state rate for the hydrolysis of (S)-1-pyrroline-5-carboxy-
late to ¬-glutamate 5-semialdehyde or the diffusion of either of 
these intermediate substrates through the cavity between the 
active sites. 

¬-proline  +  ubiquinone  +  H+  1
               (S)-1-pyrroline-5-carboxylate  +  ubiquinol

¬-glutamate 5-semialdehyde  +  NAD 
+  +  H2O

                      1  ¬-glutamate  +  NADH  +  2 H 
+
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Figure 3-70: Channeling between active sites in the multien-
zymatic complex from B. japonicum that converts ¬-proline 
into ¬-glutamate in the sequential reactions catalyzed by the 
active sites for proline dehydrogenase and glutamate-
5-semialdehyde dehydrogenase, respectively.1279 The intact 
multienzymatic complex (0.2 nmol) was assayed at 23 ªC in 
25 mM NaCl, 10 mM MgCl2, and 50 mM potassium phosphate 
at pH 7.5, by following continuously at 340 nm the production 
of NADH as ¬-proline (40 mM) is oxidized to ¬-glutamate by 
the two sequential two-electron oxidations. The first oxidation, 
at the first active site, is with the oxidant ubiquinone (0.1 mM), 
and the second oxidation, at the second active site, is with the 
oxidant NAD+ (0.2 mM). The concentration of NADH produced 
during the second reaction as the assay progressed (upper solid 
line) is plotted as a function of time (minutes). Identical assays 
were performed with 0.2 nmol of each of two monofunctional 
mutants of the multienzymatic complex rather than 0.2 nmol 
of the native multienzymatic complex. The mutant in which 
Arginine 456 is converted to a methionine has undetectable 
activity for proline dehydrogenase but has the same specificity 
constant for ¬-glutamate 5-semialdehyde and catalytic constant 
for glutamate-5-semialdehyde dehydrogenase as the intact 
multienzymatic complex. The mutant in which Cysteine 792 is 
converted to an alanine has the same specificity constant for 
proline and catalytic constant for proline dehydrogenase as the 
intact multienzymatic complex but undetectable activity for 
glutamate-5-semialdehyde dehydrogenase. The concentration 
of NADH (◊) produced in the same two sequential reactions by 
this equimolar mixture of mutants is plotted as a function of 
time (minutes). The solid line through these points is a function 
calculated from the catalytic constants and the specificity 
constants for each site under two assumptions: first, that the 
(S)-1-pyrroline-5-carboxylate produced by an active site for 
proline dehydrogenase dissociates from that active site into 
the solution and rapidly hydrolyzes to ¬-glutamate 5-semialde-
hyde, and second, that the ¬-glutamate 5-semialdehyde freely 
diffusing through the solution associates with an active site of 
glutamate-5-semialdehyde dehydrogenase and is converted 
into ¬-glutamate. The reduction of NAD+ increases in rate as 
the concentration of ¬-glutamate 5-semialdehyde builds up in 
the solution to reach eventually a linear, steady-state rate 
(dashed asymptote). 
 
 
 
 

rate constants of the individual active sites (as does 
prephenate in Figure 3-68A). This lack of accumu-
lation of the intermediate substrates in the solu-
tion is evidence for channeling of the intermediate 
substrates.1277,1278,1281 For example, a porcine multi-
enzymatic complex is an a8 homooctamer,1282 with 
each subunit composed of a single folded polypep-
tide that contains enzymatic domains for glutamate 
formimidoyltransferase 

                (3-515) 

and formimidoyltetrahydrofolate cyclodeaminase 

   
                (3-516) 

The fact that no 5-formimidoyltetrahydropteroyl-
pentaglutamate accumulates in the solution when 
the porcine multienzymatic complex converts tetra-
hydropteroylpentaglutamate and N-formimidoyl-
¬-glutamate into 5,10-methenyltetrahydropteroyl-
pentaglutamate, ¬-glutamate, and ammonia has 
been presented as evidence that the sole intermediate 
substrate, 5-formimidoyltetrahydropteroylpenta-
glutamate, is channeled between the two active 
sites.1277,1278 
 In the two multienzymatic complexes just dis-
cussed, the two active sites are on two enzymatic 
domains of a single folded polypeptide. There are 
also examples of intramolecular channeling of an 
intermediate substrate between two active sites 
within a noncovalent complex between two sepa-
rate enzymes, each composed of its own folded 
polypeptide with its own active site that catalyzes 
only one of the two sequential metabolic reactions. 
In fact, there are a number of organisms in which 
separate proteins catalyze proline dehydrogenase 
(Equation 3-513) and glutamate-5-semialdehyde 
dehydrogenase (Equation 3-514) rather than a single 
folded polypeptide containing two enzymatic do-
mains responsible for each reaction. For example, in 
T. thermophilus there are two independent enzymes, 
each homologous (26%, 4.2 gap percent and 33%, 
1.9 gap percent) to the respective enzymatic domains 
in the multienzymatic complex of B. japonicum. 
These two independent enzymes form a noncova-
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lent complex with a dissociation constant of 3 mM, 
and steady-state measurements of the conversion 
of ¬-proline to ¬-glutamate are consistent with intra-
molecular channeling of the intermediate substrates 
(S)-1-pyrroline-5-carboxylate and ¬-glutamate 5-semi-
aldehyde within this noncovalent complex,1283 just 
as they are channeled in the multienzymatic complex 
from B. japonicum.  
 There is a multienzymatic complex that has 
active sites for acetaldehyde dehydrogenase (acety-
lating) 

     
                (3-517) 

and 4-hydroxy-2-oxovalerate aldolase 

  
                (3-518) 

Together these active sites convert acetyl-SCoA, 
NADH, and pyruvate to NAD+, coenzyme A, and 
(S)-4-hydroxy-2-oxopentanoate, as well as convert-
ing (S)-4-hydroxy-2-oxopentanoate, coenzyme A, 
and NAD+ to pyruvate, NADH, and acetyl-SCoA. 
The multienzymatic complex in bacteria is a 
ba2b heterotetramer. In crystallographic molecular 
models of the heterotetramers from Pseudomonas1284 
and M. tuberculosis,1285 the two active sites for 
4-hydroxy-2-oxovalerate aldolase are symmetrically 
displayed at the two ends of a rotationally symmetric 
a2 homodimer that forms the core of the complex, 
and the two monomeric b subunits, each of which 
contains an active site for acetaldehyde dehydro-
genase (acetylating), are noncovalently and sym-
metrically associated at the two ends of the central 
a2 homodimer. Running between each active site 
on an a2 dimer for 4-hydroxy-2-oxovalerate aldolase 
and an active site for acetaldehyde dehydrogenase 
(acetylating) on the adjacent b subunit is a tunnel. 
A number of observations support the conclusion 
that, in the multienzymatic complex for 4-hydroxy-
2-oxovalerate aldolase and acetaldehyde dehydro-
genase (acetylating) from Paraburkholderia xeno-
vorans, which is homologous (54% identity; 0.6 gap 
percent) to that from Pseudomonas, the sole inter-
mediate substrate for the sequential reactions, acetal-
dehyde, diffuses back and forth through this tunnel 
between the active sites at its two ends.1286 This 
arrangement makes sense because acetaldehyde is 

a reactive molecule from which the cytoplasm 
should be protected. 
 In the case of two independent enzymes, amido-
phosphoribosyltransferase and phosphoribosyl-
amine—glycine ligase, from E. coli, the intermediate 
substrate, 5-phospho-b-∂-ribosylamine, is the product 
of the first enzymatic reaction that is used as a 
reactant in the second. The half life of 5-phospho-
b-∂-ribosylamine under the conditions in the cyto-
plasm of the bacterium is only 5 s, a fact that seems 
to demand channeling. In a solution containing 
both enzymes, the rate of production of the final 
product, N1-(5-phospho-∂-ribosyl)glycinamide, from 
the initial reactants chosen for the experiment, 
¬-glutamine and 5-phospho-a-∂-ribose 1-diphos-
phate, occurs without a lag. The small amount of 
5-phospho-b-∂-ribosylamine accumulated in the 
solution was significantly less than the amount 
necessary to explain the rate of the overall reac-
tion.1273 Both results are consistent with intra-
molecular channeling within a complex of the two 
enzymes, but no complex of the two could be ob-
served under any circumstances. The results suggest 
that a transient complex forms during the enzymatic 
reaction to permit what seems to be a required 
channeling. In this instance, the intermediate sub-
strate, 5-phospho-b-∂-ribosylamine, is not harmful, 
but its hydrolysis is wasteful. 
 In addition to the lack of a lag in production of 
the ultimate product of a set of sequential reactions 
catalyzed by a multienzymatic complex and the 
lack of significant accumulation of intermediate 
substrates, the lack of competition between two 
different intermediate substrates is also evidence 
that channeling is involved in the mechanism. 
When a multienzymatic complex is able to turn two 
different reactants into two different products, the 
opportunity arises of using the two respective inter-
mediate substrates to compete with each other for 
the second active site in the sequence of reactions. 
 For example, the multienzymatic complex for 
4-hydroxy-2-oxovalerate aldolase and acetaldehyde 
dehydrogenase (acetylating) from P. xenovorans, in 
addition to being able to turn (S)-4-hydroxy-
2-oxopentanoate into pyruvate and acetyl-SCoA 
(sum of Equations 3-518 and 3-517), is also able to 
turn (S)-4-hydroxy-2-oxohexanoate into pyruvate 
and propionyl-SCoA. With the former reactant, acet-
aldehyde is the intermediate substrate, and with 
the latter reactant, propionaldehyde is the inter-
mediate substrate. When the reaction mixture con-
tained the multienzymatic complex and 0.1 mM 
(S)-4-hydroxy-2-oxopentanoate and 1 mM propion-

acetyl-SCoA  +  NADH  +  H 
+

             1  acetaldehyde  +  NAD 
+  +  HSCoA

acetaldehyde  +  pyruvate  1
                           (S)-4-hydroxy-2-oxopentanoate



Association of Substrates with the Active Site 
 

946 

aldehyde, in addition to coenzyme A and NAD+, 
95% of the product was acetyl-SCoA. When the 
reaction mixture contained 0.1 mM (S)-4-hydroxy-
2-oxohexanoate and 1 mM acetaldehyde, 99% of 
the product was propionyl-SCoA.1286 Clearly, the 
particular product of the active site for 4-hydroxy-
2-oxovalerate aldolase, acetaldehyde in the former 
instance or propionaldehyde in the latter instance, 
is preferentially converted by the active site of acet-
aldehyde dehydrogenase (acetylating) into the 
respective acyl-SCoA. The best explanation for this 
observation is that the respective intermediate sub-
strate is transferred through the tunnel observed 
crystallographically from one active site to the next 
while the alternative intermediate substrate in the 
solution, propionaldehyde or acetaldehyde, respec-
tively, is almost entirely excluded from the tunnel 
and the active site for acetaldehyde dehydrogenase 
(acetylating). 
 It is also possible to conclude that channeling 
occurs by examining the effect of a later reaction in 
the sequence on the first reaction in the sequence. 
For example, for the multienzymatic complex for 
4-hydroxy-2-oxovalerate aldolase and acetaldehyde 
dehydrogenase (acetylating) from P. xenovorans, 
the rate for the production of pyruvate, which nor-
mally dissociates into the solution from the active site 
for 4-hydroxy-2-oxovalerate aldolase (Equation 3-518) 
while the acetaldehyde is channeled, increases by a 
factor of 15 when NAD+ and coenzyme A are added 
to an assay containing only (S)-4-hydroxy-2-oxo-
pentanoate.1286 The explanation for this observed 
increase in rate is that when NAD+ and coenzyme 
A, the substrates for acetaldehyde dehydrogenase 
(acetylating), are missing, the acetaldehyde pro-
duced by the active site of 4-hydroxy-2-oxovalerate 
aldolase from (S)-4-hydroxy-2-oxopentanoate 
(Equation 3-518) piles up in the tunnel and, as a 
product, inhibits the turnover of the aldolase, so 
the rate-limiting step in the enzymatic reaction 
becomes the rate at which acetaldehyde leaks from 
the tunnel into the solution. Again, this result is 
consistent with the tunnel being quite effective at 
containing the acetaldehyde. 
 The channeling efficiency for an intermediate 
substrate or substrates being channeled through 
one of these cavities or tunnels among the active 
sites is the percentage of the initial reactant that is 
converted to the final product intramolecularly 
within the same multienzymatic complex relative 
to the total amount of initial reactant converted to 
final product both intramolecularly, by passing 
from one active site to the next within a molecule of 

the complex, and intermolecularly, by passing 
through the solution between active sites on different 
molecules of the complex.  
 The channeling efficiency for acetaldehyde 
through the tunnel in the multienzymatic complex 
from P. xenovorans has been assessed.1287 In the 
presence of only acetyl-SCoA, pyruvate, and NADH, 
the reactants acetyl-SCoA and pyruvate are con-
verted in one direction to (S)-4-hydroxy-2-oxopentan-
oate (sum of Equations 3-517 and 3-518). During 
this conversion, those molecules of acetaldehyde 
that are transferred intramolecularly through the 
tunnel between the two active sites never enter the 
solution because they are occluded from it by the 
tunnel. Those molecules of acetaldehyde, however, 
that leak out of the tunnel in one molecule of the 
multienzymatic complex enter the solution and, 
because they are free solutes, can be converted to 
ethanol by alcohol dehydrogenase 

         (3-519) 

from S. cerevisiae that has been added to the solution.  
 The initial rates observed in the two assays can 
be used to estimate the efficiency of channeling. 
The initial rate at which NADH is oxidized in the 
presence of the multienzymatic complex, pyruvate, 
and acetyl-SCoA and in the absence of alcohol 
dehydrogenase is a measure of the total amount of 
acetyl-SCoA converted to acetaldehyde at the active 
site for acetaldehyde dehydrogenase (acetylating) 
(Equation 3-517), the first step in the overall se-
quence. The initial rate at which NADH is oxidized 
in the presence of both the multienzymatic complex 
and alcohol dehydrogenase is a measure of that 
same rate of conversion of acetyl-SCoA to acetal-
dehyde in the active site for acetaldehyde dehydro-
genase (acetylating) plus the rate at which acetal-
dehyde leaks into the solution and is immediately 
reduced by NADH to ethanol at the active site of 
alcohol dehydrogenase. The channeling rate is the 
difference between the initial rate at which acetal-
dehyde is produced from acetyl-SCoA at the active 
site of acetaldehyde dehydrogenase (acetylating) 
and the initial rate at which acetaldehyde leaks out 
of the multienzymatic complex and is converted to 
ethanol. The channeling efficiency is the channeling 
rate divided by the total rate at which acetaldehyde 
is produced. In this instance, the channeling efficiency 
was 84%. 

acetaldehyde  +  NADH  +  H 
+

                            1  ethanol  +  NAD 
+
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 The channeling efficiency in the reverse reac-
tion has been estimated for the multienzymatic 
complex from P. xenovorans and the homologous 
(52% identity; 0.6 gap percent) multienzymatic 
complex from T. thermophilus.1288 The assay con-
tained (S)-4-hydroxy-2-oxopentanoate, coenzyme A, 
and NAD+ in the presence of aldehyde dehydro-
genase (NAD) 

    
                (3-520) 

from S. cerevisiae to convert any acetaldehyde leaking 
into the solution to acetic acid by oxidizing it with 
the NAD+ already in the solution. Under these con-
ditions, the initial rate at which acetaldehyde is 
produced from (S)-4-hydroxy-2-oxopentanoate at 
the active site of 4-hydroxy-2-oxovalerate aldolase 
(Equation 3-518) is the initial rate at which NAD+ is 
oxidized in the presence of both the multienzymatic 
complex and aldehyde dehydrogenase (NAD) 
(Equation 3-517) because the acetaldehyde either 
passes through the tunnel and is converted to ace-
tyl-SCoA at the active site for acetaldehyde dehy-
drogenase (acetylating) or leaks out of the multi-
enzymatic complex into the solution and is converted 
to acetate. The initial rate at which the final product, 
acetyl-SCoA, was produced in the same assay was 
assessed by measuring acetyl-SCoA in the solution 
at the completion of the assay. The quotient between 
the initial rate for production of acetyl-SCoA and 
the initial rate for reduction of NAD+ is the channeling 
efficiency. For the reverse reactions catalyzed by the 
multienzymatic complexes from P. xenovorans and 
T. thermophilus, the channeling efficiencies were 
95% and 94%, respectively. 
 In the measurements of channeling efficiency 
for the multienzymatic complex of acetaldehyde 
dehydrogenase (acetylating) and 4-hydroxy-2-oxo-
valerate aldolase, alcohol dehydrogenase and alde-
hyde dehydrogenase (NAD) were used as scavengers 
for acetaldehyde. The lack of an effect of a scavenger 
for the intermediate substrate on the rate of the 
overall reaction catalyzed by a multienzymatic com-
plex is consistent with channeling of the intermediate 
substrate out of contact with the solution. For 
example, a multienzymatic complex from Moorella 
thermoacetica has active sites catalyzing, respec-
tively, anaerobic carbon monoxide dehydrogenase 

          
                (3-521) 

and CO-methylating acetyl-CoA synthase 

 
                (3-522) 

Each active site is on a different subunit in the multi-
enzymatic complex,1289,1290 and they are far apart from 
each other. Carbon monoxide is the intermediate 
substrate in this sequence of consecutive reactions. 
When hemoglobin, which binds CO tightly, is added 
to the solution, there is no decrease in the rate at 
which acetyl-SCoA is produced from CO2.1274  
 Another observation consistent with channeling 
of an intermediate substrate is the lack of isotopic 
dilution. If the addition of unlabeled intermediate 
substrate to the solution has little or no effect on 
the rate of incorporation of radioactive atoms from 
an initial reactant into a final product, when those 
radioactive atoms are confined to the portion of the 
initial reactant that produces the intermediate sub-
strate, this lack of isotopic dilution from the solution 
is consistent with channeling of the intermediate 
substrate.1291-1293 For example, unlabeled CO in 
solution has no effect on the rate at which carbon-14 
from [14C]CO2 is incorporated into acetyl-SCoA by 
the multienzymatic complex from M. thermoacetica 
(Equations 3-521 and 3-522) or on the specific radio-
activity of that acetyl-SCoA.1292 This observation is 
consistent with an inability of CO to penetrate the 
tunnel. 
 Both the effect of the scavenger and the lack of 
isotopic dilution are consistent with transfer of CO 
from one active site to the other within the multi-
enzymatic complex from M. thermoacetica rather 
than through the solution. The active site of anaer-
obic carbon monoxide dehydrogenase contains a 
[4Fe-4S-Ni] iron–sulfur–nickel cluster (previously 
2-143) 

acetaldehyde  +  NAD 
+  +  H2O

                    1  acetate ion  +  NADH  +  2 H 
+

CO2  +  2 H+  +  2 ferredoxinred  1
                              2 ferredoxinox  +  H2O  +  CO

CO  +  methylcorrinoid protein  +  HSCoA  1
                       corrinoid protein  +  acetyl-SCoA  +  H+
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and the active site for CO-methylating acetyl-CoA 
synthase contains a dinuclear cluster of a copper 
ion and a nickel ion. Consequently, the two active 
sites are readily identified in a crystallographic 
molecular model. In the crystallographic molecular 
model of the multienzymatic complex,1294 there is a 
tunnel 7.0 nm long that has been traced with xenon 
(Figure 3-69),1271 through which it is believed that 
CO, produced from CO2 in the active site of anaer-
obic carbon monoxide dehydrogenase, passes to 
the active site of CO-methylating acetyl-CoA synthase. 
The tunnel can be seen to wind its way through the 
center of the protein and also passes from one sub-
unit to the other across the interface between them. 
 If the rate at which the final products are pro-
duced from the initial reactants for the first active 
site is considerably faster than the rate at which 
they are produced from the intermediate substrate 
when it is free in solution, this preference for the 
intermediate substrate produced at the first active 
site is consistent with channeling of the intermediate 
substrate.1274,1284 
 Tryptophan synthase is another multienzymatic 
complex in which the intermediate substrate does 
not have to enter the solution to be transferred 
between its two active sites. Tryptophan synthase 
is an ab2a heterotetramer.717 The intact hetero-
tetramer catalyzes the reaction 

     
                (3-523) 

The isolated a subunit has an active site that cata-
lyzes indole-3-glycerol-phosphate lyase (previously 
Equation 1-156)1295 

 
                (3-524) 

and the isolated b2 homodimer has an active site 
that catalyzes tryptophan synthase (indole-
salvaging) (previously Equation 2-20)1295 

     
                (3-525) 

 In the crystallographic molecular model of the 
ab2a heterotetramer from S. typhimurium,717 the 
two monomeric a subunits are noncovalently and 
symmetrically associated, one at each end of the 
central, rotationally symmetric b2 homodimer, in 
the same arrangement as the ba2b heterotetramer 
of the multienzymatic complex for acetaldehyde 
dehydrogenase (acetylating) and 4-hydroxy-2-oxo-
valerate aldolase. In the crystallographic molecular 
model of the intact multienzymatic complex, the 
active site for indole-3-glycerol-phosphate lyase 
(Equation 3-524) has been located on the a subunit 
by soaking crystals in a solution of the competitive 
inhibitor 3-(indol-3-yl)propanol phosphate, and the 
active site for tryptophan synthase (indole-salvaging) 
(Equation 3-525) has been located on the b subunits 
by locating the pyridoxal phosphates present in the 
enzyme as prosthetic groups. The distance in the 
crystallographic molecular model between an active 
site on an a subunit and the closest active site on a 
b2 homodimer is 2.5-3.0 nm. 
 

Fe

Fe

Ni

Fe

Fe

CN–

OH–

3 –133

CO2

CysCys

Lys

His

His

Cys
Cys

Asp

1-C-(indol-3-yl)glycerol 3-phosphate  +

         ¬-serine  1  ¬-tryptophan  +
                  ∂-glyceraldehyde 3-phosphate  +  H2O

N
H

OO

OPO3
2–

O

OPO3
2–

O

H

N
H

H
:

:

1 +
H

H

H

H

(1S,2R)-1-C-(indol-3-yl)glycerol
                                   3-phosphate indole

D-glyceraldehyde
               3-phosphate

¬-serine  +  indole  1  H2O  +  ¬-tryptophan



Transfer of Substrates among Active Sites  
 

949 

 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 3-71: Stereodrawing576 of one of the tunnels connecting 
the active sites for indole-3-glycerol-phosphate lyase (Equa-
tion 3-524) and tryptophan synthase (indole-salvaging) (Equa-
tion 3-525) in multimeric tryptophan synthase complex from 
S. typhimurium.1296 Black atoms are carbons, white atoms are 
oxygens, small gray atoms are nitrogens, and large light gray 
atoms are sulfurs. The crystallographic molecular model from 
which the drawing was made is for crystals of the conformation 
that tryptophan synthase assumes in the presence of K+, which 
should be the conformation that exists in the cytoplasm. Indole 
is released at the active site for indole-3-glycerol-phosphate 
lyase, and the location at which it is released has been located 
in the a subunit in the crystallographic molecular model of the 
complex between tryptophan synthase and the inhibitor 
3-(indol-3-yl)propanol phosphate.717 A molecule of indole 

(white atoms and white bonds at the top of the tunnel) has 
been drawn occupying the location of the indolyl group in that 
model. At the bottom of the tunnel is the pyridoxal phosphate 
(gray atoms and gray bonds that can be located by its phospho 
group) occupying the active site for tryptophan synthase (indole-
salvaging) in the b subunit of the model of the potassium confor-
mation from which the rest of the drawing is made. The indole 
has to slide under a proline at the top of the tunnel and also 
has to push aside the side chain of a leucine near the top. From 
there on, the tunnel is open, leading straight to the pyridoxal 
phosphate. The active site for indole-3-glycerol-phosphate lyase 
is in the a subunit at the interface with the b subunit, and most 
of the tunnel passes from the interface through the middle of 
the b subunit. 
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 In the crystallographic molecular model, two 
symmetrically arrayed tunnels pass through the 
protein. Each tunnel is 2.5 nm long and connects 
the active site for indole-3-glycerol-phosphate lyase 
on an a subunit with an active site for tryptophan 
synthase (indole-salvaging) on a b subunit (Figure 
3-71).717,1296 Each tunnel is enclosed along its 
length on all sides by protein and is wide enough 
to permit molecules of the intermediate substrate 
indole to pass through. These tunnels are much 
shorter and straighter than the tunnel in the multi-
enzymatic complex for anaerobic carbon monoxide 
dehydrogenase and CO-methylating acetyl-CoA 
synthase (Figure 3-69). In the crystallographic 
molecular model of tryptophan synthase with the 
inhibitor 3-indolylpropanol phosphate occupying 
the active sites for indole-3-glycerol-phosphate 
lyase in the a subunits, the indolyl group is in the 
bottom of each active site, as far from the solution 
as possible, and sitting at the opening of the tunnel 
for that active site. Upon cleavage of the normal initial 
reactant, 1-C-(indol-3-yl)glycerol 3-phosphate, the in-
dole would be released at this location in the active 
site, and it would be hindered from being released 
into the solution but not from entering the adjacent 
tunnel. These details suggest that the indole feed-
ing the active site on a b subunit during the overall 
reaction (Equation 3-523) is transferred between 
the two active sites through this tunnel. There are a 
number of observations verifying the proposal that 
each of the two tunnels is a tunnel for indole. 
 In the absence of ¬-serine, intact tryptophan 
synthase from Neurospora crassa produces indole 
from 1-(indol-3-yl)glycerol 3-phosphate, but the 
rate at which indole appears in solution is 50 times 
slower than the rate at which ¬-tryptophan is pro-
duced by the intact multienzymatic complex from 
1-(indol-3-yl)glycerol 3-phosphate and ¬-serine under 
the same circumstances.1297,1298 When ¬-serine is 
present, indole is no longer produced by the multi-
enzymatic complex from 1-(indol-3-yl)glycerol 
3-phosphate. During a reaction in which 100 nmol 
of ¬-tryptophan was produced from 1-(indol-
3-yl)glycerol 3-phosphate and ¬-serine, no indole 
was released into the solution (<2 nmol). An expla-
nation for these kinetic observations is that when 
¬-serine is absent and an active site for tryptophan 
synthase (indole-salvaging) is not operating, indole 
piles up in the tunnels and acts as a product inhibi-
tor of indole-3-glycerol-phosphate lyase. Indole 
can escape from a tunnel into the solution, but only 
slowly, and this escape is the rate-limiting step in 
its production in the absence of ¬-serine. When 

¬-serine is present, all the channeled indole is 
immediately transformed into ¬-tryptophan. Indole 
does not pile up in the tunnels, and it does not have 
time to leak out of them before it is converted into 
¬-tryptophan. 
 If indole is transferred between the two active 
sites through the affiliated tunnel, the mutation of 
an amino acid in the wall of the tunnel that steri-
cally blocks it should prevent the transfer. Under 
normal circumstances, when 1-C-([14C]indol-3-yl)-
glycerol 3-phosphate and ¬-serine are converted in 
a single turnover to ¬-[14C]tryptophan by a molar 
excess of tryptophan synthase, no [14C]indole can 
be detected (<1%). If Cysteine 170 in the b subunit 
of tryptophan synthase, which is in the wall of the 
tunnel, is mutated to a tryptophan, the rate of synthe-
sis of ¬-[14C]tryptophan from 1-C-([14C]indol-3-yl)-
glycerol 3-phosphate and ¬-serine during a single 
turnover decreases by a factor of 30, and [14C]indole 
can be detected (10%).1299 In addition, the rate of 
synthesis of ¬-tryptophan from ¬-serine and indole, 
rather than 1-C-(indol-3-yl)glycerol 3-phosphate, is 
decreased 20-fold in the mutant, a result that is 
consistent with indole entering the enzyme from 
solution only from the end of a tunnel (Figure 3-71) 
at the active site on an a subunit, which is the location 
where indole is normally produced (Equation 3-524). 
 If indole is able to enter a tunnel only through 
an active site on an a subunit and from there pass 
through the tunnel and enter the active site on the 
b subunit (Equation 3-525) at the end if the tunnel, 
this requirement would explain an observation that 
might seem inconsistent with the channeling of indole 
between the two active sites. When 1-C-([2-14C]indol-
3-yl)glycerol 3-phosphate is used as a reactant in 
the presence of ¬-serine, ¬-[2-14C]tryptophan is 
produced by tryptophan synthase, and no 
[2-14C]indole is released into the solution.1300 If, 
however, a large enough concentration of nonradi-
oactive indole is added to the solution, the rate of 
production of ¬-[2-14C]tryptophan decreases remark-
ably, and significant amounts of [2-14C]indole are 
released into the solution. As the concentration of 
nonradioactive indole is increased, the rate of produc-
tion of ¬-[2-14C]tryptophan decreases, and the rate 
of production of [2-14C]indole in solution increases. 
One explanation for this observation would be that 
as a tunnel becomes filled with indole that has 
entered it from solution through the active site on 
an a subunit while that active site was temporarily 
empty, the [2-14C]indole produced at that active 
site by the reaction in Equation 3-524 will dissoci-
ate into the solution because it is unable to move 
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through the overcrowded tunnel. Consistent with this 
explanation is the fact that, in the intact enzyme, 
indole from the solution is able to react rapidly 
with the a-aminoacrylate intermediate (previously 
Equation 2-14) 

         (3-526) 

formed in the active site on a b subunit (200 s-1 at 
saturation). When, however, glyceraldehyde 3-phos-
phate is bound at the active sites on the a subunits, 
blocking the indole from entering the tunnel between 
the active sites, the rate of this reaction with indole 
is dramatically inhibited (10 s-1).1301 
 Ammonia is a toxic metabolite, but it is necessary 
for a large number of biosynthetic reactions. This 
conflict is resolved by converting ammonia to 
¬-glutamine in the reaction catalyzed in the cyto-
plasm of all cells by glutamine synthetase 

    
                (3-527) 

and then releasing the ammonia at the locations 
where it is needed in a hydrolysis catalyzed by 
glutaminase 

  
                (3-528) 

Because these two enzymes, when functioning 
consecutively, would catalyze the hydrolysis of 
MgATP2-, the ammonia produced by glutaminase 
cannot be released into the cytoplasm, or it would 
create an ATPase that consumes energy but accom-
plishes nothing. Consequently, there are a large 
number of multienzymatic complexes in which an 
active site for glutaminase is combined with an active 
site for a particular biosynthetic reaction that has 
ammonia as one of its reactants. For example, the 
active site for 

       
                (3-529) 

is combined with an active site for glutaminase in 
the multienzymatic complex glutamine—fructose-
6-phosphate transaminase (isomerizing), which 
catalyzes the overall reaction 

    
                          (3-530) 

In the biosynthetic reaction, an acceptor for the 
ammonia, such as ∂-fructose 6-phosphate, is the 
nominal substrate, as in glutamine-fructose-
6-phosphate transaminase (isomerizing). In these 
multienzymatic complexes, the two active sites are 
connected by a tunnel through which ammonia is 
transferred between them.954,1302-1308 These tunnels 
for ammonia vary in length from 1.5 to 4.5 nm.1302 
 Because ammonia rarely, if ever, enters or 
escapes from the tunnel before it is incorporated 
into the final product, the two reactions are tightly 
coupled. For example, glutamine-fructose-6-phos-
phate transaminase (isomerizing), both from E. coli 
and from R. norvegicus, catalyzes, within the error 
of the measurement,1309 a completely stoichio-
metric reaction (Equation 3-530). If ammonia were 
to escape from the tunnel, the reaction would not 
be stoichiometric. The overall reaction is the sum 
of Equations 3-528 and 3-529, and these two reac-
tions are catalyzed at two distinct active sites on the 
multienzymatic complex.1302 Ammonia cannot sub-
stitute for ¬-glutamine.1309 If ammonia cannot leak 
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out of the tunnel, by microscopic reversibility, it 
cannot leak in. 
 In several amidotransferases, the tunnel for 
ammonia is formed by a conformational change in 
the enzyme that is coupled to association of the 
acceptor for ammonia at its active site or coupled 
to simultaneous association of glutamine at the active 
site of glutaminase and association of the acceptor 
for ammonia at its active site.953,954,1305,1310-1312 This 
induced fit presumably serves the usual purpose of 
ensuring that none of the dangerous steps in the 
reaction, such as the glutaminase reaction (Equa-
tion 3-528) or a step activating the acceptor for 
ammonia, is able to occur until all the reactants 
are bound to their respective active sites. 
 Such induced fits are common features of multi-
enzymatic complexes that transfer intermediate 
substrates through tunnels between distant active 
sites. For example, in tryptophan synthase, the asso-
ciation of 1-C-(indol-3-yl)glycerol 3-phosphate with 
the active site on an a subunit (Equation 3-524) 
induces a conformational change that opens the 
active site on the affiliated b subunit so that 
¬-serine can associate.1313 Subsequent formation of 
the aminoacrylate at the pyridoxal phosphate from 
¬-serine in the active site on a b subunit (Equations 
3-525 and 3-526) then induces a conformational 
change that enhances cleavage of 1-C-(indol-
3-yl)glycerol 3-phosphate at the active sites on the 
affiliated a subunit by a factor of 30.1314,1315 
 Carbamoyl-phosphate synthase (glutamine-
hydrolysing) is a multienzymatic complex composed 
of two subunits. The smaller of the two (382 aa) is 
glutaminase, which hydrolyzes ¬-glutamine to pro-
duce the ammonia that is an intermediate substrate 

   
                (3-531)  

The larger subunit (1073 aa) contains the two active 
sites 

   
                (3-532) 

                  
(3-533)

 

on two separate structural domains that are respon-
sible for the synthesis of carbamoyl phosphate from 
that ammonia.1316,1317 [14N]Ammonia produced at 
the glutaminase within the multienzymatic complex 
from E. coli, rather than the [15N]ammonium added 
to the solution, is the almost exclusive (>95%) reac-
tant for the second reaction,1291 so it must be 
channeled. The half life for hydrolysis of carbamate 
at 25 ªC is 28 ms,1318 so it cannot come into contact 
with surrounding solution. Because the stoichiometry 
of the overall reaction 

  
                (3-534) 

catalyzed by the multienzymatic complex is precise, 
within the error of measurement,1319 ammonia 
must be channeled without loss between the first 
two active sites (Equations 3-531 and 3-532) and 
carbamate must be channeled, without being hydro-
lyzed, back and forth between the second and third 
active sites (Equations 3-532 and 3-533). 
 In the crystallographic molecular model of the 
enzyme from E. coli, a tunnel runs between the active 
site for the glutaminase (Equation 3-531) on a smaller 
subunit and the active site in the adjacent larger 
subunit at which carbamate is synthesized (Equa-
tion 3-532). These two active sites are 4.5 nm apart. 
The tunnel then continues on to the active site at 
which carbamoyl phosphate is synthesized (Equa-
tion 3-533), which is another 3.5 nm away.1320 Even 
though it is longer (9.6 nm) because it has to service 
three active sites, this tunnel resembles the tunnel 
(7.0 nm) in the multienzymatic complex containing 
the active sites for anaerobic carbon monoxide 
dehydrogenase and CO-methylating acetyl-CoA 
synthase in its bends and changes of direction 
(Figure 3-69) and in the fact that it also passes 
through an interface between two subunits. As a 
measure of its tortuosity, each tunnel is about 20% 
longer than the linear distance between the active 
sites that it services. The tunnel in carbamoyl-
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phosphate synthase (glutamine-hydrolysing) is, 
however, somewhat more deeply buried in the cen-
ter of the protein. 
 The results of site-directed mutation confirm 
that the intermediate substrates for carbamoyl-
phosphate synthase (glutamine-hydrolysing) do 
move through the tunnel in the enzyme. When the 
tunnel for ammonia is blocked within the smaller 
subunit of the enzyme by mutating Glycine 359 on 
its wall to phenylalanine, the catalytic constant for 
synthesis of carbamoyl phosphate from ¬-glutamine 
decreases 70-fold.1321,1322 When the tunnel for 
ammonia is blocked within the larger subunit by 
mutating Cysteine 232, Alanine 251, and Alanine 314 
on its wall to valines, the catalytic constant for syn-
thesis of carbamoyl phosphate from ¬-glutamine 
decreases more than 500-fold.1323 When a hole to 
the solution is made in the tunnel for ammonia by 
mutating Proline 360 and Histidine 361 in the 
smaller subunit and Arginine 265 in the larger sub-
unit to alanines, the catalytic constant for synthesis 
of carbamoyl phosphate from ¬-glutamine decreases 
300-fold.1324 And when the tunnel for carbamate 
within the larger subunit is blocked at its two narrow-
est points by mutating Alanine 23 to phenylalanine, 
Glycine 575 to phenylalanine,1325 or both Alanine 23 
and Glycine 575 in its wall to leucines,1326 the cata-
lytic constant for synthesis of carbamoyl phosphate 
decreases by 60-fold, 25-fold, and more than 
500-fold, respectively. 
 The possibility that channeling of an interme-
diate substrate between two distant active sites across 
the surface of a multienzymatic complex could occur 
by entrapment of the substrate in the ionic double 
layer* surrounding the protein, rather than in a 
tunnel, has been proposed to explain the channel-
ing observed in multienzymatic complexes from 
Leishmania tropica and T. gondii, which both contain 
active sites for thymidylate synthase 
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and dihydrofolate reductase  

                                     
*The layer of fixed charges on a macromolecule induces counter-
ions of the opposite charge, such as a channeled substrate that 
is oppositely charged, to become concentrated in the layer of 
solution surrounding the macromolecule. These two layers, 
the layer of fixed charges and the layer of mobile charges of the 
opposite sign, comprise the ionic double layer.1327 
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for which the intermediate substrate is 7,8-dihydro-
folate. There is no lag in production of NADP+ in the 
latter reaction when 7,8-dihydrofolate is produced at 
the former active site from 5,10-methylenetetra-
hydrofolate,1328,1329 and there is no accumulation of 
tritium-labeled intermediate substrate 7,8-dihydro-
folate when tritium-labeled 5,10-methylenetetrahydro-
folate is converted to tritium-labeled 5,6,7,8-tetra-
hydrofolate by the two active sites1329,1330 operating 
consecutively. These two facts are consistent with 
tightly coupled channeling. There is, however, no 
obvious tunnel between the two active sites, which 
are 4.0 nm apart in crystallographic molecular 
models of the multienzymatic complexes.1329,1331 
 The fixed ionic layer of charged side chains of 
amino acids on the surface of the multienzymatic 
complex between the active sites for thymidylate 
synthase and dihydrofolate reductase in the crystallo-
graphic molecular model is dramatically enriched 
in positively charged side chains, which would 
produce an ionic double layer in which the outer 
ionic layer is enriched in mobile negative ions. 
Consequently, dihydrofolate, a dianion, could be 
confined within the double layer and be transferred 
through the double layer between the active sites. 
The experiment in which apparent channeling was 
observed was performed in a solution of 25 mM MgCl2 
(I = 75 mM). Unfortunately, the effect of increasing 
ionic strength on the channeling efficiency was not 
assessed. An increase in ionic strength should elim-
inate channeling within the double layer.1332 Mutat-
ing six of the arginines and lysines between the two 
active sites, however, to neutral amino acids did 
not decrease the channeling efficiency,1333 a result 
inconsistent with channeling through the double 
layer. Consequently, the mechanism by which 
channeling occurs in this multienzymatic complex 
is unknown. 
 
 Many enzymes catalyze reactions that have 
homopolymers as their reactants, and some of 
these enzymes have active sites that perform suc-
cessive reactions on successive segments of the 
polymer without dissociating from it.1334 In such 
an enzyme, the active site is transferred from one 
monomer of the polymer to the next monomer of 
that polymer rather than a monomer of the polymer 
 

5,10-methylenetetrahydrofolate  +  dUMP  1
                                            dTMP  +  7,8-dihydrofolate

NADPH  +  7,8-dihydrofolate  +  H+  1
                                 5,6,7,8-tetrahydrofolate  +  NADP+
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Figure 3-72: Hydrolysis of (a1,4)-glucosen by b-amylase. 
 
 
being transferred from one active site to the next 
active site. For example, b-amylase from G. max is 
an exoglycosidase that hydrolyzes the linear poly-
mer [(a1,4)-∂-glucose]n from the nonreducing end 
at every other glycosidic linkage to release mole-
cules of maltose (Figure 3-72).1335 About half the 
time, the enzyme remains associated with the same 
molecule of [(a1,4)-∂-glucose]n from which it just 
released a maltose and releases the next maltose 
from that same molecule.1336 
 DNA-Directed DNA polymerase catalyzes the 
alignment with the template of the next 2¢-deoxy-
ribonucleoside 5¢-triphosphate to be added to an 
elongating strand of DNA, ensures that the proper 
base pair is formed between it and the next nucleo-
tide in the template,1337 and then catalyzes the 
nucleophilic substitution at phosphorus that attaches 
the next nucleotide to the elongating strand. The 
enzyme adds a number of nucleotides to the elon-
gating strand before it dissociates from a particular 
elongating segment of DNA. The steps in the reac-
tion are association and alignment of the correct 
2¢-deoxyribonucleoside 5¢-triphosphate, nucleo-
philic substitution at phosphorus, and shifting of 
the duplex of template and elongating strand by a 
distance of one base pair to bring the 3¢-hydroxy 
group of the added nucleotide into the position 
where the 3¢-hydroxy group of the initial reactant 
was located to initiate the next round of elongation. 
The kinetics of these three steps have been assessed 
with the DNA-directed DNA polymerase encoded 

by Escherichia phage T7 at 20 ªC. Following associ-
ation of the 2¢-deoxyribonucleoside 5¢-triphosphate, 
there is a slow (0.3 ms-1) conformational change 
preceding the chemical step, thought to ensure that 
the correct 2¢-deoxyribonucleoside 5¢-triphosphate 
has been properly aligned.1338 The next step is rapid 
(>9 ms-1) nucleophilic substitution at phosphorus 
followed by shifting of the product of elongation in 
the active site (1.2 ms-1) to position the 3¢-hydroxy 
group that will be the reactant for the next cycle.1004 
 In a processive reaction, the active site of an 
enzyme1334 catalyzes a reaction within a particular 
segment of a linear homopolymer and then moves, 
without dissociating, to the adjacent segment of that 
homopolymer to catalyze the same reaction within 
the next segment. If the processive enzyme removes 
segments from one end of the polymer, it moves to 
the newly created end to remove the next segment 
and so forth, as in the case of b-amylase (Figure 
3-72). If the processive enzyme adds segments to 
one end of the polymer, it moves to the new end and 
adds a new segment to the new end and so forth, as 
in the case of DNA-directed DNA polymerase.  
 The processivity of a reaction catalyzed by a 
processive enzyme is the ratio between the rate at 
which the active site moves to the next segment of 
the polymer and completes its catalysis of the reac-
tion at that location and the rate at which the poly-
mer dissociates from the enzyme. The processivity 
of the enzyme can be determined by measuring 
directly the rate at which the enzyme catalyzes the 

O

O

O

O

O

H
O

O

O O

OH

H

O

O

OOO

OH

H

O

OO

O

O

H

O

O

O

O

O

H
O

O

O O

O

H

O

O

OO

O

H

O

OO

O

O

H

H
H H

H

H

H

H H
H

H

H
H

H

H
H

H

H

H

H H

H

H

H

O O

O

O O

OH

H

O

OO

O

O

H

O

O

O

O

O

H
O

O

O O

O

H

O

O

OO

O

H

O

OO

O

O

H
H H

H

H

H
H

H

H
H

H

H

H

H H

H

H

H

O

O

O

O

O

H

O

O

OOO

OH

H
H

H H
H

H

H

HH

+

H2O  +

1



Transfer of Substrates among Active Sites  
 

955 

reaction while bound to the polymer and the rate at 
which it dissociates from the polymer.1339 It can also 
be determined by assessing the distribution of lengths 
in the final product as a function of the degree to 
which the reaction has proceeded.1336 The proces-
sivity of b-amylase from G. max is 0.55,1336 that for 
DNA-directed DNA polymerase b from R. norvegicus 
is 30,1339 and that for DNA-directed DNA polymerase 
from Escherichia phage T7 is 1500.1004 The distribu-
tion of products as a function of time can be fit to 
equations simulating that distribution as a function 
of the numerical value for the processivity.1340 The 
best fit provides an estimate of the processivity. 
 In the case of the DNA-directed DNA polymer-
ases, the processivity depends on conditions of the 
assay such as concentration of Mg2+, the temperature, 
or the presence of polyamines normally present in 
cytoplasm.1341 Because DNA and RNA bear signifi-
cant net negative charge and because associations 
of proteins with nucleic acids often involve ionic 
interactions, when either DNA or RNA is the polymer 
on which the enzyme acts, the processivity of depoly-
merization or polymerization is often a function of 
the ionic strength of the solution. Uracil-DNA gly-
cosylase from E. coli was perfectly processive at low 
ionic strength (<30 mM), but when the ionic 
strength was increased into the cytoplasmic range, 
the enzyme was significantly less processive.1342 
The processivity of many other processive enzymes 
probably depends on the conditions of the assay as 
well. Consequently, the actual processivity of a given 
enzyme in the cytoplasm of the cell may be consid-
erably different from that measured in an artificial 
assay. 
 In addition to measuring the numerical value 
for the processivity, a test for determining whether 
or not an enzyme is processive is to add a form of 
the polymer that can be experimentally distin-
guished from the polymer on which the enzyme 
has initiated its reaction and assess whether or not 
the addition of the competitor changes the rate of 
the reaction on the original substrate by drawing 
enzyme away from the polymer on which it is proces-
sing.1343 This approach is analogous to the addition 
of a scavenger to assess channeling. 
 A nonprocessive enzyme catalyzes a distributive 
reaction. In a distributive reaction, an active site 
catalyzes a reaction within a particular segment of 
a linear homopolymer—be it a cleavage of the polymer 
beyond that segment, the addition of a new segment 
to that segment, or simply a chemical alteration of 
that segment— by associating from solution before 

and dissociating into the solution after the catalytic 
event within that segment. The dissociated products, 
either one monomer shorter, one monomer longer, 
or altered in the one position, become indistinguish-
able from all the other polymers in solution, and the 
enzyme then associates at random with another 
polymer. If the enzyme is nonprocessive, there is 
no transfer of the active site from one position in 
the polymer to the next position. 
 A perfectly processive enzyme shortens, elon-
gates or otherwise modifies a polymer without disso-
ciating from it. When, however, a perfectly processive 
enzyme is operating in a finite environment, as is 
always the case, the numerical value for its processivity 
can never be infinity. Because the mean length of a 
polymer that is being depolymerized is finite, if an 
enzyme depolymerizing that polymer is perfectly 
processive, the numerical value for the processivity 
is equal to the mean length of the polymer. The 
enzyme can only shorten the polymer until it reaches 
its end. Because the concentration of the monomer 
being polymerized is finite, if an enzyme polymer-
izing a polymer is perfectly processive, the numerical 
value for the processivity is equal to the concentration 
of monomeric precursor in solution divided by the 
concentration of enzyme. The enzyme can only 
elongate the polymer until the monomers in solution 
run out. 
 During a perfectly processive depolymerization, 
polymers in the solution that are unassociated with 
a molecule of enzyme remain unaltered until poly-
mers being shortened by the enzyme are completely 
depolymerized and molecules of the enzyme become 
available to shorten other polymers. For example, a 
molecule of exoribonuclease II from E. coli rapidly 
hydrolyzes a molecule of polyadenylic acid exonu-
cleolytically from its 3¢ end with complete proces-
sivity down to a small oligonucleotide from which 
the enzyme slowly dissociates, and then it associates 
with another molecule of polyadenylic acid and 
processively hydrolyzes it. As the reaction progresses, 
only intact, undegraded polyadenylic acid, adenosine 
monophosphate, and these small oligonucleotides 
are present at significant concentrations in the solu-
tion in addition to the enzyme.1334,1344 The exosome 
from S. cerevisiae is also a perfectly processive exo-
ribonuclease II. When single-stranded RNA labeled 
with a [32P]phospho group at its 5¢ end is mixed 
with the enzyme, the intact polymer gradually disap-
pears and the only product that can be observed 
while the polymer is disappearing is the free 
[32P]mononucleotide that was once on the 5¢ end. It 
can be concluded from this observation that the 
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rate-limiting step in the processive hydrolysis of 
single-stranded RNA is its threading through the 
long tunnel that passes through the center of the 
protein. Once its 3¢ end reaches the active site at the 
end of the tunnel, the enzyme processively hydro-
lyzes all the nucleotides in the RNA, one after the 
other from the 3¢ end to the 5¢ end, so rapidly that 
no shorter single-stranded ribonucleic acids can be 
observed.1345 
 During a perfectly processive polymerization, 
a molar concentration of polymer equal to the molar 
concentration of enzyme is continuously elongated 
until the reactant in the solution providing the 
monomers runs out while the remainder of the 
polymer in solution remains unaltered. In the case 
of nucleic acid polymerases, however, when they 
are elongating a strand of nucleic acid on a tem-
plate, as long as there are sufficient nucleoside tri-
phosphates in the solution, a perfectly processive 
enzyme continues to polymerize until a termination 
site is reached, at which point the completed polymer 
dissociates from the active site, leaving the enzyme 
free to initiate polymerization on another template. 
 Following a completed depolymerization or 
polymerization, a perfectly processive enzyme can 
remain associated for a significant interval with a 
final product. When DNA helicase I from E. coli is 
mixed with a duplex DNA 343 nucleotides long that 
is present in molar excess over the concentration of 
enzyme, the percentage of DNA unwound at the 
completion of the reaction is directly proportional 
to the concentration of enzyme.1346 If the helicase 
dissociated from the unwound DNA, all the DNA 
would be unwound by the end of the reaction. 
 
 In most enzymes that catalyze processive reac-
tions, at least five monomers in the intact polymer 
occupy consecutive subsites adjacent to the catalytic 
site within the active site at which the specific 
addition or subtraction of a monomer is catalyzed. 
These successive subsites can be in a groove on the 
surface of the protein, but usually they are within a 
tunnel into or out of the active site. For example, 
cellulose 1,4-b-cellobiosidase (reducing end) Cbh1, 
a cellulase from H. jecorina, hydrolyzes a strand of 
cellulose, [(b1,4)-∂-glucose]n, releasing the disac-
charide cellobiose from the reducing end of the 
polymer. Once it associates with the reducing end 
of a strand of [(b1,4)-∂-glucose]n protruding from 
the surface of solid crystalline cellulose from Clado-
phora, the enzyme proceeds down the polymeric 
strand1195 with a processivity of 70 ± 40. In the crys-
tallographic molecular model of the enzyme,1347,1348 

there is a tunnel occupied by the reducing end of 
the polymer of [(b1,4)-∂-glucose]n as it is being hydro-
lyzed. In this tunnel, there are nine subsites for the 
association of ∂-glucosyl monomers in the polymer. 
Two of these subsites are to the reducing side of the 
point of hydrolysis. Rapid diffusion of the reducing 
end of the polymer up the tunnel into these two 
subsites, after the cellobiose from the previous 
hydrolysis has dissociated as a product from them 
and before the next hydrolysis can occur, causes 
the enzyme to release cellobiose instead of individual 
molecules of ∂-glucose. In the case of b-amylase, 
there are also two subsites beyond the location at 
which the glycosidic hydrolysis is catalyzed, so two 
glucosyl groups on the nonreducing end of the 
[(a1,4)-∂-glucose]n produced in the previous hydrol-
ysis diffuse rapidly into those sites as the disaccha-
ride maltose, the product of the previous hydrolysis 
(Figure 3-72), dissociates from them, and this 
movement aligns the next glycosidic linkage in the 
proper position.1336 
 At the entrance to the tunnel in cellulose 
1,4-b-cellobiosidase (reducing end) Cbh1 from 
H. jecorin, distant from the active site, there are 
two tryptophans in the sequence -ANWRWTHA– that 
stack upon the hydrophobic faces of the first and 
fourth ∂-glucosyl groups in from the opening of the 
tunnel (see Figure 3-45). When one of these trypto-
phans is mutated to alanine,1348 the rate at which 
the enzyme hydrolyzes 4-methylumbelliferyl-∂-lacto-
side, a monomeric substrate, is unaffected, but the 
rate at which it hydrolyzes crystalline cellulose 
when it is associated with the surface of this solid 
decreases by a factor of 7. This result suggests that 
the two tryptophans that stack upon the two respec-
tive ∂-glucosyl groups at the entrance of the tunnel 
are involved in recruiting individual substrate 
chains into the tunnel to initiate processive hydrolysis, 
or facilitating movement of the polymer through 
the tunnel by providing flat surfaces on which 
[(b1,4)-∂-glucose]n can slide, or both of these effects. 
A completely unrelated enzyme that catalyzes the 
same processive reaction, cellulose 1,4-b-cellobio-
sidase (reducing end) CelCCF from Ruminiclostridium 
cellulolyticum,1349,1350 also has two tryptophans in 
the unrelated sequence -STWSWII- at the entrance 
of its tunnel for [(b1,4)-∂-glucose]n stacked upon 
the first and the third ∂-glucosyl monomers in the 
polymer occupying the tunnel.1349,1350 
 The tunnels into or out of an active site are 
significant factors in ensuring the processivity of the 
depolymerization or polymerization catalyzed by 
an enzyme. For example, consider the long tunnel 
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(16 nm) of the exosome, a perfectly processive en-
zyme, that can accommodate 25 nucleotides in the 
RNA that is its reactant.1062 If single-stranded RNA 
is able to thread through the tunnel to the active 
site, by microscopic reversibility, it must be able to 
unthread from the tunnel. Suppose that the active 
site has just hydrolyzed the 5¢-phosphodiester of 
the nucleotide at the 3¢ end of a strand of RNA in 
the tunnel and disconnected it from the rest of the 
reactant. As the nucleoside 5¢-phosphate is dissoci-
ating as a product from the active site, the single-
stranded RNA in the tunnel is undergoing linear 
diffusion in a one-dimensional random walk up 
and down the tunnel, but it is highly unlikely that it 
will unthread all the way out of the tunnel before 
the nucleotide on the new 3¢ end diffuses during its 
random walk into the now-empty active site and is 
hydrolyzed, and so forth. In other words, the tunnel 
is so long that its length alone traps the polymer 
and prevents it from leaving the tunnel before the 
next monomer can be processed by the active site, 
even though it is free to diffuse in a random walk 
up and down the tunnel.  
 A polymer of cellulose, the product of a poly-
merization, also threads its way through a long 
tunnel (6 nm) away from the active site in cellulose 
synthase.1064 Suppose that the active site has just 
transferred the next ∂-glucopyranose from a mole-
cule of UDP-a-∂-glucose to the 4-hydroxy group at 
the end of the elongating [(1Æ4)-b-∂-glucosyl]n. 
The now-elongated cellulose diffuses linearly in a 
one-dimensional random walk up and down the 
tunnel. While the ∂-glucose at the nonreducing end 
of the elongated strand of cellulose has vacated the 
active site as a result of this random walk, it is replaced 
by the ∂-glucopyranose from another molecule of 
UDP-a-∂-glucose, but it is highly unlikely that the 
strand of cellulose, which is free to leave, will unthread 
all the way out of the tunnel before its nonreducing 
end stumbles in its random walk into the active site 
now occupied by the UDP-a-∂-glucose, and the 
next ∂-glucose is added to it, and so forth. 
 Exodeoxyribonuclease (lambda-induced) from 
Escherichia phage lambda performs the hydrolysis 
from the 5¢ end of a shorter strand of DNA in a duplex 
with a much longer strand of DNA that extends 
beyond the 5¢ end of a shorter strand. The enzyme 
is perfectly processive, completely hydrolyzing the 
shorter strand to its 3¢ end.1351 The enzyme is a 
rotationally symmetric trimer with a tunnel that 
runs along the threefold rotational axis of symmetry 
and is large enough to accommodate a double-
stranded duplex at one end and a single strand of 

DNA at the other end.1352 In the crystallographic 
molecular model of the complex between an inactive 
mutant of the enzyme and a double-stranded DNA 
in which the longer strand continues two nucleo-
tides beyond the 5¢ end of the shorter strand, nine 
base pairs in the double-stranded portion of the 
DNA occupy the larger end of the tunnel, and the 
two nucleotides at the 3¢ end of the longer strand 
are on their way out of the narrower end of the 
tunnel.1353 The tunnel for the double-stranded 
DNA does not seem long enough to ensure perfect 
processivity, but in this instance, because the 
unhydrolyzed single strand of DNA exits the tunnel 
as the enzyme hydrolyzes the other strand, the enzyme 
would remain attached to this single strand even if 
the nine base pairs of double-stranded DNA were 
to diffuse away from the wider portion of the tunnel. 
The random walk of the single strand would even-
tually bring the 3¢ end of the double strand back to 
the active site for the next hydrolysis. 
 In the proteosome from S. cerevisiae, there is not 
a tunnel leading to the active site. In this instance, 
the ubiquinylated polypeptide being degraded proces-
sively feeds into a large central cavity surrounded 
by the active sites for the peptidases that hydrolyze 
it.1354 In this instance, in addition to the random 
walk of monomers in the polymer in and out of the 
entrance to the cavity, the length of the polymer 
that has already entered allows the random walk at 
the door to continue without dissociation, a situation 
resembling that of exodeoxyribonuclease (lambda-
induced). 
 Another significant factor, which is often cited, 
in promoting processivity is whether or not the 
reaction is exergonic. Consider, for example, a 
DNA-directed DNA polymerase. As each magnesium 
2¢-deoxyribonucleoside 5¢-triphosphate enters the 
active site and its base pairs with the complemen-
tary base on the template, its 2¢-deoxyribonucleotide 
is added to the elongating strand in a simple nucleo-
philic substitution at phosphorus in which the 
3¢-hydroxy group on the elongating strand as a 
nucleophile replaces magnesium diphosphate as the 
leaving group. In this substitution, a phosphate anhy-
dride is replaced by a phosphate ester, a reaction 
that is significantly exergonic. It is unlikely that this 
nucleophilic substitution will be significantly revers-
ible, so the elongation is not complicated by the 
back reaction. Consequently, the new nucleotide is 
locked onto the elongating polymer, and the result-
ing favorable change in free energy could cause the 
processivity to be unidirectional. The problem with 
such an exergonic argument, however, is illustrated 
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by the fact that the processivity of the elongation 
catalyzed by DNA-directed DNA polymerase b from 
R. norvegicus is only 30 while the processivity for 
DNA-directed DNA polymerase from Escherichia 
phage T7 is 1500, even though they catalyze the 
same nucleophilic substitution at phosphorus, and 
DNA-directed RNA polymerase, which also catalyzes 
the same nucleophilic substitution, is perfectly 
processive. One would suppose, if the change in 
standard free energy of the reaction were conse-
quential, that the processivity of these three elon-
gations would be more similar.  
 The problem that a polymerase has to solve is 
preventing the dissociation of the elongating 
strand and the template to which it is attached 
from the active site, and it is difficult to see how the 
change in standard free energy of the reaction that 
the enzyme catalyzes can contribute to a solution 
of this problem. There are many nonprocessive 
enzymes the active sites of which catalyze signifi-
cantly exergonic reactions and from which all the 
products of the exergonic reaction rapidly dissociate 
after each turnover. There are also many processive 
enzymes that catalyze reactions that are almost 
isoergonic. For example, the hydrolysis catalyzed 
by an exosome is the nucleophilic substitution at 
phosphorus of the hydroxy group on a molecule of 
water for the 3¢-hydroxy group of the RNA. In the 
active site of an enzyme, this substitution should be 
isoergonic. In spite of its appeal, whether a reaction 
catalyzed by the active site is exergonic or isoergonic 
cannot be so consequential in ensuring processivity, 
if it is consequential at all, as the long tunnels. The 
explanation for the differences in processivity 
among polymerases is the differences in the degree 
to which they surround their products and prevent 
their dissociation. 
 There are processive enzymes that bias their 
processivity by hydrolyzing MgATP2- even though 
the hydrolysis does not participate in the chemical 
reaction catalyzed by the enzyme. An example of 
such a processive enzyme is DNA helicase PcrA 
from G. stearothermophilus.1355 In the cell, the 
enzyme catalyzes the unwinding of a double-
helical DNA. For the enzyme to unwind DNA, it 
must hydrolyze MgATP2-. The unwinding of double-
stranded, duplex DNA is endergonic. If it were not 
endergonic, linear double-stranded DNA would 
spontaneously unwind from its two ends, which it 
does not. The hydrolysis of MgATP2- provides the 
free energy required to unwind the DNA. 
 

 It has already been noted that DNA helicase 
PcrA displays a heavily, if not exclusively, biased 
diffusion in the 3¢ to 5¢ direction on single-stranded 
DNA and that the bias is accomplished by the 
hydrolysis of one molecule of MgATP2- for each 
nucleotide traversed.1209,1210 In a crystallographic 
molecular model of the enzyme in a complex with 
magnesium 5A-adenylic imidodiphosphonic anhy-
dride (MgAMPPNP2-) and a short double helix of 
DNA of ten base pairs, one strand of which has a 
3¢ extension of seven nucleotides beyond the duplex, 
the double helix is partially unwound by four base 
pairs.1356 The resulting four 5¢ nucleotide bases of 
the shorter strand are protruding out into the solution, 
but the resulting single strand with the 3¢ extension 
can be seen entering a tunnel into the enzyme. The 
tunnel contains four nucleotides of the 3¢ extension, 
and two nucleotides at the 3¢ end have entered the 
solution and are disordered and not observed in 
the map of electron density. Presumably, the tunnel 
is responsible for performing the biased diffusion 
of the single strand in the 3¢ to 5¢ direction, and this 
biased diffusion accomplished by the hydrolysis of 
MgATP2- simply pulls the single strand away from 
the unwinding DNA while the other strand enters 
the solution. It has been shown that the closely related 
DNA helicase UvrD from E. coli (42% identity; 
1.1 gap percent) unwinds DNA in discrete steps of 
four base pairs,1357 and in the crystallographic 
molecular model of DNA helicase PcrA, the DNA 
has been unwound by four base pairs. It seems as 
though the double-stranded DNA resists unwinding, 
but when enough pull is exerted, it suddenly unwinds 
cooperatively in a burst of four base pairs. The cooper-
ativity of this burst may involve the association of 
the unwound double-stranded DNA with the surface 
of the helicase.1358,1359 Once the slack of four nucleo-
tides rapidly moves through the tunnel, it pulls on 
the DNA again. 
 In the crystallographic molecular model of DNA 
helicase PcrA, the closest atom of MgAMPPNP2- in 
the site for the hydrolysis of MgATP2-, which is one 
of the nonbridging oxygens on the g phosphorus, 
is 1.5 nm from the closest atom in the single-stranded 
DNA in the tunnel, so there can be no chemical 
reaction that involves the two substrates. Rather, 
there must be a cycle of conformational changes in the 
enzyme to accomplish the conformational coupling 
of hydrolysis of the MgATP2- to unidirectional move-
ment of the strand of DNA through the tunnel so 
that every time a molecule of MgATP2- is hydrolyzed, 
the single strand moves down the tunnel a distance 
of one nucleotide.1356 
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 One might suppose that the bias of the move-
ment of the polymer through the active site prevents 
it from dissociating from the enzyme. If, however, 
the active site were simply a depression or groove 
in the protein, there would be nothing to prevent 
the unwinding DNA from dissociating into the solu-
tion after one of the steps in movement of the single 
strand away from the duplex. Again, as with exodeoxy-
ribonuclease (lambda-induced), although the tunnel 
is short, the unwound single strand extends out from 
the tunnel into solution, preventing the unwinding 
DNA from dissociating from the enzyme as the un-
winding proceeds. 
 RecBCD exodeoxyribonuclease V from E. coli 
finds single-stranded breaks in DNA and unwinds 
as a helicase the double-helical DNA that was to the 
3¢ side of the break in the 5¢ direction. As it unwinds 
the DNA, it hydrolyzes the broken strand from its 
3¢ end until it reaches a hot spot for recombination. 
It then dissociates, leaving the other single strand, 
which was (and is still) unbroken, intact and the 
double-stranded DNA, which was originally to the 
5' side of the break, also intact.1360 As it unwinds 
the double-stranded DNA as a helicase away from 
the original break and hydrolyzes the unwinding single 
strand as an exonuclease, the enzyme hydrolyzes two 
MgATP2- for every base pair unwound.1361 It unwinds 
about 350 base pairs second-1 at 25 ªC. 
 In a crystallographic molecular model of RecBCD 
exodeoxyribonuclease V from E. coli in a complex 
with a completely complementary hairpin of double-
stranded DNA,1360 the open end of the hairpin has 
unwound into two single strands, each four nucleo-
tides long. The strand with a 3¢ end is entering a 
tunnel that leads to a domain in the enzyme that is 
structurally homologous to the domain in DNA 
helicase PcrA responsible for the biased diffusion 
along the single strand of its substrates. From there, 
another tunnel leads to the active site of exodeoxy-
ribonuclease V. The strand with a 5¢ end is entering 
a tunnel that leads to another domain that is also 
structurally homologous to the domain in DNA heli-
case PcrA and that may catalyze a biased diffusion 
along this strand as well but in the 5¢ to 3¢ direction. 
 In DNA helicase PcrA, the DNA seems to unwind 
in the solution on the surface of the protein.1358,1359 
The surface of the protein itself provides a steric 
obstruction, as the one single strand is pulled into 
the protein away from the other that wanders off 
into the solution. In the crystallographic molecular 
model of RecBCD exodeoxyribonuclease V,1360 
however, the stack of as yet unwound base pairs 
sits on top of a pin that sterically splits the double 

helix as each single strand beyond the split is fed 
into a separate tunnel in the enzyme. The pin that 
splits the double helix is formed from a loop of six 
amino acids. It is at the carboxy-terminal end of 
one of the long (17 aa) a helices in the enzyme that 
is well anchored in the protein, and it is at the amino-
terminal end of a randomly meandering segment of 
polypeptide (4 aa) followed by a shorter a helix (6 aa) 
that is also anchored in the protein. The loop of six 
amino acids forming the pin has two bulky methio-
nines at its tip. The pin seems to act as a steric 
obstruction around which the double helix splits in 
two as it is pulled forward by biased diffusion of 
one or both unwinding single strands into their 
tunnels, powered by the hydrolysis of MgATP2-. 
 
 The transcription of DNA into RNA is accom-
plished by DNA-directed RNA polymerases. These 
enzymes perform a sequence of induced fits and 
processive transfers of reactants within their active 
sites that represent perhaps the most complicated 
example of reactants associating with and products 
dissociating from the active site of an enzyme. In 
addition, the ultimate description of their mechanism 
involves the use of an elaborate analogue of the 
central intermediate in the catalysis performed by 
one of these enzymes. 
 DNA-Directed RNA polymerase is required to 
locate a promoter designating a location within a 
continuous duplex of DNA at the 3¢ end of a sequence 
of nucleotides, the coding sequence, in one of the 
strands of deoxyribonucleotides in the duplex, the 
template, that encodes the sequence of ribonucleo-
tides in the messenger RNA that the enzyme will 
produce. Once the promoter is located, the enzyme 
unwinds the DNA to form a bubble of two single 
strands of DNA, which exposes the 3¢ end of the 
coding sequence on the template encoding the 
messenger RNA, and the enzyme then places the 
end of the coding sequence within the catalytic 
site. The catalytic site initiates the synthesis of a 
single strand of messenger RNA, starting from its 
5¢ end, by adding ribonucleotides one at a time in 
the direction 5¢ to 3¢. Once initiation is accom-
plished and a short strand of RNA, forming a hetero-
duplex with the coding strand of the DNA, has been 
synthesized, that short strand of RNA is then elon-
gated, again in the direction 5¢ to 3¢, by incorporating 
one ribonucleotide at time to produce a messenger 
RNA complementary to the coding sequence of the 
DNA. As the strand of messenger RNA is elongated, 
it must be unwound from the coding strand of the 
DNA because the messenger RNA that is the final 
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product is a single strand of nucleic acid. As the 
bubble of DNA moves through the active site from 
its upstream end to its downstream end, the down-
stream end must be unwound to expose the next 
bases in the template and the upstream end must 
rewind. Then, when the process is finished and the 
messenger RNA has dissociated, the bubble can also 
dissociate and rapidly rewind spontaneously to a 
complete unaltered duplex of DNA. 
 DNA-Directed RNA polymerases from different 
classes of organism differ significantly in their com-
plexity. The simplest is DNA-directed RNA polymerase 
from Escherichia phage T7,1362,1363 which is a single 
folded polypeptide (883 aa). The functional complex 
for DNA-directed RNA polymerase from bacteria 
such as E. coli, T. thermophilus, and Thermus aquat-
icus is an a2bb¢sw heterohexamer (3800 aa).1364-1367 
The core portion of DNA-directed RNA polymerase 
from eukaryotes such as S. cerevisiae, containing 
the machinery for initiation and elongation, is an 
even larger protein (4500 aa) of twelve different 
subunits ranging in length from 1700 to 70 amino 
acids,1368,1369 but to accomplish all the necessary 
functions of messenger RNA production, it requires 
the cooperation of other proteins. Each enzyme has 
several independently shifting domains, and the 
latter two domains have independently shifting 
subunits. In each case, the various domains and 
subunits have been given names to indicate simi-
larities among the different enzymes.1369 
 A sequence of nucleotides in double-stranded 
DNA that identifies a point at which transcription is 
to occur, a promoter sequence, has to be located by 
DNA-directed RNA polymerase. The A1 promoter 
from the genomic DNA of Escherichia phage T7 is a 
strong promoter that is recognized by DNA-directed 
RNA polymerase from its host, E. coli. When the 
sequence of deoxyribonucleotides downstream from 
an A1 promoter is extended from 72 to 300 nucleo-
tides, the occupancy of the promoter after 10 min 
doubles.1370 The result is reminiscent of the effect 
of increasing the length of a double-stranded DNA 
substrate on the rate of its cleavage by type II site-
specific deoxyribonuclease EcoRI from E. coli. That 
result was presented as evidence that the deoxy-
ribonuclease associates at random with duplex DNA 
and then diffuses by a random walk to its restriction 
site. Consequently, it was concluded that DNA-direc-
ted RNA polymerase also associates at random and 
diffuses along the DNA to a promoter. DNA-Directed 
RNA polymerase from Escherichia phage T7 binds, 
with dissociation constants in the range of several 
nanomolar, to DNA from Escherichia phage T7 at 

many sites along the DNA that are not within promot-
ers. This binding is consistent with this DNA-directed 
RNA polymerase also associating at random with 
DNA before it diffuses to a promoter.1371 
 This diffusion can be observed. A large spherical 
bead, to which a small fluorescent sphere had been 
affixed, was attached at the end of a molecule of 
DNA (1300 nucleotides). These labeled molecules 
of DNA were added to a chamber with a coverslip 
to which molecules of DNA-directed RNA polymerase 
from E. coli had been firmly attached. Some of these 
molecules of DNA, each attached to a sphere, were 
bound by molecules of the polymerase on the cover-
slip. By following the fluorescence of the smaller 
sphere asymmetrically bound to the larger bead, it 
could be seen that the larger bead rotated. It was 
concluded that the DNA-directed RNA polymerase 
diffused along the helical DNA in one of its grooves, 
causing the molecule of DNA, and hence the bead, 
to rotate. The diffusion was not biased, as would be 
expected because no source of energy was available, 
but the properties of the rotation were consistent 
with diffusion of the protein along the groove in a 
random walk.1372 By this random walk, the 
DNA-directed RNA polymerase scans the groove of 
the DNA searching for a promoter. 
 In the crystallographic molecular model of a 
complex between DNA-directed RNA polymerase 
from Escherichia phage T7 and a short segment of 
DNA containing a promoter for the polymerase, 
there are two hairpins of polypeptide: one of b struc-
ture in the major groove and one of random meander 
at the ends of two a helices in the minor groove of 
the double-helical DNA.1363 These two hairpins are 
presumably the structures that slide along within 
the grooves of the DNA and read the sequence of 
the bases in the grooves. The sliding of these hair-
pins along the grooves causes the DNA to rotate as 
the enzyme scans for a promoter sequence during 
its one-dimensional diffusion. In the molecular 
model containing the enzyme from Escherichia 
phage T7, the two hairpins have found a promoter. 
 In a crystallographic molecular model of the 
complex between DNA-directed RNA polymerase 
from T. aquaticus and a longer segment (30 nucleo-
tides) of double-stranded DNA containing a promoter, 
the intact, rigid, linear double-helical DNA runs 
along the surface of the protein and makes intimate 
contact with the surface over a length of 25 nucleo-
tides.1373 The promoter is entirely within the portion 
of the DNA participating in the intimate contact, 
and presumably it is within this contact that the 
reading of the sequence of bases in both the minor 
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and major grooves takes place as the protein diffuses 
along the DNA. In this particular complex, the pro-
moter has also been found. 
 Once the promoter is located, transcription of 
the coding strand of the DNA into RNA commences. 
The first step is unwinding of the double helix of 
DNA. The second step is pairing of the correct ribo-
nucleoside triphosphate with the first base on the 
template strand of DNA at the site at which sequential 
formation of the phosphodiesters begins. The third 
step is correct pairing of the second ribonucleoside 
triphosphate on the second base in the template. 
The fourth step is formation of the first phospho-
diester by nucleophilic substitution at phosphorus. 
At this point, the successive addition of ribonucleo-
tides commences. 
 No external source of standard free energy is 
available to unwind the DNA because the double 
helix has to be unwound over a significant length 
before the synthesis of messenger RNA can begin. 
The synthesis of the messenger RNA, however, once 
begun, provides significant standard free energy 
because the addition of each nucleotide is a nucle-
ophilic substitution at phosphorus where a phos-
phate anhydride is replaced by a phosphate ester. 
Nevertheless, the initial unwinding must be driven 
by noncovalent forces between the protein and the 
single strands of DNA that are formed as the double 
helix unwinds. In a crystallographic molecular model 
of DNA-directed RNA polymerase from Escherichia 
phage T7 and the promoter segment of DNA,1363 
and in a crystallographic molecular model of 
DNA-directed RNA polymerase from Escherichia 
phage T7 and the promoter sequence on which the 
first three ribonucleotides of the messenger RNA 
have been synthesized,1374 four or five, respectively, 
of the nucleotides of the double helix have been 
unwound, and the two single strands are firmly 
held by noncovalent forces between their functional 
groups and side chains from the protein. 
 In a molecular model produced by reconstruc-
tive summation of electron microscopic images of 
complexes between DNA-directed RNA polymerase 
from M. tuberculosis and a long (90 nucleotides) 
segment of double-helical DNA containing a pro-
moter in its middle, the DNA has been unwound to 
form a "bubble" of two single strands, each 12-14 
nucleotides long, while the duplex DNA has remained 
doubly helical to each side of the bubble.1375 The 
catalytic site responsible for nucleophilic substitu-
tion at phosphorus can be identified by the Mg2+ 
within it. The deoxycytidine in the coding strand of 
DNA at which initiation is to occur is located within 

the catalytic site in position to identify the com-
plementary guanosine 5¢-triphosphate with which 
the messenger RNA is to commence. In the bubble, 
this deoxycytidine is 3 nm from the deoxyguanosine 
in the other, noncoding strand of the bubble with 
which it was in a base pair in the original double-
helical DNA. This much space is more than suffi-
cient both for the guanosine 5¢-triphosphate to asso-
ciate with the cytosine of this deoxycytidine and for 
the next nucleoside 5¢-triphosphate to associate so 
that the first nucleophilic substitution can occur 
between the 3¢-hydroxy group of the guanosine 
5¢-triphosphate and the a-phospho group on the 
5¢-hydroxy group of the second ribonucleoside tri-
phosphate. 
 A candidate for an intermediate state in the 
formation of the bubble has been trapped by adding 
an inhibitor that associates with the active site 
between the DNA and the catalytic site. In this 
complex, the bubble has only opened halfway, and 
the deoxycytidine that is to initiate the synthesis of 
messenger RNA is still paired with its complementary 
deoxyguanosine in the unwound portion of the 
DNA.1375 One can imagine, by paraphrasing Pau-
ling,311 that as molecular motions cause the bubble 
to open at the site where it first opens and the single 
strands of DNA fit into their subsites, the standard 
free energy of dissociation for the DNA from the 
enzyme increases. As the subsequent base pairs 
unpair as a result of molecular motion and each of 
them fits into its subsite, the standard free energy 
of dissociation again increases until the whole 
segment is unwound. 
 It has been possible to follow the various induced 
fits that occur between the situation in which the 
promoter in the rigid, linear double-helical DNA 
has been recognized and is still bound only on the 
surface of bacterial DNA-directed RNA polymerase 
and the situation in which the DNA has entered the 
active site of the enzyme and the bubble has 
formed. The initial point is the crystallographic 
molecular model of the complex of the promoter 
with DNA-directed RNA polymerase from T. aquat-
icus,1373 and the final point is the molecular model 
produced by reconstructive summation of electron 
microscopic images of complexes between DNA-
directed RNA polymerase from M. tuberculosis 
(44% identity; 1.1 gap percent) and the two forms of 
bubbled DNA.1375 The process of conversion between 
these two states was followed by the changes with 
time of emissions in spectra of fluorescent reporters 
covalently attached to strategic locations in either 
DNA-directed RNA polymerase from M. tuberculosis 
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or the long segment of DNA containing the pro-
moter in its middle, and various inhibitors were 
used to block the process at several of its steps.1376 
In the case of DNA-directed RNA polymerase from 
S. cerevisiae, the induced fits involved in forming 
the complex with DNA in which the first six bases 
of the messenger RNA have been synthesized have 
been defined by comparing crystallographic molecu-
lar models of that complex1377 and the unoccupied 
enzyme.1368 In this case, another protein, transcrip-
tion initiation factor IIB, in addition to the hetero-
dodecamer of the eukaryotic DNA-directed RNA 
polymerase, is required to form the complex accom-
plishing initiation, and it is present in the crystallo-
graphic molecular model of the former complex. 
 During the initiation phase, in most instances, 
the active site and the unwound DNA are still open 
to the solution to allow addition of the first few ribo-
nucleotides, but at a certain point initiation changes 
to elongation. For DNA-directed RNA polymerase 
from Escherichia phage T7, this transition seems to 
occur after about seven ribonucleotides have been 
added to the elongating strand of messenger RNA. 
At this point, the number of transcripts that disso-
ciate from the active site rather than being elongated 
decreases significantly.1378 
 In crystallographic molecular models of 
DNA-directed RNA polymerase from Escherichia 
phage T7 in complexes with unwound DNA on 
which seven and eight ribonucleotides have been 
polymerized, gradual induced fits of the enzyme 
relative to the complex early in initiation can be 
observed, which indicates that the enzyme is adjusting 
to the elongating strand of messenger RNA.1379 In a 
comparison of another crystallographic molecular 
model of the enzyme in which a complex with 
unwound DNA on which seventeen ribonucleo-
tides have been polymerized1380 with crystallo-
graphic molecular models of complexes with 
unwound DNA on which only three1374 or eight1381 
ribonucleotides have been polymerized, the full 
induced fit resulting from the transition between 
initiation and elongation can be observed. A major 
rearrangement of the amino-terminal domain in 
the enzyme has caused it to close over the catalytic 
site, burying it in an internal cavity, and the confor-
mational change has also created a tunnel through 
which the elongating RNA emerges. In the active 
site, the messenger RNA peels away from the tem-
plate strand of the DNA into the tunnel so that as 
the elongation proceeds, there is always a hetero-
duplex of eight base pairs between the elongating 
messenger RNA and the template strand of the 

DNA.1380 All these induced fits explain the decrease 
in dissociation of the transcript. 
 In the crystallographic molecular model of the 
complex of DNA-directed RNA polymerase from 
Escherichia phage T7 with unwound DNA on which 
seventeen ribonucleotides have been polymerized, 
the bubble of DNA can be observed. At the down-
stream end of the bubble where the DNA is being 
unwound as elongation proceeds, an a helix "is 
wedged in the fork where the template and non-
template strands separate from the downstream 
duplex" and "serves to divert the direction of the 
nontemplate strand, promoting its separation from 
the template" as transcription proceeds.1380 This 
diversion by the a helix is a steric effect. Another 
a helix in the active site performs the same steric 
role in splitting the RNA from the template strand 
of the DNA after eight base pairs have formed in the 
heteroduplex. In the case of bacterial DNA-directed 
RNA polymerase, deletion mutants of the enzyme 
from T. aquaticus indicate that a loop of 14 amino 
acids protruding into the tunnel of the active site is 
responsible for splitting the RNA from the template 
strand of DNA.1382 In the active site of eukaryotic 
DNA-directed RNA polymerase, there are also steric 
hindrances at strategic positions in the active site 
that seem to be involved in unwinding the homo-
duplex of the DNA and the heteroduplex of the 
template and the elongating messenger RNA.1383 
 During elongation, DNA-directed RNA polymer-
ase is required to be perfectly processive. If the 
elongating complex of RNA and DNA within the 
bubble were to dissociate from the enzyme, its 
structure would be so peculiar that it would be 
unlikely to survive long enough to associate with 
another molecule of RNA polymerase. The incom-
pletely elongated messenger RNA associated in a short 
heteroduplex with the template would dissociate 
and become a free, incomplete strand of RNA in the 
cytoplasm, and the DNA would rewind to a com-
plete double helix. The best that could happen to 
the strand of RNA is that it would be quickly digested 
rather than translated. Even in this best case, the 
standard free energy expended at each step in its 
elongation, which on a total molar basis is consid-
erable, would be wasted. In the crystallographic 
molecular model of the complex between DNA-
directed RNA polymerase from Escherichia phage 
T7 and the elongating messenger RNA and the 
bubble of DNA, the burial of the active site, the 
strand of RNA passing through the tunnel and 
emerging from the other side into the solution, and 
the heteroduplex of eight base pairs connecting the 



Transfer of Substrates among Active Sites  
 

963 

RNA with the template strand of DNA,1380 acting 
together, firmly hold both the messenger RNA and 
the DNA, precluding the dissociation of either of 
these substrates and ensuring perfect processivity. 
 The enclosure of the bubble of DNA and the 
heteroduplex between the elongating messenger 
RNA and the template strand of DNA is even more 
complete during elongation catalyzed by eukaryotic 
DNA-directed RNA polymerase. An artificial sub-
strate was constructed for which two single strands 
of DNA, each 48 deoxyribonucleotides long, were 
synthesized. A duplex could be formed between the 
two strands with the 11 mispaired bases creating an 
artificial bubble of 11 deoxyribonucleotides in the 
middle, on either side of which all the bases were 
paired so that the bubble would be firmly anchored 
in the otherwise double-helical DNA. An RNA that 
was 30 nucleotides long was also synthesized, in 
which the first nine ribonucleotides from the 3¢ end 
were complementary to nine of the deoxyribonu-
cleotides in one strand of DNA in the bubble, but 
the remaining 21 ribonucleotides were not comple-
mentary to any sequence of nucleotides in the 
DNA. A heterotriplex was then formed with the two 
strands of DNA containing the bubble and the 
strand of RNA that mimicked an elongating RNA in 
a bubble of DNA (Figure 3-73A).1384,1385 This elabo-
rate analogue of the usual intermediate in the 
elongation of messenger RNA was then bound to 
the heterododecameric DNA-directed RNA polymer-
ase from Komagataella phaffii in the absence of the 
full complement of ribonucleoside 5¢-triphosphates 
that would promote elongation. Three of the ancil-
lary proteins normally required for elongation were 
added to ensure that the complete complex was 
formed. 
 In the molecular model produced by recon-
structive summation of electron microscopic imag-
es of the final complex of fifteen proteins and the 
artificial heterotriplex (Figure 3-73B),1384 the enzyme 
has closed around the analogue of the intermediate 
with the heteroduplex between eight of the nine 
complementary bases of RNA in the bubble of the 
otherwise double-helical DNA and its 3¢ end in the 
catalytic site. The double-helical DNA on either 
side of the artificial bubble, upstream and down-
stream, and the emerging single strand of RNA 
mimicking the elongating messenger RNA are each 
now enclosed in their respective tunnels of protein. 
There is little doubt that such an extensive enclosure 
ensures that the transcription is perfectly processive.

 The elongation of messenger RNA by DNA-
directed RNA polymerase from E. coli is a remarkably 
constant process. A poly(styrene) bead 0.5 mm in 
diameter was attached to the downstream end of a 
strand of double-helical DNA containing a promoter 
and a long coding sequence for the synthesis of 
messenger RNA. This DNA was introduced into a 
chamber, one wall of which was a coverslip coated 
with DNA-directed RNA polymerase from E. coli 
and within which there was a solution with all the 
ingredients needed for the synthesis of messenger 
RNA. Once in the chamber, the DNA was bound by 
the enzyme, transcription was initiated, and elon-
gation proceeded, pulling the bead toward the 
enzyme as the DNA was transcribed. The bead was 
then locked in an optical trap in such a way that the 
DNA was stretched taut by a constant force of 4 pN 
applied by the optical trap. The chamber was mechan-
ically translated so that while the DNA shortened as 
the downstream end entered the enzyme, the bead 
remained in the trap. Under the applied force, the 
rate at which elongation proceeded (12 ± 2 nucleo-
tides s-1) was remarkably constant over stretches of 
1000 nucleotides.1386 
 The diffusion of a molecule of DNA-directed 
RNA polymerase along double-helical DNA while it 
is searching for a promoter must be an unbiased 
random walk1372 because no standard free energy 
is provided at this stage. As the messenger RNA is 
elongated, however, a phosphate anhydride becomes 
a phosphate ester at each addition of a ribonucleotide. 
The resulting negative difference in standard free 
energy creates mechanical work pulling the tran-
script through the active site. Force can be applied 
to a poly(styrene) bead, 0.5 mm in diameter, in an 
optical trap attached to the downstream end of a 
strand of double-helical DNA that contains a pro-
moter and is bound to DNA-directed RNA poly-
merase from E. coli.1387 As the force on the bead is 
increased, rather than being caused to remain con-
stant by moving the chamber, the rate of elongation 
remains constant until a force equal to around 10 pN 
is applied, after which it declines to 0 over a range 
of applied forces from 10 to 20 pN.1388,1389 This 
result demonstrates that as the RNA is elongated, 
mechanical work is being applied by the enzyme to 
move the bubble and the elongating messenger 
RNA in the downstream direction. 
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Figure 3-73: Stereodrawing576 of a portion of the molecular 
model produced by reconstructive summation of electron 
microscopic images of DNA-directed RNA polymerase II from 
K. phaffii the active site of which has enclosed a heterotriplex 
of two strands of DNA and one strand of RNA.1384 The complete 
heterododecameric complex that forms the core of DNA-directed 
RNA polymerase II from K. phaffii, which had been genetically 
tagged by altering the DNA of the fungus encoding the protein 
to facilitate purification, was purified in high yield from cells of 
K. phaffii. All twelve subunits were present in the final complex 
in equimolar amounts.1385 Transcription elongation factors Elf1, 
TFIIS, and Spt5 from K. phaffii were expressed in and purified 
from cells of E. coli. Two segments of single-stranded DNA and 
a single segment of RNA were prepared synthetically. The three 
segments of nucleic acid were hybridized to form a heterotriplex 
(Panel A) by mixing them in equimolar amounts in 4 mM mag-
nesium acetate, 20 mM 2-amino-2-(hydroxymethyl)propane-
1,3-diol, and 150 mM potassium acetate at pH 7.5, heating to 
60 ªC for 2 min, and gradually cooling the mixture. The purified 
heterododecameric core of DNA-directed RNA polymerase, the 
elongation factors Spt5 and Elf1, and the annealed heterotri-
plex of DNA and RNA were mixed together at pH 7.5 and then 
passed over a molecular exclusion column to remove any uncom-
plexed heterotriplex, Spt5, and Elf1. The resulting complex was 
then mixed with elongation factor TFIIS and subjected to 
chemical crosslinking to stabilize the then-complete complex 
and purified a second time by molecular exclusion. A solution 
of the final purified complex in 0.1 mM tris(2-carboxyethyl)- 
 
 
 

phosphine, 1 mM zinc acetate, 20 mM 2-amino-2-(hydroxy-
methyl)propane-1,3-diol, and 150 mM potassium acetate, 
pH 7.5, was spread on a grid for electron microscopy, the film 
of solution was vitrified to form a solid of amorphous ice, and 
the vitrified sample was viewed by electron microscopy. A large 
collection of images of individual molecules of the complex 
(682,749) were each assigned orientations, and the images of 
the particles and their assigned orientation were the data set 
used to reconstruct a three-dimensional map of scattering 
density for the complex. This map was of high enough resolu-
tion to insert the polypeptides of the various subunits and 
elongation factors as well as the heterotriplex of DNA and RNA 
into the map and obtain a molecular model of the complete 
complex. A portion of that molecular model has been drawn 
and is presented in Panel B. Several of the subunits and elonga-
tion factors in the complete molecular model that were not 
near the heterotriplex of DNA and RNA are omitted from the 
drawing to increase its clarity, but all the portions of polypeptide 
adjacent to the DNA and RNA are included. The heterotriplex 
of DNA and RNA (thick lines) is presented in a line drawing of 
all its atoms. The dashed line connects two nucleotides in the 
noncoding strand of DNA in the bubble between which there 
was no scattering density. This missing sequence of five nucleo-
tides is underlined in Panel A. The polypeptide (thin lines) is 
represented by line segments connecting the a carbons in the 
sequences of amino acids. An animation of this complex can 
be downloaded at https://www.science.org/doi/full/10.1126/ 
science.aan8552 
 
 
 
 

 The free energy required to create this mechan-
ical work must come from the successive nucleo-
philic substitutions at phosphorus. Unlike in the 
case of DNA helicase PcrA, however, the creation of 
the mechanical work that permits the biased trans-
lation is not the result of a sequence of conforma-
tional changes tightly coupled to the hydrolysis of 
MgATP2- elsewhere in the protein; rather, it is 
occurring in the catalytic site each time a phosphate 
anhydride is replaced by a phosphate ester. Consider 
the situation just after a phosphodiester has formed 
in a kinetically irreversible nucleophilic substitution 
at phosphorus. The heterotriplex can now move in 
either direction, downstream or upstream. If it 
moves downstream (the undesired direction), a 
base pair between the messenger RNA and the 
template several base pairs upstream from the 
catalytic site, which had been broken during the 
process of splitting the messenger RNA from the 
template, re-forms; a base pair between the two 
strands of the upstream DNA, which had been 
re-formed during the process of re-forming the up-
stream duplex, is broken; and a base pair between 
the two strands of the downstream DNA, which 
were broken during the propagation of the bubble, 
re-forms. The sum of these three changes should 
be a negative change in standard free energy. If, 
however, the heterotriplex moves upstream (the 

desired direction), a base pair between the messenger 
RNA and the template is broken; a base pair between 
the two strands of the upstream DNA re-forms; and 
a base pair between the two strands of the down-
stream DNA breaks, but the next nucleotide can 
then be added to the elongating messenger RNA in 
a nucleophilic substitution at phosphorus that liber-
ates considerable standard free energy. The sum of 
these four changes should be a even greater nega-
tive change in standard free energy than occurs in a 
movement downstream and should create a ratchet 
that generates the observed mechanical work. 
 It should be noted, however, that this ratchet 
in no way guarantees processivity, which, as has 
been discussed, results from only prevention of the 
product of each nucleophilic substitution from disso-
ciating from the active site. From the behavior of 
the bead when the force has stopped transcription, 
it was concluded that the excess applied force pulls 
the DNA out of the entry tunnel on the DNA-directed 
RNA polymerase by about five to ten base pairs,1389 
but even this rather remarkable distortion has not 
caused the DNA to dissociate from the enzyme. 
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Chapter 4 

Transfer of Hydrons  

Hydron transfers are involved in almost all bio-
chemical reactions, and reactions homologous to 
those that occur in particular active sites can often 
be studied in free, aqueous solution. Hydron transfers 
are also involved in these homologous reactions 
when they proceed in solution. Water is chosen for 
the solvent because it is the solvent in which enzymes 
are usually dissolved and the solvent in which life 
has evolved. When a reaction that is the same as 
one that occurs in a particular class of active sites is 
studied in free solution, homologues of the metab-
olites normally participating in the enzymatic reaction 
are chosen because the actual metabolites usually 
have too many reactive functional groups else-
where in their structure. In an active site, the chemical 
reaction catalyzed by the enzyme is confined by the 
structure of the active site to only those functional 
groups directly involved in the mechanism. In free 
solution, however, functional groups that are not 
involved in the mechanism when the metabolite is 
in the active site would be involved in the reaction 
that is being observed as well as in undesired side 
reactions. The requirements for hydron transfers in 
such a homologous reaction are established and 
quantified systematically. 
 
 

General Acid Catalysis and General Base 
Catalysis 

 The chemical mechanism for a reaction in free 
solution homologous to one catalyzed in an active 
site usually requires that one or more hydrons be pro-
vided for one or more existing or incipient lone pairs of 
electrons and that one or more hydrons be removed 
from one or more pairs of electrons. Although mech-
anistic shorthand permits hydrons to be written as 
H+, there is no such thing in aqueous solution as a 
bare hydron. A hydron in aqueous solution either 
occupies one pair of electrons or is in the process of 
being transferred intimately and essentially instan-
taneously between two pairs of electrons. If a 
hydron is provided to a reactant, it is provided 
residing upon a pair of electrons in an acid. Most of 
the time, the acid, immediately before the transfer 

occurs, is the donor in a hydrogen bond to a lone 
pair of electrons that is the base receiving the hydron 
in that reactant. If a hydron is removed from a reac-
tant, it is removed by being transferred to the lone 
pair of electrons of a base. Most of the time, the 
lone pair of electrons on the base, immediately before 
the transfer occurs, is the acceptor for a hydrogen 
bond from the acid giving up the hydron in that 
reactant. The requirements for these acids and bases 
that participate in one of these reactions are 
demonstrated by studying systematically changes 
in rate of the reaction as a function of the pH of the 
solution and as a function of the concentrations of 
added acids and bases. 
  As the pH of a solution is decreased, the con-
centration of hydronium, an acid, increases. If the 
observed rate constant for a reaction proceeding in 
solution increases as the pH of the solution is 
decreased, in the absence of significant concentra-
tions of other added acids or bases, it is usually 
assumed that only the increase in the concentration 
of hydronium is responsible for the increase in rate 
because the only changes occurring in solution are 
the increase in the concentration of hydronium and 
a corresponding decrease in the concentration of 
hydroxide. Specific acid catalysis is the increase in 
the rate of a reaction due only to an increase in the 
concentration of hydronium. If the increase in rate 
is a linear function of the concentration of hydronium, 
the equation describing the behavior of the observed 
rate constant as a function of pH will contain the 
term kH+[H+] to account for this catalysis. 
 The existence of specific acid catalysis is estab-
lished by measuring the rate constant for the reaction 
at a series of different values of pH. Although one 
can use a device known as a pH stat to maintain a 
fixed pH as the reaction proceeds, the pH of the solu-
tion is usually held constant for each individual 
rate measurement by adding a buffer of sufficient 
strength to prevent any change in pH due to the 
reaction itself. If, however, the pH of the solution is 
maintained with a buffer, one must be aware that 
the buffer itself, because it is necessarily composed 
of an acid and its conjugate base, often affects the 
rate of the reaction (Figure 4-1).1 To correct for the 
effect of the buffer on the observed rate, the con-
centration of buffer is varied at constant pH, which 
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is established only by the ratio of the acid to the 
conjugate base in the buffer, and the value for the 
observed rate constant in the absence of buffer is 
obtained by extrapolation to zero concentration. 
For example, the observed pseudo-first-order rate 
constant kEE 

          (4-1) 

for hydrolysis of methyl enol ether 4-1 (EE) 

  (4-2) 

was measured at several values of pH and varying 
concentrations of the buffer potassium phosphate 
to estimate, by extrapolation, the behavior of the 
observed rate constant as a function of pH in the 
absence of any phosphate (Figure 4-1). Because the 
pseudo-first-order rate constants in the absence of 
buffer (intersections of the lines with the ordinate) 
increase as the pH decreases, specific acid catalysis 
is occurring. 
  As the pH of a solution is increased, the con-
centration of hydroxide, a base, increases. If the 
observed rate constant for a reaction proceeding 
in solution increases as the pH of the solution is 
increased, in the absence of significant concentrations 
of other added acids or bases, it is usually assumed 
that only the increase in the concentration of hydrox-
ide is responsible for the increase in rate because 
the only changes occurring in the solution are the 
increase in the concentration of hydroxide and the 
corresponding decrease in the concentration of 
hydronium. Specific base catalysis is the increase 
in the rate of a reaction due only to an increase in 
the concentration of hydroxide ions. If the increase 
in rate is a linear function of the concentration of 
hydroxide, the equation describing the behavior of 
the observed rate constant as a function of pH will 
contain the term kOH-[OH-] to account for this cataly-
sis. Although this term in an equation for an observed 
rate constant is mathematically symmetrical to the 
term kH+[H+], hydronium and hydroxide are chemi-
cally distinct. While a hydronium can only donate a   
 

 
 
Figure 4-1: Catalysis of the hydrolysis of methyl enol ether 4-1 
by phosphate anion at various values of pH.1 Solutions 
(0.4 mM) of the methyl enol ether 4-1 (EE) were prepared in 5% 
ethanol and 1 M KCl, with the noted concentrations of total 
phosphate as the potassium salts at the noted pH and 25 ªC. 
Hydrolysis of the methyl enol ether (Equation 4-1) was followed 
spectrophotometrically by the decrease in absorbance at 
230 nm from the vinyl ether and the increase in absorbance at 
280 nm from the ketone. In all instances, the hydrolysis was 
first-order with respect to the total concentration of methyl 
enol ether. The pseudo-first-order rate constant was obtained from 
each kinetic run by nonlinear least-squares analysis of the curves. 
These pseudo-first-order rate constants, kEE (second-1 ¥ 103), 
are plotted as a function of the total concentration of phosphate 
(molar) at a series of values for pH (noted to the right and above 
each respective line). 
 
 

 
hydron to a lone pair of electrons or an incipient 
lone pair of electrons, a hydroxide can either remove 
a hydron from a pair of electrons or participate in 
the reaction directly as a nucleophile. 
 A pH-rate profile is a plot of the observed rate 
constants for a reaction, each of which has been 
estimated by extrapolation to zero concentration of 
buffer, as a function of pH at constant temperature 
and ionic strength in the absence of significant 
concentrations of other added acids and bases besides 
the species of the buffer. A pH-rate profile is usually 
presented as the common logarithms of the observed 
rate constant for the reaction as a function of pH, 
which is the negative common logarithm of the 
concentration of hydronium. The pH-rate profile for 
hydrolysis of 4-nitrophenyl b-∂-N-acetyl-neuraminide 
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                     (4-3) 

shows specific acid catalysis at low pH, specific base 
catalysis at high pH, and a region between these 
extremes in which the rate of the reaction is cata-
lyzed by neither hydronium nor hydroxide (Figure 
4-2).2 The rate equation that describes this observed 
behavior is 

        (4-4) 

where [NAN] is the concentration of 4-nitrophenyl 
b-∂-N-acetylneuraminide, and the equation for the 
observed rate constant is 

   (4-5) 

where knon is the rate constant for the rate of the 
uncatalyzed reaction, the reaction catalyzed by neither 
hydronium nor hydroxide. At low pH, kNAN = kH+[H+] 
and the common logarithm of the observed rate 
constant as a function of pH has a slope of -1. At 
high pH, kNAN = kOH-[OH-] = kOH-Kw[H+]-1, and the 
common logarithm of the observed rate constant 
as a function of pH has a slope of +1. At intermedi-
ate pH, kNAN = knon, and the common logarithm of 
the observed rate constant as a function of pH has 
a slope of 0. The meaning of the uncatalyzed rate is 
usually unknown. One possibility, which is usually 
in the back of the investigator's mind, is that the 
rate is the result of catalysis by molecules of water, 
the concentration of which remains constant 
throughout the measurements, but this does not 
need to be the case. 
 Often, a pH-rate profile is complicated by an acid 
dissociation of one of the reactants. For example, 
unlike the rates of hydrolysis for acetals formed 
from aldehydes that have no acid–bases within 
themselves, which are directly proportional to the 
concentration of hydronium and a function of only 
the concentration of hydronium at all values of pH,3  

 
 
Figure 4-2: pH-Rate profile for the hydrolysis of 4-nitrophenyl 
b-∂-N-acetylneuraminide (Equation 4-3) at an ionic strength 
of 0.3 M and 50 ªC.2 Hydrolysis of 4-nitrophenyl b-∂-N-acetyl-
neuraminide (NAN) was monitored by following the appearance 
of 4-nitrophenol at a wavelength of 340 or 408 nm, depending 
on the pH of the solution. The buffers used, in the noted ranges 
of pH, were malonic acid, 2.10-3.19; succinic acid, 3.76-4.02; 
acetic acid, 4.46-5.36; 2-(N-morpholino)ethanesulfonate, 5.50-6.30; 
3-{[1,3-dihydroxy-2-(hydroxymethyl)propan-2-yl]amino}propane-
1-sulfonate, 7.00-8.20; and 3-(cyclohexylamino)propane-1-sulfo-
nate, 10.00-11.13. The pseudo-first-order increases in absorb-
ance were fit by a nonlinear least-squares program to obtain 
values for the pseudo-first-order rate constants. The common 
logarithms of these rate constants, kNAN (second-1), are plotted as 
a function of pH. The solid curve is the common logarithm of 
Equation 4-5 with kH+ = 0.025 M-1 s-1, knon = 2.7 ¥ 10-7 s-1, and 
kOH- = 9.7 ¥ 10-5 M-1 s-1. 
 
 
hydrolysis of the acetal of cis-cyclohexane-
1,2-dioland 4-(dimethylamino)benzaldehyde is inde-
pendent of the concentration of hydronium as long 
as the 4-dimethylamino group on the 4-(dimethyl-
amino)benzaldehyde participating in the acetal is 
hydronated and positively charged. As the pH is 
increased, however, and the 4-dimethylamino 
group becomes dehydronated, hydrolysis of the 
neutral acetal becomes directly proportional to the 
concentration of hydronium and a function of only 
the concentration of hydronium4 at all values of pH 
greater than its pKa. As long as the 4-dimethylamino 
group is hydronated, its positive elementary 
charge, relayed to the aldehyde carbon through the 
p molecular orbital system of the 4-(dimethylamino)-
phenyl group, prevents hydronation of one oxygen 
on that carbon in the acetal, a hydronation that is 
indispensable to the hydrolysis. 
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 The pH-rate profile of observed pseudo-first-
order rate constants for hydrolysis of N-acetylimid-
azole (AcIm) 

    (4-6) 

estimated by extrapolations to zero buffer concen-
tration, has regions in which the observed rate con-
stant increases with decreases in pH, regions in which 
it increases with increases in pH, and regions in 
which it is invariant with pH (Figure 4-3).5 The reac-
tant itself is not catalyzing the reaction, because at 
all values of pH the rate of the reaction is first-order 
in concentration 

         (4-7) 

where [AcIm]t is the total concentration of N-acetyl-
imidazole in all its forms at any time during the 
reaction. 
 The behavior of observed pseudo-first-order rate 
constants, kAcIm, for hydrolysis of N-acetylimidazole 
as a function of pH can be fully explained by the 
equation5 

                (4-8) 

where KaAcIm is the acid dissociation constant of 
N-acetylimidazole (pKaAcIm = 3.6) 

       
                (4-9) 

Because 

         (4-10) 

 
 
Figure 4-3: pH-Rate profile for the hydrolysis of N-acetyl-
imidazole5 at an ionic strength of 0.2 M and 25 ªC. N-Acetyl-
imidazole was added to a series of solutions adjusted to the 
noted values of pH with HCl (3) or buffered at the noted values 
of pH with sodium formate (2), sodium acetate (Í), sodium 
succinate (ˆ), imidazolium chloride (ò), or 2-ammonio-
2-(hydroxymethyl)propane-1,3-diol chloride (fi). The ionic 
strength was maintained by adding the appropriate concentration 
of sodium chloride. The progress of each reaction was followed 
by the decrease in absorbance at 245 nm resulting from the 
loss of N-acetylimidazole. All reactions were first-order in 
N-acetylimidazole, and pseudo-first-order rate constants were 
obtained by plotting the common logarithm of the extent of 
the reaction as a function of time. The values for the pseudo-
first-order rate constants at each pH were extrapolated to zero 
buffer concentration. The common logarithms of the estimated 
pseudo-first-order rate constants in the absence of buffer, kAcIm 
(second-1), are plotted as a function of the pH. The solid curve is 
the common logarithm of Equation 4-8 with kH+ = 186 M-1 s-1, 
knon = 0.000083 s-1, kOH- = 317 M-1 s-1, and KaAcIm = 10-3.6 M. 
 

                  (4-11) 

where [AcIm] is the concentration of the conjugate 
base of N-acetylimidazole (Equation 4-9). 
 In the case of enolization of mandelic acid (MAH) 

        (4-12) 
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the rate of the reaction is also first-order in the 
concentration of reactant  

            (4-13) 

The equation that describes the behavior of the rate 
constant for enolization as a function of pH is6 

                  (4-14) 

where KaMAH is the acid dissociation constant for 
the carboxy group of mandelic acid 

     (4-15) 

Because the concentration of the neutral conjugate 
acid of mandelic acid 

          (4-16) 

where [MAH]t is the total concentration of unenolized 
mandelic acid, which is the sum of the concentra-
tions of neutral conjugate acid, [MAH], and carbox-
ylate anion, [MA-] 

 
                       (4-17) 

In this instance, only the concentration of the con-
jugate acid of the reactant appears in the rate equa-
tion, rather than only the concentration of the 
conjugate base of the reactant, as in the case of 
N-acetylimidazole (Equation 4-11).  

 The equation that describes the behavior of 
the rate for hydrolysis of the enol ether 2-methoxy-
acrylic acid 

   
                  (4-18) 
as a function of pH is 

 
                       (4-19) 

where [EE]t is the total concentration of 2-methoxy-
acrylic acid, both its conjugate acid and its conjugate 
base, and KaEEH is the acid dissociation constant for 
2-methoxyacrylic acid (pKa = 3.39).7 Again, only the 
concentration of the conjugate acid appears in the 
rate equation. 
  It is often observed that addition of an acid–
base to the solution, such as dihydrogen phosphate 
monoanion and its conjugate base, hydrogen 
phosphate dianion (Figure 4-1), increases the rate 
constant of a reaction. General acid–base catalysis 
is the increase in the rate of a reaction due only to 
an increase in the concentration of an added acid–
base to the solution. 
 Because it is impossible to add an acid to water 
without simultaneously producing its conjugate 
base or to add a base without simultaneously produc-
ing its conjugate acid, it must be established which 
of the two forms is responsible for the acceleration 
observed. This decision is reached by using the 
conjugate acid and conjugate base in constant ratio 
as the buffer. As the total concentration of the acid–
base is increased at constant ratio of conjugate acid 
to conjugate base and consequently at constant 
pH, the pseudo-first-order rate constant for the reac-
tion increases (Figures 4-1 and 4-4)1,8,9 if general 
acid–base catalysis is occurring. 
 If the rate constant for the reaction increases 
linearly with the concentration of buffer at constant 
pH, the behavior can be described by the equation 
for the observed rate constant at a particular pH 
and concentration of buffer 
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Figure 4-4: Determination of the rate constants for general acid 
and general base catalysis of the hydrolysis of formaldehyde 
ethyl hemiacetal (Equation 4-23) by chloroacetate buffers at 
an ionic strength of 1.0 M and 25 ªC.8 The ethyl hemiacetal of 
formaldehyde (HAF) was formed by mixing formaldehyde with 
anhydrous ethyl alcohol and allowing the mixture to stand for 
3 h before use. Formaldehyde ethyl hemiacetal was added to a 
final concentration of 0.1 mM to solutions of 1.00 M KCl con-
taining the noted total concentration of chloroacetic acid and 
potassium chloroacetate mixed in the ratios 70:30, 30:70, and 
5:95 to give the fractions of acid in the buffer noted to the right 
of each line. Hydrolysis of the ethyl hemiacetal of formaldehyde 
was followed by trapping the formaldehyde produced with thio-
semicarbazide (0.01 M). The increase in absorbance at 275 nm 
due to formation of the thiosemicarbazone was followed with 
time. For each individual run, pseudo-first-order rate constants 
were obtained from the slopes of plots of ln (A275 – A•275) against 
time. The pseudo-first-order rate constants, kHAF (second-1 ¥ 103), 
are plotted as a function of the total molar concentration of 
chloroacetate anion plus chloroacetic acid (molar). The slopes 
of these lines, kgen (molar-1 second-1 ¥ 103; Equation 4-20), are 
plotted (Equation 4-21) in the inset as a function of the fraction 
of total chloroacetate that was chloroacetic acid (fraction acid). 
 

 

 

 

 

            (4-20) 

where kpH is a macroscopic rate constant containing 
the terms for specific acid catalysis, no catalysis, 
and specific base catalysis (Equation 4-5) and kgen 
is the macroscopic rate constant for general acid–
base catalysis reflecting the effects of the added acid 
and its conjugate base. Its kinetic order is one greater 
than that of the observed rate constant. This linear 
behavior states that the term kgen[buffer]t produc-
ing an increase in the rate constant results from a 
reaction the transition state of which is composed 
of the reactant and the conjugate acid of the buffer 
or from a reaction the transition state of which is 
composed of the reactant and the conjugate base of 
the buffer or from both of these reactions proceeding 
simultaneously. In other words, the acid or the base 
or both of them, when they participate directly in the 
reaction, cause it to proceed more rapidly. 
 If the ratio between the acid and the base in 
the buffer is changed, and inescapably the pH as 
well, and the experiment is repeated, the slope of 
the line will usually change (Figures 4-1 and 4-4). 
If the slope of the line, and hence the rate constant 
kgen, increases as the ratio between acid and base is 
increased, the conjugate acid of the buffer is a more 
important participant in catalysis (Figures 4-1 and 
4-4) than its conjugate base. If the slope of the line 
decreases, the conjugate base of the buffer is a more 
important participant than its conjugate acid. 
 The term kgen[buffer]t is itself often a sum of 
two separate terms 

        (4-21) 

where HN(+) is the conjugate acid and ”N(-) is the 
conjugate base of the buffer. Numerical values for 
the two rate constants in this equation are obtained 
by extrapolation. If kgen is plotted as a function of 
the fraction of the total buffer that is the conjugate 
acid, the extrapolated value of the rate constant for 
the point at which all the buffer is the conjugate 
acid, [buffer]t = [HN(+)] and [”N(-)] = 0, is the rate 
constant kga and the extrapolated value of the rate 
constant for the point at which all the buffer is the 
conjugate base, [buffer]t = [”N(-)] and [HN(+)] = 0, is 
the rate constant kgb (inset to Figure 4-4). If reac-
tants, other than the general acid–base of the buffer, 
contain no acid–bases themselves with values of 
pKa within the range of pH studied (see Equations 
4-8 and 4-14), then Equations 4-5, 4-20, and 4-21 
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can be combined to obtain a general expression 
for acid–base catalysis 

  
                  (4-22) 

 In each particular reaction, the two terms in 
Equation 4-22 governing the particular general acid–
base catalyst have relative degrees of importance 
reflected in numerical values for the respective 
rate constants. Decomposition of the ethyl hemi-
acetal of formaldehyde (EHF) 

  
                    (4-23) 

in a solution buffered with potassium chloroace-
tate at 25 ªC (Figure 4-4)8 has an observed pseudo-
first-order rate constant kEHF, the equation for 
which  

   
                          (4-24) 

contains two terms of similar magnitude, one 
directly proportional to the concentration of chloro-
acetic acid, [ClCH2COOH] (kga = 20 ¥ 10-3 M-1 s-1), 
and the other directly proportional to the concen-
tration of chloroacetate anion, [ClCH2COO-] 
(kgb = 2 ¥ 10-3 M-1 s-1). Similar results were observed 
for catalysis of the dehydration of acetaldehyde 
hydrate by potassium acetate buffers at 25 ªC 
(kga = 290 ¥ 10-3 M-1 s-1, kgb = 50 ¥ 10-3 M-1 s-1).9 
Hydrolysis of methyl enol ether 4-1 (Equation 4-2), 
however, has a pseudo-first-order rate constant the 
equation for which, within experimental error, con-
tains no term that is directly proportional to the 
concentration of the conjugate base of the phos-
phate buffer, [HOPO3

2-], even though it contains a 
term that is directly proportional to the concentra-
tion of the conjugate acid of the phosphate buffer, 
[HOPO3H-] (Figure 4-1). Hydrolysis of N-acetyl-
imidazole (Equation 4-6), in a solution buffered 
with imidazole, has a pseudo-first-order rate con-
stant the equation for which, within experimental 
error, has no term directly proportional to the con-

centration of the cationic conjugate acid of imidazole, 
[H2Im+], even though it contains a significant term 
directly proportional to the concentration of the 
neutral free base of imidazole, [HIm].10 
 The term kgen[buffer]t can also be the sum of 
three terms11 

 
                  (4-25) 

instead of two (Equation 4-21), so that the general 
expression becomes 

                  (4-26) 

In this case, the observed rate constant is a nonlinear 
function of the total concentration of buffer. Because 
the term kgab[HN(+)][”N(-)] is directly proportional 
to the square of the total concentration of buffer, 
Equation 4-26 is quadratic in the total concentration 
of buffer and the curves are parabolic. The three indi-
vidual general acid–base rate constants are obtained 
by fitting the data for several different buffer ratios 
with Equation 4-26 by nonlinear least squares 
analysis. 
 Each term in the equation for the observed 
rate constant (Equation 4-22 or 4-26), because it 
appears as the participant in a sum, refers to an in-
dependent route between reactants and products 
through a different transition state. If it has been 
observed that a term in the observed rate constant 
proportional to the concentration of the conjugate 
acid of the buffer, or the conjugate acid of any other 
added acid–base, kga[HN(+)], is significant, then the 
path represented by this term is referred to as general 
acid catalysis. If it has been observed that the term 
in the observed rate constant proportional to the 
concentration of the conjugate base of the buffer, 
or the conjugate base any other added acid–base, 
kgb[”N(-)], is significant, then the path represented 
by this term is referred to as general base catalysis. 
 So far, only unimolecular reactions have been 
discussed. If the reaction is a bimolecular reaction 

            (4-27) 
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for which the rate is directly proportional to concen-
trations of reactant A and reactant B and if the 
reaction is susceptible to specific acid, specific base, 
general acid, and general base catalysis, then the 
equation for the rate of the reaction is defined by 
the relation 

                  (4-28) 

 This equation contains a termolecular term in-
volving the concentration of the general acid and a 
termolecular term involving the concentration of 
the general base. A termolecular collision is almost 
never involved in the mechanism of a chemical 
reaction. Consequently, in a bimolecular reaction, 
in which two molecules must collide to form prod-
uct, it is probably never the case that those two 
molecules and a general acid or a general base that 
is catalyzing the reaction collide simultaneously. A 
bimolecular reaction is catalyzed by a general acid 
or a general base because the conjugate base of one 
of the two reactants participating in the reaction is 
already pre-associated with the acceptor for a hy-
drogen bond from that general acid or the conju-
gate acid of one of the two reactants participating 
in the reaction is already pre-associated with the 
donor of a hydrogen bond to that general base, respec-
tively, before two molecules of reactant collide. The 
rate of the reaction is directly proportional to the 
molar concentration of a general acid or general 
base that is catalyzing it because the concentration 
of the hydrogen bond in the pre-association be-
tween the one molecule and the general acid or 
base is directly proportional to the molar concentra-
tion of the acid or base. It is these complexes that 
participate in a productive collision and the result-
ing transition state that is responsible for that rate 
constant. 
 There are many reactions that seem to display 
neither general acid catalysis nor general base catalysis 
even though their rates are functions of the pH of 
the solution. For example, the pseudo-first-order 
rate constant, kFA, for hydrolysis of formaldehyde 
acetal 4-2 (FA) 

  
                  (4-29) 

was unaffected by the concentration of buffer (sodium 
formate), but the pseudo-first-order rate constant 
was directly proportional to the concentration of 
hydronium.12 The relation at 56 ªC at an ionic 
strength of 1.0 M in H2O is 

          (4-30) 

In this case, as in the hydrolysis of most acetals and 
ketals, the rate constant for the reaction is a function 
only of the concentration of hydronium, it remains 
proportional to the concentration of hydronium 
even at relatively high values of pH, and it is unaf-
fected by addition of any other acids or bases to the 
solution.3 
 As such, hydrolysis of an acetal serves as an 
example of a reaction that displays specific acid ca-
talysis. Specific acid catalysis is the increase in the 
rate of a reaction produced by decreasing the pH 
when no general acid catalysis can be observed. 
Specific base catalysis is the increase in the rate of 
a reaction produced by increasing the pH when no 
general base catalysis can be observed. The fact that 
these terms have negative definitions makes them 
always equivocal. It is always possible that general 
acid–base catalysis, although it exists, has simply 
not yet been observed.  
 
 The observed behavior of the rate of a particular 
reaction as a function of pH and the concentration 
of general acids and bases is the basis for descrip-
tions of the participation of hydron transfers in 
the mechanism of that reaction. Although the point 
was not made at the outset, it should be empha-
sized now that, as with any set of kinetic measure-
ments, observations must be clearly distinguished 
from interpretation of those observations. All the 
dissection discussed so far is concerned with fitting 
the data to phenomenological equations that simply 
organize what has been measured without any 
attempt to explain what is observed. Rate equations 
that have been presented are formal descriptions of 
the observed behavior of the rate of a reaction as a 
function of pH and concentrations of general acids 
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and general bases, and they have intentionally 
avoided any implication of mechanisms that can 
explain these observations. Even though no mech-
anisms were proposed, nevertheless one's intuition 
intrudes. For example, one might think that general 
acid catalysis must involve the conjugate acid of the 
buffer pair and general base catalysis the conjugate 
base. Such intuitions can often be misleading and 
should be suppressed. 
 Kinetics are able to rule out mechanisms that 
are inconsistent with the observations, but kinetics 
can never prove a mechanism. As was the case with 
steady-state kinetics, all that can be concluded is that 
a mechanism proposed by the investigator is consis-
tent with the observations. What follows describes 
how mechanistic proposals are shown to be con-
sistent with the observations. 
 In the case of pH-rate behavior in the absence 
of general acids and general bases, mechanistic 
inferences are made by rearranging each term that 
appears in the rate equation describing the observed 
behavior. In the rearrangements, each term in the 
observed rate equation is converted into a form in 
which appear explicitly the concentrations of each 
species proposed by the investigator to be partici-
pating in an encounter complex. The investigator, 
on the basis of her intuition as to what is responsible 
for the catalysis observed or other observations 
that do not rely on kinetics, formulates a molecular 
description of the mechanism of the reaction that 
involves a certain collection and orientation of par-
ticular participants in the transition state for the 
rate-limiting step in the reaction. An encounter 
complex is a complex of all the necessary molecular 
participants in the transition state for the production 
of an intermediate or product, which have been 
assembled together at an encounter-controlled rate. 
Most of the time, the participants dissociate before 
a transition state forms, except in the case of an 
encounter-controlled reaction. The fact that a rear-
rangement of one term in the observed rate equation 
can be made so that it involves all these participants 
and only those participants in the encounter complex 
demonstrates that the proposed transition state for 
the reaction governed by that term is consistent 
with the observations. 
 For example, in the case of ketonization of vinyl 
alcohol (VA) 

          (4-31) 

for which the pH-rate profile is defined by Equa-
tion 4-5,13 the term kOH-[OH-][VA] in the observed 
rate equation is consistent with the existence of 
hydrogen-bonded encounter complex 4-3 

 

on the trajectory to a transition state in which a hydron 
is being removed from the hydroxy group of the vinyl 
alcohol (pKa = 10.5; Figure 1-23) by a hydroxide to 
form the enolate. The term kH+[H+] in Equation 4-5 
is equal to the term k¢H+[H+][H2O] because the con-
centration of water was constant during the meas-
urements. This latter term is consistent with the 
encounter complex 4-4 on the trajectory to a tran-
sition state in which a hydron is being added to the 
p molecular orbital system of the vinyl alcohol while 
a molecule of water forming a hydrogen bond to 
the hydroxy group is accepting its hydron. The 
term knon[VA] can be rearranged to 

          (4-32) 

where Kw is the water constant. This rearrangement 
of this term in the rate equation is consistent with 
an encounter complex on the trajectory to a transition 
state in which a hydron from a hydronium is being 
added while a hydron is being removed from the 
vinyl alcohol 

 

by a hydroxide. Each rearrangement of the terms 
demonstrates only that the respective proposed 
encounter complex is consistent with the observed 
behavior. 
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      (4-33) 

where k¢H+ = kH+[H2O]-1, k¢OH- = kOH-[H2O]-1, and 
k¢2OH- = k2OH-[H2O]-1, which are constants as long 
as the concentration of water is unchanged. These 
rearrangements are consistent with the existence of 
three encounter complexes 

 

in three respective mechanisms, each on a trajecto-
ry to a unique transition state for the enolization. 
Each trajectory would dominate in a different re-
gion of pH. 
 Another aspect of the importance of distin-
guishing clearly between observation and explana-
tion is the fact that there are almost always several 
explanations for the observation of specific acid 
catalysis, specific base catalysis, general acid cataly-
sis, or general base catalysis. For example, the terms 
in the rate equation for the kinetic mechanism for 
hydrolysis of N-acetylimidazole (Equation 4-11) 
can be rearranged as the analogous terms were in 
Equation 4-33, and the rearranged rate equation 

  
                      (4-34) 

is consistent with the existence of three encounter 
complexes 

 

on the trajectories to three respective transition states. 
The first two encounter complexes themselves, 
however, can also be rearranged so that, in each 
case, the hydronium is hydronating nitrogen 3 of 
the imidazolyl group rather than the acyl oxygen. 
These two additional encounter complexes are also 
consistent with the observations. 
 The rate equation (Equation 4-11), however, can 
also be rearranged to 

   
                  (4-35) 

where k¢ ¢H+ = kH+[H2O]-2. The first two terms in this 
latter rearrangement are consistent with the exist-
ence of the encounter complexes 

 

on the respective trajectories to different transition 
states. The fact that all these encounter complexes 
are consistent with the observations illustrates that 
a mechanism cannot be proven by a rate equation 
alone. In addition, as all the foregoing examples illus-
trate, any number of molecules of water can be added 
to the encounter complexes. 
 The terms in rate equations for general acid–
base catalysis can also be rearranged to show that 
a proposed encounter complex is consistent with 
the observations. For example, the hydrolysis of ethyl 
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dichloroacetate, C2H5OCOCHCl2, in a solution buff-
ered by 2-amino-2-(hydroxymethyl)propane-1,3-diol 
(Tris) has a pseudo-first-order rate constant that, 
within experimental error, has no term proportional 
to the concentration of the conjugate acid of 2-amino-
2-(hydroxymethyl)propane-1,3-diol (TrisH+) even 
though it has a term proportional to the concentration 
of free base14 In the rate equation for the reaction, 
however, this term containing the concentration of 
free base can be rearranged in two equivalent ways 

  
                  (4-36) 

where kAgb is kgb[H2O]-1, KaTrisH+ is the acid dissociation 
constant of the conjugate acid TrisH+ (KaTrisH+ = 8.1), 
and KaH2O is the acid dissociation constant of water 
(pKaH2O = 15.74). The first rearrangement in Equa-
tion 4-36 implies that the free base of the catalyst, a 
molecule of the ester, and a molecule of water form 
the encounter complex on the trajectory to the 
transition state. The second rearrangement in 
Equation 4-36 implies that a molecule of the cationic 
conjugate acid of the catalyst, a molecule of the ester, 
and a hydroxide form an encounter complex on the 
trajectory to the transition state. At least three different 
arrangements of constituents 

 

within the encounter complex are consistent with the 
two rearrangements in Equation 4-36.14 In each 
case, the encounter complex is formed in a bimolec-
ular reaction because two reactants participate in a 
preexisting hydrogen bond. 
 To decide among the various alternatives for 
both the observed pH-rate behavior in the absence 

of general acid–base catalysis and any general acid–
base catalysis, other independent experiments 
must be performed. For example, from the results 
of more extensive studies, it was concluded8 that the 
term directly proportional to the concentration of the 
general acid catalyst chloroacetic acid, [ClCH2COOH], 
in the pseudo-first-order rate constant (Equation 
4-24) for decomposition of the ethyl hemiacetal 
of formaldehyde (Equation 4-23) arose from the 
encounter complex 4-17 

 

while the term directly proportional to the concen-
tration of the general base catalyst chloroacetate 
anion, [ClCH2COO-], arose from the encounter 
complex 4-18. Ironically, in this instance, contrary 
to one's immediate intuition, it was concluded that 
neither term referred to the most straightforward 
possibility. 
 The rate equation for hydrolysis of 2-methoxy-
acrylic acid (Equation 4-19) can be rearranged to  

  
                       (4-37) 

where, as before, EEH is the conjugate acid 2-meth-
oxyacrylic acid and EE- is the conjugate base. The 
two terms in this rearrangement are consistent 
with the existence of the respective encounter 
complexes 

 

That these two encounter complexes account for all 
the hydrolysis is consistent with other observations. 
Encounter complex 4-19 is that of a hydron with the 
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neutral enol ether, and encounter complex 4-20 is 
that of a hydron with the anionic conjugate base of 
the enol ether. 
 The pH-rate profile for hydrolysis of 2-methoxy-
acrylic acid7 decreases rapidly as the pH of the solution 
decreases until it levels out to a plateau above pH 0. 
The rate of hydrolysis is then independent of pH 
until the pH is increased above the pKa for the carboxy 
group (pKa = 3.39), when it then decreases by a factor 
of 10 for every increase of one unit of pH. Encounter 
complex 4-20 is essentially a tautomer of the neutral 
conjugate acid of the enol ether, EEH, and a mole-
cule of water. The equilibrium between any two 
tautomers is always independent of pH, so in the 
range of pH from 0 to 3, where the rate of hydrolysis 
is independent of pH, this tautomer accomplishes 
it, and above a pH of 3.39, the decrease in rate is 
the direct result of the decrease in the concentration 
of this encounter complex. It follows that at all values 
of pH greater than 0, encounter complex 4-20 
accounts for all the hydrolysis. In this range of pH, 
it was concluded that the mechanism of hydrolysis 
is 

                       (4-38) 

Hydronation of the conjugate base of 2-methoxy-
acrylic acid (the second step), because it is a hydro-
nation of carbon, is the slow, rate-limiting step in the 
reaction and forms an actual, zwitterionic tautomer 
of the neutral conjugate acid. This mechanism is 
the relevant version of the established mechanism 
for hydrolysis of enol ethers,15 in which distal hydro-
nation of the carbon–carbon bond initiates hydrolysis. 
 The two encounter complexes 4-19 and 4-20 
differ from each other only in the state of hydrona-
tion of their carboxy groups. Because the rate of the 
reaction remains the same from pH 0 to pH 3, it must 
be the case that the rate constant for hydronation 
of the anionic conjugate base of 2-methoxyacrylic 
acid at carbon 3 is much greater than the rate constant 
for hydronation of the neutral conjugate acid. From 
the pH-rate profile, it could be calculated that these 
two rate constants differ by a factor of 1300. This 

difference is reasonable. The carbon of a neutral 
carboxy group bears significant positive charge 
because of electron withdrawal by the two oxygens, 
and this positive charge would destabilize the oxo-
carbenium ion that is the intermediate in both hydro-
nations, while the carbon of a carboxylato group 
bears far less positive charge because it is anionic.  
 All hydrons present in the species the concen-
trations of which participate in one of the original 
or rearranged terms in the rate equation are present 
in the actual encounter complex that gives rise to 
that term. As was the case with the encounter complex 
for hydrolysis of 2-methoxyacrylic acid, however, 
all other tautomers of each encounter complex in 
which all these hydrons are present but are in differ-
ent locations is also consistent with the same term 
in the observed rate equation. This ambiguity arises 
from the simple fact that tautomeric equilibria are 
independent of pH. Consequently, the observed 
rate equation can make no distinction among the 
tautomers of a particular encounter complex, so every 
tautomer of every encounter complex consistent 
with a term in the rate equation is a valid candidate 
for the actual encounter complex. 
 The term for concerted general acid–base catal-
ysis, kgab[HN(+)][”N(-)], that appears in some rate 
equations (see Equations 4-25 and 4-26) for the 
observed rate constant as a function of the concen-
tration of buffer can also be used to support a partic-
ular mechanism. For example, the observed rate 
equation for the enolization of cyclohexanone, CyH, 
in buffers of sodium acetate at 25 ªC and an ionic 
strength of 2.0 M has a term 4.8 ¥ 10-7 M-2 s-1 
[HOAc][OAc-][CyH],11 where HOAC is acetic acid and 
OAc- is acetate. This term is believed to represent 
the encounter complex 

 

on the trajectory to a transition state in which a hydron 
is being added to the carbonyl oxygen of cyclohex-
anone while a hydron is being removed from its 
a carbon. In this instance, because a hydrogen 
bond probably cannot form between a carbon–
hydrogen bond and a base, the hydrogen bond that 
preexists the encounter complex is that between 
the acetic acid and the carbonyl oxygen. 

COOH

OCH3

H

H
COO–

OCH3

H

H
H

COOH

O

H

H
HCOOH

H

H
H

OCH3HO

COO–

OCH3

H

H

HOCH3

H2O

H 

+

H2O
(

H2O1

Æ 1

Æ
fast

fast

slow

tautomer

O
CH3

O

H H
O

O

CH3O

“
:

H

“

““““
“ “

)
:

:

4  – 21



General Acid Catalysis and General Base Catalysis 
 

1049 

 The distinction between observation and expla-
nation is also critical when considering specific acid 
or specific base catalysis because there are always 
two different kinetic mechanisms that can explain 
these observations. A pre-equilibrium may occur 
that involves association of a hydron with or disso-
ciation of a hydron from one of the reactants in a 
normal acid dissociation followed by a rate-limiting 
step involving bond-breaking or bond-making. Alter-
natively, hydronium may participate as a general 
acid or hydroxide may participate as a general base 
within the encounter complex. In many reactions, 
only the conjugate base or only the conjugate acid 
of one of the reactants participates significantly. 
Because acid–base reactions are so rapid, the equi-
librium between the actual reactive species and its 
unreactive conjugate acid or its unreactive conju-
gate base can be established rapidly prior to a rate-
limiting step that does not involve any hydron 
transfers in the transition state. 
 For example, one explanation for the observation 
of specific acid catalysis in the hydrolysis of formal-
dehyde acetal 4-2 would be that hydronation of 
one acetal oxygen in a rapid, normal acid–base 
equilibrium necessarily precedes the rate-limiting 
breaking of the bond between the carbonyl carbon 
and that oxygen, resulting in the departure of the 
consequently improved leaving group 

                  (4-39) 

Because the concentration of the hydronated acetal 
should be directly proportional to the concentration 
of hydronium at values of pH significantly greater 
than the pKa for the oxygen, which should be less 
than -3, this mechanism involving a pre-equilibrium 
rather than specific acid catalysis is nevertheless 
consistent with the observation of specific acid catal-
ysis (Equation 4-30). 
 Originally, it was hoped that the distinction 
between general acid–base catalysis and specific 
acid–base catalysis could be used to distinguish a 
mechanism with a pre-equilibrium from a mech-
anism in which a hydron must be transferred to or 

from a reactant in the transition state of the rate-
limiting step. It was supposed that if general acid–
base catalysis could not be observed but the reac-
tion displayed specific acid catalysis or specific 
base catalysis, then the mechanism must involve a 
pre-equilibrium. Unfortunately, an alternative expla-
nation that is also consistent with the observation 
of specific acid catalysis or specific base catalysis is 
that the encounter complex for the rate-limiting 
step does contain either a hydronium or a hydroxide, 
respectively, that donate or remove a hydron in the 
transition state of the rate-limiting step in the role 
of a general acid or a general base, but that general 
acid catalysis performed by hydronium inescapably 
present in the solution or general base catalysis 
performed by the hydroxide inescapably present in 
the solution is simply so much more effective that 
catalysis by other acids and bases cannot be observed. 
In this alternative explanation, the reaction is in 
fact susceptible to general acid–base catalysis, but 
it simply cannot be detected at the concentrations 
of general acids and bases usually examined. An 
understanding of this imbalance between hydroni-
um and other general acids or between hydroxide 
and other general bases requires an understanding 
of the relevant Brønsted relations.  
 Another issue related to the decision between 
a acid–base pre-equilibrium and general acid catalysis 
by hydronium or general base catalysis by hydroxide 
is that of the relative magnitudes of the observed 
rates of general acid or general base catalysis and 
the rate of the same reaction in the absence of any 
added acid or base. Even when general acid–base 
catalysis is observed, it rarely results in increases in 
rate of more than about a factor of 10 at concentra-
tions of buffer less than 1.0 M (Figures 4-1 and 
4-4). Specific acid–base catalysis can simply be 
viewed as the extreme where the magnitude of 
general acid–base catalysis is so small that it cannot 
be detected experimentally above the rate of the 
reaction in the absence of added acid–bases. Because 
general acid–base catalysis is usually unremarkable, 
and may often be undetectable, the impression 
might be left that such catalysis may be expendable 
in enzymatically catalyzed reactions. To under-
stand the fallacy of this impression as well as the 
conundrum of the alternative kinetic explanations 
for the observation of specific acid–base catalysis, 
the reasons that general acid–base catalysis is so 
unremarkable when reactions are performed in 
aqueous solution must be appreciated. Again, the 
basis of this appreciation is a Brønsted relation.  
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 The Brønsted relation for general acid–base 
catalysis is a function that relates the rate constants 
or common logarithms of the rate constants for 
general acid catalysis to the acid dissociation 
constants or values of pKa for the catalysts or that 
relates the rate constants or common logarithms 
of the rate constants for general base catalysis to 
the acid dissociation constants or values of pKa for 
the conjugate acids of the catalysts. 
 Suppose that a term in the rate equation for a 
particular reaction has been designated as the result of 
general acid catalysis because that term is directly 
proportional to the concentration of the conjugate 
acid of the buffer in the expression for the observed 
rate constant, and a series of acids, all with the 
same type of atom with the same formal elementary 
charge on which the acidic hydron or hydrons are 
situated, is chosen for buffering. The Brønsted relation 
usually observed is  

          (4-40) 

where kga is the observed rate constant for that term, 
p and q are integers, and log GA is a parameter. The 
other parameter, a, is the Brønsted coefficient for 
general acid catalysis. The term kga/p is the observed 
general acid rate constant divided by the number 
of equivalent hydrons, p, on the general acid. This 
division yields the rate constant in terms of the molar 
concentration of acidic hydrons rather than the molar 
concentration of the general acid itself. The term 
qKa/p is the acid dissociation constant of the respec-
tive general acid, Ka, corrected statistically16 for the 
number of equivalent hydrons on the general acid, 
p, and the number of equivalent lone pairs on its 
conjugate base, q. After this correction, the dissoci-
ation constant of the respective buffer is expressed 
in terms of the molar concentrations of individual 
hydrons on the conjugate acid and on the conjugate 
base. 
 If log(kga/p) is plotted as a function of pKa + 
log(p/q), a linear relation is usually observed with a 
slope of -a. For example, when a series of acids 
were chosen as general acid catalysts for the cleavage 
of N-(4-nitrophenyl)carbamate 

      (4-41) 

rate constants of the respective terms for general acid 
catalysis observed for the several catalysts were 
related to values of pKa for the acids by a Brønsted 
relation (Equation 4-40) with a = 0.84 (Figure 4-5A).17 
The points for oxygen acids, in which the formal 
charge number on the oxygen bearing the hydron 
was 0, and the points for nitrogen acids, in which 
the formal charge number on the nitrogen bearing 
the hydron was +1, defined two distinguishable lines 
of the same slope, a fact demonstrating that acids 
with the same atom to which the hydron is attached 
and which bears the same formal elementary charge 
usually should be chosen as the buffers. 
 Likewise, suppose that a term in the rate equa-
tion for a particular reaction has been designated 
as the result of general base catalysis because that 
term is directly proportional to the concentration 
of the conjugate base of the buffer in the expression 
for the observed rate constant, and a series of bases 
all with the same type of atom with the same formal 
elementary charge on which the basic lone pair or 
the basic lone pairs of electrons are situated is chosen 
for buffering. The Brønsted relation usually observed 
is 

            (4-42) 

where kgb is the observed rate constant for that 
term, log GB is a parameter, and Ka is the acid dissoci-
ation constant of the conjugate acid of the catalytic 
general base comprising the buffer. The other param-
eter, b, is also referred to as a Brønsted coefficient. 
The integers p and q serve the same purpose as before. 
The rate constant for general base catalysis is divided 
by the numbers of equivalent lone pairs q to yield 
the rate constant in terms of the molar concentration 
of those lone pairs rather than the molar concen-
tration of the general base. General base catalysis 
by a series of oxygen bases of the dissociation of 
4-methoxyacetophenone bisulfite  
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Figure 4-5: Brønsted plots for general acid catalysis and general 
base catalysis. (A) General acid catalysis for the decarboxylation 
of N-(4-nitrophenyl)carbamate (Equation 4-41).17 Solutions of 
N-(4-nitrophenyl)carbamate were prepared at 1.0 M ionic 
strength (maintained with KCl) and 25 ªC. The solutions were 
buffered with the respective general acid catalyst and its conjugate 
base. The decarboxylation was followed spectrophotometrically 
at 405 nm, the absorption maximum of the product 4-nitro-
phenylaniline. Rate constants for general acid catalysis, kga, were 
determined from the slopes of the lines relating the observed 
rate constants and the concentration of the respective buffer. 
The common logarithms of their statistically corrected values, 
kga p-1 (molar-1 second-1), are plotted as a function of the nega-
tive common logarithms of the statistically corrected values of 
the acid dissociation constant for each catalyst, Ka q p-1 (molar). 
Oxygen acids (3), in order of increasing corrected pKa, were 
hydronium, glycinium cation, acetic acid, b-glycerophosphate 
monoanion, cacodylic acid, phosphate monoanion, ethyl-
phosphonate monoanion, boric acid, bicarbonate, and water. 
Nitrogen acids (Í) are plotted separately; they were, in order of 
increasing corrected pKa, trifluorethylammonium, imidazolium, 
3-quinuclidonium, cyanoethylammonium, morpholinium, 
3-hydroxyquinuclidinium, ammonium, quinuclidinium, and 
pyrrolidinium. (B) General base catalysis for the dissociation of 
4-methoxyacetophenone bisulfite (Equation 4-43).18 Solutions 
of 4-methoxyacetophenone bisulfite were prepared at 1.0 M 
ionic strength and 25 ªC. The solutions were buffered with the 
general base catalyst and its conjugate acid. The dissociation 
was followed spectrophotometrically at 285 nm, the absorption 
maximum of the product 4-methoxyacetophenone. Rate constants 
for general base catalysis, kgb, were determined from the slopes of 
the lines relating the observed rate constants and the concen-
tration of the respective buffer. The common logarithms of 
their statistically corrected values, kgb q-1 (molar-1 second-1), 
are plotted as a function of the negative common logarithms 
for the statistically corrected values of the acid dissociation 
constant for the conjugate acid of each catalyst, Ka q p-1 (molar). 
The general bases, in order of increasing corrected pKa for 
their conjugate acid, were water, formate, glycolate, chloroacetate, 
acetate, the anion of hexafluoroacetone hydrate, hexafluoro-
2-propanolate, ammonia, ethylamine, trifluoroethanolate, 
guanidine, and hydroxide. 
	
Figure 4-6: Behavior of rate constants for the hydrolysis of 
a-∂-glucopyranosyl fluoride (Equation 4-44) at an ionic strength 
of 2.0 M and 30 ªC as a function of the fraction of the buffer 
present as the conjugate acid.19 The progress of the hydrolysis 
was monitored by polarimetry or nuclear magnetic resonance. 
The pseudo-first-order rate constants were obtained from linear 
semilogarithmic plots of the data. The respective rate constants, 
kgen (molar-1 second-1 ¥ 106; Equation 4-20), for hydrolysis 
under catalysis by a buffer of ethylphosphonate (◊), a buffer of 
phosphate (Í), and a buffer of (trichloro-methyl)phosphonate 
(ò) are plotted as a function of the fraction of the buffer present 
as the monoanionic conjugate acid. The lines are linear fits of 
the data. 
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                         (4-43) 

follows a Brønsted relation with b = 0.94 (Figure 
4-5B).18 As is the case for general acid catalysis, 
bases with the same atom on which the lone pairs 
are located and bearing the same formal elementary 
charge usually should be chosen as the buffers to 
be examined as general acid–base catalysts. 
 In a reaction that is catalyzed by both general 
acids and general bases, the lines that describe the 
behavior of the rate constant kgen as a function of 
the fraction of acid and base in the buffer for a series 
of general acid–base catalysts always cross each 
other (Figure 4-6).19 This crossing occurs because, 
as a result of the Brønsted relation, rate constants 
for general acid catalysis increase with decreases in 
pKa for the conjugate acid of the buffer while rate 
constants for general base catalysis increase with 
increases in the pKa for the conjugate acid of the 
conjugate base of the buffer. 
 The Brønsted relations demonstrate that the 
acidity of the general acid or the basicity of the 
general base determines the effect of the catalyst 
on the rate of the reaction. As might be expected, 
the more acidic the general acid, the greater will be 
the rate constant for general acid catalysis. The 
more basic the general base, the greater will be the 
rate constant for general base catalysis. The magni-
tude of values for a and b, however, will determine 
the strength of these effects. If the value for a or b is 
small, the acidity or basicity of the catalyst has only 
a small effect on the respective rate constant, but if 
a or b is near 1, the acidity or basicity of the catalyst 
will have a large effect. 
 If the mechanism of a reaction involves a general 
acid as the donor of a hydron in the transition state, 
it is generally assumed that a small value for the 
Brønsted coefficient a indicates that the bond between 
the general acid and its hydron is only marginally 
broken at the transition state. Likewise, if the 
mechanism involves the general base as the acceptor 
for a hydron in the transition state, a small value for 
b indicates that the bond between the general base 
and the hydron is only marginally formed at the 
transition state. For example, the hydrolysis of 
a-∂-glucopyranosyl fluoride 

  
                  (4-44) 

is catalyzed by several phosphates and phospho-
nates with different values of pKa. Catalysis by the 
conjugate acids has a Brønsted coefficient a = 0.15, 
and catalysis by the conjugate bases has a Brønsted 
coefficient b = 0.06.19 Consequently, the hydron 
from the general acid is only marginally transferred 
to one of the reactants in the transition state for 
general acid catalysis, and the hydron from one of 
the reactants is only marginally transferred to the 
general base in the transition state for general base 
catalysis. It was concluded from other observations 
that the general acid forms a hydrogen bond to the 
fluoride ion (pKaHF = 3.2), leaving the glucoside in 
the one transition state, and the general base forms 
a hydrogen bond with a hydron on the nucleophilic 
molecule of water in the other transition state. 
Each hydrogen bond, which involves only a small 
amount of hydron transfer, stabilizes the respective 
transition state, and the respective reaction is accel-
erated. When a Brønsted coefficient has a value near 0, 
any source of a hydron or any lone pair, respectively, 
will be as effective as any other. 
 If a general acid acts as a donor of a hydron in the 
transition state, it is generally assumed that a value 
for a  near 1.0 indicates that the bond between the 
general acid and its hydron is largely broken at the 
transition state. Likewise, if a general base acts as a 
hydron acceptor in the transition state, a value for b 
near 1.0 indicates that the bond between the gen-
eral base and the hydron is largely formed in the 
transition state. For example, for removal of the 
a-hydron from sulfonium cation 4-22 

     
                  (4-45) 

the Brønsted coefficient b for a series of carboxylates, 
the conjugate acids of which vary in pKa, was 1.0. 
Sufficient evidence was provided that this Brønsted 
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coefficient should be corrected for the effects of 
solvation to a value of bcorr = 0.8; nevertheless, its 
magnitude was believed to indicate that the bond 
between the carbon and the hydron was mostly 
broken in the transition state.20 This nonenzymatic 
reaction is an example of the ability of a carbox-
ylate to remove a hydron from carbon, as Gluta-
mate 164 does in the active site of triose-phosphate 
isomerase (previously Equation 3-384) 

          (4-46) 

from Saccharomyces cerevisiae (Figure 3-37). When 
a Brønsted coefficient has a value near 1.0, the strength 
of the acid or the base, respectively, should be fully 
manifested in the transition state, and the identity 
of the acid or the base, respectively, is of significant 
consequence. 
 In many instances, the value for a Brønsted 
coefficient changes as one of the substituents on a 
reactant is changed. For example, in a series of acet-
aldehyde hemiacetals undergoing decomposition 

                  (4-47) 

under apparent general base catalysis by a series of 
carboxylate anions (R1COO-), the Brønsted coeffi-
cient b increased as the pKa for the alcohol (R2OH) 
that is the product decreased. From other observa-
tions, it was concluded that the conjugate acid of 
the carboxylate actually catalyzed the breakdown 
of the oxyanionic conjugate base of the hemiacetal 
(Equation 4-47) so that the Brønsted coefficient for 
these catalysts, the carboxylic acids, decreased as 
the alcohol became a better leaving group. As the 
leaving group improves, the transition state is 

reached earlier along the reaction coordinate, where 
the bond between the oxygen of the carboxy group 
and the hydron in the carboxylic acid is less disso-
ciated.21 When the Brønsted coefficients (themselves 
the slopes of lines produced by the values of pKa for 
other participants in the reaction) was plotted as a 
function of the values of pKa for the leaving groups, 
a linear relation was observed, the slope of which is 
the interaction coefficient. In this instance, the inter-
action coefficient quantifies the coupling between 
dissociation of the carbon–oxygen bond and transfer 
of the hydron to the oxygen of the leaving group. 
 As already noted, if a reaction has a mecha-
nism requiring that the transfer of a hydron occur 
in a step before the rate-limiting step, and if that 
transfer of a hydron is so rapid as to be at equilibrium, 
and if no further acid–base catalysis is occurring, 
then specific acid–base catalysis should be observed. 
It is also possible, however, that a reaction displays 
specific acid–base catalysis because the magnitude 
of the general acid–base catalysis, which in this 
particular instance does exist, is nevertheless too 
small to be observed. The Brønsted relations explain 
why general acid or general base catalysis is usually 
weak or sometimes immeasurable. 
 Consider a reaction susceptible to general acid 
catalysis. Assume for the moment that the hydro-
nium, H3O+, behaves as a typical general acid in the 
set of catalytic acids. From the Brønsted relation for 
the reaction of interest (Equation 4-40) 

 
                       (4-48) 

where NH is any general acid in the series tested as 
catalysts and the integers 3 and 2 are, respectively, 
the number of acidic hydrons on a hydronium and 
the number of basic lone pairs on a molecule of 
water, its conjugate base. If it is also assumed that 
terms involving qN(-), 2, pNH(+), and 3 are together 
nearly equal to 1, then 

           (4-49) 

If only acid catalysis is kinetically significant, then 
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         (4-50) 

If 

         (4-51) 

then 

      
                  (4-52) 

      
                  (4-53) 

      
                  (4-54) 

Because [”N(-)] << [H2O] under all usual circum-
stances, the term ([HN(+)]/[H+])1-a must be sufficiently 
large to counteract the resulting, inescapable effect 
of the term ([”N(-)]/[H2O])a on the rate equation 
for general acid catalysis to be significant. 
 In particular, if a is near a value of 1.0, the dispar-
ity between the concentration of water, which is the 
conjugate base of the hydronium, and the concen-
tration of the conjugate base of any general acid 
other than hydronium will dominate in the third 
term of Equation 4-54. In this instance, because 
hydronium is present inescapably in the solution, 
general acid catalysis by the added acid will not be 
observed even though general acid catalysis is occur-
ring robustly with hydronium as the general acid 
and also occurring with the added acid but at an 
insignificant rate. If, however, a is sufficiently small 
and the added acid is sufficiently weak so that the 
chosen concentrations of its conjugate acid are 
much greater than the concentration of hydronium 
that can be achieved, then general acid catalysis 
will be significant. 

 A similar explanation can be formulated for the 
competition between specific base catalysis and 
general base catalysis. In this instance, when b is 
near a value of 1.0, general base catalysis by added 
bases will not be observed because general base 
catalysis by the hydroxide present inescapably in 
the solution will again dominate. 
 From all these considerations, it is clear that 
the reason both general acid catalysis and general 
base catalysis are so unremarkable in any aqueous 
solution is that water is always the acid–base present 
at the highest concentration. Because the concen-
tration of water is so high relative to the concentration 
of any added acid or base, the concentrations of its 
conjugate acid, hydronium, or its conjugate base, 
hydroxide, are anomalously high relative to the 
concentration of any added acid or base, respec-
tively. Because of these biases in concentration, 
hydronium or hydroxide acts preferentially when a 
general acid or a general base is required in the 
reaction. Another way of looking at the situation is 
that H3O+ is such a strong acid and OH- is such a 
strong base that, even when their concentrations 
are small relative to an added general acid or general 
base, respectively, they can compete successfully, 
as long as the relevant Brønsted coefficient is large 
enough. 
 Nevertheless, most reactions homologous to 
those that occur in particular active sites have an 
absolute, inescapable requirement for catalytic acids 
or bases or both. The observation of specific acid–
base catalysis and general acid–base catalysis 
demonstrates this requirement. The fact that the 
inescapable presence of hydroniums, hydroxides, 
and molecules of water in solution causes general 
acid–base catalysis to be so unimpressive leads to 
the misconception that acid–base catalysis in general 
is unimpressive. Nothing could be farther from the 
truth. In fact, in almost all the reactions catalyzed 
by enzymes, acid–base catalysis is an essential 
requirement. 
 There is a big difference, however, between a 
reaction requiring transfers of hydrons when it oc-
curs in aqueous solution and that same reaction 
when it occurs in the active site of an enzyme. The 
two situations differ dramatically because a reac-
tant in an active site can no longer diffuse through 
the solution encountering hydroniums, hydroxides, 
and molecules of water. Consequently, the reaction 
must rely on the acids and bases within the active 
site, and usually it must rely on them alone. As a 
result, whenever a hydron must be added to or 
removed from an atom in a substrate or an inter-
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k H+[H+]  =  k ga,H3O+[H3O+]
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mediate, there will be a catalytic acid–base in the 
active site immediately adjacent to that atom. These 
catalytic acid–bases are usually side chains of the 
amino acids that comprise the active site. Nor is 
this requirement exclusive to the active sites of 
enzymes. Ribosomes use the bases of nucleotides 
in the nucleic acid that forms their active sites, all 
of which have hydrons and lone pairs of electrons 
with reasonable values of pKa, as catalytic acid–bases 
for all the same reasons.22 
 
 A common feature of enzymatic active sites is 
that donors and acceptors for hydrogen bonds to a 
reactant often become catalytic acids and catalytic 
bases, respectively, as the reaction progresses. The 
active site of an enzyme binds substrates specifical-
ly and in the proper orientation in part because 
aligned hydrogen bonds form between donors and 
acceptors on the amino acids lining the active site 
and acceptors and donors on substrates. These donors 
and acceptors for hydrogen bonds involved in the 
recognition of substrates (Figures 3-33, 3-34, 3-40, 
and 3-42) can automatically become catalytic acid–
bases when required by the reaction. For example, 
in the active site of triose-phosphate isomerase (Equa-
tion 4-46) from S. cerevisiae, the carbonyl oxygen of 
glycerone phosphate is recognized by participating 
in a hydrogen bond with the imidazolyl group on 
Histidine 94 and the ammonio group on Lysine 11 
(Figure 3-37), and the hydroxy group on carbon 3 
of glycerone phosphate is recognized by participating 
in a hydrogen bond (0.32 nm) with the amido group 
in the side chain of Asparagine 9.23,24 Because the 
imidazolyl group of Histidine 94 is in its neutral form 
in the complex,25 which is a poor acid (pKa = 14), 
the ammonio group of Lysine 11 (pKa = 10.5) is the 
catalytic acid–base that adds the hydron to and 
removes the hydron from the oxygen on carbon 2 
to catalyze the enolization of glycerone phosphate.26 
Consistent with this conclusion, it is the amino 
group on Lysine 11 that is responsible for removing 
a hydron from the hydroxy oxygen on the 
cis-enediol intermediate.27 While the ammonio 
group of Lysine 11 hydronates the carbonyl oxygen 
of glycerone phosphate, the carboxylato group of 
Glutamate 164 removes the hydron from carbon 3 
to form the cis-enediol intermediate 

     
                  (4-55) 

In the reverse direction, while the amino group of 
Lysine 11 dehydronates the hydroxy group of the 
cis-enediol, the carboxy group of Glutamate 164 
adds the hydron to carbon 3 to form glycerone 
phosphate. In the next step, the imidazolyl group of 
Histidine 94 hydronates oxygen 2 of the cis-enediol 
simultaneously with the transfer of the hydron already 
on oxygen 2 back to the amino group of Lysine 11, 
and then the resulting anionic imidazo group of 
Histidine 94 swings over to remove the hydron from 
oxygen 1 of the cis-enediol28 as the carboxy group 
on Glutamate 164 adds its hydron to carbon 2 to 
produce ∂-glyceraldehyde 3-phosphate. In reverse, 
the imidazolyl group of Histidine 94 adds the hydron 
to oxygen 1 ∂-glyceraldehyde 3-phosphate as the 
carboxylato group on Glutamate 164 removes the 
hydron from carbon 2 and then the imidazo group 
swings over to the oxygen on carbon 1 to dehydronate 
it as the ammonio group on Lysine 11 hydronates it 
to form the cis-enediol.* 
 The case of triose-phosphate isomerase (Equa-
tions 4-46 and 4-55 and Figure 3-37) illustrates the 
fact that catalytic acid–bases must be provided by 
an active site, or the reaction will not proceed. If an 
acid–base were not provided to add or remove a 
hydron from carbon, the enzymatic reaction would 
not occur. If an acid–base were not provided to 
hydronate and dehydronate the carbonyl oxygen of 

																																																								
*The imidazolyl group of Histidine 94 does not seem to move 
detectably during catalysis because the B factors of its atoms 
are the smallest of the atoms involved in catalysis (Figure 3-37).23 
This apparent immobility is probably due to two facts. First, as 
soon as it removes the hydron from oxygen 1 of the cis-enediol 
in the forward direction, oxygen 1 becomes a carbonyl oxygen 
(pKa = -5) and the imidazolyl returns immediately to the 
stronger base, the hydroxyl (pKa = -2) on oxygen 2. Second, in 
the reverse direction, as soon as the neutral imidazolyl group 
adds a hydron to oxygen 1 of ∂-glyceraldehyde 3-phosphate 
and becomes the anionic imidazolio group, it must immediately 
return to oxygen 2 to pick up a hydron relayed by oxygen 2 
from the ammonio group of Lysine 11. Consequently, it seldom 
participates in a hydrogen bond to oxygen 1 and almost always 
participates in a hydrogen bond to oxygen 2. 
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glycerone phosphate, the rate of the enzymatic re-
action would decrease dramatically.26 
 
 After reactants have bound and, in the process, 
have displaced waters of hydration within the empty 
site, the active site has become, by and large, anhy-
drous. In anhydrous benzene, the anomerization of 
2,3,4,6-tetramethyl-∂-glucose (TMG) 

  
                  (4-56) 

is very slow and variable in rate, suggesting that 
what little reaction is observed has an absolute re-
quirement for traces of general acids or general ba-
ses contaminating the solvent even though it was 
rigorously purified.29 When pyridine (Pyr) is added 
as a catalyst, the rate law contains, in addition to 
the negligible term for the uncatalyzed reaction, a 
term of the form kPyr,TMG[Pyr][TMG]2. When both 
pyridine and phenol (PhOH) are added, the rate 
law contains an additional term of the form 
kPyr,PhOH,TMG[Pyr][PhOH][TMG]. 
 In these two instances of general acid–base 
catalysis, the individual terms are termolecular, 
and it was originally concluded29 that, in benzene, 
the anomerization of tetramethyl-∂-glucose has an 
absolute requirement for a general acid and a gen-
eral base simultaneously 

    
                  (4-57) 

whereas for anomerization in the absence of phenol, 
the hydroxy group of another 2,3,4,6-tetramethyl-
∂-glucose would act as the general acid catalyst. It 
has since been shown that some of the catalysis 
observed, if not all of it, is due to general base 
catalysis by either glucosate anion or phenoxide 
anion acting alone at the hydroxy group on carbon 1 
of 2,3,4,6-tetramethyl-∂-glucose30 

                  (4-58) 

Values of pKa of 9.9 for phenol and 14.4 for one of 
the hydroxy groups on 2,3,4,6-tetramethyl-∂-glucose 
in aqueous solution should be significantly higher 
in benzene. Consequently, the molar concentrations 
of these strongly basic anions responsible for the 
catalysis are directly proportional either to [Pyr][TMG] 
or to [Pyr][PhOH], respectively, because pyridine is 
the strongest base in the solution and hence will be 
responsible for removing a hydron from either 
phenol or a hydroxy group in the absence of water. 
General base catalysis by other strong bases, acting 
alone, also is sufficient30 for mutarotation. Never-
theless, all the results agree on the absolute neces-
sity for at least one added catalyst when the 
anomerization is performed in anhydrous benzene. 
 One of the most effective catalysts of the muta-
rotation of 2,3,4,6-tetramethyl-∂-glucose in benzene 
is 2-hydroxypyridine31 

          (4-59) 

a compound chosen on the assumption that it would 
be a bifunctional catalyst 

                  (4-60) 

At a concentration of 0.05 M in benzene, 2-hydroxy-
pyridine catalyzes the anomerization of tetramethyl-
∂-glucose 200 times more rapidly than 0.05 M phenol 
and 0.05 M pyridine. 
 In aqueous solution, however, the mutarotation 
of ∂-glucose is not significantly catalyzed by addi-
tion of 0.1 M 2-hydroxypyridine because the unavoid-
ably present hydronium and hydroxide are even 
more efficient catalysts than 2-hydroxypyridine. 
Again, the implication of these observations is that 

O

O

O
OO
O

H
OO O

H

H3C
H3C

H3C
H3C H

O
O
O

H3C
H3C

H3C
H3C

HÆkTMG

O

O
OH”

H

“

H3C

O

O

OH”
“

H3C

H““

: :

)
(

O“ H ”“

“
O

)

1 Æ
N“ “ NH

(

O

O
OH

”
H

“

H3C

O

OH3C

H

“

:O“ H ”“
“

O

)
1 Æ

“ O”
“

:

)

”
“

N

O

N

O
“

“

““

H

H

:

:
1

4  – 23

N

OO

O

”
H

“

H3C

O

O

H”
“

H3C

(

O“ H ”“

“
O

)
1 Æ

“ HN

O
“

H

”

“

:
H



General Acid Catalysis and General Base Catalysis 
 

1057 

in an active site, in which bound reactants are no 
longer diffusing through the aqueous solution, the 
catalytic acids and catalytic bases provided by the 
active site become essential to catalysis even if, in 
the guise of general acid–bases, these same catalytic 
acid–bases are unnecessary when the reactants are 
dissolved in water. 
 Another feature of an anhydrous or mostly 
anhydrous active site in the Michaelis complex with 
a reactant immediately preceding a transition state 
is that the relative permittivity of the active site is 
much less than the relative permittivity of water. 
Acid dissociation constants tabulated for the side 
chains of the amino acids (aspartic acid, 4.0; glu-
tamic acid, 4.3; histidinium, 6.6; cysteine, 8.7; tyro-
sine, 9.8; and lysinium, 10.5)32 are for these acids in 
a randomly coiled polypeptide when they are fully 
exposed to the aqueous phase. As reactants and the 
protein close around a catalytic acid or catalytic 
base in the side chain of an amino acid in the active 
site during formation of the catalytically competent 
Michaelis complex between reactants and enzyme, 
the contact of the catalytic acid or catalytic base 
with the aqueous phase diminishes significantly or is 
completely lost, coincident with a significant decrease 
in the relative permittivity in its vicinity. 
 The relative permittivity surrounding an acid 
affects its dissociation constant. According to the 
Born approximation,33,34 the standard free energy 
of solvation for an ion is  

          (4-61) 

where Q is the electric charge (in coulombs) of the 
ion, er is the relative permittivity of the surroundings, 
and r is the radius of the cavity produced by the 
ion.35 In the simplest situation, when an acid or a 
base in an active site is dehydronated or hydronated, 
respectively, and the hydron dissociating enters the 
solution or the hydron associating enters the active 
site from the solution, then the shift in the pKa for 
acid dissociation of the acid or the conjugate acid 
of the base will be determined only by the change 
in the electric charge of the acid–base during that 
dissociation or association36 

        (4-62) 

where z is the charge number on the acid or on the 
conjugate acid, er,as is the relative permittivity of 
the active site, and er,H2O is the relative permittivity 
of water. For example, the a-imino group on the 
amino-terminal proline of 2-hydroxymuconate 
tautomerase from Pseudomonas putida has a pKa 
of 6.4. This pKa is 3 units lower than the pKa for a 
fully solvated amino-terminal proline in aqueous 
solution. The shift in pKa experienced by this imino 
group could be explained if the relative permittivity 
of the active site in which it is located is 15.36 This 
value would be for the active site unoccupied by 
any substrate for the enzyme, so when it becomes 
occupied, the relative permittivity and the pKa for 
the imino nitrogen should decrease even further. 
 When a carboxy group dissociates in solution 

      (4-63) 

a positive ion and a negative ion are created. Conse-
quently, as the relative permittivity of the solution 
decreases, and hence the ability of the surroundings 
to solvate charge, the acid dissociation constant of 
a carboxy group decreases, the pKa for the carboxy 
group increases, and the basicity of the carboxylato 
group increases. In measurements in mixed solvents 
of alcohols and water or dioxane and water, values 
of pKa for the carboxylic acids increase by one unit 
for every decrease of about 15-20 units in relative 
permittivity.37-39 Since the relative permittivity of 
water is 79 at 25 ªC, the limit to a shift in pKa due to 
a decrease in relative permittivity should be around 
4 or 5 units. The increase in pKa with decreasing 
relative permittivity, however, seems to be magnified 
in aprotic solvents.38,40 For example, the pKa for 
acetic acid, which is 4.76 in water, is 11.1 in dimethyl-
formamide (er = 38) and 11.4 in dimethyl sulfoxide 
(er = 47).41 These observations may explain why a 
carboxylato group is among the most common cata-
lytic bases in active sites. In the unoccupied active 
site, the pKa of its conjugate acid would be fairly 
low, causing it to be present mostly as the carboxy-
lato group. Upon occupation of the active site by a 
reactant, however, in particular a reactant that 
placed an acidic hydrogen on carbon immediately 
adjacent to it, the pKa for its conjugate acid, and 
hence its basicity, should increase significantly. 
 The magnitude of the effect of decreasing the 
relative permittivity on the pKa for an acid will also 
depend on the degree of delocalization of charge in 
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the charged species involved. The relative permit-
tivity of the surroundings affects the dissociation 
constants for acids in which the negative elementary 
charge created upon dissociation is localized more 
than when that charge is delocalized. For example, 
the localized elementary charge on a sulfido group 
should be destabilized more by a decrease in relative 
permittivity than the delocalized elementary charge 
on a phenolate. When the location of the hydron in 
hydrogen bonds between various phenolates and 
various carboxylic acids was determined by nuclear 
magnetic resonance spectroscopy, it was observed 
that the hydron was on the phenolate oxygen in 
solvents of high relative permittivity but on the 
carboxylate oxygen in solvents of low relative permit-
tivity.42 The conclusion from these observations 
was that the increase in acid dissociation constant 
caused by the decrease in the relative permittivity 
was greater for the carboxy group than the 4-hydroxy-
phenyl group because the negative elementary 
charge of the conjugate base is more delocalized in 
a 4-oxidophenyl group than in a carboxylato group, 
and consequently a carboxylato group can become 
more basic than a 4-oxidophenyl group at low rela-
tive permittivity. 
 In more complicated situations, the magnitude 
of the effect of relative permittivity of an active site 
on the change in standard free energy of an acid 
dissociation depends on the molecular details of 
the acid dissociation that is occurring. In free solu-
tion, both a carboxylate and the hydronium produced 
by dissociation of a carboxy group experience low 
relative permittivity. Under ideal circumstances 
within a closed active site, in which the hydron is 
transferred to a neutral acceptor so that its positive 
elementary charge remains in the active site, the 
pKa for a glutamyl or aspartyl side chain could shift 
from around 4 to around 10, so that the carboxylate 
anion would become a strong base. If, however, the 
hydron upon dissociation enters the solution 
where it will experience high relative permittivity, 
only the carboxylato group will experience low 
permittivity and the pKa will shift by a smaller 
amount. 
 Nevertheless, burying an acid–base inside a 
protein, both by removing it from water, a protic 
solvent, and transferring it into an aprotic region of 
lower relative permittivity, causes significant shifts 
in its pKa. For example, when 22 interior positions 
in the folded polypeptide of micrococcal nuclease 
from Staphylococcus aureus, chosen at random, 
were each in turn mutated to lysine, the pKa for those 
buried lysines varied from an unperturbed value of 

10.4 (5 substitutions) to values below 7.5 (6 substitu-
tions).43 
 The actual shift that occurs in a pKa, however, 
depends strongly on the type of hydron transfer in 
which the acid–base in an active site participates. If 
the transfer results in no net change in elementary 
charge, such as the transfer of a hydron from a carbon 
a to a carbonyl to a carboxylate 

  (4-64) 

the relative permittivity of the surroundings, as 
long as they are reasonably uniform, will have 
much less effect. If, however, the alkylammonium 
cation of a lysine simultaneously hydronates the 
enolate oxygen (Equation 4-55), a positive elementary 
charge and a negative elementary charge disappear 
during the reaction, and low relative permittivity 
would decrease the standard free energy of hydron 
transfer significantly and improve catalysis dramat-
ically. 
 When a cationic acid dissociates in solution 

  
                    (4-65) 

there is no change in the number of elementary 
charges in that solution. Consequently, the relative 
permittivity of the solution has only a small effect 
on the pKa for the acid. For example, the changes in 
the apparent pKa for n-butylammonium cation in 
the solvents methanol, acetone, and acetonitrile 
seem to be due almost completely to differences in 
values of the pKa for the conjugate acids of the sol-
vents themselves, the respective oxygens of which 
must act as the acceptor of the hydron, as does the 
water in Equation 4-65, rather than to any differ-
ences caused by relative permittivity.44,45 Again, 
however, the effect of the relative permittivity of 
the surroundings will depend on the type of hydron 
transfer. For example, in the reaction 

   
                  (4-66) 
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in which a positive elementary charge and a negative 
elementary charge are disappearing, the relative 
permittivity of the surroundings will have a signifi-
cant effect.46,47 
 
 Another feature of the transfer of a hydron 
between a substrate and a catalytic acid–base in an 
active site is its intramolecularity. In the active site 
of an enzyme, the reaction between the bound sub-
strate and a catalytic acid or catalytic base is an intra-
molecular reaction, and the entropy of approximation 
gained by converting what would be an intermolecular 
reaction in solution into an intramolecular reaction 
in the active site dramatically increases the effi-
ciency of the catalytic acid–base. For example, it is 
estimated, from the results of site-directed mutation 
and from rate constants for intermolecular general 
acid catalysis in aqueous solution, that the general 
base catalysis in the enolization of mandelate anion 
(see Equation 4-12) achieved by the imidazolyl 
group in the active site of mandelate racemase 
from P. putida is 3 ¥ 103 times more effective than 
that achieved in solution by 1 M imidazole.6 Again, as 
before with other similar increases, the use of effective 
molarity to describe this increase is patently unreal-
istic. 
 There are many examples of nonenzymatic, 
intramolecular general acid catalysis. For example, 
the hydrolysis of acetals (Equation 4-29) is normally 
an example of pure specific acid catalysis with no 
evidence of general acid–base catalysis.3 It is possible, 
however, to provide an intramolecular general acid 
catalyst in the form of the 2-carboxy group on phenyl 
methyl acetal 4-24 

 

The methyl ester 4-25 of acetal 4-24 serves as a 
control that incorporates the electronic structure 
without the ability to provide a hydron. The pH–rate 
profiles for hydrolysis of acetal 4-24 and acetal 
4-25 differ remarkably (Figure 4-7).12 Hydrolysis of 
acetal 4-25, as with other acetals, displays only 
specific acid catalysis. Hydrolysis of acetal 4-24, 
however, displays a plateau in its pH–rate profile 
between pH 1 and 4 such that at values of pH 
greater than 5, in the neutral range of pH, the rate   

 

 
Figure 4-7: Intramolecular general acid catalysis of the hydrolysis 
of the 2-carboxyphenyl methyl acetal of formaldehyde.12 Solu-
tions of either 2-carboxyphenyl methyl formaldehyde acetal 
4-24 (3) or 2-(methoxycarbonyl)phenyl methyl formaldehyde 
acetal 4-25 (Í) were prepared at an ionic strength of 1.0 M 
(maintained with KCl) and 56 ªC. Solutions were either unbuff-
ered or buffered with sodium formate or potassium acetate. All 
values for observed rate constants were those obtained by 
extrapolation to eliminate any effect of buffer on the rate. In 
most instances, the buffer had no significant effect on the rate 
of the reaction. The release of the respective phenol as a product 
of hydrolysis was followed by the increase in absorbance at 
302 nm, and pseudo-first-order rate constants, kAct, for each 
acetal (Act) were obtained from the slopes of plots of the 
common logarithms of the absorbances as a function of time 
at the different values of pH. The pH-rate profiles presented 
are the common logarithms of tabulated pseudo-first-order 
rate constants for the hydrolysis of the respective acetals, kAct 
(second-1), plotted as functions of pH.  
 
 
 
 
 
of its hydrolysis is 270-fold greater than the rate of 
hydrolysis of the methyl ester. The 2-carboxy group, 
because it able to hydronate the leaving oxygen 
intramolecularly in a cyclic transition state in which 
the hydron is on an oxygen four atoms away, increases 
the rate of hydrolysis by a factor large enough that 
general acid catalysis of a reaction in which it was 
not observed with intermolecular catalysts can now 
be observed. 
 Another instance of intramolecular general acid 
catalysis is hydrolysis of a methyl acetal of formal-
dehyde within a significantly more complicated 
scaffold.48 In this other nucleophilic substitution, 
the acidic oxygen–hydrogen of the catalytic carboxy 
group is five atoms from the oxygen of the acetal 
rather than four as it is in 4-24, the oxygen of the 
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 acetal is not conjugated to the carboxy group as it 
is in 4-24, and the scaffold holding the groups ad-
jacent to each other is tricyclic, rather than mon-
ocyclic as it is in 4-24. The pH-rate profile for this 
hydrolysis is almost identical to that in Figure 4-7, 
and the acceleration at higher values of pH is 
100-fold greater than the rate of catalysis by hydro-
nium. 
 The behavior of hydrolysis of acetal 4-24 (Act) 
as a function of pH (Figure 4-7) can be explained 
satisfactorily in the following way.12 Below pH 1, 
the concentration of hydronium is so high that 
specific acid catalysis dominates, and  

             (4-67) 

Above pH 1, the concentration of hydronium becomes 
small enough that intramolecular general acid cataly-
sis dominates 

     
                  (4-68) 

Until the pKa for the 2-carboxylic acid is reached, 
the rate of the reaction is invariant with pH. At values 
of pH in excess of the pKa for the 2-carboxy group 
(pKa = 3.7), the concentration of the carboxylic acid—
the species in which intramolecular catalysis can 
occur—and, consequently, the rate constants decrease 
by a factor of 10 for every increase of 1 unit in the pH. 
 The dianionic phosphomonoester 4-26 

 

which is a phosphoric analogue of acetal 4-24, also 
displays intramolecular general acid catalysis of its 
hydrolysis. This catalysis also results from hydrona-
tion of the leaving group by the carboxy group.49 
The intramolecular general acid catalysis observed 
for the zwitterionic dimethylaminonaphthyl phos-

phomonoester 4-27 results from hydronation of 
the leaving group by the ammonium.50 
 The observed pH–rate profile for hydrolysis of 
methyl enol ether 4-1 (Equation 4-2) also displays 
a plateau similar to that observed in Figure 4-7. 
The existence of this plateau is consistent with the 
endo-carboxylic acid acting as a general acid that 
intramolecularly hydronates the peripheral carbon 
of the enol to form the oxocarbenium ion1 

      
                          (4-69) 

homologous to the oxocarbenium ion that is the 
intermediate in hydrolysis of 2-methoxyacrylic acid 
(Equation 4-38). This oxocarbenium ion then reacts 
with water at its now dramatically electrophilic 
carbon. This nonenzymatic reaction is an example of 
a carboxylic acid that hydronates carbon as Gluta-
matic Acid 164 does in the active site of triose-
phosphate isomerase from S. cerevisiae (Equations 
4-46 and 4-55 and Figure 3-37).  
 The pH-rate profile (Figure 4-8)51,52 for the intra-
molecular nucleophilic substitution of one phenoxy 
group by the N-methylimidazolyl group on the 
other phenoxy group within the symmetric phospho-
diester 4-28 

                  (4-70) 

to give the cyclic O-aryl phosphoramidate 4-30, 
displays a narrow maximum approached on the two 
sides by lines of slope +1 and slope -1, respectively. 
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Figure 4-8: Simultaneous intramolecular general acid catalysis 
and general base catalysis of the hydrolysis of a phosphodiester 
by two imidazolyl groups.51,52 The appearance of 2-(1-methyl-
1H-imidazolyl)phenol resulting from the hydrolysis (Equation 
4-70) of bis[2-(1-methyl-1H-imidazolyl)phenyl] phosphate (4-28) 
was followed by its absorbance at 290 nm at 60 ªC. The rates of 
appearance of the phenol were first-order. From these rates, 
rate constants for the hydrolysis were determined at different 
values of pH. The common logarithms of the rate constants 
(second-1) for the hydrolysis, kim, are plotted as a function of 
pH. The solid line is the common logarithm of Equation 4-71 
with kim = 2 ¥ 10-3 s-1, pKa1 = 6.1, and pKa2 = 7.2. 
 
 
 
The pH-rate profile is consistent with a rate law of 
the form 

      
                  (4-71) 

where [PDE]t is the total concentration of phospho-
diester 4-28, kim is a first-order rate constant, and 
azw is the fraction of the total phosphodiester that 
is the zwitterion in which one N-methylimidazolyl 
group is hydronated on nitrogen and the other is 
unhydronated. Acid dissociation constant Ka1 is the 
macroscopic acid dissociation constant for the first 
hydron from the cation in which both imidazolyl 
groups are dihydronated and the phospho group is 
monoanionic, and Ka2 is the macroscopic acid disso-
ciation constant for the hydron from the cationic 

imidazolyl group in the zwitterion. The fact that all 
rates measured in the pH-rate profile (Figure 4-8) 
are 106 times greater than the rate constant for 
uncatalyzed hydrolysis of diphenylphosphates53 
with leaving groups of the same pKa is consistent 
with the absence of any indication of uncatalyzed 
hydrolysis in the measurements. The fit to the data in 
the figure is for Equation 4-71 with kim = 2 ¥ 10-3 s-1, 
pKa1 = 6.1, and pKa2 = 7.2 at 60 ªC. Directly measured 
values of pKa1 and pKa2 are 6.2 and 7.8 at 25 ªC. This 
behavior is consistent with encounter complex 4-29 
preceding the transition state. In the transition 
state, the imidazolyl group on the leaving phenoxy 
group is an intramolecular general acid catalyst of 
the intramolecular nucleophilic substitution. The 
concentration of this encounter complex should 
reach a maximum at the maximum concentration 
of the zwitterionic species. 
 
 
 It is also possible to design molecules so that 
an intramolecular general acid catalyst is brought 
into an encounter complex as a result of formation 
of a covalent complex from two separate reactants. 
For example, the distorted bicyclic anilide 4-31 

        
                       (4-72) 

participates in a nucleophilic substitution with thiols 
to produce the respective monocyclic thioester. When 
the thiol has been constructed so that it contains a 
general acid, such as an ammonium, properly posi-
tioned in its structure, it brings that general acid into 
the tetrahedral intermediate (Equation 4-72). If the 
acidic hydron is four atoms from the sulfur, a cyclic 
encounter complex can be formed (4-32), and the 
nucleophilic substitution at the acyl group is accel-
erated by intramolecular general acid catalysis 
resulting from hydronation of the leaving anilino 
nitrogen, which is incapable of leaving without 
being hydronated one way or another. A pendant 
ammonium (as shown in the equation), acting as 
the general acid, increases the rate of nucleophilic 
substitution by a factor of more than 5000; a pendent 
imidazolium, by a factor of more than 5000; and a 
pendant carboxylic acid, by a factor of more than 
200,000.54,55 
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Figure 4-9: Intramolecular general acid catalysis by an ammonio 
group in the hydrolysis of a phosphodiester.56 Solutions of either 
dinucleotide 4-33 (3; solid line) or its homologue in which the 
2A-amino group is replaced with a methoxy group (dashed line) 
were prepared at an ionic strength of 0.1 M (maintained with 
NaCl) and 90 ªC. The pH of the solutions was adjusted with 
hydrogen chloride or sodium hydroxide or buffered with formate, 
acetate, 2-[4-(2-hydroxyethyl)piperazin-1-yl]ethanesulfonate, 
or glycine. Low concentrations of buffers were used, and no 
buffer catalysis was observed. The progress of the reaction was 
followed by separating the reactants and products chromato-
graphically. The common logarithms of the pseudo-first-order 
rate constants, kdiN (second-1), for the hydrolysis of each dinucleo-
tide (diN) to produce either 2A-aminouridine or 2A-methoxy-
uridine, respectively, and 2A,3A-cyclic guanidylic acid (Equation 
4-73) are plotted as a function of pH. 
 
 
 
 
 There are also many examples of nonenzymatic 
intramolecular general base catalysis. For example, 
the amino group in the pseudosymmetric dinucle-
otide 4-33, where G is guanine and U is uracil, acts 
as a formal intramolecular general base catalyst for 
the intramolecular nucleophilic substitution that 
results in its cleavage 

             (4-73) 

This conclusion follows from the fact that there is a 
plateau in the pH-rate profile that is not seen when 
the 2¢-amino group is replaced with a methoxy 
group (Figure 4-9).56 At values of pH greater than 9, 
the reaction displays specific base catalysis. Between 
pH 5 and 9, in the plateau, the reaction is invariant 
with pH because the amino group, which is unhydro-
nated in this range of pH, is formally acting as an 
intramolecular general base catalyst. Below the pKa 
for the amino group (pKa = 5), the rate of the reaction 
decreases as the amino group becomes hydronated 
until specific acid catalysis takes over below pH 3. 
Formal intramolecular general base catalysis in this 
instance, however, actually results from intra-
molecular general acid catalysis of the reaction by 
the ammonio group in the tautomeric encounter 
complex 4-34 

      (4-74) 

 The endo-imidazolyl group in norbornyl ester 
4-35, however, acts as an actual rather than a formal 
intramolecular general base catalyzing the hydrolysis 
of the ester57 

    
                      (4-75) 

As the pH of the solution is decreased, the pH–rate 
profile for hydrolysis of norbornyl ester 4-35 displays 
a plateau consistent with a change in mechanism 
from specific base catalysis to intramolecular general 
base catalysis,57 analogous to the behavior observed 
in Figure 4-9. Consistent with this conclusion that 
the imidazolyl group is acting as an internal general 
base is the observation that the exo isomer of nor-
bornyl ester 4-35 displays no plateau. Encounter 
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complex 4-36, which is unavailable to the exo isomer, 
would be consistent with these observations. At 
values of pH less than the pKa for the imidazolyl 
group, however, the reaction involving intramolecular 
general base catalysis is only 6 times faster than the 
reaction involving only specific base catalysis, so the 
plateau observed for the intramolecular nucleophilic 
substitution in dinucleotide 4-33 (Figure 4-9) has 
become simply an inflection in the pH rate profile 
for this hydrolysis. 
 An intramolecular general base catalyst can also 
be brought into an encounter complex as a result of 
formation of a covalent complex from two separate 
reactants. For example, the observed rate equation 
for the aminolysis of N-acetylimidazole, AcIm, by 
aliphatic amines, RNH2 

(4-76) 

has a term, kB[RNH2][AcIm], that is assumed to 
describe the attack of the unhydronated amine on 
the acyl carbon of unhydronated N-acetylimidazole.58 
The rate constant, kB, for neutral unhydronated 
1,3-diaminopropane is 75 times greater than the 
respective rate constant for neutral 1-aminopropane 
even though the conjugate monoacids of each 
compound have similar values (pKa = 10.6 and 10.5, 
respectively) for their acid dissociation constants. 
This acceleration is believed to be due to the ability 
of the second amino group of 1,3-diaminopropane 
to remove intramolecularly a hydron from the tetra-
hedral intermediate 

    
                  (4-77) 

and thereby lock the distal nitrogen onto the acyl 
carbon. Intermolecular general base catalysis of the 
reaction between monoamines and N-acetylimidazole 
is also readily observed, and 1,3-diaminopropane 
participating as an intramolecular general base 
(Equation 4-77) is only as efficient as a 1 M concen-
tration of a second molecule of 1-aminopropane 
acting as an unattached general base catalyst of its 

own aminolysis of N-acetylimidazole. Therefore, 
the entropy of approximation exerted in this reaction 
is not dramatic. 
 Another aspect of the entropy of approxima-
tion achieved by an enzymatic active site is that it 
should enhance acid and base catalysis synergisti-
cally. It has been observed that nonenzymatic intra-
molecular general acid–base reactions are more 
susceptible to intermolecular general acid–base 
catalysis in the same encounter complex than their 
entirely intermolecular counterparts. This observation 
and theoretical considerations suggest that the 
fewer degrees of freedom that are available to a 
transition state, the more susceptible it will be to 
catalysis by external general acids and general bases.59 
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Problem 4-1: The observed rate constants 

 

for hydrolysis of the amide between glycine and 
∂-valine in N-(phenylacetyl)glycyl-∂-valine (GV) at 
37 ªC as a function of pH, in the absence of added 
acid or base, are as follows.60 
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pH         kGV (s-1) 

0 1.0 ¥ 10-6 
1 3.3 ¥ 10-7 
3 1.3 ¥ 10-9 
5 1.5 ¥ 10-10 
7 2.7 ¥ 10-11 
9 2.3 ¥ 10-10 

11 9.9 ¥ 10-10 
13 6.2 ¥ 10-8 
14 2.4 ¥ 10-6 

 
 (A) Plot the common logarithms of the rate con-

stants as a function of pH. 
 (B) Draw lines with slopes -1, 0, and +1 through 

the data. 
 (C) From these lines, estimate values for the rate 

constants kH+, knon, and kOH-. 
 (D) Draw the most likely hydrogen-bonded 

encounter complexes immediately preceding 
the transition states for the three reactions 
governed by each rate constant in the form 
of 4-6, 4-7, and 4-8. 

 
Problem 4-2: Suppose that the kinetic mechanism 
for the following aldol condensation is61 

 

 (A) Using the steady-state assumption that, dur-
ing the course of measurement of the rate  

 

  derive a rate equation for the reaction.  

 (B) What kinetic mechanism in Chapter 3 does 
this mechanism resemble closely?  

 (C) What type of behavior should the observed 
rate constant display as a function of the total 
concentration of buffer?  

Problem 4-3: Hydrolysis of the methyl enol ether 
of cyclohexanone in water is catalyzed by general 
acids; the rate-limiting step is hydronation at the 
a position of the enol ether 

 

The Brønsted plot of rate constants, kga, for general 
acid catalysis by carboxylic acids, where 

 

is strictly linear, except for the deviation of pivalic 
acid, (CH3)3CCOOH62 

 

Suggest a hypothesis to explain this deviation of 
pivalic acid. How could you test your hypothesis?*  
 
 
 
 
 
 

																																																								
*G. E. Lienhard, Department of Biochemistry, Dartmouth 
School of Medicine, formulated these problems. 
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Problem 4-4: The tautomerization of certain 
imines related to pyridoximines 

 

is catalyzed by imidazole buffers.63 This tautomeri-
zation (see Equation 2-22) is homologous with the 
tautomerization of a pyridoximine to an N-pyridoxyl-
imine. There is a term, kgab[Im][ImH+][imine], in 
the rate equation where Im is the free base of imid-
azole and ImH+ is the conjugate acid. Draw an 
encounter complex consistent with this term.*  
 
Problem 4- 5: The hydration of 1,3-dichloro-
acetone is catalyzed by imidazole buffers. The rate 
equation for the reaction contains a term, 
kgb[Im]2[H2O][ClCH2COCH2Cl], where Im is the 
free base of imidazole. Write a mechanism con-
sistent with this term that does not involve addition 
of imidazole to the carbonyl group of 1,3-dichloro-
acetone.* 
 
Problem 4-6: 
 
 (A) Write a step-by-step mechanism for the fol-

lowing reaction.  

 

 
 Hydroxylamine reacts with the iminium cation 
to yield the hydroxamate very rapidly, but it reacts 
only very slowly with acetone. Therefore, it is pos-
sible to follow the rate at which the iminium cation 
is formed when acetone is mixed with various amines 
by discharging the iminium cation with hydroxyl-
amine as it is formed. It has been shown that the 
reaction in the direction written, that of formation 
of the iminium cation, is catalyzed by general acids.  
 
 (B) Choose the step in your overall mechanism 

where a general acid would participate directly 
and draw a picture of the general acid, NH(+), 
donating its hydron to the lone pair on the 
intermediate compound present at that step. 
Remember, you are considering only the re-
action proceeding from left to right. The re-
verse reaction, hydrolysis of the iminium 
cation, has been prevented by trapping the 
iminium cation as it is formed.  

 Rates at which each of several primary amines, 
RCH2NH2, react with acetone to form the iminium 
cation were determined at a series of pH values. In 
addition, values of pKa for each amino nitrogen in 
each reactant were determined. With the respective 
pKa, the amount of every form of a particular primary 
amine present at a given pH could be calculated, as 
well as the pKa for a primary amino group in a diamine 
when the other amino group is either neutral or 
hydronated. From the behavior of the rate constants 
as a function of pH and a knowledge of the concen-
trations of the various hydronated species at each 
pH, the pH-independent rate constants (kimn) for 
the reaction of each form of a given amine with ac-
etone could be calculated.64 
 

amine pKa 103 kimn 
(M-1 s-1) 

n-C4H9NH2 10.33 94.7 
CH3O(CH2)2NH2 9.09 15.8 
CH3O(CH2)3NH2 9.82 47.8 
(CH3)3N+(CH2)2NH2 6.7 0.9 
(CH3)2HN+(CH2)2NH2 6.71 797 
(CH3)2N(CH2)2NH2 9.27 21 
(CH3)2HN+(CH2)3NH2 8.50 108 
(CH3)2N(CH2)3NH2 9.75 51.5 
(CH3)2HN+(CH2)4NH2 9.23 69.4 
(CH3)2N(CH2)4NH2 10.00 66.7 
(CH3)2HN+(CH2)5NH2 10.06 159 
(CH3)2N(CH2)5NH2 10.34 84.4 
(CH3)2HN+CH2C5H8NH2

a 8.33 388 
(CH3)2NCH2C5H8NH2

a 9.61 19 

aThese are the tertiary hydronated and unhydronated forms of 
trans-2-[(dimethylamino)methyl]cyclopentylamine. 

 The second-order rate constant for the reaction 
between acetone and the particular primary amine 
is noted in the right-hand column. The pKa listed in 
the table is for the conjugate acid of the amino 
group in each primary amine. The primary amine 
must be unhydronated to add to the ketone, but a 
diamine can be hydronated or unhydronated at the 
other nitrogen.  
 
 (C) Make a Brønsted plot of all the experimental 

results. Draw a line through values for all the 
neutral compounds and the only quaternary 
ammonium cation, and determine the slope 
of the line.  

R1R2C=NCHR3R4 Æ R1R2CHN=CR3R4
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(RNH3

+  +                  Æ                    +  H2ON
CH3

CH3
O

R



Transfer of Hydrons 
 

1066 

 All the cationic compounds, except the quater-
nary ammonium, deviate in their behavior from 
that expected from the values of pKa for their primary 
amino groups.  
 
 (D) Explain this deviation in terms of intramo-

lecular general acid catalysis in formation of 
the iminium cation by drawing several struc-
tures, one for each cationic primary amine, 
that explicitly incorporate this catalytic step 
and that show the hydron transfer unambig-
uously.  

 (E) Explain the two pH–rate profiles displayed in 
the following figure.64 First explain the behavior 
of n-butylamine, and then provide a detailed 
explanation of the increase in rate, followed 
by the plateau, followed by the decrease in 
the curve for 2-(dimethylamino)ethylamine 
as the pH is decreased.  

 

 

Plot of log (kpH) against pH for formation of the iminium from 
acetone and either 2-(dimethylamino)ethylamine (3) or n-butyl-
amine (Í). The rate constant kpH is the observed second-order 
rate constant at a given pH for formation of the iminium based 
on the total concentration of primary amine in all forms. 

 The difference in standard free energy of acti-
vation between two reactions is related to the rate 
constants by 

 

 (F) Use kimn, the rate of reaction of 5-(N,N-dimethyl-
ammonium)pentylamine, Me2N+H(CH2)5NH2, 
as the example of the reaction showing the 
least intramolecular general acid catalysis. 
With the Brønsted relation, correct the rate 
constants of all the other reactions showing 
intramolecular general acid catalysis for the 
differences in values of pKa for their primary 
amino groups from that of (CH3)2N+H(CH2)5NH2 
so that they can be compared directly to the 
rate constant for (CH3)2N+H(CH2)5NH2. Cal-
culate DD‡Gªcorr for each corrected value rela-
tive to (CH3)2N+H(CH2)5NH2. Assume that 
entropy of approximation is responsible for 
all this corrected difference in free energy of 
activation, DD‡Gªcorr = -TDD‡Sªapprox, and deter-
mine DD‡Sªapprox for (CH3)2N+H(CH2)5NH2, 
(CH3)2N+H(CH2)4NH2, (CH3)2N+H(CH2)3NH2, 
trans-(CH3)2HN+CH2C5H8NH2, and (CH3)2N+H-
(CH2)2NH2.  

 (G) Comment on the trend in DD‡Sªapprox.  
 
Problem 4-7: Write a mechanism for the enolization 
of 2-oxo-3-methylpentane to 2-hydroxy-3-methyl-
2-pentene.  
 The rate equation for enolization of the amino-
ketone 

 

contains the term kOH-[OH-][+HNKet].65 Explain 
this term as the result of intramolecular general acid 
catalysis.  
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Enzymatic pH-Rate Profiles 

Rates of most enzymatic reactions are functions of 
pH. The effects of pH on the activity of an enzyme, 
measured in the standard assay used to purify the 
enzyme, are theoretically meaningless, and the 
pH–activity relations that are often encountered 
have only practical value.66 If, however, the effects 
of pH on underlying parameters that govern the 
initial rate for an enzymatic reaction—namely, the 
catalytic constant and the specificity constants—
are assessed, the observed behavior is often infor-
mative. 
 In such experiments, the pH is usually estab-
lished and maintained by using a buffer. There are 
two problems that can lead to artifacts caused by 
buffers.67 First, as the pH is altered, the ionic 
strength contributed by the buffer changes. To 
avoid effects of variation in ionic strength, a neutral 
electrolyte, such as potassium chloride, is usually 
added to maintain a constant ionic strength. It is 
also possible to use a mix of ionic buffers that both 
buffer the pH over a large range and maintain ionic 
strength at the same time.68 Second, either the conju-
gate acid or the conjugate base of the buffer chosen 
to maintain the pH or the neutral electrolyte chosen 
to maintain the ionic strength can be inhibitors or 
activators of the enzyme. Consequently, the con-
centrations of the buffer and of the electrolyte are 
varied independently at constant pH to make sure 
that they have no effect on enzymatic activity.69 Often 
different buffers overlapping each other in the pH 
ranges examined are used to check whether or not 
the enzymatic activities are the same at the same 
pH when it is maintained with different buffers. 
 A simple example of the effect of pH on one of 
the steady-state rate constants is a situation in which 
the catalytic constant for the enzymatic reaction 
decreases as the pH is decreased (Figure 4-10A).70 
In such a situation, the decrease in the catalytic 
constant usually fits the equation for titration of a 
catalytic base.71-73 The fraction of any monoprotic 
acid–base OH that is in the form of its conjugate 
base, a(”O(-)), is defined by the relation 

                   (4-78) 

where [”O(-)] is the concentration of the conjugate 
base, [OH]t is the total concentration of the acid–base 

 
in both forms, and KaOH is its acid dissociation con-
stant. The behavior of the observed catalytic constant, 
k0,app, of triose-phosphate isomerase (Equation 4-46) 
from Gallus gallus as a function of pH (Figure 4-10A) 
when glycerone phosphate is the reactant can be 
described by the function 

             (4-79) 

where k0 is the value for the observed catalytic con-
stant where it is invariant with pH and it is at its 
maximum value, and Ka is an acid dissociation 
constant. From the fit of the equation to the data 
(curve in Figure 4-10A), pKa = 6.0 and k0 = 480 s-1. 
 It is usually more informative, however, to pre-
sent the common logarithm of a rate constant as a 
function of pH (Figure 4-10B).74 This convention 
allows the behavior of the rate constant to be exam-
ined over a larger range of pH and reveals whether 
or not titration of additional acid–bases might be 
governing the rate constant. Taking the common 
logarithms of the terms in Equation 4-79 

      (4-80) 

When pH < pKa so that [H+] > Ka 

        (4-81) 

(dashed line in Figure 4-10B with slope +1), and when 
pH > pKa so that [H+] < Ka 

            (4-82) 

(dashed line in Figure 4-10B with slope 0). The two 
asymptotes intersect when pH = pKa. Within the 
range in which observations were made, the behavior 
of the observed catalytic constant of choline oxidase 
from Arthrobacter globiformis can be fit with Equa-
tion 4-80 (curve in Figure 4-10B) and the parameters 
pKa = 6.5 and k0 = 18 s-1. 
	  

(”O(–))  =                  = 
K aOH

[H+] + K aOH

[”O(–)]
[OH]t 

a

k 0,app  =  k 0
K a([H+] + K a 

)

log k 0,app  =  log k 0  +  log
K a([H+] + K a 

)

log k 0,app  @  log k 0  –  pK a  +  pH

log k 0,app  @  log k 0
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Figure 4-10: pH-Rate profiles for catalytic constants and speci-
ficity constants. (A) pH-Rate profile for the catalytic constant of 
triose-phosphate isomerase from G. gallus for glycerone phos-
phate at an ionic strength of 0.1 M and 30 ªC.70 The pH was 
buffered with 3,3-dimethylglutarate (◊), triethanolamine (Í), or 
carbonate (ò). The observed catalytic constants, k0,app (second-1), 
are plotted as a function of pH. (B) pH-Rate profile for the cata-
lytic constant of choline oxidase from A. globiformis for choline 
at 25 ªC.74 The pH was buffered with 50 mM potassium phos-
phate between pH 6 and 8 and with 50 mM sodium phosphate 
between pH 5 and 6 and between pH 8 and 10. The common 
logarithms of the observed catalytic constants, k0,app (second-1), 
are plotted as a function of pH. (C) pH-Rate profile for the 
steady-state specificity constant, kCO2, of human carbonic 
anhydrase 2 for CO2 at an ionic strength of 0.2 M and 25 ªC.75 
The pH was buffered only by the enzyme and the substrates. The 
observed steady-state rate constants, kCO2,app (micromolar-1 

oxidase from F. oxysporum, in which Aspartate 402 has been 
changed to a glutamate, for nitroethane anion (NEA) at 
30 ªC.78 The pH was maintained by 0.5 M 2-(N-morpholino)-
ethanesulfonate from pH 6 to 6.5, 0.5 M 2-[4-(2-hydroxy-
ethyl)piperazin-1-yl]ethanesulfonate from pH 7 to 8.1, and 0.5 M 
2-amino-2-(hydroxymethyl)propane-1,3-diol from pH 7.9 to 9. 
The common logarithms of the observed steady-state specificity 
constants, kNEA,app (molar-1 second-1), are plotted as a function 
of pH. The unassociated data points (Í) are for a mutant of the 
enzyme in which Aspartate 402 has been mutated to alanine. 
(G) pH-Rate profile for the steady-state specificity constant, 
kFFA, of porcine pepsin for N-acetyl-¬-phenylalanyl-¬-phenyl-
alanine amide (FFA) at 37 ªC.79 The pH and the ionic strength 
were established by buffers of 0.1 M sodium citrate. The observed 
steady-state specificity constants, kFFA,app (molar-1 second-1), 
are plotted as a function of pH. (H) pH-Rate profile for the cata-
lytic constant of lysozyme from G. gallus for (b1,4)-hexa-N-acetyl-
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second-1), are plotted as a function of pH. (D) pH-Rate profile 
for the steady-state specificity constant, kNAD, of saccharopine 
dehydrogenase (NAD+, ¬-lysine-forming) from S. cerevisiae for 
NAD+ at 25 ªC.76 The pH was maintained by using the following 
buffers at >100 mM concentration: 2-(N-morpholino)ethane-
sulfonate from pH 5.5 to 6.8, 2-[4-(2-hydroxyethyl)piperazin-
1-yl]ethanesulfonate from pH 6.8 to 8.2 and 2-(cyclohexyl-
amino)ethanesulfonate from pH 8.2 to 10.0. The common log-
arithms of the observed steady-state specificity constants, 
kNAD,app (molar-1 second-1), are plotted as a function of pH. (E) 
pH-Rate profile for the catalytic constant of human hypoxan-
thine phosphoribosyltransferase for inosine monophosphate 
and diphosphate at 23 ªC.77 A mixed buffer consisting of 
30 mM 2-(N-morpholino)ethanesulfonate, 30 mM 2-amino-
2-(hydroxymethyl)propane-1,3-diol, and 30 mM glycine was 
adjusted to the noted pH with either HCl or NaOH. The common 
logarithms of the observed catalytic constants, k0,app (second-1), 
are plotted as a function of pH. (F) pH-Rate profile for the 
steady-state specificity constant, kNEA, of a mutant of nitroethane 
 
 
 
 The specificity constant kA for reactant A* can 
also decrease as the pH decreases. For example, 
the observed behavior (Figure 4-10C)75 of the spec-
ificity constant for CO2, kCO2,app, for human carbonic 
anhydrase 2 (previously Equation 3-445) 

         (4-83) 

can be fit (curve in Figure 4-10C) with the equation 

           (4-84) 

and the parameters pKa = 6.9 and kCO2 = 116 mM-1 s-1. 
The observed behavior (Figure 4-10D)76 of the 
common logarithm of the specificity constant for 
NAD+, kNAD,app, in the reaction catalyzed by saccha-
ropine dehydrogenase (NAD+, ¬-lysine-forming) 

                  (4-85) 

from S. cerevisiae can be fit (curve in Figure 4-10D) 
with the equation 
 
 

																																																								
*In most publications, alternatives for the specificity constant, 
the limiting rate divided by the Michaelis constant (V Km

-1) or 
the catalytic constant divided by the Michaelis constant (k0 Km

-1), 
are commonly used. The latter is the specificity constant. 

glucosaminopyranose at an ionic strength of 0.1 M and 40 ªC.80 
The pH was controlled in the range 3-9 with 0.01 M sodium 
acetate, phosphate, or carbonate. No buffer was used below 
pH 3. The common logarithms of the observed catalytic 
constants, k0,app (second-1), are plotted as a function of pH. 
(I) pH-Rate profile for the steady-state specificity constants, 
kAG6, of lysozyme from G. gallus for (b1,4)-hexa-N-acetyl-
glucosaminopyranose (AG6) from the same kinetic measure-
ments used to obtain the catalytic constants of Panel H.80 The 
common logarithms of the steady-state specificity constants, 
kAG6,app (molar-1 second-1), are plotted as a function of pH. In 
each panel in which common logarithms are plotted, dashed 
lines of slope +1 or -1 or both are included as asymptotes to 
the curves that are fit to the data below or above, respectively, 
or both below and above the values of pKa indicated by the 
results. Dashed lines of slope 0 are placed in the same panels 
at values for the pH-independent catalytic constants, k0, or 
steady-state specificity constants.  

  

     (4-86) 

and the parameters pKa = 7.4 and kNAD = 8.4 mM-1 s-1. 
 The catalytic constant for an enzymatic reaction 
can decrease as the pH is increased. In this situation, 
the decrease in the catalytic constant as a function 
of pH usually fits the equation for titration of an 
acid.71-73 The fraction of a monoprotic acid–base NH 
that is in the form of its conjugate acid, a(NH(+)), is 
defined by the relation 

         (4-87) 

where [NH(+)] is the concentration of the conjugate 
acid, [NH]t is the total concentration of the acid–
base in both forms, and KaNH is its acid dissociation 
constant. The behavior (Figure 4-10E)77 of the 
observed catalytic constant, k0,app, of human hypoxan-
thine phosphoribosyltransferase (previously Equa-
tion 3-251) 

                  (4-88) 

with hypoxanthine as a reactant can be fit (curve in 
Figure 4-10E) with the function 

CO2  +  H2O  1  HCO3
–  +  H+

k CO2,app  =  k CO2

K a([H+] + K a 
)

NAD 
+

 + N 
6-(¬-1,3-dicarboxypropyl)-¬-lysine  + H2O

        1  H+ + 2-oxoglutarate + ¬-lysine + NADH

log k NAD,app  =  log k NAD  +  log
K a([H+] + K a 

)

(NH(+))  =                   = 
[H+]

[H+] + K aNH

[NH(+)]
[NH]t 

a

magnesium 5-phospho-   -∂-ribose 1-diphosphate

     +  hypoxanthine  1  magnesium diphosphate

                                           +  inosine 5A-phosphate

a
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      (4-89) 

and the parameters pKa = 7.9 and k0 = 0.32 s-1. When 
pH < pKa so that [H+] > Ka 

        (4-90) 

(dashed line in Figure 4-10E with slope of 0) and 
when pH > pKa so that [H+] < Ka 

        (4-91) 

(dashed line in Figure 4-10E with slope of -1). The 
two asymptotes intersect when pH = pKa. 
 The specificity constant kA for reactant A can 
also decrease as the pH is increased. For example, 
the observed behavior (Figure 4-10F)78 of the speci-
ficity constant kNEA,app for nitroethane anion (NEA) 
in the reaction catalyzed by a mutant of nitroalkane 
oxidase 

  
                  (4-92) 

from Fusarium oxysporum, in which Aspartate 402 
has been changed to glutamate, can be fit (curve in 
Figure 4-10F) with the function 

   (4-93) 

and the parameters pKa = 7.4 and kNEA = 9 mM-1 s-1. 
 In many instances, either the catalytic constant 
or one or more of the specificity constants decrease 
from a maximum both as the pH is decreased and 
as the pH is increased (Figure 4-10G).79 In the 
simplest case, the behavior is that expected for a 
reaction that requires an acid–base HN to be in the 
form of its conjugate acid HN(+) and an acid–base 
OH to be in the form of its conjugate base ”O(-). 
 Define a species X(HN(+),”O(-)) in which acid–
base NH is present only as its conjugate acid, HN(+), 
and acid–base OH is present only as its conjugate 
base, ”O(-). If acid–bases HN and OH titrate inde-
pendently of each other, it follows from Equations 

4-78 and 4-87 that the fraction, a(HN(+),”O(-)), of 
the total concentration of X, [X]t, in all four tautomers 
and states of ionization, that is the tautomer 
X(HN(+),”O(-)) 

                  (4-94) 

where pKaNH is the pKa of acid–base NH and pKaOH 
is the pKa of acid–base OH. 
 The behavior of the observed specificity con-
stant kFFA,app as a function of pH for the peptide 
N-acetyl-¬-phenylalanyl-¬-phenylalanine amide 
(FFA) when it is hydrolyzed by porcine pepsin A, an 
endopeptidase active at low pH, can be fit (curve in 
Figure 4-10G) with the function 

      (4-95) 

and the parameters pKa1 = 1.05, pKa2 = 4.75, and 
kFFA = 22 M-1 s-1.* The observed behavior (Figure 
4-10H)80 of the catalytic constant k0,app for hydrol-
ysis of (b1,4)-hexa-N-acetylglucosaminopyranose 
(Figure 3-27) by lysozyme from G. gallus displays 
behavior as a function of pH that can be fit (curve 
in Figure 4-10H) with the function 

      
                  (4-96) 

and the parameters pKa1 = 3.8, pKa2 = 6.7, and 
k0 = 0.15 s-1. Its observed specificity constant kAG6,app 
for the reactant (b1,4)-hexa-N-acetylglucosamino-
pyranose (AG6) displays behavior (Figure 4-10I)80 
as a function of pH that can be fit (curve in Figure 
4-10I) with the function 

																																																								
*It is the accepted convention to distinguish observed values of 
pKa by numerical subscripts that increase in number as the 
observed values of pKa increase in magnitude. 

log k 0,app  =  log k 0  +  log
[H+]([H+] + K a 

)

log k 0,app  @  log k 0  +  pK a  –  pH

log k 0,app  @  log k 0  +  pK a  –  pH

nitroethane  +  H2O  +  O2  1
                      H+  +  nitrite  +  acetaldehyde  +  H2O2

log k NEA,app  =  log k NEA  +  log
[H+]([H+] + K a 

)

(HN(+),”O(–))  =                                     =

  (HN(+))   (”O(–))  =  

[X(HN(+),”O(–))]
[X]t 

a

K aOH([H+] + K aOH 
)[H+]([H+] + K aNH 

)a a

k FFA,app  =  k FFA
K a1([H+] + K a1 

) [H+]([H+] + K a2 
)

log k 0,app  =  log k 0  +
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K a1{([H+] + K a1 

) [H+]([H+] + K a2 
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                      (4-97) 

and the parameters pKa3 = 4.25, pKa4 = 6.1, and 
kAG6 = 22 mM-1 s-1. 
 When an enzyme has two or more reactants, 
the pH-rate profile for each specificity constant is 
usually measured by varying the reactant for the 
specificity constant at a particular pH to discover 
the specificity constant for that pH and then repeating 
the observations at the next pH. All these measure-
ments are made at saturating concentrations of the 
other reactants. When there are two or more reactants, 
each specificity constant will often have its own 
particular pH-rate profile with its own particular 
values of pKa below or above which it decreases. For 
example, the specificity constant kch,app for choline 
(ch) in the reaction of choline oxidase 

   
                  (4-98) 

from A. globiformis74 decreases below a pKa of 7.3 
when the pH is lowered, but the specificity con-
stant kO2 for molecular oxygen (O2) is invariant with 
pH from pH 6 to 10. 
 For equations of the form 

   
                  (4-99) 

as are Equations 4-96 and 4-97, when [H+]2 > 
(Ka1 + Ka2)2 > Ka1Ka2 

        (4-100) 

(dashed line in Figure 4-10H with slope of +1), and 
when [H+] < Ka1Ka2 (Ka1 + Ka2)-1 

         (4-101) 

(dashed line in Figure 4-10H with slope of -1). If 
Ka1 > Ka2 and the inequalities Ka1 + Ka2 > [H+] > 

Ka1Ka2 (Ka1 + Ka2)-1 hold over a range of pH, then 
there is a plateau at the maximum of the curve, as 
in Figures 4-10G and 4-10H, and 

                 (4-102) 

(dashed line in Figure 4-10H with slope of 0). For 
all values of Ka1 and Ka2, however, the intersection 
of the lines defined by Equations 4-100 (the line of 
slope +1) and 4-101 (the line of slope -1) occurs at 

                (4-103) 

which is the mean of the two values of pKa. The 
maximum value for log ki,app also occurs when the 
pH is the mean of the two values of pKa, a fact that 
can be verified by setting the derivative of the func-
tion in Equation 4-99 at 0. 
 When values of pKa are within less than one 
unit of each other, the two values of pKa are less 
well-defined by fitting the data to the appropriate 
equation. Regardless of how well these values are 
defined, however, their mean (Equation 4-103) is 
always well-defined by the intersection of the lines 
of slope +1 (Equation 4-100) and slope -1 (Equa-
tion 4-101). 
 It can also be observed that when the common 
logarithm of a steady-state rate constant is plotted 
as a function of pH, one or both of the lines describ-
ing a decrease in the common logarithm of the rate 
constant as a function of pH, either as the pH is 
lowered or as it is raised, can have a slope of +2 
or -2 rather than +1 or -1, respectively. For exam-
ple, when the common logarithm of the specificity 
constant kcCP,app for hydrolysis of cytidine 2A,3A-cyclic 
phosphate (cCP) catalyzed by bovine pancreatic 
ribonuclease 

                (4-104) 
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Figure 4-11: pH-Rate profiles for the hydrolyses of 2¢,3¢-cyclic 
nucleotide phosphates catalyzed by bovine pancreatic ribonucle-
ase.84 (A) pH-Rate profiles for the steady-state rate constants 
kcCP (3, Í) and the catalytic constant k0 (2, ˆ) of bovine pancreatic 
ribonuclease for cytidine 2¢,3¢-cyclic phosphate at an ionic 
strength of 0.2 M and 25 ªC. Rate constants were obtained by 
Eftink and Biltonen81 (3, 2) with a spectrophotometric assay, a 
manual calorimetric assay, and a continuous gradient calori-
metric assay in solutions buffered with sodium acetate, sodium 
cacodylate, imidazolium chloride, 2-ammonio-2-(hydroxy-
methyl)propane-1,3-diol chloride, or sodium glycinate. Rate 
constants were obtained by Herries, Mathias, and Rabin84 
(Í, ˆ) with both a pH-stat and a spectrophotometric assay in 
solutions buffered with sodium formate, sodium acetate, sodium 
malonate, disodium 3,3-dicarboxypentane, imidazolium chloride, 
N-ethylmorpholinium chloride, or sodium borate. In both cases, 
the steady-state rate constants kcCP and the catalytic constants 
were derived for each value of pH from the initial rates at 
several concentrations of cytidine 2¢,3¢-cyclic phosphate. The 
common logarithms of the observed steady-state rate constants, 
kcCP,app (molar-1 second-1), and the common logarithms of the 
observed catalytic constants, k0,app (second-1), respectively, are 
plotted as a function of pH. Dashed lines of slope +2 and +1 or 
of slope +1 and -1 are included as asymptotes to the curves 
that are fit to the data below and above the values of pKa indi-
cated by the results. Dashed lines of slope 0 are placed at values 
for the pH-independent steady-state rate constant kcCP 
(17 mM-1 s-1) and catalytic constant k0 (27 s-1). (B) pH-Rate 
profile for the steady-state rate constants kcUP of pancreatic 
ribonuclease for uridine 2¢,3¢-cyclic phosphate at an ionic 
strength of 0.2 M and 25 ªC. Rate constants were obtained by 
Eftink and Biltonen81 (3) as described in Panel A. Rate constants 
were obtained by del Rosario and Hammes82 (Í) with a spec-
trophotometric assay in solutions buffered with 2-ammonio-
2-(hydroxymethyl)propane-1,3-diol acetate. Rate constants 
were obtained by Machuga and Klapper83 (‡) with a spectro-
photometric assay in solutions buffered with sodium citrate 
(3.5-4.0), sodium acetate (4.0-6.0), 2-ammonio-2-(hydroxy-
methyl)propane-1,3-diol cacodylate (5.0-9.0), or sodium glycinate 
(8.75-10.0). In all cases, the steady-state rate constants kcUP 
and the catalytic constants were derived for each value of pH 
from the initial rates at several concentrations of cytidine 
2¢,3¢-cyclic phosphate. The common logarithms of the observed 
steady-state rate constants, kcUP,app (molar-1 second-1), are 
plotted as a function of pH. A dashed line of slope +1 and two 
dashed lines of slope -1 are included as asymptotes to the 
curves that are fit to the data below and above the values of 
pKa indicated by the results. A dashed line of slope 0 is placed 
at the value for the pH-independent steady-state rate constant 
kcUP (4.5 mM-1 s-1). 
 
 
 
 
is plotted as a function of pH, its decrease at high 
pH defines a line of slope -1, but its decrease at low 
pH defines a line of slope +1 that becomes a line of 
slope +2 below pH 4 (Figure 4-11A).81-84 
 This behavior is that expected of a system in 
which there are three acid–bases involved in the 
reaction, NH, OH, and SH, and the tautomer of the 
system X(HN(+),”O(-),”S(-)) is the only active species. 
This tautomer is the one with monoprotic acid–
base HN as its conjugate acid, HN(+); monoprotic 

 
  
 
acid–base HO as its conjugate base, ”O(-); and 
monoprotic acid–base HS as its conjugate base, 
”S(-). By extension, in such a situation, if each acid–
base titrates independently of the other  

                (4-105) 

where pKaSH is the pKa for acid–base SH. For bovine 
pancreatic ribonuclease hydrolyzing cytidine 2A,3A-cy-
clic phosphate 

 
               (4-106) 
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Figure 4-12: pH-Rate profiles for the transamination of aspartate 
catalyzed by aspartate transaminase.85 Solutions of ¬-aspartate 
and 2-oxoglutarate at various concentrations were prepared at 
values of pH buffered with 1,4-bis(2-hydroxyethyl)piperazine, 
2-(N-morpholino)ethanesulfonate, 2-[4-(2-hydroxyethyl)piper-
azin-1-yl]ethanesulfonate, 3-[[tris(hydroxymethyl)methylamino]-
propane-1-sulfonate, 2-(cyclohexylamino)ethanesulfonate, or 
3-(cyclohexylamino)propane-1-sulfonate and 25 ªC. The reaction 
was initiated by adding enzyme, and the initial rates were 
monitored by coupling the production of oxaloacetate to the 
oxidation of NADH (decrease in A340) with malate dehydro-
genase. From the set of initial rates at a given pH as a function 
of the concentrations of both ¬-aspartate and 2-oxoglutarate 
and from a knowledge of the molar concentration of the enzyme, 
values of the catalytic constant and the specificity constant, 
kAsp, for ¬-aspartate could be ascertained. The common loga-
rithms for the observed values of the apparent specificity con-
stant for aspartate, kAsp,app (3, molar-1 second-1), are plotted as 
a function of pH, and the common logarithms of the observed 
values for the apparent catalytic constant, k0,app (Í, second-1), 
are plotted as a function of pH. The dashed lines are the asymp-
totes of the curve fit to the data (Equation 4-109) for common 
logarithms of the observed values for the apparent specificity 
constants for aspartate, kAsp,app, below pKa1 (slope +1), between 
pKa1 and pKa2 (slope 0), between pKa2 and pKa3 (slope -1), and 
above pKa3 (slope -2). 
 
 
 
When pH < pKa1 < pKa2 < pKa3 

   
                (4-107) 

which defines a line of slope +2. The line of slope +1 
intersects the line of slope +2 when pH = pKa1. The 
curve fit to the data for kcCP,app (Figure 4-11A) has 
pKa1 = 4.2, pKa2 = 5.8, pKa3 = 6.2, and kcCP = 17 mM-1 s-1. 
 In the case of porcine aspartate transaminase 
(previously Equation 2-29) 

  
                (4-108) 

when the common logarithm of the specificity con-
stant kAsp,app for ¬-aspartate is plotted as a function 
of pH, its decrease at high pH defines a line of 
slope -1 that becomes a line of slope -2 above 
pH 10 (Figure 4-12).85 This behavior is that expected 
for a situation in which the tautomer of the system 
X(HN(+),HO(+),”S(-)) is the only active species. This 
tautomer is the one with monoprotic acid–base HN 
as its conjugate acid, HN(+); monoprotic acid–base 
HO as its conjugate acid, HO(+); and monoprotic 
acid–base HS as its conjugate base, ”S(-). For aspar-
tate transaminase, the behavior of the common log-
arithm of kAsp,app as a function of pH can be fit (curve 
in Figure 4-12) with the function 

  
                (4-109) 

and the parameters pKa1 = 6.35, pKa2 = 9.4, pKa3 = 9.9, 
and kAsp = 95 mM-1 s-1. When pH > pKa3 > pKa2 > pKa1 

   
                (4-110) 

which defines a line of slope -2.* 
 Other examples in which a common logarithmic 
line of slope +1 is followed by one of slope +2 as the 
pH is decreased, so that the two values of pKa on 
the one side of the maximum are clearly distin-
guished, are the behavior of the common logarithm 
of the catalytic constant k0,app below pH 7 for the 
retroaldol cleavage of (2R)-ethyl-(3S)-methylmalate 
by isocitrate lyase from Dianthus caryophyllus86 
and the behavior of the specificity constant kTyr,app 
for ¬-tyrosine below pH 7 in the electrophilic aromatic 
substitution catalyzed by tyrosine phenol-lyase from 
Pantoea agglomerans.87 In other instances, the two 
values of pKa are too close together to obtain individ-
ual estimates for each of them when fitting the data 

																																																								
*Although not pertinent to the present discussion, which is 
concerned only with fitting curves to observations, the pKa of 
9.4 observed in the fit has been shown to be due to pH-
dependent inhibition of the enzymatic reaction by the buffer 
used in the measurements.67 
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because the transition to a line with a slope of +2 
on the acidic side of the maximum or a slope of -2 
on the basic side of the maximum is too abrupt to 
observe the transition from a line of slope +1 or -1, 
respectively. In these instances, only an average of 
the two values of pKa can be ascertained on either 
the acidic side88-90 or the basic side88,89,91,92 of the 
maximum, respectively. It is also possible to have a 
line of slope +3 or -3, identifying three different acid–
bases on one side of the maximum.90 
 Another observation identifying the involvement 
of an additional acid–base is that of an inflection in 
the curve describing the behavior of a kinetic constant 
as a function of pH. Such an inflection is observed 
at around pH 9 in the behavior of the specificity 
constant kcUP,app for hydrolysis of uridine 2A,3A-cyclic 
phosphate (cUP) by bovine pancreatic ribonuclease 
(Figure 4-11B). This inflection can be fit (solid 
curve in the figure) with the equation 

   
                (4-111) 

and the parameters pKa1 = 5.8, pKa2 = 6.2, pKa3 = 9.2, 
kcUP = 4.5 mM-1 s-1, and kAcUP = 1.4 mM-1 s-1. This 
behavior is that expected if the tautomer of the sys-
tem X(”S(-),NH(+),OH(+)) is enzymatically active and 
has a steady-state rate constant kcUP, the tautomer 
of the system X(”S(-),NH(+),”O(-)) is enzymatically 
active and has a steady-state rate constant kAcUP less 
than kcUP, and the other six tautomers and states of 
ionization of the system have negligible activity. 
 
 As with all kinetic measurements, the obser-
vations, the mathematical equations used to describe 
those observations, and the curves fit to the data 
with these equations must be clearly distinguished 
from chemical explanations of the behavior and 
the kinetic mechanisms derived from those expla-
nations. Again, kinetics can only disprove a proposed 
mechanism; kinetics cannot prove a mechanism. A 
mechanism can be shown only to be consistent 
with the observations. From here on, examples of 
chemical explanations and kinetic mechanisms 
derived from those explanations and their consistency 
with the observations will be discussed.  

 If it is assumed that the enzyme remains in its 
native conformations and has not unfolded at either 
high or low values of pH in the range selected for 
the measurements, several general conclusions can 
be reached from an examination of observations of 
the behavior of the steady-state kinetic constants 
as a function of pH. 
 If the value for the observed catalytic constant 
or an observed specificity constant decreases as the 
pH is decreased, there must be a catalytic base that 
participates directly in the enzymatic reaction or 
the titration of which causes the polypeptide forming 
the active site to shift into an inactive conformation. 
In either case, when the conjugate acid of that base 
is formed by addition of a hydron, the enzymatic 
reaction cannot proceed effectively. The region of 
the pH–rate profile where the value for the observed 
rate constant decreases by a factor of 10 for every 
increase in the hydron concentration of a factor of 
10 must occur at values of pH less than the pKa for 
the conjugate acid of this catalytic base. This is the 
region in which the common logarithm of the rate 
constant as a function of pH has a slope of +1. The 
catalytic base is responsible for this decrease in the 
catalytic constant as the pH is decreased. 
 If the value for the observed catalytic constant 
or an observed specificity constant decreases as the 
pH is increased, there must be a catalytic acid that 
participates directly in the enzymatic reaction or 
the titration of which causes the polypeptide forming 
the active site to shift into an inactive conformation. 
In either case, when the conjugate base of that acid 
is formed by removal of a hydron, the enzymatic 
reaction cannot proceed effectively. The region in 
which the value for the parameter decreases by a 
factor of 10 for every decrease in the hydron concen-
tration of a factor of 10 must occur at values of pH 
greater than the value of pKa for this catalytic acid. 
This is the region in which the common logarithm 
of the rate constant as a function of pH has a slope 
of -1. The catalytic acid is responsible for this decrease 
in the catalytic constant as the pH is decreased. 
 As was discussed in detail earlier, other than the 
numerical values for rate constants, which are often 
informative, the conclusions drawn from steady-
state kinetics measured at a constant pH rely entirely 
on the behavior of the rate of the enzymatic reaction 
as the concentrations of reactants are varied. There-
fore, the kinetic mechanisms shown to be consistent 
with the observations describe only the entry and 
the exit of substrates from the active site, not what 
occurs after reactants are assembled in the active 
site or what occurs before products dissociate from 

k cUP,app  =

  k cUP                                                                                 +
K a1{([H+] + K a1 

)([H+] + K a2 
) [H+]([H+] + K a3 

)}[H+]

    k AcUP
K a1{([H+] + K a1 

)([H+] + K a2 
) K a3([H+] + K a3 

)}[H+]
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the active site. When variation of the steady-state 
rate constants of the enzymatic reaction with pH is 
observed, the concentration of a catalytic acid is 
decreased as the pH is raised or the concentration 
of a catalytic base is decreased as the pH is low-
ered, just as the concentrations of reactants and 
products are varied in normal steady-state measure-
ments. Consequently, the kinetic mechanisms shown 
to be consistent with the observations describe the 
role of the catalytic acid or the catalytic base, respec-
tively, in the reaction within the active site and the 
step or steps in the kinetic mechanism at which it is 
acts as an acid or as a base. 
 There are several possible explanations for a 
situation in which changes in the slope of the curve 
for the common logarithm of the catalytic constant 
occur at different values of pH than changes in the 
slope of the curve for the common logarithm of a 
specificity constant (Figures 4-10H, 4-10I, 4-11, 
and 4-12). Either the acids and bases involved in 
controlling these rate constants are different, or 
values of pKa for the same acids and bases have 
changed as the reaction has progressed through its 
several steps, or the effects of these acids and bases 
on these parameters differ in their magnitude, or 
these changes in slope result from changes in the 
rate-limiting step of the enzymatic reaction that 
manifest themselves at different values of pH. 
 With these general facts in mind, specific kinetic 
mechanisms can be examined. Assume that the 
kinetic mechanism of a particular enzyme is the 
simplest kinetic mechanism for an active site cata-
lyzing a conversion of reactant A 

       (4-112) 

to which many enzymatic mechanisms can be 
reduced by using saturating concentrations of all the 
reactants other than reactant A. In this instance, 
system X consists of both reactant A in all its tauto-
mers and states of ionization and the collection of 
all the consequential catalytic acids and bases in 
the active site in all possible tautomers and states 
of ionization. Suppose, however, that titration of 
only four monoprotic acid–bases (NH, OH, PH, and 
SH) in system X affect the enzymatic activity, that 
titration of each is independent of titration of the 
others, and that hydronations and dehydronations 
of these four acid–bases are so rapid that they are 
always at equilibrium with the pH of the solution. 

 Suppose also that acid–bases NH and OH are 
both in the active site or both on reactant A, or one 
is in the active site and one is on the reactant. Suppose 
also that acid–base NH, wherever it is located, must 
be present as its conjugate acid, NH(+), and acid–
base OH, wherever it is located, must be present as 
its conjugate base, ”O(-), before the active site can 
associate productively with reactant A to form the 
Michaelis complex E·A. In this case, there is a set of 
active tautomers of the active site uncomplexed 
with reactant A, Eact, and a set of active tautomers of 
reactant A, Aact, in which together the two relevant 
acid–bases, again regardless of where they are located, 
are in their required states of ionization, and 

  
                (4-113) 

where [E] is the concentration of all tautomers and 
states of ionization of all forms of the active site 
uncomplexed with reactant A, [A] is the concentra-
tion of all tautomers and states of ionization of free 
reactant A, aE,A(NH(+)) is the fraction of uncom-
plexed active site or free reactant in which acid–
base NH is present as its conjugate acid, and 
aE,A(”O(-)) is the fraction of uncomplexed active 
site or free reactant A in which acid–base OH is 
present as its conjugate base. 
 Suppose that acid–bases PH and SH, situated 
either on the active site or on the reactants, are 
both within the Michaelis complex E·A between the 
active site and reactant A. Suppose also that acid–
base PH must be present as its conjugate acid, 
PH(+), and acid–base SH must be present as its 
conjugate base, ”S(-), before the Michaelis com-
plex between the active site and reactant A can be 
converted to products free in solution. In other 
words, “there is only one state of ionization of the 
active site that is capable of catalyzing the inter-
conversion of [reactant] and product.”66 Assume 
also for the moment that k2, the rate constant for 
the rate-limiting step in the reaction converting the 
Michaelis complex to products free in solution, is a 
microscopic rate constant produced by a single 
transition state in which both the conjugate acid of 
acid–base PH and the conjugate base of acid–base 
SH accomplish their catalysis. In this case, there is 
only one active tautomer of the Michaelis complex, 
(E·A)act, between active site and reactant A that can 
precede that transition state, much as an encounter 
complex precedes its transition state, and in which 

E  +  A  1  E·A  Æ  E  +  Z
k 1

k –1

k 2

[E act][A act]  =     E,A(NH(+))   E,A(”O(–))[E][A]a a



Transfer of Hydrons 
 

1076 

the two relevant acid–bases are in their required 
states of hydronation so that 

     (4-114) 

where [E·A] is the concentration of all tautomers and 
states of ionization of the Michaelis complex between 
active site and reactant A, aE·A(PH(+)) is the fraction 
of these complexes in which acid–base PH is present 
as its conjugate acid, and aE·A(”S(-)) is the fraction 
of these complexes in which acid–base SH is present 
as its conjugate base. 
 If 

            (4-115) 

where [E]t is the total concentration of all tautomers 
and states of ionization of all forms of the active 
site, and the relevant steady-state assumption is 

      (4-116) 

it follows that 

         (4-117) 

where 

   
                (4-118) 

and 

      
               (4-119) 

 If all the foregoing assumptions, which are 
many, are met, then values of the acid dissociation 

constants for acid–base NH and acid–base OH, 
each present in either the active site unassociated 
with reactant A or free reactant A, can be obtained 
from the behavior of the specificity constant kA as a 
function of pH. Values of acid dissociation constants 
for the acid–bases SH and PH, present in the Michaelis 
complex between active site and reactant A, can be 
obtained from the behavior of the catalytic constant 
k0 as a function of pH. 
 This derivation is the basis for the usual, often 
unsupported, assumption that values of pKa affect-
ing the catalytic constant k0 are those for Michaelis 
complexes between the active site and reactant A 
and that values of pKa affecting the specificity con-
stant kA for reactant A are those for the form of the 
active site with which reactant A associates or those 
for the form of reactant A itself that associates. The 
likelihood, however, that all the assumptions will 
apply to a particular enzymatic reaction is probably 
low. 
 There are two special cases of this general be-
havior that should be considered.  
 For many enzymes, the value of the catalytic 
constant is invariant with pH while the value of the 
specificity constant for reactant A is a function of 
pH. Suppose that rate constant k2 in Equation 
4-112 is invariant with pH because there is no essen-
tial catalytic acid in the Michaelis complex that can 
be dehydronated and there is no essential catalytic 
base in the Michaelis complex that can be hydro-
nated in the range of pH over which the enzyme 
remains folded. If these are the circumstances, then 
k0,app = k2 and the catalytic constant will be invariant 
with pH while the specificity constant kA can be 
any function of pH. The Michaelis constant 

          (4-120) 

will be a function of pH reciprocal to that of the 
specificity constant. This situation, however, would 
also be consistent with an active site that closes 
over reactants so tightly that hydrons cannot enter 
the active site from the solution or leave the active 
site into the solution, regardless of the values for 
pKa of the catalytic acid–bases. 
 For many enzymes, the value for the Michaelis 
constant, Km, is invariant with pH while the cata-
lytic constant decreases below a pKa or decreases 
above a pKa or both. For example, the Michaelis 
constant for nitrile hydratase from Comamonas testos-
teroni is invariant with pH from pH 4 to 10 while both 

[(E·A)act]  =     E·A(PH(+))   E·A(”S(–))[E·A]a a

[E]t  =  [E]  +  [E·A]

k1 [Eact][Aact]  =  (k –1 + k 2)[(E·A)act]
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k 0,appkA,app[E]t [A]0 
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the catalytic constant and the specificity constant, 
kAC,app, for acrylonitrile (AC), the only reactant for 
the enzyme other than water, the concentration of 
which cannot be varied, decrease as the pH is low-
ered below a pKa of 6.1 and decrease as the pH is 
raised above a pKa of 9.2.93 This behavior can be 
understood, if the simplest kinetic mechanism 
(Equation 4-112) applies, by making several assump-
tions. First, catalytic acid NH(+) is identical to cata-
lytic acid PH(+) and catalytic base ”O(-) is identical 
to catalytic base ”S(-). Second, association of the 
reactant with the active site is unaffected by the 
state of ionization of either of these acid–bases or 
any others so that the dissociation constant for a 
reactant from the enzyme is invariant with pH. Third, 
rate constant k-1 is greater than rate constant k2 
at all values of pH. By factoring the equation for 
the apparent specificity constant 

    
                (4-121) 

This equation explains why the same values of pKa 
apply to both the catalytic constant and the speci-
ficity constant kA for reactant A. From Equations 
4-119 and 4-121, the Michaelis constant 

         (4-122) 

and is invariant with pH. 
 The fact that the individual rate constants 
appear in different factors in Equation 4-121 implies 
that catalytic acids and catalytic bases can affect 
the underlying kinetic constants, in this instance 
rate constant k2, rather than just the forms of the 
enzyme present and the observed steady-state kinetic 
constants. For example, for a series of peptides (pep) 
that are reactants for bovine a-chymotrypsin, it 
was possible to determine independently the 
pH-rate profiles of rate constant k2 and rate con-
stant k3 in the kinetic mechanism (previously 
Equation 3-91) 

 
                (4-123) 

for the enzymatic reaction.94 As might be expected, 
because the chemistries of the two steps are quite 
different, the two rate constants had significantly 
different pH-rate profiles. 
 As noted above, when an enzyme has more 
than one reactant, the form of the enzyme with which 
reactant A, B, or C associates in a kinetic experi-
ment is usually the enzyme present at saturating 
concentrations of the other reactants. This form of 
the enzyme, therefore, is usually one in which the 
active site is already occupied by one or more of the 
other reactants. For example, when the specificity 
constant kNAD for NAD+ was measured for saccha-
ropine dehydrogenase (NAD+, ¬-lysine forming) 
from S. cerevisiae (Equation 4-85), the other reac-
tant, N6-(¬-1,3-dicarboxypropyl)-¬-lysine (saccha-
ropine, sac), was at saturation; and when the 
specificity constant ksac for N6-(¬-1,3-dicarboxy-
propyl)-¬-lysine was measured, NAD+ was at satu-
ration. Because this particular enzyme has been 
shown to associate with each reactant in the absence 
of the other, when the specificity constant kNAD was 
measured, the form of the enzyme with which 
NAD+ was associating was the complex between 
enzyme and saccharopine, E·sac, and when the 
specificity constant ksac was measured, the form of 
the enzyme with which saccharopine was associating 
was the complex between enzyme and NAD+, 
E·NAD+. Consequently, it is not surprising that the 
specificity constants kNAD and ksac are governed by 
different values of pKa. It has already been noted 
that the specificity constant kNAD decreases when 
the pH is lowered below a pKa of 7.4 (Figure 4-10D). 
The specificity constant ksac decreases when the pH 
is lowered below a pKa1 of 6.2 and decreases when the 
pH is raised above a pKa2 of 7.2.76 Neither reactant 
has a pKa in this range, so it must be acid–bases 
with different values of pKa in the complexes E·sac 
and E·NAD+, respectively, that are responsible for 
these differences. 
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Figure 4-13: Shapes of the pH-rate profiles for an active site in 
which a general acid–base, HO, must be the conjugate base ”O(-) 
and a general acid–base, NH, must be the conjugate acid (+)NH 
for the enzyme to be active. pH-Rate profiles defined by Equa-
tion 4-124 for different values of pKaHO and pKaNH are plotted. 
The values of pKaHO and pKaNH for each curve are given in the 
central table. The pH-independent rate constant ki in Equation 
4-124 was adjusted in each case to the respective value that 
gave a maximum value for log ki,app of 0 for each curve so that 
only the shapes of each curve could be compared. In the descend-
ing order of the table, these values for ki are 1.02, 1.06, 1.21, 
1.73, 4.00, 17.3, 121, 1060, and 10,200. The common logarithms 
of ki,app are plotted as a function of pH. 
 
 
 
 The ambiguity of reverse hydronation must be 
taken into account before the assignment of particu-
lar acid–bases to the observed values of pKa and the 
assignment of their roles in the enzymatic reaction 
can be designated. For equations of the form 

                (4-124) 

as are Equations 4-118 and 4-119, the argument of 
the first common logarithm to the right of the equal 
sign is a constant, and the argument of the second 
common logarithm is symmetric in Ka1 and Ka2. At 
the moment, values of pKa1 and pKa2 are observed 
values of pKa of unknown origin in the absence of 
independent assignment. Consider Equation 4-118, 
the equation for the specificity constant kA,app, while 

realizing that the same argument can be made for 
Equation 4-119, the equation for the catalytic con-
stant. The curve for the specificity constant can be 
defined by a situation in which pKaOH = pKa1 (the 
lower of two observed values of pKa) and pKaNH = pKa2 
(the higher of two observed values of pKa). The 
curve can also be defined by the reverse situation, 
in which pKaOH = pKa2 and pKaNH = pKa1. Because 
of the symmetry of Equation 4–124, the shapes of 
these two curves are identical (Figure 4–13). The 
only observed values are those for the pH at which 
two changes in slope occur on the curve and a rate 
constant that cannot be assigned to any function of 
the underlying fundamental rate constants, so 
there is no way to decide which observed pKa goes 
with the catalytic acid and which goes with the cata-
lytic base. Usually, in the absence of any observations 
to the contrary, it is simply assumed that pKaOH, the 
pKa for the catalytic base, is actually pKa1 and that 
pKaNH, the pKa for the catalytic acid, is actually 
pKa2. This assumption seems reasonable because it 
gives the smaller value for ki (Equation 4-124), 
which one might believe to be the easier value of 
this rate constant for natural selection to achieve. 
 There is, however, also the possibility that pKaOH, 
the pKa for the catalytic base, is actually pKa2 and 
that pKaNH, the pKa for the catalytic acid, is actually 
pKa1. In this case, a minor tautomer of either the 
unoccupied active site or the reactant or both is 
enzymatically active. The tautomer with the 
stronger conjugate base (”O(-)) and the stronger 
conjugate acid (NH(+)) is the active species because, 
if by convention pKa1 < pKa2, then pKaNH < pKaOH. 
In the case of the equation for the catalytic constant 
(Equation 4-119), if pKaSH, the pKa for the catalytic 
base, is actually pKa2 and pKaPH, the pKa for the cata-
lytic acid, is actually pKa1, then pKaPH < pKaSH, and 
a minor tautomer of the Michaelis complex is the 
actual active tautomer. 
 Reverse hydronation is the situation in which 
a minor tautomer of either unassociated reactant 
or unassociated active site, rather than the respective 
major tautomer, or a minor tautomer of the Michaelis 
complex of the two, rather than the major tautomer, 
is the active form of the active site.95,96 In each case, 
the observations cannot distinguish which of the 
two tautomers, the major one or the minor one, is 
the one that is active and which is inactive. Nor can 
they distinguish which observed value of pKa, pKa1 
or pKa2, belongs to the catalytic base and which to 
the catalytic acid for the simple reason that the ratio 
between any two tautomers of the system 
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         (4-125) 

is invariant with pH. For example, if the simplest 
kinetic mechanism (Equation 4-112) applies to the 
catalytic constant of lysozyme and pKa1 = pKaOH = 3.8, 
where ”O(-) is the catalytic base, and pKa2 = pKaNH = 6.7, 
where NH(+) is the catalytic acid (Figure 4-10H), 
then k2 = 0.15 s-1 (Equation 4-119). If, however, 
pKa1 = pKaNH = 3.8 and pKa2 = pKaOH = 6.7, which gives 
an identical fit to the data because of the symmetry 
of Equation 4-124, then k2 = 120 s-1. 
 On the one hand, the fact that, for example, rate 
constant k2 is greater in a case of reverse hydrona-
tion means that natural selection has had the burden 
of making the enzyme more efficient. On the other 
hand, a stronger base and a stronger acid are 
made available, which might make it easier for 
natural selection to make the enzyme more effi-
cient, if the Brønsted coefficients for the reaction 
catalyzed by the enzyme are large enough. 
 Consider, for the sake of argument, a catalytic 
base being used in the active site of an enzyme. If 
the pH of the cytoplasm is less than the pKa for the 
conjugate acid of that base, only a fraction of the 
enzyme will be in the active ionization state at that 
pH. The higher the pKa for the acid–base being 
used as a catalytic base, the stronger will be that 
catalytic base, but the smaller will be the fraction of 
enzyme that is active at the pH of the cytoplasm. If 
the Brønsted coefficient for the base in its catalysis 
of the reaction catalyzed by the enzyme were 1, 
then the increased rate of the reaction catalyzed by 
the proper tautomer of the system that would be 
brought about by increasing the basicity of the cata-
lyst would cancel the decreased rate of the enzy-
matic reaction at the pH of the cytoplasm resulting 
from the decreased concentration of the proper 
tautomer of the system. For example, the hydroxide 
bound to a zinc ion in human carbonic anhydrase 3 
(see Equation 4-83) acts as a catalytic base in the 
enzymatic reaction, and the pKa for its conjugate 
acid is the pKa that governs the behavior of the 
specificity constant kCO2,app for CO2 in the hydration 
catalyzed by the enzyme. When the pKa for the water 
bound to the zinc is increased experimentally, the 
value for kCO2, which is the value for kCO2,app at high 
pH (Equation 4-84), increases with a Brønsted coeffi-
cient of 0.9 in response to the increase in its basicity.97 
In this case, the increase in the maximum specificity 
constant kCO2 almost compensates for the decrease 

in the apparent specificity constant kCO2,app at low 
pH caused by the increased pKa for the water bound 
to the Zn2+. The Brønsted coefficients for most reac-
tions, however, are usually significantly less than 1. 
 The reverse hydronation that occurs with mande-
late racemase 

                (4-126) 

from P. putida, although its explanation jumps ahead 
in the overall argument, summarizes the various 
aspects of reverse hydronation in explicit terms. 
The standard free energy of (S)-mandelate (S-man) 
in free solution must be the same as the standard free 
energy of (R)-mandelate (R-man) in free solution 
because water is not a chiral molecule. Conse-
quently, the equilibrium constant for the reaction 
must be 1, and the active site must catalyze the reac-
tion in one direction as readily as in the other. The 
steady-state kinetic constants98 in the two directions, 
S to R (SR) and R to S (RS) at pH 7.4, k0SR = 490 ± 10 s-1, 
k0RS = 650 ± 60 s-1, kS-man = 6.1 ± 0.6 M-1 s-1, and 
kR-man = 6.4 ± 0.6 M-1 s-1, confirm that requirement 
and satisfy the Haldane equation 

          (4-127) 

which relates the steady-state kinetic constants to the 
equilibrium constant of the reaction in the solution.99 
 In the active site of a crystallographic molecular 
model for the complex between the enzyme from 
P. putida and 2-hydroxy-2-(4-iodophenyl)acetic acid, 
carbon 2 of this analogue of mandelate, 2-hydroxy-
2-phenylacetic acid, sits between the side chain of 
Lysine 166 and the side chain of Histidine 297.100 
Lysine 166 is positioned to remove the hydron from 
(S)-mandelate, and Histidine 297 is positioned to 
remove the hydron from (R)-mandelate (Equation 
4-126). When Histidine 297 is mutated to asparagine, 
the enzyme no longer racemizes mandelate, but it 
is able to exchange the hydron on (S)-mandelate 
for a deuteron in the solution but not the hydron 
on (R)-mandelate.101 This result is that expected 
from the crystallographic molecular model of the 
complex. 
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Figure 4-14: pH-Rate profiles for the catalytic constant of man-
delate racemase from P. putida for (R)-mandelate (A) and 
(S)-mandelate (B) at 25 ªC.101 The buffers, all at 0.1 M, were 
2-(N-morpholino)ethanesulfonate, pH 5.5, 6.0, and 6.5; 1,4-pipera-
zinediethanesulfonate, pH 6.5, 7.0, and 7.5; 2-[4-(2-hydroxy-
ethyl)piperazin-1-yl]ethanesulfonate, pH 7.5, 8.0, and 8.5; 
3-[[tris(hydroxymethyl)methyl]amino]propane-1-sulfonate, 
pH 8.5 and 9.0; 2-(cyclohexylamino)ethanesulfonate, pH 9.0, 
9.5, 9.75, and 10.0; 3-(cyclohexylamino)propane-1-sulfonate, 
pH 10.0, 10.25, and 10.5. The common logarithms of the observed 
catalytic constants k0,app (second-1) are plotted as a function of 
pH. The data in each panel are fit with Equation 4-96, in both 
cases with values of pKa1 = 6.4 and pKa2 = 10.0.  
 
 
 
 
 Suppose that, in the encounter complex preced-
ing the transition state for one step in an enzymatic 
reaction, one side chain in the active site acts as a 
catalytic acid and another acts as a catalytic base. 
Also suppose that, in the transition state, the hydron 
is being transferred from that catalytic acid to the 
substrate and a hydron is being transferred from 
the substrate to that catalytic base. If these condi-
tions are met, it necessarily follows inescapably 
from the principle of microscopic reversibility that 
in the encounter complex preceding that same 
transition state when the reaction is proceeding in 
the reverse direction, the conjugate base of the cata-
lytic acid in the forward direction must be acting as a 

catalytic base, and the conjugate acid of the cata-
lytic base in the forward direction must be acting 
as a catalytic acid. For example, in the reaction cata-
lyzed by mandelate racemase, for a single transition 
state in which the hydrons are being transferred 
simultaneously, in the encounter complex for the 
racemization of (S)-mandelate, the amino group of 
Lysine 166 acts as a catalytic base and the imidazolio 
group of Histidine 297 acts as a catalytic acid. In 
the encounter complex for the racemization of 
(R)-mandelate, the imidazolyl group of Histidine 166 
acts as a catalytic base and the ammonio group of 
Lysine 166 acts as a catalytic acid. In a reaction 
such as that catalyzed by mandelate racemase, 
where there is probably only one rate-limiting transi-
tion state, in this case the transition state for removal 
of a hydron from carbon, accompanied by hydro-
nation of that same carbon at its opposite face, the 
pH-rate profile for the catalytic constant should be 
governed by the pKa for the side chain acting as a 
catalytic base (Lysine 166 in one direction and Histi-
dine 297 in the other) as well as the pKa for the side 
chain acting as a catalytic acid (Histidine 297 in one 
direction and Lysine 166 in the other). It follows 
that if values for pKa for the two conjugate acids in 
any such enzymatic reaction are far enough apart 
that they cannot possibly shift enough to change 
their order, reverse hydronation must occur in one, 
but only one, of the directions. 
 The observed acid dissociation constants 
(pKa1 = 6.4 and pKa2 = 10.0) governing the pH-rate 
profile for the catalytic constant when (R)-mandelate 
is the reactant (Figure 4-14A) are identical within 
experimental error to those governing the pH-rate 
profile for the catalytic constant when (S)-mandelate 
is the reactant (Figure 4-14B).101 Because these two 
values of pKa are so different from each other, each 
acid–base governing these pH-rate profiles, if these 
are actually values of pKa for acid–bases, must be 
titrating independently of the other. Because the 
two enantiomers of mandelate are indistinguishable 
in an achiral solution, the equilibrium constant for 
the reaction must be 1 not only at one pH but at all 
values of pH. Therefore, it follows from the Haldane 
equation that kS-man must equal kR-man at all values 
of pH. Because the apparent values of pKa for the 
catalytic constant in each direction are identical, 
either the Michaelis constants in the two directions 
are invariant with pKa or their variation with pH 
must have the same apparent values of pKa as each 
other and as those for the catalytic constants. 
 From all the arguments just presented, it can 
be concluded that if the tautomer of the Michaelis 
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complex +HHEK9·(S)-mandelate is responsible for 
racemization of (S)-mandelate, then the tautomer 
of the Michaelis complex 9HEKH+·(R)-mandelate 
is responsible for the racemization of (R)-mandelate 
(Equation 4-126). In these two complexes, +HH is 
the conjugate acid of Histidine 297, 9H is the con-
jugate base of Histidine 297, KH+ is the conjugate 
acid of Lysine 166, and K9 is the conjugate base of 
Lysine 166. Because of the symmetry of Equation 4-99, 
if association of (S)-mandelate with the enzyme has 
the same effect on the acid dissociations of acid–
bases +HHE and KH+ as does that of (R)-mandelate, 
which seems reasonable, the pH-rate profile for the 
catalytic constant of tautomer +HHEK9·(S)-mandelate 
must be governed by the same two values of pKa as 
the pH-rate profile for the catalytic constant of tauto-
mer 9HEKH+·(R)-mandelate (Figure 4-13), as is 
observed (Figure 4-14). This conclusion would fol-
low from the fact that the ratio for concentrations 
of the two tautomers, [+HHEK9·(S)-mandelate] and 
[9HEKH+·(R)-mandelate], must be invariant with 
pH. 
 The pKa of 6.4 has been assigned to the conjugate 
acid of Lysine 166 because the catalytic constant of 
the exchange of the hydron in (S)-mandelate for a 
deuteron in the solution catalyzed by Lysine 166 
(Equation 4-126), in the mutant in which Histi-
dine 297 has been changed to asparagine, has a 
pH-rate profile governed by a pKa of 6.4 for a cata-
lytic base.101 The pKa of 6.4 is significantly less than 
the pKa for a fully solvated lysine on the surface of a 
protein exposed to the aqueous phase (10.5), but 
this decrease in pKa can be explained by the fact 
that, in the complex between enzyme and substrate,100 
the cationic conjugate acid of the side chain of 
Lysine 166 is unsolvated by water and immediately 
adjacent (0.37 nm) to a Mg2+. The pKa of 10.0 can then 
be assigned to Histidine 297, which is significantly 
greater than the pKa for a fully exposed histidine on 
the surface of a protein (6.6), but this increase in pKa 
can be explained by the facts that the p nitrogen 
of its imidazolyl group, opposite from the catalytic 
t nitrogen, forms a hydrogen bond with the carboxyl-
ato group of Aspartate 270 and that the negatively 
charged carboxylato group of Glutamate 317 is 
nearby. 
 Consequently, when (S)-mandelate is racemized 
by the major tautomer, +HHEK9, the conjugate acid 
of the catalytic base, the amino group of Lysine 166, 
has a lower pKa than the catalytic acid, the imid-
azolium of Histidine 297. In this instance, although 
the concentration of the active tautomer +HHEK9 
is far greater than that of the minor tautomer 

9HEKH+, it contains a weaker acid, the imidazolio 
group, and a weaker base, the amino group. When 
(R)-mandelate is racemized by the minor tautomer 
9HEKH+, the catalytic base, the imidazolyl group of 
Histidine 297, has a conjugate acid with a higher 
pKa than the catalytic acid, the ammonio group of 
Lysine 166. In this instance, although the concen-
tration of this active tautomer is far less than that of 
the major tautomer +HHEK9, it contains a stronger 
acid and a stronger base, and reverse hydronation 
is operating. It should, however, be noted that the 
designation of which hydronation is reverse hydro-
nation is based only on the convention that it is 
due to hydronation performed by the minor tau-
tomer. Either hydronation could have been called 
"reverse hydronation". 
 In a twist on this usual trade-off between basicity 
and the concentration of a base at a pH less than 
the pKa for its conjugate acid, a neighboring imid-
azolium cation in the active site of papain from 
Carica papaya lowers the pKa for the sulfanyl group 
of a cysteine, increasing the concentration of the 
tautomers and states of ionization in which it is 
the conjugate base at neutral pH without decreasing 
its nucleophilicity in the reaction catalyzed by the 
enzyme.102 
 
 The most straightforward acid dissociation 
constants in a pH-rate profile to assign are acid 
dissociation constants of the free reactants. In 
such a case, one acid dissociation constant affecting 
the specificity constant kA is an acid dissociation 
constant of reactant A. For example, when bovine 
pancreatic ribonuclease hydrolyzes cytidine 2A,3A-cy-
clic phosphate, there is a pKa of 4.2 (change in slope 
in Figure 4-11A) that affects the specificity constant 
kcCP,app for cytidine 2A,3A-cyclic phosphate. When the 
same enzyme, however, hydrolyzes uridine 2A,3A-cyclic 
phosphate, there is a pKa of 9.2 (inflection in Figure 
4-11B) that affects its specificity constant kcUP,app. 
These are the respective values of pKa for the conju-
gate acids of the cytosine in cytidine 2A,3A-cyclic 
phosphate and the uracil in uridine 2A,3A-cyclic 
phosphate. The pKa of 4.2 is not observed when the 
enzyme hydrolyzes uridine 2A,3A-cyclic phosphate, 
and the pKa of 9.2 is not observed when the enzyme 
hydrolyzes cytidine 2A,3A-cyclic phosphate (Figure 
4-11). The respective absences of these values of pKa, 
in addition to the coincidence of the values of pKa, 
are consistent with the conclusion that the acid–
bases with these values of pKa are on the two respec-
tive reactants and not on the enzyme. It follows 
that cytidine 2A,3A-cyclic phosphate must have a 
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neutral cytosine, not its cationic conjugate acid, to 
associate productively with pancreatic ribonuclease, 
but uridine 2A,3A-cyclic phosphate can have either a 
neutral or a monoanionic uracil and still associate 
productively with pancreatic ribonuclease. The latter 
form, however, has a specificity constant kcUP that 
is 3.2 times smaller than that of the former. 
 The pH-rate profile for the specificity constant 
kCth for the reactant ¬-cystathionine (Cth) for cysta-
thionine b-synthase from S. cerevisiae decreases as 
the pH is raised above a pKa of 8.6. This pKa has 
been assigned to the acid dissociation constant of 
one of the ammonio groups in the zwitterion of 
¬-cystathionine (pKa = 8.5). The pH-rate profile for 
the Michaelis constant Km,pep for the reactant 
N-(N-furylacryloyl-¬-phenylalanyl)glycine for carboxy-
peptidase C from S. cerevisiae decreases as the pH 
is lowered below a pKa of 3.58 ± 0.14. This pKa has 
been assigned to the acid dissociation constant of 
the carboxy-terminal carboxy group of the reactant 
(pKa = 3.44 ± 0.01). This assignment leads to the 
conclusion that N-(N-furylacryloyl-¬-phenylalanyl)-
glycine must be anionic to associate with the active 
site.103 
 In the case of porcine aspartate transaminase 
(Equation 4-108), the pKa of 9.9 governing the behav-
ior of the specificity constant kAsp,app for ¬-aspartate 
(Figure 4-12) is indistinguishable from that of the 
microscopic pKa for the a-amino group of ¬-asp-
artate (9.85).104 When ¬-cysteine sulfinate (CS) is 
used as a reactant for aspartate transaminase from 
Escherichia coli, the pKa governing the decrease in 
its specificity constant kCS,app at high pH is 9.0, 
which is the pKa for the a-amino group of 
¬-cysteine sulfinate, but when ¬-aspartate is used 
as a reactant with the enzyme from E. coli, the pKa 
governing the decrease in the specificity constant 
kAsp,app is 9.6,67 which is the same, within experi-
mental error, as that for the porcine enzyme. This 
shift in observed values of pKa for the enzyme from 
E. coli clearly identifies each observed value of pKa 
as that for the a-amino group of the respective reac-
tant. 
 A pKa of 6.0 governs the behavior of the speci-
ficity constant kGAP,app for glyceraldehyde 3-phosphate 
(GAP) in the reaction catalyzed by triose-phosphate 
isomerase (Equation 4-46) from G. gallus. Acid dis-
sociation of the phospho group of glyceraldehyde 
3-phosphate has a pKa of 6.3. 2-Hydroxy-4-phospho-
nobutyraldehyde  

 

is also a substrate for triose-phosphate isomerase, 
but the pKa for the phosphonate is 7.6 rather than 
6.3 for the phosphate. The pKa governing the speci-
ficity constant kHPB,app for 2-hydroxy-4-phosphono-
butyraldehyde (HPB) is 7.5 rather than 6.0.105 Because 
the apparent pKa governing the kinetics shifts as 
expected when one reactant is substituted with the 
other, it must be the case in each instance that the 
pKa in the pH-rate profile is that for the reactant. 
 In the cases of the human nonspecific tyrosine 
kinase Csk,106 alkaline phosphatase from E. coli,107 
and chalcone isomerase from Medicago sativa,108 
sets of four or five different reactants were used for 
each enzyme. In each case, reactants in each set 
differed in pKa over ranges of 1-2 units of pH. Each 
pKa governing the variation of the specificity constants 
for the respective reactants as a function of pH 
agreed with the pKa for that particular reactant. The 
fact that in each instance the pKa observed in the 
behavior of the specificity constant matched the 
pKa for the reactant itself clearly indicated that 
each pKa observed kinetically was that of the respec-
tive reactant free in solution before it associated 
with the enzyme and that only one particular state 
of ionization of the reactant could associate efficiently 
and productively with the enzyme. 
 One way to treat these acid dissociations of a 
reactant is to eliminate them from consideration. 
If acid dissociation constants for the reactant are 
known and the form of the reactant that binds to 
the enzyme can be determined independently, the 
concentration of reactant in the appropriate form, 
aA, can be calculated for each pH and total concen-
tration of reactant, and a corrected specificity con-
stant, k¢A,app, for just the concentration of the active 
tautomer and state of ionization of that reactant 
can be determined for each pH. This correction 
eliminates acid dissociation constants of the reac-
tant from the data and leaves only acid dissociation 
constants of the enzyme. Because the effect of its 
acid dissociation constants is only on the free con-
centration of the competent form of the reactant, 
this correction is not mechanism-dependent. For 
example, from the kinetic behavior of the reaction, 
it was concluded that only zwitterionic ¬-ornithine 
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was a substrate for ornithine carbamoyltransferase 
from E. coli. Total concentrations of ¬-ornithine 
were corrected with an equation for aorn so that a 
corrected value for the specificity constant, 
k¢orn,app, could be tabulated at each pH.109 
 The assignment of a pKa in the pH-rate profile 
for a specificity constant to the pKa for that reactant 
is straightforward because the pKa for the reactant 
in the solution is the relevant value, but the 
pH-rate profile for the catalytic constant is gov-
erned by values of pKa for the participants in the 
Michaelis complex. Usually, the pKa for an acid–
base on a reactant changes, often significantly, 
when it associates with the active site. For example, 
by following the nuclear magnetic resonance spectra 
as a function of pH for the fluorine-19 in 4-fluoro-
3-hydroxybenzoate, both in solution and when it 
was bound to 3-hydroxybenzoate 6-monooxygenase 
from Rhodococcus jostii, it could be shown that the 
pKa for its 3-hydroxy group decreased from 8.7 to 
7.1 upon association with the active site.110 

 Consequently, if a reactant within its complex 
with the active site participates in an acid dissocia-
tion that affects the enzymatic reaction a measure-
ment, such as the one for 4-fluoro-3-hydroxybenzoate, 
a measurement must be made of reactant within 
the active site to assign its pKa to the pKa in the 
pH-rate profile for the catalytic constant. For example, 
the catalytic constant for dehydration of 2-phospho-
∂-glycerate catalyzed by phosphopyruvate hydratase 
(previously Equation 3-393) 

   
                (4-128) 

from S. cerevisiae decreases as the pH is decreased. 
The observed pKa governing this decrease is 5.9 ± 0.1. 
This pKa is within experimental error of the pKa for 
the phospho group of 2-phospho-∂-glycerate 
(5.82 ± 0.05) when it is bound to the active site of 
the enzyme.111 This independent measurement of 
the pKa was made from phosphorus-31 nuclear 
magnetic resonance spectra of the complex between 
enzyme and 2-phospho-∂-glycerate at different values 
of pH. 

 
 When the reactant does not have an acid dissoci-
ation constant equal to an apparent acid dissociation 
constant governing the behavior of its specificity 
constant, it is usually assumed that the observed 
acid dissociation constant in a pH-rate profile is 
that for an acid–base in the active site of the enzyme. 
The assignment of a particular acid–base to a particu-
lar pKa in the observed pH-rate profile is least ambig-
uous when there is an independent measurement 
of the pKa for a particular acid–base in the active 
site that gives a value indistinguishable from that 
observed in the kinetic experiments. For example, 
dissociation of the hydron from the aldimine nitro-
gen on the internal lysylpyridoximine (previously 
Equation 2-2) 

  
                (4-129) 

in the active site of porcine aspartate transaminase 
(Equation 4-108) can be assessed by following the 
absorbance of the enzyme, which shifts to shorter 
wavelengths as the dipolar p system is shortened 
upon dissociation of the hydron.112 The pKa for this 
acid dissociation at 25 ªC is 6.3. In the steady-state 
kinetics of the enzyme,85 the specificity constant 
kAsp,app for ¬-aspartate decreases as the pH decreases 
below a pKa of 6.35 (Figure 4-12). This pKa has been 
assigned to acid dissociation of the lysylpyridoximine 
on the basis of indistinguishable numerical values 
of pKa. If this assignment is correct, then it is con-
sistent with the conclusion that when the conjugate 
acid of the lysylpyridoximine is present, the active 
site cannot bind reactant productively, but when 
the conjugate base is present, it can. A chemical expla-
nation for this conclusion85 would be that because 
¬-aspartate enters the active site with its a-amino 
group hydronated, the first step in the reaction 
would be for the phenolate oxyanion of the lysyl-
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pyridoximine (Equation 4-129) to remove that hydron 
(Figure 2-2). This explanation would require that 
the oxygen of the phenolate be free of the hydrogen 
bond to the iminium nitrogen and available to act 
as a base. It is also possible, however, that the active 
tautomer of the system is that in which the a-amino 
group of the aspartate is unhydrated in solution, and 
thus a base, and the lysylpyridoximine is hydronated 
already, which would produce the same result by 
reverse hydronation and may make more chemical 
sense. 
 The visible spectrum of the prosthetic nicotin-
amide-adenine dinucleotide in UDP-glucose 4-epim-
erase  

                (4-130) 

from E. coli has an absorption in a visible spectrum 
arising from charge transfer between the nicotin-
amide and the 4-oxidophenyl group of Tyro-
sine 149.113 This charge-transfer band decreases in 
intensity below a pKa of 6.1 as the 4-oxidophenyl 
group becomes hydronated in a mutant of the enzyme 
in which Serine 124 has been replaced with alanine. 
The pH-rate profile of the specificity constant kUga,app 
for the reactant UDP-∂-galactose (Uga) for this mu-
tant also decreases as the pH is decreased below a 
pKa of 6.1, which, consequently, has been assigned 
to Tyrosine 149.114 It is assumed that Tyrosine 149 
must be the unhydronated anion for the UDP-∂-galac-
tose to associate with the active site. 
 In the cases of aspartate transaminase and UDP-
glucose 4-epimerase, the facts that the prosthetic 
groups, lysylpyridoximine (Equation 4-129) and 
NAD+, are in the respective active sites is obvious. 
In most other instances, however, the amino acid 
side chains that are candidates for acid–bases with 
acid dissociation constants governing the behavior 
of the steady-state rate constants are usually identified 
by examining the locations of the various acid–
bases in a crystallographic molecular model of the 

active site of the enzyme. For example, in the model 
of 2-hydroxymuconate tautomerase from Pseudo-
monas,115 the amino-terminal proline of the enzyme 
is located in a pocket that was assumed to be the 
active site. The pKa for the imino group of this pro-
line was determined to be 6.4 ± 0.2 by following the 
nuclear magnetic resonance spectrum of its nitrogen, 
which had been enriched in nitrogen-15.116 This 
acid dissociation constant agreed with the pKa 
(6.2 ± 0.3) that governs a decrease in the specificity 
constant kHPD,app for tautomerization of the reac-
tant 2-hydroxy-2Z,4-pentadienoate (HDP) 

      (4-131) 

as the pH of the solution is decreased. It was con-
cluded that the amino-terminal proline must be in 
the unhydronated neutral state of ionization for 
2-hydroxy-2Z,4-pentadienoate to associate with the 
active site and that the imino nitrogen of the pro-
line acts as a catalytic base in the reaction. This 
conclusion was also consistent with later crystallo-
graphic observations.117 
 In the crystallographic molecular model of a 
complex of ∂-glucose 6-phosphate and an inactive 
mutant of glucose-6-phosphate dehydrogenase 
[NAD(P)+] from Leuconostoc mesenteroides,118 His-
tidine 240 forms a hydrogen bond to the hydroxy 
group on carbon 1 of the b-pyranose of ∂-glucose 
6-phosphate from which a hydron is removed during 
the reaction. The pKa for the imidazolyl group of 
this histidine was determined to be 6.4 by following 
the chemical shift of the hydron on carbon 2 in 
nuclear magnetic resonance spectra as a function 
of pH.119 This independently determined acid disso-
ciation constant agreed with the pKa (6.3) that was 
observed in the behavior as a function of pH of the 
catalytic constant k0 for dehydrogenation of ∂-glucose 
6-phosphate. 
 In the crystallographic molecular models of com-
plexes between peptide deformylase from E. coli, 
the enzyme responsible for hydrolytically removing 
the formyl group from N-formylmethionyl proteins, 
and two inhibitors that mimic an N-formylated 
peptide120 and a tripeptide with methionine at its 
amino terminus that mimics the product of hydrol-
ysis,121 Glutamate 133 is positioned properly to be a 
catalytic acid. A mutant in which Glutamate 133 
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has been replaced by aspartate is still enzymatically 
active, and the pKa of Aspartate 133 in the mutant 
has been determined to be 10.1 by following the 
decrease in the infrared absorption of the C=O 
stretch (1740 cm-1) of its carboxy group as a function 
of pH.122 The observed value of this pKa and the 
behavior of several mutants have been used to assign 
to Aspartate 133 the pKa (10.1) above which the 
catalytic constant for the enzymatic reaction of the 
mutant decreases as the pH is raised and to assign 
it a role as a catalytic acid in the enzymatic reac-
tion. If this assignment is correct, it is a rather dra-
matic example of a shift in pKa for a carboxy group 
brought about by an active site. 
 In the crystallographic molecular model of a 
complex between (b1,4)-xylotetraose and an inactive 
mutant of endo-1,4-b-xylanase from Bacillus circu-
lans, the position at which a xylan is normally hydro-
lyzed by the enzyme is immediately adjacent to 
both Glutamate 172 and Glutamate 78 within the 
active site of the enzyme,123 in keeping with the 
usual arrangement of catalytic acid–bases in the active 
sites of glycosidases. The pKa of Glutamate 78 
(4.6 ± 0.1) and the pKa of Glutamate 172 (6.7 ± 0.2) 
were determined from carbon-13 nuclear magnetic 
resonance spectra of the enzyme from bacteria 
grown on [d-13C]glutamate.124 These values of pKa 
agreed with those governing the behavior of the 
specificity constant kNPX,app for hydrolysis of 9-nitro-
phenyl b-xylobioside (NPX) catalyzed by the enzyme. 
The value of the specificity constant decreases below 
the pKa of 4.6 as the pH is decreased, and it decreases 
below the pKa of 6.7 as the pH is increased. 
 At first glance, it seems that assigning Gluta-
mate 78 as the catalytic base and Glutamate 172 as 
the catalytic acid would be reasonable. Because, 
however, reverse hydronation cannot be ruled out 
by a pH-rate profile alone, the situation in which 
Glutamate 78 is the catalytic base and Glutamate 172 
is the catalytic acid cannot be distinguished from 
the situation in which Glutamate 78 is the catalytic 
acid and Glutamate 172 is the catalytic base from 
these results alone. On the basis of crystallographic 
molecular models and identification of a covalent 
intermediate in the enzymatic reaction, it has been 
determined that Glutamate 78 is actually the catalytic 
base in the direction of hydrolysis and Glutamate 
172 is the catalytic acid.125 
 Although there is some disagreement on this 
point, one way to determine the pKa for a particular 
amino acid in a protein is to monitor, as a function 
of pH, the rate of its modification by a reagent that 
can react with only one of its states of ionization.126 

Normally, an electrophilic reagent is used to modify 
the amino acid so that only the conjugate base of 
the amino acid, a nucleophile, will react. For example, 
the lysine in the active site of acetoacetate decarbox-
ylase from Clostridium acetobutylicum can be propio-
nylated with 2,4-dinitrophenyl propionate 

  
                (4-132) 

The rate of propionylation as a function of pH pro-
vides a pKa for this lysine of 5.9 (Figure 4-15).127 
 The pKa observed in such a chemical modifica-
tion of the active site of an enzyme can often be 
correlated with the value of a pKa observed in a 
kinetic measurement. For example, the active site 
of phosphoenolpyruvate carboxykinase (GTP) from 
G. gallus contains a cysteine and a histidine. The 
enzyme is inactivated by iodoacetamide, a reagent 
that modifies cysteines preferentially, in a reaction 
governed by a pKa of 8.2 ± 0.1.92 The enzyme is also 
inactivated by diethyl dicarbonate, a reagent that 
modifies histidines almost exclusively, in a reaction 
governed by a pKa of 6.7.128 These inactivations 
were assumed to result from the modification of 
the cysteine and the histidine in the active site of 
the enzyme. On the basis of these two measured 
values of pKa, the pKa (8.15 ± 0.09) governing the 
specificity constant kIDP,app for MgIDP- and the pKa 
(6.7 ± 0.3) governing the catalytic constant k0 of the 
enzyme were assigned, respectively, to the cysteine 
and the histidine modified in these reactions.92 
 One drawback of determining the pKa for a par-
ticular functional group on an amino acid in an active 
site by the rate of its alkylation with a nonspecific 
electrophile is the possibility that the electrophile 
associates with the active site before modifying it. 
Cysteine 645 is the nucleophilic catalyst in human 
arginine deiminase 
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Figure 4-15: pH-Rate profile for the reaction of 2,4-dinitrophenyl 
propionate with acetoacetate decarboxylase.127 Solutions of 
2,4-dinitrophenyl propionate were prepared at various values 
of pH buffered with lutidine sulfate,  N,N,N¢,N¢-tetramethyl-
1,2-ethanediammonium sulfate, or 4-[(2-dimethylamino)ethyl]-
morpholinium sulfate at 30 ªC. The spontaneous rate of hydrol-
ysis was recorded, and then a sample of acetoacetate decarbox-
ylase was added. This addition caused a burst of 2,4-dinitro-
phenol production. The small rate of spontaneous hydrolysis 
of 2,4-dinitrophenol in the absence of enzyme was subtracted 
from the rate of this burst, and a pseudo-first-order rate constant 
was calculated from the rate at which the enzyme reacted with 
2,4-dinitrophenyl propionate for each sample. These pseudo-
first-order rate constants were divided by the respective concen-
trations of 2,4-dinitrophenyl propionate to obtain the observed 
second-order rate constant, kLys,app (millimolar-1 second-1), 
for the reaction of acetoacetate decarboxylase with 2,4-dinitro-
phenyl propionate, and these rate constants are plotted as a 
function of pH. In separate experiments, it was shown that the 
amplitude, in molarity, of the entire corrected burst of 2,4-dinitro-
phenol was equal to the molar concentration of active sites; 
that after the burst was complete, the enzyme had lost greater 
than 98% of its activity; that the loss of activity was coincident 
with the burst; that enzyme acetylated at the lysine within its 
active site showed no burst; and that occupation of the active 
site with acetopyruvate also eliminated the burst. The curve 
drawn through the points is that for an acid–base titration 
(Equation 4-79) with a pKa of 5.88 and a value for the 
pH-independent rate constant at high pH of 2.18 mM-1 s-1. 
 
 
 
 
 
 
 
 
 
 
 

  
                (4-133) 

that adds to the guanidinio group of the reactant 
¬-arginine in a nucleophilic substitution in which 
ammonia is the leaving group to form an (N,S-dialkyl)-
thiourea as an intermediate in the enzymatic reac-
tion. The pKa of the sulfanyl group of Cysteine 645 
(8.3 ± 0.07) was determined by its rate of reaction 
with iodoacetamide. The fact that the pKa deter-
mined by its reaction with 2-chloroacetamidine 
(7.9 ± 0.16), which is more likely to form a complex 
with the active site because of its resemblance to 
the portion of the ¬-arginine at which the nucleo-
philic substitution occurs, was almost the same as 
that determined by iodoacetamide was presented 
as evidence that the former reaction was a simple 
bimolecular nucleophilic substitution providing an 
accurate measure of the pKa and did not involve bind-
ing of the reagent to the active site. The pH-rate 
profile of the specificity constant for ¬-arginine in the 
enzymatic reaction decreases above a pKa of 8.2 as 
the pH is increased, and it decreases below a pKa of 
7.3 as the pH is decreased. The pKa of 8.2 was assigned 
to the sulfanyl group of Cysteine 645. Because its 
sulfanyl group must be unhydronated for it to act 
as a nucleophile, it was concluded that the pH-rate 
profile is recording a reverse hydronation in which 
the acid–base with the pKa of 7.3 is acting as an acid 
while the unhydronated sulfanyl group of Cysteine 645 
is acting as a nucleophile.129 
 In the crystallographic molecular model of bovine 
chymotrypsin,130 Histidine 57 is located in the active 
site adjacent to Serine 195, which bears the hydroxy 
group at which the acyl intermediate in the enzymatic 
reaction is formed (Figure 3-6, Equation 4-123).131 
The pKa of Histidine 57 in the unoccupied enzyme 
has been assigned as 6.8 on the basis of the rate of 
its arylation with 1-fluoro-2,4-dinitrobenzene, which 
decreases below this value of pKa.132 This measured 
value of the pKa could be in error if the reaction of 
Histidine 57 with 1-fluoro-2,4-dinitrobenzene involves 
a step in which 1-fluoro-2,4-dinitrobenzene binds 
to the active site before the arylation. The imidaz-
olio group in an equivalent complex formed from a 
histidine, a serine, and an aspartate in the active 
site of phospholipase C from Bacillus cereus has a 
pKa, determined by nuclear magnetic resonance 
spectroscopy,133 of 6.0, which gives an estimate for 
the pKa for an imidazolyl group in such a situation. 
 It is known from crystallographic molecular 
models that the lone pair on the t nitrogen of the 
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conjugate base of the imidazolyl group in the histi-
dine in chymotrypsin accepts a hydrogen bond 
from the hydroxy group of Serine 195 (see the stereo-
drawing134 for chymotrypsin in Problem 3-30)130 

 

It is also known from neutron diffraction that the 
nitrogen–hydrogen bond on the p nitrogen in the 
cationic conjugate acid of the imidazolyl group is 
the donor in a hydrogen bond with the anionic 
carboxylato group of Aspartate 102 acting as an 
acceptor.135 Therefore, the microscopic pKa of 6.8 for 
dissociation of a hydron from Histidine 57, measured 
by the arylation, should be for 

      (4-134) 

It has been determined by nuclear magnetic reso-
nance spectroscopy136 that the pKa of Aspartate 102 
is less than 1.5, presumably because it is engaged in 
this hydrogen bond with the imidazolio group of 
Histidine 57 at low pH, as well as additional hydrogen 
bonds. The pKa for the hydroxy group of the serine 
should be considerably greater than 6.8, so in the 
acidic tautomer of the complex, the imidazolyl 
group should be the dihydronated conjugate acid 
as drawn. 
 In this instance, the pKa for the carboxylato 
group is so low that no tautomer of the complex in 
which it is hydronated exists in the normal ranges 

of pH. Consequently, the carboxylato group mainly 
serves to orient the imidazolyl group by providing 
an acceptor for the hydrogen bond. In the active 
site of histone deacetylase from Danio rerio, the 
imidazolyl group of Histidine 137, which hydronates 
the amino group that leaves from the tetrahedral 
intermediate, is oriented by a hydrogen bond from 
the carbamoyl group of Glutamine 179, which is 
neither a reasonable acid nor reasonable base.137 
 The rate constant at saturating concentration of 
reactant for the acylation of Serine 195 in the active 
site of bovine chymotrypsin by nitrophenyl esters, 
the first chemical step in the kinetic mechanism 
(Equation 4-123) for hydrolysis of these esters cata-
lyzed by the enzyme (Figure 3-6), is a function of 
pH and decreases as the pH is decreased below a 
pKa of 6.7.138 The coincidence of this pKa with that 
observed directly for Histidine 57 by following the 
rate of its arylation suggests that the pKa governing 
the pH–rate profile of the catalytic constant of the 
acylation reaction is that of Histidine 57. If this is 
the case, then the pKa for this histidine in the 
Michaelis complex between enzyme and nitro-
phenyl ester must be same as in free enzyme, and it 
must be the conjugate base (Equation 4-134) for 
the active site to be capable of catalyzing the acyla-
tion. Because a hydron must be removed from Ser-
ine 195 either before or while the tetrahedral inter-
mediate is formed in the acylation, the role of the 
imidazolyl group of Histidine 57 in the conjugate 
base of the hydrogen-bonded complex must be to 
act as the necessary catalytic base (Figure 3-6). The 
role of Aspartate 102, however, seems to be simply 
to provide the acceptor for a hydrogen bond from 
the imidazolyl group. Consistent with this conclusion 
is the fact that when the homologous aspartate in 
subtilisin from Bacillus amyloliquefaciens was mu-
tated to cysteine,139 the value of k0 Km,pep

-1 for hydrol-
ysis of a peptide (pep) that is a reactant for the 
enzyme decreased by only a factor of 10. 
 A similar hydrogen-bonded complex responsible 
for removing a hydron from a nucleophilic serine in 
the active site of b-lactamase from Mycobacterium 
tuberculosis is formed by the ammonio group of 
Lysine 73 and the carboxylato group of Gluta-
mate 166.140 In this instance, unlike the imidazolyl 
group in the active site of chymotrypsin, the pKa for 
the ammonio group of Lysine 73 should be signifi-
cantly closer to that of the hydroxy group of the serine, 
so the conjugate base should be more able to remove 
the hydron from the hydroxy group. Nevertheless, 
the hydron probably remains on the hydroxy group 
when the ammonio group dissociates and becomes 
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an amino group because, if it were to transfer to the 
imidazolyl group, the complex would be the zwitter-
ion. 
 There is a similar hydrogen-bonded complex 
between the ammonio group of Lysine 165 and the 
carboxylato group of Aspartate 169 in the active site of 
phosphoribulokinase from R. sphaeroides, which uses 
MgATP2- to phosphorylate ∂-ribulose 5-phosphate 
(pr). When Aspartate 169 is mutated to alanine,141 
k0 (Km,prKmATP)-1 decreases by a factor of 1.2 ¥ 105, 
and when Lysine 166 is mutated to alanine,142 
k0 (Km,prKmATP)-1 decreases by a factor of 2.3 ¥ 106. 
These values are consistent with the two partici-
pants in the hydrogen-bonded complex acting in 
concert rather than the situation in chymotrypsin 
in which the carboxylato group only provides an 
acceptor for a hydrogen bond, the elimination of 
which is not so dramatic. 
 Independent determination of the pKa for the 
side chain of an amino acid in the active site of an 
enzyme can also rule out its assignment to a partic-
ular pKa. For example, the pKa of Lysine 73 in the 
active site of b-lactamase from plasmid TEM-1 has 
been estimated to be 10.0 from the rate of its modi-
fication by 2,4,6-trinitrobenzenesulfonate.143 This 
pKa, if it is an accurate estimate, does not agree 
with either of the two values of pKa (5. 6 and 7.8) 
that govern the behavior of the specificity constant 
kBPC,app for hydrolysis of benzylpenicillin (BPC) cata-
lyzed by the enzyme.144 
 
 Contrary to the assumption that was made 
earlier to simplify the discussion of pH-rate pro-
files, the acid–bases in an active site often do not 
titrate independently of each other. If two or more 
of the acid–bases are close enough together within 
the active site, titration of one of them can shift the 
value or values of pKa for the others. In such a case, 
a tautomeric linkage governs microscopic values of 
pKa. The participants in a tautomeric linkage involv-
ing only two acid–bases are a linked pair. 
 The situation in the active site of lysozyme is an 
illustration of a linked pair participating in a tauto-
meric linkage.145 In the crystallographic molecular 
model of lysozyme from G. gallus,146 Glutamate 35 
and Aspartate 52 are immediately adjacent to the 
site at which hydrolysis of a poly-(b1,4)-N-acetyl-
glucosaminopyranose (Figure 3-27) occurs in the 
nucleophilic substitution catalyzed by the enzyme. 
Microscopic acid dissociation constants for these 
two carboxy groups have been estimated from the 
difference between the direct acid–base titrations 

of the enzyme and a derivative of the enzyme in 
which Aspartate 52 had been ethyl-esterified.147 
From fits of this difference titration curve and the 
direct titration curve of the unesterified enzyme to 
the appropriate equations, microscopic acid disso-
ciation constants for these two carboxy groups 

                (4-135) 

at 25 ªC in 0.15 M KCl were estimated to be pKa52,35 = 
4.4, pKa52,35- = 5.2, pKa35,52 = 5.2, and pKa35,52- = 6.0. 
As required by the linkage of the four equilibria 
among the tautomers and states of ionization 

     
                (4-136) 

Because these two carboxy groups are adjacent to 
each other in the active site, the anionization of either 
one raises the microscopic pKa of the other one by 
0.8 unit. It is also possible to estimate, in a similar 
fashion, the four values of microscopic pKa for two 
catalytic acid–bases in the unoccupied active site 
of an enzyme from differences between the 
pH-rate profiles for the specificity constant kA,app 
of the unmutated enzyme and that of a mutant in 
which one of the two acid–bases has been elimi-
nated.148 
 In Equation 4-135, there are two tautomers of 
the state of ionization of the dicarboxylic acid that 
contain only one hydron: one in which the hydron 
is on Glutamate 35 and one in which the hydron is 
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on Aspartate 52.* It is always the case that only one 
of the two tautomers in such a situation is enzymat-
ically active in a particular direction of the reaction, 
and the fraction of the active sites that exist in this 
tautomer will determine the ultimate apparent cata-
lytic constants in that direction at a given pH. Reverse 
hydronation is a corollary of this rule. 
 No pH-rate profile can distinguish between these 
two tautomers because the equilibrium constant, 
KT, relating the two tautomers cannot be a function 
of pH (Equation 4-125), so the ratio between the 
two tautomers does not vary with pH. To decide on 
the role of each catalytic group in such a situation 
requires information other than a pH-rate profile. 
For example, it was proposed by the crystallogra-
phers that, from their locations in the active site, 
Aspartate 52 would act as the anionic conjugate base 
and Glutamic Acid 35 would act as a catalytic acid 
in hydrolysis of poly-(b1,4)-N-acetylglucosamino-
pyranose catalyzed by lysozyme.146 It was, however, 
only serendipitous that these roles assigned by the 
crystallographer from an examination of the molec-
ular model agree with one's intuition because the 
concentration of the other tautomer, in which Aspar-
tate 52 is the catalytic acid and Glutamate 35 is the 
catalytic base, must increase and decrease in paral-
lel with the concentration of the tautomer in which 
Aspartate 52 is the catalytic base and Glutamate 35 
is the catalytic acid, and its increase and decrease 
must be governed by the same apparent values of 
pKa. Consequently, if this situation were an example 
of reverse hydronation, the same pH-rate profile 
would have been observed. 
 Histidine 12 and Histidine 119 are located imme-
diately adjacent to each other in the active site of 
bovine pancreatic ribonuclease,149-151 and each is 
adjacent to the phosphodiester at which the nucleo-
philic substitution catalyzed by the enzyme occurs 
after it has associated with the active site. From an 
examination of a crystallographic molecular model 
of a complex between enzyme and uridyl vanadate 
(4-40) 

																																																								
*It should be noted that, as is the case with most tautomers, 
the hydron is not transferred between the two carboxy groups 
because they are too far apart, but a hydron associates with each 
one from the solution and dissociates from each one into the 
solution. 

 

an analogue of phosphorane 4-41 that is an inter-
mediate in the enzymatic reaction, it was concluded 
that Histidine 119 acts as a catalytic base and Histi-
dine 12 acts as a catalytic acid in the enzymatic 
reaction.152 
 pH–Titration curves for these two adjacent imid-
azolyl groups have been followed by nuclear magnetic 
resonance spectroscopy.153-155 Each titration curve 
has been fit with the equation156 

  
                 (4-137) 

where dCHobs,i is the observed chemical shift for a 
proton on carbon 2 of the neutral imidazolyl 
group i at a given pH, dCH,i+ is the observed chemical 
shift for the proton on carbon 2 of imidazolyl 
group i when it is hydronated and cationic, DdCH,i 
is the change in chemical shift for the proton on 
carbon 2 of imidazolyl group i upon its dehydronation, 
Kai,j+ is the acid dissociation constant for imidazolyl 
group i when imidazolyl group j is hydronated and 
cationic, Kai,j is the acid dissociation constant for 
imidazolyl group i when imidazolyl group j is unhy-
dronated and neutral, and Kaj,i+ is the acid dissociation 
constant for imidazolyl group j when imidazolyl 
group i is hydronated and cationic. This equation 
defines the observed titration of a proton on carbon 2 
of imidazolyl group i, and the same equation with 
the subscripts i and j switched defines titration of 
the proton on carbon 2 of imidazolyl group j. Paren-
thetically, Equation 4-137 is valid for any physical 
property that detects state of hydronation and any 
types of acid–bases, and it can be used to estimate 
relevant microscopic acid dissociation constants in 
such situations. From the fits of this equation to titra-
tion curves at 0.3 M NaCl and 30 ªC, pKa119,12+ = 
6.01 ± 0.02, pKa119,12 = 6.29 ± 0.02, pKa12,119+ = 5.80 ± 0.03, 
and pKa12,119 = 6.08 ± 0.04. Because these imidazolyl 
groups are adjacent to each other in the active site, 
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the cationization of one lowers the pKa for the oth-
er by 0.28 ± 0.05 unit. 
 In a crystallographic molecular model of the 
unoccupied active site of endo-1,4-b-xylanase from 
B. circulans, each of the two carboxy groups that 
are the catalytic acid–bases, those on Glutamate 78 
and Glutamate 172, participates in a hydrogen bond 
with the same molecule of fixed water.157 From 
observations of their nuclear magnetic resonance 
spectra, it was concluded that their ionizations are 
linked. The values obtained were pKa78,172 = 4.6, 
pKa78,172- = 5.8, pKa172,78 = 5.5, and pKa172,78- = 6.7. 
Consequently, the ionization of either one increas-
es the pKa for the other by 1.2. When the pKa of 
Glutamate 78 is lowered by synthetically replacing 
it in turn with 4-fluoroglutamate and 4,4-difluoro-
glutamate, the pKa below which the specificity 
constant decreases shifts from 4.7 to 3.4 and 3.0, as 
expected because this pKa has been assigned to 
Glutamate 78. The pKa above which the specificity 
constant decreases, however, which was assigned 
to Glutamate 172, also shifts from 7.1 to 6.0 and 6.0 
upon the respective modification.158 Because the 
specificity constant should reflect values of pKa for 
the unoccupied enzyme, even though Glutamate 172 
is unmodified, its apparent values for pKa in the 
unoccupied active site nevertheless seem to be 
affected by modification of Glutamate 78, which is 
not a requirement of the linkage (Equation 4-136). 
 The carboxy groups in the active sites of lyso-
zyme and endo-1,4-b-xylanase and the imidazolyl 
groups in the active site of bovine pancreatic ribo-
nuclease are examples of acid–bases that are close 
enough to affect each other's acid dissociations. As 
a result of such an interaction, a single pKa cannot 
be assigned to either of these carboxy groups or 
either of these imidazolyl groups. 
 These examples can be used to illustrate what 
it means in practice for two acid–bases in an active 
site to titrate independently of each other. Gluta-
matic Acid 78 (pKa78,172 = 4.6) in endo-1,4-b-xylanase 
is more acidic than Glutamic Acid 172 (pKa172,78 = 5.5). 
If Glutamic Acid 78 were even more acidic, then, as 
the pH of the solution was raised, it would be al-
most completely unhydronated and anionic before 
Glutamic Acid 172 began to ionize significantly. In 
this case, the anionization of Glutamatic Acid 78, 
because it would almost completely precede the 
anionization of Glutamic Acid 172, would not affect 
the titration of Glutamic Acid 172, and the anioni-
zation of Glutamic Acid 172, because it would almost 
completely follow the anionization of Glutamic 
Acid 78 would not affect the titration of Glutamic 

Acid 78. As a result, these two carboxy groups 
would titrate independently of each other, even 
though the interaction between them would remain 
just as strong. In other words, in the situation in 
which their ionizations were independent of each 
other, the only consequential acid dissociations 
during the titration would be pKa78,172 for Glutamic 
Acid 78 when Glutamic Acid 172 was un-ionized and 
pKa172,78- for Glutamic Acid 172 when Glutamic Acid 78 
was anionized. 
 It has already been noted that the value for the 
specificity constant decreases below the pKa of 4.6 
as the pH is decreased and decreases below the pKa 
of 6.7 as the pH is increased. These values agree with 
pKa78,172 (4.6) and pKa172, 78- (6.7) and are consistent 
with the conclusion that only these two values of 
pKa are consequential. So in practice, Glutamic 
Acid 78 and Glutamic Acid 172 titrate independently 
of each other because their acidities are different 
enough. 
 The acidities of Histidine 119 (pKa119,12+ = 6 .01) 
and Histidine 12 (pKa12,119+ = 5.80), however, are much 
closer together, but the interaction energy between 
them (DpKa = 0.28) is much smaller than the inter-
action energy between the two carboxy groups 
(DpKa = 1.2) in the active site of endo-1,4-b-xylanase. 
If there were insignificant interaction between 
them, for example, because they were more distant 
from each other, they would, by definition, titrate 
independently of each other, each with its own single 
unambiguous microscopic pKa, unaffected by the 
state of ionization of the other, even though their 
values of pKa are almost the same. 
 Consequently, either large differences in pKa 
or insignificant energies of interaction lead to inde-
pendent titration of two acid–bases in an active 
site. 
 In the case of lysozyme, the difference in pKa 
between the carboxy groups is also large enough, 
and hence the equilibrium constant between the 
tautomers is small enough, that the pH–rate profile 
(Figure 4-10I) for specificity constant kAG6,app at an 
ionic strength of 0.1 M and 40 ªC can be fit with 
Equation 4-97 to give pKa1 = 4.25 and pKa2 = 6.1, 
which are indistinguishable, within the error of 
measurement, from pKa52,35 (4.4) and pKa35,52- (6.0). 
 By incorporating tautomeric linkage into the 
kinetic mechanism chosen to explain an observed 
pH-rate profile, it can be seen that the resulting 
rate equation automatically incorporates reverse 
hydronation. Consider the interacting acid dissoci-
ation constants 
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Figure 4-16: Fractions of either a particular tautomer of two 
acid–bases or the hydronated ionization states of two tauto-
merically linked acids as a function of the pH of the solution. 
The plots are for a(”NEPH+) (Equation 4-140), a(+HNEP”) 
(Equation 4-141), a(PH+) (Equation 4-146), or a(+HN) (see 
Equation 4-146 and switch NH+ and PH+) or for the common 
logarithms of these fractions. (A) Direct plots for pKaNH+,PH+ = 3.0, 
pKaPH+,NH+ = 3.6, pKaNH+,P” = 5.4, and pKaPH+,N” = 6.0. (B) Plots 
of the common logarithms for pKaNH+,PH+ = 3.0, pKaPH+,NH+ = 3.6, 
pKaNH+,P” = 5.4, and pKaPH+,N” = 6.0. (C) Plots of the common 
logarithms for pKaNH+,PH+ = 4.6, pKaPH+,NH+ = 5.2, pKaNH+,P” = 5.4, 
and pKaPH+,N” = 6.0. (D) Plots of the common logarithms for 
pKaNH+,PH+ = 5.4, pKaPH+,NH+ = 6.0, pKaNH+,P” = 5.4, and 
pKaPH+,N” = 6.0. In this last situation, the dissociations of the 
two acids are unlinked. 
 
 

         
                (4-138) 

where NH+ and PH+ are cationic catalytic acids in 
the active site, KaNH+,PH+ is the dissociation constant 
of acid NH+ when acid PH+ is hydronated and cat-
ionic, KaNH+,P” is the dissociation constant of acid 
NH+ when acid PH+ is the unhydronated conjugate 
base and uncharged, KaPH+,NH+ is the dissociation 
constant of acid PH+ when acid NH+ is hydronated 
and cationic, and KaPH+,N” is the dissociation constant 
of acid PH+ when acid NH+ is the unhydronated 
conjugate base and uncharged. Mathematically, 
this linkage is identical to that of Equation 4-135 
because the only difference is the identity of the 
four species and the names for the acid dissociation 
constants; the hydrons dissociating in each step are 
identical. Consequently, the result of the following 
derivation would be the same for Equation 4-135 
or any other pair of linked acid dissociations. 
 If 

                 (4-139) 
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it follows that 
 

                (4-140) 

and by the equivalent derivation that 

                  (4-141) 

Because KaNH+,PH+KaPH+,N” = KaNH+,P”KaPH+,NH+, the 
denominator is identical for both a (”NEPH+) and 
a (+HNEP”).* Plots of Equations 4-140 and 4-141 
(Figure 4-16) are indistinguishable from plots of 
kinetic equations for an enzymatic reaction catalyzed 
by an acid and a base that titrate independently of 
each other (Figures 4-10G, 4-10H, 4-12, and 4-14) 
rather than being tautomerically linked. The only 
term that differs between Equations 4-140 and 
4-141 is the acid dissociation constant in the respec-
tive numerators, so as equations describing the 
observed behavior, they are indistinguishable. When 
there is no interaction between acid NH+ and acid 
PH+, KaNH+,PH+ = KaNH+,P” and KaPH+,NH+ = KaPH+,N” and 
Equation 4-140 becomes Equation 4-94. 
 If one steady-state rate constant is directly 
proportional to the fraction of the enzyme in the 
tautomer ”NEPH+, then 

                (4-142) 

If one steady-state rate constant is directly propor-
tional to the fraction of the enzyme in the form 
+HNEP”, then 

																																																								
*Note the similarity of Equations 4-140 and 4-141 to the factor 
in the second term on the right in Equation 4-137. 

                 (4-143) 

Equations 4-142 and 4-143 have the same form as 
Equation 4-99. The observed acid dissociation con-
stants, Ka1 and Ka2 in Equation 4-99, are simply the 
two roots of the quadratic term in the denominator 
of Equations 4-142 and 4-143. 
 Consequently, the data can be fit as successfully 
with either Equation 4-99, Equation 4-142, or 
Equation 4-143, and the pH-rate profiles alone can 
never distinguish whether the situation described 
by Equation 4-99, Equation 4-142, or Equation 4-143 
applies. Nor is there any reason to expect consequen-
tial interaction between the acid–bases governing 
the behavior, regardless of observed values of pKa, 
from the pH-rate profile alone. It follows that any 
pH-rate profile is always consistent with either 
the catalytic acid–bases titrating independently of 
each other or one of the tautomers of a tautomeric 
linkage being the active tautomer. 
 If, for bovine pancreatic ribonuclease, Histi-
dine 119 is the catalytic base N” and Histidine 12 is 
the catalytic acid PH+, as concluded from the crystallo-
graphic molecular model, then from nuclear magnetic 
resonance spectroscopy, pKaNH+,PH+ = pKa119,12+ = 6.01, 
KaPH+,NH+ = pKa12,119+ = 5.80, and KaPH+,N” = pKa12,119 
= 6.08. These values can be corrected for the differ-
ence in temperature between the measurements by 
nuclear magnetic resonance spectroscopy (30 ªC) 
and those for the pH-rate profile (25 ªC) with the 
relation 

           (4-144) 

where DHª is the heat of ionization of an imidazolyl 
group (37 kJ mol-1).159 When the corrected values are 
used as parameters in Equation 4-142, the resulting 
curves that are generated fit the measurements of 
kcCP,app (Figure 4-11A) and kcUP,app (Figure 4-11B). 
The data can also be fit with Equation 4-95 and the 
parameters pKa1 = 5.8 and pKa2 = 6.2, which are the 
respective roots of the quadratic equation in the 
denominator of Equation 4-142. In this interpreta-
tion, in which Histidine 119 is the catalytic base 
and Histidine 12 is the catalytic acid governing the 
pH-rate profile, based solely on the assignments of 
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the crystallographic molecular model, catalysis 
performed by these catalytic acid–bases in the 
direction of hydrolysis would be an example of 
reverse hydronation because the pKa of the conju-
gate acid of the imidazolyl group of Histidine 119 is 
greater than the pKa for the imidazolium group of 
Histidine 12. 
 Consistent with the assignment of the observed 
pKa of 5.8 to Histidine 12 and the observed pKa of 
6.2 to Histidine 119 is the fact that, when the imid-
azolyl group of Histidine 12 is replaced synthetically 
by a 4-fluoroimidazolyl group, the observed pKa of 
5.8 shifts to an observed pKa of 3.4, and when the 
imidazolyl groups of both Histidine 12 and Histi-
dine 119 are replaced by 4-fluoroimidazolyl groups, 
the observed pKa of 6.2 shifts to an observed pKa of 
4.6.160 
 To this point it has been assumed that only 
one tautomer of a singly hydronated, linked pair of 
acid–bases is the catalytically active form of the active 
site because one linked pair of acid–bases would be 
acting as a catalytic base and the other as a catalytic 
acid in one direction and switching roles in the 
opposite direction, as was extensively described for 
mandelate racemase. It is also possible, however, 
that two acid–bases in the active site participate in 
a tautomeric linkage but that only one of the two 
acts as a catalytic base or a catalytic acid and the 
other, the spectator acid–base, merely perturbs 
the acid dissociation constant of that catalytic acid 
or base. For example, suppose that acid PH+ in the 
previous tautomeric equilibrium (Equation 4-138) 
acts as a catalytic acid but the other acid, NH+, 
although it is tautomerically linked to acid PH+, is a 
spectator that has no role in catalysis. Suppose also 
that the spectator acid NH+ is positively charged 
when it is hydronated and decreases the pKa of the 
catalytic acid, PH+, when it, the catalytic acid, is 
hydronated. In that case, catalysis should depend 
only on the fraction, a(PH+), of the acid–base PH 
that is in the hydronated ionization state. Because 

                  (4-145) 

it follows that 

                (4-146) 

 
 Titration curves (Figure 4-16) of the catalytic 
acid, a(PH+), and the spectator acid, a(NH+), are 
quite different from titration curves of the two tauto-
mers, a(”NEPH+) and a(+HNEP”). Suppose the 
value of pKa for each of the two acids is shifted signif-
icantly enough by dehydronation of the other—for 
example, in Figure 4-16A,B, where the values are 
pKaPH+,NH+ = 3.6 and pKaPH+,N” = 6.0 and pKaNH+,PH+ = 3.0 
and pKaNH+,P” = 5.4. Suppose also that the values of 
pKa for the two acids when the other is unhydronated 
are close enough together that the concentrations 
of the two tautomers are of equal magnitude, again 
as they are in Figure 4-16A,B. Under these condi-
tions, the titration curve for the catalytic acid has 
an unmistakable inflection, as does that of the 
spectator acid, and the pH-rate profile for catalysis 
should also display such an inflection. In fact, titra-
tion curves for Aspartate 10 and Aspartate 70 in the 
active site of ribonuclease H from E. coli,161 deter-
mined by nuclear magnetic resonance spectroscopy, 
show inflections that are quite similar to those seen 
in Figure 4-16. As the shift of the one pKa caused by 
dehydronation of the one acid decreases in magni-
tude, however, the inflections become less obvious 
(Figure 4-16C) before they disappear completely 
when there is no linkage between the two acid–
bases (Figure 4-16D). 
 Values of pKa for the plots in Figure 4-16A,B 
were intentionally chosen to exaggerate the inflec-
tions. In most cases, values of pKa in a situation where 
a spectator acid–base shifts the pKa for a catalytic 
acid–base, which is probably quite common, are 
usually not so extreme, either because the shifts 
produced by the one upon the other are not so 
large, as in the case of ribonuclease, or because 
values of pKa for the acid–bases when the other is 
neutral are much larger so the equilibrium constant 
relating the concentrations of the tautomers is far 
from 1, as in the case of mandelate racemase. In either 
situation, the inflections are not noticed because 
the data are almost never extensive enough to define 
them. The inflection in Figure 4-11B is obvious only 
because the data are of exceptional quality. 
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 It seems that most active sites perturb values 
of pKa for their catalytic acid–bases. Therefore, the 
shifts in pKa for the catalytic acid–bases caused by 
the surroundings that occur in the active sites of 
ribonuclease T1 from Aspergillus oryzae, enoyl-CoA 
hydratase from R. norvegicus, lysozyme from G. gallus, 
bovine pancreatic ribonuclease, and mandelate 
racemase from Pseudomonas putida, which have 
already been described, are not unusual. These 
shifts in pKa can be dramatic. For example, the pKa 
of 7.0 below which the catalytic constant for IMP 
dehydrogenase from Tritrichomonas foetus decreases 
as the pH is lowered has been assigned to Arginine 
418,162,163 which would represent a shift in pKa of 
around 6 units caused by the active site. In the active 
site of human medium-chain acyl-CoA dehydro-
genase occupied by an acyl-SCoA eight carbons 
long,164 the pKa of Glutamate 376 is 9.2, which would 
represent a shift in pKa of around 5 units. 
 Even though the reasons for these shifts in pKa 
are usually obscure, and they have occurred over 
time for reasons usually understood only by natural 
selection, the temptation to rationalize them has not 
been resisted by observers as well as this author. 
For example, the pKa for the ammonio group in 
Lysine 115 in acetoacetate decarboxylase from 
C. acetobutylicum is 5.9 (Figure 4-15),127 even lower 
than the pKa for Lysine 166 in mandelate racemase. 
In the crystallographic molecular model of the active 
site of this enzyme, Lysine 115 is found in a nonpolar 
funnel,165 and it has been proposed that this nonpolar 
environment prevents solvation of the ammonio 
group and lowers its pKa by lowering the relative 
permittivity of its surroundings (Equation 4-62). 
 It has been pointed out, however, that ad hoc 
explanations such as the one just given for the shift 
in pKa for the ammonio group of the Lysine 115 
may well be too simplistic. When 30 mutations—
either single mutations, double mutations, or triple 
mutations—were made in amino acids surrounding 
Tyrosine 57 in the active site of steroid D-isomerase 
from P. putida and the pKa of Tyrosine 57 was 
assessed for each mutant, many of the shifts caused 
by the mutations seemed counterintuitive. The 
conclusion reached166 was that the "perturbations 
are more complex than suggested by visual inspec-
tion." 
 In cases where the value of a pKa governing the 
catalytic constant is for the acid dissociation con-
stant of the same group responsible for the value of 
pKa governing the specificity constants, those values 
of pKa usually shift when reactant binds, and the 
structure, identity of the various hydrogen bonds, 

and relative permittivity of the active site all change, 
causing observed values of pKa for specificity con-
stants and the catalytic constant to differ.167 For 
example, in human acyl-CoA dehydrogenase (previ-
ously Equation 2-114) 

  
                (4-147) 

the pKa of Glutamate 376, which is the catalytic base 
that removes a hydron from carbon 2 of acyl-SCoA 
during the reaction to form the enolate, shifts from 
4.3 in the free enzyme to 9.3 when 4-thiaoctenoyl-
SCoA, an analogue of the reactant octanoyl-SCoA, 
associates with the active site. This shift may explain 
the pKa of 8.3 observed in the pH-rate profile for 
the catalytic constant of the enzyme with the actual 
reactant, octanoyl-SCoA.164,168 
 If Aspartate 52 and Glutamate 35 are responsi-
ble for the two observed values of pKa governing 
the catalytic constant k0 of lysozyme (3.8 and 6.7; 
Figure 4-10H), then the microscopic values of pKa 
for Aspartate 52 in the free enzyme (4.4 and 5.2) 
have shifted to a lower value, and they have coa-
lesced because they are no longer linked to the ion-
ization of Glutamate 35. Likewise, the microscopic 
values of pKa for Glutamate 35 in the free enzyme 
(5.2 and 6.0) have shifted to a higher value, and 
they have coalesced because they are no longer 
linked to the ionization of Aspartate 52. The linkage 
is probably eliminated because the substrate now 
sits between the two and their values of pKa shift in 
opposite directions. The latter can be explained as 
a shift caused by the hydrogen bond Glutamic Acid 35 
forms with the oxygen of the leaving group in the 
hydrolysis (Figure 3-27), which should raise its pKa. 
If the lower pKa, however, is still that of Aspartate 52, 
then the decrease in the pKa for its side chain, which 
does not form a hydrogen bond with a reactant in 
the Michaelis complex and which finds itself in less 
polar surroundings in the complex, has no obvious 
explanation. 
 An active site can also shift the pKa for a sub-
strate upon its association. For example, the pKa of 
nitrogen 1 of uracil in the complex between uracil-
DNA glycosylase from E. coli and its substrates 
(uracil and a double-helical DNA fragment of 11 
base pairs from which the enzyme has removed the 
uracil) has been determined by nuclear magnetic 

octanoyl-SCoA  +  

       oxidized electron-transfer flavoprotein

              1  trans-oct-2-enoyl-SCoA  +  

                     reduced electron-transfer flavoprotein
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resonance spectroscopy169 to be 6.3 while the pKa 
of uracil is free solution is 9.5. This shift in pKa is 
caused by a hydrogen bond between the imidazolium 
of Histidine 187 and the acyl oxygen on carbon 2 of 
uracil,170 and the shift may increase the ability of 
the uracil to leave during the nucleophilic substitu-
tion catalyzed by the active site. 
 Reasons other than a shift in pKa, however, can 
explain the difference in the effects of pH on a 
specificity constant and a catalytic constant. In the 
case of porcine aspartate transaminase (Equa-
tion 4-108), where two values of pKa govern the 
behavior of the specificity constant kAsp,app for 
¬-aspartate, the catalytic constant of the enzyme is 
unaffected by pH (Figure 4-12). The pKa of 6.35, 
assigned to the lysylpyridoximine (Equation 4-129) 
in the unoccupied active site, and the pKa of 9.9, 
assigned to the a-amino group of the reactant 
¬-aspartate, should become irrelevant once the first 
of the many hydron transfers in the mechanism 
have occurred (Figure 2-2), well before the rate-
limiting step of the reaction, which is independent 
of pH. 
 An appealing explanation for the observation 
that a catalytic constant is unaffected by pH would 
be that once reactant has bound and the active site 
has closed around it, the acid–bases in the active 
site are no longer accessible to the solution and as a 
result cannot participate in acid dissociations. In 
the case of hexokinase from S. cerevisiae, however, 
which closes rather completely around its reactants 
(Figure 3-55), the catalytic constant nevertheless 
decreases as the pH is lowered below an apparent 
pKa of 5.0.171,172 
 Because the pH-rate profiles for mandelate 
racemase (Figure 4-14) are for its catalytic con-
stants in the two respective directions, the values of 
pKa observed, 6.4 and 10.0, should be those for 
Lysine 166 and Histidine 297 in the complex between 
enzyme and the respective reactant (Equation 4-119). 
If this assignment is correct, which seems reasona-
ble for an enzyme with such a simple mechanism, 
in which the rate-limiting step is the difficult removal 
of the hydron from the carbon,101 then Lysine 166 
and Histidine 297 in the Michaelis complex between 
enzyme and substrate are accessible enough to the 
solution to participate readily in acid dissociations.  
 The shift caused by a hydrogen bond, for exam-
ple, when reactant binds to lysozyme, is an example 
of a common reason for the shift in pKa of a catalytic 
acid–base upon formation of a Michaelis complex. 
If the catalytic lone pair of electrons on a catalytic 
base in the active site participates as an acceptor in 

a hydrogen bond with reactant, the pKa for the conju-
gate acid of that catalytic base will decrease upon 
formation of the hydrogen bond in the complex 
between enzyme and reactant; and if the catalytic 
hydron on a catalytic acid in the active site partici-
pates as a donor in a hydrogen bond to the reactant, 
the pKa for that catalytic acid will increase upon 
formation of the hydrogen bond. For example, in 
the crystallographic molecular model of the com-
plex between androstenedione and the active site 
of human aromatase, the carboxy group of Aspartic 
Acid 309 is the donor in a hydrogen bond with the 
carbonyl group at carbon 3 of androstenedione. 
The pKa for the carboxy group of this aspartic acid 
in the complex between the active site and andro-
stenedione, measured by ultraviolet difference 
spectroscopy of the complex,173 is 8.2, considerably 
greater than the pKa (4.0) for aspartic acid on the 
surface of a protein. The pKa of Glutamatic Acid 167 
in the active site of triose-phosphate isomerase 
from Trypanosoma brucei shifts from around 4 in 
the unoccupied active site to a pKa of around 10 
when the active site associates with phosphoglyco-
late,174 an analogue of the cis-1,2-enediolate inter-
mediate in the enzymatic reaction. In the crystallo-
graphic molecular model of the complex between 
phosphoglycolate and the active site of triose-phos-
phate isomerase from S. cerevisiae, the carboxy group 
of Glutamic Acid 165 (the homologue of Glutamic 
Acid 167 in the enzyme from T. brucei) is a donor in 
a hydrogen bond to one carboxylato oxygen in 
phosphoglycolate. 
 In the case of bovine pancreatic ribonuclease, if 
the observed pKa of 9.0 governing the behavior of the 
catalytic constant of the enzyme for the hydrolysis 
of cytidine 2A,3A-cyclic phosphate (Figure 4-11A) is 
that of Histidine 12, then its pKa has increased from 
5.8 in part because it acts as a donor in a hydrogen 
bond with the anionic phospho oxygen of the reactant. 
If the observed pKa of 6.25 governing the behavior 
of the catalytic constant of the enzyme (Figure 
4-11A), however, were that of Histidine 119, then 
its pKa would not have shifted from an observed 
pKa2 of 6.2 for the unoccupied enzyme, even 
though one anionic oxygen of the phosphate in the 
reactant has slid in between Histidine 119 and the 
hydronated cationic Histidine 12.152 This consider-
ation seems to require that the pKa of 6.25 govern-
ing the behavior of the catalytic constant is not that 
of Histidine 119 and that its pKa has shifted out of 
the range of measurement. 
 Formation of a hydrogen bond can also affect 
the pKa for an amino acid in the unoccupied active 
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site of an enzyme. For example, in the examination 
of the large array of mutants of steroid D-isomerase 
from P. putida, the authors166 concluded that in the 
unmutated native enzyme, three donors of hydrogen 
bonds to the hydroxy group on Tyrosine 57, acting 
together within a cluster of hydrogen bonds that 
dictates what is a donor and what is an acceptor, 
are responsible for lowering the pKa of Tyrosine 57 
to 6.3. 
 
 Apparent values of pKa observed in a pH-rate 
profile of a steady-state rate constant are often not 
registering the pKa of any acid–base in the active 
site. To this point, it has been assumed that values 
of pKa observed in the pH-rate profiles of steady-
state rate constants are actual values of pKa for specific 
acid–bases in the active site of the enzyme. When, 
however, a pKa that appears to govern a steady-
state rate constant cannot be confidently assigned 
by another observation to a reactant or a particular 
amino acid known crystallographically to be in the 
active site of the enzyme, the likelihood that the 
kinetically observed pKa is not an actual pKa must 
be considered. 
 Whether or not it is explicitly stated by the 
investigator, treating values of pKa observed in a 
pH-rate profile of a catalytic constant or the speci-
ficity constant for reactant A as actual values of pKa 
assumes that the kinetic mechanism for the reaction 
is as simple as that of Equation 4-112 or its equiva-
lent for reactant A. It has been pointed out, however, 
that the kinetic mechanism of Equation 4-112 is 
too simple to describe the kinetic mechanisms of 
most if not all enzymes.66 Any increase in the com-
plexity of the mechanism can cause the catalytic 
constant or the specificity constant for reactant A, 
or both of them, no longer to be simple products of 
the fractions of free enzyme, free reactant, and 
their various complexes that are the proper tauto-
mers for catalysis (Equations 4-118 and 4-119).127 
Therefore, in many if not most cases, the intersec-
tions of the asymptotes (Figures 4-10, 4-11, 4-12, 
and 4-14) are not values of pKa for particular side 
chains in the active site. Any statement that they 
are must be accompanied by independent evidence 
of this claim, as has been done so far in this discus-
sion in describing the identity of the acid–base 
responsible for particular situations. 
 The situation, however, is nothing more serious 
than an instance of what is true of all kinetic mech-
anisms: they may be consistent with the observa-
tions but cannot be proven by the observations. If, 
however, the kinetic mechanism of a particular 

enzymatic reaction with a particular reactant has 
been established independently and it differs from 
the kinetic mechanism in Equation 4-112, then the 
meaning of the intersections of asymptotes can be 
stated explicitly because an equation for the initial 
rate of the enzymatic reaction can be derived by the 
usual formalism, and it becomes clearer whether or 
not any of these intersections define acid dissocia-
tion constants of amino acids in the active site.127 
 To illustrate the fact that there is no require-
ment for apparent values of pKa to be actual values 
of pKa for amino acids in the active site or on the 
reactants, a simple example of a situation in which 
an apparent pKa is not an actual pKa can be formu-
lated.175 Suppose that an enzymatic reaction has 
two steps following association of all its reactants: a 
slow step independent of pH, followed by a step 
that requires a particular hydronated acid–base in 
the active site acting as a catalytic acid. Suppose also 
that reactants are all present at saturation so that 
the catalytic constant of the enzymatic reaction is 
being followed as a function of pH. Finally, suppose 
that at low pH, well below the pKa of the catalytic 
acid in the complex, the second step, the one requiring 
the catalytic acid, is much faster than the first and 
that the first step is the rate-limiting step of the 
overall reaction. As the pH is raised, steady-state 
flux through the two steps, and hence the catalytic 
constant, will remain constant even as the pH rises 
above the actual pKa for the acid–base in the complex 
because the second step would still remain faster 
than the first. Above a certain value of pH, however, 
there would be a change in the rate-limiting step 
as the concentration of hydronated catalytic acid–
base in the complex becomes so small that the rate 
of the second step necessarily has become slower 
than the first. Above this value of pH, the catalytic 
constant of the enzyme, now limited by the second 
step rather than the first, would decrease by a factor 
of 10 for every increase of 1 unit in pH. Therefore, 
the pH at which the change in the rate-limiting step 
occurs only appears to define an acid dissociation 
constant of the occupied active site; the actual value 
of the pKa for the catalytic conjugate acid of the acid–
base controlling the rate of the second step is smaller 
than the pH at which the asymptotes in the common 
logarithmic pH-rate profile of the catalytic constant 
intersect. 
 A similar argument can be made for a situation 
in which the second step requires a particular 
unhydronated catalytic acid–base in the active site. 
In this instance, the change in rate-limiting step 
defined by the intersection of the asymptotes in the 
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common logarithmic pH-rate profile of the catalytic 
constant at the apparent pKa, which seems to define 
the pKa of the conjugate acid of the catalytic base, 
would actually occur at a pH less than the pKa of 
the conjugate acid of the catalytic base, at the point 
at which the concentration of the required, unhydro-
nated catalytic acid–base becomes small enough 
that the second step becomes slow enough to be 
rate-limiting. 
 The decrease in the common logarithm of the 
catalytic constant k0 as a function of pH with a 
slope of -1 above the pH of the intersection in the 
first case (as in Figure 4-10E) and the decrease in 
the common logarithm of the catalytic constant k0 
as a function of pH with a slope of +1 below the pH 
of the intersection in the second case (as in Fig-
ure 4-10B) still result from the decrease in the con-
centration of the catalytic acid or the catalytic base, 
respectively, of a factor of 10 for every unit of pH. 
The intersections of the asymptotes, however, are 
no longer values of pKa for the respective catalytic 
acid–base governing the behavior. In the former 
case, the actual pKa for the catalytic acid is less 
than the pH at the intersection of the asymptotes; 
in the latter case, the actual pKa for the conjugate 
acid of the catalytic base is greater than the pH at 
intersection; and in each case, the intersection of 
the asymptotes defines only the pH at which the 
rate-limiting step changes. Consequently, if the 
pKa for a candidate for a catalytic acid in the enzy-
matic reaction is measured independently and 
found to be less than the apparent pKa governing a 
pH-rate profile, or if the pKa for the conjugate acid 
of a candidate for a catalytic base in the enzymatic 
reaction is measured independently and found to 
be greater than the apparent pKa governing a 
pH-rate profile,176 this discordance cannot be used 
as an argument ruling out the involvement of either 
acid–base as a catalyst in the mechanism of the 
enzyme. Nevertheless, the decrease in rate constant 
above or below a particular pH does indicate that 
there is an acid–base that must be hydronated or 
an acid–base that must be unhydronated for the 
enzymatic reaction to proceed. 
 A change in rate-limiting step can involve 
dissociation of a product as one step. For example, 
the catalytic constant k0 of the reaction catalyzed 
by dihydrofolate reductase from E. coli (previously 
Equation 3-428) 

  
                  (4-148) 

is determined both by the rate for hydride transfer 
from NADPH to 7,8-dihydrofolate and by the rate 
for dissociation of the product NADP+ from the active 
site.177 The rate constant for hydride transfer, kHT, 
measured directly, is dependent on pH, decreasing 
above a pKa of 6.5 from a maximum at 25 ªC of 
950 s-1 as a catalytic acid is titrated. The rate constant, 
kdiss, for dissociation of NADP+ is independent of 
pH and has a value of 15 s-1. At low pH, dissociation 
of the product NADP+ is the rate-limiting step for 
turnover because the catalytic acid is stoichiomet-
rically hydronated. As the pH is increased, however, 
there is a change in rate-limiting step at pH 8.3, 
which is identified by an intersection of asymptotes 
for the catalytic constant (Figure 4-17).177,178 At 
high pH, hydride transfer is the rate-limiting step 
for turnover. If the rate of dissociation of NADP+ is 
accelerated by using a different folate179 or the rate 
of hydride transfer is decreased by mutating the 
enzyme,180 the pH-rate profile of the catalytic con-
stant k0 is governed by the intrinsic pKaNH of 6.5 of 
the catalytic acid required for hydride transfer. This 
situation is an example in which the actual pKa for 
the catalytic acid is less than the pH at which the 
asymptotes intersect. 
 In the case of micrococcal nuclease from S. au-
reus, however, the dependence on pH of the catalytic 
constant of the enzyme for hydrolysis of single-
stranded DNA decreases below an apparent pKa of 
7.3 as the pH is lowered. At this pH, the rate-
limiting step changes from dissociation of the 
product at high pH to hydrolysis of the phospho-
diester at low pH. This change in rate-limiting step 
was demonstrated by examining the effect of viscosity 
of the solution on the catalytic constant as a function 
of pH.181 In this instance, the intrinsic pKa for the 
acid–base below which the rate constant for hydrol-
ysis decreases, leading eventually to the change in 
rate-limiting step at pH 7.3, is 8.7. This situation is 
an example in which the actual pKa for the catalytic 
base is greater than the pH at which the asymptotes 
intersect. 
 Stickiness of a reactant can cause a change in 
rate-limiting step. A reactant is sticky if its rate of 
dissociation from the active site is slower than its 
conversion to product free in solution. In the sim-
plest kinetic mechanism (previously Equations 3-55 
and 3-62) 

 

NADPH  +  7,8-dihydrofolate  +  H+  1  
                             5,6,7,8-tetrahydrofolate  +  NADP+
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Figure 4-17: Change in rate-limiting step as a function of pH 
for the catalytic constant of dihydrofolate reductase from 
E. coli for NADPH and 7,8-dihydrofolate.177 (A) The rate for 
transfer of the hydride from NADPH to 7,8-dihydrofolate on 
the active site was monitored at 25 ªC as a decrease in fluores-
cence of NADPH following rapid mixing of the two reactants at 
saturating concentrations with the enzyme (as in Figure 4-18). 
The buffer contained 50 mM 2-(N-morpholino)ethanesulfonate, 
25 mM 2-amino-2-(hydroxymethyl)propane-1,3-diol, 25 mM 
ethanolamine, and 100 mM sodium chloride. Over the pH 
range used, the ionic strength of this buffer remains constant. 
The common logarithms of the observed rate constants for 
transfer of the hydride, kHT,app (3, second-1), are plotted as a 
function of pH. The dashed curve is for Equation 4-89 with 
kHT = 950 s-1 and pKa = 6.55. (B) The rate for the dissociation of 
the product 5,6,7,8-tetrahydrofolate from the active site was 
monitored at 25 ªC as a decrease in fluorescence at 340 nm after 
rapid mixing of the preformed complex between the enzyme, 
5,6,7,8-tetrahydrofolate, and NADPH with a solution of metho-
trexate, which immediately associates with the active site follow-
ing dissociation of 5,6,7,8-tetrahydrofolate to prevent its 
rebinding. The common logarithms of the observed rate con-
stants for the dissociation, kdiss (2, second-1), are plotted. The 
dissociation was measured at pH 6 and 9 and found to be the 
same within the error of measurement. The horizontal dashed 
line is placed at the mean of these two measurements. (C) The 
initial rates for conversion of NADPH and 7,8-dihydrofolate to 
5,6,7,8-tetrahydrofolate and NADP+ catalyzed by the enzyme 
were measured at 30 ªC by following the decrease in absorbance 
of NADPH at 340 nm.178 The same buffer described above was 
used to establish the pH. The common logarithms of the observed 
catalytic constants of the enzyme, k0,app (Í, second-1), are plotted 
as a function of pH. Even though the behavior observed is due to 
a change in rate-limiting step, Equation 4-89 with k0 = 18 s-1 
and pKa = 8.3 (solid curve) fits the data satisfactorily. 
 
 
 
 
 
 
 
 

       (4-149) 

       (4-150) 

the specificity constant kA is k1k2(k2 + k-1), and if 
the reactant in this simple mechanism is sticky, 
k-1 < k2. In the case of murine cyclic AMP-dependent 
non-specific serine/threonine protein kinase, the 
specificity constant kpep,app for phosphorylation of 
the peptide LRRASLG (pep) decreases with pH 
above an apparent pKa of 9.3. This behavior was 
shown, by studies of the effects of viscosity, to result 
from a change in rate-limiting step from association 
of the reactant at low pH, where the reactant was 
sticky (k-1 < k2), to turnover of reactant at high 
pH.182 In this instance, as the pH is increased, the 
rate constant for association of the reactant, k-1, 
remains constant, but the microscopic rate constant 
for a step following association of the reactant 
depends on a catalytic acid. The concentration of 
this catalytic acid, and hence k2, decreases as the 
pH is raised above its pKa, until the rate-limiting 
step is no longer association of the reactant but 
some step following association. This decrease in 
the rate constant k2 eventually causes the reactant 
no longer to be sticky because k2 eventually becomes 
less than k-1. 
 It is also possible for a change in rate-limiting 
step to occur in a situation in which each of two acid–
bases in the active site accomplishes its catalysis 
in a different step of the mechanism. Consider the 
kinetic mechanism 

     
                (4-151) 

where AA is an intermediate in the transformation 
of A to Z. If the step governed by rate constant k6 is 
catalyzed by a catalytic base, ”O(-), in the active 
site and the step governed by rate constant k7 is 
catalyzed by a catalytic acid, NH(+), and 
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         (4-152) 

and 

         (4-153) 

then by microscopic reversibility 

        (4-154) 

where KaOH is the acid dissociation constant of acid–
base OH when A occupies the active site and KAaOH 
is its acid dissociation constant when AA occupies 
the active site. Solving the steady-state rate equation 
with the pH-dependent forms of the rate constants 
gives the catalytic constant 

  
                (4-155) 

 At low pH (below pKaOH, pKAaOH, and pKaNH) 
the rate of the step governed by k6 (Equation 4-152) 
is so slow that it is rate-limiting. As the pH is raised 
within this low range, the catalytic constant increases 
by a factor of 10 for each increase in pH of 1 unit. At 
high pH (above pKaOH, pKAaOH, and pKaNH) the cata-
lytic constant does not decrease with pH but remains 
constant because k-6,app is decreasing as the pH is 
increasing in parallel with k7,app, so the partition of 
E·AA forward through the step governed by k7 and 
backward through the step governed by k-6 remains 
constant. 
 In the intermediate range of pH, outcomes 
involving inflections as well as changes in slope in 
the pH-rate profiles are possible, depending on the 
values of rate constants and acid dissociation con-
stants. If, however, pKaOH = pKAaOH, there are no 
intermediate inflections, and the curves all have only 

a single change in slope from +1 to 0 at a pKa,app. This 
outcome can be explained by making KaOH = KAaOH 
in Equation 4-155. In this case it reduces to a form 

         (4-156) 

for which  

        (4-157) 

Consequently, the value of the observed pKa,app can 
take on any value between pKaHA and pKaNH depend-
ing on the values of k-6 and k7, which determine 
the pH at which a change in rate-limiting step from 
the step governed by k6 to the step governed by k7 
occurs. Again, a simple change in slope with an 
apparent pKa is not the result of an actual pKa but 
instead the result of a change in rate-limiting step. 
 Up to this point, with the exception of this 
most recent instance, one constraint that has been 
placed on explanations of pH-rate profiles of the 
catalytic constant when two acid–bases are acting 
catalytically is that they both accomplish their catal-
ysis in the same transition state. The reason for this 
requirement is clear after considering the behavior 
defined by this most recent derivation (Equation 
4-155), in which each of the two acid–bases accom-
plishes its catalysis in a different transition state. 
Because of microscopic reversibility, the step gov-
erned by k-6 must be catalyzed by the conjugate 
acid of the catalytic base or the conjugate base of 
the catalytic acid that catalyzes the step governed 
by k6. Consequently, at infinite pH, the catalytic 
constant has become invariant with increasing pH 
rather than decreasing with a slope of -1 when a 
base catalyzes the step governed by k6 and an acid 
catalyes the step governed by k7. When an acid cata-
lyzes the step governed by k6 and a base catalyzes 
the step governed by k7, the catalytic constant 
becomes invariant with pH at infinitely low pH rather 
than decreasing with a slope of +1. Whether or not 
a change in slope is observed in the range of pH 
chosen for the observations, either from +1 to 0 or 
from 0 to -1, will depend on the values of rate con-
stants k6, k-6, and k7. Peculiar inflections can occur 
at intermediate ranges of pH in each instance if the 
pKa for the acid–base involved in the step governed 
 

k 6,app  =  k 6
K aOH([H+] + K aOH 

)

k 7,app  =  k 7
[H+]([H+] + K aNH 

)

k – 6,app  =  k – 6 ([H+] + K A aOH 
)[H+]

k 0   =                                   =  

K aOH ([H+] + K A aOH)k 6k 7

{k – 6 ([H+] + K aNH 
) + k 7 ([H+] + K A aOH)}([H+] + K aOH 
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k 6,appk 7,app
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K a,app([H+] + K a,app 
)
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k – 6K aNH  + k 7K aOH 
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Figure 4-18: pH-Rate profile for transfer of a hydride from ethanol 
to NAD+ (Equation 4-158) at the active site of liver alcohol 
dehydrogenase.185 Solutions of 200 mM ethanol and 4 mM NAD+ 
were prepared at various values of pH buffered with sodium 
phosphate or sodium glycinium phosphate at an ionic strength 
of 0.1 M and 25 ªC. Each solution was mixed in turn with an 
equal volume of alcohol dehydrogenase at a 30 mM concentra-
tion of active sites. The mixing was performed in a stopped-
flow apparatus, and the change in absorbance at 340 nm was 
monitored by an oscilloscope. A rapid increase of absorbance 
at 340 nm was observed, corresponding in magnitude to a single 
hydride transfer for each active site. The pseudo-first-order 
rate constant for this burst of absorbance was measured from each 
kinetic trace. The values of this rate constant, kHT,app (second-1), 
for transfer of the hydride (HT) are plotted as a function of pH. 
The line drawn is for an acid–base titration with a pKa of 6.4 
and a pH-independent rate constant, kHT, of 155 s-1.  
 
 
 
by k6 and k-6 changes its pKa during the step. It fol-
lows that when each of the two acid–bases accom-
plishes its catalysis in a different transition state, a 
significantly more complex pH-rate profile results 
that often if not usually defies explanation. 
 A change in rate-limiting step combined with 
hydronation of a catalytic base or dehydronation of 
a catalytic acid can also cause an inflection in the 
pH-rate profile of the catalytic constant as the pH 
is lowered below the pKa for the catalytic base or 
raised above the pKa for the catalytic acid.183 
 When a pH-rate profile for a steady-state rate 
constant is governed by observed, apparent values 
of pKa to which no catalytic acid–bases can be 
assigned unambiguously—for example, in a situa-
tion when an observed pKa is actually the pH at 
which a change in rate-limiting step occurs in a 
reaction—a kinetic procedure that measures the 
pH-rate profile for the rate of only one step in the 
kinetic mechanism can provide the pKa for a catalytic 

acid or catalytic base in the active site. For example, 
the rate-limiting step in the reaction catalyzed by 
equine alcohol dehydrogenase 

     
                (4-158) 

is release of NADH,184 so the behavior of the steady-
state rate constants as a function of pH when ethanol 
and NAD+ are reactants does not reveal any values 
of pKa for catalytic acids and bases in the active 
site. Because the absorbance of NAD+ at 340 nm 
increases significantly at the instant it accepts a 
hydride while it is within the active site, monitoring 
an enzymatic reaction involving this coenzyme at 
this wavelength follows only this one explicit chem-
ical step. Ethanol and NAD+ can be added rapidly 
to a solution containing equine alcohol dehydro-
genase, and the change in absorbance at 340 nm 
for only the transfer of a hydride can be monitored. 
If the concentrations of these two reactants are 
high enough, all the active sites in the solution will 
be filled much faster than the rate for hydride 
transfer184 

   (4-159) 

and only this one step should contribute to the ob-
served rate constant. Under these circumstances, 
the observed rate constant kHT for transfer of hy-
dride decreases below a pKa of 6.4 when the pH is 
lowered (Figure 4-18).185 Because only a single pKa 
appears to be controlling the behavior, it was assumed 
to be the microscopic pKa for a single catalytic base 
in the active site. This assumption is valid only if all 
acid–base reactions and the two respective associa-
tions of reactants are so much faster than hydride 
transfer that they all reach equilibrium before any 
hydride transfer can occur and if all the other steps 
in the enzymatic mechanism preceding hydride 
transfer, if there are any, are rapid. Presumably this 
pKa is for the catalytic base that removes the hydron 
from the hydroxy group of the ethanol. In the crystal-
lographic molecular model of the complex of the 
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enzyme with trifluoroethanol,186 this catalytic base 
is the hydroxy group of Serine 48, which relays the 
basicity of the sulfido group of Cysteine 46. 
 
 The state of hydronation of acid–bases in a site 
on a protein with which a ligand associates will 
usually affect the observed dissociation constant for 
that ligand. If this is the case, then when the protein 
binds an inhibitor, activator, drug, reactant, product, 
or any other ligand at a particular site, the apparent 
dissociation constant that is measured will usually 
be a function of pH. Consider the simplest situation 
in which only a form of the site containing an acid, 
STH(+), and a form of the site containing its conju-
gate base, ”ST(-), exist in significant concentration 
within the range of pH covered. The ligand, L, can 
bind to either form of the site, and hydrons can enter 
or leave the occupied site 

     (4-160) 

In this mechanism, the equilibrium constants KaST 
and KaST·L are acid dissociation constants and the 
equilibrium constants KdL1 and KdL2 are dissocia-
tion constants for the ligand from the two states of 
hydronation for the site. It can be shown by inspec-
tion that 

         (4-161) 

If the apparent dissociation constant for ligand L is 
defined as 

     (4-162) 

then it follows that 

      (4-163) 

and 

 
                (4-164) 

For the moment, assume that the ligand binds more 
tightly to the site containing the acid than the site 
containing its conjugate base (KdL1 < KdL2). Then, 
because of Equation 4-161, KaST > KaST·L. When 
[H+] > KaST > KaST·L 

                (4-165) 

which is invariant with pH. When KaST > [H+] > KaST·L
 

   (4-166) 

which increases as pH is increased. When KaST > 
KaST·L > [H+] 

         (4-167) 

which is invariant with pH. When the common 
logarithm of the apparent dissociation constant is 
plotted as a function of pH, the horizontal asymp-
tote defined by Equation 4-165 is at the value 
for -log KdL1; the horizontal asymptote defined by 
Equation 4-167 is at the value for -KdL2; the inter-
section of the horizontal asymptote defined by 
Equation 4-165 and the asymptote of slope +1 
defined by Equation 4-166 occurs when pH = pKaST; 
and the intersection of the horizontal asymptote 
defined by Equations 4-167 and the asymptote of 
slope +1 defined by Equation 4-166 occurs when 
pH = pKaST·L. 
 Examination of the mechanism of Equation 
4-160 reveals that, as with any pH-rate profile for 
an enzymatic reaction, no distinction can be made 
between an ionization of the site and an ionization 
of the ligand from only the pH-dissociation behav-
ior. Were the ligand and the site in the equation 
switched so that the mechanism was actually 

      (4-168) 

L  +  STH(+)    1    L·STH(+)

K dL1

L  +  ST”(–)  +  H+  1  L·ST”(–)  +  H+

K dL2

1

K aST                               K aST·L1

K aSTK dL1  =  K aST·LK dL2

K dL,app  =  
([STH(+)] + [”ST(–)])[L]
[L·STH(+)] + [L·”ST(–)]

K aST·L([H+] + K aST·L 
)

K dL,app  =                                K dL2
K aST([H+] + K aST 

)

K aST·L([H+] + K aST·L 
)

log K dL,app  =

log K dL2  +  log                                –  log
K aST([H+] + K aST 

)

log K dL,app  @  log K dL2 – pK aST·L + pK aST  =  log K dL1

log K dL,app  @  log K dL2  –  pK aST·L  +  pH

log K dL,app  @  log K dL2

ST  +  LH(+)    1    ST·LH(+)

K dL1

ST  +  L”(–)  +  H+  1  ST·L”(–)  +  H+

K dL2

1

K aL                                K aST·L1
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Figure 4-19: Dependence on pH of competitive substrate inhi-
bition by 2-oxoglutarate of the transamination catalyzed by 
aspartate transaminase from ¬-aspartate and 2-oxoglutarate.85 
Solutions containing various concentrations of ¬-aspartate and 
2-oxoglutarate at various values of pH (see Figure 4-10) were 
prepared at 25 ªC. The reaction was initiated by adding aspartate 
transaminase, and the production of oxaloacetate was followed 
by coupling it to the oxidation of NADH with malate dehydrogen-
ase. The decrease in A340 with time was used to measure initial 
rates. Both 2-oxoglutarate and ¬-aspartate are reactants in 
the reaction catalyzed by aspartate transaminase under these 
circumstances. Each of them, however, at high concentration, 
higher than that necessary to obtain their respective maximum 
rates, becomes an inhibitor of the enzyme. Each is a competitive 
inhibitor with respect to the other. From the competitive inhibi-
tion observed at high concentrations of 2-oxoglutarate (OG) at 
each pH, a value for the inhibition constant, KiOG, was calcu-
lated. The common logarithms of these observed dissociation 
constants (millimolar) are plotted as a function of pH. The 
curves drawn are fits of Equation 4-164 to the data. 
 
 
 
and the ligand was the acid–base rather than the 
site, the same equations would be derived for the 
behavior of the observed dissociation constant as a 
function of pH, except that the meaning of the 
values of pKa observed would also be switched. This 
consideration illustrates the fact that the behavior 
of a dissociation constant as a function of pH indicates 
only whether a hydron is taken up from the solution 
as the complex is formed or a hydron is released to 
the solution as it forms. 
 The reaction catalyzed by porcine aspartate 
transaminase (Equation 4-108) can be divided into 
two steps 

  
                        (4-169) 

and 

 
                  (4-170) 

where Lysine 258 is the lysyl side chain from the 
enzyme that forms the internal pyridoximine 
5¢-phosphate (Equation 4-129).187 If 2-oxoglutarate 
(OG) enters the active site when the prosthetic 
group is lysylpyridoximine 5¢-phosphate, no further 
reaction can occur. Therefore, 2-oxoglutarate is a 
competitive inhibitor with respect to ¬-aspartate. 
The observed inhibition constant for 2-oxoglutarate 
is a function of pH and obeys Equation 4-164 (Fig-
ure 4-19).85 By fitting Equation 4-164 to the data, 
it was found that KdOG,1 = 0.5 mM, KdOG,2 = 24 mM, 
pKaST = 6.5, and pKaST·OG = 8.2. Because, however, the 
site and the ligand are indistinguishable, these 
values are the same as values of KdOG,1 = 0.5 mM, 
KdOG,2 = 24 mM, pKaL = 6.5, and pKaL·OG = 8.2. 
 These values state either that 2-oxoglutarate 
binds more tightly to the more hydronated, more 
cationic form of the active site or that the conjugate 
acid of 2-oxoglutarate binds more tightly to the 
active site than its conjugate base. These values also 
state that, after 2-oxoglutarate has associated with 
the active site, it either raises the pKa of the acid in 
the active site, the acid dissociation of which is 
linked to its binding, or the pKa of 2-oxoglutarate 
itself increases. In either case, in the midrange, a 
hydron is taken up as the ligand associates. Again, a 
decision between these two possibilities must be 
made from observations other than the behavior of 
a dissociation constant as a function of pH. The 
two values of pKa for 3-oxoglutarate are 2.5 and 4.7. 
These values do not agree with pKaL, but the pKaST 
of 6.5 does agree with the pKa for the iminium nitro-
gen of the internal lysylpyridoximine (Equation 
4-129). If 2-oxoglutarate, a dianion, binds adjacent 
to this imine, it should bind more tightly when the 
imine is positive rather than zwitterionic, and the 
presence of the 2-oxoglutarate should cause the 
iminium nitrogen to be a weaker acid than it is in 
the absence of 2-oxoglutarate. 
 In this example of the association of 2-oxoglu-
tarate with aspartate transaminase, the pKa of the 
site increases because the ligand is anionic, and the 
same behavior would have been observed were the 
ligand the acid–base and the site anionic. Had the 
ligand been a cation or had the site been cationic, 
the pKa of the site or the ligand, respectively, would 
have decreased upon association. In situations in 
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which the pKa of the site or the ligand decreases 
upon association, the common logarithm of the 
dissociation constant begins with a plateau but 
then decreases in the midrange before reaching a 
second lower plateau. 
 The behavior of the inhibition constant for 
2-oxoglutarate as a function of pH is unusual in 
that the full course of the effect of linkage between 
association of a hydron and association of the inhibi-
tor with enzyme is observed. In most instances, only 
a portion of the entire linkage is observed within 
the range of pH chosen for the measurements. For 
example, the common logarithm of the inhibition 
constant of the inhibitor phosphoglycolate from 
the active site of triose-phosphate isomerase from 
S. cerevisiae increases with pH, with a slope of +1 
over the range from pH 4 to 10. This observation is 
consistent with the two conclusions that, at all values 
of pH, a hydron is taken up by the complex when it 
forms and the titration is in the midrange between 
the plateaus. When Tyrosine 208 is mutated to 
phenylalanine, however, the common logarithm of 
the inhibition constant decreases with a slope of -1 
only below a pKa of 6.3; above the pKa of 6.3, it is 
invariant with pH in a plateau.188 Consequently, 
because the ligand is the same and the enzyme has 
changed, the mutation has shifted the pKa of the 
site from above 10 to 6.3. 
 To explain the observed behavior of the disso-
ciation constant for an inhibitor, Ki, as a function of 
pH, it is often assumed, by analogy with the expla-
nation of pH behavior in steady-state rate constants, 
that, unlike 2-oxoglutarate, the inhibitor can bind 
to only one form of the enzyme. For example, this 
explanation would be equivalent to making the 
assumption in Equation 4-160 not only that KdL2 
was greater than KdL1 but also that KdL2 was infi-
nitely large. For Equation 4-161 to hold in the limit, 
as it must, this explanation would require that KaLST 
be 0 if KdL1 and KaST are to remain finite. Therefore, 
if the ligand can bind only to the hydronated state, 
STH(+), of the site, it necessarily follows that in the 
occupied site the hydronated acid can no longer 
dissociate. This example could lead to the conclu-
sion that if the ligand can bind only to one state of 
ionization of the site, then the acid–bases within 
the site cannot participate in hydron exchanges 
with the solution once the site is occupied. This latter 
statement seems unlikely in most instances, but 
when the active site of HIV-1 retropepsin from human 
immunodeficiency virus is occupied by the inhibitor 
pepstatin, the carboxy group on one of the two 
catalytic aspartates in the active site remains hydro-

nated and the carboxylato group on the other 
remains unhydronated189 in nuclear magnetic reso-
nance spectra collected in the range of pH from 2.7 
to 6.2. Nevertheless, this range is not from minus 
infinity to infinity. 
 It is usually assumed that the dissociation con-
stant, Ki, observed for an inhibitor of an enzymatic 
reaction from steady-state kinetic measurements is 
a simple equilibrium constant between the active 
site and the inhibitor. If the inhibitor is a close 
enough analogue of the reactant, the effect of pH 
on its constant should be an accurate reflection of 
the effect of pH on only the step in the kinetic 
mechanism of the enzyme in which the normal 
reactant associates with the active site. In particular, 
values of pKa measured for the dissociation con-
stant of an inhibitor can support the conclusion 
that a pKa observed in a steady-state pH-rate pro-
file is actually for acid dissociation of a catalytic 
acid–base rather than, for example, due to a change in 
rate-limiting step. The apparent dissociation con-
stant for 2,4-diamino-6,7-dimethylpteridine, acting 
as a competitive inhibitor of dihydrofolate reduc-
tase (Equation 4-148) from E. coli, varies with 
pH.178 It increases below an apparent pKa of 5.9 
and increases above an apparent pKa of 7.9.* The 
specificity constant kDHF for 7,8-dihydrofolate (DHF) 
for the reaction catalyzed by dihydrofolate reductase 
decreases above a pKa of 8.1. Because 2,4-diamino-
6,7-dimethylpteridine resembles 7,8-dihydrofolate 
and is a competitive inhibitor with respect to 
7,8-dihydrofolate, the coincidence of these two 
apparent values for pKa (pKa = 7.9 and pKa = 8.1), 
each of which should be for free enzyme, suggests 
that they reflect the same acid dissociation. The 
pKa for the apparent dissociation constant of the 
inhibitor, because it governs an equilibrium between 
a protein and a ligand rather than a steady state, 
should be associated with a simple acid dissociation 
constant for free enzyme rather than a complex 
kinetic parameter. Therefore, the apparent pKa 
observed in the behavior of kDHF should also be a 
simple pKa for a side chain in the free enzyme. 
 Azide anion (N=N=N-), although a linear triatomic 
monoanion, is a competitive inhibitor of formate 
dehydrogenase 

     (4-171)

																																																								
*Recall that as a dissociation constant increases, the affinity of 
the site for the ligand decreases. 
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from S. cerevisiae with respect to formate, a bent 
tetraatomic monoanion. The inhibition constant for 
azide190 increases as the pH is lowered below a pKa 
of 6.4, and it increases as the pH is increased above 
a pKa of 8.3. If the inhibition constant for azide is 
detecting only acid dissociation constants for side 
chains in the free enzyme and if the specificity con-
stant kFRM for formate (FRM) is also governed only 
by the same acid dissociation constants for free 
enzyme, then the respective values of pKa should 
coincide. For the reaction catalyzed by formate 
dehydrogenase, the specificity constant kFRM 
decreases below a pKa of 6.1 and decreases above a 
pKa of 8.5. The pKa of 8.5 could be that of Histi-
dine 325, which is immediately adjacent to the azide 
and should be cationic for the azide to bind.191 
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Problem 4-8: 
 
 (A) Show that the kinetic mechanism 

 

gives a rate equation of the form 

       

where 

 

and 

       

 (B) Write the expressions defining the four ob-
served apparent acid dissociation constants, 
Ka1, Ka2, Ka3, and Ka4. Are any of them actually 
acid dissociation constants? 

 
Problem 4-9: Acid dissociations of most substrates 
are equilibria established so rapidly that they are 
always fully at equilibrium at times longer than a 
millisecond. The equilibration of nitroethane and 
nitroethane anion, however, is so slow that one or 
the other can be used as a reactant for nitroalkane 
oxidase from F. oxysporum. 
 

EH(+)  +  H+    1    E(–)  +  2H+

                                           +
                                           A

K aE

A·EH(+)  +  H+  1  A·E(–)  +  2H+
K aA·E
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Q·EH2
(2+)  1  Q·EH(+)  +  H+

k 2

R·EH2
(2+)  +  H+  1  R·EH(+)  +  2H+

Z  +  EH(+)  +  2H+

Æ

k 3 [H+]

Æ

K aQ·E

K aR·E

k 4

Æ

v0  =  
k 0,app kA,app [E]t [A]0 

k 0,app  +  kA,app [A]0
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) [H+]([H+] + K a2 
)

k A,app  =  k A
K a3([H+] + K a3 
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 (A) Write the acid dissociation of nitroethane, 
drawing the conjugate acid and conjugate 
base with all lone pairs of electrons in proper 
hybridization and each in its most stable 
resonance hybrid. 

 
 When nitroethane anion is used as a reactant 
with the enzyme, the behavior of log kNEA,app as a 
function of pH displays behavior consistent with 
the existence of an acid–base with a pKa of 7.4 ± 0.1 
(Figure 4-10F). 
 
 (B) Is this behavior consistent with the participa-

tion of a catalytic acid or a catalytic base in 
the enzymatic reaction? 

 
 When neutral nitroethane (NE) is used as a re-
actant, the following measurements were made for 
the steady-state rate constant kNE.78 
 

pH kNE,app 
(M-1 s-1) 

6.0 230 
6.5 1360 
7.0 2930 
7.5 4320 
7.9 5350 
8.1 6140 
8.3 4490 
8.5 7880 
8.7 7590 
8.8 7130 
9.0 8930 

 
 (C) What is the pKa for the acid–base that could 

be responsible for this behavior? 
 (D) Would it participate as a catalytic acid or a 

catalytic base in the reaction? 
 (E) What suggests that the acid–base in both reac-

tions might be the same one? 
 
 When Aspartate 402 in the enzyme is mutated 
to alanine, the acid–base responsible for the decrease 
in kNEA,app at high pH seems to be lost (Í, Figure 
4-10F). 
 
 (F) What might the side chain of Aspartate 402 

be responsible for in the enzymatic reaction? 
 

Problem 4-10: Show that Equation 4-163 follows 
from Equation 4-162. 
 

Site-Directed Mutation  

 Site-directed mutation is another method that 
can be used to assign a particular amino acid to a 
pKa governing a pH-rate profile. When a catalytic 
acid or catalytic base in the side chain of an amino 
acid in the active site of an enzyme that has been 
definitively assigned crystallographically192-197 to the 
role of adding a hydron to, or removing a hydron from, 
a reactant during the reaction catalyzed by an enzyme 
is mutated to a side chain incapable of performing 
that role, the common logarithm of the steady-state 
rate constant traditionally used for the catalytic profi-
ciency of a particular enzyme, log[k0 (KmAKmBº)-1], 
at the optimum pH for catalysis, decreases by 
4.2 ± 1.2 units.113,197-239 The range of this decrease 
in the common logarithm of rate constant 
k0 (KmAKmBº)-1 for the set of enzymes* chosen is 
2.5-8.7. 
 The upper limit to the range of decreases in 
rate constant k0 (KmAKmBº)-1 due to mutation of a 
catalytic acid–base, observed in studies where that 
decrease for the mutant could be accurately meas-
ured,240 is a factor of 109. There are also many 
instances in which no enzymatic activity could be 
measured for a mutant, but in most of these instances, 
lower limits for the levels of detection231,241-244 unfor-
tunately were not reported. From the results presented 
in these studies, however, it can be inferred that the 
actual lower limits of detection, which determine 
the upper limits on rate constant k0 (KmAKmBº)-1 
of the mutants, are usually much greater than a de-
crease of 109 would have produced. Consequently, 
these observations, in which no enzymatic activi-
ties were observed, are all consistent with decreas-
es of less than a factor of 109 in the value of rate 
constant k0 (KmAKmBº)-1. When decreases of 105 or 
greater in rate constant k0 (KmAKmBº)-1 are observed, 
the possibility that the residual activity results from 
misincorporation of the wild-type amino acid at 
the point of mutation should be considered.209 If 
misincorporation is occurring, the decrease in 
catalytic proficiency upon mutation is actually 
greater than that observed. 

																																																								
*This mean and standard deviation are for 50 side chains known 
to participate as general acids and bases in the reactions cata-
lyzed by 37 enzymes (9 of which had two reactants) chosen at 
random. 
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 It is also possible that the rate-limiting step in 
the normal enzymatic reaction is not the chemical 
step requiring acid–base catalysis in which the 
mutated amino acid participates. If the step in which 
a particular amino acid participates as a catalytic 
acid–base is not the rate-limiting step, the decrease 
in steady-state rate constant k0 (KmAKmBº)-1 observed 
when that amino acid is mutated will be less than 
the actual decrease in the rate constant for that 
step in the enzymatic mechanism, and the decrease 
in the rate constant for that step could be much 
greater than the kinetic observations suggest. For 
example, when Tyrosine 146 in thymidylate synthase 
from Lactobacillus casei was replaced by aspartate, 
the value of k0 (KmTHFKm,dU)-1 for the reactants 
5,10-methylenetetrahydrofolate (THF) and deoxy-
uridine monophosphate (dU) decreased by a factor 
of 1 ¥ 105. The rate-limiting step of the enzymatic 
reaction, however, shifts from formation of a cova-
lent intermediate between the active site and deoxy-
uridine monophosphate to the conversion of that 
covalent intermediate into the product deoxy-
thymidine monophosphate,245 so the effect of the 
mutant on the value of the rate constant for the 
step in which that covalent intermediate is con-
verted into product must be greater than 1 ¥ 105. 
Nevertheless, in those instances in which there is 
clear crystallographic evidence for the involvement 
of the amino acid as an acid–base in the reaction, 
several of which may well be involved in steps that 
are not rate-limiting, mutation of that amino acid 
almost always results in a decrease in the steady-
state rate constant k0 (KmAKmBº)-1 of greater than 
a factor of 1000. 
 Consequently, it can be concluded that if the 
mutation of a particular amino acid in an enzyme 
causes a decrease of less than a factor of 1000 in 
the value for rate constant k0 (KmAKmBº)-1, its 
side chain is probably not participating in the 
enzymatic reaction as a catalytic base or a catalytic 
acid. In particular, when a crystallographic molecular 
model of a complex between the enzyme and one 
or more of its substrates or an analogue of its sub-
strate is not available, any claim that a particular 
side chain the mutation of which results in a decrease 
of less then 1000 in rate constant k0 (KmAKmBº)-1 is 
a catalytic acid or catalytic base involved in the 
reaction catalyzed by that enzyme should be consid-
ered with suspicion. In fact, one of the most convinc-
ing ways to rule out the participation of an amino 
acid as a catalytic acid or catalytic base in the mecha-
nism is to show that its mutation has little effect on 
catalysis.193,210,246-256 Occasionally, an increase in 

rate of catalysis is observed upon mutation of a 
particular amino acid.257,258 Amusingly, it has also 
been observed that a catalytically inactive mutant 
of the enzyme, by binding reactant tightly and 
occluding it from the solvent, can decrease the rate 
of the nonenzymatic reaction that would otherwise 
occur when reactant is free in solution.208 
 All these observations emphasize the importance 
of the active site providing acid–bases that were not 
required in solution, where reactants have access 
to hydroniums, molecules of water, and hydroxides. 
 The conclusion that a decrease of less than 
1000 should be treated with suspicion does not 
mean that a role for the side chain as a catalytic acid–
base has been ruled out completely. For example, 
from crystallographic molecular models of com-
plexes of bovine carboxypeptidase A 

    
                (4-172) 

with several analogues of the tetrahedral interme-
diate in the enzymatic reaction,259 it is clear that 
the hydroxy of Tyrosine 248 can swing into the ac-
tive site260 to hydronate the nitrogen (0.32 nm) that 
leaves from the intermediate during hydrolysis of 
the peptide bond catalyzed by this enzyme. When 
this tyrosine is mutated to phenylalanine,261 the 
value of k0 KmA

-1 decreases by only a factor of about 
10. In this instance, the missing tyrosine is no longer 
able to swing over to cover the substrate, and the 
nitrogen that must be hydronated, which is a rela-
tively strong base, remains exposed to the solution, 
which readily provides the hydron. Nevertheless, 
the tyrosine does improve catalysis relative to that 
performed by the solution. There is little question 
that the amino-terminal proline in the active site of 
2-hydroxymuconate tautomerase from P. putida is 
responsible for removing one of the hydrons from 
carbon 5 of (2Z,4E)-2-hydroxyhexa-2,4-dienedioate 
(muc),262 yet when it is mutated to either alanine or 
glycine,263 the value of k0 Km,muc

-1 decreases by only 
a factor of 20. In this case, however, each mutation 
simply replaces one amino group with another 
amino group in the same location, so the effects are 
minimal.  
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 Even when large decreases in activity are ob-
served upon mutation of an amino acid, that observa-
tion provides no information about the role of that 
amino acid in catalysis or even whether or not it 
has a role. There are many instances in which the 
mutation of an amino acid outside the active site 
nevertheless causes significant decreases in the 
catalytic proficiency of the enzyme. Consequently, 
a crystallographic molecular model of the active 
site occupied by some ligand that can identify 
candidates for catalytic roles is still required, not 
only to decide which amino acids to mutate but also 
to have any understanding of the observed effects 
of the mutations on catalysis. There is no reason to 
mutate an amino acid in a protein unless the question 
that the mutation will be able to answer is clearly 
stated and will provide useful information. 
 If a hydron must be removed from or added to 
a reactant during a reaction, that reaction cannot 
occur on the active site of an enzyme unless the 
active site provides a basic lone pair of electrons 
or an acidic hydron, respectively, immediately 
adjacent to the immobilized reactant, or unless the 
position from which the hydron must be removed 
or added remains accessible to the solution, as in 
the mutant of carboxypeptidase A. When a side 
chain providing the required lone pair of electrons 
or acidic hydron is removed from the active site by 
mutation, another lone pair of electrons or acidic 
hydron must have steped in if the enzyme retains 
any activity. In some instances, that lone pair of 
electrons or that hydron may be provided fortui-
tously by another side chain in the active site. An 
example is triose-phosphate isomerase from S. cere-
visiae, in which the histidine acting as a catalytic 
acid–base (Equations 4-46 and 4-55 and Figure 3-37) 
has been mutated and its role is filled, albeit consid-
erably less ably, by Glutamate 164.28 
 In most instances, however, it is probably a 
molecule of water, occupying the location in the 
active site of the mutant usually occupied by the 
now-missing heteroatom of the acid–base118,264,265 
that steps in as the catalytic acid or catalytic base. 
For example, when Aspartate 222, the catalytic acid–
base in porcine aspartate transaminase, is mutated 
to threonine, a molecule of water that occupies the 
identical location to the catalytic oxygen in the carboxy 
group of the aspartate steps in to cause the mutant 
to retain 5% of the value of k0 Km,Asp

-1 for the sub-
strate ¬-aspartate;266 and when the catalytic acid–
base Histidine 143 is mutated to leucine, a molecule 
of water that occupies the identical location to the 
catalytic nitrogen in the imidazolyl group of the 

histidine steps in to cause the mutant to retain 50% 
of the value of k0 Km,Asp

-1. The aspartate and the 
histidine participate in a hydrogen bond and together 
form the acid responsible for hydronation of nitro-
gen 1 of the prosthetic pyridoxal 5¢-phosphate, a 
hydronation that is required by the enzymatic reac-
tion. 
 The molecule of water that steps in to take the 
place of the catalytic acid–base is probably a mole-
cule of water occupying the empty active site before 
reactant associates (Figure 3-32), and it remains in 
place rather than being displaced as in the wild-
type enzyme by the normal juxtaposition of reactant 
and unmutated catalytic side chain. There are four 
problems with this subtitution that cause the rate 
constant for its removal or addition of the hydron 
to be slow. First, this molecule of water is usually 
either a weaker base or a weaker acid than the 
normal catalytic side chain. Second, this molecule 
of water cannot be precisely aligned by the active 
site, which would normally align the now-missing 
side chain that was mutated. An exception to this 
problem is the mutation of carboxypeptidase, 
where the base that must be hydronated, the amino 
group of the tetrahedral intermediate, is a strong 
one and is exposed to the molecules of water in the 
solution as a result of the mutation. Third, the effec-
tiveness of the molecule of water that has stepped 
in depends on the Brønsted coefficient for the 
transfer of the hydron. Fourth, there is the problem 
of whether or not the rate of the step catalyzed by 
the unmutated acid–base was the rate-limiting step 
of the reaction. The wide variation in decreases in 
rate observed upon mutation reflects the wide varia-
tion in the severity of these four problems. 
 In some instances, it is possible to supply a 
more satisfactory acid–base to the mutant than a 
molecule of water and rescue the enzymatic activity. 
For example, the conjugate base of any one of several 
primary amines can replace the catalytic primary 
amine lost when Lysine 258 in aspartate transaminase 
from E. coli (Equation 4-108) is replaced by alanine.267 
The exogenous primary amine can rescue some of 
the enzymatic activity. In this instance, the exoge-
nous amines participate in a simple bimolecular 
reaction with the active site and do not display satu-
ration in their ability to rescue the catalytic activity. 
Consequently, they act from the solution in a bimo-
lecular collision with the Michaelis complex, and 
the rate constant of the rescued reaction is a linear 
function of the concentration of amine. A concen-
tration of 1 M methylamine allows the mutant to 
display 12% of the enzymatic activity of the wild 
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type. This result demonstrates that, in this instance, 
a primary amine entering the active site from solu-
tion, and presumably occupying transiently the 
location that is occupied by the amino group of the 
lysine in the unmutated enzyme, is a more effective 
acid–base than the molecule of water that most 
certainly catalyzes the enzymatic reaction in the 
active site of the mutant in the absence of the amino 
group of the lysine. The fact that a small portion of 
the enzymatic activity can be rescued in many 
instances provides a paradigm for the rescue that 
molecules of water perform in the absence of general 
acid–bases added to the solution. 
 In the case of rescue of a mutant of ribulose-
bisphosphate carboxylase (previously Equation 3-424) 

               (4-173) 

from Rhodospirillum rubrum in which Lysine 329 
(corresponding to K332A in Figure 3-53) was con-
verted to alanine, ethylamine displayed saturation 
with an apparent dissociation constant of 0.13 M in 
its ability to rescue the enzymatic activity. At satu-
ration, ethylamine was able to achieve an increase 
in the limiting rate for the enzymatic reaction of a 
factor of 80 relative to that of the mutant and accom-
plished a limiting rate that was 2% of the activity of 
the wild type.268 
 Imidazole, when present at saturation, can 
rescue 0.1% of the enzymatic activity of a mutant of 
nucleoside-diphosphate kinase from Dictyostelium in 
which Histidine 122 has been replaced by glycine,269 
and it can rescue 0.1% of the enzymatic activity of a 
mutant of (S)-mandelate dehydrogenase from 
P. putida in which Histidine 274 has been replaced 
by glycine.270 
 Guanidinium, when present at saturation, can 
rescue 10% of the enzymatic activity in a mutant of 

ornithine carbamoyltransferase from E. coli in 
which Arginine 57 has been replaced by alanine,271 
and it can rescue 7% of the enzymatic activity in a 
mutant of IMP dehydrogenase from T. foetus in which 
Arginine 418 has been replaced by alanine.162 
 Formate can rescue the enzymatic activity of 
cytidine deaminase from E. coli. When Glutamate 104 
is mutated to alanine, k0 KmCyt

-1 for the reactant 
cytidine (Cyt) decreases by a factor of 4 ¥ 106 and 
the catalytic constant decreases by a factor of 
1 ¥ 108 to a value of 2.6 ¥ 10-6 s-1. Formate occupies 
the vacancy in the active site caused by eliminating 
the carboxymethyl group of the glutamate by con-
verting it to an alanine, and the enzymatic activity 
at saturation with cytidine becomes a linear function 
of the concentration of formate199 with a rate constant 
of 3.6 ¥ 10-5 M-1 s-1. Consequently, at 2 M formate, 
the catalytic constant of the mutant increases by a 
factor of 30, but it is still less than the catalytic constant 
of the wild type by a factor of 4 ¥ 106. A mutant of 
steroid D-isomerase from P. putida in which Aspar-
tate 38 has been mutated to glycine has a catalytic 
constant 2.4 ¥ 104 times smaller than that of the 
wild type (36 s-1), and the enzymatic activity has 
become a linear function of the concentration of 
formate with a rate constant of 0.12 M-1 s-1. At 2 M 
formate, the rate constant for the enzymatic reaction 
(0.24 s-1) is only a factor of 150 smaller than that of 
the wild-type enzyme.272 
 An exogenous substitute can also rescue a mutant 
defective in a site used to recognize a reactant. Acetate 
can rescue 100% of the hydrolytic activity toward 
tosylglycyl-¬-prolyl-¬-arginine amide of a mutant of 
anionic trypsin from R. norvegicus in which Aspar-
tate 171, which sits in the subsite recognizing the 
side chain of ¬-arginine in the substrate (Figure 
3-46), has been mutated to serine.273 
 a-¬-Fucosidase from Saccharolobus solfatari-
cus hydrolyzes an a-glycosidic bond between an 
¬-fucosyl group and the rest of an oligosaccharide. 
The reaction proceeds with retention of configuration 
at the glycosidic carbon of ¬-fucose. It is believed 
that the first step in the reaction is a nucleophilic 
substitution between one oxygen on the carboxylato 
group of Aspartate 242, followed by hydrolysis of 
this covalent intermediate. When this aspartate is 
mutated to glycine, the enzymatic activity toward 
4-nitrophenyl-a-¬-fucoside is lost. If, however, azide 
is added to the assay274 at a concentration of 2 M, a 
small amount (0.5%) of the cleavage of glycoside 
catalyzed by the enzyme is rescued, the product is 
the b-¬-fucosyl azide instead of a-¬-fucose.244 The 
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azide has replaced the carboxylato group of Aspar-
tate 242, rescuing the enzymatic activity, and its 
nucleophilic substitution for the 4-nitrophenoxy 
group in the reactant produces a stable product, 
which, because it is no longer covalently attached 
to the enzyme, dissociates from the active site.274 
 There seems to be at least one naturally occur-
ring example of the rescue of enzymatic activity. 
In 1,4-dihydroxy-2-naphthoyl-CoA synthases from 
mycobacteria, there is an aspartate that is a catalytic 
acid–base responsible for removing an acidic hydron 
from a carbon a to the thioester in the reactant 
4-(2-carboxyphenyl)-4-oxobutanoyl-SCoA to form 
the enolate. This enolate initiates an intramolecular 
Claisen condensation and aromatization that yields 
1,4-dihydroxy-2-naphthoyl-SCoA. In the homolo-
gous 1,4-dihydroxy-2-naphthoyl-CoA synthase from 
E. coli (44% identity; 0.17 gap percent) and other 
bacteria, that catalytic aspartate is replaced by glycine. 
These latter enzymes, unlike those from mycobac-
teria, require bicarbonate for enzymatic activity. In 
a crystallographic molecular model of the enzyme 
from E. coli, it can be seen that the bicarbonate occu-
pies the same location as the carboxylato group of 
the aspartate in the crystallographic molecular model 
of the enzyme from M. tuberculosis and rescues the 
enzymatic activity by providing its carboxylato 
group.275 
 The ability to rescue the enzymatic activity of a 
mutant missing a side chain by adding an appro-
priate acid–base to the solution can be exploited 
for Brønsted analysis. Acid–bases with a series of 
different values of pKa are used to rescue the mutant, 
and a plot of the common logarithms of the second-
order rate constants for their ability to restore activity 
against their values of pKa gives an estimate for the 
Brønsted coefficient for the catalysis performed by 
the side chain that was mutated.267 For example, 
eight amines with different values of pKa were used 
to rescue a mutant of human peptidyl-glutamate 
4-carboxylase in which Lysine 217 had been replaced 
by alanine. The Brønsted coefficient for their ability 
to rescue the mutant was 0.7. This result suggests 
that the hydron removed from the hydroxy group 
of the gem-diol of the epoxide of vitamin K (2-103 
in Figure 2-49) is mostly transferred to the amino 
group of the lysine in the transition state for that 
step in the reaction.276 
 It is also possible to attach the acid–base that is 
rescuing the mutant covalently to the position that 
has been mutated, precluding the need to add it to 
the solution.277 For example, when Lysine 166 (corre-
sponding to K175A in Figure 3-53) in the active site 

of ribulose-bisphosphate carboxylase from R. rubrum 
was mutated to cysteine, no enzymatic activity 
could be detected, but when the sulfanyl group of 
that cysteine was alkylated with aziridine to cova-
lently restore the amino group in the same location 
in the active site, 45% of the enzymatic activity was 
restored.278 This example is not so much a rescue 
as mutation of lysine to 3-thialysine.279 
 Although the following description is certainly 
simplistic, the effects of site-directed mutations on 
the pH-rate profiles for the catalytic constant and 
the specificity constants of an enzyme are most readily 
understood graphically (Figure 4-20). Consider the 
situation in which one side chain, HO, in the active 
site acts as a catalytic base, O”(-), and another side 
chain, NH, in the active site acts as a catalytic acid, 
NH(+), in the catalysis accomplished by the enzyme. 
The acid and the base titrate independently of each 
other; both accomplish their catalysis in the same 
transition state; and in the absence of both the cata-
lytic base and the catalytic acid when both have 
been removed by site-directed mutation, the enzyme 
would catalyze the reaction with a basal catalytic 
constant, k0, or specificity constant, kA, for reactant 
A of a certain value independent of the pH (indicated 
by the horizontal line labeled E in Figure 4-20). 
 If only catalytic base O”(-) is present in the active 
site, when only the amino acid NH providing the 
catalytic acid has been mutated, the increase in the 
catalytic constant, k0,app, or the specificity constant 
for reactant A, kA,app, caused by the presence of HO 
at a particular pH is equal to the increase it pro-
vides when acid–base HO is fully unhydronated 
times the fraction that is unhydronated, a(”O(-)) 
(Equation 4-78). The pH-rate profile for this situa-
tion is the curve labeled HOE in Figure 4-20. 
 If only catalytic acid–base NH is present in the 
active site, when only the amino acid providing HO 
has been mutated, the increase in the catalytic con-
stant, k0,app, or the specificity constant for reactant A, 
kA,app, caused by the presence of NH at a particular 
pH is equal to the increase it provides when acid–
base NH is fully hydronated times the fraction that 
is hydronated, a(NH(+)) (Equation 4-87) The pH–
rate profile for this situation is the curve labeled 
ENH in Figure 4-20. 
 When both HO and NH are present in the active 
site, which is the case in the native enzyme, the in-
crease in the catalytic constant, k0,app, or the speci-
ficity constant for reactant A, kA,app, caused by their 
presence at a particular pH would be equal to the 
product of the increases that they each provide when 
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Figure 4-20: Theoretical pH-rate profiles for enzymatic reactions 
catalyzed by a catalytic base alone, a catalytic acid alone, and a 
catalytic base and a catalytic acid together in the active site of 
an enzyme. The explanation is the same for the pH-rate profiles of 
the steady-state rate constants kA, kB, and kC and the catalytic 
constant k0, so a generic steady-state rate constant ki will be 
considered. The only differences among the behaviors of the 
rate constants are the complexes between enzyme and reactants 
to which the respective values of the pKa refer. (A) In the absence 
of both the catalytic base and the catalytic acid, when the enzyme E 
is in the appropriate complex with reactants, the rate constants 
ki,app have low but finite basal values (horizontal line labeled E) 
that will be invariant with pH within the normal range because 
there is neither a catalytic acid nor a catalytic base in the active 
site. (B) If the enzyme has only a catalytic base, (-)”O-, in its 
active site, the conjugate acid of which has a pKa in the normal 
range for the appropriate complex with reactants, then the rate 
constants ki,app (curve labeled HOE) will be at the basal value at 
low pH when the unhydronated catalytic base is present at too 
low a level to catalyze the reaction. As the pH increases, however, 
the rate constants will begin to increase as the concentration of 
the unhydronated catalytic base increases, and they will finally 
reach a higher level (chosen to be 1000-fold the basal rate) 
when the catalytic base is fully unhydronated above its pKa 
(chosen to be 6) and fully committed to the enzymatic reaction. 
When the curve over the range of pH in which the rate constants 
are increasing most rapidly is fit to an asymptote of slope +1 
(dashed line) and the curve at high pH is fit to a horizontal asymp-
tote (dashed line), the intersection of these two asymptotes is 
an estimate of the pKa for the conjugate acid of the catalytic 
base in the appropriate complex with reactants. (C) If the enzyme 
has only a catalytic acid, -NH(+), in its active site, with a pKa in 
the normal range for the appropriate complex with reactants, 
the rate constants ki,app (curve labeled ENH) will be at the basal 
value at high pH when the hydronated catalytic acid is present 
at too low a level to catalyze the reaction. As the pH decreases, 
however, the rate constants will begin to increase as the concen-
tration of the hydronated catalytic acid increases, and they will 
finally reach a higher level (chosen to be 10,000-fold the basal 
rate) when the catalytic acid is fully hydronated below its pKa 
(chosen to be 8) and fully committed to the enzymatic reaction. 
When the curve over the range of pH in which the rate constants 
are increasing most rapidly is fit to an asymptote of slope -1 
(dashed line) and the curve at low pH is fit to a horizontal asymp-
tote (dashed line), the intersection of these two asymptotes is 
an estimate of the pKa for the catalytic acid in the appropriate 
complex with reactants. (D) If the enzyme has only one catalytic 
base, (-)”O-, and only one catalytic acid, -NH(+),  in its active 
site, with values of pKa in the normal range for the appropriate 
complex with reactants, the rate constants ki,app (curve labeled 
HOENH) will be at the values for the reaction catalyzed only by 
the catalytic base at high pH when the hydronated catalytic 
acid is present at low levels, and they will be at the values for 
the reaction catalyzed only by the catalytic acid at low pH when 
the unhydronated catalytic base is present at low levels. As the 
pH, however, respectively increases or decreases, the rate constant 
will begin to increase and almost reach the highest possible 
level (107-fold the basal rate), which would be reached if the 
catalytic base could be fully unhydronated while the catalytic 
acid is fully hydronated at a pH between the two values of pKa. 
When the curve over the range of pH in which the rate constant 
is increasing most rapidly at low pH is fit to an asymptote of 
slope +1 (dashed line), the curve over the range of pH in which 
it is increasing most rapidly at high pH is fit to an asymptote of 
slope -1 (dashed line), and a horizontal line is drawn at the rate 
constant that would be reached if the catalytic base could be 
fully unhydronated while the catalytic acid is fully hydronated, 
the intersection of these three asymptotes is an estimate for 
the two values of pKa.  

 

	
 
 
 
fully unhydronated and hydronated, respectively, 
times a(NH(+),”O(-)) (Equation 4-94). The pH-rate 
profile for this situation is the curve labeled HOENH 
in Figure 4-20. 
 Each of these three types of pH-rate profiles 
has been observed in various native enzymes (Fig-
ure 4-10), but an experimental paradigm of the 
theoretical effects of mutation has been reported 
for protein-tyrosine-phosphatase from Yersinia 
entereocolitica. The effects of mutation of Gluta-
mate 290 to glutamine, mutation of Aspartate 356 
to asparagine, and mutation of both amino acids at 
the same time on the catalytic constant of this enzyme 
(Figure 4-21)280 mimic the expected behavior. The 
pKa of 4.7 governing the decrease in the pH-rate 
profile of the catalytic constant for the wild type (3) 
as the pH is decreased is lost in the mutant of 
Glutamate 290 (2), but the pKa of 5.2 governing the 
decrease in the pH-rate profile as the pH is increased 
remains. The pKa of 5.2 observed in the pH-rate 
profile of the catalytic constant for the wild type is 
lost in the mutant of Aspartate 356 (Í), but the pKa 
of 4.7 remains. When both amino acids are mutated, 
the remaining enzymatic activity has a catalytic 
constant that is independent of pH (ˆ). Conse-
quently, the pKa of 4.7 governing the pH-rate 
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behavior of the unmutated enzyme must be that of 
Glutamate 290, and the pKa of 5.2 must be that of 
Aspartate 356. In this instance, the fact that the acid–
base catalysis provided by Glutamate 290 and the 
acid–base catalysis provided by Aspartate 356 are 
each relatively small (factors of around 100 and 10, 
respctively) has allowed the entire consequence of 
their catalysis to be observed. 
 
 There are many paradigmatic examples of a 
decrease in a steady-state rate constant above an 
apparent pKa or a decrease in a steady-state rate 
constant below an apparent pKa being lost upon 
mutation of a catalytic acid or a catalytic base, 
respectively, in the active site of an enzyme. In 
each case, the loss of the apparent pKa is accompa-
nied by a large overall decrease in that rate constant 
as expected (Figure 4-20). In most of the following 
examples, the respective rate constants for the 
unmutated enzymes decrease either above (ENH in 
Figure 4-20) or below a particular pKa (HOE in Fig-
ure 4-20), while the same rate constants for the 
mutated enzymes do not (E in Figure 4-20). The 
greatest decrease observed in each rate constant 
upon mutation occurs at the optimum pH for the 
unmutated enzyme, either below (difference between 
ENH and E below pH 8 in Figure 4-20) or above 
(difference between EOH and E above pH 6 in Fig-
ure 4-20) the pKa at which the rate constant for the 
unmutated enzyme begins to decrease while the rate 
constant for the mutated enzyme does not. When His-
tidine 40 is mutated to glutamine, the catalytic 
constant of glucose-6-phosphate dehydrogenase 
(coenzyme F420) from M. tuberculosis at the respective 
optima of pH decreases by a factor of 1000, and the 
pKa of 8.0, above which the catalytic constant decreas-
es as the pH is increased, is lost. These facts are 
consistent with the conjugate acid of Histidine 40 
playing the role of a catalytic acid in the enzymatic 
reaction.281 When Glutamate 73 is mutated to alanine, 
the catalytic constant for the deacetylase LpxC 
from Aquifex aeolicus at the respective optima of 
pH decreases by a factor of 700, and the pKa of 6.1, 
below which the catalytic constant decreases as the 
pH is decreased, is lost. These facts are consistent 
with Glutamate 73 playing the role of a catalytic 
base in the enzymatic reaction.282 When Histi-
dine 104 is mutated to glutamine, the specificity 
constant kaGal for the mutarotation of a-∂-galactose 
(aGal) by aldose 1-epimerase from E. coli at the 
respective optima of pH decreases by a factor of 
5000, and the pKa of 7.6, above which the specificity 
constant decreases as the pH is increased, is lost.   

 

 
 
Figure 4-21: pH-Rate profiles for the hydrolysis of 4-nitrophenyl 
phosphate catalyzed by mutants of protein-tyrosine-phosphatase 
from Y. entereocolitica.280 Initial rates for the hydrolysis were 
measured with a spectrophotometric assay at an ionic 
strength of 0.15 M and 30 ªC for several concentrations of 
4-nitrophenyl phosphate at each of the chosen values of pH, 
and catalytic constants were obtained from these initial rates. 
The pH was maintained with the following buffers: pH 3.4-3.8, 
100 mM sodium formate; pH 4.0-5.7, 100 mM sodium acetate; 
pH 5.8-6.5, 50 mM sodium succinate; pH 6.6-7.3, 50 mM sodium 
3,3-dimethylglutarate; pH 7.5-8.7, 100 mM sodium glycinamide. 
The common logarithms of the values of the catalytic constant 
k0,app for a portion (amino acids 219-462) of the wild-type protein-
tyrosine-phosphatase containing the complete active site 
(WT, 3), a mutant of that same portion in which Glutamate 290 
had been mutated to glutamine (E290Q, 2), a mutant of that 
same portion in which Aspartate 356 had been mutated to 
asparagine (D356N, Í), and a double mutant of that same portion 
in which both mutations had been made (D356N/E290Q, ˆ) 
are plotted as a function of pH. The curve for the unmutated 
enzyme was fit to the data with pKa1 = 4.63 ± 0.07 and 
pKa2 = 5.20 ± 0.06. The curve for the mutant D356N was fit to 
the data with pKa = 4.70 ± 0.04. The curve for the mutant E290Q 
was fit to the data with pKa = 5.16 ± 0.06.  
 

These facts are consistent with Histidine 104 play-
ing the role of a catalytic acid in the enzymatic re-
action.283 When Histidine 52 is mutated to leucine, 
the bimolecular rate constant for association of 
hydrogen peroxide with the active site of cyto-
chrome-c peroxidase from S. cerevisiae at the respec-
tive optima of pH decreases by a factor of 105, and 
the pKa of 5.4, below which the rate constant decreases 
as the pH is lowered, is lost. These facts are consistent 
with Histidine 52 playing the role of a catalytic base 
in the enzymatic reaction.284 When Histidine 464 is 
mutated to glutamine, the catalytic constant of 
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thioredoxin-disulfide reductase from Drosophila 
melanogaster at the respective optima of pH decreases 
by a factor of 50, and the pKa of 9.3, above which 
the catalytic constant decreases as the pH is increased, 
is lost. These facts are consistent with the conjugate 
acid of Histidine 464 playing the role of a catalytic 
acid in the enzymatic reaction.255 
 The curves labeled HOE, ENH, and HOENH in 
Figure 4-20 are drawn so that the observed rate 
constant, ki,app, which can be either a catalytic con-
stant or a specificity constant, decreases at values 
of pH below the value of the respective pKa, decreases 
at values of pH above the value of the respective 
pKa, or decreases at values of pH below and above 
the respective values of the pKa only to the level 
that the rate constant would be in the absence of 
the catalytic base or catalytic acid that is titrating. 
The assumption is that when the fraction of the 
catalytic base or catalytic acid in the required state 
of ionization becomes so small that the rate con-
stant for the reaction catalyzed by that catalytic 
base or catalytic acid becomes smaller than the rate 
constant that the enzyme would display in its absence, 
the rate constant of the enzymatic reaction becomes 
the rate constant that it has in the absence of that 
acid or base. 
 The changes in slope at these points in the 
theoretical curves producing rate constants that 
become invariant with pH result from a change in 
mechanism. The mechanism catalyzed by the cata-
lytic base or catalytic acid is replaced by a mechanism 
not involving that catalytic base or catalytic acid. In 
theory, this mechanism would be the one that the 
enzyme uses when that catalytic acid or catalytic 
base has been eliminated by mutation. 
 Data for the effects of pH on rate constants for 
an enzymatic reaction catalyzed by an unmutated 
enzyme have rarely if ever been gathered over the 
range necessary to observe these changes in slope 
at low pH and at high pH, if they indeed exist. 
There is a hint of such a change in slope in Figure 
4-10H at high values of pH. It is also possible that 
the inactive, hydronated catalytic base or the inactive, 
unhydronated catalytic acid, respectively, interferes 
with the mechanism with the lower rate constant 
that is observed when that base or acid is removed 
by site-directed mutation, which probably represents 
catalysis by water. If the inactive hydronated base 
or the inactive unhydronated acid sterically blocks 
access of a molecule of water that could provide the 
necessary catalysis, the curve for the common loga-
rithm of the rate constant would not level out at 
this lower level. It would continue to drop with a slope 

of +1 or -1 indefinitely because the mechanism 
observed with the respective mutant is precluded 
in the wild type by this interference with the access 
of water into a proper location and orientation, and 
a hydron cannot disappear or appear magically. 
Consequently, the lack of any indication of a plat-
eau at low pH or high pH in the pH-rate profiles of 
native enzymes could be yet another indication of 
the absolute necessity for a catalytic acid or catalytic 
base, which in the complete absence of the usual 
catalytic acid–base would be supplied by a mole-
cule of water. Most pH-rate profiles, however, unlike 
that for ribonuclease (Figure 4-11), are not deter-
mined over sufficiently wide ranges to conclude 
that such plateaus do not exist. 
 
 If the pH-rate profile for the common logarithm 
of one of the steady-state rate constants of an enzyme 
is a straightforward sum of the contributions of the 
catalytic acid–bases catalyzing a reaction within 
the active site of the native enzyme (Figure 4-20), 
then the contribution of a particular catalytic acid–
base to that pH-rate profile should be represented 
by the difference between the pH-rate profiles for 
the wild type and for a mutant in which that cata-
lytic acid–base has been removed (Figure 4-22). 
The simplest possible example is represented by 
the pH-rate profile for the catalytic constant, k0, of 
b-glucosidase from Agrobacterium faecalis, which 
for the native enzyme is governed by a single pKa of 
7.8 (◊; Figure 4-22A).285 When Glutamate 470 is 
mutated to glycine, the catalytic constant of the 
mutant, which is 1800 times less than that of the 
wild type at its maximum, is invariant with pH. The 
difference pH-rate profile, which represents the 
contribution of Glutamate 470 to the catalysis of 
the unmutated wild-type enzyme relative to that of 
the mutant, demonstrates that Glutamate 470 is the 
catalytic acid responsible for the decrease in the 
catalytic constant above an apparent pKa of 7.8. 
 In contradistinction to the change just described, 
the pH-rate profile for the catalytic constant of 
mRNA interferase toxin RelE from E. coli for hydrol-
ysis of messenger RNA after its translation on the 
ribosome has been initiated is invariant with pH. 
When, however, Arginine 81 in the enzyme is mutated 
to alanine, the catalytic constant decreases by a 
factor of 80,000, and the pH-rate profile for the 
catalytic constant of the mutant is pH-dependent, 
decreasing below a pH of greater than 9. In the 
difference pH-rate profile, which defines the contri-
bution of Arginine 81 to catalysis, the catalytic con-
stant decreases by a factor of 10 for every increase 
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Figure 4-22: Difference pH-rate profiles for site-directed mutants. 
(A) pH-Rate profiles for the catalytic constant of b-glucosidase 
from A. faecalis for 2A,4A-dinitrophenyl b-∂-glucopyranoside at 
an ionic strength of 0.2 M and 37 ªC.285 The common logarithms 
of the observed catalytic constants k0,app (second-1) are plotted 
as a function of pH for the wild-type enzyme (WT, 3) and for a 
site-directed mutant in which Glutamate 170 had been con-
verted to glycine (E170G, 2). The two sets of data were fit with 
Equation 4-89 or a horizontal line, respectively. The top curve, 
the difference pH-rate profile, is the difference between the 
pH-rate profiles fit to data for the wild type and data for the 
mutant. (B) pH-Rate profiles for the catalytic constant of 
phosphoribosylglycinamide formyltransferase from E. coli for 
10-formyl-5,8-dideazafolate and N1-(5-phospho-∂-ribosyl)glycin-
amide at an ionic strength of 0.15 M and 25 ªC.218 The common 
logarithms of the observed catalytic constants k0,app (second-1) 
are plotted as a function of pH for the wild-type enzyme 
(WT, 3), for a site-directed mutant in which Histidine 108 had 
been converted to alanine (H108A, 2), and for a site-directed  
 
 
 
of a unit of pH over the range of the measurements, 
with no indication of a pH below which it becomes 
invariant.286 Consequently, it was concluded that 
the pH-rate profile of the wild type is invariant 
with pH because, in the range of the measure-
ments, catalysis by a base of unknown identity in the 
mutant was increasing by a factor of 10 for every 
increase of one unit of pH while catalysis by the 
cationic conjugate acid of the guanidinio group of 
Arginine 81 is decreasing by a factor of 10 for every  

mutant in which Aspartate 144 had been converted to alanine 
(D144A, Í). The three sets of data were fit with Equations 4-96, 
4-80, and 4-80, respectively. The top two curves are the respective 
differences between the pH-rate profile fit to the data for the 
wild type and the pH-rate profiles fit to the data for each mutant. 
(C) pH-Rate profiles for the steady-state rate constant kGpC of 
ribonuclease T1 from A. oryzae for the dinucleotide guanylyl-
(3A-5A)cytidine (GpC) at an ionic strength of 0.1 M and 35 ªC.219 
The common logarithms of the observed steady-state rate con-
stants kGpC (micromolar-1 second-1) are plotted as a function 
of pH for the wild-type enzyme (WT, 3) and for a site-directed 
mutant in which Histidine 40 had been converted to lysine 
(H40K, 2). The two sets of data were fit with Equations 4-109 
and 4-97, respectively. The top curve, the difference pH-rate 
profile, is the difference between the pH-rate profiles fit to data 
for the wild type and data for the mutant. In each panel (A–C), 
dashed lines of slope +1, 0, or -1 are included as asymptotes to 
the functions defining the difference pH-rate profiles. 
 
 
 
 
increase of one unit of pH. These two factors, neces-
sarily represented by lines of slope -1 and +1, multiply 
to create the invariance of the catalytic constant for 
the wild type with pH. In this instance, the muta-
tion has revealed acid–base catalysis where none 
seemed to be occurring rather than eliminating acid–
base catalysis that is observed with the native enzyme. 
The reason for the invariance of the catalytic constant 
for the wild type is that the pKa for the catalytic acid 
and the pKa for the catalytic base in the Michaelis 
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complex are outside the values of pH chosen for 
the measurements. The results also suggest that the 
pKa of Arginine 81, if it is acting as the catalytic acid 
in the Michaelis complex, as the authors have con-
cluded, is less than 5, a rather startling proposal 
since the pKa for an arginine in a protein, when fully 
exposed to the solution, is 13. 
 In more complicated instances, a difference pH–
rate profile is a simple way of isolating the various 
contributions of the particular acid–base that has 
been mutated. For example, the pH-rate profile for 
the catalytic constant of phosphoribosylglycinamide 
formyltransferase from E. coli decreases above a 
pKa of 9.7 (Figure 4-22B).218 In a crystallographic 
molecular model of the active site of the enzyme, 
the carboxy group of Aspartate 144 and the imidazolyl 
group of Histidine 108 form a hydrogen bond.287 
When either Aspartate 144 or Histidine 108 is mutated, 
the difference pH-rate profile between either mu-
tant and the wild type shows that both side chains 
together are responsible for the single pKa of 9.7, 
just as the ammonio group of Lysine 165 and the 
carboxylato group of Aspartate 169 appear to be 
equally responsible for the acid–base catalysis in 
the active site of phosphoribulokinase from Rhodo-
bacter sphaeroides. Consequently, this pKa is for 
dissociation of a hydron from the hydrogen-
bonded complex of Aspartate 144 and Histidine 108, 
and the observation is consistent with the conclusion 
that, in this instance, this complex is a composite 
acid–base that acts as a catalytic acid in the enzymatic 
reaction. 
 A composite acid–base is formed by the com-
bination of more than one simple acid–base. The 
participating acid–bases are all part of a hydrogen-
bonded network from which a hydron can dissoci-
ate from a peripheral acidic position or with which 
a hydron can associate at a peripheral lone pair. 
These dissociations and associations are often accom-
panied by shifts in the hydrons in the hydrogen 
bonds of the network. Within each level of ionization, 
the hydrogen-bonded network will have more than 
one tautomer. For example, in the case of a hydrogen-
bonded complex between a carboxy group and a 
imidazolyl group (Equation 4-134), as in the case of 
the composite acid–base formed from Aspartate 144 
and Histidine 108 in the active site of phosphoribosyl-
glycinamide formyltransferase (Figure 4-22B), there 
are three reasonable tautomers: one in which the 
two hydrons are on the imidazolyl group (Equation 
4-134), one in which the hydron of the hydrogen 
bond has transferred to the carboxy group and a 
neutral imidazolyl group is the acceptor for a hydrogen 

bond from the neutral carboxy group, and one in 
which the hydron other than the one in the hydrogen 
bond is on the carboxy group rather than the imidaz-
olyl group and the neutral imidazolyl group is the 
donor in the hydrogen bond to the other, now acyl, 
oxygen of the carboxy group. When the hydrogen-
bonded complex is the conjugate acid of a cationic 
imidazolio group and an anionic carboxylato group 
(Equation 4-134), its conjugate base is the hydrogen-
bonded complex of a neutral imidazolyl group and 
a carboxylato group. At this level of ionization, 
when a hydron dissociates from the conjugate acid 
or associates with the conjugate base, the hydrogen 
bond remains intact and the complex remains an 
intact composite acid–base. Dissociation of a hydron 
from or association of a hydron with a composite 
acid–base, however, can disrupt the hydrogen 
bonding. For example, dissociation of a hydron 
from a composite acid between a neutral imidazolyl 
group and a carboxylato group would eliminate the 
hydrogen bond between them because there would 
no longer be a hydron between them with which a 
hydrogen bond could form. 
 The difference pH-rate profile in Figure 4-22B 
also shows that Aspartate 144 shifts the pKa of yet 
another catalytic acid–base in the active site from 
6.5 in its absence to 6.8 in its presence (inflection in 
the difference pH-rate profile around pH 6.7) while 
Histidine 108 shifts the pKa of the same group from 
6.9 to 6.8 (inflection in the difference pH-rate profile 
around pH 6.9). These effects are those that would 
be expected from an anion, the carboxylate of 
Aspartate 144, and a cation, the imidazolium of 
Histidine 108, which, on the basis of these observa-
tions, should be the tautomer of the composite acid–
base present in the greatest concentration at this 
level of ionization (Equation 4-134). 
 In the case of ribonuclease T1 from A. oryzae, 
the pH-rate profile for the specificity constant 
kGpC,app for transesterification of the dinucleotide 
guanylyl(3A-5A)cytidine (GpC) is governed by values 
of pKa of 3.4, 3.4, 7.5, and 8.5 (Figure 4-22C).219 The 
difference pH-rate profile for the mutant in which 
Histidine 40 in the active site288 has been mutated to 
lysine demonstrates that Histidine 40 is responsible 
for the pKa of 8.5. This observation is consistent 
with the cationic imidazolio group acting as a cata-
lytic acid in the enzymatic reaction. In addition, 
Histidine 40 shifts the pKa of another catalytic acid–
base, probably the carboxy group of Glutamate 58, 
from 4.1 to 3.4 (inflection in the difference pH-rate 
profile around pH 3.8), as expected for a cationic 
imidazolium. It also seems, however, to shift the 
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pKa of yet another catalytic acid–base from 7.1 to 
7.5 (inflection in the difference pH-rate profile 
around pH 7.3), which cannot be explained as the 
effect of a cationic side chain. This shift can be 
explained, however, as the result of the new lysine 
that takes the place of Histidine 40 in the mutant. 
The ammonio group of this lysine could very well 
end up adjacent to Histidine 92 in the active site 
and shift its pKa from 7.5 in the wild type to 7.1 in 
the mutant. The pKa of Histidine 92 in the wild-
type enzyme has been estimated by nuclear mag-
netic resonance spectroscopy to be 7.2.219 
 The difference pH-rate profile for the specificity 
constant kdpc for 3¢-dephosphocrotonyl-SCoA (dpc) 
for enoyl-CoA hydratase from Rattus norvegicus, in 
which Glutamate 144 has been mutated to gluta-
mine, has an inflection below pH 7 resembling the 
inflection below pH 5 in the difference pH-rate 
profile for the mutant of ribonuclease T1 (upper 
curve in Figure 4-22C), but this inflection does not 
begin to plateau as the pH is decreased as does the 
curve for the mutant of ribonuclease T1.289 It was 
concluded that the pKa for a catalytic base, which 
was assigned as the pKa for the carboxylato group 
of Glutamate 164 by examination of crystallographic 
molecular models, has a pKa of less than 5 in the 
native enzyme and that its pKa has shifted to a value 
of 6.8 in the mutant in which the carboxylato group 
of Glutamate 144 is missing. In other words, the 
carboxylato group of Glutamate 144 in the native 
enzyme causes the pKa of that carboxy group of 
Glutamate 164 to shift from 6.8 to less than 5. 
 The proposal that the lysine inserted in place 
of Histidine 40 in the active site of ribonuclease T1 
shifts the pKa of the carboxy group of Glutamate 58 
is an example of the fact that the identity of the 
amino acid that replaces the catalytic amino acid 
in the active site often has a significant effect on 
the outcome of the site-directed mutation. For 
example, Tyrosine 146 in thymidylate synthase 
from L. casei was replaced in turn by 15 other amino 
acids,245 and values of k0 (KmTHFKm,dU)-1 for the 
reactants 5,10-methylenetetrahydrofolate (THF) 
and deoxyuridine monophosphate (dU) decreased 
by various factors between 500 and 1.5 ¥ 105, and 
the differences have no obvious explanation. When 
Histidine 238 in the active site of murine adenosine 
deaminase is replaced by glutamate, rate constant 
k0 Km,Ad

-1, where Km,Ad is the Michaelis constant for 
adenosine (Ad), decreases 275,000-fold. When, 
however, Histidine 238 is replaced by arginine, the 
decrease in the steady-state rate constant k0 Km,Ad

-1 
is only a factor of 50.290 Aspartate 326 in human 

creatine kinase is more than 0.7 nm away from any 
atom in the creatine or MgATP2- participating in 
the transfer of the phospho group between them.291 
When Aspartate 326 is replaced by glutamate, the 
steady-state rate constant k0 Km,cycr

-1, where Km,cycr 
is the Michaelis constant for cyclocreatine (cycr), 
decreases by a factor of only 3, and when it is replaced 
by asparagine, k0 Km,cycr

-1 decreases by a factor of 
only 7. When, however, Aspartate 326 is replaced by 
alanine, k0 Km,cycr

-1 decreases by a factor of 200.193 
From the first two factors, the correct conclusion, that 
Aspartate 326 is not a catalytic acid–base, would be 
drawn, but the last factor of 200 is ambiguous. 
Consequently, a conclusion that an amino acid in 
the active site is a catalytic acid–base, based solely 
on the order of magnitude of the decrease in a kinetic 
constant upon its mutation, can be seen to be even 
more tenuous. 
 Tyrosine 16 forms a hydrogen bond with the 
carbonyl group at carbon 3 in the reactant estr-
5(10)-ene-3,17-dione (ed), which is the carbonyl 
group a to the hydron removed during catalysis to 
form the enolate while estr-5(10)-ene-3,17-dione is 
in the active site of steroid D-isomerase from 
P. putida. When Tyrosine 16 is replaced by phenyl-
alanine, the steady-state rate constant k0 Km,ed

-1 
decreases by a factor of 70,000. When, however, 
Tyrosine 16 is replaced by alanine, glycine, serine, 
or threonine, the decrease in the steady-state rate 
constant k0 Km

-1 is only a factor of 280 ± 70.290 In 
this case it seems that the phenylalanine precludes 
formation of a hydrogen bond to the carbonyl group 
by a molecule of water, while smaller replacements 
do not. 
 When Histidine 281 in the active site of benzoyl-
formate decarboxylase from P. putida is replaced 
by alanine, the steady-state rate constant k0 Km,bf

-1, 
where bf is the reactant benzoylformate, decreases 
700-fold, which is on the borderline of suggesting 
that it is a catalytic acid–base in the enzymatic 
reaction. When, however, Histidine 281 is replaced 
by threonine, asparagine, tyrosine, glutamine, or 
tryptophan, the decrease in rate constant k0 Km

-1 is 
less and less, and when it is replaced by phenylalanine, 
the decrease is only a factor of 10, which is insignif-
icant.292 One can conclude that Histidine 281 is not 
a catalytic acid–base in the enzymatic reaction, while 
the opposite conclusion might have been reached 
if only the substitution of alanine had been made. 
 The different mutants of benzoylformate decar-
boxylase just described were almost all cases in 
which an acid–base was replaced with a side chain 
that is not an acid base in the normal range of pH.
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It is also possible, however, to replace a catalytic 
acid–base with other side chains that are acid–
bases of different size and strength to assess their 
ability to assume the role of the normal catalytic 
side chain,293 but conclusions drawn from these 
results, in the absence of crystallographic molecular 
models of the mutant active sites occupied by sub-
strates or analogues of substrates, are ambiguous 
because of steric differences that accompany the 
differences in pKa among the limited set of amino 
acids that are available to take the place of the one 
mutated. 
 In an enzyme in which a metallic hydroxide 
acts as a catalytic base, the metallic cation can be 
mutated by replacing it with another one, and the 
effect of that mutation on the pH-rate profile can 
identify the hydroxide on the metal as a catalytic 
acid–base responsible for one of the observed acid 
dissociation constants. For example, when the 
prosthetic metallic cation in the active site of human 
histone deacetylase is changed from the natural Zn2+ 
to Co2+, a pKa in the pH-rate profile, above which 
the specificity constant for a fluorescent unnatural 
reactant for the enzyme decreases, shifts from 9.1 
to 10. This is the shift expected if zinc hydroxide 
(pKa in water = 9.0) has been replaced by cobalt 
hydroxide (pKa in water = 9.6).  
 A reactant for the enzyme can also be mutated 
to identify the role of a catalytic acid–base in the 
catalytic mechanism of an enzyme. For example, 
when hypoxanthine (4-42) 

 

in a trinucleotide that is a reactant for human 
DNA-3-methyladenine glycosylase II was replaced 
with 7-methylguanine (4-43), the decrease in the 
pH-rate profile for the catalytic constant of the en-
zyme above a pKa of 6.4 was no longer observed.294 
This result identified the side chain with this pKa as 
a catalytic acid responsible for hydronating nitrogen 7 
of the hypoxanthine to make it cationic and a better 
leaving group during hydrolysis of the N-glycosidic 
linkage. This hydronation is not necessary for nitro-
gen 7 in 7-methylguanine because it is methylated 
and already cationic. 
 
 

Suggested Reading 

Beebe, J. A., Arabshahi, A., Clifton, J. G., Ringe, D., 
Petsko, G. A., and Frey, P. A. (2003) Galactose 
mutarotase: pH Dependence of enzymatic muta-
rotation, Biochemistry 42, 4414–4420. https:// 
doi.org/10.1021/bi020639a 

Thoden, J. B., and Holden, H. M. (2002) High 
resolution X-ray structure of galactose muta-
rotase from Lactococcus lactis, J. Biol. Chem. 
277, 20854–20861. https://doi.org/10.1074/ 
jbc.M201415200 

 
 
 
Problem 4-11: The following table lists the catalytic 
constants for human protein-tyrosine-phosphatase 
(WT) and a mutant of the enzyme in which Aspar-
tate 92 has been changed to asparagine (D92N) for 
hydrolysis of 4-nitrophenyl phosphate as a function 
of pH.295 
 

pH    k0WT,app 
      (s-1) 

pH k0A92N,app 
      (s-1) 

4.50 0.60 4.80 0.018 
4.55 0.82 4.90 0.027 
4.55 1.34 5.00 0.034 
4.75 2.64 5.25 0.042 
5.00 3.17 5.50 0.054 
5.25 4.24 6.00 0.058 
5.50 5.26 6.40 0.056 
5.55 4.51 7.00 0.061 
6.00 5.18 7.50 0.062 
6.40 5.42 7.70 0.056 
7.00 3.70 8.50 0.061 
7.50 2.13 9.00 0.053 
8.00 0.84   
9.00 0.12   

 
 (A) Plot the common logarithm of k0 as a function 

of pH for the wild type and the mutant. 
 (B) Draw asymptotes and estimate values of pKa 

governing these two pH-rate profiles. 
 (C) Plot the difference between these two pH-rate 

profiles. 
 (D) Which pKa is that of Aspartate 92? 
 

N

NN

N

O

N

NN

N

O

N

H3C
(

H
H

“

4 – 42                              4 – 43

HH



Kinetic Isotope Effects 
 

1117 

Kinetic Isotope Effects 

Reactions in which a hydron, hydrogen atom, or 
hydride is transferred in a rate-affecting step pro-
ceed more slowly when the protium on the reactant 
is replaced by deuterium. For example, removal of 
deuterium (2H) as a deuteron from 4-(4-nitrophen-
oxy)-[3,3-2H2]butan-2-one by phenoxide anion acting 
as a general base in aqueous solution 

 
                (4-174) 

occurs 6.1 times more slowly than removal of that 
hydrogen as a proton from the same position by 
the same base.296 This decrease in rate produced by 
replacing protium with deuterium is an example of 
a kinetic isotope effect. 
 
 A kinetic isotope effect is a change in a rate 
constant produced by substitution of the isotope of 
one or more atoms in a reactant for another isotope. 
A primary kinetic isotope effect is a kinetic isotope 
effect for a reaction in which the bond between the 
one atom that has been isotopically substituted and 
an atom to which it is covalently attached is broken 
or in which such a bond is formed. A primary deu-
terium kinetic isotope effect is a primary kinetic 
isotope effect produced by substitution of a deuterium 
for a protium in a reactant. Undeuterated reactant 
has a hydrogen at the substituted position, but 
since the relative natural abundance of deuterium 
is 0.0156%, the vast majority of hydrogen is protium, 
so substitution of a hydrogen at natural abundance 
by a deuterium is essentially substitution of protium 
with deuterium. 
 If a step in the mechanism of a reaction is rate-
affecting, an increase or decrease in its forward 
rate constant, its rate constant in reverse, or both of 
them will cause a change in an observed rate con-
stant of the overall reaction, but this change will 
not necessarily be of the same magnitude as the 
increase or decrease in the microscopic rates of 
that rate-affecting step. Because of the definition of 

a rate-limiting step,297 a rate-affecting step must be 
or must precede the rate-limiting step in a reaction. 
 The appearance of a primary deuterium kinetic 
isotope effect for a rate constant of an enzymatic 
reaction provides experimental evidence that removal 
of the hydrogen that has been substituted, as either 
a hydron, hydrogen atom, or hydride, from the re-
actant is a step in the enzymatic reaction and that 
the step is a rate-affecting step.  
 The hydron at carbon 6 in 5-O-(1-carboxyvinyl)-
3-phosphoshikimate is removed by nitrogen 5 of 
the prosthetic flavin298 in the active site of chorismate 
synthase from Neurospora crassa during the elimi-
nation catalyzed by the enzyme. When the protium 
at the pro-R position on carbon 6 is replaced syn-
thetically by deuterium, the catalytic constant of 
the enzyme for deuterated reactant 

 
                (4-175) 

is 2.7 ± 0.2 times smaller than it is for undeuterated 
reactant, and the specificity constant kCPS for the 
synthetic (6R)-[6-2H]-5-O-(1-carboxyvinyl)-3-phos-
phoshikimate (CPS) is 1.6 ± 0.1 times smaller.299 
 A hydrogen atom is removed from the methyl 
group of toluene by a glycyl radical in the active site 
of benzylsuccinate synthase from Thauera aromatica 
before addition of the resulting benzyl radical to 
the double bond of fumarate to produce benzyl-
succinate. When perdeuterated toluene is used as a 
reactant, the catalytic constant of the enzyme is 
1.7 ± 0.2 times smaller than when undeuterated 
toluene (tol) is used as a reactant, and the specifici-
ty constant ktol is 2.9 ± 0.1 times smaller.300 
 A hydride is transferred from the 4S position of 
reduced thionicotinamide-adenine dinucleotide 
phosphate to an oxidized flavin adenine dinucleo-
tide in the active site of trypanothione-disulfide 
reductase from Trypanosoma congolense. When re-
duced (4S)-[4-2H]thionicotinamide-adenine dinucleo-
tide phosphate is used as a reactant, the catalytic 
constant of the enzyme is 4.7 ± 1.0 times smaller than 
when reduced, undeuterated 3-thionicotinamide-
adenine dinucleotide phosphate (tNADPH) is used 
as a reactant, and the specificity constant ktNADPH is 
6.9 ± 0.9 times smaller.301  
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 The deuterium kinetic isotope effect, Dki, on a 
particular rate constant, ki, is the ratio between the 
rate constant for undeuterated reactant, kiH, and 
the rate constant for the deuterated reactant, kiD 

             (4-176) 

For example, the primary deuterium kinetic isotope 
effect299 on the catalytic constant, Dk0, of chorismate 
synthase (Equation 4-175) from N, crassa for replace-
ment of the pro-R hydrogen at carbon 6 in 
5-O-(1-carboxyvinyl)-3-phosphoshikimate with 
deuterium is 2.7 ± 0.2. 
 In the case of the reaction catalyzed by trypano-
thione-disulfide reductase, the existence of the signif-
icant primary deuterium kinetic isotope effects is 
evidence that the transfer of an actual hydride 
between the nicotinamide and the flavin is occurring 
in this enzymatic reaction rather than consecutive 
transfers of an electron, a hydron, and an electron. 
In many of the reactions catalyzed by flavoenzymes 
that have NADH or NADPH as substrates, there are 
significant, often quite large, primary deuterium 
kinetic isotope effects more consistent with the 
transfer of a hydride between NADH or NADPH 
and oxidized flavin than two successive single electron 
transfers. 
 If two hydrogens are removed from the reactant 
by the active site, the primary deuterium kinetic 
isotope effect is usually greater for the reactant in 
which these two hydrogens are replaced by deuterium 
than for the two respective reactants in which only 
one is replaced.302 For example, in the reduction 
catalyzed by human dihydroorotate dehydrogenase 
(quinone) 

       
                (4-177) 

where flavin is a prosthetic flavin mononucleotide 
in the active site, the primary deuterium kinetic 
isotope effect on the rate constant for reduction of 
flavin at saturating dihydroorotate is 4.2 ± 0.1 for 
[5,5-2H2]-(S)-dihydroorotate, 3.8 ± 0.1 for [6-2H]-(S)-
dihydroorotate, and 8.0 ± 0.2 for [5,5,6-2H3]-(S)-dihy-

droorotate.303 In the reaction catalyzed by histidinol 
dehydrogenase from Salmonella typhimurium 

  
                (4-178) 

the two hydrides are removed from carbon 1 of the 
histidinol in two distinct steps that are separated 
from each other by dissociation of the NADH formed 
in the first oxidation and association of NAD+ for 
the second oxidation. It has been observed that, at 
pH 6.7, the primary deuterium kinetic isotope effect 
on the catalytic constant for (1S)-[1-2H]histidinol is 
1.6 ± 0.1, that for (1R)-[1-2H]histidinol is 1.5 ± 0.1, 
and that for [1,1,-2H2]histidinol is 2.0 ± 0.2. These 
observations demonstrate that each of these two 
steps, in which one of the two hydrides is trans-
ferred, is a rate-affecting step in the overall enzymatic 
reaction.304 
 Kinetic isotope effects can also be used to provide 
evidence for removal of a hydrogen in an enzymatic 
mechanism even though that hydrogen ends up 
occupying the same position in the respective 
product. For example, substitution of a hydrogen 
with deuterium at carbon 5 on ∂-glucose 6-phos-
phate produced a deuterium kinetic isotope effect 
of 1.5 on the rate of the reaction catalyzed by inositol-
3-phosphate synthase 

    
                (4-179) 

from R. norvegicus. This isotope effect was used as 
evidence that this hydrogen is removed in one rate-
affecting step of the enzymatic reaction even though it 
remains at the same location in the product of the 
overall reaction.305 
 In the isomerization catalyzed by tRNA pseudo-
uridine55 synthase 
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                (4-180) 

from E. coli, the hydrogen on carbon 2¢ of uridine 
seems to be uninvolved. Nevertheless, when it is 
replaced with a deuterium, the deuterium kinetic 
isotope effect on the specificity constant, kU, for a 
uridine (U) in the proper position in a polyribonu-
cleotide that is a reactant for the enzyme is 3.6. This 
value is so large that it must be a primary deuterium 
kinetic isotope effect, and the hydrogen at carbon 2¢ 
must be removed by a base in the active site during 
the isomerization.306 The conclusion drawn from 
this observation is that, following dissociation of 
the anionic eneimide that is the leaving group and 
that is the conjugate base at nitrogen 1 of the uracil 
(pKa = 9.5), the resulting oxocarbenium ion of the 
ribose, which is quite unstable, is stabilized as the 
neutral enol ether by removal of the now-acidic 
hydron from carbon 2¢ until the eneimide of the 
uracil can rotate to the proper orientation so that 
carbon 5 of the eneimide, which is also nucleo-
philic, rather than nitrogen 1 can add to carbon 1¢ 
of the ribose. Consequently, addition of carbon 5 as 
a nucleophile should be a simple addition to the 
double bond between carbons 1¢ and 2¢ of the enol 
ether either before, after, or coincident with readdition 
of the hydron to carbon 2¢. 
 a-Galactosidase MelA from Citrobacter freundii 
catalyzes the hydrolysis of a-galactosides, which 
appears to be simply a dissociative nucleophilic 
substitution with an oxocarbenium ion as an inter-
mediate. When either phenyl a-∂-[2-2H]galacto-
pyranoside or phenyl a-∂-[3-2H]galactopyranoside 
is used as a reactant, however, the deuterium kinetic 
isotope effects on the respective specificity constants 
for these galactosides were both 1.74.307,308 These 
isotope effects are again too large to be secondary 
or tertiary kinetic isotope effects and must be primary 
deuterium kinetic isotope effects. These deuterium 
kinetic isotope effects, and the fact that there is a 
prosthetic NAD+ in the active site of the enzyme, 

led to two conclusions: first, that the NAD+ removes 
the hydride from carbon 3 of ∂-galactose, and second, 
that the enol formed by removal of a hydron from 
carbon 2 by a catalytic base permits b-elimination 
of the phenolate rather than a nucleophilic substi-
tution like the one in the active site of lysozyme. 
 Another conclusion that can be drawn from a 
primary deuterium kinetic isotope effect is that the 
chemical mechanism of an enzymatic mechanism is 
the same as the chemical mechanism of the reaction 
in solution. For example, strictosidine synthase 
from Rauvolfia serpentina catalyzes intramolecular 
addition to carbon 2 of the indolyl group of an electro-
philic iminium in the adduct between tryptamine 
and an aldehyde, followed by rearomatization of 
the indolyl group 

      
                (4-181) 

When the protium on carbon 2 of the indolyl group 
of the tryptamine is replaced by deuterium, the 
primary deuterium kinetic isotope effect (2.7 ± 0.1) 
on the catalytic constant of the enzymatic reaction 
is indistinguishable from the primary deuterium 
kinetic isotope effect (2.0-2.6) for the same substi-
tution in the nonenzymatic electrophilic aromatic 
substitution.309 It was concluded that the chemical 
mechanism on the active site was the same as that 
in solution, a Pictet–Spengler electrophilic aromatic 
substitution, the mechanism for which has been 
extensively studied.310 The fact that the deuterium 
isotope effect results from substitution of the hydrogen 
on carbon 2 requires that, in both the enzymatic 
reaction and the reaction in solution, the rearoma-
tization of the adduct between iminium and the 
indolyl group be at least rate-affecting if not rate-
limiting. Consequently, this specific substitution 
has focused attention on this particular step in the 
mechanism. In solution, the intramolecular electro-
philic aromatic substitution is catalyzed by acetate 
as a general base, so it was also concluded that 
there should be a catalytic base in the active site 
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responsible for accepting the hydron during the 
rearomatization in the active site. 
 Tritium kinetic isotope effects are also observed 
in enzymatic reactions. A tritium kinetic isotope 
effect is a kinetic isotope effect produced by substi-
tution of a tritium (T) for a protium in a reactant. 
For example, the tritium kinetic isotope effect, 
Tk∂A, for the specificity constant, k∂A, for [2-3H]-∂-ala-
nine (∂A) when it is oxidized to pyruvate by porcine 
∂-amino-acid oxidase is 12.6 ± 0.1.311  
 Deuterium or tritium can be substituted synthet-
ically for a hydrogen on carbon, on hydrogen, or on 
phosphorus,312 and it can be expected to remain on 
that carbon, hydrogen, or phosphorus long enough 
to perform an experiment. Deuterons or tritons on 
sulfur, oxygen, or nitrogen, however, exchange rapidly 
with the hydrons of the water. If deuterium oxide is 
used in place of water to ensure that deuterium is 
present on a particular oxygen, nitrogen, or sulfur, 
then all the oxygens, nitrogens, and sulfurs acces-
sible to the solution will have their hydrogens replaced 
with deuterium. Because it is not possible to confine 
deuterium to just one oxygen, nitrogen, or sulfur in 
either a reactant or the enzyme itself, and because 
enzymes having molecular hydrogen or phos-
phites312,313 as their substrates are rare, almost all 
hydrogen kinetic isotope effects reported in studies 
of enzymes are primary deuterium or tritium kinetic 
isotope effects produced by synthetic or enzymatic 
replacement of a hydrogen on a carbon in a reac-
tant by deuterium or tritium, respectively. 
 
 Again, as always, a distinction should be made 
between observation and explanation. The expla-
nation for an observed primary deuterium isotope 
effect on one of the steady-state rate constants 
follows from the kinetic mechanism chosen for the 
reaction by the investigator. If the kinetic mechanism, 
which is the product of his intuition, is wrong, even 
though it is consistent with all the observations, 
the conclusions drawn from the explanation of the 
observed primary deuterium isotope effect may be 
mistaken. 
 An enzymatic reaction always consists of three 
or more microscopic steps, each, by definition, 
with its own distinct transition state. To obtain 
information beyond the fact that dissociation of the 
bond between a particular carbon and its hydrogen 
does or does not occur in a rate-affecting step in an 
enzymatic reaction, the deuterium or tritium kinetic 
isotope effect on the microscopic rate constant for 
the step in which that carbon–hydrogen bond disso-
ciates must be measured directly or extracted from 

the steady-state rate constants. A primary kinetic 
isotope effect is the kinetic isotope effect on a 
steady-state rate constant for an enzymatic reaction 
during which the bond between the atom that has 
been isotopically substituted and an atom to which 
it is covalently attached is broken. An intrinsic kinetic 
isotope effect is the kinetic isotope effect on the 
microscopic rate constant for a specific step in an 
enzymatically catalyzed reaction, not necessarily a 
step in which the bond at which the substitution 
has taken place is broken. An intrinsic, primary 
deuterium kinetic isotope effect is the deuterium 
kinetic isotope effect on a microscopic rate constant 
for the specific step in an enzymatic reaction in 
which the bond is broken between another atom 
and a hydrogen that has been isotopically substi-
tuted with deuterium. 
 Usually, rate constants for several rate-affecting 
microscopic steps in the kinetic mechanism of an 
enzymatic reaction contribute to the observed 
steady-state rate constants, such as the catalytic 
constant and the specificity constants. Usually, 
however, only one of these microscopic steps can 
display intrinsic, primary deuterium kinetic isotope 
effects on its forward reaction and its reaction in 
reverse. This microscopic step is the one in which 
the bond between the carbon and the hydrogen 
that is isotopically substituted is broken or re-formed, 
respectively. It necessarily follows that the observed 
primary deuterium kinetic isotope effect on any 
one of the steady-state rate constants for the enzy-
matic reaction is less than the intrinsic, primary 
deuterium kinetic isotope effects for the step in 
which hydrogen is actually transferred. 
 For a particular kinetic mechanism, the observed 
primary deuterium kinetic isotope effect on one 
steady-state rate constant is the consequence of the 
intrinsic, primary deuterium kinetic isotope effect 
on the microscopic rate constants for the step in 
the kinetic mechanism in which a bond between 
the hydrogen that is isotopically substituted and 
another atom is broken. Because, for hydrogen, 
such a bond is always broken during the transfer of 
hydrogen from one atom to another atom and 
because this transfer is usually reversible in the 
kinetic mechanism of an enzyme, a bond between 
the isotopically substituted hydrogen and another 
atom is broken in both directions of a particular 
microscopic step in which the transfer of that 
hydrogen occurs. Consequently, each of the two 
rate constants, forward and reverse, for the step in 
which hydrogen is transferred exhibits an intrinsic, 
primary deuterium kinetic isotope effect. These two 
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intrinsic, primary deuterium kinetic isotope effects, 
however, do not have to be equal. If they differ, 
then there must also be a deuterium isotope effect 
on the equilibrium constant for that microscopic 
step, which is the ratio of the two rate constants, 
forward and reverse. 
 The first step in attempting to formulate an 
explanation of the observed primary deuterium 
kinetic isotope effect on one steady-state rate constant 
by dissecting the kinetics of the enzymatic reaction 
into its components is to examine the ratio between 
the definition of that steady-state rate constant 
when the microscopic rate constants, forward and 
reverse, for the step in which hydrogen is trans-
ferred are those for the carbon–hydrogen bond and 
the definition of that steady-state rate constant 
when the microscopic rate constants for that same 
step are for the carbon–deuterium bond. For example, 
for the kinetic mechanism (previously Equation 
3-109) 

 
                (4-182) 

the steady-state rate constants are (previously Equa-
tions 3-117 through 3-120) 

       (4-183) 

         (4-184) 

               (4-185) 

and 

       (4-186) 

If the microscopic step governed by k3 and k-3 is the 
step in which hydrogen that is isotopically substituted 
is transferred, then 

  
                (4-187) 

    
                (4-188) 

and 

            (4-189) 

where k3H and k-3H and k3D and k-3D are the micro-
scopic rate constants for undeuterated substrate 
and deuterated substrate, respectively. 
 These ratios defining the primary deuterium 
kinetic isotope effect on the steady-state rate con-
stants based on the chosen kinetic mechanism can 
be useful in dissecting the relative magnitudes of the 
microscopic rate constants in a kinetic mechanism. 
For example, a kinetic mechanism consistent with 
all the steady-state kinetic observations for peptidyl-
glycine monooxygenase from R. norvegicus is 

        
                (4-190) 

where HA is hippurate (benzoylglycine) 

 

an analogue of a peptide with a carboxy-terminal 
glycine, and HAOH is the product of the hydroxylation, 
(S)-2-hydroxyhippurate. For this kinetic mechanism, 
the primary deuterium kinetic isotope effect on the 
specificity constant kHA for [2,2-2H2]hippurate, at 
any concentration of oxygen, should be 

       (4-191) 
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where Dk3 is the intrinsic, primary deuterium kinetic 
isotope effect for removal of hydrogen from the glycyl 
group of hippurate. The fact that the concentration 
of O2 had no effect within experimental error on the 
observed primary deuterium kinetic isotope effect for 
the specificity constant DkHA (4.8) led to the conclu-
sions that k-1 > k2[O2] and that the first step in the 
enzymatic reaction, the binding of hippurate, is at 
equilibrium in the range of concentrations of O2 
examined.314 If this conclusion is correct, if the kinetic 
mechanism chosen is correct, and if k-2 > k3H, which 
seems likely considering how small a molecule of 
O2 is, then Dk3 = 4.8. Even if all these assumptions 
are correct, this assignment could still be incorrect 
if the kinetic mechanism that has been chosen by 
the investigators is incorrect. 
 Taking the ratios of the definitions of the ob-
served steady-state rate constants derived from the 
chosen kinetic mechanism is a simple and unam-
biguous way to interpret the degree to which an 
intrinsic, primary isotope effect could manifest itself 
in the primary deuterium kinetic isotope effect on 
these rate constants. As with the effects of pH on 
the kinetics of an enzymatic reaction, however, the 
interpretation of a primary deuterium kinetic isotope 
effect is most straightforward if the step in the 
mechanism in which hydrogen is transferred can 
be studied directly. For example, when a high molar 
concentration of bovine primary-amine oxidase, in 
the oxidized form, was mixed with a high concen-
tration of the reactant dopamine, the transfer of 
hydride from the dopamine to the prosthetic 2,4,5-tri-
hydroxyphenylalanylquinone (previously 2-156) 

 

on the protein315 could be followed directly by the 
change in absorbance that occurs during the trans-
fer.316 The rate of the reaction was extrapolated to 
saturation with dopamine to eliminate the contri-
butions of the rate of association of dopamine with 
the active site. The deuterium kinetic isotope effect 
upon the rate of reduction of 2,4,5-trihydroxyphenyl-
alanylquinone observed when [1,1-2H2]dopamine 
was used as reactant was 13. In the mechanism 
usually written for this reaction, the hydrogen in 
question is removed as a hydron by a catalytic base 

within the active site,315 and the observed kinetic 
isotope effect is assumed to be the intrinsic, primary 
deuterium kinetic isotope effect for this step. When 
the specificity constant kDAm for [1,1-2H2]dopamine 
(DAm) was assessed, the primary deuterium kinetic 
isotope effect was only 6. When the same experiments, 
however, were performed with another reactant, 
[1,1-2H2]benzylamine,317 the intrinsic, primary deu-
terium kinetic isotope effect observed directly (13) 
was the same as the primary deuterium kinetic iso-
tope effect (12) on the specificity constant kBAm for 
benzylamine (BAm). 
 
 The effect of an intrinsic kinetic isotope effect 
on the steady-state rate constants can also be defined 
in terms of the commitment forward and the com-
mitment in reverse. Consider an enzymatic reaction 
that proceeds through a series of steps that occur in 
a linear, unbranched order, for example 

  
                  (4-192) 

If neither product Y nor product Z is present and 
the initial rates are being measured, the conversion 
of E6 to E7 is irreversible. If the reactant that is iso-
topically substituted is reactant B, if the step at 
which the carbon–hydrogen bond is broken is the 
step governed by rate constants k4 and k-4, if reac-
tant A is present at saturation, and if all forms of 
the enzyme are in steady state, then Equation 
4-192 can be rewritten as 

     
                (4-193) 

where the composite rate constants are defined as 

              (4-194) 

              (4-195) 
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              (4-196) 

 Suppose that the step in a linear unbranched 
kinetic mechanism in which an isotopically substi-
tuted hydrogen is transferred is step i, the step 
governed by rate constants ki and k-i. The commit-
ment forward, cf, is the ratio318 between the forward 
elementary rate constant (kiH) for step i when the 
reactant is not deuterated and the composite rate 
constant kri for reversal of the reaction from the 
form of the enzyme immediately preceding this 
step, Ei, to the point at which the reactant that is 
isotopically substituted has been released back into 
the solution. For example, for the mechanism of 
Equation 4-192 

       (4-197) 

The commitment in reverse, cr, is defined as the ratio 
between the reverse elementary rate constant (k-iH) 
for step i and the composite rate constant kfi for 
forward flux from the form of the enzyme immediately 
following this step, Ei+1, through the first kinetically 
irreversible step in the mechanism. For example, 
for the mechanism of Equation 4-192 

      (4-198) 

Many kinetic mechanisms for enzymatic reactions, 
no matter how complex, can be rewritten in the 
form of the kinetic mechanism in Equation 4-109 
by using composite rate constants. Once this con-
version has been done, all the mechanisms become 
formally equivalent, and the definitions of the two 
commitments become the same as Equations 4-197 
and 4-198. 
 It can be shown318,319 that, for any linear, 
unbranched kinetic mechanism, if the reactant that 
is deuterated is reactant B and if substitution of a 
hydrogen by a deuterium affects rates of only step i, 
then the primary deuterium kinetic isotope effect 
on the specificity constant kB for reactant B 

        (4-199) 

where Dki is the intrinsic, primary deuterium kinetic 
isotope effect (kiH kiD

-1) for the forward reaction of 
step i and DKeqi is the primary equilibrium isotope 
effect for that same step 

     
                (4-200) 

where Ei,H and Ei+1,H are the respective forms of the 
enzyme with protiated reactant and protiated catalytic 
acid, respectively, and Ei,D and Ei+1,D are forms of 
the enzyme with deuterated reactant and deuterated 
catalytic acid, respectively. The same equation 
should hold for any isotopic substitution, either in 
the reactant or in the enzyme itself, that affects the 
rate constants, forward and reverse, for only one step 
in the kinetic mechanism. This equation applies 
because the derivation deals only with the elemen-
tary rate constants for the mechanism, not with the 
identity of the isotopic substitution that causes the 
change in the two elementary rate constants and 
not with whether or not a bond to the substituted 
element is broken and re-formed, respectively, in 
the step governed by those rate constants. 
 A primary equilibrium isotope effect is the effect 
substitution of one isotope for another isotope at a 
particular atom that is transferred during a reaction 
has on the equilibrium constant for that reaction. 
The primary deuterium equilibrium isotope effect 
that results when a protium is substituted by deu-
terium depends upon the stability of the s bond 
between product and deuterium relative to the sta-
bility of the s bond between product and protium 
and the stability of the s bond between reactant 
and deuterium relative to the stability of the s bond 
between reactant and protium. 
 The difference in the stabilities of a carbon–
protium bond and a carbon–deuterium bond, or in 
the stabilities of a bond between another atom and a 
protium and a bond between that atom and a deu-
terium, can be estimated from vibrational frequencies 
in infrared spectra. These estimates are tabulated 
as fractionation factors.320,321 Fractionation factors 
are theoretically calculated primary equilibrium 
isotope effects for transfer of a hydrogen from a 
particular position in a particular molecule to a refer-
ence molecule such as acetylene (carbon to carbon) 
or water (carbon to oxygen). 
 An estimate of a particular equilibrium primary 
isotope effect is made by dividing the fractionation 
factor for the hydrogen in the reactant by the frac-
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tionation factor for the hydrogen in the product. 
For example, the estimated equilibrium primary 
isotope effect for transfer of a hydrogen from acetone 
to hydroxide to form the enolate and water should 
be 0.93, given the tabulated fractionation factors 
(relative to acetylene) of 1.432 and 1.539 for acetone 
and water, respectively. Primary deuterium equilib-
rium isotope effects vary from 0.8 to 1.2 for transfer 
of a deuterium from carbon to a carboxylic acid or 
an amine, from 2.0 to 2.5 for transfer from carbon 
to a sulfanyl group, and from 0.7 to 1.5 for transfer 
between two carbons. 
 For a linear, unbranched mechanism such as 
that in Equation 4-192, the primary deuterium 
kinetic isotope effect on the catalytic constant, k0, 
of the enzyme can be expressed in a form similar to 
that in Equation 4-199 

        (4-201) 

where Dki, Keqi, and cr are the same as they are in 
Equation 4-199. The ratio a0, however, is not a 
commitment but a ratio of rate constants 

            (4-202) 

where kiH is the forward rate constant for step i 
when the reactant is protiated and the term 
{ki-1 + k-(i-1)} is the rate constant for the approach 
to equilibrium of the step preceding the step in 
which the intrinsic, primary isotope effect is exerted. 
The term ai-1 is a fraction determined by the mecha-
nism chosen for the reaction. It is the quotient of 
the steady-state concentration of Ei-1, the form of 
the enzyme preceding Ei, divided by the sum of the 
concentrations of all forms of the enzyme other 
than Ei. This quotient is for the situation in which 
all reactants are at saturation. In estimating the 
value for ai-1, the step preceding the step in which 
the isotopically substituted hydrogen is transferred, 
step i - 1, is considered to be irreversible with a rate 
constant of k(i-1). Taken together, the denominator 
in Equation 4-202 is a measure of the rate at which 
Ei is regenerated from Ei+1 in the forward direction. 
 The accepted kinetic mechanism of ∂-xylose 
reductase 

    
                (4-203) 

from S. cerevisiae has seven consecutive, unbranched 
steps. Values for all 14 of the individual rate constants 
in this kinetic mechanism, forward and reverse, 
have been determined,322 and the intrinsic, primary 
deuterium kinetic isotope effect (6.5) on the step in 
which hydrogen is transferred from [5-2H]NADH to 
∂-xylose has been determined independently of the 
steady-state kinetics.323 The appropriate micro-
scopic rate constants were used to calculate the 
commitment forward (3.1) and the ratio a0 (10.6). 
The value calculated for the commitment in reverse 
(0.00004), even though it must have a value other 
than 0, is not significantly different from 0 and, in 
any case, is too small to affect the observed kinetic 
isotope effect (see Equation 4-201). All these numer-
ical values and an estimate from fractionation factors 
of DKeq for the transfer of hydrogen were used to 
calculate the expected observed primary deuterium 
kinetic isotope effect (Equation 4-201) on the cata-
lytic constant Dk0 (1.5) and the observed primary 
kinetic isotope effect (Equation 4-199) on the spec-
ificity constant Dkxyl (2.3) for xylose (xyl). These 
estimates agreed with observed values (1.55 ± 0.1 
and 2.1 ± 0.3, respectively) for these kinetic isotope 
effects. This agreement between calculated and 
observed primary deuterium kinetic isotope effects 
was presented as one piece of evidence that the 
individual rate constants determined for the kinetic 
mechanism, the calculated intrinsic, primary deuter-
ium kinetic isotope effect, and the kinetic mechanism 
itself were correct. In this instance, rather than 
gaining insight into the step in the mechanism in 
which hydrogen is transferred, the primary deuter-
ium kinetic isotopic effects were used to validate a 
particular kinetic mechanism. 
 Another reason for expressing a kinetic isotope 
effect in terms of the commitment forward cf and the 
commitment in reverse cr and the ratio a0, rather 
than a simple ratio of definitions of the steady-state 
rate constants, is to understand what causes the 
kinetic isotope effect on a steady-state rate constant 
to be less than the intrinsic kinetic isotope effect 
for the microscopic step in which the isotopically 
substituted bond is broken. The fraction of the intrin-
sic, primary deuterium isotope effect on step i, Dki, 
that is seen in the observed kinetic isotope effect on 
the specificity constant, DkB, for reactant B will depend 
on the magnitudes of cf and cr, respectively (Equa-
tion 4-199). 
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 If cf is large so that Ei is almost always converted 
to Ei+1 without significant reversal from Ei to reactant 
free in solution, then almost every molecule of reac-
tant that associates with the enzyme is converted to 
product, regardless of whether it is proteated or 
deuterated. Because those isotope effects on associa-
tion of substrates with an active site that have been 
measured are small,324,325 it is usually assumed that 
they are negligible. If this assumption is correct, 
there is no discrimination between substituted and 
unsubstituted reactant at the step of association, 
and there are no kinetic isotope effects on the 
steady-state rate constants for the overall reaction. 
 If cr is large so that Ei+1 often reverses to Ei before 
the first product is released, and cf is small so that 
Ei often reverses to release reactant B, then both 
reactant and product come to equilibrium on the 
active site and association of the reactant also comes 
to equilibrium. Under these conditions, the kinetic 
isotope effect observed for the specificity constant 
for isotopically substituted reactant will be the 
equilibrium isotope effect of only the affected step, 
and this isotope effect can be less than 1 or greater 
than 1. 
 The full intrinsic kinetic isotope effect will be 
seen on the kinetic isotope effect for the specificity 
constant only if two conditions apply. First, the 
commitment forward cf is small because the form 
of the enzyme immediately preceding the step in 
which the intrinsic kinetic isotope effect occurs is 
in equilibrium with free reactant. Second, the 
commitment in reverse cr is small either because the 
chemical step is kinetically irreversible or because 
once the product of that step is formed, it immedi-
ately dissociates as free product. Under these condi-
tions, the rate-limiting step in the reaction, which 
is the only significant rate-affecting step, is the step 
in which the full instrinsic kinetic isotope effect 
occurs, and the observed isotope effect on the speci-
ficity constant, DkB, for reactant B is the intrinsic 
isotope effect on step i, Dki. This equivalence does 
happen, as in the case of peptidylglycine mono-
oxygenase, but not so often as one might expect. 
 Because the equation for the kinetic isotope 
effect on the catalytic constant k0 (Equation 4-201) 
is of the same form as the equation for the speci-
ficity constant for isotopically substituted reactant 
(Equation 4-199), arguments similar to those that 
were just made can be made again. In this case, 
however, the ratio a0 takes the place of cf, and the 
reason for a large or a small value for a0 are quite 
different from the reasons for a large or small value 
for cf. 

 If, when all the reactants are at saturation, the 
rate at which Ei is replenished from Ei+1 in the forward 
direction, through all the consecutive steps in the 
reaction other than that governed by ki and k-i, is 
slow relative to the forward rate constant kiH for the 
step in which the intrinsic kinetic isotope effect occurs 
so that a0 is large, then there will be little or no kinetic 
isotope effect on the catalytic constant k0 because 
the step with rate constant ki is not a significant 
rate-affecting step. 
 If, however, the rate of the step in which the 
intrinsic kinetic isotope effect occurs is slow relative 
to the rate at which Ei is regenerated in the forward 
direction from Ei+1 so that as soon as Ei+1 is formed, 
it is converted to Ei, and if cr is small, then step i 
becomes the only significant rate-affecting step, as 
well as the rate-limiting step in the enzymatic reaction. 
Under these conditions, the intrinsic kinetic isotope 
effect is fully expressed on the catalytic constant. 
This situation again does not occur so often as one 
might expect. 
 It should be noted that formally equivalent 
circumstances cause values for the observed acid 
dissociation constants in the pH–rate profiles for the 
steady-state rate constants of an enzymatic reaction 
to differ from the intrinsic acid dissociation constants 
for the active site. The only difference is that a kinetic 
isotope effect changes an intrinsic rate constant 
discontinuously while variation of the pH changes 
it continuously. 
 An example of the masking of an intrinsic, 
primary deuterium kinetic isotope effect by another 
step in the reaction occurs with equine alcohol 
dehydrogenase (Equation 4-158).326 With the native 
enzyme, the primary deuterium kinetic isotope effect 
on the catalytic constant, Dk0, is only 1.3 for deuterio-
ethanol as a reactant because dissociation of 
NADH as a product, which is a step subsequent to 
hydride transfer, is the rate-limiting step in the 
reaction. Slow dissociation of NADH causes the 
commitment in reverse to be large. When the enzyme 
is modified at several lysines within its active site by 
amidination with the methyl imidate of 2-pyridine-
carboxylic acid, the rate constant for dissociation of 
NADH is increased more than 30-fold. With the 
modified enzyme, the primary deuterium kinetic 
isotope effect on the catalytic constant is 5. The 
increase observed in the primary deuterium kinetic 
isotope effect upon amidination arises because cr 
has decreased to insignificance and the step in 
which hydride is transferred has become rate-
limiting rather than the subsequent dissociation of 
NADH. 
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 In the case of ¬-lactate dehydrogenase (previ-
ously Equations 1-90 and 3-27) 

                (4-204) 

from Oryctolagus cuniculus, ¬-lactate usually must 
dissociate as a product before NAD+ can dissociate. 
As the concentration of the product ¬-lactate in the 
solution increases, inhibiting dissociation of NAD+ 
and causing cr to increase rather than decrease, the 
primary deuterium kinetic isotope effects for isotopic 
substitution at carbon 4 of NADH on the specificity 
constant kpyr for pyruvate (pyr) and the catalytic con-
stant k0 decrease from 1.93 ± 0.02 and 1.75 ± 0.03 to 
1.16 ± 0.02 and 0.93 ± 0.05, respectively.327 The fact 
that the primary deuterium kinetic isotope effect 
on the catalytic constant is now less than 1 suggests 
that it is actually registering the equilibrium isotope 
effect for the step in which the deuterium is trans-
ferred from NADH to pyruvate and that, at steady 
state, the transfer of the hydride is at equilibrium. 
 A smaller-than-expected kinetic isotope effect on 
a steady-state rate constant is often cited as evidence 
that the intrinsic kinetic isotope effect has been 
masked by other rate-affecting steps. For example, 
from the fact that the primary tritium kinetic isotope 
effect on the catalytic constant of methylmalonyl-
CoA mutase from Propionibacterium freudenreichii 
was only 4.9, it was concluded that removal of the 
protium by a catalytic base in the active site was 
not the only rate-affecting step in the enzymatic 
reaction.328 
 Because cf and the ratio a0 are not determined 
by the same intrinsic rate constants, it is usually the 
case that if an intrinsic, primary deuterium kinetic 
isotope effect is masked by steps other than the 
step in which hydrogen is transferred, the primary 
deuterium kinetic isotope effect on the catalytic 
constant k0 and the primary deuterium kinetic 
isotope effect on the specificity constant, DkB, for 
isotopically substituted reactant B, will be different. 
In fact, it is usually the case that they differ, and the 
difference is assumed to mean that isotopically 
insensitive steps are rate-affecting at least in the 
case of the smaller value of the two.329 
 When cf, cr, and the ratio a0, however, are all 
insignificant (Equations 4-199 and 4-201), then the 
observed primary deuterium kinetic isotope effect 
for the specificity constant, DkB, for reactant B 
equals the observed primary deuterium kinetic 
isotope effect, Dk0, for the catalytic constant k0 

because both are equal to the intrinsic isotope effect 
on step i, Dki. The equivalence of the observed 
primary deuterium kinetic isotope effects for the 
catalytic constant and the specificity constant for 
isotopically substituted reactant is usually assumed 
to mean that the intrinsic, primary deuterium kinetic 
isotope effect is fully manifest in both rate constants. 
For example, at pH 5, the primary deuterium kinetic 
isotope effects for both the specificity constant 
DkNE for nitroethane (NE) and the catalytic constant 
Dk0 for nitroalkane oxidase from F. oxysporum are 
7.5 and 7.4, respectively.330 These values are within 
the range for the observed primary deuterium kinetic 
isotope effects for removal of a hydron from a nitro-
alkane by a general base in solution,331 which is an 
intrinsic deuterium kinetic isotope effect. This latter 
coincidence and the equivalence of the two primary 
deuterium kinetic isotope effects on the steady-
state rate constants led to the conclusion that both 
rate constants were registering the intrinsic, primary 
deuterium kinetic isotope effect in the active site of 
the enzyme. 
 
 The Swain–Schaad relation provides another 
equation that can be used to dissect contributions 
of the various steps in a kinetic mechanism to the 
observed kinetic isotope effects on the steady-
state rate constants and to obtain values for the 
intrinsic kinetic isotope effects on the step in which 
the bond that is isotopically substituted is broken 
and re-formed. From a semiclassical explanation 
of primary kinetic isotope effects, which is based 
on differences in ground-state vibrational energies, 
it has been proposed that, on the basis of the differ-
ences in mass among hydrogen, deuterium, and 
tritium, the following relation, the Swain–Schaad 
relation, should hold332 for intrinsic, primary kinetic 
isotope effects on the rate constant ki 

      (4-205) 

As an example, if an intrinsic, primary deuterium 
kinetic isotope effect for a step in a given reaction is 
7, then the intrinsic, primary tritium kinetic isotope 
effect for the same step should be 16. This relation 
is consistent with observed values for the primary 
deuterium and tritium kinetic isotope effects for 
various reactions, and it is used widely as an estab-
lished fact.333 It has been pointed out, however, that 
the exponent on the relation is not precise: it 

NADH  +  H+  +  pyruvate  1  NAD+  +  ¬-lactate
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should fall in a range between 1.33 and 1.58 for a 
reaction in which an intrinsic, primary deuterium 
kinetic isotope effect is greater than 3, but it will 
have a much wider range when an intrinsic, primary 
deuterium kinetic isotope effect is less than 3.334,335 
Consequently, deviations from the equality of 
Equation 4-205 within these ranges are not unex-
pected and cannot be used to make the argument 
that the values observed require a special explanation. 
In spite of this uncertainty, the value of 1.44 for the 
exponent is usually considered to be precise when 
the relation is used in calculations.336 
 One use of the Swain–Schaad relation is to 
validate a conclusion that the observed primary 
deuterium kinetic isotope effect on a steady-state rate 
constant is actually the intrinsic, primary deuterium 
kinetic isotope effect for the step in which the bond 
is broken. For example, the observed primary deu-
terium kinetic isotope effect (4.4) on the specificity 
constant k∂S for [2-2H]-∂-serine (∂S) in the reaction 
catalyzed by porcine ∂-amino-acid oxidase and the 
observed primary tritium isotope effect (8.6) on the 
same rate constant satisfy Equation 4-205. Conse-
quently, it was concluded that the observed primary 
deuterium kinetic isotope effect must be the intrinsic, 
primary deuterium kinetic isotope effect on the 
step in the enzymatic reaction in which hydrogen is 
transferred, and the commitments forward and in 
reverse, which by definition cannot be affected by 
isotopic substitution, must be negligible (Equa-
tion 4-199).311 
 Another use of this correlation is to estimate the 
intrinsic, primary deuterium kinetic isotope effect 
when the commitments are not negligible.333,337 
Numerical values for these commitments, cf and cr, 
and the ratio a0 are almost never available as they 
were for ∂-xylose reductase. If the equilibrium 
constant for the step in the enzymatically catalyzed 
reaction in which the bond is broken is not affected 
significantly by substitution of deuterium or tritium 
for hydrogen, then by combining Equations 4-199 
and 4-205 

         (4-206) 

Very accurate values for the deuterium and tritium 
kinetic isotope effects on the specificity constants, 
DkB and TkB, for reactant B are required for the 
proper use of this equation.338 For example, it has 
been used to estimate the intrinsic, primary deuterium 

kinetic isotope effect in the reaction catalyzed by 
bovine dopamine b-monooxygenase339 

                (4-207) 

The observed primary deuterium kinetic isotope effect 
on the specificity constant kDAm for [2,2-2H2]dopa-
mine (DAm) was 2.756 ± 0.054, and the observed 
primary tritium kinetic isotope effect on kDAm when 
[2-3H]dopamine was used as a reactant was 
6.079 ± 0.220, so the intrinsic, primary deuterium 
kinetic isotope effect calculated with Equation 4-206 
is 9.4 ± 1.3. The magnitude of this value was presented 
as evidence that the transition state in the step at 
which hydrogen is removed is symmetric and the 
equilibrium constant for this step is close to 1. 
 Malate dehydrogenase (oxaloacetate-decarbox-
ylating) (NADP+) from Columba livia catalyzes the 
reaction 

  
                (4-208) 

in which a hydride is removed from malate and 
carbon dioxide dissociates from the intermediate 
oxaloacetate, a b-oxo carboxylic acid that would 
normally be prone to decarboxylation. By measuring 
deuterium, tritium, and carbon-13 kinetic isotope 
effects and applying both Equations 4-199 and 4-206 
as well as other kinetic measurements, it was pos-
sible to calculate340 an intrinsic, primary deuterium 
kinetic isotope effect (5.7 ± 0.3) for hydride transfer 
from malate to NADP+ during formation of the 
intermediate oxaloacetate. This value is in the 
range expected for an isoergonic hydride transfer 
with a symmetric transition state if bending vibra-
tional modes do not contribute significantly to the 
free energy of activation. The directly observed 
primary deuterium kinetic isotope effect on the 
specificity constant kmal for malate (mal), however, 
is only 1.5 at all values of pH,318 because hydride 
transfer is not the only rate-affecting step in the 
overall reaction. 
 If a kinetic mechanism is chosen by the inves-
tigator for a particular enzymatic reaction, the cata-
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lytic constant and the specificity constant for an 
isotopically substituted reactant can also be expressed 
in steady-state rate equations that contain only rate 
constants for the chemical steps in which the isotope 
participates and cf, cr, and the ratio a0. Observed 
values for the catalytic constant and the specificity 
constant for unsubstituted, deuterated, and tritiated 
reactant each provide two simultaneous equations 
for these two kinetic parameters, for a total of six 
simultaneous equations. The Swain–Schaad relations 
for the forward and reverse rate constants of the 
step in which the carbon–protium bond, the carbon–
deuterium bond, and the carbon–tritium bond are 
broken provide four more simultaneous equations. 
Although the Swain–Schaad relations are transcen-
dental, these ten simultaneous equations containing 
ten or fewer unknowns can be solved by successive 
approximation for values of the intrinsic deuterium 
kinetic isotope effect, cf, cr, and the ratio a0. For 
example, values for these four parameters—
4.91 ± 0.01, 4.6, 0.1, and 0.2—for the reaction catalyzed 
by phosphogluconate dehydrogenase (NADP+-depen-
dent, decarboxylating) 

 
                (4-209) 

from Cyberlindnera jadinii were estimated from the 
six equations for the observed catalytic constants and 
the observed specificity constants for ∂-[1-1H]ribu-
lose 5-phosphate, ∂-[1-2H]ribulose 5-phosphate, and 
∂-[1-3H]ribulose 5-phosphate and the four Swain–
Schaad relations.341 
 Consequently, in advantageous circumstances, 
values of the deuterium and tritium kinetic isotope 
effects on the catalytic constant and the specificity 
constant for the reactant permit extraction of the 
primary kinetic isotope effects on the microscopic 
rate constant for the step in the kinetic mechanism 
in which a bond involving the atom substituted is 
broken and, with luck, the numerical value for that 
rate constant. 
 
 Any alteration in the active site that decreases 
the rate constants for the microscopic step in 
which hydrogen is transferred will increase the 
magnitude of the effects of the intrinsic, primary 
deuterium kinetic isotope effect on the primary 
deuterium or tritium kinetic isotope effects on the 
catalytic constant (Equation 4-201) and the speci-
ficity constant for isotopically substituted reactant 

(Equation 4-199). One way to decrease these rate 
constants is to mutate an amino acid, the side chain 
of which is a catalyst in the step in which hydrogen 
is transferred. For example, when Glutamate 182 in 
fructose-bisphosphate aldolase 

    
                (4-210) 

from E. coli is mutated to alanine, the primary deuter-
ium kinetic isotope effect on the catalytic constant 
for the condensation of [3(S)-2H]glycerone phos-
phate increases from 1.04 to 6.0, while the catalytic 
constant itself decreases 60-fold.342 The problem 
with this approach is that the catalytic acid–base has 
been changed from the one in the native enzyme 
to probably a molecule of water, and this change 
should have a significant effect on the intrinsic, 
primary kinetic isotope effect. One way to get around 
this problem is to decrease the rate constant for the 
microscopic step in which hydrogen is transferred 
by mutating an amino acid peripheral to the site at 
which the transfer occurs343,344 rather than one 
participating directly in the transfer. All that is 
required is that mutation decreases the microscopic 
rate constants.  
 Another way to decrease the microscopic rate 
constants for the step in which hydrogen is trans-
ferred is to increase or decrease the pH. As the 
concentration of the enzymatically active tautomers 
catalyzing the step in which hydrogen is transferred 
decreases with the change in pH, rate constants for 
that step decrease, the commitments and the ratio 
a0 decrease, and the primary deuterium kinetic 
isotope effects on the specificity constant and the 
catalytic constant increase.345,346 For example, the 
specificity constant kMet for ¬-methionine as an 
alternative reactant for tryptophan 2-monooxygenase 
from Pseudomonas savastanoi decreases below a 
pKa of 5.0 and above a pKa of 9.8. The primary deu-
terium kinetic isotope effect on the specificity con-
stant, DkMet, for [b,b,b,a-2H4]-¬-methionine increases 
below a pKa of 5.1 and above a pKa of 10.0 from 
1.8 ± 0.2 in the midrange. At both low and high pH, 
these primary deuterium kinetic isotope effects 
approach a limiting value of 5.2 ± 0.8,347 which is 
probably the intrinsic, primary deuterium kinetic 
isotope effect for the step in which hydrogen is 
transferred. In each case, as the microscopic rate 
constants for the step in which hydrogen is trans-
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ferred decrease as the pH is decreased or as the pH 
is increased, this decrease causes that step to become 
more and more rate-affecting, if not rate-limiting, 
and the intrinsic, primary deuterium kinetic isotope 
effect to become more and more manifest. 
 When the value for a steady-state rate constant 
decreases as the pH is lowered below an apparent 
pKa, the increase in the primary deuterium isotope 
effect often sets in at a lower pH than that pKa. 
Likewise, when the value for a steady-state constant 
decreases as the pH is raised above an apparent 
pKa, the increase in the primary deuterium isotope 
effect often sets in at a higher pH than that pKa. In 
both cases, the rate of the step in which hydrogen is 
transferred usually has to decrease a certain 
amount before the step becomes significantly rate-
affecting or rate-limiting. For example, the specificity 
constant kglyc for glycerol (glyc) for the reaction cata-
lyzed by glycerol dehydrogenase from Cellulomonas 
decreases as the pH is lowered below a pKa of 7.8, 
but the primary deuterium kinetic isotope effect for 
[2-2H]glycerol348 increases below an apparent pKa 
of 7.3 from a constant value of 1.15 to a limiting 
value of 2.44. The catalytic constant for the reaction 
catalyzed by dihydrofolate reductase from M. tuber-
culosis decreases as the pH is raised above a pKa of 
6.8, but the primary deuterium kinetic isotope ef-
fect for (4R)-[4-2H]NADH349 increases above an 
apparent pKa of 7.4 from a constant value of 1.1 to a 
limiting value of 2.6. 
 Decreasing the rate constants of the step in 
which hydrogen is transferred, however, does not 
always completely reveal an intrinsic, primary 
deuterium kinetic isotope effect. For example, 
when the pH is decreased below an apparent pKa of 
6.5 that governs the behavior of both the specificity 
constant kDHO for dihydroorotate (DHO) and the 
catalytic constant of orotate reductase (NADH) 
from Clostridium oroticum, the primary deuterium 
kinetic isotope effect for ¬-[5R,5S-2H2]dihydroorotate 
on kDHO increases from 1.0 to a limiting value of 
1.9, and that on k0 increases from 1.0 to a limiting 
value of 1.3.350 Neither limit, however, is probably 
the intrinsic, primary deuterium kinetic isotope effect. 
 Each mutation and each decrease or increase 
in pH just discussed must have decreased a rate 
constant for the step in which hydrogen is trans-
ferred, rather than other steps governing the commit-
ments, to be able to increase the primary deuterium 
kinetic isotope effect on a steady-state rate constant 
(Equations 4-199 and 4-201). Consequently, the 
fact that each mutation and each decrease or increase 
in pH increases the respective primary deuterium 

kinetic isotope effect proves that the amino acid 
mutated or the side chain titrating participates cata-
lytically in this step but not that it necessarily is the 
catalytic base that removes the hydron. Contrariwise, 
if the mutation of an amino acid does not increase 
a small primary deuterium kinetic isotope effect on 
one steady-state rate constant, even though it 
decreases that steady-state rate constant dramati-
cally, then that side chain is probably not a catalytic 
acid–base in the step in which the hydrogen is 
transferred.351 
 In the preceding discussion, the difficulties of 
extracting an intrinsic, primary kinetic isotope effect 
from steady-state kinetic observations have been 
presented, as well as ways to extract those kinetic 
isotope effects. The following discussion will assume 
that an intrinsic, primary kinetic isotope effect has 
been extracted one way or another and that its value 
is reliable. 
 
 The semiclassical explanation for an intrinsic, 
primary deuterium kinetic isotope effect is based 
on an examination of vibrational energy levels.352 
An intrinsic, primary deuterium kinetic isotope 
effect on the microscopic step in which hydrogen is 
transferred is for a transition state in which the 
bond between carbon and hydrogen is breaking 
and a new bond between the hydrogen and another 
atom is forming. In the reactant, the carbon–
hydrogen bond in the ground state participates in a 
stretching vibration. In the transition state a portion 
or all of this stretching vibration is lost. Consider a 
linear, symmetric transition state in which hydrogen 
is being transferred as a hydron, hydrogen atom, or 
hydride from carbon to a lone pair of electrons on a 
general base, radical, or electrophile such as NAD+ 
or flavinox, respectively. Suppose that the carbon–
hydrogen bond has been broken completely but 
the bond to that general base, radical, or electro-
phile has not yet begun to form. In such a transition 
state, all the stretching vibration present in the reac-
tant has been converted into translational motion 
along the reaction coordinate. The vibrational energy 
that has been converted into translational energy is 
part of the free energy of activation. The conversion 
of vibrational energy into translational energy causes 
the kinetic isotope effect.  
 In either a molecule or a transition state, the 
arrangement of nuclei and the accompanying elec-
trons in space creates a surface of potential energy. 
If one nucleus is moved with respect to the other 
nuclei, the potential energy varies. If, for example, 
only the hydrogen in a carbon–hydrogen bond in 
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the ground state of a molecule is moved along the 
axis of the bond, the function for the potential energy 
for stretching that bond is generated (Figure 4-23). 
Because the nucleus of a deuterium atom has the 
same charge number as the nucleus of a protium 
atom, the function for the potential energy of a 
carbon–deuterium bond is identical to that for a 
carbon–protium bond. 
 Stretching vibration along a particular car-
bon–hydrogen bond in a molecule is controlled by 
the function for the potential energy of this vibra-
tional mode, but it is quantized. This stretching 
vibration of a particular carbon–hydrogen bond is 
only one of many vibrational modes in the molecule. 
In the semiclassical treatment, the energy for each 
vibrational energy level in vibrational mode j in a 
particular molecule 

         (4-211) 

where h is the Planck constant, fj is the force constant 
for vibrational mode j, n is the quantum number for 
energy level n, and mj is the reduced mass 

            (4-212) 

of the o atoms participating in vibrational mode j. 
The force constant, fj, for vibrational mode j is 
determined only by the function for the potential 
energy of vibrational mode j. 
 For the stretching vibrational mode of a carbon–
hydrogen bond, the force constant is determined 
by the function for the potential energy for stretching 
along that bond. Because potential energy is not a 
function of mass but only of electric charge, the 
function is the same for both a carbon–protium 
bond and a carbon–deuterium bond. If the function 
for the potential energy, and hence the force constant 
fj for vibrational mode j, remains the same when 
one of the o atoms participating in vibrational 
mode j is replaced by an isotope of greater mass so 
that the lighter atom (l) becomes a heavier atom 
(h), the change in zero-point energy (n = 0) caused 
by the isotope effect 

     
                (4-213) 

 
 
 
Figure 4-23: Schematic drawing of the potential energy for the 
stretching of a carbon–hydrogen bond. The potential energy is 
plotted as a function of the distance between the nuclei of the 
carbon atom and the respective isotope of the hydrogen atom. 
When that distance is short, the nuclei repel and the potential 
energy rises dramatically. When the distance is long, the atoms 
do not interact and the potential energy is near zero. At inter-
mediate distances, electron overlap creates a covalent bond, 
which is a favorable interaction with a negative potential energy. 
The potential energy for a carbon–deuterium bond is the same 
as that for a carbon–protium bond. Because the stretching 
vibrations within the bottom of the potential well are quantized, 
they can only take on certain energies. The zero-point energy 
for a carbon–protium bond, E0,CH, is higher than that for a carbon–
deuterium bond, E0,CD, because of the difference in mass between 
a hydron (1.67 ¥ 10-24 g) and a deuteron (2.34 ¥ 10-24 g). The 
drawing is not even close to scale. The ground-state energy of 
the carbon–hydrogen bond should be about –340 kJ mol-1 below 
the origin, while E0,CH should be only +17.4 kJ mol-1. 
 
 
Because, as the equation demonstrates, DE0,ie,j is 
less than 0, the zero-point energy always decreases 
when a heavier isotope replaces a lighter isotope. 
 The frequency, nj, of a quantum of light that, 
during its absorption, excites vibrational mode j 
from its zero point (n = 0) to its first excited state 
(n = 1) is directly proportional to the difference in 
energy between these two energy levels 

           (4-214) 

the constant of proportionality being the Planck 
constant. It follows from Equations 4-213 and 4-214 
that 

       (4-215) 
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where nj,l is the frequency of the infrared light 
absorbed by vibrational mode j in the molecule 
with the lighter element, mj,l is the reduced mass of 
the atoms participating in vibrational mode j for 
the molecule with the lighter element, and mj,h is the 
reduced mass of the atoms participating in vibrational 
mode j for the molecule with the heavier element. 
 The infrared absorptions for the stretching 
vibrations of carbon–protium bonds in alkanes, 
alcohols, and ketones fall at frequencies between 
2900 and 3000 cm-1. Consequently, the difference in 
zero-point energies between a carbon–deuterium 
bond and a carbon–protium bond from Equation 
4-215 should be 4.7 ± 0.1 kJ mol-1. If all the zero-
point free energy were lost in the transition state, a 
carbon–protium bond would require 4.7 kJ mol-1 
less free energy of activation to reach the transition 
state than a carbon–deuterium bond because it 
would start out at a level of energy 4.7 kJ mol-1 
higher. This situation should lead to an enhancement 
in rate of the reaction when protium is present rather 
than deuterium, and 

         (4-216) 

It should be kept in mind that, in the derivation of 
this equation, several assumptions have been made 
along the way. 
 Extensive tabulations are available of the 
observed primary deuterium kinetic isotope effects 
for nonenzymatic removal of hydrogen as a hydron 
from various carbons by various general bases in 
solution.296 If a large number of these values for the 
simple intrinsic, primary deuterium kinetic isotope 
effects for nonenzymatic removals of hydrons from 
carbon by general bases are plotted as a function of 
the difference in pKa between the carbon acid and 
the conjugate acid of the general base, there seems 
to be a maximum when the two values of the pKa 
are the same,296 but it is not a dramatic one. As the 
pKa for the conjugate acid of the general base becomes 
larger or smaller than the pKa for the carbon acid, the 
primary deuterium kinetic isotope effect decreases 
monotonically. When the difference in pKa is 10, 
about half of the primary deuterium kinetic isotope 
effect has been lost. For example, the primary 
deuterium kinetic isotope effect for removal of a 
hydron from sulfonatoacetone353 by hydroxide anion 
(DpKa = -2.0) is 7.4, but the primary deuterium kinetic 
isotope effect for removal of the same hydron by 
acetate anion (DpKa = 9.6) is 3.8. These decreases in 

the kinetic isotope effect on either side of the maxi-
mum are thought to result from increasing asym-
metry of the transition state due to changes in the 
relative attractive forces of the two lone pairs for 
the hydron that sits between them in that transition 
state.352 
 When the pKa for the conjugate acid of the 
general base is equal to the pKa for the carbon acid, 
values of the observed primary deuterium kinetic 
isotope effects for nonenzymatic removal of hydrogen 
as a hydron from various carbons by various general 
bases in solution lie between 6 and 12. Because such 
isoergonic transfers of a hydron should proceed 
through symmetric transition states, they should 
represent maximum values that can be obtained.352 
Values in excess of 7 are usually explained by physical 
organic chemists by assuming that zero-point energy 
from the bending vibrations of the carbon–hydro-
gen bond, which also disappear in the transition 
state, as well as zero-point energy from the stretching 
vibrations is incorporated into the translational energy 
along the reaction coordinate. 
 The stretching frequency of the bond between 
hydrogen and the carbon of the acid is completely 
converted into translational motion along the reaction 
coordinate, and as a result, this vibrational mode 
disappears. The transition state, however, sits at a 
col on the potential energy surface. Because the 
potential energy surface in the vicinity of the transi-
tion state has literally the shape of a col, perpen-
dicular to the reaction coordinate at the col is a 
another potential well with the col at its bottom. 
This potential well has a symmetrical vibrational 
mode associated with it. If the carbon and the base 
that removes the hydron have equal affinity for 
the hydron, then the hydron remains stationary as 
vibration occurs in this perpendicular symmetrical 
vibrational mode of the transition state, and there 
is no difference in energy between the transition 
state with protium and the one with deuterium. In 
this situation, the maximum change in standard 
free energy of vibration between the transition 
state and the zero point of the vibration is realized. 
If, however, the affinities of the carbon and the 
base differ from each other, then the hydron moves 
in concert with the atom that has the higher affinity, 
and the transition state containing deuterium will 
have a lower energy than that containing protium. 
This deuterium kinetic isotope effect on standard 
free energy of the transition state decreases the 
difference in the primary deuterium kinetic isotope 
effect on the reaction. As a result, the greater the 
difference in pKa, regardless of its sign, between the 
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carbon and the conjugate acid of the base, the 
smaller will be the primary deuterium kinetic isotope 
effect on the rate of the hydron transfer. 
 Similar arguments have been applied to intrinsic, 
primary deuterium kinetic isotope effects for transfer 
of a hydrogen atom354 and transfer of a hydride. 
For example, the reduction potential of the hydride 
acceptor in the oxidation–reductions of benzyl alcohol 
catalyzed by alcohol dehydrogenase from S. cere-
visiae and equine alcohol dehydrogenase (Equa-
tion 4-158) was changed monotonically from -0.32 
to -0.26 V by using four different analogues of 
NAD+, and the intrinsic, primary deuterium kinetic 
isotope effect observed with [1,1-2H2]benzyl alcohol 
increased from 4 to 6.5. This increase was presented 
as evidence that as the reduction potential became 
more positive, the transition state for hydride 
transfer became more symmetric.355 Because an 
increase in reduction potential should cause the 
transition state to occur earlier, the change is proposed 
to be between a late transition state and a more 
symmetric transition state. 
 The maximum magnitudes expected from a 
semiclassical explanation for intrinsic, primary 
deuterium kinetic isotope effects and intrinsic, 
primary tritium kinetic isotope effects for bonds 
other than carbon–deuterium and carbon–tritium 
bonds depend on the reduced mass of the two atoms 
participating in the bond (Equation 4-215). The 
differences in zero-point energies between protium 
and deuterium for nitrogen–hydrogen (3300 cm-1) 
and oxygen–hydrogen (3300 cm-1) bonds296 are 
between 5 and 6 kJ mol-1, so the maximum primary 
deuterium kinetic isotope effects seen with these 
bonds are in the same range as those for carbon–
hydrogen bonds. Again, however, it should be men-
tioned that although these estimates are of interest, 
it is not possible to measure a primary kinetic 
isotope effect for a specific nitrogen–hydrogen 
bond or a specific oxygen–hydrogen bond in an 
enzymatic reaction, which of necessity must occur 
in aqueous solution.  
 One purpose for measuring an intrinsic, primary 
deuterium isotope effect is to use its value to make 
arguments, such as those made for removal of a 
hydron from sulfonatoacetone or oxidation–
reduction of benzyl alcohol catalyzed by alcohol 
dehydrogenase, about the structure of the transi-
tion state using the ratio between the observed 
intrinsic, primary deuterium isotope effect and a 
theoretical primary deuterium kinetic isotope effect 
calculated from semiclassical theory. It is common 
practice to equate this ratio to the fraction of the 

bond in question that has been broken in the transi-
tion state. Any such argument, however, must make 
the assumption that there are no other contribu-
tions beyond the differences in zero-point energies 
producing that kinetic isotope effect. Even with this 
assumption, the argument would not be valid if, in 
addition to differences in zero-point energy, quantum 
mechanical tunneling of the protium also contributes 
to the differences between the intrinsic rate constants 
for protium and deuterium for the transfer of hydro-
gen. If quantum mechanical tunneling contributes 
to a significant degree, arguments about the structure 
of the transition state would be equivocal because 
the magnitude of the kinetic isotope effect would 
no longer be related only to vibrational parameters. 
Consequently, it would not be possible to calculate 
an upper limit to the intrinsic, primary deuterium 
kinetic isotope effect with which to compare the 
observed kinetic isotope effect. 
 
 Quantum mechanical tunneling is a result of 
the uncertainty principle. If the uncertainty principle 
is valid, it follows that the actual position of a protium 
is only a distribution of probabilities that it will occupy 
a precise location. This distribution of probabilities 
is unaffected by the distribution of the potential 
energy of that protium as a function of its position 
relative to the other atoms. A barrier of potential 
energy along a reaction coordinate (Figure 3-25) 
lies between the position of a hydrogen atom in the 
reactant and its position in the product. In the semi-
classical treatment, the height of this impenetrable 
barrier determines the rate constant for transfer of 
the protium. If, however, the width of this barrier of 
potential energy at some point below its summit is 
of the same order of magnitude as the width of the 
distribution of probabilities for the position of the 
protium, then there will be a large enough proba-
bility that the protium is located on the other side 
of the barrier and that it will be there in a shorter 
period of time than would be required for it to pass 
over the barrier through a semiclassical transition 
state.* Its existence on the other side of the barrier 
in this shorter period of time is its ability to tunnel 
through the barrier of potential energy. Because 
uncertainty in position is inversely proportional to 
the mass of a particle, protium tunnels more effec-
tively than deuterium because it can tunnel at a 
lower point below the summit. 

																																																								
*This view of the uncertainty principle assumes that it applies 
to the actual position of the protium and not just to the uncer-
tainty in ascertaining its position. 
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 There are behaviors that are supposed to be 
signatures of quantum mechanical tunneling and 
that have been observed for intrinsic, primary 
deuterium kinetic isotope effects for the transfer of 
hydrogen in enzymatic reactions. 
 Intrinsic, primary deuterium kinetic isotope 
effects greater than around 10 are thought to be an 
indication that quantum mechanical tunneling is 
occurring.356,357 For example, the intrinsic, primary 
deuterium kinetic isotope effect for removal of a 
hydron from the carbon between the 9Z double bond 
and the 12,13-radical cation of (9Z,12Z)-9,12-octa-
decadienoate358-360 at 30 ªC by a catalytic base in 
the active site of lipoxygenase from Glycine max is 
60. The primary deuterium kinetic isotope effect for 
removal of a hydrogen atom from (R)-methylmal-
onyl-SCoA by the prosthetic adenosylcobalamin361 
in the active site of methylmalonyl-CoA mutase 
from P. freudenreichii is 30. The primary deuterium 
kinetic isotope effect for inner-sphere transfer of a 
hydrogen atom from ∂-galactose to a tyrosyl radical362 
within the coordination sphere of the copper ion in 
the active site of galactose oxidase from Hypomyces 
rosellus is 16, and the primary deuterium kinetic 
isotope effect on the catalytic constant for production 
of perdeutero-13-hydroperoxy-(9Z,11E)-9,11-octa-
decadienoate from perdeutero-(9Z,12Z)-9,12-octa-
decadienoate by human prostaglandin-endoperoxide 
synthase,363 which also involves the transfer of a 
hydrogen atom from carbon 11 of (9Z,12Z)-9,12-octa-
decadienoate to a tyrosyl radical in the active site, 
is 22 at 50 ªC.* 
 Primary deuterium kinetic isotope effects that 
are larger than the maximum expected from a semi-
classical description, however, could have other 
explanations than quantum mechanical tunneling. 
In addition to the loss of bending vibrations of the 
carbon–hydrogen bond, it could also be the case 
that the zero-point vibrational energies of other 
covalent bonds in the vicinity that are coupled to 
the stretching vibration of the carbon–hydrogen 
bond change as the carbon–hydrogen bond disap-
pears in the transition state. These changes in zero-
point energies of other vibrational levels should 
contribute to the magnitude of the observed primary 
deuterium isotope effect. This coupling could be 
significant in a situation such as the active site of a 
protein in which there are a significant number of 
covalent bonds in the vicinity of the carbon–
																																																								
*Although not necessarily the case in these instances, there are 
kinetic anomalies that can inflate estimates of intrinsic, primary 
deuterium kinetic isotope effects artifactually, and that should 
be avoided.364 

hydrogen bond being broken, the vibrations of 
which could be coupled to it. When the atoms of 
carbon-12, nitrogen-14, and nonexchangeable pro-
tium in the protein of pentaerythritol tetranitrate 
reductase from Enterobacter cloacae were substi-
tuted with carbon-13, nitrogen-15, and deuterium, 
the intrinsic, primary deuterium kinetic isotope for 
transfer of the hydride on the reactant NADH to the 
prosthetic flavin in the active site decreased from 
8.2 to 5.4.365 When the nonexchangeable atoms of 
protium in the protein of alanine racemase from 
Geobacillus stearothermophilus were substituted with 
deuterium, the primary deuterium kinetic isotope 
on the specificity constant for ¬-alanine increased 
from 1.6 to 3.8.366  
 The lack of an effect of temperature on the 
value for an enzymatic intrinsic, primary deuterium 
kinetic isotope effect is inconsistent with the semi-
classical explanation and is thought to indicate a 
significant contribution from tunneling.367-370 Intrinsic 
deuterium kinetic isotope effects that are considerably 
larger than the semiclassical maxima are usually 
invariant with temperature. For example, the intrinsic 
deuterium kinetic isotope effect of 60 for lipoxygenase 
from G. max is temperature-independent,359 as 
well as the deuterium kinetic isotope effect of 45 for 
the specificity constant, kLA, for perdeuterated 
(9Z,12Z)-octadeca-9,12-dienoic acid (linoleic acid; 
LA) in the reaction catalyzed by human arachi-
donate 15-lipoxygenase371 and the deuterium kinetic 
isotope effect of 22 for the catalytic constant of the 
reaction catalyzed by human prostaglandin-
endoperoxide synthase with perdeuterated linoleic 
acid.363 Most investigators who study enzymatic 
primary deuterium kinetic isotope effects attribute 
large primary deuterium kinetic isotope effects that 
are invariant with temperature to quantum mechani-
cal tunneling. 
  Even in situations in which the observed intrinsic 
kinetic isotope effect is not outside the semiclassical 
range, however, invariance of the kinetic isotope 
effect with changes in temperature is considered to 
be strong evidence for tunneling. For example, one 
step in the reaction catalyzed by sarcosine oxidase 
from Arthrobacter is transfer of a hydride from the 
methyl group of N-methylglycine (sarcosine) to the 
oxidized, prosthetic flavin in the active site. The 
intrinsic, primary deuterium kinetic isotope effect 
for this step is 7.3, which is not significantly larger 
than the semiclassical maximum, but the slope of 
the plot of the natural logarithm of the intrinsic 
kinetic isotope effect as a function of inverse temper-
ature (0.07 ± 0.25) is indistinguishable from 0 between 
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277 and 307 K. This invariance of the intrinsic kinetic 
isotope effect with temperature was presented as 
evidence for quantum mechanical tunneling. The 
lack of a statistically significant effect of temperature 
on the intrinsic kinetic tritium kinetic isotope effect 
of 6.1 for hydride transfer from (R)-[4-3H]NADPH 
to 7,8-dihydrofolate372 in the active site of dihydro-
folate reductase (Equation 4-148) from E. coli between 
278 and 317 K and the lack of a statistically signifi-
cant effect of temperature on the intrinsic kinetic 
isotope effect of 2.3 for hydride transfer from phos-
phite to NAD+ in the active site of phosphonate 
dehydrogenase313 from Pseudomonas stutzeri between 
278 and 317 K were presented as evidence for the 
involvement of quantum mechanical tunneling in 
these enzymatic reactions even though the observed 
primary kinetic isotope effects are significantly less 
than the semiclassical maxima. 
 Secondary deuterium and tritium kinetic isotope 
effects are also thought to reveal quantum mechanical 
tunneling. A secondary kinetic isotope effect is a 
kinetic isotope effect in which the isotopic substi-
tution occurs at another atom that is attached to an 
atom participating in the breaking of a bond, other 
than the two atoms between which the bond is 
broken.* Alcohol dehydrogenase from S. cerevisiae 
removes the pro-R hydride from benzyl alcohol 

                (4-217) 

The secondary tritium kinetic isotope effect resulting 
from substitution of the pro-S protium with a tritium 
when the pro-R hydrogen is a protium is 1.30 ± 0.02, 
but the secondary tritium kinetic isotope effect result-
ing from substitution of the pro-S protium with a 
tritium when the pro-R hydrogen is a deuterium is 
1.18 ± 0.03. These results are consistent with the 
distance between the carbon of benzyl alcohol and 
carbon 4 of the nicotinamide being greater in the 
transition state for protide transfer than in the 
transition state for deuteride transfer.373 Quantum 
mechanical tunneling of a protide should occur at 
longer distances than the distance required by 
quantum mechanical tunneling of deuteride. 
 

																																																								
*Because the primary use of secondary kinetic isotope effects is 
to identify intermediates in enzymatic reactions, they will be 
discussed in detail in Chapter 5. 

 Because vibrational frequencies, and hence 
zero-point energies, are unaffected by increases in 
hydrostatic pressure,374 there should be no effect of 
hydrostatic pressure on an enzymatic primary 
deuterium kinetic isotope effect. There are, however, 
enzymatic primary deuterium kinetic isotope effects 
that decrease in magnitude as hydrostatic pressure 
is applied.375-377 These results, however, suggest 
only that something other than the semiclassical 
explanation is operating, not necessarily tunneling. 
 Nonenzymatic transfers of hydrogen homologous 
to those that occur in active sites can also display 
these signatures of quantum mechanical tunneling. 
These observations have led to the conclusion that 
tunneling also occurs in many of these reactions in 
free solution.378-380 These observations raise the 
question of whether the active site of an enzyme 
can enhance the amount of tunneling that occurs 
in the same reaction nonenzymatically or the 
amount of tunneling that occurs in the active site is 
the same as the amount of tunneling that occurs in 
the same reaction in solution, and hence not indic-
ative of some extraordinary property of an active 
site. For example, the abstraction of hydrogen atoms 
from methylmalonyl-SCoA and ethylene glycol by 
the 5A-deoxyadenosyl radicals formed from the 
prosthetic adenosylcobalamins in the active sites of 
methylmalonyl-CoA mutase from P. freudenreichii361 
and propanediol dehydratase from Klebsiella pneu-
moniae,381 respectively, have very similar, elevated 
primary deuterium kinetic isotope effects that have 
the signature of quantum mechanical tunneling. 
Measurements that quantify the contribution of 
tunneling during the abstraction of a hydrogen 
from ethylene glycol by adenosylcobalamin in free 
solution, an analogous nonenzymatic reaction, 
gave identical results within experimental error to 
the primary deuterium kinetic isotope effects in the 
enzymatic reactions. It was concluded that, in this 
case, these active sites do not enhance the tunneling 
inherent in the nonenzymatic reaction.382 The same 
conclusion was reached for the tunneling that has 
been proposed to occur in the hydron transfers 
catalyzed by a lipoxygenase from G. max383 and nitro-
alkane oxidase from F. oxysporum.384 Observations 
of secondary kinetic isotope effects, however, sug-
gest that the active site of steroid D-isomerase from 
C. testosteroni produces tunneling that does not occur 
when the hydron transfer proceeds nonenzymatically 
in solution.385 Nevertheless, any claim that an active 
site enhances tunneling requires that the tunneling 
involved in the nonenzymatic reaction be assessed. 
In most instance where this claim is made about 
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enzymatic active sites, this requirement has not 
been satisfied.  
 One simple way an active site could increase 
the contribution of quantum mechanical tunneling, 
once reactants are properly aligned for in-line 
transfer of a hydron, hydrogen atom, or hydride, is 
by narrowing the distance between the hydrogen 
in the reactant and the location of its destination 
in the product to increase the overlap between the 
probability densities of the hydrogen in the donor 
and the hydrogen at the destination.386 When the 
distance between an amino nitrogen and a phenolate 
oxygen was increased from what should be a com-
pressed distance of 0.26 nm to a longer distance of 
0.27 nm, the kinetic isotope effect for the intramolec-
ular transfer of a hydron from oxygen to nitrogen, 
coupled to an oxidative electron transfer, decreased 
from 2.1 to 1.3, consistent with a decreased contri-
bution of tunneling to the transfer.387 Steric forces 
in a protein can compress and shorten a hydrogen 
bond,388 and compressed hydrogen bonds between 
catalytic acids and catalytic bases in active sites 
and their acceptors and donors on analogues for 
intermediates of high energy are often observed. It 
is possible that the distance between a hydrogen on 
carbon and either a catalytic base, an atom sup-
porting an unpaired electron, or an electrophilic 
atom such as carbon 4 on NAD+ could be shortened 
in a complex between an active site and a reactant 
by steric compression to enhance tunneling and 
catalyze the transfer of hydrogen. For example, in 
triose-phosphate isomerase from S. cerevisiae (Equa-
tions 4-46 and 4-55 and Figure 3-37), an enzyme 
that has anomalies in kinetic isotope effects con-
sidered to be indicative of quantum mechanical 
tunneling,389 the oxygen of the carboxylate responsible 
for removing the hydron from carbon is only 0.30 
and 0.308 nm from the two carbons between which 
it transfers the hydron.23 Both distances are less than 
0.38 nm, which is the sum of the van der Waals radii 
of oxygen (0.15 nm) and hydrogen (0.115 nm) and the 
length of a carbon–hydrogen bond (0.11 nm).390 
 From the crystallographic molecular model of 
a complex between aralkylamine dehydrogenase 
(azurin) from Alcaligenes faecalis and phenylhydra-
zine, it was concluded that the basic oxygen of the 
carboxylate of Aspartate 128b would be compressed 
below the van der Waals limit against the carbon–
hydrogen bond of a reactant from which it is required 
to remove a hydron.391 The intrinsic, primary deuteri-
um kinetic isotope effect for the dehydrogenation 
of [1,1-2H2]tryptamine catalyzed by this enzyme is 
55 at 20 ªC, well in excess of the semiclassical limit, 

a fact that suggests tunneling could be occurring in 
this enzymatic reaction. 
 In crystallographic molecular models of com-
plexes of NAD+, trifluoroethanol, an inactive analogue 
of the reactant ethanol, and two mutants of equine 
alcohol dehydrogenase (Equation 4-158), changes 
in the distance between carbon 4 of NAD+ and 
carbon 1 of trifluoroethanol, the carbon from which a 
hydride is removed from the normal reactant ethanol, 
were observed.392 In the mutant in which Phenyl-
alanine 93 was mutated to tryptophan, the distance 
was 0.32 nm—less than the sum (0.4 nm) of the van 
der Waals radii of carbon (0.175 nm) and hydrogen 
(0.115 nm) and the length of a carbon–hydrogen 
bond (0.11 nm)—but in the mutant in which Valine 23 
was mutated to alanine, the distance was 0.40 nm. 
This increase in distance, and presumably an accom-
panying decrease in compression, led to a decrease 
in anomalous primary deuterium kinetic isotope 
effects for hydride transfer, a change that may indi-
cate a decrease in quantum mechanical tunneling 
as compression is decreased. 
 In the crystallographic molecular model393 of 
the complex between dihydrofolate reductase (Equa-
tion 4-148) from E. coli and NADP+ and folate, the 
two oxidized substrates between which there is no 
hydride to transfer, the distance between carbon 4 
of nicotinamide and carbon 6 of folate, between 
which a hydride is transferred in the normal enzy-
matic reaction, is 0.33 nm. This distance is already 
less than van der Waals contact (0.35 nm) between 
two carbon atoms even without the hydride being 
there and not counting the radii of hydrogens that 
are on these carbons in the two substrates. This 
compression exerted by the active site between the 
donor and the acceptor of the hydride is a steric 
effect caused by the shoving of the nicotinamide 
up against the folate by the side chain of Isoleucine 14. 
The intrinsic, primary tritium kinetic isotope effect 
for transfer of the hydride from (R)-[4-3H]NADPH 
to 7,8-dihydrofolate, although only 6 at 25 ªC, is 
invariant with temperature, a fact that is consistent 
with quantum mechanical tunneling. When Isoleu-
cine 14 is mutated to valine, alanine, or glycine so 
that the size of the side chain decreases mutant to 
mutant and the nicotinamide is held more and 
more loosely until the compression is eliminated, 
the intrinsic, primary tritium kinetic isotope effect 
for hydride transfer becomes more and more depend-
ent on temperature until it has become consistent 
with the semiclassical description in the absence of 
quantum mechanical tunneling.372 
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 If steric compression that enhances tunneling 
is actually yet another strategy that can be used by 
enzymes to catalyze reactions, it is not surprising 
that natural selection has discovered it. 
 
 Primary kinetic isotope effects also result from 
isotopic substitutions of the heavier atoms that are 
within the second row. The fractional difference in 
mass is much smaller between carbon-13 and 
carbon-12, between carbon-14 and carbon-12, 
between nitrogen-15 and nitrogen-14, between 
oxygen-17 and oxygen-16, and between oxygen-18 
and oxygen-16 than between hydrogen-2 and hydro-
gen-1 and between hydrogen-3 and hydrogen-1. 
Consequently, primary kinetic isotope effects for 
carbon-13, carbon-14, nitrogen-15, oxygen-17, and 
oxygen-18 are much smaller than primary kinetic 
isotope effects for deuterium or tritium (Equation 
4-215). Using the semiclassical treatment, assuming 
that the bond being broken is between carbon-12 
and the respective element from the second row 
that is being substituted, and assuming that only 
the respective stretching vibrational modes of the 
bond between carbon-12 and the respective element 
in the second row being substituted contribute to 
the primary kinetic isotope effects, maximum val-
ues expected for primary kinetic isotope effects of 
carbon-13, carbon-14, nitrogen-15, oxygen-17, and 
oxygen-18 (Equation 4-215) should be 1.05, 1.09, 
1.04, 1.03, and 1.07, respectively. 
 Primary kinetic isotope effects for substitutions 
of carbons and oxygens have been often measured. 
When a carbon–carbon bond is broken during a 
rate-limiting step, if one carbon-12 is replaced with 
carbon-13, the largest primary kinetic isotope effects, 
13k, that have been observed394,395 are about 1.07. 
When a carbon–carbon bond is broken during a rate-
limiting step, if one carbon-12 is replaced instead 
with carbon-14, the largest primary kinetic isotope 
effects, 14k, that have been observed396 are between 
1.09 and 1.15. When a carbon–nitrogen bond is 
broken during a rate-limiting step, if nitrogen-14 is 
replaced with nitrogen-15, the largest primary kinetic 
isotope effects, 15k, that have been observed397 are 
about 1.025. When a carbon–oxygen bond is broken 
during a rate-limiting step, if oxygen-16 is replaced 
with oxygen-18, the largest primary kinetic isotope 
effects, 18k, that have been observed398 are about 
1.08. The fact that the largest primary carbon kinetic 
isotope effects observed are greater than those 
expected is probably due to changes in the transi-
tion state of other vibrational modes in which the 
carbon that is isotopically substituted participates, 

because, unlike a hydrogen atom, carbon is usually 
bonded to two or three other atoms. 
 Primary kinetic isotope effects produced by these 
isotopic substitutions of larger atoms are used in 
similar arguments to those used for primary deuter-
ium kinetic isotope effects. The observation of such 
a primary kinetic isotope effect is presented as 
evidence that the bond containing the substituted 
atom is broken in a rate-limiting399,400 or rate-
affecting401 step in the kinetic mechanism of the 
enzymatic reaction. Increases in a primary kinetic 
isotope effect when a mutation is made in the active 
site402 can demonstrate that a change in the rate-
limiting step is caused by the mutation. Both a 
change403,404 and the lack of a change405 in the primary 
kinetic isotope effect when the concentration of a 
reactant is varied during measurements of initial rates 
have been cited as evidence for a particular kinetic 
mechanism. 
 Because tunneling cannot occur in such reac-
tions, the magnitude of an intrinsic, primary kinetic 
isotope effect406 for the isotopic substitution of one 
of these heavier elements is often used to define 
the structure of the transition state for the step in 
which the bond containing the substituted atom is 
broken. For example, the primary carbon-13 kinetic 
isotope effect for the reactant [1-13C]chorismate is 
5-fold smaller than the primary oxygen-18 kinetic 
isotope effect for the reactant [3-18O]chorismate for 
the concerted rearrangement catalyzed by chorismate 
mutases (previously Equation 1-161) 

     
                (4-218) 

from Bacillus subtilis and E. coli. This fact was one 
of the observations used to conclude that, in the 
transition state, the bond between the oxygen of 
the migrating enolpyruvyl group and carbon 3 of 
the chorismate is almost completely broken while 
the bond between the vinyl carbon of the migrating 
enolpyruvyl group and carbon 1 is just beginning to 
form.407,408 
 The intrinsic, primary carbon-13 kinetic isotope 
effect for the step in the enzymatic mechanism of 
orotidine-5A-phosphate decarboxylase from E. coli 
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in which [carboxy-13C]orotidine 5A-monophosphate 
is decarboxylated 

                (4-219) 

is 1.05-1.07. This fact suggests that the carbon–
carbon bond is almost completely broken in the tran-
sition state for this step in the enzymatic reaction.409 
The primary carbon-13 kinetic isotope effect on 
the specificity constant, kOMP, for [carboxy-13C]oroti-
dine 5A-monophosphate (OMP) is 1.0255 ± 0.0005 
while that on the specificity constant, kFOMP, for 
[carboxy-13C]-5-fluoroorotidine 5A-monophosphate 
(FOMP) is smaller, 1.0106 ± 0.0001. This fact suggests 
that the transition state occurs earlier in the latter 
reaction than in the former,410 a conclusion con-
sistent with heterolytic dissociation of the carbon–
carbon bond that produces a carbanion at carbon 6 
of orotidine 5A-monophosphate. Because this carban-
ion would be destabilized by the 5-fluoro group and 
significantly more difficult to form, the transition 
state should occur earlier for the fluoro reactant. 
 The intrinsic, primary nitrogen-15 kinetic iso-
tope effect on the rate-liming step in hydrolysis of 
N-benzoyl-¬-arginine amide by papain from 
C. papaya is 1.024. Because this value is at the upper 
limit for observed primary nitrogen-15 kinetic isotope 
effects on nonenzymatic reactions, this result was 
presented as evidence that the rate-limiting step in 
the enzymatic reaction is dissociation of the 
a-amino group of the ¬-arginine amide from the 
tetrahedral intermediate formed when the sulfido 
group of Cysteine 25 in the active site adds nucleo-
philically to the amide in the reactant.397 
 Secondary isotope effects, although they are quite 
small, are also observed for isotopic substitutions 
of carbon, nitrogen, and oxygen at atoms adjacent 
to an atom at which a bond is broken. For example, 
the intrinsic secondary nitrogen-15 kinetic isotope 
effect is 1.0025 ± 0.0002 for the step in the mecha-
nism of aspartate carbamoyltransferase from E. coli 
in which the carbamoyl group in carbamoyl phos-
phate is transferred in a nucleophilic substitution 

from the oxygen of phosphate to the a-amino 
group of ¬-aspartate. The secondary nitrogen-15 
kinetic isotope effect on dissociation of monomeric 
metaphosphate from the monoanion of carbamoyl 
phosphate during its decomposition is 1.0028 ± 0.0002. 
This fact suggests that, in the active site of the enzyme, 
the nucleophilic substitution is dissociative, with 
monomeric metaphosphate leaving before the 
a-amino group adds to the carbonic carbon of the 
resulting carbamate.411 
 
 Solvent kinetic isotope effects are the effects on 
the rate of a reaction that result when another isotop-
ic form of the solvent is substituted for the naturally 
occurring isotopic form. The only solvent kinetic 
isotope effects that can be measured for enzymatic 
reactions, solvent deuterium kinetic isotope effects, 
are those observed when 2H2O is used as solvent 
instead of 1H2O.* It is possible to use the existence 
of a solvent deuterium kinetic isotope effect on the 
catalytic constant or a specificity constant as evidence 
for a contribution of hydron transfer to a rate-
affecting step in the enzymatic mechanism.412 The 
quantitative interpretation of the observed effects 
is similar to that for a primary deuterium kinetic 
isotope effect (Equations 4-199 and 4-201). Major 
drawbacks of these measurements, however, are 
that the hydron being transferred cannot be identified 
and that it is possible for the rates of several steps 
in the mechanism to be affected rather than just 
one. These drawbacks make the interpretation 
considerably less informative. 
 When 2H2O is substituted for 1H2O, only hydrons 
on heteroatoms—in the case of enzymes and sub-
strates, oxygen, nitrogen, and sulfur—can exchange 
rapidly enough with the deuterons in solution and 
subsequently produce the resulting kinetic isotope 
effects that are observed. Hydrogens that are trans-
ferred during the enzymatic reaction as hydrogen 
atoms or hydrides are almost always uninvolved in 
such exchanges. Consequently, unlike experiments 
in which a hydrogen on a carbon in a substrate is 
synthetically changed to a deuterium, the deuterons 
that are participating in the enzymatic reaction and 
producing the solvent deuterium kinetic isotope 
effect can be on either heteroatoms in the substrate 
or, more likely, heteroatoms of the catalytic acid–
bases in the active site. These catalytic acid–bases 
often are the same ones responsible for the decreases 
in steady-state kinetic constants above or below 

																																																								
*It should be obvious that, for practical reasons, solvent tritium 
kinetic isotopic effects cannot be measured. 
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particular values of pKa observed in pH-rate profiles. 
By examining the solvent deuterium kinetic isotope 
effects on pH-rate profiles, the solvent deuterium 
kinetic isotope effects observed at a particular pH 
can be understood. 
 When 2H2O is substituted for 1H2O, apparent 
values of pKa governing the pH-rate profiles for 
enzymatic reactions almost always shift to higher 
values of pH. These upward shifts in pKa are revealed 
in pH-rate profiles of the common logarithms of 
steady-state rate constants (Figure 4-24).413,414 The 
shift in pKa can be only for the acid dissociation of 
the conjugate acid of the catalytic acid–base, and 
an acid dissociation constant is an equilibrium 
constant. Consequently, an acid dissociation constant 
always decreases when 2H2O is substituted for 
1H2O. Therefore, each shift in pKa is an upward 
shift, both when an apparent steady-state rate con-
stant decreases below a particular pKa, because the 
catalytic acid–base is acting as a base, and when an 
apparent steady-state rate constant decreases 
above a particular pKa, because the catalytic acid–
base is acting as an acid. The increases in pKa observed 
for catalytic acid–bases in enzymatic reactions that 
result from substitution of 2H2O for 1H2O are usually 
in the range of 0.4-1.0 unit of pH.413-416 
 These upward shifts of pKa have a significant 
effect on the value for a solvent deuterium kinetic 
isotope effect when it is measured at only one partic-
ular pH. In such an instance, the observed value 
could either be a result of an intrinsic, primary deuter-
ium kinetic isotope effect on the actual transfer of 
the hydron between the heteroatom on the reactant 
and the catalytic acid–base that accepts or donates 
the hydron, an informative value, or simply due to 
the usual uninformative shift in pKa. Consequently, 
a solvent deuterium isotope effect measured in the 
absence of a pH-rate profile can be misleading. 
 When an apparent steady-state rate constant 
decreases below an apparent pKa but does not 
decrease above an apparent pKa (Figure 4-24B), 
the solvent deuterium kinetic isotope effect at all 
values of pH will usually be normal. A normal kinetic 
isotope effect is a decrease in a rate constant that 
results from substitution of a lighter isotope with a 
heavier isotope. Measurements of a solvent deuterium 
kinetic isotope effect at values of pH below a pKa at 
which the rate constant is decreasing is normal 
because both the decrease in the solvent deuterium 
kinetic isotope effect resulting from the shift in pKa 
and the intrinsic solvent deuterium kinetic isotope 
 
 

 
 
Figure 4-24: Effect of pH on the solvent deuterium kinetic isotope 
effect for the reaction catalyzed by porcine dihydropyrimidinase.413 
Initial rates for the conversion of 5,6-dihydrouracil into 
3-ureidopropanoate that is catalyzed by the enzyme were 
measured spectrophotometrically at 225 nm in solutions prepared 
in H2O and in D2O with various concentrations of 5,6-dihydro-
uracil at various values of pH. Values for the specificity constant 
kDHU,app (3, 2, molar-1 second-1) for 5,6-dihydrouracil (DHU) 
and the catalytic constant k0,app (Í, ˆ, second-1) were determined 
at each pH in H2O (3, Í) and at each pD in D2O (2, ˆ), and 
their common logarithms are plotted as a function of the pH. 
The curves fit to the data for the steady-state rate constant 
kDHU,app are those for Equation 4-97 (replacing AG6 with 
DHU) with pKa3 = 8.05, pKa4 = 9.0, and kDHU = 220 mM-1 s-1 in 
H2O and pKa3 = 8.6, pKa4 = 9.8, and kDHU = 160 mM-1 s-1 in 
D2O. The curves fit to the data for the catalytic constant k0,app 
are those for Equation 4-80 with pKa = 5.9 and k0 = 0.91 s-1 in 
H2O and pKa3 = 7.05 and k0 = 0.58 s-1 in D2O. 
 
 
 
effect on the pH-independent microscopic rate 
constant for transfer of the hydron are in the same 
direction. 
 When a apparent steady-state rate constant 
decreases above an apparent pKa, however, the 
solvent deuterium kinetic isotope effect at values of 
pH greater than the apparent pKa will usually be 
inverse (Figure 4-24A). An inverse kinetic isotope 
effect is a counterintuitive increase in an apparent 
rate constant resulting from substitution of a lighter 
isotope for a heavier isotope. This inverse solvent 
deuterium kinetic isotope effect at a particular pH 
results from the fact that the upward shift in pKa 
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produced by substitution of a hydron with a deu-
teron raises the profile at values of pH greater than 
the pKa of the deuterated acid–base. This increase 
resulting from the shift in pKa usually has a greater 
effect on the rate constant at a given pH than the 
normal kinetic isotope effect on the underlying 
pH-independent microscopic rate constant for 
transfer of the hydron from the catalytic acid that is 
observed at low pH.  
 Usually, the pH-independent solvent deuterium 
kinetic isotope effects on the underlying apparent 
rate constants are normal, as they are in Figure 
4-24 (notice that, at the respective maxima in Fig-
ure 4-24A and at the pH-independent plateaus in 
Figure 4-24B, the apparent rate constants have 
normal solvent deuterium kinetic isotope effects). 
When a hydron is substituted with a deuteron, the 
transfer of the hydron usually becomes slower. In 
some instances, however, the solvent deuterium 
kinetic isotope effects on the pH-independent rate 
constants are inverse.416,417 As with inverse primary 
deuterium kinetic isotope effects, one reason for 
inverse solvent deuterium kinetic isotope effects is that 
cr is large and the equilibrium isotope effect, DKeq, 
is inverse. Another possibility is that the tautomeric 
equilibrium between an active and an inactive tauto-
mer of the active site is shifted by substitution of 
deuterons for hydrons in favor of the active tautomer, 
again by an equilibrium isotope effect. 
 If the only effect of changing solvent from 1H2O 
to 2H2O is on hydron transfer in a single micro-
scopic step in the kinetic mechanism and if cf, cr, 
and the ratio a0 are small, the solvent deuterium 
kinetic isotope effects on the steady-state rate con-
stants should be the same and equal to the intrinsic 
solvent deuterium kinetic isotope effect. If they are 
not the same, it is, as usual, taken as evidence that 
other steps in the reaction are rate-affecting and 
suppress the intrinsic solvent deuterium kinetic 
isotope effect.418 As with primary deuterium kinetic 
isotope effects, if mutation of an amino acid419,420 
or changes in the reactant421 decrease a steady-
state rate constant but increase the solvent deuterium 
kinetic isotope effect on that rate constant, one can 
conclude that the amino acid or the reactant is a 
direct participant in a step in which a hydron that is 
in rapid exchange with hydrons in the solution is 
transferred. 
 In simple situations in which all hydron transfers 
occur in only one step, it is also possible to use solvent 
deuterium kinetic isotope effects at a fixed pH, if 
they exist, to estimate how many hydrons are being 
transferred in the transition state of that step.422 

The equation423,424 that is used to describe the value 
of a particular rate constant as a function of the 
mole fraction of D2O in a solvent of H2O, xD2O, is 

         (4-220) 

where kx is the rate constant in a solvent of mole 
fraction xD2O, kref is the rate constant in 1H2O, ‡fi is 
a fractionation factor for the ith hydron that is 
transferred in the transition state (‡), and n is the 
number of hydrons being transferred. In theory, 
there is a unique fractionation factor for each hydron; 
in practice, values for the fractionation factors 
obtained from the fit of the equation to the data are 
usually the same within the error of measure-
ment.424-426 This equation applies for both normal 
and inverse414 solvent deuterium kinetic isotope 
effects. It must be the case, however, that the kinetic 
isotope effect being plotted is an intrinsic solvent 
deuterium kinetic isotope effect that is not masked 
by commitments.427 It is also necessary to distin-
guish solvent deuterium kinetic isotope effects on 
the transfer of hydrons in a transition state from 
the effect of 2H2O on the viscosity of the solution428 
or on conformational changes in the enzyme.429 
 If only one hydron is being transferred in the 
transition state of the step that displays the intrinsic 
solvent deuterium kinetic isotope effect, there should 
be a linear relation between the fraction of protium 
in the solvent that has been replaced by deuterium 
and the numerical value for that kinetic isotope 
effect.415,430 As hydrogen is replaced by deuterium, 
the microscopic rate constant should change linearly 
in concert. Such a linear solvent deuterium kinetic 
isotope effect on the catalytic constant of ¬-aspar-
tate oxidase from E. coli was the basis of the conclu-
sion that only one hydron was being transferred in 
the transition state of the reaction, a conclusion 
consistent with the mechanism of the enzyme being 
the same as other amino acid oxidases even though 
it is unrelated to them.431 
 If, however, two hydrons are being transferred 
in the transition state of the step in the reaction 
producing the deuterium solvent kinetic isotope 
effect, then the numerical value for the intrinsic 
deuterium solvent kinetic isotope effect should be a 
quadratic function (Equation 4-220) of the fraction of 
hydrogen that has been replaced with deuterium, 
as was seen with the solvent deuterium kinetic isotope 
effect on the catalytic constant of nitrile hydratase 
from Pseudonocardia thermophila (Figure 4-25).424-426 

k x

k ref
  =  P (1 –  x D2O  +    i‡ x D2O )

i  =  1
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The result in this instance cannot distinguish between 
a quadratic fit and a cubic fit, but it definitely indicates 
that more than one hydron is being transferred in 
the transition state. This conclusion was used to 
argue that, in the transition state for the reaction, a 
hydron is removed from the water that adds nucleo-
philically to the nitrile by the hydroxy group of Ser-
ine 112 in the active site simultaneously with the 
transfer of the hydron that was on the hydroxy 
group of the serine to the 4-oxidophenyl group of 
Tyrosine 68.432 In this way, the basicity of the oxido 
group of Tyrosine 68 is relayed through Serine 112 
by two coincident hydron transfers. 
 
 In addition to identifying steps in a kinetic 
mechanism in which a hydrogen is transferred, 
primary deuterium kinetic isotope effects can also 
be used to determine the regiochemistry or stereo-
chemistry of a transfer of a hydrogen catalyzed by 
an enzyme.433,434 For example, the primary deuter-
ium kinetic isotope effect for the desaturation of a 
[4,4-2H2]ceramide by sphingolipid 4-desaturase 

 
                (4-221) 

from R. norvegicus was 8.3 while that for the 
[5,5-2H2]ceramide was 1.02, even though a hydrogen 
is removed from both carbon 4 and carbon 5 during 
the enzymatic reaction. These observations demon-
strate that the rate-limiting step in the reaction is 
removal of the hydrogen atom from carbon 4 by 
the prosthetic oxodiiron(IV) in the active site435 
 The primary deuterium kinetic isotope effect 
for the specificity constant kPpc for the oxidation of 
(2S,6R)-[6-2H]pipecolate (Ppc) by ¬-pipecolate 
oxidase from Macaca mulatta is 3.7 while that for 
(2S,6S)-[6-2H]pipecolate is 1.0. This fact indicates 
that the enzyme removes the pro-R hydrogen rather 
than the pro-S hydrogen from carbon 6 during the 
 
 

 
 
Figure 4-25: Variation in the numerical value of the catalytic 
constant k0 for nitrile hydratase from P. thermophila with 
changes in the mole fraction (xD2O) of D2O in the solvent.425 
Solutions containing various concentrations of benzonitrile 
were prepared at pH 7.6 and 25 ªC. The solutions were prepared 
with various mole fractions of D2O in H2O. The hydration of  
benzonitrile was followed by the change in absorbance at 
242 nm. For each mole fraction of D2O, the initial rates at 
several concentrations of benzonitrile were used to obtain the 
catalytic constant k0. The ratio of the catalytic constant, k0,x, at 
each mole fraction (xD2O) of D2O to the catalytic constant, 
k0,ref, in pure H2O is presented as a function of the mole frac-
tion (xD2O) of D2O. The solid curve is for the cubic version of 
Equation 4-220 (n = 3) with a common fractionation factor 
‡f = 0.765. The curve of long dashes is for the quadratic version 
of Equation 4-220 (n = 2) with fractionation factors of ‡f1 = 0.66 
and ‡f2 = 0.68. The line of short dashes simply connects the values 
of the two curves at 0 and 1. 
 
 
 
oxidation.433,436 The stereochemistry for removal 
of hydrogen from a reactant, such as the one in this 
last example, provides information about the orienta-
tion of the acceptor for the hydrogen in an active 
site. 
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Problem 4-12: Phosphopyruvate hydratase catalyzes 
the reaction 

 

 (A) Write a mechanism for this reaction that has 
at least two steps, in each of which a hydron 
transfer occurs. Indicate all removals and 
additions of hydrons. Incorporate catalytic 
acids, -NH(+), and catalytic bases, -B”(-), on 
the enzyme into your mechanism. 

 
 2-Phospho[2-2H]glycerate was synthesized as a 
reactant for phosphopyruvate hydratase from S. cere-
visiae. There are 46,700 g for every mole of active 
sites. The following data were obtained under the 
same set of conditions (0.9 mg of phosphopyruvate 
hydratase mL-1 at pH 7.81 and 30 ªC) for the two 
reactants.437 
 

2-phospho- 
[2-1H]glycerate 

 2-phospho- 
[2-2H]glycerate 

[PGA]0
a 

(mM) 
           v0 
(DA230 min-1) 

 [PGA]0
 a 

(mM) 
          v0 
(DA230 min-1) 

0.25 0.480  0.25 0.228 
0.10 0.369  0.10 0.169 
0.05 0.274  0.05 0.123 
0.025 0.180  0.025 0.086 

aConcentration of phosphoglycerate (PGA) of noted isotopic composition. 

where v0 is the initial rate of the dehydration. 
 
 (B) Determine the limiting rate V (Equation 

3-45) and the Michaelis constant Km (Equa-
tion 3-44) for each substrate under these 
conditions. 

 (C) How are they related to the catalytic constant 
and the steady-state rate constant kPGA for 
phosphogylycerate (PGA)? 

 (D) What piece of information is missing to prevent 
the calculation of k0 and kPGA? 

 The limiting rate V for the enzymatic reaction 
was measured in the direction of dehydration, as a 
function of pH for the reactants containing protium 
and deuterium, respectively.437 

 

Maximum rates V (DA230 min-1) for (3) protiated and (Í) deuter-
ated reactants as a function of pH. 
 
 (E) Why would a plot of the catalytic constant 

(Equation 3-46) for protiated reactant show 
a maximum? 

 
 When the ratios between the maximum rates for 
protiated reactant and deuterated reactant, VH (VD)-1, 
are plotted as a function of pH, the following results 
were obtained.437 

 

 (F) Explain, in terms of the considerations you 
made in parts A–C, why the magnitude of the 
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primary deuterium kinetic isotope effect dimin-
ishes as the pH is raised. 

 
Problem 4-13: The primary deuterium kinetic iso-
tope effects on the specificity constant kNE (3) for 
[1,1-2H2]nitroethane (NE) and the catalytic constant 
k0 (Í) for the reaction catalyzed by nitroalkane oxidase 
from F. oxysporum are plotted as a function of pH.330 

 

 (A) Why does the primary deuterium kinetic 
isotope effect for k0 increase as the pH is 
decreased? 

 (B) What is probably the intrinsic, primary deu-
terium kinetic isotope effect for the step in 
which the hydrogen on nitroethane is trans-
ferred? 

 (C) What can be deduced about the magnitudes 
of the commitment forward, cf, the commit-
ment in reverse, cr, and the ratio a0 at pH 8? 

 (D) The change in which of these three parameters 
is responsible for the increase in Dk0 at low 
pH? 

 
Problem 4-14: The enzyme steroid D-isomerase 
catalyzes the following reaction. 

  
                    (1) 

The enzyme has been purified from C. testosteroni 
and P. putida. The enzyme is rather tolerant about R, 

using many steroids as substrates. Since the chemical 
transformation occurs in only the A and B rings, the 
C and D rings will no longer be drawn. The same 
transformation catalyzed by the enzyme occurs 
spontaneously, albeit at a much reduced rate, under 
acidic conditions. The mechanism of this nonenzy-
matic reaction is 

  (2) 

 When the following deuterated reactants were 
synthesized and mixed with the enzyme in buffered 
H2O, the noted products were obtained.438 The 
numbers in parentheses below each structure are 
the moles of deuterium for each mole of the respec-
tive compound. 

     (3) 

     (4) 

     (5) 

In each case, the reaction is written as if it were 
irreversible because the equilibrium strongly favors 
the conjugated product. The absolute configuration 
of each deuterated product was verified by infrared 
spectroscopy; and its deuterium content, by mass 
spectrometry. 
 The kinetics of the reaction in Equation 5, in 
which the 4b-monodeuterated ketosteroid was 
used as substrate, were compared with those of the 
reaction in which the undeuterated ketosteroid of 
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the same structure was used as substrate. It was 
determined that the deuterium kinetic isotope effect 
on the catalytic constant was 5.35. 
 
 (A) Write out a detailed enzymatic mechanism 

that explains the observations. Choose specific 
amino acid side chains to perform various 
catalytic functions. At the moment, you do not 
know which amino acid side chains actually 
perform these roles, but you should pick 
appropriate ones. Start with reactant bound 
to the active site and finish with product 
bound to the active site. Draw the structure 
of substrate, intermediates, and product in 
sawhorse configuration, and indicate clearly 
all stereochemistry. Your mechanism must 
explain the absolute configuration of the 
deuterated products and the retention of 
deuterium in the product. 

 (B) When the enzymatic reaction was performed in 
deuterium oxide (2H2O) with an undeuterated 
reactant, 0.12 mole of deuterium was incorpo-
rated at the 6b position for every mole of 
product produced. As the reactions of Equa-
tions 3 and 5 proceed, some deuterium is 
lost to the solvent. Explain all these observa-
tions by referring to your mechanism in part 
A. At which step is the deuterium gained 
from or lost to the solvent, and how does this 
happen? Present your answer in a series of 
acid–base equilibria. 

 
 The magnitude of the primary deuterium kinetic 
isotope effect observed for the catalytic constant 
suggests that dissociation of the 4b carbon–hydrogen 
bond is the rate-limiting step in the reaction. If it is, 
all subsequent steps are very rapid and can be ignored. 
Convince yourself that, under these circumstances, 
the simplest kinetic mechanism, the one in Equa-
tion 4-149, is appropriate. The specificity constant, 
kKS, for b-monodeuterated ketosteroid (KS) for the 
reaction of Equation 5 is DkKS = 380 mM-1 s-1, while 
that for the same reactant when the ketosteroid is 
undeuterated is HkKS = 910 mM-1 s-1. The catalytic 
constant Hk0 for the undeuterated substrate is 
2.8 ¥ 105 s-1. 
 
 (C) Make the reasonable assumption that the 

presence of a deuterium at the 4b position 
has no effect on the binding of substrate to 
the enzyme so that Dk1 = Hk1 and Dk-1 = Hk-1. 
Explain mathematically why HkKS π DkKS, and 
determine definite values for k1, k-1, and Dk2. 

 (D) Copy the drawing of the structure of the A 
and B rings of a ketosteroid; and, on your 
drawing, indicate how the enzyme could 
strain it and cause it to resemble the inter-
mediate in the enzymatic reaction. 

 
Problem 4-15: Human adenine phosphoribosyl-
transferase catalyzes the following reaction. 

 

 (A) Draw a chemical mechanism for the enzy-
matic reaction as it would occur within the 
active site. Use specific amino acid side chains 
as catalytic acids and bases. Draw the reaction 
with proper stereochemistry at carbon 1 of 
the ribose throughout. 

 
The kinetics of the enzymatic reaction have been 
examined as a function of pH (Figure A),439 and a 
solvent deuterium kinetic isotope effect was ob-
served when the enzymatic reaction is carried out 
in 2H2O.439 
 
Figure: Effect of pH and solvent deuterium isotope effect for 
the reaction catalyzed by human adenine phosphoribosyl-
transferase.439 (A) The limiting rate V of the enzymatic reaction 
at 10 ªC and at saturation with both 5-phospho-a-∂-ribose 
1-diphosphate and adenine is plotted as a function of pH. (B) 
Reciprocals of the maximum rates V-1 at saturation with ade-
nine and different unsaturating concentrations of 5-phospho-
a-∂-ribose 1-diphosphate (ˆ) in H2O, maximum rates at satu-
ration with 5-phospho-a-∂-ribose 1-diphosphate and different 
unsaturating concentrations of adenine (2) in H2O, maximum 
rates at saturation with adenine and different unsaturating 
concentrations of 5-phospho-a-∂-ribose 1-diphosphate (Í) 
in D2O, and maximum rates at saturation with 5-phospho-
a-∂-ribose 1-diphosphate and different unsaturating concentra-
tions of adenine (ˆ) in H2O are plotted as a function of the recip-
rocals of the concentration of reactant present below saturation. 
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 (B) What appears to be the pKa of the group in 
the active site the ionization of which causes 
the behavior observed in Figure A? Is it a cata-
lytic acid or a catalytic base in the mecha-
nism of the enzymatic reaction? What form 
of the enzyme is titrating? What side chain in 
your mechanism could be the group that is 
titrating? 

 
 In 2H2O, the only form of adenine present is 
N 6,N 6,N 9-trideuteroadenine. The possibility can now 
be examined that the deuterium solvent kinetic iso-
tope effect seen in Figure B could arise from removal 
of a deuterium atom from N 6,N 6,N 9-trideutero-
adenine during a rate-limiting step in the enzymatic 
reaction. 
 
 (C) From the value for the equilibrium constant 

for the following acid–base reaction in solution 

 

 

  where HO has a pKa = 6.1 and adenine has a 
pKa = 9.8 and with the assumption that hydron 
transfer in the direction of hydronating the 
adenine anion is encounter-controlled with a 
value of 1010 M-1 s-1 (Figure 1-1B), calculate 
the rate constant for transfer of the hydron 
from adenine to the base. 

 (D) Considering the effect of approximation, what 
would you expect to be the first-order rate 
constant for hydron removal from adenine 
on the active site? 

 (E) The catalytic constant of human adenine 
phosphoribosyltransferase is 4 s-1 at 37 ªC.440 
To what is the solvent deuterium kinetic isotope 
effect not due, and to what else could it be 
due? 

 

 

 

Stereochemistry 

 Enzymes usually catalyze reactions in which 
only one enantiomer or diastereomer of each 
reactant is converted into only one enantiomer or 
diastereomer of each product. This behavior is so 
fundamental to biochemistry that different dia-
stereomers of the same compound are given dif-
ferent names. For example, (3S,4R,5R)-1,3,4,5,6-
pentahydroxyhexan-2-one is called ∂-fructose and 
(3S,4S,5R)-1,3,4,5,6-pentahydroxyhexan-2-one is 
called ∂-tagatose. 
 The chiral exclusivity of the usual active site is 
illustrated in the extreme by the ¬-methionine 
S-oxide reductases. Two enantiomers of methio-
nine sulfoxide 

 

are produced at random when methionines in 
proteins are oxidized adventitiously, unavoidably, 
and nonenzymatically. Even though the structures 
differ by only the stereochemistry of a lone pair of 
electrons, the spontaneous inversion of the lone 
pair of electrons at the sulfur to equilibrate the two 
diastereomers does not occur at a significant rate at 
physiological temperatures441 Consequently, two dif-
ferent, unrelated enzymes, ¬-methionine (R)-S-oxide 
reductase and ¬-methionine (S)-S-oxide reductase, 
are required to reduce the two enantiomers back to 
¬-methionine442,443 because the catalytic groups 
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operating on the one enantiomer must be in a dif-
ferent orientation from those operating on the other 
when the respective substrate is bound within the 
respective active site. 
 For enzymes that catalyze bimolecular or tri-
molecular reactions, the identities of the diastere-
omers or enantiomers that are substrates for 
enzymatic reactions dictate how these substrates 
must be positioned by the active site relative to 
each other to maintain the stereochemistry required 
of reactants and products. These relative orientations 
are observed in the crystallographic molecular 
model of a particular active site for such an enzyme 
when it is occupied by more than one of its sub-
strates or analogues of its substrates. For example, 
there are two different enzymes, fructose-
bisphosphate aldolase (Equation 4-210) and a 
class II tagatose-bisphosphate aldolase, in the cyto-
plasm of E. coli. These two enzymes convert the 
same two substrates, ∂-glyceraldehyde 3-phosphate 
and glycerone phosphate, into ∂-fructose 1,6-bisphos-
phate and ∂-tagatose 1,6-bisphosphate, respectively. 
Two different enzymes are required because the 
enamine of glycerone phosphate is aligned on the 
opposite faces of the carbonyl carbon on glycer-
aldehyde 3-phosphate in the respective active sites 
to accomplish the proper aldol condensations.444 
 The chiral exclusivity of active sites, however, 
is not universal. There are a few enzymes that are 
able to perform the same reaction on several differ-
ent substrates as long as the differences are not at 
the positions at which the reaction occurs. The ab-
solute configuration of each of these different sub-
strates at these positions must be the same445 
because each of the different reactants still must be 
complementary to the one and only configuration 
of the catalytic groups in the active site. 
 An even rarer exception to the rule of chiral exclu-
sivity, however, is a class I fructose-bisphosphate 
aldolase in S. aureus that produces ∂-tagatose 
1,6-bisphosphate, ∂-psicose 1,6-bisphosphate, and 
∂-sorbose 1,6-bisphosphate in addition to ∂-fructose 
1,6-bisphosphate; each product is formed from 
∂-glyceraldehyde 3-phosphate and glycerone 
phosphate.446 These four products are the four 
2-oxo-∂-hexoses that are diastereomeric at carbons 3 
and 4, the two carbons that are joined in the aldol 
condensations catalyzed by the enzyme. This rare 
stereochemical promiscuity results from two de-
partures from the usual requirement that reactants 
be held in the active site by donors and acceptors 
 

for hydrogen bonds and steric effects in only one 
rigid orientation relative to each other so that only 
one of the possible diastereomeric products results. 
In fact, this particular exception to the rule illustrates 
how the stereochemical requirement is enforced in 
most cases. First, there are two different sets of donors 
and acceptors for hydrogen bonds that permit the 
hydroxy group on the nucleophilic carbon in the 
enamine that is the intermediate in the reaction 
catalyzed by the enzyme (Figure 4-26) to assume 
either the E or Z configuration,447 which directs 
either the Re or Si face*, respectively, of carbon 3 in 
the enamine toward the aldehyde and produces the 
R or S configuration at carbon 3 in the product. 
Second, the aldehyde of ∂-glyceraldehyde 3-phos-
phate is able to present either its Si or Re face to the 
double bond of the enamine (Figure 4-26),† which 
produces the R or S configuration, respectively, at 
carbon 4. 
 In the case of class II tagatose-bisphosphate 
aldolase from E. coli, the active site provides donors 
and acceptors for the hydroxy group of the 
enamine of glycerone phosphate in only one orien-
tation so that only the Si face of carbon 3 is directed 
toward the aldehyde, and the active site holds the 
carbonyl group of the aldehyde of ∂-glyceraldehyde 
3-phosphate tightly so that only its Re face is directed 
toward the enolate. Consequently, only ∂-tagatose 
1,6-bisphosphate is the product. In the case of fruc-
tose-bisphosphate aldolase from E. coli, the Si face 
of the enolate is directed to the Si face of the alde-
hyde so that only fructose 1,6-bisphosphate is the 
product. 
 Another departure from the almost universal 
stereochemical rigor of active sites, albeit less dramatic 
than that of fructose-bisphosphate aldolase from 
S. aureus, occurs in N-acetylneuraminate lyase  from 
E. coli, in which either the Si or the Re face of an 
aldehyde is presented to the enolate of pyruvate.448 
In this instance, however, the face of the aldehyde 
presented to the enolate depends on the identity of 
that aldehyde, so for each aldehyde, the reaction is 
stereospecific. 
	  
																																																								
*If the substituents around a trigonal carbon, when one of its 
two faces is being viewed, appear in a clockwise sense in order of 
priority, the face that is being viewed is the Re face. The opposite 
face, in which they appear to the observer in counterclockwise 
order, is the Si face. 
†The sawhorse drawings of open-chain molecules used in this 
book are oriented so that the lower carbon in a carbon–carbon 
bond that is drawn diagonally is always in front of the upper 
carbon. 
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Figure 4-26: Stereochemical explanation for the promiscuity of 
the products from the reaction catalyzed by class I fructose-
bisphosphate aldolase in S. aureus that produces ∂-psicose 
1,6-bisphosphate, ∂-sorbose 1,6-bisphosphate, and ∂-tagatose 
1,6-bisphosphate, in addition to ∂-fructose 1,6-bisphosphate, 
from glycerone phosphate and ∂-glyceraldehyde 3-phosphate. 
Stereochemical designations are given for the three chiral carbons 
 
 
 
 There are also examples where the same enzyme 
in two different species catalyzes the same chemical 
reaction but with different stereochemical outcomes 
even though each enzyme operates with chiral 
exclusivity. For example, the TDP-4-oxo-6-deoxy-
a-∂-glucose-3,4-oxoisomerases 

          (4-222) 

 

 
in each of the four products, the double bond in each of the 
four enamines, the distal carbon in each of the four enamines, 
and the front face of each of the four aldehyde carbons. In each 
of the four additions, the enolate is added to the back face of 
the aldehyde, so the stereochemical designation for the addition 
(written above the arrows) is opposite from that for the front 
face. 
 
 
 
from Thermoanaerobacterium thermosaccharolyticum 
and Aneurinibacillus thermoaerophilus, respectively, 
are closely related enzymes (48% identity; 0 gap 
percent), but the former produces exclusively the 
R epimer at carbon 4 of the hexose and the latter 
produces exclusively the S epimer (Equation 4-222). 
Strangely enough, both active sites contain the histi-
dine responsible for transferring the hydron between 
the two oxygens, the tyrosine responsible for hydro-
nating carbon 4 to produce the R epimer in the 
former instance, and the histidine responsible for 
removing the hydron from carbon 3 in both instances 
and hydronating carbon 4 to produce the S epimer 
in the latter instance, and these catalytic acid–
bases are in the same locations in both active 
sites.449 Presumably, the structures of the two active 
sites are different enough that the histidine cannot 
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reach carbon 4 in the former instance and the tyro-
sine cannot reach carbon 4 in the latter instance. 
 In spite of the few exceptions that prove the 
rule, the degree of stereochemical preference dis-
played by an active site for the formation of bonds 
between elements of the second and third rows is 
usually quite high because, in most cases, whenever 
the incorrect diastereomer is produced by the enzyme 
in either direction, it cannot participate in the next 
reaction in the metabolic pathway to which the 
enzyme contributes. An extreme case is that of 
enoyl-CoA hydratase 

      (4-223) 

from R. norvegicus, which produces 400,000 times 
more (3S)-3-hydroxybutyryl-SCoA than (3R)-3-hy-
droxybutyryl-SCoA.450 The chiral exclusivity of a 
particular enzyme can be decreased or the chirality 
of the product can even be inverted by mutation of 
amino acids in the active site,451-455 but these mutant 
enzymes are not required to participate in metabo-
lism and be subjected to natural selection. Whether 
or not cells of S. aureus do anything with the ∂-sorbose 
1,6-bisphosphate and ∂-psicose 1,6-bisphosphate 
produced by their class I tagatose-bisphosphate 
aldolase is unclear, but they are able to ferment 
∂-sorbitol.456 Because it is so fundamental to the 
coordination of metabolism and so easy to under-
stand, the stereochemical exclusivity of enzymatic 
catalysis when substrates are participants in metabo-
lism is taken for granted. 
 There are natural instances, however, in which 
reactants and products of an enzymatic reaction do 
not participate in metabolism and are not required 
to have a particular stereochemistry, but the enzy-
matic reaction still proceeds with high stereochemical 
preference. For example, haloacetate dehalogenase 
from Rhodopseudomonas palustris dehalogenates a 
wide variety of haloacetates, including 2-fluoro-
2-phenylacetate. When racemic 2-fluoro-2-phenyl-
acetate is used as a reactant, the enzyme defluoro-
nates only (S)-2-fluoro-2-phenylacetate (selectivity 
for S over R greater than 500) and produces only 
(R)-2-hydroxy-2-phenylacetate.457 The observed 
inversion of configuration is consistent with the es-
tablished mechanism for the reaction in which the 
carboxylato group of Aspartate 110 displaces the 
fluorine in a concerted nucleophilic substitution 
with inversion of configuration, followed by hy-
drolysis of the resulting aspartyl ester. Whenever 

(R)-2-fluoro-2-phenylacetate associates with the 
active site, the fluoro group ends up on the same 
side of the reactant as the carboxylato group of 
Aspartate 110, and the nucleophilic substitution 
cannot occur. Consequently, the strict stereochem-
istry observed for most enzymatic reactions, even 
in cases where it is unnecessary, is a consequence 
of the inescapable orientation of the catalytic 
groups in the active site relative to the orientation 
in which the reactant is bound within the active 
site. These facts are common to almost all active 
sites, regardless of the purpose of the enzymatic re-
action. 
 The stereochemistry of the diastereomers and 
enantiomers that are substrates for the enzymes 
and that dictate the structure of active sites were, 
by and large, determined by organic chemists inter-
ested only in the stereochemistry of metabolites 
and natural products but not in their biosynthesis 
or catabolism. As a result of these determinations, 
in most cases the stereochemistry of the substrates 
for a particular enzymatic reaction had been eluci-
dated before the enzymatic reaction itself was discov-
ered. Consequently, the chemical determination of 
the absolute* stereochemistry of substrates is usually 
not a subject for a study of enzymatic mechanisms. 
 There are exceptions to this generalization. 
Citrate 

 

is achiral because the two carboxymethyl groups 
on the tertiary carbon are identical. To an organic 
chemist, citrate is simply 3-carboxy-3-hydroxypen-
tanedioate, a molecule of little stereochemical interest. 
Citrate, however, is prochiral. 
 
 A prochiral molecule is a molecule that is achiral 
but that could become chiral by a single substitu-
tion or addition. Citrate is a prochiral molecule 
because if one, and only one, of the carboxymethyl 
groups is substituted, say by a carboxydideutero-
methyl group, the product of the substitution would 
be chiral. A prochiral carbon is any tetrahedral 
carbon to which are attached two chemically iden-
tical functional groups and two other functional 
groups, each of which is different from the two 

																																																								
*The absolute stereochemistry of enantiomers and diastereomers 
that had been previously related to each other was established 
in 1951 from anomalous scattering of X-rays.458 

trans-2-enoyl-SCoA  +  H2O  1
             (3S )-3-hydroxyacyl-SCoA

COO–
O

–OOC
H

4 – 48 COO–
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identical ones and different from each other, and 
that is capable of becoming chiral if one of the 
identical functional groups were replaced by a 
functional group different from the other two or a 
trigonal carbon to which are attached three differ-
ent functional groups and that is capable of becom-
ing chiral if an additional functional group, different 
from the other three, were attached. Although chemi-
cally identical, the two identical functional groups 
on a prochiral carbon can be distinguished as 
unique by a diastereomeric observer. For example, 
you, as a diastereomeric observer, can readily tell 
the difference between the two carboxymethyl 
groups on citrate: one is to the left and the other is 
to the right when the carboxy group is pointed away 
from you and the hydroxy group is pointed down-
ward. A substitution of one and only one carboxy-
methyl group is formally equivalent to distinguish-
ing the left carboxymethyl group from the right 
carboxymethyl group. 
 Properly, a prochiral, tetrahedral carbon to which 
the identical functional groups are attached is 
distinguished from the functional groups themselves, 
which should not be described as prochiral. The 
functional groups are classified as enantiotopic or 
diastereotopic. If replacement of one of the two 
identical functional groups on a prochiral, tetrahedral 
carbon with an achiral functional group different 
from the other two on the same atom would form 
one of a pair of enantiomers, then the two identical 
functional groups are enantiotopic functional groups. 
If replacement of one of the two identical functional 
groups on a prochiral, tetrahedral carbon with a 
functional group different from the other two on 
the same atom would form one of a pair of dia-
stereomers, then the two identical functional 
groups are diastereotopic functional groups. If the 
two identical functional groups are diastereotopic, 
there must be a chiral center in one of the noniden-
tical functional groups. Stereoheterotopic func-
tional groups are two identical functional groups 
that are either enantiotopic or diastereotopic. 
 The two identical but distinguishable stereo-
heterotopic functional groups on a prochiral center 
can be unambiguously designated as pro-R or 
pro-S.459 Choose one of the two identical functional 
groups and assume that its priority is greater than the 
other. If this choice makes carbon R, the functional 
group chosen for elevation is the pro-R functional 
group; if this choice makes carbon S, the functional 
group chosen for elevation is the pro-S functional 
group. 

 A trigonal carbon, such as one carbon in a 
carbon–carbon double bond or a carbonyl carbon, 
can also be a prochiral carbon. A trigonal carbon is a 
prochiral carbon if addition of a functional group 
to that carbon, different from the other three func-
tional groups on that carbon, would cause it to be 
chiral. In practice, this property usually requires 
that the three functional groups on the prochiral, 
trigonal carbon are all different from each other. 
The two faces of a trigonal, prochiral carbon are 
enantiotopic faces if addition to that carbon of an 
achiral functional group different from the other 
three would form one of a pair of enantiomers, and 
the two faces of a trigonal carbon are diastereotopic 
faces if addition to that carbon of a functional group 
different from the other three would form one of a 
pair of diastereomers. A stereoheterotopic face is a 
face that is either enantiotopic or diastereotopic. 
The stereoheterotopic face of a trigonal carbon is 
the Re face if the three functional groups, when 
viewed from that side of the carbon, appear in a 
clockwise sense in order of priority. The stereohetero-
topic face of a trigonal carbon is the Si face if the 
three functional groups, when viewed from that 
side of the carbon, appear in a counterclockwise 
sense in order of priority. 
 Unlike chirality, prochirality has been of great 
interest in enzymology. For example, citrate (Si)-syn-
thase (previously Equation 3-226) 

     
                (4-224) 

catalyzes the aldol condensation between the enolate 
of acetyl-SCoA and the carbonyl group on oxalo-
acetate (2-oxobutanedioate) to produce citrate. In 
solution, the enolate would add to the carbonyl 
carbon in oxaloacetate from one or the other of its 
two surfaces with equal probability because oxalo-
acetate is achiral. In the active site of citrate synthase, 
however, it can approach from only one of the two 
possible directions because both the enolate and 
the carbonyl group are held in unique orientations. 
Because this stereochemical question arises only in 
the context of the enzymatic reaction, it is relevant 
to the mechanism of the enzyme but not to the stereo-
chemistry of citrate itself. 
 In a homogenate from Klebsiella aerogenes con-
taining 3H2O, NADH, and two enzymes, 3-dehydro-
quinate dehydratase and quinate dehydrogenase, 
3-dehydroshikimate is hydrated by the first enzyme 

H+ +  HSCoA  +  citrate  1
                       H2O  +  oxaloacetate  +  acetyl-SCoA
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and then reduced by the second to produce 
(6R)-[6-3H]-¬-quinate. ¬-Quinate is a compound 
the absolute stereochemistry of which had been 
determined by organic chemists in the past. The 
(6R)-[6-3H]-¬-quinic acid produced by the two 
enzymes was oxidized with periodic acid and then 
further oxidized with bromine 

  
                (4-225) 

to produce citrate tritiated only in the pro-R carboxy-
methyl group.* This synthetic (2R,3R)-[2-3H]citrate, 
when equilibrated with porcine aconitate hydratase, 
lost all its tritium to water. It had been previously 
demonstrated that one of the two tritiums in citrate 
produced from [3,3-3H2]oxaloacetate is also lost to 
water on equilibration with aconitate hydratase 
while neither of the two tritiums on citrate produced 
from [2,2,2-3H3]acetyl-SCoA is lost to water on equi-
libration with aconitate hydratase. Consequently, the 
pro-R carboxymethyl group in citrate produced by 
animal citrate synthase must come from oxaloacetate, 
and the pro-S carboxymethyl group must come 
from the enolate of acetyl-SCoA.460 
 It was later found that the citrate synthase 
from Clostridium kluyveri produces citrate in which 
the pro-R carboxymethyl group, rather than the 
pro-S carboxymethyl group, comes from the enolate 
of acetyl-SCoA.461 In the two active sites, the enolates 
of acetyl-SCoA are held on opposite sides of the 
carbonyl, the Si face and the Re face, respectively, 
of oxaloacetate.462 The animal enzyme is citrate 
(Si)-synthase, and the bacterial enzyme is citrate 

																																																								
*Although it is not relevant to the stereochemical determination 
because all that was required was to place a tritium anywhere 
on only the pro-R carboxymethyl group, the stereochemistry of 
the hydration catalyzed by 3-dehydroquinate dehydratase is a 
syn addition as shown. 

(Re)-synthase. Since it is cryptic, the stereochemistry 
of citrate synthase is irrelevant to metabolism. 
 
 An elucidation of the stereochemistry of an 
enzymatic reaction that removes a stereoheterotopic 
hydron from a prochiral methylene carbon or that 
adds a stereoheterotopic hydron to a trigonal, pro-
chiral carbon to produce a prochiral methylene 
carbon provides information about the relative 
positions of catalytic acids and bases within the 
active site. As with a skeletal model of citrate, when 
you observe the skeletal model of a substrate such 
as (S)-malate 

 

you can readily distinguish the two hydrogens on 
carbon 3 because you are diastereomeric. If carbon 2 
is placed behind and carbon 4 is placed in front 
and down, as in the view of 4-49, one hydrogen on 
carbon 3 is to the right and the other is to the left. 
No matter how the skeletal model is rotated in 
space or about its bonds, you can always identify 
the right hydrogen and the left hydrogen. In this 
instance, the two hydrogens are diastereotopic 
hydrogens. Replacement of either would produce a 
diastereomer because of the chiral center at carbon 2. 
 When (S)-malate is bound as a reactant to 
fumarate hydratase 

                (4-226) 

from M. tuberculosis, it is bound with the two carbox-
ylato groups in the trans configuration because the 
product, fumarate, is the trans-acid. The two carbox-
ylato groups and the hydroxy group participate in 
hydrogen bonds with particular amino acids at 
the proper locations (Figure 4-27),463,464 and these 
hydrogen bonds pin the substrate in the trans config-
uration with the carboxylate adjacent to the hydron 
to be removed in the proper rotational orientation 
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Figure 4-27: Stereodrawing134 of the crystallographic molecular 
model of the active site of fumarate hydratase from M. tuber-
culosis occupied by the substrate (S)-malate (black bonds).464 
Black atoms are carbons, white atoms are oxygens, and small 
gray atoms are nitrogens. The enzyme was expressed in E. coli, 
purified, and crystallized in 26.5% (v/v) PEG400, 5% (v/v) glycerol, 
200 mM CaCl2, and 100 mM 2-ammonio-2-(hydroxymethyl)-
propane-1,3-diol chloride at pH 8.6. Crystals of the enzyme 
were soaked in the solution from which they were crystallized, 
supplemented with 20 mM fumarate. A data set to Bragg spacing 
of 0.22 nm was collected. Electron density consistent only with 
(S)-malate was observed in the active site. Each of the four active 
sites in the homotetramer is constructed from amino acids 

from three of the subunits. In the drawing, the amino acids 
from each subunit are distinguished with the letters A, B, and 
C. There is only one paradigmatic catalytic acid–base, Histi-
dine B187, which is responsible for hydronating the leaving 
hydroxy group. The two oxyanions at carbon 1 of the gem-enedio-
late occupy two adjacent oxyanion holes, one formed by the 
amido nitrogen–hydrogen of Serine A139 and the hydroxy 
groups of Serine A138 and Serine C319 and the other formed by 
the amido nitrogen–hydrogen of Serine C319 and the hydroxy 
groups of Threonine A106 and Serine A139. Notice that the 
elimination is forced by the active site to be almost precisely 
anti.  
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to achieve maximal overlap between its p molecular 
orbital system and the s bond between carbon 3 
and the hydron that will be removed. There is a 
catalytic base within the active site responsible for 
removing the hydron from carbon 3 during the 
elimination. That catalytic base is positioned so that 
it can remove only one of the two stereoheterotopic 
hydrons on the prochiral carbon. This positioning 
results from the fact that the most efficient way to 
accomplish such a difficult transfer is for the the 
hydron to be on the line of centers between carbon 3 
and the heteroatom of the catalytic base. Conse-
quently, during the enzymatic reaction, the hydron 
removed from almost every molecule of (S)-malate 
will be the same one, either pro-R or pro-S, in almost 
every turnover, and the hydron added to carbon 3 
of almost every molecule of fumarate will end up 
being only the pro-R or the pro-S hydrogen because 
every active site in the solution is the same diastereo-
mer. 
 The stereochemistry for the removal of a stereo-
heterotopic hydron, hydrogen atom, or hydride is 
usually elucidated by using deuterium or tritium to 
replace selectively one of the two stereoheterotopic 
hydrogens, or both of them in turn, in the reactant. 
Likewise, the stereochemistry for addition of a hydron, 
hydrogen, or hydride to produce a prochiral carbon 
is usually elucidated by requiring the enzyme to 
add deuterium or tritium to produce a chiral carbon 
in the product rather than a prochiral carbon. For 
example, when the hydration of fumarate by porcine 
fumarate hydratase (50% identity and 1.1 gap per-
cent relative to that from M. tuberculosis) proceeds 
in 2H2O, the product is (2S,3R)-[3-2H]malate.465-467 
Consequently, every time a molecule of fumarate is 
converted by the active site to (S)-malate, the hydron 
almost always is added to the Re face of carbon 3 
and becomes the pro-R hydrogen on carbon 3. 
Conversely, every time a molecule of (S)-malate is 
converted to fumarate by porcine fumarate hydratase, 
the pro-R hydrogen on carbon 3 is almost always 
removed, not the pro-S, because the pro-R side is 
the side of the reactant on which the catalytic base 
in the active site just happened to end up as evolu-
tion by natural selection proceeded.  
 If a catalytic base in an active site removes only 
one of the two stereoheterotopic hydrons from a 
prochiral carbon, as is the case in fumarate hydratase, 
it must also be true that the resulting catalytic acid 
in the active site of an enzyme can create a prochiral 
carbon by stereoheterotopic addition of a hydron, 
as is also in the case in fumarate hydratase. Any 
planar, trigonal, prochiral carbon has a Re face 

and a Si face, which can be distinguished as unique 
by a diastereomeric observer or active site. If one 
and only one of the three functional groups around 
a trigonal, prochiral carbon is a hydrogen, then 
addition of another hydrogen to that carbon produces 
a tetrahedral, prochiral carbon. For example, galac-
tarate dehydratase (∂-threo-forming) from Agro-
bacterium tumefaciens catalyzes the dehydration of 
meso-galactarate* and subsequent tautomerization of 
the resulting enol 

               (4-227) 

to give (2S,3R)-2,3-dihydroxy-5-oxohexanedioate. 
When the reaction is carried out in 2H2O, a deuteron 
ends up in the pro-S position on carbon 4 of 
(2S,3R)-2,3-dihydroxy-5-oxohexanedioate (Figure 
4-28) because the catalytic acid that adds the hydron 
is on the Si face of the carbon–carbon double bond 
in the enol.468 The S-hydroxy group on the carbon 
in the reactant is replaced by the pro-S deuteron in 
the product, so the reaction proceeds with retention 
of configuration at carbon 4. Because the deuteron 
from 2H2O ends up on only one of the two diastereo-
topic positions on carbon 3, it must be the case that 
a catalytic acid in the active site adds the hydron to 
carbon 3 rather than the keto–enol tautomerization 
occurring in solution after the enol is released as a 
product. This determination is not inconsequential 
because the keto–enol tautomerization in solution 
would be facile. 
 Unlike the active site of fumarate hydratase, 
however, in which the orientation of the catalytic 
acid–base was established by happenstance because 
the two faces of the achiral fumarate are identical to 
each other in reactivity, it may be the case that, in 
some instances in which diastereomeric molecules 
 

																																																								
*A meso compound is an achiral member of a set of diastereo-
isomers which also includes one or more chiral members. A 
meso compound is achiral because it is superposable on its 
mirror image, but it nevertheless contains two or more chiral 
centers so that one or more members of the set of diastereomers 
are chiral.  
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Figure 4-28: Determination of the prochiral stereochemistry of 
the reaction catalyzed by galactarate dehydratase (∂-threo-
forming) from A. tumefaciens.468 Portions (those between 2.7 and 
2.0 ppm) of two proton nuclear magnetic resonance spectra of 
different samples of (2S,3R)-2,3-dihydroxy-5-oxohexanedioate, 
the product of the enzymatic reaction when meso-galactarate 
is the reactant, are shown. These portions of the spectra 
contain the absorptions from the two protons on carbon 4 
in the two furano anomers of (2S,3R)-2,3-dihydroxy-5-oxo-
hexanedioate present at equilibrium in the solution. The 
(2S,3R)-2,3-dihydroxy-5-oxohexanedioate that gave the upper 
spectrum was obtained when meso-galactarate was dehydrated 
by galactarate dehydratase (∂-threo-forming) in 1H2O. Absorp-
tions from both the 4-pro-S and the 4-pro-R hydrons in 
(2S,3R)-2,3-dihydroxy-5-oxohexanedioate are observed. These 
assignments for the spectra of the anomers were made from 
the respective magnitudes of the vicinal C3-C4 1H-1H coupling 
constants, 1H-13C heteronuclear single quantum coherence 
nuclear Overhauser effects, and 13C nuclear magnetic resonance 
spectra. The respective absorptions are split by the other hydro-
gen on carbon 4 and the hydrogen on carbon 3 into doublets of 
doublets. Dehydration of meso-galactarate by the enzyme was 
then performed in 2H2O so that the hydrogen on prochiral car-
bon 4 that was added by the enzyme in place of the hydroxy 
group removed during the dehydration (Equation 4-227) 
would be a deuterium. The absorption from the 4-pro-S proton 
was missing from the spectrum (lower two panels) of the deuter-
ated product, and the vicinal splitting of the 4-pro-R proton by 
the 4-pro-S hydrogen was also missing from the absorption of 
the 3-pro-R proton. These observations demonstrate that the 
hydron added by the enzyme to carbon 4 is the 4-pro-S hydrogen 
from (2S,3R)-2,3-dihydroxy-5-oxohexanedioate.  Adapted with 
permission from reference 468. Copyright 2014 American Chemi-
cal Society. https://pubs.acs.org/doi/10.1021/bi5005377 
 
 
 

are substrates, steric differences or differences in 
acidity caused by differences in the electronic config-
urations in the two possible diastereomeric transition 
states influence which hydron on the substrate is 
chosen by natural selection for removal. Any isotropic 
solution of achiral molecules—for example, an 
aqueous solution containing salts and achiral general 
acids and achiral general bases or achiral oxidants 
and achiral reductants—can make no distinction 
between two enantiotopic hydrogens on a prochiral 
carbon and will usually make little distinction between 
diastereotopic hydrogens. 
 This conclusion, that a particular reaction, if 
carried out in free solution, would proceed with little 
or no distinction between pro-R and pro-S hydro-
gens, however, cannot be drawn unconditionally if 
the reactant itself, as in the case of (S)-malate, has a 
chiral center in the vicinity of the site of reaction so 
that the two hydrogens are diastereotopic. For example, 
(S)-5,6-dihydroorotate undergoes hydron exchange 
in a free solution of 2H2O, at pH 7.8 and 37 ªC, 10-fold 
more rapidly at the pro-R position at carbon 5 than 
at its pro-S position469 

      (4-228) 

presumably because of the rigidity provided by the 
ring, the proximity of the chirality at carbon 4, and 
the steric hindrance produced by the carboxylato 
group. Regardless, however, of this steric preference 
in solution, bovine dihydroorotate dehydrogenase 
(quinone), within the error of measurement, removes 
only the pro-S hydrogen from carbon 5. The inter-
mediate enol in the enzymatic reaction is generated 
by removal of a hydron by a catalytic base in the active 
site positioned by natural selection, for no apparent 
reason, to remove the less acidic, more sterically 
hindered hydron of the reactant. 
 The example of dihydroorotate dehydrogenase 
illustrates the point that the final choice of which 
stereoheterotopic hydron on a prochiral carbon is 
removed by a catalytic base or added by a catalytic 
acid in the reverse reaction proceeding in an active 
site is arbitrary. Unless there are overriding chemical 
advantages, the choice is the random outcome of 
evolution by natural selection, has no metabolic 
consequences, and is inconsequential, cryptic, and 
not a factor in natural selection. The choice of 
which stereoheterotopic hydron is removed or 
added is a result only of the arbitrary absolute config-
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uration of the active site. For the same reason that 
you are, the active site of an enzyme is also diastereo-
meric. Just as you are formed from diastereomeric 
molecules of protein, it is formed from a diastereo-
meric molecule of protein. A molecule of protein is 
diastereomeric in large part because it is assembled 
from only ¬-amino acids. When 2-hydroxymuconate 
tautomerase 

            (4-229) 

from P. putida was synthesized from ∂-amino acids, 
the synthetic ∂-enzyme catalyzed the same reaction 
because the two substrates are achiral, but its active 
site produced [5R-2H]-(3E)-2-oxohex-3-enedioate 
from (2Z,4E)-2-hydroxyhexa-2,4-dienedioate when 
the reaction was run in 2H2O by adding the hydron 
to the Re face of the carbon–carbon double bond. 
In contrast, the natural ¬-enzyme in 2H2O produces 
[5S-2H]-(3E)-2-oxohex-3-enedioate by adding the 
hydron to the Si face of the carbon–carbon double 
bond.470 
 Although most active sites are not nearly so se-
lective as that of enoyl-CoA hydratase (Equation 
4-223), the selectivity of an active site for removal 
of stereoheterotopic hydrogens is usually quite 
high. For example, the diastereotopic hydrogen 
removed from carbon 6 of methyl a-∂-galactopyran-
oside by galactose oxidase (previously Equation 2-305) 

      
                (4-230) 

from Gibberella zeae is the pro-S hydrogen 98% ± 2% 
of the time,433 and the enantiotopic hydrogen abstrac-
ted from glycine by glycine oxidase from B. subtilis 
is the pro-S hydrogen 99% of the time.471 That the 
stereoheterotopic preference at a prochiral carbon 
is never absolute, however, is indicated by the fact 
that when deuterium rather than protium must be 
removed during the enzymatic reaction, the degree 

of stereochemical preference is usually measurably 
less.433,469,471 
 In the cases of hydronation of fumarate in the 
active site of fumarate hydratase and hydronation 
of the intermediate enol in the active site of galac-
tarate dehydratase (∂-threo-forming), the hydron 
or deuteron is added to one face of a prochiral carbon. 
If the two other positions around a carbon in a 
double bond are hydrogens, then the carbon itself 
is not prochiral. If, however, the carbon at the other 
end of the double bond has two different functional 
groups, then the two hydrogens on the first carbon 
can nevertheless be distinguished as the E and 
Z hydrogens, respectively, depending on their loca-
tions relative to the functional group of higher priority 
on the adjacent carbon across the double bond. For 
example, the two protiums on 2-methyleneglutarate 
can be distinguished as E (entgegen) or Z (zusammen) 
relative to the carboxy group, which has the highest 
priority 

 

 The absorptions of E and Z hydrogens in a 
nuclear magnetic resonance spectrum have different 
chemical shifts. For example, when the E protium 
is replaced synthetically by deuterium, the equili-
bration of the deuteron between the E and Z posi-
tions positions in the reactant [E-2H]-2-methyleneglu-
tarate by 2-methyleneglutarate mutase (Table 2-3) 
from Eubacterium barkeri can be followed by nuclear 
magnetic resonance spectroscopy.472 This equili-
bration is evidence that there is an intermediate in 
the enzymatic isomerization such as a radical, carban-
ion, or carbenium ion in which the double bond 
has been broken; that the radical, carbanion, or 
carbenium ion is on the carbon with the hydrogen 
and the deuterium; and that the intermediate has a 
lifetime long enough to permit free rotation at the 
methylene carbon. Free rotation of a planar trigonal 
carbon with two hydrogens around a single bond to 
the rest of the molecule is difficult if not impossible 
to prevent. 
 Phosphoenolpyruvate with a carbon–carbon 
double bond in which one carbon has two hydro-
gens attached to it is involved in many enzymatic 
reactions. Both (E)- and (Z)-[3-2H]phosphoenol-
pyruvate have been synthesized473-475 and have 
been used in stereochemical studies. Addition of 
carbon, nitrogen, oxygen, or sulfur to carbon 3 of 
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phosphoenolpyruvate causes carbon 3 to become 
prochiral. For example, in the enzymatic reaction 
catalyzed by 3-deoxy-8-phosphooctulonate synthase 

                (4-231) 

the trigonal carbon 3 of phosphoenolpyruvate 
becomes the tetrahedral, prochiral carbon 3 of the 
2-dehydro-3-deoxy-∂-octonate 8-phosphate, which is 
(4R,5R,6R,7R)-4,5,6,7,8-pentahydroxy-2-oxooctanate 
8-phosphate. When the active site of the enzyme 
from E. coli adds the enolate of (Z)-[3-2H]phospho-
enolpyruvate to the aldehydic carbonyl of arabi-
nose 5-phosphate, the product is (3S)-[3-2H]-
2-dehydro-3-deoxy-∂-octonate 8-phosphate. When 
(E)-[3-2H]phosphoenolpyruvate is used as reactant, 
the product is (3R)-[3-2H]-2-dehydro-3-deoxy-
∂-octonate 8-phosphate.476 In each product, when 
unlabeled phosphoenolpyruvate is used as reactant, 
carbon 3 is prochiral. Both of these complementary 
stereochemical observations, as well as the known 
stereochemistry of the undeuterated product, demon-
strate that the Si face of the enolate of pyruvate, 
resulting from hydrolysis of the phospho group of 
phosphoenolpyruvate, adds to the Re face of the 
formyl group of ∂-arabinose 5-phosphate477 

 

In this instance, the stereochemistry of the prochiral 
product defines the orientation of each reactant 
relative to the other rather than the orientation of 
a catalytic acid–base because neither hydrogen is 
removed during the enzymatic reaction. Conse-
quently, in this instance, the two hydrogens are 
reporter groups reporting on the stereochemis-
try. 
 Fumarate hydratase catalyzes an anti addition–
elimination (Equation 4-226). This conclusion was 
based on the facts that the (S)-hydroxy group is the 
leaving group in the elimination, addition of the 
hydroxy group always produces (S)-malate, the 
hydron is added to the Re face of carbon 3 in 
fumarate, the pro-R hydrogen on carbon 3 of 
(S)-malate is removed during the elimination, and 
fumarate is the trans-diacid. In aqueous solution, 

such addition–eliminations that involve general 
base catalysis usually proceed in an anti sense, 
with the general base that removes the hydron 
from the side of the reactant opposite the side from 
which the leaving group departs.478 This preference 
may be due entirely or only in part to steric effects 
that would result if the general base and the leaving 
group were required to sit on the same side of the 
reactant in a syn elimination. 
 As in the case of fumarate hydratase, many 
enzymatic reactions also show this anti prefer-
ence. For example, histidine ammonia-lyase from 
Pseudomonas striata catalyzes the anti elimination 
of ammonia from ¬-histidine 

     (4-232) 

because the pro-R hydron is removed479 and added480 
during the reaction and the product of elimination 
is the trans-acid. Addition of water to the aliphatic 
double bond in oleic acid, catalyzed by an enzyme 
from a pseudomonad, also proceeds in an anti 
sense 

                (4-233) 

because the reactant acid is cis, carbon 10 in the 
product is R, and deuterium ends up at the pro-R 
position on carbon 9 when the reaction is carried 
out in 2H2O.481 
 It has been found, however, that certain elimi-
nations that occur in solution, in particular, elimi-
nations proceeding through carbanionic interme-
diates or eliminations involving ion pairing between 
the leaving group and the general base that removes 
the hydron, can yield variable percentages of the 
products of syn elimination.478 A particularly relevant 
example for the present purposes is the elimination 
of acetate from (2R,3R)-S-tert-butyl-3-acetoxy-
[2-2H]butanethioate with catalysis by hydroxide482 
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       (4-234) 

The yield of deuterated product (43% of the total 
yield of the E isomer) was used to calculate that 
when carbon 2 has two hydrogens and no deuterium 
kinetic isotope effect is operating, the yield of syn 
product (Equation 4-234) would be 14%. This elim-
ination probably proceeds through an intermediate 
enol 

   
                (4-235) 

In any event, the product ratios observed suggest 
that the difference in free energy of activation between 
syn and anti elimination–addition is probably fairly 
small and can be influenced considerably by the 
conditions. 
 Syn elimination–additions adjacent to a car-
bonyl group or an acyl group permitting an inter-
mediate enol have also been observed in enzy-
matically catalyzed reactions. The dehydration of 
(2R,3S)-3-hydroxy[2-3H]butyryl-SCoA to produce 
crotonyl-SCoA, catalyzed by bovine enoyl-CoA hy-
dratase 

    (4-236) 

produces trans product that has only 20% the specific 
radioactivity of the reactant.483 Therefore, even 
though the tritium kinetic isotope effect would be 
against the reaction as it is found to occur, the 
enzyme nevertheless removes the triton because it 
is in the pro-R position and aligned with a catalytic 
base in the active site, and the reaction is a 
syn elimination. Upon correction for the kinetic 
isotope effect, a hydron in the pro-S position is 
removed by the enzyme from (3S)-3-hydroxybuty-

ryl-SCoA at a rate more than 200 times slower than 
a hydrogen in the pro-R position,289,450 even though 
the carbon–hydrogen bond should be more sterically 
accessible, because it is on the opposite side of the 
reactant from the hydroxy group as it is held in the 
active site with the methyl and acyl carbons in the 
necessary trans configuration. The reason that the 
exclusivity is probably greater than a factor of 200 is 
that tritium remaining in the product (20%) of 
elimination from tritiated reactant probably arises 
in part from nonenzymatic racemization of the 
reactant during its synthesis or during the incuba-
tion 

  
                (4-237) 

 Addition of 2H2O to the cis double bond in 
Z-2-oxohept-4-ene-1,7-dioate catalyzed by 2-oxo-
hept-4-ene-1,7-dioate hydratase from E. coli 

       
                (4-238) 

is a syn addition because the reactant is cis and the 
product has the S configuration at both carbon 4 
and carbon 5.484 At first glance, hydration would 
seem to be an addition to a carbon–carbon double 
bond unconjugated to a carbonyl, but during the 
overall addition, a deuteron stereospecifically replaces 
a hydron on carbon 3 that is a to the carbonyl 
group at carbon 2, so the mechanism485 is initiated 
by removal of this hydrogen as a hydron to produce 
the conjugated dienolate. Then carbon 5 of the 
dienolate is hydronated to produce the a,b-unsatu-
rated carbonyl, and the equivalent of a hydroxide adds 
to carbon 4, the b carbon, in a Michael addition to 
produce the enolate, which is then rehydronated 
on carbon 3. The last step places the deuteron from 
2H2O on carbon 3. Nevertheless, additions of a hydron 
to carbon 4 and of a hydroxide to carbon 5 are syn, 
a stereochemical result suggesting that the conju-
gate base of the catalytic acid that added the hydron 
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Figure 4-29: Stereodrawing134 of the active site in the crystallo-
graphic molecular model of 2-oxo-4-carboxy-3-hexenedioate 
hydratase from Sphingobium occupied by (4S)-2-oxo-4-carboxy-
4-hydroxyhexanedioate (black bonds).487 Black atoms are 
carbons, white atoms are oxygens, and small gray atoms are 
nitrogens. Deoxyribonucleic acid encoding the entire gene of 
the enzyme was chemically synthesized and incorporated into 
a plasmid that permitted it to be expressed in E. coli with six 
consecutive histidines at its amino terminus. The protein was 
purified on a solid phase on which nickel ions had been che-
lated. The purified protein was crystallized from a solution in 
which (4S)-2-oxo-4-carboxy-4-hydroxyhexanedioate and 2-oxo-
4-carboxyhex-3-enedioate were first brought to equilibrium by 
the enzyme in a total concentration of 1.3 mM along with 12% 

poly(ethylene glycol) and 0.1 M sodium malonate at pH 5. 
Diffraction data to Bragg spacing of 0.202 nm were collected, 
and a map of electron density was calculated. Phases were 
obtained by molecular replacement using the crystallographic 
molecular model of the enzyme from R. palustris. The substrate 
(4S)-2-oxo-4-carboxy-4-hydroxyhexanedioate within the active 
site is drawn along with the side chain of Glutamate 284. Several 
molecules of water, which connect the oxygens of the carboxy 
group of Glutamate 284 with the solution, are also drawn, as 
well as donors and acceptors for hydrogen bonds to the molecules 
of water and one of the oxygens of the carboxy group. The two 
donors and the one acceptor are from amido groups in the 
polypeptide backbone.  
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to carbon 5 of the dienolate, possibly the carboxy 
group of Aspartic Acid 79,486 then removes a hydron 
from the molecule of water that adds to carbon 4 
from the same side of the resulting a,b-unsaturated 
carbonyl. 
 In the active site of 2-oxo-4-carboxy-3-hexene-
dioate hydratase from Sphingobium, which performs 
a syn addition of water to carbon 3 and carbon 4 of 
the a,b-unsaturated carbonyl in (3Z)-2-oxo-
4-carboxyhex-3-enedioate when it is the reactant, 
one of the oxygens of the carboxylato group of Glu-
tamate 284 removes the hydron from the molecule 
of water as it adds to the b carbon to produce the 
enolate. This oxygen also delivers a hydron to the 
a carbon of the enolate to complete the hydration. 
Ironically, in this instance, the stereochemistry was 
assigned as syn from the crystallographic molecular 
model of the complex between the active site and 
the substrate (4S)-2-oxo-4-carboxy-4-hydroxyhexane-
dioate (Figure 4-29),487 which is the product of the 
hydration and the preferred participant in the equi-
librium within the active site. One of the oxygens of 
the carboxy group of Glutamate 284, which was 
shown to be the required catalytic acid–base by 
site-directed mutation, is only 0.28 nm from the pro-S 
hydrogen on carbon 3 that is hydronated in the 
hydration but distant from the pro-R hydrogen. The 
other oxygen of the carboxy group forms a hydrogen 
bond (0.22 nm) with the hydroxy group that is added 
during the hydration, identifying its role as the cata-
lytic base in the hydration. The hydration is a syn 
addition because the carboxy group can be on only 
one side of the carbon–carbon double bond. 
 Enzymatically catalyzed dehydrogenation–
hydrogenations at positions adjacent to a carbonyl 
or acyl group, because they can also involve rigid 
intermediate enolates, proceed with either exclu-
sively syn or exclusively anti stereochemistry. For 
example, UDP-N-acetylmuramate dehydrogenase 
from E. coli reduces the (E)-1-carboxy-2-methylvinyl 
group 

      (4-239) 

on the reactant, UDP-N-acetyl-3-O-[(E)-1-carboxy-
2-methylvinyl]-∂-glucosamine, with anti addition 
of a hydron and a hydride. This conclusion follows 
from the fact that when hydrogenation is run with 

NADP2H in 2H2O, the (E)-1-carboxy-2-methylvinyl 
group becomes a (1R,2R)-[1,2-2H2]-1-carboxypropyl 
group.488 
 Enoyl thioester reductases reduce the double 
bond on their substrates with a hydride from NAD 
or NADPH and a hydron 

     (4-240) 

Enzymes catalyzing this reduction, depending on 
the reactant reduced and the species from which 
they are isolated, add the hydride to either the 
Re face or the Si face of carbon 3 to produce the 
enolate. The hydron is then added to either the 
Re face or the Si face of carbon 2 of the enolate to 
proceed with either syn or anti hydrogenation.489 
For example, enoyl-[acyl-carrier-protein] reductase 
(NADPH) in the fatty-acyl-CoA synthase from S. cere-
visiae performs the anti addition of a hydride from 
NADPH to the Si face of carbon 3 and of a hydron 
to the Si face of carbon 2 of crotonyl-SCoA490 

        (4-241) 

The same enzyme (35% identity; 2.2 gap percent) in 
the fatty acid synthase from G. gallus performs the 
syn addition of a hydride from NADPH to the Re face 
of carbon 3 and of a hydron to the Si face of carbon 2 
of crotonyl-SCoA.491 
 Such examples of both stereochemical outcomes 
in both elimination–additions and dehydrogenation–
hydrogenations adjacent to carbonyl and acyl groups 
again illustrate the fact that the stereochemical 
outcome of an enzymatic reaction often depends 
on the adventitious positioning of the catalytic acids 
and bases and prosthetic groups within the active 
site relative to the bound reactant or the adventi-
tious positioning of the bound reactant within the 
active site relative to catalytic acids and bases and 
prosthetic groups, rather than any innate electronic 
preference of the reaction. 
 Enzymatically catalyzed dehydrogenation–hydro-
genations at positions unconjugated to a carbonyl 
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or acyl group usually proceed with syn stereochem-
istry.492 The dehydrogenation of 5-a-cholestan-3b-ol 
to D7-5a-cholestan-3b-ol, catalyzed by an enzyme 
in Eurycotis floridana 

                (4-242) 

proceeds with removal of the methine hydrogen at 
carbon 8 and the pro-S hydrogen at carbon 7. This 
conclusion follows from the facts that, when 
(7S)-[7-3H]-5a-cholestan-3b-ol was fed to roaches, 
the tritium was removed (>90%), but when 
(7R)-[7-3H]-5a-cholestan-3b-ol was fed to roaches, 
the tritium was retained (>85%) in the product.493 
By use of the four (Z)-hexadec-11-enoates stereo-
specifically monodeuterated at the pro-R and pro-S 
positions at carbons 13 and 14, it could be shown 
that a desaturase from Thaumetopoea pityocampa 
removes the pro-S hydrogens from each carbon during 
the syn dehydrogenation of (Z)-hexadec-11-enoate 
to produce (Z,Z)-hexadeca-11,13-dienoate.494 The 
oxidants in these two reactions are unknown. 
 The stereochemistry of enzymatic reactions 
that involve radical intermediates provides insight 
into the orientation in the active site relative to the 
substrate of a prosthetic group containing a radical 
or the side chain of an amino acid, such as tyrosine 
or tryptophan, containing a radical that can abstract a 
hydrogen atom from a carbon or that, in their respec-
tive hydrogenated forms, can add a hydrogen atom 
to a carbon radical. Such reactions involving the 
abstraction of hydrogen atoms from carbon pro-
ducing intermediate radicals usually proceed in an 
active site with stereoheterotopic selectivity during 
the abstraction and during addition of a functional 
group to the resulting carbon radical, even though 
the carbon radical produced by the abstraction 
must be planar and chemically equivalent on both 
sides of the plane. For example, as noted above in 
passing, porcine peptidylglycine monooxygenase 
(previously Equation 2-309) 

  
                (4-243) 

removes the pro-S hydrogen from the glycyl group 
of a reactant495 and replaces that hydrogen with the 
equivalent of a hydroxyl radical with retention of 
configuration.496 This result is consistent with a 
mechanism in which the hydroxylating species 
produced from molecular oxygen bound to one or 
both of the prosthetic copper ions in the active site 
(Figure 2-58C) abstracts the hydrogen atom and also 
hydroxylates the resulting glycyl radical from the same 
side. Consequently, the stereochemistry is consistent 
with the favored mechanism for the reaction and 
adds support to it. 
 A methyltransferase from Micromonospora 
echinospora uses a 5¢-adenosyl radical produced from 
S-adenosyl-¬-methionine to remove a hydrogen atom 
from the methylene of a hydroxymethyl group on a 
reactant and a methylcobalamin to methylate the 
resulting radical on the carbon of the former hydroxy-
methyl group. Sterically, it would make chemical 
sense to have the 5¢-adenosyl radical positioned on 
one side of the plane of the radical and the 
methylcobalamin on the other side because both of 
these participants are quite large and electron density 
for the radical exists on both sides, but the reaction 
proceeds with retention of configuration.497 Several 
results with alternative reactants for the enzyme 
and the fact that the pro-R hydrogen is abstracted 
greater than 95% of the time suggest that the hydroxy-
methyl group is held firmly in one orientation, pre-
sumably by hydrogen bonds to its hydroxy group. 
Therefore, it seems that both the methylcobalamin 
and the adenosyl radical produced from S-adenosyl-
¬-methionine, which are sizable molecules, somehow 
have access to the same side of the carbon. There is 
an unrelated methyltransferase from Streptomyces 
fradiae that also methylates the methylene in a 
hydroxymethyl group, also using both a 5¢-adenosyl 
radical produced from S-adenosyl-¬-methionine 
and methylcobalamin in apparently the same 
mechanism, but the methylation occurs with inver-
sion of configuration,498 as one might expect. 
  A mutant of 2-enoate reductase, a flavoenzyme 
from Gluconobacter oxydans, is able to replace 
bromine on ethyl 2-bromo-2-methyl-2-phenyl acetate 
with hydrogen. The reaction proceeds through the 
widely delocalized ethyl 2-phenylcarboxymethyl 
radical  
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                (4-244) 

which must be planar and chemically equivalent 
on each of its faces, Re and Si. Nevertheless, when 
racemic 2-bromo-2-methyl-2-phenyl acetate is used 
as a reactant, the enzyme debrominates both enan-
tiomers at the same rate, but the product is almost 
exclusively (S)-2-methyl-2-phenyl acetate (97%).499 
In this instance, the prosthetic flavin that provides 
the hydrogen atom that adds to the radical, which 
is bound in the active site in only one orientation, 
can only be on one side of its plane, and it just 
happens to be on the Re face. 
 Racemization is one criterion for a nonenzy-
matic dissociative nucleophilic substitution at a satu-
rated carbon that proceeds with an intermediate 
carbenium ion in solution. Human protein farnesyl-
transferase and human protein geranylgeranyl-
transferase, which share the same catalytic subunit, 
catalyze a nucleophilic substitution in which a farnesyl 
group or a geranylgeranyl group is transferred to 
the sulfido group of a cysteine in one of a set of partic-
ular proteins 

 
                (4-245) 

The nucleophilic substitution may500 proceed through 
an allyl carbenium ion, which would be a logical 
intermediate because of its stability.501 Both the 
(S)-[1-2H] and (R)-[1-2H] enantiomers of both farnesyl-
diphosphate502 and geranylgeranyldiphosphate503 
were prepared synthetically. The products of their 
reactions with cysteinyl peptides, when catalyzed 
by the respective enzyme, had nuclear magnetic 
resonance spectra demonstrating that inversion of 
configuration at prochiral carbon 1 of the respective 

reactant had occurred in each case. This inversion 
of configuration is consistent with crystallographic 
molecular models of protein farnesyltransferase 
from R. norvegicus (97% identity relative to human) 
in complexes with farnesyldiphosphate and a farnes-
ylated peptide, respectively, in which the diphospho 
group that leaves and the sufido group that adds 
are found on opposite sides of the active site.504 
They are too far apart, however, for an associative, 
concerted nucleophilic substitution. This separa-
tion is consistent with the evidence suggesting a 
dissociative nucleophilic substitution and would 
make perfect sense because, if the diphosphate anion 
were required to dissociate from the active site to 
make room for the sulfido group on the same side 
of the alkyl carbenium ion, water would certainly 
intervene and react with it to produce the alcohol. 
Consequently, the sulfido group must be waiting 
on the other side to react as soon as the dissociation 
producing the allyl carbenium ion has occurred. In 
reactions catalyzed by enzymes, inversion of config-
uration or the lack of racemization cannot be used 
as an argument against a dissociative mechanism 
because the active site necessarily positions reactants 
in a particular orientation regardless of whether 
the reaction is dissociative or associative. 
 There are instances, however, in which remov-
al or addition of a stereoheterotopic hydrogen from 
or to a prochiral carbon or stereoheterotopic addition 
of a functional group to produce a prochiral carbon 
does proceed with racemization. For example, tyro-
sine 2,3-aminomutase from Chondromyces crocatus 
converts (2S)-[3,3-2H2]-¬-tyrosine into a mixture of 
(2S,3R)- and (2R,3S)-[2,3-2H2]-3-amino-3-(4-hydroxy-
phenyl)propanoate even though the catalytic base 
in the active site always removes the pro-S deuteron 
from carbon 3 of the reactant. From these observa-
tions, it was concluded that the resulting deutero-
nated catalytic base transfers its deuteron to the 
S position on carbon 2 when the product is to be 
(3R)-[2,3-2H2]-3-amino-3-(4-hydroxyphenyl)-
propanoate or to the R position on carbon 2 when 
the product is to be (3S)-[2,3-2H2]-3-amino-
3-(4-hydroxyphenyl)propanoate. The relative propor-
tions of the two products in the mixture vary as the 
pH of the solution is changed.505 
 If it can be shown that only one of the two stereo-
heterotopic hydrogens on a prochiral carbon is 
removed or added as a hydron during an enzymatic 
reaction, then it is evident that a catalytic base in 
the active site always removes that hydron or that 
a catalytic acid in the active site always adds that 
hydron, respectively. In such instances, the catalytic 
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base or acid could be a molecule of water, but it 
must be confined by the active site to act at only 
one stereoheterotopic position. If, however, the step 
in the reaction in which the hydron is removed or 
added had occurred in solution, such an absolute 
preference would not have been displayed. Conse-
quently, one explanation for the occasional lack of 
stereoheterotopic discrimination leading to race-
mization is that the prochiral carbon from which a 
stereoheterotopic hydron is removed or to which a 
hydron is stereoheterotopically added is well exposed 
to the solution while on the active site, and mole-
cules of water, hydroniums, or hydroxides free in 
the solution are relied upon by the enzyme to receive 
or give that hydron. It is often assumed that this 
involvement of the solvent is the case,506 even in 
the absence of any supporting evidence. 
 Abstraction of hydrogen from a substrate or 
abstraction of hydrogen by a radical intermediate 
in an enzymatic reaction can also proceed with 
racemization. Isobutyryl-CoA mutase from Strepto-
myces cinnamonensis, which catalyzes its reaction with 
a prosthetic adenosylcobalamin (Table 2-3), produces 
[3-2H]butyryl-SCoA from [2-2H]isobutyryl-SCoA that 
is 60% pro-R and 40% pro-S.507 Primary-amine oxi-
dase from O. cuniculus produces 74% 1-deuterio-
2-(4-hydroxyphenyl)ethanal from (R)-[1-2H]tyramine 

                (4-246) 

and 81% 1-deuterio-2-(4-hydroxyphenyl)ethanal from 
(S)-[1-2H]tyramine.508 These results, after correction 
for the kinetic isotope effect, are consistent with the 
enzyme removing the pro-R hydrogen from tyramine 
only 1.2 times more often than the pro-S hydrogen. 
 
 An assessment of the stereochemical outcome 
of an enzymatic reaction in which stereospecifically 
deuterated reactants are used or stereospecifically 
deuterated products are formed is usually made 
by nuclear magnetic resonance spectroscopy, optical 
rotation, circular dichroism, or mass spectrometry. 
 Two enantiotopic protons on a prochiral carbon 
in an achiral molecule are identical and indistin-
guishable in a nuclear magnetic resonance spectrum. 

If, however, there are one or more chiral centers 
elsewhere in the molecule, then the absorptions of 
the two diastereotopic protons on the prochiral 
carbon in the nuclear magnetic resonance spectrum 
have different chemical shifts. If the difference is 
large enough, then the two protons can be distin-
guished from each other (Figure 4-28). Because 
through-bond electron withdrawal is the same for 
both diastereotopic protons on a prochiral carbon, 
there is no reliable way to assign the absorptions in 
the spectrum to the two protons in the absence of 
other information. It is possible, however, as was 
done for the spectrum of (2S,3R)-2,3-dihydroxy-
5-oxohexanedioate, to use through-space nuclear 
Overhauser effects to make the assignments unam-
biguously.468 When a deuteron is added stereohetero-
topically to a carbon that would be prochiral were a 
proton added, the absorption for the stereoheterotopic 
proton at that position in undeuterated product is 
no longer present in the spectrum of deuterated 
product (Figure 4-28), and its absence identifies 
the diastereotopic hydron on the prochiral carbon 
that is added by the catalytic acid in the active site. 
 The optical rotation of a deuterated product 
can be measured to determine the outcome of an 
enzymatic reaction. If a hydrogen is added stereo-
heterotopically to a reactant to produce a prochiral 
carbon in the product, the enzymatic reaction is 
run, on the one hand, with a reactant in which the 
lone hydrogen on the carbon that will become 
prochiral has been replaced by deuterium and, on 
the other hand, with undeuterated reactant but 
with a deuterated source of the hydrogen that will 
be added to that carbon, usually the water. The result-
ing deuterated products from these two reactions 
will be of opposite stereochemistry at the carbon to 
which hydrogen or deuterium, respectively, has 
been added. Because they are enantiomers or dia-
stereomers, their optical rotation can be measured 
and compared with the optical rotation of synthetic 
versions of the deuterated product of known stereo-
chemistry. 
 Diaminopimelate decarboxylase from Lysini-
bacillus sphaericus catalyzes the decarboxylation of 
meso-(2S,6R)-2,6-diaminopimelate by forming its 
external pyridoximine in the active site from a 
prosthetic pyridoxal 5¢-diphosphate. Because the 
biologically relevant (S)-lysine is the product, the 
enzyme must decarboxylate the R end of the meso 
reactant. Undeuterated meso-(2S,6R)-2,6-diamino-
pimelate was converted to (2S)-[6-2H]lysine in 2H2O 
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and meso-(2S,6R)-2,6-diamino-[2,6-2H2]pimelate was 
converted to (2S)-[2,6-2H2]lysine in H2O 

    
                (4-248) 

Each product, which should have the opposite stereo-
chemistry from the other at carbon 6, was separately 
converted to the respective phthalimido valerate 
4-52 

                (4-249) 

with (i) ¬-lysine oxidase,509 (ii) phthalic anhydride, 
and (iii) diazomethane.510 The resulting product 
has only one chiral carbon, the one on which the 
deuterium is located, so the two products are enan-
tiomers of each other. 
 The two products had equal but opposite specific 
rotations at 589 nm. The specific rotation of the 
product from the decarboxylation of Equation 4-247 
was -0.92ª, and that of Equation 4-248 was +0.84ª. 
The specific rotation of authentic (R)-5-phthalimido-
[5-2H]valerate, synthesized from ¬-glutamate, had a 
specific rotation of -0.95ª. This observation 
demonstrated that the product from the decarboxy-
lation of Equation 4-247 had R stereochemistry 
and that of Equation 4-248 had S stereochemistry. 
Therefore, in the normal enzymatic reaction carried 
out in 1H2O, the hydron that replaces carbon dioxide 

becomes the pro-R hydrogen at carbon 6 of the 
product, and the reaction proceeds with inversion 
of configuration at that carbon. 
 When a stereoheterotopic hydrogen in a com-
pound is replaced by deuterium, the replacement 
either creates circular dichroism, if the compound 
was achiral before the replacement, or alters the 
prexisting circular dichroism, if the compound was 
chiral before the replacement. For example, 
(3E)-2-oxohex-3-enedioate, the product of the 
reaction catalyzed by 2-hydroxymuconate tautomer-
ase (Equation 4-229), is an achiral molecule. When 
the reaction is run in 2H2O, a deuterium is added by 
the active site to carbon 5. The [5-2H]-(3E)-2-oxo-
hex-3-enedioate produced by the enzyme was con-
verted, with lead acetate in acetic acid followed by 
potassium permanganate in sulfuric acid, into 
[2-2H]glutaric acid, which had a molar ellipticity of 
+180ª at 210 nm. (2S)-[2-2H]Glutaric acid and 
(2R)-[2-2H]glutaric acid were synthesized chemically 
in a route that involved significant racemization at 
carbon 2. Nevertheless, the synthetic (2S)-[2-2H]glu-
taric acid had a molar ellipticity of +110ª at 210 nm, 
and the synthetic (2R)-[2-2H]glutaric acid had a 
negative molar ellipticity. These results demon-
strate that the catalytic acid in the active site of the 
enzyme adds the hydron that becomes the pro-S 
hydron at carbon 5 in (3E)-2-oxohex-3-enedioate. 
 When a particular stereoheterotopic hydrogen 
is removed by an active site from a prochiral carbon 
and the two stereoheterotopic hydrogens on the 
chiral carbon in the reactant are replaced in turn by 
deuterium, mass spectrometry can determine the 
outcome of the two reciprocal reactions. The pair 
of monodeuterated reactants in which the pro-R and 
pro-S hydrogens, respectively, have been replaced 
by deuterium are synthesized, and the mass spectra 
of products of the enzymatic reaction from each 
reactant can reveal which hydrogen is removed by the 
active site. For example, synthetic methyl [6S-2H]-
a-∂-galactopyranoside was converted to 1-O-methyl-
a-∂-galactose-6-aldehyde by galactose oxidase (Equa-
tion 4-230), and the enzymatic product was then 
converted chemically with tert-butyldimethylsilyl 
trifluoromethanesulfonate to 1-O-methyl-2,3,4-tris-
(tert-butyldimethylsilyl)-a-∂-galacto-pyran-6-alde-
hyde. The molecular ion of this final silylated prod-
uct had a mass of 409 unified atomic mass units, 
but when synthetic methyl [6R-2H]-a-∂-galacto-
pyranoside was used as a reactant and the product 
of the enzymatic reaction was tert-butyldimethyl-
silylated, the molecular ion of the final product had 
a mass of 410 unified atomic mass units. Further-
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more, the pattern of secondary ions for the final 
product from the [6S-2H] diastereomer was the 
same as that from undeuterated reactant, and the 
pattern of secondary ions for the final product from 
the [6R-2H] diastereomer was the same as that from 
the deuterated [6,6-2H2] reactant.433 These results 
demonstrate that the pro-S hydrogen is abstracted 
from methyl a-∂-galactopyranoside by the prosthetic 
copper–hydroxyphenyl radical in the active site. 
 To avoid any ambiguity, stereochemical studies 
of enzymatic reactions should be designed so that 
both stereochemical outcomes at a prochiral carbon 
are examined by one of these techniques in turn. 
 If the question to be answered is which of the 
two stereoheterotopic hydrogens on a particular 
prochiral carbon in the reactant is removed by a 
catalytic base or prosthetic group in the active site, 
then deuterium is positioned synthetically at each 
of the two stereoheterotopic positions on that chiral 
carbon in turn. For example, both the synthetic 
6S and the synthetic 6R diastereomers of methyl 
[6-2H]-a-∂-galactopyranoside were converted to 
1-O-methyl-a-∂-galactose-6-aldehyde by galactose 
oxidase (Equation 4–230), and the catalytic base in 
the active site removed the 6S deuterium from the 
former but removed the 6S hydrogen from the latter.233 
Consequently, the prosthetic copper–hydroxyphenyl 
radical always abstracts the pro-S hydrogen from 
methyl a-∂-galactopyranoside during the normal 
enzymatic reaction. 
 If the question to be answered is which of the 
stereoheterotopic hydrogens on a particular chiral 
carbon has been added to give a prochiral product 
by a catalytic acid or a prosthetic group in the active 
site, then the stereochemistry of the product of the 
enzymatic reaction is inverted to give two opposite 
stereochemical products at that chiral carbon. For 
example, in the stereochemical study of the reac-
tion catalyzed by diaminopimelate decarboxylase, 
(2S,6R)-2,6-diaminopimelate was converted to 
(6R)-[6-2H]-¬-lysine in 2H2O (Equation 4-247), and 
(2S,6R)-2,6-diamino-[2,6-2H2]pimelate was converted 
to (6S)-[2,6-2H2]-¬-lysine in H2O (Equation 4-248). 
It could be concluded from the results that the hydron 
that replaces carbon dioxide during the normal 
enzymatic reaction almost always becomes the 
pro-R hydrogen in the product. The occurrence of 
the reciprocal outcomes in a stereochemical study 
provides reassurance that the observations resulted 
from only the stereochemistry of the active site rather 
than some anomalous kinetic isotope effect. 
 
 

 The ultimate assignment of the absolute stereo-
chemistry of the pair of reactants presented sepa-
rately to an enzyme or the pair of products produced 
separately by an enzyme is usually based on an 
unambiguous stereochemical synthesis, either enzy-
matic or chemical, of one or both members of the 
labeled pair of reactants or products. For example, 
the two deuterated stereoisomers of the reactant 
methyl a-∂-galactopyranoside that were converted 
1-O-methyl-a-∂-galactose-6-aldehyde by galactose 
oxidase (Equation 4-230) were synthesized stereo-
specifically, and the two stereoisomers of the product, 
¬-lysine, in the case of diaminopimelate decarbox-
ylase (Equations 4-247 and 4-248) were synthesized 
stereospecifically. 
 An example of such a stereochemical synthesis 
would be that for the two diastereomers of 
∂-[6-2H]shikimate with opposite stereochemistry at 
carbon 6 (Figure 4-30).511 The stereochemistry of 
the final product at carbon 6 is dictated by the fact 
that the Diels–Alder cycloaddition retains the stereo-
chemistry of the dienophile, so HZ ends up cis to 
the methoxycarbonyl group and HE ends up trans.512 
The two ∂-[6-2H]shikimates of known stereochemistry 
were synthesized from the two appropriate methyl 
deuterioacrylates. In the separate syntheses, methyl 
(Z)-[3-2H]acrylate yields (3R,4S,5R,6R)-[6-2H]shi-
kimate, and methyl (E)-[2,3-2H2]acrylate yields 
(3R,4S,5R,6S)-[6-2H]shikimate.511 
 When these two diastereomers, each the prod-
uct of a separate stereochemical synthesis, were 
separately incubated with the bacterium E. coli, 
(3R,4S,5R,6S)-[6-2H]shikimate was the precursor to 
deuterio-¬-phenylalanine and (3R,4S,5R,6R)-[6-2H]shi-
kimate was the precursor to undeuterated ¬-phenyl-
alanine, as determined by mass spectrometry of the 
products. Between shikimate and ¬-phenylalanine, 
the hydrogen at carbon 6 of the shikimate is removed 
during the elimination catalyzed by chorismate 
synthase 

  
                (4-250) 
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Figure 4-30: Synthesis of ∂-shikimate from methyl acrylate and 
trans,trans-1,4-diacetoxy-1,3-butadiene.511,512 (i) The diene 
and dienophile were condensed in anhydrous xylene at reflux 
in a Diels–Alder cycloaddition that proceeded with the usual 
stereochemical consequences. In the direction of approach 
shown, methyl acrylate is below the diene. The two inwardly 
directed hydrogens on the diene are pushed upward, and the 
two outwardly directed acetoxy groups respond by rotating 
downward. The Z-hydrogen and the methoxycarbonyl group 
of the dienophile are pushed downward, and the E-hydrogen 
and the X-hydrogen respond by rotating upward to give the 
enantiomer drawn. The other enantiomer of the endo product 
is produced when the dienophile approaches from the top of 
the diene. (ii) Osmium tetroxide in tetrahydrofuran/pyridine 
was used to perform a cis-hydroxylation of the carbon–carbon 
double bond. The hydroxylation proceeded trans to the two 
adjacent acetoxy groups because of their bulk and the bulk of 
the osmium tetroxide. (iii) The two vicinal cis-hydroxy groups 
were incorporated into an acetal with anhydrous acetone under 
a stream of hydrochloric acid. (iv) The elimination of acetic 
acid by concerted loss of the acidic hydron, HX+, and the good 
leaving group, CH3COO-, was accomplished by pyrolysis in a 
sealed tube at 285 ªC. (v) The acetal and the two esters were 
hydrolyzed in 60% acetic acid to yield racemic shikimic acid. 
The ∂-enantiomer of shikimate was isolated as the crystalline 
salt with (-)-1-amino-1-phenylethane. 
 
 
 
 
 
 
 
 
 

Therefore, the pro-R hydrogen is removed during 
this anti elimination. Removal of this nonacidic 
hydrogen at carbon 6 is catalyzed by flavin mono-
nucleotide, which is situated in the active site adjacent 
to the pro-R hydrogen on 5-O-(1-carboxyvinyl)-
3-phosphoshikimate in the crystallographic molecular 
model of the complex between chorismate synthase 
from Streptococcus pneumoniae (37% identity; 2.2 gap 
percent) and oxidized flavin mononucleotide and 
5-O-(1-carboxyvinyl)-3-phosphoshikimate.298 
 
 Determination of the stereoheterotopic pref-
erence of an active site can be used to identify in a 
crystallographic molecular model the catalytic acid–
base or prosthetic group responsible for removing 
a stereoheterotopic hydrogen or for adding a hydro-
gen to a prochiral carbon. For example, every time 
a molecule of (S)-malate is converted to fumarate 
by the active site of porcine fumarate hydratase, 
the pro-R hydrogen is always removed. This fact 
identifies Serine C318 in the active site of fumarate 
hydratase from M. tuberculosis (Figure 4-27)464 as 
the catalytic base responsible for removal of the 
hydrogen, even though the hydroxy group of serine 
(pKa1 = -3 and pKa2 = 14.2) seems to be an unlikely 
catalytic base. The hydroxy group of the serine, 
however, is located in an oxyanion hole formed by 
two amido groups of the polypeptide backbone, 
which should lower its second pKa significantly by 
stabilizing the oxido group that is the conjugate 
base. 
 In the active site in a crystallographic molecu-
lar model of the bimolecular complex between 
UDP-N-acetyl-3-O-[(E)-1-carboxy-2-methylvinyl]-
∂-glucosamine and UDP-N-acetylmuramate dehy-
drogenase from E. coli, which performs the anti 
addition of a hydride and a hydron to the carbon–
carbon double bond in the (E)-1-carboxy-2-methyl-
vinyl group (Equation 4-239), the prosthetic flavin 
providing the hydride is on one face of the double 
bond. Consequently, the hydroxy group of Serine 229 
on the other face has been assigned as the donor of 
the hydron during the addition on the basis of the 
observed anti addition. The more acidic hydron on 
Tyrosine 125 is relayed to the hydroxy group of this 
serine through three fixed molecules of water in the 
active site513 to increase its acidity. 
 In the reaction catalyzed by (2E,6E)-farnesyl-
diphosphate synthase (previously Equation 3-406) 
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from E. coli, the pro-R hydron is removed from 
carbon 2 of isopentenyl diphosphate in the final 
step of the reaction during formation of the new 
2E double bond in the product (see Figure 1-26).514 
In the crystallographic molecular model of the active 
site of the enzyme, occupied by isopentenyl diphos-
phate and dimethylallyl S-thiolodiphosphate, the 
pro-R hydrogen on carbon 2 of isopentenyl diphos-
phate is directed toward one oxyanion of the diphos-
phate on dimethylallyl S-thiolodiphosphate, and 
the distance between carbon 2 of isopentenyl diphos-
phate and that oxygen is 0.42 nm.515 This distance 
is close to the sum (0.38 nm) of the van der Waals 
radii of oxygen (0.15 nm) and hydrogen (0.115 nm) 
and the length of a carbon–hydrogen bond (0.11 nm), 
and no other catalytic acid–base is in the immediate 
vicinity. Knowledge of the prochiral stereochemistry 
of the reaction identifies this oxygen as the catalytic 
base that removes the hydron during the reaction. 
 Several other enzymes that catalyze homologous 
alkylations of polyisoprenoids proceed with prochiral 
stereochemistry that is always consistent with the 
diphosphate that leaves ending up immediately 
adjacent to the enantiotopic hydrogen on carbon 2 
of isopentenyl diphosphate that is removed during 
the reaction.516 The conformation of dimethylallyl 
S-thiolodiphosphate, an inactive analogue of the 
substrate dimethylallyl diphosphate, in the active 
site of isoprene synthase from Populus canescens 
places one oxygen of the diphospho group imme-
diately adjacent to the hydron removed from carbon 
during the production of isoprene from dimethyl-
allyl diphosphate by the enzyme.517 
 In the tautomerization of 2-hydroxy-trans,trans-
muconate catalyzed by 2-hydroxymuconate tautom-
erase from P. putida (Equation 4-229), a hydron is 
added to a trigonal, prochiral carbon that has a hydro-
gen as a substituent. When the enzymatic reaction 
is carried out in 2H2O, a hydron is added stereospecif-
ically to carbon 5 to produce only one prochiral 
product, (5S)-5-carboxy-2-oxo-3(E)-[5-2H]penten-
oate.518 This stereochemical result confirmed the 
identification of the amino-terminal proline of the 
protein in the active site of a crystallographic molecu-
lar model of the enzyme from P. putida262 as the 
catalytic acid that adds the hydron to the Si face 

 

of carbon 5 of the conjugate base of 2-hydroxy-
trans,trans-muconate. 
 The determination of retention of configuration, 
as in the case of galactarate dehydratase (Equation 
4-227) and peptidylglycine monooxygenase (Equa-
tion 4-243), determines the orientation of one cata-
lytic group. In instances such as the decarboxylation 
catalyzed by diaminopimelate decarboxylase (Equa-
tions 4-247 and 4-248), however, the determination 
of inversion of configuration defines the relative 
orientation of more than one catalytic group. This 
definition can be used to assign the role of particular 
catalytic groups in the crystallographic molecular 
model of an active site. The simplest example of 
such an assignment is that for the active site of 
mandelate racemase 

                (4-252) 

which by definition proceeds with inversion of config-
uration. As previously noted, in the active site in 
the crystallographic molecular model of a complex 
between the enzyme from P. putida and 4-iodo-
mandelate, Lysine 166 sits on the same side as the 
hydrogen on carbon 2 of (S)-mandelate, and Histi-
dine 297 sits on the same side as the hydrogen on 
carbon 2 of (R)-mandelate.100 
 Isomerizations catalyzed by a set of related 
isomerases—glucose-6-phosphate isomerase from 
O. cuniculus, ribose-5-phosphate isomerase from 
Spinacia oleracea, mannose-6-phosphate isomer-
ase from O. cuniculus, triose-phosphate isomerase 
(Equation 4-46) from O. cuniculus, xylose isomerase 
from Levilactobacillus brevis, ¬-arabinose isomerase 
from L. brevis, and ¬-fucose isomerase from K. aero-
genes—share a common mechanism, which has 
been demonstrated by stereochemical studies. In 
each reaction, an aldose is isomerized to a ketose. 
The aldose that is the natural substrate in each 
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reaction has a chiral center at carbon 2 next to the 
carbonyl carbon of its aldehyde, but both possible 
enantiomorphs at carbon 3, S and R, are represented 
within the set. The ketose that is a substrate in each 
reaction is a primary alcohol with a prochiral center 
at carbon 1 where the aldehyde of the corresponding 
aldose is located. 
 The stereochemistry for addition of hydrogen 
to produce prochiral carbon 1 of the ketose has been 
determined for each isomerase. When the aldose is 
R at carbon 2 (∂-glyceraldehyde 3-phosphate, 
∂-glucose 6-phosphate, ∂-ribose 5-phosphate, and 
¬-arabinose), the ketose produced in the enzymatic 
reaction has the hydrogen that was added to it at 
the pro-R position on carbon 1 

          (4-253) 

When the aldose is S at carbon 2 (∂-mannose 6-phos-
phate and ¬-fucose), the ketose produced has the 
hydrogen that was added to it at the pro-S position 
on carbon 1 

         (4-254) 

These conclusions were reached by bringing the reac-
tions to equilibrium in 3H2O, isolating products, and 
determining their absolute stereochemistries.519-522 
 This set of enzymes also displays various degrees 
of internal hydron transfer between carbons 2 and 
1 during their isomerizations. For example, when 
the product of the reaction is trapped by glucose-
6-phosphate dehydrogenase, it can be shown that 
the glucose-6-phosphate isomerases from Homo 
sapiens, O. cuniculus, and S. cerevisiae will transfer 
a tritium from carbon 1 of [2R-3H]-∂-fructose 
6-phosphate to carbon 2 of ∂-glucose 6-phosphate 

  (4-255) 

when the reaction is run in 1H2O.523 The ratio between 
transfer of the tritium intramolecularly and its loss 
to solvent while it is briefly located on the catalytic 
base responsible for removing it and then adding it 
back varies from 5 to 0.3 depending on the species 
and the conditions. Within the active site of triose-
phosphate isomerase (Equation 4-46) from O. cuni-
culus, it can be calculated that 18% of the protium 
in an unlabeled molecule of glycerone phosphate is 
transferred from carbon 3 to carbon 2 of ∂-glycer-
aldehyde 3-phosphate at pH 7.9 and 25 ªC.524 Similar 
results have been observed with ∂-mannose 6-phos-
phate and mannose-6-phosphate isomerase.525 
 All these facts have led to the conclusion that a 
single catalytic base–acid in the active site of each 
isomerase removes the hydron from the carbon 
with the hydroxy group in the substrate to form a 
cis-enediol, moves across the face of the planar 
cis-enediol, and adds the hydron back to the inter-
mediate cis-enediol from the same face from which 
it was removed. Later, when crystallographic molec-
ular models of complexes between the active sites 
of these enzymes and substrates and inhibitors 
were constructed,526-531 these stereochemical results 
identify each catalytic acid–base in the respective 
active sites that is properly positioned to transfer 
the hydron between the two carbons, as does Gluta-
mate 164 in the active site of triose-phosphate isom-
erase (see Equation 4-55 and Figure 3-37). 
  In this instance, the stereochemistry was crucial 
to the identification. For example, in the active site 
of triose-phosphate isomerase from S. cerevisiae, in 
the absence of the determination of the stereohet-
erotopic preference of the active site, Lysine 11 and 
Glutamate 164 would both be candidates for the 
role of the catalytic acid–base or catalytic acid–
bases that add and remove hydrons from the two 
carbons. There is no reason that the hydron should 
be transferred between the two carbons in one of 
these isomerizations rather than being removed by 
one base and added by another acid. Furthermore, 
the prochiral stereochemistries of the primary alcohols 
in the ketoses are inconsequential to metabolism, 
so there is no reason for natural selection to pick 
Glutamic Acid 164 as the sole catalytic acid–base on 
the basis of this criterion. Consequently, the stereo-
chemical observations of hydron addition and transfer 
provide the information that allows assignments of 
the roles of the catalytic acid–bases observed crystal-
lographically. 
 In contradistinction to the absolute stereo-
chemistry of these isomerases, the catalytic base in 
human lactoylglutathione lyase can remove the 
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lone hydron on the chiral carbonyl carbon of either 
the S or the R thiohemiacetal formed between gluta-
thione and carbon 1 of a lactaldehyde to produce a 
cis-enediol. Nevertheless, it always delivers the hydron 
to the Si face of the carbon in the cis-enediol that 
was carbon 2 of the lactaldehyde.532 
 A number of stereochemical determinations 
have been performed for active sites containing 
prosthetic pyridoxal 5¢-phosphates that have pro-
vided information about the orientations and iden-
tities of their catalytic acid–bases. The reaction 
catalyzed by diaminopimelate decarboxylase (Equa-
tions 4-247 and 4-248) introduces the conclusions 
that can be drawn from stereochemical determina-
tions for active sites with this prosthetic group. The 
base to which the hydron is added by the catalytic 
acid within the active site of diaminopimelate decar-
boxylase is quinonoid intermediate 4-54 formed by 
the decarboxylation of the external pyridoxamine of 
the amino group on carbon 6 of meso-(2S,6R)-2,6-di-
aminopimelate 

      
                (4-256) 

Because the 6R carbon in the reactant is decarbox-
ylated and because the pro-R hydrogen in the 
product is added by the active site of the enzyme 
from L. sphaericus, the decarboxylation occurs with 
inversion of configuration. The catalytic acid must 
add a hydron to the Re face (the face toward the 
viewer in Equation 4-256) of the carbon that has 
just been decarboxylated in the quinonoid inter-
mediate. Therefore, determining the stereochemistry 
of this reaction has revealed the relative orientation 
of the catalytic acid–base within the active site rela-
tive to the planar p molecular orbital system of the 
quinonoid intermediate. 
 In the crystallographic molecular model of 
diaminopimelate decarboxylase from Arabidopsis 
thaliana (28% identity; 2.1 gap percent) in which 
the 6-amino group of ¬-lysine has formed an external 
pyridoximine with the prosthetic pyridoxal 5¢-phos-
phate,533 the pro-R hydrogen on carbon 4 of ¬-lysine 

in one of the two active sites in the a2 dimer is in 
van der Waals contact (0.41 nm) with the sulfido 
group of Cysteine 366 from the opposite subunit, 
and the sulfido group and carbon 4 are in the proper 
orientation for transfer of a hydron between them. 
The homologous cysteine is in the same position in 
both aligned sequences of amino acids of the enzymes 
from L. sphaericus and A. thaliana. The pro-S hydro-
gen in the external pyridoximine with ¬-lysine, 
however, is pointed toward an open space in the 
active site occupied by one fixed molecule of water 
but large enough to accommodate a carboxylato 
group. The imidazolio group of Histidine 218 is 
adjacent to the open space, and it could form a 
hydrogen bond with one oxygen on the carboxylato 
group of meso-2,6-diaminoheptanedioate when it 
is the reactant to ensure that the carboxylato group 
bears a negative elementary charge as required by 
the decarboxylation. 
 Diaminopimelate decarboxylase catalyzes a 
decarboxylation of an (R)-amino acid that occurs 
with inversion of configuration. ∂-Ornithine/∂-lysine 
decarboxylase from Salmonella enterica, which is a 
homologue of diaminopimelate decarboxylase 
from L. sphaericus (27% identity; 1.8 gap percent), 
also catalyzes a decarboxylation of an (R)-amino 
acid that occurs with inversion of configuration, 
and the homologous cysteine, Cysteine 387, is also 
in the same location in the active site adjacent to 
pyridoxal 5¢-phosphate.534 
 There are many enzymes using pyridoxal 
5¢-phosphate as a prosthetic group to catalyze 
decarboxylations of amino acids that are chemically 
equivalent to those catalyzed by diaminopimelate 
decarboxylase and ∂-ornithine/∂-lysine decarbox-
ylase. Each of these other enzymes, however, usually 
has as its reactant the respective naturally occurring 
(S)-amino acid, but the hydron added nevertheless 
becomes the pro-R hydrogen in the product,510 as 
does the hydron added by diaminopimelate decar-
boxylase. Each of these other decarboxylases must 
have, as has diaminopimelate decarboxylase, a cata-
lytic acid in its active site on the Re face of the respec-
tive enamine 4-54 (Equation 4-256). In these 
decarboxylases, carbon dioxide leaves from the Re 
face of the quinonoid intermediate rather than the 
Si face because the amino acid has the S config-
uration. Therefore, these other enzymes proceed 
with retention of configuration. The catalytic acid–
bases that catalyze the decarboxylation step, if any 
are required, must reside on the same face (the 
Re face) as the catalytic acid that hydronates the 
resulting enamine in the next step, and there must 
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be enough space on the Re face to accommodate the 
carboxylato group of the (S)-amino acid. 
 A more extensive set of stereochemical conclu-
sions has been drawn for the nucleophilic substitu-
tion catalyzed by the active site of cystathionine 
g-synthase (previously Equation 2-31) 

 
                (4-257) 

from S. typhimurium535 and its prosthetic pyridoxal 
5¢-phosphate. In the normal reaction, the stripped 
intermediate 4-55 is formed from O4-succinyl-
(S)-homoserine by tautomerization of its external 
pyridoximine to form the N-pyridoxylimine 

                (4-258) 

followed by the elimination that proceeds through 
removal of the b-hydron and expulsion of the leaving 
group, succinate, from the g carbon (Equations 2-4, 
2-21, 2-32, and 2-34, respectively) 

                (4-259) 

The sulfido group of ¬-cysteine then replaces the 
carboxylato group of the succinate, and the sequence 
of steps proceeds in reverse. 
 N-Pyridoxylimine 4-55 happens to be the 
N-pyridoxylimine (Equation 4-258) of vinylglycine, 
and the enzyme will also accept (S)-vinylglycine as 
a reactant 

 
                (4-260) 

and produce ¬-cystathionine from it. Both (E)-[3,4-2H2]-
(S)-vinylglycine and (Z)-[4-2H]-(S)-vinylglycine were 
synthesized chemically, and the absolute stereo-
chemistries of the ¬-cystathionines produced from 
these two vinylglycines were determined. From 
these results, it was concluded that the sulfido 
group of ¬-cysteine is added to the Re face of 
(E)-[3,4-2H2]vinylglycine (the face toward the view-
er in Equation 4-260) and to the stereochemically 
equivalent Si face of (Z)-[4-2H]vinylglycine during 
the respective productions of ¬-cystathionine. The 
hydron added to intermediate 4-55 at the b carbon 
was already known to become the pro-R hydrogen 
of the product (Equation 4-257)536 so it must be 
added to the Si face of the b carbon in intermediate 
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4-55.* There are more consequential requirements 
at the a carbon in proceeding from the reactant and 
generating the product, both of which must be 
2S-amino acids. The hydron removed from the 
a carbon of O4-succinyl-(S)-homoserine to produce 
the initial quinonoid intermediate (Equation 4-258) 
must have been removed from what becomes its 
Re face, and the hydron added to the a carbon of 
the final quinonoid intermediate, which results 
from addition of the sulfanyl group to intermediate 
4-55 and its dehydronation at the 4¢ carbon of the 
pyridoxyl group, must be added to its Re face (the 
face opposite the Si face at the a carbon in Equa-
tion 4-260). 
 In the crystallographic molecular model537 of 
the complex between cystathionine g-synthase from 
Nicotiana tabacum (34% identity; 0.8 gap percent 
relative to S. typhimurium) and an inhibitor of the 
enzyme that forms an intermediate analogous to 
4-55, the 4-hydroxy group of Tyrosine 163 sits on 
the Si face of the b carbon at a distance of 0.30 nm 
from it and in a location from which its conjugate 
base could remove a hydron from the incoming 
sulfido group of ¬-cysteine and deliver that hydron 
to the Si face of the b carbon (see reverse of Equa-
tion 4-259). Because the succinyl group leaves to 
produce intermediate 4-55 (Equation 4-259) from 
the same face at which the sulfido group adds to inter-
mediate 4-55,535 the hydroxy group of Tyrosine 163 
must remove the hydron from the b carbon of the 
N-pyridoxylimine of O4-succinyl-(S)-homoserine 
and probably hydronates the oxygen of the leaving 
group in the steps that follow formation of the 
N-pyridoxylimine. All these assignments for the 
role of Tyrosine 163 based on the crystallographic 
molecular model required unambiguous knowledge 
of the stereochemistry of the enzymatic reaction 
because there is also a tyrosine that could act as a 
catalytic acid–base on the Si, Re, Re face of inter-
mediate 4-55. 
 Lysine 261, which forms the internal pyridox-
imine in the resting enzyme,538 sits on the Re face 
of the a carbon in the complex with the inhibitor, at 
a distance of 0.34 nm from it and in a location from 
which it can remove a hydron from the 4¢ carbon of 
the 5¢-phosphopyridoxyl group of the tautomer of 
the external pyridoximine and deliver it to the 
Re face of the a carbon in the quinonoid interme-
diate (reverse of the first step in Equation 4-258) to 
form the external pyridoximine of the product 

																																																								
*Note that the priorities for the b carbon and the g carbon reverse 
when an oxygen or sulfur is added to the g carbon. 

¬-cystathionine. Presumably, Lysine 261 removes 
the hydron from the Re face of the a carbon of the 
initial external pyridoximine of O4-succinyl-(S)-homo-
serine to form the quinonoid intermediate and then 
hydronates carbon 4¢ of the 5¢-phosphopyridoxyl 
group during the tautomerization (Equation 4-258). 
 Determination of the stereochemistry of carbox-
ylases provides information about the orientations 
and identities of catalytic acid–bases in the respective 
active sites. The enzymatic reaction catalyzed by por-
cine propionyl-CoA carboxylase 

 
                (4-261) 

proceeds with retention of configuration at carbon 
2. This conclusion is based on two observations. 
When either deuterium539 or tritium540 is substituted 
for the pro-S hydrogen, it is retained in the product. 
When deuterium is substituted for the pro-R hydro-
gen, it is not retained in the product.540 Therefore, 
the catalytic base in the active site that removes the 
hydron to produce the enolate at carbon 2 must 
be on the same side of the reactant as the 
1-(N-carboxy)biotin that delivers the activated 
carbonic acid to that same carbon in the enolate. 
 In the crystallographic molecular model of the 
complex between propionyl-CoA carboxylase from 
Streptomyces coelicolor and biotin and propio-
nyl-SCoA, the pro-R hydrogen of carbon 2 of propio-
nyl-SCoA is directed toward nitrogen 1 of biotin, 
and the distance between carbon and nitrogen is 
0.42 nm. It has been proposed that, during the 
enzymatic carboxylation, biotin dissociates from the 
carboxy group at nitrogen 1 of 1-(N-carboxy)biotin 
(1-107) to give CO2 

         
                (4-262) 

which is held in place by the active site. The resulting 
conjugate base of the biotin, which, because it is, at 
the moment of dissociation, the ureido anion, is a 
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strong base (pKa @ 27), then removes the pro-R hydron 
from carbon 2 of propionyl-SCoA, and the adjacent, 
entrapped CO2 then adds to the resulting enolate at 
the same face from which the hydron was removed.541 
These assignments of the several roles are based 
almost entirely on the stereochemical determina-
tions. 
 In the carboxylation catalyzed by peptidyl–gluta-
mate 4-carboxylase from R. norvegicus, however, in 
which biotin is not involved, the pro-S hydron is 
removed from carbon 4 of ¬-glutamate also by a 
strong base (previously Equation 2-222) 

  
                (4-263) 

but in this case the strong base is provided by vita-
min K (previously in Equation 2-225) 

         
                (4-264) 

and carbon dioxide adds to the enolate from its other 
face, so the carboxylation in this case proceeds 
with inversion of configuration.542 
 Information about the relative orientation of 
reactants or catalytic functional groups or both of 
them within the active site can be gained by deter-
mining whether an addition–elimination catalyzed 
by an enzyme proceeds in a syn sense or an anti 
sense. This information is analogous to that gained 
by determining whether retention or inversion of 
configuration occurs at a particular chiral or prochiral 

carbon. For example, in the elimination–addition 
catalyzed by phosphopyruvate hydratase 

     
                (4-265) 

from O. cuniculus, the reaction proceeds with anti 
elimination or addition of water, because the deuter-
ium of (3R)-[3-2H]-∂-2-phosphoglycerate is found 
trans to the phosphate in (E)-[3-2H]phosphoenol-
pyruvate that is the product, with no detectable 
(Z)-[3-2H]phosphoenolpyruvate.543 Therefore, in 
the active site of the enzyme, the catalytic base that 
removed the hydron from carbon 2 of ∂-2-phospho-
glycerate is on the Si face of carbon 2 in the resulting 
phosphoenolpyruvate, and the catalytic acid that 
hydronated the hydroxy group of ∂-2-phospho-
glycerate to convert it to a competent leaving group 
is on the Re face of carbon 3 in the resulting phos-
phoenolpyruvate. In the crystallographic molecular 
model of the complex between phosphopyruvate 
hydratase from S. cerevisiae (62% identity; 0.5 gap 
percent relative to O. cuniculus) and an equilibrium 
mixture of phosphoenolpyruvate and 2-phospho-
∂-glycerate, the 6-ammonio group of Lysine 345 is 
on the Si face of carbon 2 of phosphoenolpyruvate, 
its nitrogen atom 0.31 nm from carbon 2. Conse-
quently, this amino group has been assigned as the 
base that removes the hydron from carbon 2 of 
2-phospho-∂-glycerate. As expected from the stereo-
chemical observations, the hydroxy group that is 
added to phosphoenolpyruvate is found on its 
Re face of carbon 3, accepting hydrogen bonds 
from the carboxy group of Glutamic Acid 211 and 
the imidazolyl group of Histidine 373. Consequently, 
both of these acids have been assigned as catalytic 
acids that improve the leaving group or, in reverse, 
the nucleophile.544 
 There are several related dehydratases that 
share a common set of acid–bases catalyzing anti 
eliminations. Phosphopyruvate hydratase, mandelate 
racemase, glucarate dehydratase, ∂(-)-tartrate dehy-
dratase, ¬-fuconate dehydratase, muconate cyclo-
isomerase, and galactonate dehydratase all share a 
common ancestor, a conclusion based on alignment 
of sequences and superposition of crystallographic 
molecular models.545-551 Each enzyme uses the 
6-amino group of a lysine to remove a hydron a to 
a carboxy group,100,101,543,544,549,551-557 as in the active 
site of phosphopyruvate hydratase (Equation 4-265). 
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 In the active site of mandelate racemase from 
P. putida, Histidine 297, in a homologous position 
to Histidine 345 in phosphopyruvate hydratase, sits 
on the opposite side of the substrates from this lysine, 
Lysine 166, to operate on the other hydron in the 
racemization catalyzed by the enzyme558 (Equation 
4-252). 
 In the active site of glucarate dehydratase from 
E. coli,554 Histidine 339, in the homologous position 
to Histidine 297 in mandelate racemase, sits on the 
opposite side of the substrates from Lysine 207, in 
the homologous position to Lysine 166 in man-
delate racemase. Histidine 339 removes the hydron 
on carbon 5 of ∂-glucarate and Lysine 207 adds a 
hydron to carbon 5 during the epimerization between 
∂-glucarate and ¬-idarate catalyzed by the enzyme559 
(upper equilibrium in Equation 4-266) 

                (4-266) 

the same roles played by the homologous amino acids 
in the epimerization of mandelate by mandelate 
racemase. Histidine 339, however, also hydronates 
the hydroxy group that leaves from the carbon 
equivalent to carbon 4 of ∂-glucarate in the dehy-
dration of ¬-idarate that is also catalyzed by the 
active site of glucarate dehydratase,556 as does the 
homologous histidine in phosphopyruvate hydratase. 
In this instance, in contradistinction to the theme 
of the present discussion, the conclusions that the 
dehydration of ¬-idarate must be anti and that the 
hydron that is removed during the dehydration 
must be removed by the amino group of Lysine 207 

are based so far only on arguments of homology 
and on the orientation of the product, 4-deoxy-
5-dehydro-∂-glucarate, when it is bound in the active 
site in the crystallographic molecular model of its 
complex with the enzyme,554 rather than any stereo-
chemical observations. 
 In the active site of ∂(-)-tartrate dehydratase 
from Bradyrhizobium japonicum, the homologous 
Histidine 322 sits on opposite side of the substrates 
from the homologous Lysine 184, which removes 
the hydron from (S,S)-tartrate during its dehydration 
to the enol of oxaloacetate. The imidazolyl group of 
Histidine 322 hydronates the hydroxy group that 
leaves in the elimination catalyzed by the enzyme.551 

                (4-267) 

Again, the dehydration is assigned as an anti elimi-
nation based only on the conformation assumed by 
(S,S)-tartrate in the crystallographic molecular 
model of its complex with a mutant of the enzyme 
in which Lysine 184 has been replaced with ala-
nine. 
 In the active site of ¬-fuconate dehydratase 
from Xanthomonas campestris, the homologous 
Histidine 351, which also hydronates the hydroxy 
group that leaves in the dehydration catalyzed by 
the enzyme, sits on the opposite side of the substrates 
from the homologous Lysine 220, which removes 
the hydron from carbon 2 of ¬-fuconate during its 
dehydration.549 The fact that the hydron ending up 
on prochiral carbon 3 of 2-dehydro-3-deoxy-¬-fuco-
nate (the ultimate product) is the pro-S hydrogen 
suggests that the 6-ammonio group of Lysine 220, 
operating on the same face of the intermediate 
enol 4-56 as it did when it removed the hydron from 
carbon 2, provides the hydron added to carbon 3. 
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                (4-268) 

The fact that the pro-S hydrogen on carbon 3 of the 
product is always a deuteron549 when the reaction 
is performed in 2H2O means that the 6-amino 
group of Lysine 220, if it does operate on both of 
these carbons as shown in Equation 4-268, does not 
transfer the same hydron from carbon 2 to carbon 3 
but equilibrates completely with the solution before 
adding the hydron to carbon 3. 
 In the active site of muconate cycloisomerase 
from Mycolicibacterium smegmatis, the 6-amino 
group of the homologous Lysine 162 removes the 
pro-S hydron from the carboxymethyl group of the 
lactone, (2S)-2-(5-oxo-2H-furan-2-yl)acetate, in the 
anti elimination catalyzed by this enzyme.553,560 In 
the sequence of amino acids for the protein, however, 
the homologous histidine is replaced by Glycine 292 
and the leaving group in the elimination is instead 
improved by the 6-ammonio group of Lysine 266, 
acting as a catalytic acid, and a hydrogen bond 
from the amido group of Glutamine 294. This glu-
tamine is only two positions in the sequence of 
amino acids away from that normally occupied by 
the homologous histidine, and along with the hydroxy 
group of Threonine 54, it acts as an oxyanion hole 

                     (4-269) 

 All these observations on homologous enzymes 
that nevertheless catalyze different reactions illustrate 
the versatility of an active site in which there are 
two catalytic acid–bases, one on each side of the 
position in which substrates are bound, to which 
natural selection can add a third or fourth catalytic 
acid–base as circumstances require. Such an anti 
arrangement of catalytic acid–bases can catalyze 
epimerization or anti elimination. These results also 
illustrate that a determination that an elimination 
is anti identifies at least two catalytic acid–bases in 
the active site of a crystallographic molecular model. 
This family of enzymes is also an example of the 
fact that when the reaction catalyzed by an enzyme 
is changed by evolution through natural selection, 
the same catalytic groups are often co-opted to play 
similar roles even though the new reaction may be 
completely different from the old.561 
 Addition–eliminations discussed so far have all 
been anti eliminations, but syn eliminations also 
occur in active sites within the same family. In the 
active site of muconate cycloisomerase from P. putida, 
the pro-R hydron is removed by homologous Lysine 
171 from the carboxymethyl group of (2S)-2-(5-oxo-
2H-furan-2-yl)acetate, rather than the pro-S hydron 
as in muconate cycloisomerase from M. smegmatus 
(Equation 4-269). In the resulting syn elimination, 
rather than the anti elimination, the leaving group 
is improved by the imidazolyl group of nonhomol-
ogous Histidine 24.552,553,562 Thus there are muconate 
cycloisomerases that share a common ancestor 
(35% identity) and catalyze the same reaction with 
the same apparent stereochemistry but have a differ-
ent, albeit cryptic, prochiral stereochemistry enforced 
by different, nonhomologous catalytic groups in 
the respective active sites. The related enzyme 
3-carboxy-cis,cis-muconate cycloisomerase also 
shows both syn563 and anti552 stereochemistry in 
different species. That both syn and anti stereo-
chemistries can occur for the same addition–
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elimination reiterates that there are no significant 
inherent preferences for one over the other. 
 
 One of the most sophisticated stereochemical 
tools to study the orientation of catalytic acid–bases 
within an active site has been chiral methyl groups. 
The first compound with a chiral methyl group to 
be prepared was [3H,2H]acetate in its two enantio-
meric forms 

 

 One of the two original syntheses of enantio-
meric [2H,3H]acetate proceeds from [3H]glyoxylate* 
(Figure 4-31)564 by (i) reduction with NAD1H and 
¬-lactate dehydrogenase (Equation 4-204) from mam-
malian muscle, (ii) reduction of the carboxylate to 
the alcohol with lithium aluminum hydride, (iii) 
activation for nucleophilic substitution of one of 
the two equivalent hydroxy groups of the ethylene 
glycol at random with 4-bromobenzenesulfonyl 
chloride, (iv) nucleophilic substitution with a deu-
teride from lithium aluminum deuteride with in-
version of configuration, and (v) oxidation of the 
alcohol to the carboxylic acid with oxygen over 
platinum. The synthesis provides an equimolar 
mixture of [2H]acetate and (R)-[2H,3H]acetate. The 
stereochemistry of tritiated product is assigned 
directly as R because ¬-lactate dehydrogenase (Equa-
tion 4-204) is known565 to produce the S isomer of 
glycolate from [3H]glyoxylate and unlabeled NADH 
and the nucleophilic substitution with deuteride 
proceeds with inversion of configuration. The 
(S)-[2H,3H]acetate can be obtained by the same 
sequence of reactions with the exception that glyox-
ylate reductase from S. oleracea is used in the first step 
to produce stereochemically pure (R)-[3H]glycolate 
rather than (S)-[3H]glycolate. The two enantiomeric 
acetates can be converted readily to the two acetyl-
coenzymes A, which are the usual substrates for 
enzymes operating on acetate, with acetate kinase 
and phosphate acetyltransferase.566 
 
 

																																																								
*Although it is prohibitive to synthesize glyoxylate in which all 
of the hydrogen is tritium—in other words, the tritium is "carrier 
free"—the fact that most of the [3H]glyoxylate has a hydrogen 
at carbon 2, and consequently most of the [2H,3H]acetate has a 
hydrogen rather than a tritium at carbon 2, is inconsequential 
to the way in which the final analysis of chirality is performed. 

 
 
Figure 4-31: Synthesis of chiral acetate from [2-3H]glyoxylate.564 
(i) [2-3H]Glyoxylate was reduced with NADH and ¬-lactate 
dehydrogenase to produce (2S)-[2-3H]glycolate. (ii) The methyl 
ester of (2S)-[2-3H]glycolate was reduced chemically with 
LiAlH4 to produce (1S)-[1-3H]ethylene glycol. (iii) An equimolar 
mixture of the two 4-bromobenzenesulfonates (brosylates) of 
the labeled ethylene glycol was produced by sulfonylation with 
4-bromobenzenesulfonyl chloride. (iv) The leaving ability of a 
4-bromobenzenesulfonyl group was exploited to promote reduc-
tion of the two regioisomers with [2H]LiAlH4 by substitution 
with deuteride with inversion of configuration. (v) The resulting 
equimolar mixture of (2R)-[2,2-2H,3H]ethanol and (1S)-1-tritio-
2-deuterioethanol was oxidized with O2 over a platinum catalyst, 
producing a mixture of (R)-[2H,3H]acetate and [2H1]acetate. 
Because only a portion of the original [2-3H]glyoxylate was 
actually tritiated, the only effect of the equimolar yield of 
[2H1]acetate was to halve the specific radioactivity of the product 
relative to that of the initial [2-3H]glyoxylate, not to introduce a 
species of acetate that was not already unavoidably present. 
 
 
 
 Other syntheses of enantiomeric [2H,3H]acetate 
avoid the requirement for enzymatic steps by re-
solving two enantiomers as diastereomeric salts or 
adducts566-568 and then converting the two resolved 
enantiomers separately to the respective enantio-
meric acetates. For example, the carbon–carbon triple 
bond in [2-2H]-1-phenylethyne was (i) reduced stereo-
specifically with diimide to give (Z)-[2-2H]-1-phenyl-
ethene, which was then (ii) epoxidized with peroxy-
benzoic acid to give an equimolar mixture of the two 
diastereomers of (Z)-[2-2H]-1-phenyloxirane resulting 
from epoxidation at the two faces of (Z)-[2-2H]-1-phen-
ylethene. This diastereomeric mixture of the two 
(Z)-[2-2H]-1-phenyloxiranes 
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                (4-270) 

was then (iii) reduced with Li3HB(C2H5)3 to produce 
an equimolar mixture of [2R-2H,3H]-(R)-1-phenyl-
ethanol and [2S-2H,3H]-(S)-1-phenylethanol. The 
chirality at carbon 1 was exploited to resolve the 
two diastereomers of 1-phenylethanol by fractional 
crystallization of their brucine phthalates. The two 
diastereomers were then (iv) oxidized to the respec-
tive [2,2-2H,3H]phenyl ketones with CrO3 followed 
by oxidation with peroxytrifluoroacetic acid to 
produce a Baeyer–Villiger rearrangement (Equation 
4-270). The two enantiomeric phenyl [2H,3H]acetates 
were (v) saponified, and the acetates were collected as 
the respective sodium salts.566 Another synthesis begins 
with (S)-[1,1-2H,3H]ethanol and (R)-[1,1-2H,3H]ethanol 
prepared by reduction of [1-2H]ethanal with two 
enantiomeric 9-borabicylo[3.3.1]nonanes,569 and 
yet another relies on the ability of rhenium to par-
ticipate in a planar double bond with carbon and 
yet remain tetrahedral and enantiomeric.570 
 The use of enantiomeric [2H,3H]acetyl-SCoA to 
answer a stereochemical question relies upon the 
kinetic isotope effect and the planar, rigid structure 
of an enolate. Consider (R)-[2H,3H]acetyl-SCoA bound 
to an active site (Figure 4-32). The first step in most 
enzymatic reactions using acetyl-SCoA as a reactant 
is removal of a hydron from the acetyl group to create 
its enolate. The acetyl-SCoA will be bound unavoid-
ably to the active site through its coenzyme A and 
should form a hydrogen bond at its acyl oxygen 
with at least the catalytic acid, -NH(+), that hydro-
nates the oxo oxygen to catalyze formation of the 
enol or the oxyanion hole required to stabilize the 
oxyanion of the enolate. The chiral methyl group, 
because it cannot participate in a hydrogen bond or 
be hindered sterically, will be free to rotate. Assume 
that the catalytic base required to remove the hydron 
 

 
 
Figure 4-32: Production of three respective enols of 
(R)-[2H,3H]acetyl-SCoA at the active site of an enzyme. In the 
active site of the enzyme, the coenzyme A thioester of the reactant 
will be extensively immobilized by noncovalent interactions 
(symbolized by a cup), and the acyl oxygen will be hydrogen-
bonded by at least the catalytic acid, -NH(+) responsible for 
hydronation of the enolate. As each hydrogen spins by the cata-
lytic base, -O9(-), responsible for its removal, the probability 
that it will be removed should be directly proportional to the 
appropriate kinetic isotope effect. If the kinetic isotope effects 
for this hydron removal were Hk/Dk = 7 and Hk/Tk = 16, then 
the probability that the base will remove the protium is 0.83; 
the deuterium, 0.12; and the tritium, 0.05. The products of 
each reaction are planar and rigid, and they are pinned to the 
active site. 
 
 
 
from the carbon of the methyl group, -O”(-), to 
form the enolate is on the Si face of the acyl carbon 
and that normal, semiclassical maximum kinetic 
isotope effects of Dk = 7 and Tk = 16 govern removal 
of the hydron by the base. If this kinetic isotope 
effect applies and the base is on the Si face, 83% of 
the enolate formed would be the (E)-[2H,3H]enolate 
and 12% would be the (Z)-[3H]enolate. A fraction 
(5%) of the enolate would be the (E)-[2H]enolate 
and would have lost its tritium altogether and 
would no longer be radioactive. Rotation about the 
carbon–carbon bond of the enolate cannot occur 
because of its double bond. The electrophile added 
to the nucleophilic enolate in the second step of the 
reaction will approach either from the respective 
upper faces in the drawing, in which case inversion 
of configuration will occur at the a carbon, or from 
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the respective lower faces in the drawing, in which 
case retention of configuration will occur at the 
a carbon. 
 In the reaction catalyzed by malate synthase 

    
                (4-271) 

the electrophile is the carbonyl group of glyoxylate 

   
                (4-272) 

where the numbering is for the malate that is the 
final product. Because (S)-malate is the product of 
the reaction, the enolate of acetyl-SCoA must add 
to the Si face of the glyoxylate as shown. This stereo-
chemical conclusion follows only from the known 
stereochemistry of the product. The cryptic stereo-
chemistry at the methylene carbon of the enolate of 
acetyl-SCoA can be assessed by using the pair of 
enantiomeric [2H,3H]acetyl-SCoAs. 
 The strategy for determining the cryptic stereo-
chemistry is most easily understood by making a 
prediction (Figure 4-33). Consider for the moment 
only the major product (87%) of acid dissociation, 
the [2H,3H]enolate of acetyl-SCoA (Figure 4-32). If 
the reaction proceeds with retention of configuration 
at carbon 3 of malate, then (R)-[2H,3H]acetyl-SCoA 
should give (2S,3R)-[3,3-2H,3H]malate as the major 
product and (S)-[2H,3H]acetyl-SCoA should give 
(2S,3S)-[3,3-2H,3H]malate as the major product. If 
the reaction proceeds with inversion of configuration 
at carbon 3 of malate, then (R)-[2H,3H]acetyl-SCoA 
should give (2S,3S)-[3,3-2H,3H]malate as the major 
product and (S)-[3H,3H]acetyl-SCoA should give 
(2S,3R)-[3,3-2H,3H]malate as the major product. The 
product of retention from (R)-[2H,3H]acetyl-SCoA 
is identical to the product of inversion from 
(S)-[2H,3H]acetyl-SCoA, and the product of retention 
from (S)-[2H,3H]acetyl-SCoA is identical to the prod-
uct of inversion from (R)-[2H,3H]acetyl-SCoA. The 
same respective identities are true for the other two 
products of acid dissociation, the [3H]enolate and 
the [2H]enolate (Figure 4-32). 

 
 
Figure 4-33: Predictions for the stereochemical consequences of 
the malate synthase reaction if it proceeds either with inversion 
of configuration or with retention of configuration from either 
(R)-[2H,3H]acetyl-SCoA or (S)-[2H,3H]acetyl-SCoA. The actual 
stereochemistries of the products from each enzymatically 
catalyzed nucleophilic addition of each enantiomer to glyoxylate 
are assessed by examining the loss of tritium upon dehydration 
of the two respective (2S)-malates with fumarate hydratase. 
 
 
 
 Fumarate hydratase is used to distinguish the 
labeled products from malate synthase. The dehy-
dration catalyzed by fumarate hydratase is always 
anti regardless of the disposition of isotopes of 
hydrogen on carbon 3 of the malate (Figure 4-27). 
Fumarate hydratase removes the tritium from 
(2S,3R)-[3,3-2H,3H]malate (as shown in Figure 4-33) 
but removes the hydrogen from (2S,3S)-[3-3H]malate 
and the deuterium from (2S,3R)-[3-2H]malate. 
The latter two products always accompany 
(2S,3R)-[3,3-2H,3H]malate (Figure 4-32). Fumarate 
hydratase, however, removes the deuterium from 
(2S,3S)-[3,3-2H,3H]malate (as shown in Figure 4-33), 
but it removes the tritium from (2S,3R)-[3-3H]malate 
and the hydrogen from (2S,3S)-[3-2H]malate. The 
latter two products, in turn, always accompany 
(2S,3S)-[3,3-2H,3H]malate. 
 If the kinetic isotope effects in the active site of 
malate synthase had been Dk = 7 and Tk = 16 and if 
the stereochemistry at carbon 3 is disregarded for a 
short moment, then 83% of the malate produced 
from either enantiomer of [2H,3H]acetyl-SCoA 
should have been (2S)-[3,3-2H,3H]malate; 12%, 
(2S)-[3-3H]malate; and 5%, (2S)-[3-2H]malate (Fig-
ure 4-32). Consequently, 95% of the malate pro-
duced has a tritium at carbon 3. Now, if the 
stereochemistry at carbon 3 is considered, then 
upon incubation with fumarate hydratase, the malate 
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that is the product of the reaction should lose 87% 
(83/95) of its tritium if it is a mixture of 83% 
(2S,3R)-[3,3-2H,3H]malate, 12% (2S,3S)-[3-3H]malate, 
and 5% (2S,3R)-[3-2H]malate. It should lose 13% 
(12/95) of its tritium if it is a mixture of 83% 
(2S,3S)-[3,3-2H,3H]malate, 12% (2S,3R)-[3-3H]malate, 
and 5% (2S,3S)-[3-2H]malate. 
 When (R)-[2H,3H]acetyl-SCoA was incubated 
with glyoxylate and malate synthase from S. cere-
visiae, the [3H]malate produced lost only 31% of its 
tritium upon conversion to fumarate,566 so it must 
have been a mixture of (2S,3S)-[3,3-2H,3H]malate, 
(2S,3R)-[3-3H]malate, and (2S,3S)-[3-2H]malate. 
When (S)-[2H,3H]acetyl-SCoA was incubated with 
glyoxylate and malate synthase, the [3H]malate 
produced lost 69% of its tritium upon conversion to 
fumarate, so it must have been a mixture of 
(2S,3R)-[3,3-2H,3H]malate, (2S,3S)-[3-3H]malate, and 
(2S,3R)-[3-2H]malate. Therefore, malate synthase 
catalyzes the condensation with inversion of configu-
ration at the methyl carbon of acetyl-SCoA. 
 The losses of tritium observed (31% and 69%) 
were closer to 50% than the predicted losses (13% 
and 87%). In independent experiments,571 it was 
determined that the intrinsic kinetic isotope effect 
Dk for malate synthase is 3.7. This observation ex-
plains, in part, the percentages of tritium loss that 
are greater and less than theoretical, respectively. 
Usually, the actual intrinsic kinetic isotope effects 
will be less than the theoretical maxima. In addition, 
exchange of the various isotopes of hydrogen on 
the acetyl-SCoA, both enzymatic and nonenzymatic, 
leading to racemization and eventually resulting in 
a ratio of 50% and 50%, will occur slowly but contin-
uously in the aqueous solutions used for the experi-
mental mixtures. Both the less-than-maximum intrin-
sic deuterium and tritium kinetic isotope effects 
and the racemization will tend to cause the two 
losses of tritium to become closer to 50%. 
 If the reaction catalyzed by malate synthase 
proceeds by inversion of configuration, then the 
catalytic base within the active site that removes 
the hydron from the methyl group to form the enolate 
must be on the opposite side of bound acetyl-SCoA 
from the position at which the carbonyl of glyox-
ylate is held within the active site, with its Si face 
directed toward the methyl carbon of bound ace-
tyl-SCoA. Because the glyoxylate could be on either 
side of the enolate, there is no way to learn from 
the stereochemical result alone whether the cata-
lytic base in the active site is on the Si face of the 
acyl group of bound acetyl-SCoA, as shown in Fig-
ure 4-32, or on its Re face. Only the relative stereo-

chemistry of the reaction is assessed. On the basis 
of these stereochemical observations, however, it 
was possible for the crystallographers to assign the 
role of removing the hydron from the acetyl-SCoA 
to the carboxy groups of the homologous Aspartate 
632 and Aspartate 631, respectively, in the crystal-
lographic molecular models of complexes between 
the homologous (56% identity; 0.4 gap percent) malate 
synthases from E. coli572 and M. tuberculosis573 and 
various substrates and inhibitors. Both homolo-
gous aspartates are in locations that would position 
them on the Si face of acyl carbon of the enolate (as 
in Figure 4-32), the face of the enolate opposite 
from the glyoxylate when it occupies the active site. 
Crystallographic determination of the position of 
the glyoxylate within the active site resolves the 
ambiguity. 
 Once it was shown that malate synthase proceeds 
with inversion of configuration at the methyl carbon 
of acetyl-SCoA, a criterion for deciding the chirality 
of any chiral [2H,3H]acetate produced in any enzy-
matic reaction became available.574 (R)-[2H,3H]Acetate 
is the enantiomeric [2H,3H]acetate which, when 
converted to malate by malate synthase, produces 
[3H]malate that retains most of its tritium upon incu-
bation with fumarate hydratase, and (S)-[2H,3H]ace-
tate is the enantiomeric [2H,3H]acetate which, when 
converted to malate by malate synthase, produces 
[3H]malate that loses most of its tritium upon incu-
bation with fumarate hydratase. A method for deter-
mining by tritium nuclear magnetic resonance 
spectroscopy the absolute stereochemistry of any 
[3H,3H]methyl group that can be converted to 
methylamine has also been devised.575 
 The assay that uses malate synthase and fumarate 
hydratase can be expanded to assess the absolute 
stereochemistry of any [2H,3H]methyl group in a 
molecule if that methyl group can be converted into 
the methyl group of [2H,3H]acetate without racemi-
zation. This conversion is usually done by chemically 
oxidizing the immediate product of the enzymatic 
reaction. For example, a culture of Streptomyces 
cattleya incorporates a methyl group derived from 
¬-methionine, through S-adenosyl-¬-methionine, 
into thienamycin 
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The methyl group ends up as carbon 9 of the 
thienamycin. After the 6S and 6R diastereomers of 
[6,6-2H,3H]-¬-methionine, which were synthesized 
from (R)-[2H,3H]acetate and (S)-[2H,3H]acetate, 
respectively,576 were fed separately to cultures, the 
thienamycin produced by the bacteria was oxidized 
with CrO3 in H2SO4 to give [2H,3H]acetic acid contain-
ing the undisturbed methyl group. The [2H,3H]acetates 
were determined to be S and R, respectively,577 by 
the criterion of tritium loss or tritium retention 
following treatment with malate synthase and 
fumarate hydratase. Consequently, the reaction at 
the methyl groups of the two respective S-adenosyl-
¬-methionines produced from the two diastereo-
mers of ¬-methionine proceeds with retention of 
configuration. This conclusion is of interest because 
almost every other methylation performed by active 
sites using S-adenosyl-¬-methionine as the methyl 
donor proceeds with inversion of configuration in a 
concerted nucleophilic substitution. 
 Coenzyme-B sulfoethylthiotransferase (previ-
ously Equation 2-358) 

      
                (4-273) 

where CoBSH is coenzyme B and methyl-SCoM is 
methylcoenzyme M, in addition to producing 
methane from methyl-SCoM (previously 2-173) 

 

will produce ethane from ethyl-SCoM. The R and S 
enantiomers of [1,1-2H,3H]ethyl-SCoM were pro-
duced from [1-2H]acetaldehyde in separate stereo-
specific syntheses that differed only in the 
stereoisomer of B-(3-pinanyl)-9-borabicyclo[3.3.1]-
nonane used as a reductant. These enantiomers were 
separately incubated with a cell-free extract from 
the methanogenic bacterium Methanosarcina 
barkeri in 1H2O and the resulting ethanes were 
photochemically chlorinated and oxidized with 
basic permanganate, the radioactive products were 
the R and S enantiomers of [2H,3H]acetate, respec-
tively. Consequently, the overall substitution of the 
sulfanyl group by a hydride* to produce the ethane 
proceeds with net inversion of configuration.569 

																																																								
*The replacement of a sulfur with a tritium inverts the priority 
relative to carbon. 

Unlike the result for the methylation producing 
thienamycin (4-59), this result is consistent with 
the expected nucleophilic substitution at that carbon 
by the nucleophilic nickel(I) in coenzyme F430 (pre-
viously 2-175) 

 

with -SCoM as the leaving group, which should 
proceed with inversion of configuration, followed 
by reduction of the resulting methyl nickel with re-
tention of configuration, presumably the result of 
the nickel in the methyl coenzyme F430 delivering 
the hydride to its own methyl group from a ligand 
position immediately adjacent to the carbon–nickel 
bond. The enantiomers of [1,1-2H,3H]ethane itself 
have been used to examine the stereochemistry of 
soluble methane monooxygenase from Methylo-
coccus capsulatus (previously Equation 2-295) 

     
                (4-274) 

which also will accept ethane as a substrate.578 
 Both the Z and E stereoisomers of [3,3-2H,3H]phos-
phoenolpyruvate have been synthesized enzymati-
cally (see Problem 4-26)579,580 and can be used as 
complementary reactants for one of the many 
enzymes using phosphoenolpyruvate. For example, 
the active site of pyruvate kinase produces a methyl 
group from a methylene group of phosphoenolpyru-
vate during its enzymatic reaction 

          (4-275) 
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by adding a hydron to carbon 3 of the enolate of 
phosphoenolpyruvate. The Z and E stereoisomers 
of [3,3-2H,3H]phosphoenolpyruvate were separately 
incubated with pyruvate kinase from O. cuniculus 
in 1H2O to generate the two respective enantiomers 
of [3,3-2H,3H]pyruvate. These enantiomers were 
oxidized with H2O2 to produce the respective enan-
tiomeric [2H,3H]acetates. The [3,3-2H,3H]pyruvate 
produced by the enzyme from (E)-[3,3-2H,3H]phos-
phoenolpyruvate gave (R)-[2H,3H]acetate (68% reten-
tion of 3H) 

                (4-276) 

and the [3,3-2H,3H]pyruvate from (Z)-[3,3-2H,3H]phos-
phoenolpyruvate gave (S)-[2H,3H]acetate (84% loss 
of 3H).579 Therefore, the catalytic acid that adds the 
hydron to the enolate of pyruvate during the enzy-
matic reaction must be on its Si face. 
 In the crystallographic molecular model of a 
complex between pyruvate kinase from O. cuniculus 
and MgATP2- and glyoxylate, which is an analogue 
of the enolate of pyruvate (Equation 4-276), a mol-
ecule of water, which is a ligand to the Mg2+ in 
MgATP2-, is the only catalytic acid that sits on the 
face of the glyoxylate that would be the Si face of 
the enolate of pyruvate being mimicked by the gly-
oxylate and that could provide the hydron to the 
Si face.581 Although this molecule of water is a decent 
acid in isolation,* a hydron from Glutamic Acid 363 
can be relayed through two other molecules of water 
and the hydroxy group of Serine 361 through this 
molecule of water on the Si face of the enolate to its 
carbon 3. 
 The two enantiomeric [3,3-2H,3H]pyruvates of 
known absolute stereochemistry that were pro-
duced by pyruvate kinase (Equation 4-276), the 
stereochemistry of which were determined from 
the respective chiral acetates, can be used to follow 
stereochemistry in the many enzymatic reactions 
involving pyruvate as a reactant. For example, bovine 
4-hydroxy-2-oxoglutarate aldolase 

																																																								
*The pKa of a molecule of water in the inner coordination sphere 
of a magnesium ion free in aqueous solution is 11.4. 

       
                (4-277) 

removes an acidic hydron from carbon 3 of pyruvate 
when it is in the enamine formed by addition of the 
amino group of Lysine 196 and then condenses this 
enamine of pyruvate with the carbonyl of glyox-
ylate. The 4-hydroxy-2-oxoglutarate produced can 
be converted directly to malate by oxidation with 
H2O2 rather than converting it to acetate and then 
to malate. The [3H]malate produced from 
(3R)-[3,3-2H,3H]pyruvate lost 81% of its tritium upon 
incubation with fumarate hydratase, and the 
[3H]malate produced from (3S)-[3,3-2H,3H]pyruvate 
retained 63% of its tritium upon incubation with 
fumarate hydratase.582 Therefore, 4-hydroxy-
2-oxoglutarate aldolase proceeds with retention of 
configuration at carbon 3 of pyruvate 

                (4-278) 

In this case, it seems likely that the same catalytic 
base that removed the hydron from pyruvate to 
form its enolate then acts as a catalytic acid to 
hydronate the carbonyl oxygen of glyoxalate to 
improve its electrophilicity, or at least transfer the 
hydron during nucleophilic addition of the enolate, 
because, as the retention of configuration reveals, 
the hydron is removed from the same side of the 
pyruvate to which the aldehyde adds. 
 In the crystallographic molecular model of 
human 4-hydroxy-2-oxoglutarate aldolase (90% 
identity; 0 gap percent) in which the imine between 
Lysine 196 and pyruvate has been formed in the active 
site, a fixed molecule of water is located 0.3 nm 
from the carbon of the methyl group of the imine 
and 0.26 nm from the 4-hydroxy group of Tyrosine 
168 on the same side that, in the enamine, adds to 
the aldehyde of the glyoxalate.583 This molecule of 
water, through which the basicity of the 4-oxido 
group of Tyrosine 168 can be relayed, seems to be 
the base that removes the hydron from the imine to 
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form the enamine, and then the enamine adds to the 
carbonyl at the same face from which the hydron 
was removed. 
 As with reactions involving enantiomeric 
[2H,3H]acetyl-SCoA, conclusions drawn from reactions 
involving enantiomeric [2H,3H]pyruvate depend 
upon an intrinsic kinetic isotope effect and the ina-
bility of an enol, enolate, enaminium, or enamine 
of pyruvate to undergo rotation between carbons 2 
and 3 (Equation 4-276) because of the double bond. 
The fact that chirality, the result of either inversion 
or retention of configuration, is actually retained in 
products of these reactions states that the interme-
diate, in which the formerly chiral carbon has lost the 
protium, deuterium, or tritium, cannot, as expected, 
rotate around the bond because such rotation 
would lead to racemization. 
 The stereochemistry of an enzymatic reaction 
involving a chiral methyl group can also demon-
strate that an intermediate in the reaction is able 
to rotate around an adjacent carbon–carbon bond 
during its lifetime. When either the R or the S enan-
tiomer of [2,2-2H,3H]ethanolamine is converted to 
[2H,3H]acetaldehyde 

      (4-279) 

by clostridial ethanolamine ammonia-lyase (Table 
2-3), an enzyme with a prosthetic coenzyme B12 in 
its active site, the [2H,3H]methyl group on the re-
sulting [2H,3H]acetaldehyde is racemic.584 This 
racemization is not due to the release of an achiral 
but rigid intermediate that is then rendered racemic 
by further reaction with the solvent, because when 
either the R or the S enantiomer of 2-aminopropanol 
is used as a reactant with the same enzyme, the 
products are enantiomeric rather than racemic. When 
(2R)-2-aminopropanol is converted to propion-
aldehyde with ethanolamine ammonia-lyase con-
taining [5A-3H]adenosylcobalamin, (2S)-[2-3H]propi-
onaldehyde is the product, but when (2S)-2-amino-
propanol is the reactant, (2S)-[2-3H]propionalde-
hyde is again the product585 

           (4-280) 

 All these results can be explained if an inter-
mediate formed at some step in the reaction cata-
lyzed by ethanolamine ammonia-lyase is free to 
rotate about its carbon–carbon bond while bound 
in the active site. For example, if the intermediate is 
the radical, produced by removal of a hydrogen atom 
from the pro-S position585 of carbon 1 followed by a 
1,2-migration of the amino group across one of its 
faces, then the resulting radical at carbon 2 produced 
from (2S)-2-aminopropanol 

                (4-281) 

should be able to rotate before it is quenched by the 
return of the hydrogen atom from [5A-3H]-5A-deoxy-
adenosine in order to explain the stereochemistry 
of the product. A similar argument, however, can 
be made if the intermediate is a carbenium ion or a 
carbanion rather than the radical. The intermediate 
produced from (2R)-2-aminopropanol would already 
be the second rotamer in Equation 4-281 rather 
than the first rotamer. If the second rotamer is the 
more stable one in the cases of both the 2S and 2R 
enantiomers of 2-aminopropanol because of steric 
interactions in the active site, then both enantiomers 
would give the same product, (2S)-[2-3H]propion-
aldehyde, as is observed. Rotation of the type de-
scribed would also explain the racemization observed 
in the case of [2,2-2H,3H]ethanolamine in which the 
two substituents on carbon 2 are merely isotopes of 
hydrogen, which cannot be sterically distinguished, 
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Figure 4-34: Synthesis of either 1-(R)-[17O,18O]phospho-(2S)-pro-
pane-1,2-diol (4-67)586 or adenosine (S)-[g,g-17O,18O]triphosphate 
(4-66).588 (1R,2S)-2-(Methylamino)-1-phenylpropanol (4-62) 
was (i) converted to the cyclic phosphoramidochloridic ester 
4-64 with [17O]POCl3 in ether with triethylamine as the base. 
(ii) Cyclic phosphoramidochloridic ester 4-64 was submitted 
to substitution with 2-benzyl-(S)-propane-1,2-diol, again with 
triethylamine as the base, and the two diastereomeric epimers 
at phosphorus were resolved chromatographically. (iii) The 
major epimer was hydrolyzed in acidic H218O, and (iv) the phos- 
 
 
 
rather than the methyl group in the intermediate 
from 2-aminopropanol, which can. In this instance, 
stereochemistry has provided information about two 
properties of the reaction: namely, that the interme-
diate is capable of dihedral rotation about its central 
carbon–carbon bond within its lifetime and that it 
is sterically confined by its surroundings. 
 
 The wide use of enantiomeric [2H,3H]acetate, 
in which three otherwise identical hydrogen atoms 
are distinguished by using the three isotopes 
protium, deuterium, and tritium, inspired the 
synthesis and use of chiral phospho groups in 
which three otherwise identical oxygen atoms are 
distinguished by using the three isotopes oxygen-16, 
oxygen-17, and oxygen-18. A chiral phospho group 
can be prepared synthetically from specific diastereo-
mers of vicinal bisnucleophiles, such as 2-(methyl- 
 

phate amido ester was reduced with H2 over palladium on carbon 
to produce the monoester 4-67. The two diastereomeric epimers 
at phosphorus of cyclic phosphoramidochloridic ester 4-64 
were separated chromatographically, and (v) the major one 
was hydrolyzed with Li18OH in H218O and dioxane. (vi) The 
product of this reaction was submitted to nucleophilic substi-
tution with ADP3- in dimethyl sulfoxide, and (vii) adenosine 
(S)-[g,g-17O,18O]triphosphate was released by reduction with 
H2 over palladium on carbon in ethanol–water. 
 
 
 
 
amino)-1-phenyl-1-propanol (4-62)586 or 1,2-diphen-
ylethylene glycol (4-63)587 

 

The particular diastereomer chosen to initiate the 
synthesis determines the stereochemistry of the 
ultimate phospho group (Figure 4-34).586,588 For ex-
ample, 1-[(R)-17O,18O]phospho-(2S)-propane-1,2-diol 
(4-67) was synthesized from (1R,2S)-2-(methyl-
amino)-1-phenylpropanol (4- 62) as follows. 
(1R,2S)-2-(Methylamino)-1-phenylpropanol was  
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(i) converted to the cyclic phosphoramidochloridic 
ester 4-64 with [17O]phosphoryl trichloride. Cyclic 
phosphoramidochloridic ester 4- 64 was then 
submitted to (ii) nucleophilic substitution with 
2-benzyl-(S)-propane-1,2-diol, and the two epimers 
at the phosphorus of the resulting diastereomeric 
cyclic [17O]phosphoramidic diester 4- 65 were 
resolved chromatographically. The major epimer 
from the chromatography was (iii) hydrolyzed in 
acidic H2

18O, and the resulting phosphate diester 
was (iv) reduced with H2 over palladium on carbon 
to produce a stereochemically pure monoester. 
 Because the chirality of the major epimer at 
phosphorus of the phosphoramidate chosen for 
further reaction after the chromatography was 
unknown and because the stereochemistry of the 
nucleophilic substitution at this particular phosphorus 
had never been determined, the synthesis itself, 
although stereospecific, did not define the chirality at 
phosphorus in the final monoester, 1-[17O,18O]phos-
pho-(2S)-propane-1,2-diol. Because, however, the 
final product was a diastereomer, the stereochemistry 
at phosphorus could be assigned unambiguously 
as R by metastable ion mass spectrometry of the 
cyclic products of intramolecular nucleophilic sub-
stitution at phosphorus by the hydroxy group in the 
(2S)-2-hydroxypropyl group.586 This assignment 
serves as the basis for stereochemical assignments 
of the other diastereomeric phosphates in the syn-
thesis. Because reduction with H2 over palladium 
on carbon (step iv) does not disturb the chirality at 
phosphorus and hydrolysis in acidic H2

18O (step iii) 
proceeds with inversion of configuration, it follows 
that the major epimer of the cyclic [17O]phosphor-
amidic diester 4-65 that was purified chromato-
graphically and chosen blindly must have had the R 
configuration at phosphorus as shown. 
 Once the assignment of the absolute stereo-
chemistry of 1-(R)-[17O,18O]phospho-(2S)-propane-
1,2-diol had been established, a rapid routine assay 
for the stereochemistry of a [17O,18O]phospho 
group in either the reactant or the product of a 
chemical synthesis, chemical reaction, or enzymatic 
reaction by phosphorus nuclear magnetic resonance 
spectroscopy became available. Usually, the chiral 
[17O,18O]phospho group in the product of a reaction 
is transferred enzymatically by reactions of known 
stereochemistries to a reference diol, either S-pro-
pane-1,2-diol (dephospho 4-67 in Figure 4-34)589 
or ∂-glucose.590 The resulting phosphate monoester 
is then intramolecularly cyclized to the cyclic diester 
with inversion of configuration to produce three 
unique cyclic diesters, which are methylated at 

random to produce six O-methyl diastereomers. 
Because the presence of oxygen-17 broadens the 
absorbances of phosphorus in a nuclear magnetic 
resonance spectrum, signals from only the four cyclic 
diesters that contain only oxygen-16 and oxygen-18 
are observed. The mixture of these four diastereo-
mers from 1-(R)-[17O,18O]phospho-(2S)-propane-
1,2-diol has a phosphorus nuclear magnetic reso-
nance spectrum that can be readily distinguished from 
the spectrum for the mixture of the four diastereomers 
from 1-(S)-[17O,18O]phospho-(2S)-propane-1,2-diol. 
 Adenosine [g ,g-17O,18O]triphosphate (4-66)588 
can also be synthesized from (1R,2S)-2-(methyl-
amino)-1-phenylpropanol (Figure 4-34). (v) The 
major epimer of diastereomeric cyclic phosphor-
amidochloridic ester 4-64 is chromatographically 
purified and then hydrolyzed with Li18OH in H2

18O 
and dioxane with retention of configuration. (vi) 
The product of this hydrolysis is submitted to nucleo-
philic substitution at phosphorus with ADP3- with 
inversion of configuration, and (vii) adenosine 
[g,g-17O,18O]triphosphate is released by reduction 
with H2 over palladium on carbon. Again, the syn-
thesis does not define the stereochemistry at phos-
phorus. When, however, the g-phospho group of 
adenosine [g,g-17O,18O]triphosphate was transferred, 
with retention of configuration,591 to 1-phospho-
(S)-propane-1,2-diol, using alkaline phosphatase 
from E. coli, the nuclear magnetic resonance spectrum 
identified the product of the synthesis as adenosine 
(R)-[g,g-17O,18O]triphosphate. 
 Another approach to enantiomeric phosphate 
has been to use two isotopes of oxygen, oxygen-16 
and oxygen-18, and replace the third oxygen with 
sulfur.592 For example, two syntheses of adenosine 
(R)-[g-18O]-g-thiotriphosphate have been devel-
oped,593,594 and the absolute stereochemical pref-
erences of acetate kinase and pyruvate kinase have 
been exploited to determine the absolute stereo-
chemistry of any [18O]thiophosphate that can be 
transferred to become the b-phosphate on ADP3-.595 
A chiral triester of thiophosphate, in which a cyclo-
hexyl group, a methyl group, and a 4-nitrophenyl 
group are substituents on the three oxygens of thio-
phosphate, has been used as a chiral reactant for 
aryldialkylphosphatase from Sphingobium fuliginis 
to demonstrate that the enzyme proceeds with inver-
sion of configuration at phosphorus. In this case, 
no isotopes had to be used because the product of 
the reaction was the chiral ethylcyclohexylthio-
phosphodiester.596 
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 Chiral phospho groups have been used to ex-
amine the stereochemistry of nucleophilic substi-
tutions at phosphorus of the type 

  
                     (4-282) 

catalyzed by a large collection of enzymes. In all 
cases, the enzymes catalyze the transfer of a phospho 
group from an atom of oxygen in one compound to 
an atom of oxygen in another compound. The signifi-
cant majority of these enzymatic reactions proceed 
with inversion of configuration at phosphorus. For 
example, glycerol kinase from E. coli proceeds with 
inversion of configuration at phosphorus588 

 
                (4-283) 

These observations suggest that such enzymatic 
reactions are simple in-line nucleophilic substitu-
tions at phosphorus. If a phosphorane (see 1-56) 

 

is formed during this nucleophilic substitution, it 
necessarily has the oxygen of the acceptor at one 
axial position and the oxygen of the donor at the 
other axial position, and these inversions of config-
uration imply that no pseudorotation takes place. A 
mechanism in which the oxygen that is the donor 
resides at an equatorial position in the phosphorane 
and then assumes an axial position by pseudorotation 
prior to departure would proceed with retention of 
configuration. In the active sites of those enzymes 
that catalyze nucleophilic substitutions at phosphorus 
that proceed with inversion of configuration, the 
donor and acceptor must be held in such a way that 
the oxygen of the acceptor lies upon the opposite 
side of phosphorus on the line of the phosphorus–
oxygen bond of the donor, as in Figures 3-38 and 
3-40. 
 Inversion of configuration, however, cannot rule 
out monomeric metaphosphate as an intermediate 

in an enzymatically catalyzed nucleophilic substi-
tution at phosphorus because, in the active site of 
an enzyme, the acceptor and the phospho group of 
the donor are always held rigidly in place by the 
noncovalent forces and steric forces of the surround-
ings. Consequently, inversion of configuration is to 
be expected of a nucleophilic substitution at phos-
phorus that involves monomeric metaphosphate as 
an intermediate (Figure 3-41). 
 There are several enzymatic nucleophilic substi-
tutions at phosphorus, however, that proceed with 
retention of configuration at phosphorus. In these 
instances, there is independent evidence that a 
phosphorylated form of the enzyme acts as a phos-
phorylated intermediate in the enzymatic mecha-
nism. For example, alkaline phosphatase catalyzes 
nucleophilic substitutions at phosphorus in which 
the donor and acceptor can be any two alcohols, 
including water, which is the alcohol where R is H. 
Because water is usually present at high concentra-
tion, it is usually the acceptor when any phosphate 
monoester is the reactant for alkaline phosphatase. 
For this reason, the enzymatic reaction is usually 
hydrolysis of a phosphate monoester (previously 
Equation 3-380) 

   (4-284) 

If, however, an alcohol other than water is present 
in the solution at high concentration, the phosphate 
will be transferred from the donor to that alcohol as 
well. Alkaline phosphatase from E. coli transfers 
phosphate from phenylphosphate to (S)-propane-
1,2-diol with retention of configuration591 

     
                (4-285) 

It has been established independently that, in the 
first step of the enzymatic reaction, the donor transfers 
the phosphate to Serine 102 within the active site of 
the enzyme.597 The donor then leaves the active 
site and is replaced by the acceptor, and the phos-
phate is transferred from Serine 102 to the acceptor. 
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The detailed structure of the active site597 is con-
sistent with both transfers occurring with inversion 
of configuration, which would produce net retention 
of configuration. 
 Nucleoside-diphosphate kinase catalyzes a 
nucleophilic substitution at phosphorus 

   
                (4-286) 

where XTP and YTP are any number of nucleoside 
5¢-triphosphates and XDP and YDP are the corre-
sponding nucleoside 5¢-diphosphates. Its usual 
purpose is to use MgATP2- to phosphorylate a 
nucleoside 5¢-diphosphate other than MgADP- by 
transferring the g-phospho group from MgATP2- to 
one oxygen in the b-phospho group of the nucleo-
side 5¢-diphosphate and, in this way, to maintain 
the concentrations of all the nucleoside 5¢-triphos-
phates at high levels relative to their 5¢-diphosphates. 
Bovine nucleoside-diphosphate kinase proceeds 
with retention of configuration at phosphorus,598 
and independent results for the enzyme from 
S. cerevisiae (58% identity; 0 gap percent) are con-
sistent with a mechanism in which the nucleoside 
triphosphate phosphorylates the imidazolyl group 
of a histidine within the active site, leaves as the 
nucleoside diphosphate, and is replaced by the other 
nucleoside diphosphate, which accepts the phos-
phate from the resulting N-phosphoimidazolyl 
group.599-601 
 The results with nucleoside diphosphate kinase 
can be contrasted with those obtained with adenylate 
kinase  

    
                (4-287) 

an enzyme that catalyzes a chemically equivalent 
reaction. Adenylate kinase from O. cuniculus proceeds 
with inversion of configuration at phosphorus.593 
The difference between the reactions catalyzed by 
nucleoside-diphosphate kinase and adenylate kinase 
is that the phospho group in the phosphoimidazolyl 
intermediate in the former reaction (Equation 4-286) 
always reacts with a nucleoside diphosphate, includ-
ing the MgADP- that results from phosphorylation 
of the enzyme by MgATP2-. If there were a phospho-
imidazolyl intermediate in the active site of adenylate 
kinase, it would have to transfer its phospho group 
to both a nucleoside monophosphate, AMP2-, and 

a nucleoside diphosphate, MgADP-. In addition, 
the active site would have to be able to recognize 
each as an adenine nucleotide. These two nucleoside 
phosphates, AMP2- and MgADP-, are quite different 
structurally when viewed back into the respective 
molecules from the oxygens donating and accepting 
the phospho group. For both of these reasons, an 
active site could not be designed so that the same 
constellation of amino acids is able to recognize in 
turn the donor and the acceptor. Consequently, the 
active site of adenylate kinase must form hydrogen 
bonds over the complete structure of both the donor 
of the phospho group and the acceptor for the 
phospho group. As a result, adenylate kinase cata-
lyzes the direct transfer of the phospho group from 
donor to acceptor while both are bound simulta-
neously to different regions of the active site.602 The 
transfer is accomplished by aligning the nucleo-
philic oxygen on the a-phospho group of AMP2– 
with the bridging oxygen–phosphorus bond of the 
g-phospho group of MgATP2- and proceeding with 
an in-line transfer with inversion of configuration 
with MgADP- as the leaving group.603,604 Further 
evidence for this conclusion is that P1,P5-bis-(5¢-aden-
osyl)pentaphosphate, a linear pentaphosphate with 
adenosines at each end that should mimic the tran-
sition state in the nucleophilic substitution at 
phosphorus, is a strong inhibitor (Ki = 2 nM) of the 
enzymatic activity,605 and a crystallographic molecu-
lar model of this complex in the active site has been 
reported.606 
 The fact that enzymatic nucleophilic substitu-
tions at phosphorus occur with inversion of config-
uration whenever there is no intermediate phospho-
enzyme and the fact that enzymatic nucleophilic 
substitutions at phosphorus occur with retention of 
configuration when there a phosphoenzyme inter-
mediate both require that, in these reactions, no 
pseudorotation can occur. All these results together 
lead to the conclusion that pseudorotation, which 
is of accepted chemical interest, is not involved in 
enzymatic mechanisms. 
 The three isotopes of oxygen have been used 
along with sulfur to produce chiral thiophosphate592 

 

and a method has been developed to distinguish 
the two enantiomers of [17O,18O]thiophosphate. 

MgXTP 
2– +  MgYDP 

– 1  MgXDP 
– +  MgYTP 

2–

MgATP 
2–  +  AMP 

2–  1  ADP 
3–  +  MgADP 

–

P
18O–

16O
H

17O– S
P
18O–

17O
H

16O– S

S                         R
4 – 69                  4 – 70
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Each enantiomer, separately, is converted to adeno-
sine [b,b-17O, 18O]-b-thiotriphosphate by using, in 
sequence, glyceraldehyde-3-phosphate dehydro-
genase (phosphorylating) from O. cuniculus, phos-
phoglycerate kinase from S. cerevisiae, adenylate 
kinase from O. cuniculus, and then phosphoglycerate 
kinase a second time. The diastereomers of adenosine 
[b,b-17O, 18O]-b-thiotriphosphate produced by this 
sequence of reactions from (S)-[17O,18O]thiophosphate 
have a phosphorus nuclear magnetic resonance 
spectrum that is different from those produced 
from (R)-[17O,18O]thiophosphate.607 
 The production of chiral thiophosphate and 
assays for its chirality have been used to determine 
the stereochemical consequences of reactions in 
which MgATP2- is hydrolyzed to phosphate  

    
                (4-288) 

to provide energy. The consumption of chiral thio-
phosphate has also been used to determine the stereo-
chemical consequences when MgATP2- is synthe-
sized from phosphate to store energy.608 When 
adenosine [(S)-g,g-17O,18O]-g-thiotriphosphate is 
hydrolyzed in H2

16O by Ca2+-transporting ATPase 
from O. cuniculus, an enzyme that uses standard 
free energy from the hydrolysis of MgATP2- for the 
active transport of calcium across cellular membranes, 
the [17O,18O]thiophosphate produced has the S config-
uration.609 The retention of configuration observed 
is due to a phosphorylated intermediate in the mech-
anism of the enzymatic reaction. The g-phospho 
group of MgATP2- is transferred to an aspartate in 
the active site to produce a mixed anhydride,610 
which is then hydrolyzed by water. The two successive 
steps, each proceeding with inversion of configura-
tion, cause the net result to be retention of configu-
ration. When adenosine (S)-[g 18O]-g-thiotriphosphate, 
however, is hydrolyzed in H2

17O by the ATPase of 
myosin from O. cuniculus, (S)-[17O,18O]thiophosphate 
is produced.611 The inversion of configuration ob-
served in this case has been used as evidence that 
water directly hydrolyzes the MgATP2- on the active 
site of myosin in a single step through an in-line 
nucleophilic substitution at phosphorus. 
 When adenosine (R)-[g,g-17O,18O]-g-thiotriphos-
phate is used as a reactant for glutamine synthetase 
from S. typhimurium (previously Equation 3-405) 

  
                (4-289) 

in H2
16O, (S)-[16O,17O,18O]thiophosphate was pro-

duced.594 This result is consistent with in-line attack 
of the oxygen in the carboxy group of the reactant, 
¬-glutamate, bound in the active site, on the immedi-
ately adjacent g-phospho group of the reactant, 
MgATP2-, also bound in the active site, with 
MgADP- as the leaving group. This single step in 
the overall reaction would proceed with inversion 
of configuration at phosphorus, as is usually the 
case. The next step in the enzymatic reaction would 
be the nucleophilic substitution of the phosphate 
at the carboxyl carbon in the resulting g-glutamyl 
phosphate by the third reactant, ammonia, to produce 
the product, ¬-glutamine.612 This step would have 
no effect on the chirality of the phospho group that 
is the leaving group during the nucleophilic substi-
tution at the acyl carbon of the acylphosphate. The 
initial inversion of configuration at phosphorus 
explains the inversion of configuration observed for 
the overall reaction. 
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Problem 4-16: In the enzymatic reaction catalyzed 
by arginase 

 

how does a catalytic acid–base in the active site 
enforce the regiospecificity of the reaction so that 
ornithine is formed rather than citrulline? Write a 
mechanism explaining this regiospecificity. 
 
Problem 4-17: 
 
 (A) Write the steps in the mechanism of the reac-

tion catalyzed by ∂-serine ammonia-lyase 

 

  The active site uses a prosthetic pyridoxal 
5¢-phosphate to perform the reaction, so your 
mechanism should incorporate the pyridoxal 
5¢-phosphate performing its usual sequence 
of events as well as one unusual step. 

 In this enzymatic reaction, the oxygen on 
carbon 3 of ∂-serine is replaced by hydrogen. ∂-Serine 
ammonia-lyase uses only ∂-serine [(2R)-serine] as 
a substrate, never ¬-serine [(2S)-serine]. Likewise, 
the enzyme ∂-amino-acid oxidase turns only 
∂-serine into 3-hydroxypyruvate, never ¬-serine. 
Therefore, in a mixture of the two enantiomers of 
serine, only the (2R)-serine is a substrate for either 
enzyme and the (2S)-serine is untouched. 
 (E)-[3-3H]Propenoic acid was dissolved in 
methanol, and solid Ag(CH3COO)2 was added, fol-
lowed by Br2. Among other products, a diastereo-
meric pair of [3-3H]-2-bromo-3-methoxypropanoic 
acids was formed by anti addition to the double 
bond. Ammonia (NH3) was then added to the solu-
tion to displace the Br in a concerted nucleophilic 
substitution with inversion of configuration. After 
several hours, the whole mixture was treated with 
HBr to remove the methyl group from the oxygen 
of the methoxy group by a nucleophilic substitu-
tion at the methyl group. After purification, a dia-
stereomeric pair of [3H]serines was obtained from 
the overall reaction.613 
 
 
 
 
 

 (B) Draw, in the sawhorse convention, the absolute 
structures of the two diastereomeric serines 
in the diastereomeric mixture obtained from 
this synthesis, and label each chiral carbon 
as R or S. 

 
 A portion of this diastereomeric mixture was 
treated with porcine ∂-amino-acid oxidase, and 
[3H]-3-hydroxypyruvate was isolated. This product 
was treated with H2O2 to produce glycolate, which 
was then turned into glyoxylate by (S)-2-hydroxy-
acid oxidase from S. oleracea. The glyoxylate con-
tained 80% of the tritium originally in the pyruvate; 
the other 20% was lost as 3H2O by slow exchange. 
 A portion of the original diastereomeric mixture 
of [3H]serines was also dissolved in 2H2O and treated 
with a mixture of ∂-serine ammonia-lyase from 
E. coli, pyruvate carboxylase from G. gallus, CO2, 
MgATP2-, malate dehydrogenase, and NADH, all in 
2H2O. The resulting [3,3-2H,3H]malate was purified 
from the reaction. Pyruvate carboxylase replaces a 
hydron on pyruvate with CO2, which is added with 
retention of configuration, and the enzyme prefers 
to remove a hydron by a factor of 3 over a deuteron. 
Malate dehydrogenase produces only (S)-malate 
from oxaloacetate. When the [3,3-2H,3H]malate was 
incubated with fumarate hydratase, 41% of the 3H 
was found in the fumarate, and 58% was recovered 
as 3H2O. 
 
 (C) Draw, in the sawhorse convention, the abso-

lute structures of the [3,3-2H,3H]malate, the 
intermediate [3,3-2H,3H]pyruvate, and the 
diastereomer of the serine that was the reactant 
for ∂-serine ammonia-lyase. Label each chiral 
carbon as R or S. 

 
 A portion of the original enantiomeric mixture 
of [3H]serines obtained from the synthesis was 
acetylated on their amino nitrogens to produce an 
enantiomeric pair of [3-3H]-N-acetylserines. This 
mixture was treated with porcine aminoacylase, an 
enzyme that hydrolyzes acetyl groups only from 
N-acetyl-¬-amino acids [(2S)-N-acetyl amino acids]. 
The optically pure ¬-[3-3H]serine that was formed 
by this enzyme was purified, and this optically pure 
compound was racemized only at carbon 2 to give 
an equal mixture of the 2R and 2S enantiomers of 
[3-3H]serine. This final mixture contained a pair of 
diastereomers. 
 
 
 

¬-arginine  +  H2O  1  urea  +  ¬-ornithine

∂-serine  1  NH4
+  +  pyruvate
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 (D) Draw, in the sawhorse convention, the abso-
lute structure of the two stereoisomers of 
[3-3H]serine that were present in this latter 
diastereomeric mixture, and label each chiral 
carbon as R or S.  

 
 (E) When this diastereomeric mixture was treated 

with porcine ∂-amino-acid oxidase, and the 
[3-3H]-3-hydroxypyruvate was purified and 
treated with H2O2 followed by (S)-2-hydroxy-
acid oxidase, how much of the tritium in 
[3-3H]-3-hydroxypyruvate was retained in 
the glyoxylate?  

 
 When the latter diastereomeric mixture, dissolved 
in 2H2O, was incubated with ∂-serine ammonia-
lyase from E. coli, pyruvate carboxylase, CO2, 
MgATP2-, malate dehydrogenase, and NADH in 
2H2O, [3,3-2H,3H]malate could be isolated. When 
this [3,3-2H,3H]malate was incubated with 
fumarate hydratase, 37% of the 3H was released as 
3H2O and 63% of the 3H was retained in the 
fumarate. 
 
 (F) Refer to your mechanism for ∂-serine ammo-

nia-lyase in part A and draw the dissociation 
of the hydroxy group from the quinonoid 
intermediate and addition of a hydron to the 
resulting carbon–carbon double bond with 
the proper stereochemistry based on all these 
results. Do these two steps result in retention 
or inversion of configuration at this carbon? 

 (G) Does the enzyme release into solution the 
enamine of pyruvate or pyruvate itself as the 
product? How can you be sure? 

 
Problem 4-18: Draw in the sawhorse convention 
the structure of each intermediate product in the 
following synthesis of the two enantiomers of malo-
nate.614 In your drawings label each chiral carbon 
as R or S. Abbreviate menthyl as C10H19. 

 

What is (-)-menthol and what purpose does it serve? 
What is potassium (-)-menthoxide and what purpose 
does it serve? 
 
Problem 4-19: 2-Methylacyl-CoA dehydrogenase 
from R. norvegicus is a flavoenzyme that catalyzes the 
following reactions.615 

13COO–
–OOC

3H
1H

HH

13COOH

13COOH

13COO–
–OOC

1H
3H RS

potassium
(–)-menthoxide

in tetrahydrofuran

 H 

+   (–)-menthol (liq)

HBr   CH3COOH                  HBr    CH3COOH

[13C,13C]C24H40O4

[13C,13C]C24H42O6

[13C,13C]C4H4O4

[13C,13C]C24H41O5Br           [13C,13C]C24H41O5Br

[13C,13C]C24H40O5               [13C,13C]C24H40O5

[13C,13C]C4H4O5                  [13C,13C]C4H4O5

[13C,13C,3H]C4H6O5             [13C,13C,3H]C4H6O5

silica gel
chromatography

[13C,13C]C24H42O6               [13C,13C]C24H42O6

OsO4

Æ

(1) KOH
(2) H 

+
(1) KOH
(2) H 

+ H2O                                      H2O

KMnO4,
KHCO3

H2O                                      H2O

[13C,3H]C3H2O4
2–                 [13C,3H]C3H2O4

2–

Æ

ÆÆ
Æ Æ

Æ Æ

Æ Æ

KMnO4,
KHCO3

(1) Li(C2H5)3B3H in
     tetrahydrofuran
(2) H 

+ in H2O
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For the moment, assume that the hydron on carbon 2 
of each reactant is removed as a hydron to form the 
enolate and the other hydrogen is removed as a 
hydride by flavin in the equivalent of a b elimination. 
 
 (A) Explain the regiochemistry and stereochemistry 

of the products by drawing three pictures of 
the active site of the enzyme. In each case, the 
disposition of the catalytic base and the flavin 
in the active site must be the same, but a differ-
ent one of the three reactants will be bound 
to it. The drawings must clearly indicate the 
three-dimensional dispositions of catalytic 
base, flavin, and reactants that explain the 
stereochemical results. Abbreviate coenzyme A 
as SCoA and disregard its detailed structure, 
and abbreviate flavin as HFlox and H2Flred

-, 
as appropriate, and disregard its detailed 
structure. Choose a specific side chain to be 
the catalytic base.  

 (B) Explain why the enzyme is unable to catalyze 
the following oxidation because of an absolute 
stereochemical requirement.  

 

 The Km for (S)-2-methylbutanoyl-SCoA is 20 mM. 
Both n-butanoyl-SCoA and n-pentanoyl-SCoA inhibit 
the oxidation of (S)-2-methylbutanoyl-SCoA. At 
100 mM (S)-2-methylbutanoyl-SCoA, 100 mM n-butan-
oyl-SCoA inhibits the initial rate for oxidation of 
(S)-2-methylbutanoyl-SCoA by 58%, and 100 mM 
n-pentanoyl-SCoA inhibits the initial rate for oxida-
tion of 2-methylbutanoyl-SCoA by 52%. 
 
 (C) Assume that n-butanoyl-SCoA and n-pentan-

oyl-SCoA are competitive inhibitors of the 
enzyme, and calculate the Ki for each.  

 
 

 n-Butanoyl-SCoA is oxidized by the enzyme at 
a rate only 5% that of the rate for oxidation of 
(S)-2-methylbutanoyl-SCoA when either of these 
reactants is present at a concentration of 100 mM. 
n-Pentanoyl-SCoA is not oxidized at all by the 
enzyme. 
 
 (D) Provide an explanation, consistent with both 

your structure of the active site in part A and 
the dissociation constants calculated in part C, 
for the fact that n-butanoyl-SCoA is a poor 
substrate and n-pentanoyl-SCoA is not a 
substrate for the enzyme.  

 
Problem 4-20: Fatty-acid synthase system from 
G. gallus, in addition to catalyzing the internal 
reactions of Equations 3-495 through 3-498, also 
catalyzes the following homologous external reac-
tions. 

 

(E)-But-2-enoyl-SCoA was hydrated by fatty-acid 
synthase system in 2H2O to (3R)-[2-2H]-3-hydroxy-
butyryl-SCoA until equilibrium was reached (Equa-
tion 3), and the resulting (3R)-[2-2H]-3-hydroxybuty-
ryl-SCoA was purified. The (3R)-[2-2H]-3-hydroxybuty-
ryl group was transferred to benzylamine to produce 
N-benzyl-(3R)-[2-2H]-3-hydroxybutyramide. The 
nuclear magnetic resonance spectrum of this product 
displayed a doublet at 2.4 ppm that was assigned to 
the proton on carbon 2 of the (3R)-[2-2H]-3-hydroxy-
butyryl group.491 The doublet integrated with a 
magnitude of only one proton, which is consistent 
with the conclusion that carbon 2 had both a hydro-
gen and a deuterium attached to it. 
 
 (A) Which proton on the 3-hydroxybutyryl group 

is responsible for splitting the absorption of 
the single proton on carbon 2 into a doublet?  

 

(S)-2-methylbutanoyl-SCoA  1
         (E)-2-methylbut-2-enoyl-SCoA  +  2 H 

+  +  2 e–

(R)-2-methylbutanoyl-SCoA  1
         2-ethylpropenoyl-SCoA  +  2 H 

+  +  2 e–

2-methylpropanoyl-SCoA  1
         2-methylpropenoyl-SCoA  +  2 H 

+  +  2 e–

(R)-2-methylbutanoyl-SCoA  1
         (Z )-2-methylbut-2-enoyl-SCoA  +  2 H 

+  +  2 e–

acetyl-SCoA  +  malonyl-SCoA  +  H 

+  1
                    HSCoA  +  CO2  +  acetoacetyl-SCoA
                                                                                              (1)
NADPH  +  acetoacetyl-SCoA  +  H 

+  1
         (R)-3-hydroxybutanoyl-SCoA  +  NADP 

+

                                                                                              (2)
(R)-3-hydroxybutanoyl-SCoA  1
                              H2O  +  (E)-but-2-enoyl-SCoA
                                                                                              (3)
NADPH +  (E)-but-2-enoyl-SCoA  +  H 

+  1
                                     butanoyl-SCoA  +  NADP 

+

                                                                                              (4)
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 The coupling constant for splitting the absorption 
of the proton on carbon 2 was 5.5 Hz. When the 
enzymatic reaction was brought to equilibrium 
with (3R)-[2,2-2H2]-3-hydroxybutyryl-SCoA in H2O, 
the resulting N-benzyl-(3R)-[2-2H]-3-hydroxybutyr-
amide again displayed a doublet in its nuclear 
magnetic spectrum at 2.4 ppm, but the coupling 
constant was 8.4 Hz. 
 
 (B) In the spectrum of the first product that has 

a doublet with a coupling constant of 5.5 Hz, 
no contribution from a doublet with a cou-
pling constant of 8.4 Hz was detected, and in 
the spectrum of the second product with a 
doublet with a coupling constant of 8.4 Hz, no 
contribution from a doublet with a coupling 
constant of 5.5 Hz could be detected. What 
does this observation demonstrate about the 
stereochemical purity of the two products?  

 (C) When (E)-2,3-epoxybutyric acid was reduced 
with sodium borodeuteride (NaB2H4) in 2H2O, 
the diastereomeric [2-2H]-3-hydroxybutyric 
acid produced also displayed a doublet in its 
nuclear magnetic resonance spectrum at 
2.5 ppm. The doublet integrated with a mag-
nitude of one proton.616 This doublet had a 
coupling constant of 9.0 Hz. What is the 
absolute stereochemistry at carbon 2 of 
(3R)-[2-2H]-3-hydroxybutyric acid in this 
racemic synthetic product?  

 (D) Assume that the (3R)-[2-2H]-3-hydroxybutyryl 
group on N-benzyl-(3R)-[2-2H]-3-hydroxy-
butyramide that displayed a doublet with a 
coupling constant of 8.4 Hz had the same 
absolute stereochemistry as the (3R)-[2-2H]-
3-hydroxybutyric acid synthesized in part C, 
the doublet of which had a coupling constant 
of 9.0, and assume that the enzymatic product 
that displayed a doublet with a coupling 
constant of 5.5 Hz had the opposite stereo-
chemistry at carbon 2. Write a chemical reac-
tion with all reactants and products in the 
proper stereochemistry that describes the 
enzymatic hydration of (E)-but-2-enoyl-SCoA. 
Is this a syn addition or an anti addition?  

 (E) Write the chemical mechanism for the reac-
tion of Equation 1 (the external homologue 
of Equation 3-495), in which malonyl-SCoA 
contributes carbons 1 and 2 of the aceto-
acetyl-SCoA and acetyl-SCoA contributes 
carbons 3 and 4.  

 

 Malonyl-SCoA is produced from acetyl-SCoA 
in a reaction catalyzed by acetyl-CoA carboxylase 

 

that uses biotin as a prosthetic group. As is the case 
with propionyl-CoA carboxylase (Equation 4-261), 
a hydrogen on acetyl-SCoA is replaced by the carboxy 
group from 1-(N-carboxy)biotin (Equation 4-262) with 
retention of configuration. 
 
 (F) If (R)-[2H,3H]acetyl-SCoA were carboxylated 

by acetyl-CoA carboxylase, what would be the 
stereochemistry of the [2H,3H]malonyl-SCoA 
produced? 

 
 When (R)-[2H,3H]acetyl-SCoA was incubated 
with acetyl-CoA carboxylase from G. gallus and fatty-
acid synthase system simultaneously, the butyr-
yl-SCoA produced617 retained 30.4% of the tritium 
at carbon 2. When (S)-[2H,3H]acetyl-SCoA was incu-
bated with this mixture of enzymes, the butyryl-SCoA 
retained 34.3% of the tritium at carbon 2. When race-
mic [2-3H]acetyl-SCoA was incubated with this 
mixture of enzymes, the butyryl-SCoA retained 
32.3% of the tritium at carbon 2. 
 
 (G) The first hydrogen is removed from carbon 2 

of the original acetyl-SCoA by acetyl-CoA 
carboxylase. At which step is the second hydro-
gen removed? What is the absolute stereo-
chemistry of this step?  

 (H) Draw, with correct stereochemistry, reactants 
and products for the reaction of Equation 1 if 
it were performed with (R)-[3H]malonyl-SCoA 
and unlabeled acetyl-SCoA. Does the reac-
tion of Equation 1 proceed with retention of 
configuration, inversion of configuration, syn 
addition, or anti addition? Only one answer 
is correct. 

 
 The hydrogen added as a hydron from solution 
in Equation 4 is added to carbon 2 of (E)-but-
2-enoyl-SCoA, and the hydrogen added as a hydride, 
ultimately from NADPH, is added to carbon 3 of 
(E)-but-2-enoyl-SCoA. When the reaction of Equa-
tion 4 is carried out in 2H2O, with unlabeled 
(E)-but-2-enoyl-SCoA and unlabeled NADPH, the 
absorption assigned to the two protons on carbon 2 
in the nuclear magnetic resonance spectrum of the 

MgATP 
2–  +  HCO3 

–  +  
         acetyl-SCoA  1  MgADP 

–  +  HOPO3 
2–

                    +  H 

+  +  malonyl-SCoA
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N-benzylbutyramide, derived from the butyryl-SCoA 
produced in the reaction, integrates with a magni-
tude of only one proton. 
 Porcine acyl-CoA dehydrogenase (Equation 
4-147) converts butyryl-SCoA to (E)-but-2-enoyl-SCoA 
by removing the pro-R hydrogen618 from carbon 3 
and the pro-R hydrogen619 from carbon 2. The buty-
ryl-SCoA formed during the enzymatic conversion 
in 2H2O was isolated and then incubated with 
acyl-CoA dehydrogenase in 1H2O. None (<10%) of 
the deuterium incorporated by fatty-acid synthase 
system was lost upon this second incubation. The 
product formed during conversion of (E)-but-
2-enoyl-SCoA to butyryl-SCoA with [3H]NADPH 
(Equation 4) was isolated and then incubated with 
acyl-CoA dehydrogenase. Most of the tritium (83%) 
incorporated by fatty-acid synthase system (Equa-
tion 4) was lost during the second incubation. 
 
 (I) Draw a mechanism with proper stereochem-

istry for Equation 4 if it were carried out in 
2H2O with [3H]NADPH. The mechanism 
should proceed through a reasonable enol 
intermediate.  

 (J) Does the reaction of Equation 4 proceed with 
syn addition or anti addition?  

 
Problem 4-21: Imidazoleglycerol-phosphate dehy-
dratase, histidinol-phosphate transaminase, and 
histidinol-phosphatase from E. coli in sequence 
convert ∂-erythro-1-(imidazol-4-yl)glycerol phos-
phate in 2H2O into [3-2H]-¬-histidinol. The peak of 
absorption from the only proton on carbon 3 of the 
product in its nuclear magnetic resonance spec-
trum has the same chemical shift as that for the 
protons on carbon 3 in an equimolar mixture of 
(2S,3S)-[3-2H]histidinol and (2R,3R)-[3-2H]histidinol 
prepared synthetically, which was the same chemical 
shift as the peak of absorption from one of the two 
protons on carbon 3 of unlabeled ¬-histidinol. When 
[3-2H]-∂-erythro-1-(imidazol-4-yl)glycerol phos-
phate was used as the initial reactant with the three 
enzymes in 1H2O, the absorption from the only proton 
on carbon 3 of the resulting [3-2H]-¬-histidinol had 
a chemical shift equal to that of the other proton on 
carbon 3 of unlabeled ¬-histidinol.620 Write a two-
step mechanism for imidazoleglycerol-phosphate 
dehydratase, showing the stereochemistry of each 
step. 
 
 
 

Problem 4-22: At pH 7, tyrosine 2,3-aminomutase 
from C. crocatus converts (2S)-[3,3-2H2]-¬-tyrosine 
into a 3:1 mixture of (2S,3R)-[2,3-2H2]-3-amino-
3-(4-hydroxyphenyl)propanoate and (2R,3S)-[2,3-
2H2]-3-amino-3-(4-hydroxyphenyl)propanoate.505 
There is a prosthetic pyridoxal 5¢-diphosphate in 
the active site that forms an external pyridoximine 
with the amino group of the reactant to convert it 
to a good leaving group and, once it has left, an ade-
quate nucleophile. The reaction proceeds by an 
elimination followed by an addition with 3-(4-hy-
droxyphenyl)propenoic acid as an intermediate. 
Write a mechanism for the reaction that explains 
the stereochemical results, in particular why two 
products are produced from the same reactant. 
Substrates, intermediates, and catalytic acid–bases 
in your mechanism should be drawn so that their 
relative orientation is clearly indicated because the 
relative orientations determine the stereochemistry. 
 
Problem 4-23: Citrate (Re)-synthase adds the enol 
of acetyl-SCoA to the Re face of oxaloacetate to 
produce citrate in which the pro-3R carboxymethyl 
group is derived from acetyl-SCoA.461 Citrate 
(Si)-synthase (Equation 4-224) adds the enol of 
acetyl-SCoA to the Si face of oxaloacetate to produce 
citrate in which the pro-3S carboxymethyl group is 
derived from acetyl-SCoA.460 Citrate (pro-3S)-lyase 
cleaves citrate to oxaloacetate and acetate by remov-
ing the pro-3S carboxymethyl group. 
 
 (A) Copy the structure of citrate 

 

  and identify the pro-3S and pro-3R carboxy-
methyl groups.  

 (B) If [3-14C]oxaloacetate were converted to cit-
rate by citrate (Re)-synthase and the [14C]citrate 
produced were converted to oxaloacetate by 
citrate (pro-3S) lyase, which final product 
would be radioactive? 

 
 Two specimens of [3H]malate were synthe-
sized. [3H]Malate, specimen 1, was made by incu-
bating fumarate with fumarate hydratase in 3H2O. 
[3H]Malate, specimen 2, was made by incubating 
[2,3-3H2]fumarate with fumarate hydratase in 
1H2O. [3H]Malate, specimen 1, was incubated with 

O
O–

COO–
O

–OOC
H
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malate dehydrogenase, NAD+, acetyl-SCoA, and 
citrate (Re)-synthase from Clostridium acidurici. 
The [3H]citrate produced was incubated with cit-
rate (pro-3S)-lyase in 2H2O, and the [3H,2H]acetate 
produced was incubated with MgATP2-, acetate 
kinase, phosphate acetyltransferase, HSCoA, glyox-
ylate, and malate synthase. The [3H,2H]malate pro-
duced in this last reaction retained 61% of its 
tritium upon incubation with fumarate hydratase 
in 1H2O. [3H]Malate, specimen 2, was submitted to 
the same cycle of reactions, and the [3H,2H]malate 
produced lost 56% of its tritium upon incubation 
with fumarate hydratase in 1H2O.574 
 
 (C) Write out each step in this cycle that begins 

with [3H]malate, specimen 1. Show proper 
stereochemistry at each step unambiguous-
ly. 

 (D) Draw the mechanism of the reaction of citrate 
(pro-3S)-lyase operating in 2H2O with the 
stereochemistry defined by these experiments 
on [3H]citrate derived from [3H]malate, speci-
men 1. Indicate stereochemistry unambigu-
ously in your drawings. Use an enol as the 
leaving group, and hydronate the enol stereo-
chemically on carbon while it is in the active 
site. Does the reaction proceed with inver-
sion or retention of configuration at carbon 2 
of acetate?  

 (E) Draw the mechanism for the reaction of citrate 
(pro-3S)-lyase, with proper stereochemistry, 
operating in 2H2O on [3H]citrate derived 
from [3H]malate, specimen 2. 

 
 (R)-[2H,3H]Acetyl-SCoA was incubated with 
citrate (Si)-synthase, and the [2H,3H]citrate pro-
duced was cleaved by citrate (pro-3S)-lyase to 
[2H,3H]acetate. The [2H,3H]acetate produced was 
converted to [3H,2H]malate by incubation with 
MgATP2-, acetate kinase, phosphate acetyltransferase, 
SHCoA, glyoxylate, and malate synthase. The 
[3H,2H]malate produced retained 65% of its tritium 
upon incubation with fumarate hydratase. When the 
complete cycle was repeated with (S)-[2,2-2H,3H]ace-
tyl-SCoA, the [3H,2H]malate produced lost 60% of its 
tritium upon incubation with fumarate hydratase.574 
 
 
 
 
 
 

 (F) Draw, with proper stereochemistry, the mech-
anism of the reaction catalyzed by citrate 
(Si)-synthase operating on (R)-[2H,3H]ace-
tyl-SCoA. Use a stereochemically generated 
enol as the nucleophile. Does the reaction 
proceed with retention or inversion of configu-
ration?  

Problem 4-24: The unhydrated, carbonyl forms of 
the substrates are the only ones recognized by triose-
phosphate isomerase (Equation 4-46) from 
O. cuniculus, although they are the minor forms 
present in aqueous solution. 
 
(A, B) Draw, with proper stereochemistry where nec-

essary, two possible chemical mechanisms 
for this reaction and label them A and B. 
Mechanism A must involve hydron transfers 
only, while mechanism B must involve a 
1,2-hydride migration. 

 When glycerone phosphate and glyceraldehyde 
3-phosphate were incubated with the enzyme in 
3H2O, tritium was incorporated into the glycerone 
phosphate.621 
 

  specific activity 
(cpm matom-1) 

compound 
 

 isomerase 
   (units) 

3H2O 
 

compound 
 

experiment 1    

  glycerone 
     phosphate 

 
none 

 
699 

 
0 

  glyceraldehyde 
     3-phosphate 

 
none 

 
699 

 
0 

experiment 2    

  glycerone 
     phosphate 

 
1600 

 
278 

 
303 

experiment 3    

  glycerone 
     phosphate 

 
475 

 
3590 

 
3150 

 
When [3H]glycerone phosphate (777 cpm mmol-1) 
obtained in a similar experiment was oxidized to 
2-phosphoglycolate and formaldehyde with peri-
odate, the formaldehyde was radioactive (835 cpm 
mmol-1), but the 2-phosphoglycolate was not. 
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 (C) How many hydrogens on which carbon of 
glycerone phosphate are equilibrated by the 
enzyme with 3H2O during catalysis?  

 
 The intention of the next series of experiments521 
was to establish the stereochemistry of this incor-
poration of tritium into glycerone phosphate. To 
make this assessment, the absolute stereochemistry 
of (S)-2-hydroxy-acid oxidase from N. tabacum was 
determined. This enzyme catalyzes the reaction 

 

(S)-2-Hydroxy-acid oxidase readily converts (S)-lactate 
into pyruvate but fails entirely to catalyze the same 
reaction with (R)-lactate. Bovine ¬-lactate dehydro-
genase (Equation 4-204) will convert glyoxylate and 
NAD3H into NAD+ and [3H]glycolate (78,050 cpm 
mmol-1). When this [3H]glycolate is turned into glyox-
ylate by (S)-2-hydroxy-acid oxidase, all the 3H 
(<100 cpm mmol-1 remains) is lost to the solution. 
Notice that glycolate and lactate differ only by a 
methyl group. 
 
 (D) Indicate, on a stereochemically unambigu-

ous drawing of glycolate, which hydrogen is 
removed by (S)-2-hydroxy-acid oxidase.  

 A sample of [3H]glycerone phosphate (24,000 
cpm mmol-1), prepared as in part C above, was 
dephosphorylated to glycerone, which was oxidized 
to glycolate, formaldehyde, and CO2 by careful 
treatment with periodate. The [3H]glycolate from 
this mixture (10,800 cpm mmol-1) was isolated and 
turned into glyoxylate with (S)-2-hydroxy-acid oxidase. 
The specific radioactivity of the resulting glyoxylate 
was 188 cpm mmol-1. 
 (E) Why was the specific radioactivity of glycolate 

half that of glycerone phosphate? 
 (F) Indicate, on a stereochemically unambiguous 

drawing of glycerone phosphate, the hydrogen 
or hydrogens equilibrated with 3H2O by triose-
phosphate isomerase. 

 (G) Which mechanism, A or B, is consistent with 
these observations? 

 
Problem 4-25: The three enzymes 3-carboxy-
cis,cis-muconate cycloisomerase, 4-carboxymucono-
lactone decarboxylase, and muconolactone D-isom-
erase from P. putida convert cis,cis-butadiene-
1,2,4-tricarboxylate into (S)-5-oxo-2,5-dihydrofuran-
2-acetate 

 

 When cis,cis-butadiene-1,2,4-tricarboxylate is 
mixed with all three enzymes in 2H2O, the product of 
the combined sequence of reactions is (2S)-[4-2H]-
5-oxo-2,5-dihydrofuran-2-[(R)-[2H]acetate].622 
 
 (A) What is the stereochemistry of addition in 

the first reaction?  
 (B) What is the stereochemistry of hydron trans-

fers in the third reaction? [Hint: How many 
protiums are there in the starting material 
and how many in the final product?]  

 (C) What is the stereochemistry of the second 
reaction?  

 
Problem 4-26: [1-3H]-∂-Glucose was converted to 
[1,1-3H,2H]fructose 6-phosphate with hexokinase and 
glucose-6-phosphate isomerase in 2H2O. [1-3H]-
∂-Mannose was converted to [1,1-3H,2H]fructose 
6-phosphate with hexokinase and mannose-
6-phosphate isomerase in 2H2O. The two respective 
stereoisomers of [1,1-3H,2H]fructose 6-phosphate 
produced were of opposite stereochemistry at 
carbon 1.520 
 
 (A) Assume that the enzymatic mechanisms for 

triose-phosphate isomerase, ∂-glucose-6-phos-
phate isomerase, and mannose-6-phosphate 
isomerase are all the same. From your knowl-
edge of the active site of triose-phosphate 
isomerase, draw two mechanisms, one for 
glucose-6-phosphate isomerase and one for 
mannose-6-phosphate isomerase, that explain 
why the stereochemistries at carbon 1 of the 
two stereoisomers of [1,1-3H,2H]fructose 
6-phosphate are opposite to each other. Use 
the same amino acids as are found in the active 
site of triose-phosphate isomerase in the 
same roles as acid–base catalysts. 

 
 

O2  +  HOCH2COO–  1  H2O2  +  OCHCOO–

              glycolate                                        glyoxylate 
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 (B) Explain how deuterium was introduced at 
carbon 1 of each fructose 6-phosphate and 
why, after a sufficient time at equilibrium, 
the percent deuterium in the proper location 
on carbon 1 of fructose 6-phosphate should 
become equivalent to the percent deuterium 
for each atom of hydrogen in 2H2O.  

 (C) What are the absolute stereochemistries at 
carbon 1 of the [1,1-3H,2H]fructose 6-phos-
phates from [1-3H]-∂-glucose and [1-3H]-
∂-mannose, respectively?  

 
 The two stereoisomers of [1,1-3H,2H]fructose 
6-phosphate were separately incubated with 
6-phosphofructokinase and fructose-bisphosphate 
aldolase (Equation 4-210), and the two stereoiso-
mers of [1,1-3H,2H]glycerone 1-phosphate were 
isolated. These stereoisomers of [1,1-3H,2H]glycerone 
1-phosphate were converted to the E and Z stereo-
isomers of [3H,2H]phosphoenolpyruvate, respec-
tively543,579 

 

by incubation with triose-phosphate isomerase, 
glyceraldehyde-3-phosphate dehydrogenase in the 
presence of arsenate, bisphosphoglycerate mutase, 
and phosphopyruvate hydratase. Each stereoisomer 
of [3H,2H]phosphoenolpyruvate was incubated sepa-
rately with 3-phosphoshikimate 1-carboxyvinyltrans-
ferase from K. aerogenes and 3-phosphoshikimate 

 

The 5-O-(1-carboxyvinyl)-3-phosphoshikimate was 
converted to chorismate 

 

with chorismate synthase, also from K. aerogenes. 
The chorismate was converted to lactate by the 
following sequence of chemical reactions. 

 

Wilkinson’s catalyst performs a syn addition of H2 
to a double bond and ultimately produces both the 
2S and the 2R enantiomers of lactate because it does 
not distinguish one face of the carbon–carbon 
double bond from the other. The (2S)-lactate was 
eliminated by incubation with (S)-lactate dehydro-
genase (Equation 4-204), and the stereochemically 
pure (2R)-lactate was submitted to Kuhn–Roth 
oxidation to produce chiral [3H,2H]acetate. When 
5-O-(1-carboxyvinyl)-3-phosphoshikimate derived 
from (E)-[3H,2H]phosphoenolpyruvate was submit-
ted to this sequence, (R)-[3H,2H]acetate was the 
preferential product. When 5-O-(1-carboxyvinyl)-
3-phosphoshikimate derived from (Z)-[3H,2H]phos-
phoenolpyruvate was submitted to this sequence, 
(S)-[3H,2H]acetate was the preferential product.580 
 
 (D) Show by drawing the proper stereochemistry of 

every product between phosphoenolpyruvate 
and acetate, including both lactates, why these 
two results demonstrate that (E)-[3H,2H]phos-
phoenolpyruvate yields (E)-[5,5-3H,2H]-
5-O-(1-carboxyvinyl)-3-phosphoshikimate 
and (Z)-[3H,2H]phosphoenolpyruvate yields 
(Z)-[5,5-3H,2H]-5-O-(1-carboxyvinyl)-3-phos-
phoshikimate. 

 (E) Explain why the (S)-lactate was eliminated 
before Kuhn–Roth oxidation was performed. 

 (F) Draw a mechanism for 3-phosphoshikimate 
1-carboxyvinyltransferase with correct stereo-
chemistry for addition of shikimate 3-phos-
phate to phosphoenolpyruvate and removal 
of phosphate to produce 5-O-(1-carboxyvinyl)-
3-phosphoshikimate. Assume that a hydron 
is added to and removed from phospho-
enolpyruvate by the same acid–base in the 
active site and that, as has been demonstrated,
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  addition of a hydron and removal of that 
same hydron is in preference to addition and 
removal of a deuteron or a triton and that 
this explains why chiral acetate is the final 
product. Your mechanism must explain the 
observed retention of configuration in the 
product. Provide specific amino acids of your 
own choice as acid–base catalysts of these 
two steps.  

 
Problem 4-27: When ∂-glyceraldehyde is used in 
place of glycerol, glycerol kinase (Equation 4-283) 

 

from E. coli becomes an ATPase that hydrolyzes 
MgATP2- (Equation 4-288). When adenosine 
(R)-[g,g-17O,18O]-g-thiotriphosphate is used as a reac-
tant for this adventitious ATPase, (S)-[17O,18O]thio-
phosphate is the product.623 Write a mechanism for 
this ATPase that explains the stereochemistry. 
 
 

Labeling of Active Sites 

The acid–bases catalyzing the reactions that occur 
within the active site of an enzyme are usually the 
side chains of amino acids within the sequence of 
the folded polypeptide. The particular amino acid 
that acts as a catalytic acid–base in a specific step 
in the mechanism of the enzyme can be identified 
with an active-site label. An active-site label can be 
used to locate the active site of an enzyme and identify 
a catalytic acid–base within that active site in a crystal-
lographic molecular model. And an active-site label 
can be used to inactivate a particular enzyme within a 
mixture of different enzymes or, in ideal situations, 
in cytoplasm.  
 
 An active-site label is a reagent that has been 
designed to associate specifically, noncovalently, 
and in a defined orientation within the active site of 
a particular enzyme at the location normally occu-
pied by a substrate and then modify covalently a 
particular catalytic acid–base or particular side 
chain that participates in association of a substrate 
with the active site. Because there are nucleophilic 
side chains but no electrophilic side chains on the 
amino acids in a protein, an active-site label is almost 
always designed to position an electrophile adjacent 

to a catalytic acid–base or another nucleophilic 
side chain. The electrophilic center on the active-
site label, when it is bound in the active site, reacts 
covalently with the lone pair of electrons on the 
conjugate base of the side chain of the catalytic acid–
base. 
 The usual sequence of events in the labeling of 
an active site is a description of the kinetic charac-
teristics of the inactivation and the covalent modi-
fication of the enzyme, followed by identification of 
the amino acid that is modified by isolating and 
sequencing a peptide containing the modified 
amino acid. Ultimately, the role of the side chain of 
that amino acid in the mechanism of the enzyme is 
defined crystallographically. 
 Before crystallographic molecular models of 
triose-phosphate isomerase (Equation 4-46) were 
available, it was presumed that a catalytic base in 
the active site of the enzyme was responsible for 
removing a hydron from carbon 3 of glycerone phos-
phate during its conversion to ∂-glyceraldehyde 
3-phosphate. To identify the catalytic base, the rea-
gents 3-iodo-, 3-bromo-, and 3-chloro-1-hydroxy-
propan-2-one phosphate were synthesized. Each 
reagent, when it is bound in the active site, should 
place an electrophilic alkyl halide adjacent to that 
catalytic base, -O”(-) 

     
                  (4-290) 

If these reagents are capable of alkylating the actual 
catalytic base, they should have inactivated the 
enzyme irreversibly, and it was observed that each 
did inactivate triose-phosphate isomerase from 
O. cuniculus in a pseudo-first-order reaction (Figure 
4-35).624 3-Chloro-1-hydroxypropan-2-one [32P]phos-
phate was prepared, and triose-phosphate isomerase 
was modified with this reagent. The modified enzyme 
was then denatured and digested with trypsin. Only 
one radioactive peptide was observed upon peptide 
mapping. This tryptic peptide was purified, and its 
sequence of amino acids was found to be 
WVLAYEPVWAIGTGK. When the modified peptide 
was treated with hydroxylamine, the hydroxamate 
of glutamic acid was identified as the product 

MgATP 
2– +  glycerol  1

                sn-glycerol-3-phosphate  +  MgADP 
–

OPO3
2–OCl

H
H

OPO3
2–O

H
O(+)

O(–)

H

”

Æ Cl–
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                (4-291) 

Therefore, the glutamate in this peptide was the 
nucleophile that had been alkylated by the reagent. 
The sequence of amino acids for the peptide identi-
fies the glutamate as Glutamate 165625 in triose-
phosphate isomerase from O. cuniculus. From the 
results of several such experiments, Glutamate 165 
was deduced to be the base responsible for remov-
ing the hydron from carbon during the enzymatic 
reaction. This conclusion about the enzyme from 
O. cuniculus was subsequently confirmed by X-ray 
crystallography (Figure 3-37)626 of the enzyme 
from S. cerevisiae (52% identity; 0.4 gap percent)* 
and site-directed mutation.627 
 There are many electrophiles that have been 
incorporated into active-site labels. In addition to 
alkyl chlorides,628 alkyl bromides,629-640 and alkyl 
iodides,641 such as those used to modify triose-phos-
phate isomerase, alkyl fluorides628,642,643 O-acetyl-
alcohols,628 sulfate esters,644 oxiranes,645-650 aziri-
dines,651,652 N,N-dimethylaziridinium ions,653,654 
aldehydes,655, vicinal diones,656-666 a,b-unsaturated 
imines,667 and 2-methylenecyclopropyl groups668 
have been used as the electrophiles incorporated 
into analogues of various substrates. Electrophilic 
analogues of carboxy groups or acyl groups, or ana-
logues of tetrahedral intermediates in their reactions, 
such as a-diazoketones,669,670 fluorophosphono 
groups,671 or phenylphosphono groups,672 have been 
used as electrophiles in analogues of substrates to 
modify catalytic bases in an active site that would 
normally associate with or react with carboxy groups 
or acyl groups on its substrates. S-(4-Bromo-
2,3-dioxobutyl)thiophosphate, which positions a 
vicinal dione in the location that would be occupied 
by the second phospho group in diphosphate, can 
be incorporated into nucleotides to position the 
vicinal dione adjacent to the guanidinio group of 
an arginine that would be a ligand for that phospho 
group in the active site.666 This latter active-site label 
 

																																																								
*The homologue of Glutamate 165 in the enzyme from O. cuniclus 
is Glutamate 164 in the enzyme from S. cerevisiae. 

 
 
Figure 4-35: Inactivation of triose-phosphate isomerase from 
O. cuniculus by 3-halo-1-hydroxypropan-2-one phosphates.624 
Mixtures containing 0.9 mM active sites of triose-phosphate 
isomerase in 0.1 M imidazolium chloride, pH 6.5, at 2 ªC were 
prepared with either 10 mM 3-iodo-1-hydroxy-2-propanone 
phosphate (3), 10 mM 3-chloro-1-hydroxy-2-propanone phos-
phate (Í), or 10 mM 3-bromo-1-hydroxy-2-propanone phos-
phate (2). At the times indicated, 0.1 mL samples from each 
mixture were removed and diluted into 4.9 mL of 10 mM 
2-sulfanylethanol in 0.02 M triethanolammonium chloride at 
pH 7.9, to discharge rapidly the respective halopropanone. 
These quenched samples were then assayed for enzymatic 
activity. The common logarithm of the fraction of enzymatic 
activity remaining is plotted as a function of the time (seconds) 
the enzyme was exposed to the halopropanone before alkylation 
of the active site was halted by the quenching solution. The data 
were fit directly with Equation 4-298 to obtain values for ki,app 
(0.0027 s-1, 0.027 s-1, and 0.033 s-1 for iodo, chloro, and bromo 
reagents, respectively). These values were then used to draw 
the lines in the figure. 
 

 
is a member of a large class of electrophiles designed 
to modify amino acids in active sites with which 
nucleotides or coenzymes containing nucleotides 
associate.665 
 There are also simple, widely applicable bis-
electrophiles, such as bromoacetyl bromide, that 
can be incorporated covalently into more complex 
substrates or analogues of substrates to create active-
site labels. For example, bromoacetyl bromide could 
be used to acylate 5,8-dideazafolate to produce 
10-(bromoacetyl)-5,8-dideazafolate (4-71)673 
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an analogue of 10-formyltetrahydrofolate 

 

This analogue modifies the carboxy group of the 
catalytic acid, Aspartate 144674 of phosphoribosyl-
glycinamide formyltranferase from E. coli, that forms 
a hydrogen bond to the acyl oxygen of the formyl 
group in 10-formyltetrahydrofolate to improve the 
electrophilicity of that acyl group in the formyl 
transfer catalyzed by the enzyme.675 
 An example of the use of such a biselectrophile 
to synthesize an active-site label that modifies an 
amino acid providing a ligand to a substrate is the 
alkylation of 6-sulfanylpurine ribonucleoside 
5A-monophosphate by 1,4-dibromobutane-2,3-dione 
to produce the nucleotide 

 

 This active-site label is an analogue of N6-(1,2-dicar-
boxyethyl)-AMP,663,665 one substrate for adenylo-
succinate synthase 

    
                (4-292) 

from E. coli. Nucleotide 4-73 modifies the guani-
dinio group of Arginine 303 that forms a hydrogen 
bond to the distal 2-carboxy group of the usual 
substrate, N6-(S-1,2-dicarboxyethyl)-AMP, in the 
active site of the enzyme.676 This carboxy group is 
not a catalytic acid–base. 

 It is also possible to alter an electrophile already 
present in a substrate to convert it into an active-
site label. As part of its normal mechanism, thymi-
dylate synthase forms a covalent adduct between 
the sulfido group of a cysteine in its active site and the 
5,6-double bond of 2A-deoxyuridine 5A-monophos-
phate 

      
                (4-293) 

1-(b-∂-2A-Deoxyribofuranosyl)-3-azapurin-2-one 
5A-monophosphate (4-74) is an active-site label 
that capitalizes on the existence of this nucleophilic 
addition to an a,b-unsaturated amide677 

     (4-294) 

The aromatization of the triazole causes the nucle-
ophilic addition to be kinetically irreversible and 
causes the active-site label to inactivate the enzyme 
from L. casei. Other strategies have been used to 
produce analogues of substrates that become aro-
matic during their covalent modification of the respec-
tive targeted enzymes, and hence modify the enzyme 
irreversibly.678,679 
 Natural products, the role of which is to inactivate 
enzymes in organisms other than the one produc-
ing that natural product, can contain electrophilic 
functional groups such as oxiranes650 that alkylate 
catalytic bases in the active sites of the enzymes 
inactivated. They are natural active-site labels. 
 The exact location that the electrophilic center 
occupies when the active-site label is associated 
specifically with the active site can affect the outcome 
of the modification and provide additional infor-
mation.680 For example, both (2R,6S) and (2S,6S) 
enantiomers of 2-(4-amino-4-carboxybutyl)aziridene-
2-carboxylate (4-76) 
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where the asterisks indicate the electrophilic carbon, 
were synthesized as active-site labels for diamino-
pimelate epimerase 

  
                (4-295) 

These two diastereomers should place an electro-
philic carbon adjacent to the base responsible for 
removing the hydron from (2S,6S)-diaminopimelate 
and adjacent to the base responsible for removing 
the hydron from (2R,6S)-diaminopimelate, respec-
tively, in the normal reaction.681,682 Diaminopimelate 
epimerase from Haemophilus influenzae652 and 
diaminopimelate epimerase from A. thaliana654 
(39% identity; 1.8 gap percent) were modified by 
these two active-site labels. In crystallographic 
molecular models of the modified enzymes, it can 
be seen that (2R)-aziridine 4-75 has alkylated the 
sulfanyl groups of the homologous cysteines in these 
two enzymes responsible for removing the hydron 
from (2S,6S)-diaminopimelate. Likewise, (2S)-aziridine 
4-76 has alkylated the sulfanyl groups of the homol-
ogous cysteines in these two enzymes responsible 
for removing the hydron from (2R,6S)-diamino-
pimelate in the normal enzymatic reaction. 
 Glutamate racemase from Limosilactobacillus 
fermentum also uses two cysteines as catalytic acid–
bases683 for its epimerization that are situated on 
the two sides of the a carbon of ∂-glutamate.684 
Only one of these cysteines, however, is modified 
by the analogous racemic aziridine 2-(2-amino-
2-carboxyethyl)aziridene-2-carboxylate.651 
 Mandelate racemase also catalyzes an epimer-
ization (Equation 4-252), and (R)-2-phenyloxirane-

2-carboxylate (4-77)* is an active-site label that 
inactivates the enzyme from P. putida558 by alkylating 
Lysine 166 

                (4-296) 

(S)-2-Phenyloxirane-2-carboxylate does not inacti-
vate the enzyme or modify the active site because it 
places the electrophilic carbon 3 of the oxirane on 
the opposite side of the plane of 2-phenylacetate, 
distant from the amino group of the lysine, and the 
imidazolyl group at this location is perhaps not 
nucleophilic enough or not properly oriented. 
 Active-site labels can also modify prosthetic 
groups in the active site rather than catalytic acid–
bases. For example, (R)-4-amino-4,5-dihydrothio-
phenecarboxylic acid 

 

inactivates ∂-amino-acid transaminase from Bacillus 
by covalently modifying the prosthetic pyridoxal 
phosphate. The external pyridoximine is formed 
between the active-site label and the prosthetic 
pyridoxal 5A-phosphate. Hydrons are removed from 
carbons 4 and 5 of 4-amino-4,5-dihydrothiophene-
carboxylic acid by the usual steps (see Equa-
tions 4-258 and 4-259) to produce the aromatic 
thiophene, which is so stable that further reaction 
cannot occur. In this instance the stable, aromatic 
product of the reaction was identified crystallo-
graphically.678 
 2a,3a-Cyclopropano-5a-cholestan-3b-ol 

																																																								
*Note that the priorities for assigning R and S reverse in going 
from the amino acid to the aziridine in the case of diamino-
pimelate epimerase and from the mandelate to the oxirane in 
the case of mandelate racemase. 
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is an active-site label for the flavoenzyme cholesterol 
oxidase from Streptomyces.685 It covalently modifies 
the isoalloxazine ring of the prosthetic flavin (previ-
ously 2-42) 

 

at carbon 6, and the product of the reaction is consis-
tent with dehydronation of the 3-hydroxy group of 
2a,3a-cyclopropano-5a-cholestan-3b-ol by a cata-
lytic base on the enzyme, heterolytic opening of the 
adjacent cyclopropane to produce a nucleophilic 
primary carbanion of the secondary carbon of the 
cyclopropane, and nucleophilic addition of that 
carbanion to the flavin. N-(Cyclopropyl)glycine is a 
mechanism-based label for sarcosine oxidase from 
Bacillus.686 In this instance, however, it is thought 
that the oxidized prosthetic flavin (4-80) in the active 
site removes one electron from the lone pair of 
electrons on the nitrogen of N-(cyclopropyl)glycine, 
the cyclopropyl ring opens homolytically rather than 
heterolytically, and the primary radical at carbon 3 
of the propanal in the resulting imine with the 
amino group of glycine colligates with the radical of 
flavin semiquinone formed upon transfer of the 
electron. The product of the radical colligation is an 
adduct that has been alkylated at carbon 4a of the 
flavin by carbon 3 of propanal.687 
 In one sense, however, the modifications of 
these prosthetic groups did not identify them as 
participants in the respective reaction because that 
fact was already known. 
 
 There are several criteria that should be met 
before a reagent synthesized as an active-site label 
can be designated as capable of modifying the 
enzyme while it is bound in place of a substrate 
within the active site. First, the rate of the reaction 
between enzyme and active-site label should display 
saturation as a function of the concentration of the 
active-site label, just as association of the substrate 

being mimicked does. Second, a natural substrate 
or competitive inhibitor of the enzyme should 
competitively inhibit the inactivation produced by 
the active-site label. Third, the inhibition constant 
Ki for a substrate or competitive inhibitor of the 
inactivation produced by an active-site label should 
be the same as the Michaelis constant of the substrate 
or the dissociation constant of the competitive 
inhibitor from the active site in the absence of the 
active-site label. Fourth, at short times before covalent 
modification occurs, the active-site label should be 
a competitive inhibitor of the normal enzymatic 
reaction with respect to the reactant that it resembles. 
Fifth, the inhibition constant Ki for this reversible 
competitive inhibition of the normal enzymatic 
reaction by the active-site label should be the same 
as the dissociation constant from the active site 
that governs its irreversible inactivation of the 
enzymatic activity. Sixth, if the behavior of the 
specificity constant kA for reactant A that is being 
mimicked by the active-site label is pH-dependent, 
decreasing below a pKa for a catalytic base involved 
in the reaction (as in Figure 4-10A-D), and the active-
site label is thought to modify that same base, then 
the pH-rate profile for the rate constant of inactiva-
tion should be governed by the same pKa. Seventh, 
the covalent incorporation of active-site label into 
the protein should be proportional to the loss of 
enzymatic activity, and the stoichiometry of incor-
poration at full inactivation should be 1.0 mol (mol 
of active sites)-1. The first criterion shows that the 
active-site label binds to the enzyme before it can 
inactivate the enzyme. The next five criteria connect 
this binding to the normal binding of substrates or 
competitive inhibitors to the active site. The last 
criterion is consistent with the hope that the only 
significant covalent modification of the protein occurs 
while the electrophile is occupying the active site in 
the proper orientation. 
 The criterion of saturation can be explained 
by an examination of the rate equations for specific 
labeling. If an active-site label (ASL) first associates 
with the active site of an enzyme and then modifies 
a catalytic group within the active site, it follows 
that 

          (4-297) 

where ki is the rate constant for inactivation and 
E-ASL is the enzyme that has been modified cova-
lently and irreversibly by the active-site label. If the 
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concentration of active-site label is in large molar 
excess over the concentration of active sites in the 
solution and if the active-site label is lost from the 
solution only by reaction with the active site, then 
its concentration will remain essentially constant 
throughout the reaction. In this case, it can be 
shown688 that 

            (4-298) 

where [E]0 is the initial total concentration of enzyme 

             (4-299) 

and 

                (4-300) 

If covalent modification by the active-site label is 
the only reason that enzymatic activity is disap-
pearing, the term ([E]0 - [E-ASL]) [E]0

-1 is equal to 
the fraction of enzymatic activity remaining at a 
particular time. 
 The disappearance of enzymatic activity is 
followed in the experiment by removing samples of 
enzyme from the solution containing the active-site 
label at various times and immediately diluting each 
sample or otherwise quenching the inactivation while 
performing an assay of the remaining enzymatic 
activity. 
 The observed fraction of enzymatic activity 
remaining as a function of time can be fit directly 
to an exponential equation by usual least-squares 
analysis to obtain the rate constant ki,app. Just as in 
the case of the effects of pH on the rate of an enzy-
matic reaction, however, it is easier to evaluate 
visually how well the data satisfies the exponential 
equation if the natural logarithm of the fraction of 
enzymatic activity remaining is plotted as a function 
of time640 

           (4-301) 

By this criterion, the inactivations of triose-phosphate 
isomerase by 3-halo-1-hydroxypropan-2-one phos-

phates are pseudo-first-order reactions (Figure 4-35) 
as predicted by Equation 4-298. 
 Because the covalent reaction leading to inacti-
vation is usually slow, k-1 >> ki and 

          (4-302) 

where KdASL is the dissociation constant for the 
complex between the active-site label and the active 
site, so the apparent first-order rate constant for 
the inactivation 

             (4-303) 

The behavior of the observed pseudo-first-order 
rate constant of inactivation, ki,app, as a function of 
the molar concentration of active-site label (Equa-
tion 4-299) demonstrates saturation.640 
 One step in the reaction catalyzed by fructose-
bisphosphate aldolase (Equation 4-210) is formation 
of an enamine of glycerone phosphate. The enamine 
(Figure 4-36) is formed from the imine between 
glycerone phosphate and a lysine on the enzyme by 
removal of a hydron from carbon 3 

          
                (4-304) 

1-Hydroxy-2-oxobut-3-ene phosphate was synthe-
sized as an active-site label for fructose-bisphosphate 
aldolase.667 1-Hydroxy-2-oxobut-3-ene phosphate, 
when bound to the active site as the analogous 
adduct of the same lysine (4-81), should place an 
electrophilic a,b-unsaturated imine adjacent to the 
amino acid responsible for removing the hydron in 
the normal reaction, and a Michael addition should 
result  

       
                     (4-305) 
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Figure 4-36: Steps in the retroaldol condensation catalyzed by 
fructose-bisphosphate aldolase. The amino group of a lysine in 
the active site adds to the carbonyl in ∂-fructose 1,6-bisphosphate 
to give the iminium, with the hemiketal as an intermediate. 
The bond between carbons 3 and 4, weakened by the iminium 
 
 
 
When 1-hydroxy-2-oxobut-3-ene phosphate was 
added to a solution of fructose-bisphosphate aldolase 
from O. cuniculus and samples were withdrawn at 
various intervals and diluted to dissociate the revers-
ibly bound inhibitor, the enzymatic activity was 
observed to disappear irreversibly in a pseudo-first-
order process.689 From these measurements, observed 
pseudo-first-order rate constants of inactivation 
were obtained by fitting Equation 4-298 to the data. 
When these observed rate constants of inactivation 
are plotted as a function of the concentration of active-
site label, saturation is observed (Figure 4-37).689 
The continuous curve drawn in the figure is defined by 
Equation 4-303 with ki = 0.11 s-1 and KdASL = 100 mM. 
Therefore, the observed behavior is consistent with 
a kinetic mechanism in which the active-site label 
binds to the active site before covalently modifying 
it. 
 Often an active-site label is an active enough 
electrophile to react with the water or other bases 
in the solution. In this instance, the total concen-
tration of active-site label decreases systematically 
during the reaction, and the activity of the enzyme 
does not decrease in a simple first-order reaction.641 
The initial rate of decrease in the enzymatic activity 
could be used as ki,app in Equation 4-299, but it is 
often technically difficult to make this measurement 
accurately at short times. The situation, however, 
can be viewed as a competition for the reagent 
between the nucleophile in the active site and 
nucleophiles in the solution. Under these circum-
stances, the final yield of modified enzyme after all  

 
at carbon 2, breaks to give the enamine and ∂-glyceraldehyde 
3-phosphate, one of the products of the retroaldol condensation. 
The enamine is hydronated at its basic carbon to give the iminium, 
and the iminium is hydrolyzed to give glycerone phosphate, 
the other product. 
 
 
 
 

 
 
Figure 4-37: Behavior of the observed pseudo-first-order rate 
constant for inactivation of fructose-bisphosphate aldolase by 
1-hydroxy-2-oxobut-3-ene phosphate as a function of the concen-
tration of active-site label.689 Mixtures were prepared containing 
various concentrations of 1-hydroxy-2-oxobut-3-ene phosphate 
at pH 7.0 and 37 ªC. The reaction was initiated in each case by 
adding fructose-bisphosphate aldolase. Samples (50 mL) were 
removed at various times (at intervals of about 1 min) and 
were diluted immediately into an assay mixture (750 mL) for 
measuring enzymatic activity. The initial rate of the enzymatic 
reaction was measured continuously at 340 nm by coupling 
the production of triose phosphates to the reduction of NADH 
with triose-phosphate isomerase and glycerol-3-phosphate 
dehydrogenase. The initial rate of enzymatic activity was plotted 
as a function of the time of exposure to 1-hydroxy-2-oxobut-
3-ene phosphate, and an observed pseudo-first-order rate 
constant of inactivation, ki,app, was calculated from the time 
course for each concentration of active-site label. The observed 
pseudo-first-order rate constants, ki,app (second-1), are plotted 
as a function of the concentration of 1-hydroxybut-3-en-2-one 
phosphate (micromolar). The curve drawn in the figure is that 
defined by Equation 4-303 with ki = 0.11 s-1 and KdASL = 99 mM. 
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the active-site label has been quenched by reacting 
with the solution, the yield at infinite time, can be 
expressed as a fraction of the amount of enzyme 
originally present. This fractional yield, aE-ASL•, is 
simply the enzymatic activity at the end of the reaction 
divided by the enzymatic activity at the start of the 
reaction. 
 If the active site cannot recognize the product 
of the reaction between the active-site label and the 
solution, it can be shown690 that 

      (4-306) 

where kD is the first-order rate constant for the 
reaction in which the active-site label is destroyed 
by reaction with the solution, ki is the first-order 
rate constant for its reaction with the active site, 
[ASL]0 is the initial molar concentration of active-
site label, and KdASL is its dissociation constant 
from the active site. 
 If the active site, however, can bind the product 
of the reaction between the active-site label and the 
solution, then as product builds up, it will compete 
with the active-site label for the active site but be 
unable to modify it covalently. If the product has 
the same dissociation constant, KdASL, as the active-
site label itself and the initial concentration of the 
active-site label is always in large excess over the 
concentration of sites, then it can be shown that 

          (4-307) 

Whether the reaction behaves as described by 
Equation 4-306 or 4-307, which define significantly 
different behavior, makes the decision as to whether 
or not the product of reaction of the active-site label 
with the solution is able to associate with the active 
site. From Equation 4-306 or 4-307, it can then be 
ascertained whether or not the reaction between the 
active site and the active-site label displays satura-
tion,690 and a dissociation constant for the active-
site label from the enzyme can be determined. 
 The criterion of competition by a substrate or 
competitive inhibitor and the criterion of identity 
between the respective inhibition constant and 
either the Michaelis constant of the substrate or 
the dissociation constant of the competitive inhibitor 
are explained by examining an expanded kinetic 

mechanism for specific labeling. If an active-site 
label binds in the active site at the same location as 
the substrate it was designed to resemble before 
modifying the enzyme, then that substrate should 
decrease the rate of modification by occupying the 
active site in its stead. For example, addition of the 
natural substrate glycerone phosphate at increasing 
concentrations causes the rate of inactivation of 
fructose-bisphosphate aldolase by 1-hydroxy-2-oxo-
but-3-ene phosphate (Equation 4-305) to decrease 
accordingly.689 
 If natural reactant A and the active-site label are 
competing for the same location within the active 
site and if the concentration of reactant remains 
relatively constant during the inactivation even 
though it is being converted to product, then a 
simple kinetic mechanism for the competition is 

      
                     (4-308) 

Under these circumstances, or analogous circum-
stances dictated by the established kinetic mechanism 
for a particular enzymatic reaction, the derivation 
of the rate equation from the kinetic mechanism 
leads to the conclusion691 that the observed pseudo-
first-order rate constant for irreversible inactivation 

         (4-309) 

where KmA is the Michaelis constant for turnover of 
reactant A in the absence of active-site label. It follows 
that reactant A, which is being mimicked by the active-
site label, is a competitive inhibitor of labeling, with a 
competitive inhibition constant equal to its Michaelis 
constant. 
 Isocitrate lyase performs an aldol condensation 
between succinate and glyoxylate to produce iso-
citrate692 
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                (4-310) 

3-Bromopyruvate has a carboxylato group that should 
occupy one of the three subsites for carboxylato 
groups on the two substrates and may position an 
electrophile 

            (4-311) 

in the vicinity of the catalytic base (–)”S- responsible 
for removing the hydron from carbon 2 of succinate. 
It was selected, for the sake of convenience, as an 
active-site label for isocitrate lyase.629 3-Bromo-
pyruvate inactivates isocitrate lyase from Vogesella 
indigofera in a pseudo-first-order reaction, and the 
observed pseudo-first-order rate constants of inacti-
vation for various concentrations of the active-site 
label, 3-bromopyruvate, and the reactant, (2R,3S)-iso-
citrate, were determined. 
 When reciprocals of the observed rate constants 
for inactivation, ki,app, were plotted as a function of 
reciprocals of the concentrations of 3-bromopyruvate 
at two fixed concentrations of isocitrate, competi-
tive inhibition of the inactivation was observed 
(Figure 4-38).629 The inhibition constant for iso-
citrate as a competitive inhibitor of the inactivation, 
calculated from the data directly, was 90 mM, which 
compares favorably to the Michaelis constant of 
110 mM for isocitrate as a reactant for the enzyme. 
The coincidence of the inhibition constant and the 
Michaelis constant demonstrates that isocitrate 
binds to the same site on the enzyme when it is a 
reactant as when it is a competitive inhibitor of the 
irreversible inactivation caused by 3-bromopyruvate.  
 
 

 
 
Figure 4-38: Competition between isocitrate and 3-bromo-
pyruvate during the inactivation of isocitrate lyase from 
V. indigofera.629 Mixtures containing various concentrations of 
3-bromopyruvate and 0.5 mM isocitrate (2), 2.0 mM isocitrate (Í), 
or no isocitrate (3) were prepared at pH 7.7 and 30 ªC. Enzyme 
was added to initiate the inactivation. For each mixture, inacti-
vation of the enzyme was followed as a function of time, and 
pseudo-first-order rate constants of inactivation were calculated 
from the loss of activity over the first half-time of the reaction. 
The reciprocals of the observed rate constants for inactivation, 
ki,app-1 (second-1), derived from these time courses are plotted 
as a function of the reciprocals of the concentrations of 
3-bromopyruvate (Brpyr), [bromopyruvate]-1 (micromolar-1), 
in the mixtures after addition of the enzyme. The lines drawn 
are those defined by the reciprocal of Equation 4-309 for 
ki = 0.016 min-1, Km,isc = 90 mM, and Kd,Brpyr = 30 mM. 
 
 
 
Therefore, 3-bromopyruvate alkylates the enzyme 
while it is bound at the active site in a portion of 
the location occupied by isocitrate.  
 For enzymes with more than one reactant, if 
the turnover of reactant A is prevented by leaving 
out reactant B or reactant C or both of them during 
the inactivation by an active-site label designed to 
resemble reactant A, then the Michaelis constant in 
Equation 4-309 is replaced by the dissociation 
constant of reactant A from the active site, KdA, in 
the absence of reactant B or reactant C or both of 
them. For example, glycerone phosphate (reactant A) 
in the absence of glyceraldehyde 3-phosphate 
(reactant B) is a competitive inhibitor of the irreversi-
ble inactivation of fructose-bisphosphate aldolase 
caused by 1-hydroxy-2-oxobut-3-ene phosphate 
(Equation 4-305). Values for the various pseudo-
first-order rate constants of inactivation were used 
to calculate the inhibition constant of glycerone 
phosphate for inactivation of the enzyme. The value 
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calculated (1.4 mM) was close enough to the value 
for the dissociation constant (4.5 mM) for glycerone 
phosphate from the active site under different circum-
stances for the authors to conclude that inactivation 
was occurring within the active site.689 
 A competitive inhibitor of the normal enzy-
matic reaction can also be used to demonstrate the 
specificity of an active-site label. N-Bromoacetyl-
N-methyl-¬-phenylalanine (4-82; BramF) was synthe-
sized as an active-site label for carboxypeptidase A.630 
In the normal enzymatic reaction of carboxypepti-
dase A (Equation 4-172), a catalytic base, -O”(–), 
must remove a hydron from the water that adds to 
the acyl carbon, and N-bromoacetyl-N-methyl-
¬-phenylalanine was designed to modify this catalytic 
base 

  
                (4-312) 

N-Bromoacetyl-N-methyl-¬-phenylalanine inacti-
vated the enzyme in a pseudo-first-order process, 
and the observed rate constants displayed satura-
tion (KdBramF = 5 mM). A competitive inhibitor of 
the enzyme, 2-phenylacetate, competitively inhibited 
the irreversible inactivation produced by N-bromo-
acetyl-N-methyl-¬-phenylalanine. The inhibition 
constant for 2-phenylacetate as a competitive inhib-
itor of inactivation (1.1 mM) was in reasonable 
agreement with its inhibition constant as a competi-
tive inhibitor of enzymatic activity (0.4 mM), and 
this agreement was used as evidence that the inacti-
vation occurred while the active-site label was bound 
to the active site of the enzyme. 
 The criterion that the active-site label should 
be a competitive inhibitor of the normal enzymatic 
reaction and the criterion that it should have the 
same inhibition constant as its dissociation constant 
when it is irreversibly inactivating the enzyme are 
self-evident. The rate at which an active-site label 
modifies an enzyme is usually slow (Figures 4-35 
and 4-37) compared to the rates at which it associ-
ates and dissociates from the active site and the 
rate at which normal reactants are converted to 
normal products. This difference in rates means 
that the initial rate of the enzymatic reaction can 

usually be measured in the presence of the active-
site label over an interval short enough that signifi-
cant inactivation has not yet occurred. In this way, 
the ultimately irreversible inhibitor can be assessed for 
its ability to inhibit the enzymatic reaction reversibly. 
If the active-site label does enter the active site 
before it reacts with the enzyme, then it should be a 
competitive inhibitor with respect to the reactant 
that it resembles. If the covalent inactivation is 
from the same position it occupies as a competitive 
inhibitor, then its competitive inhibition constant 
should be the same as its dissociation constant for 
inactivation. 
 Amidophosphoribosyltransferase 

                (4-313) 

transfers the ammonia produced by hydrolysis of 
¬-glutamine at the active site for glutaminase through 
a tunnel693 to 5-phospho-a-∂-ribose 1-diphosphate, 
where the ammonia participates in a nucleophilic 
substitution at carbon 1 with diphosphate as the 
leaving group. 6-Diazo-5-oxo-(S)-2-aminohexanoic 
acid (4-83) was chosen669 as an active-site label to 
modify any base involved in hydrolysis of ¬-gluta-
mine (4-84) at the active site for glutaminase because 
it should place a diazoketone adjacent to such a 
base 

 

6-Diazo-5-oxo-(S)-2-aminohexanoic acid inactivates 
amidophosphoribosyltransferase from G. gallus 
irreversibly, and at short times it is a reversible 
competitive inhibitor of the normal enzymatic 
reaction with respect to ¬-glutamine. Its inhibition 
constant as a reversible competitive inhibitor 
(KiDon = 20 mM) is close to its dissociation constant 
as an irreversible active-site label (KdDon = 30 mM), 
and this coincidence is evidence that the irreversible 
modification occurs while 6-diazo-5-oxo-(S)-2-amino-
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hexanoic acid is occupying the active site for glutam-
inase in place of ¬-glutamine. 
 When 5-phospho-a-∂-ribose 1-diphosphate is 
present at saturation and occupying the other active 
site on amidophosphoribosyltransferase that is 
responsible for the nucleophilic substitution of 
ammonia by the diphospho group, the rate for 
inactivation by 6-diazo-5-oxo-(S)-2-aminohexanoic 
acid of the glutaminase increases 15-fold. This fact 
suggests that there must be a conformational 
change in the enzyme that causes the active site for 
deamination of ¬-glutamine to become more effi-
cient when 5-phospho-a-∂-ribose 1-diphosphate 
has associated with the active site for amination. 
This communication between the active sites could 
be a way to prevent molecules of ammonia from 
piling up in the tunnel and leaking into the solution, 
leading to the nonproductive, and energetically 
wasteful, hydrolysis of ¬-glutamine, and the change 
in rate of inactivation has revealed this adaptation. 
 The usual purpose of active-site labeling is to 
modify the conjugate base of a catalytic acid–base 
involved in the catalytic mechanism of an enzyme. 
The criterion that the same pKa should govern the 
steady-state kinetics and the inactivation by an 
active-site label connects the pKa for the catalytic 
acid–base that is revealed in the pH-rate profile for 
a steady-state rate constant and the pKa for the 
catalytic acid–base that is modified by the active-
site label. The kinetic mechanism of Equation 4-297 
can be expanded636 to include acid dissociations of 
the base being modified, which is nucleophilic only 
when it is unhydronated 

  (4-314) 

from which it follows that 

         (4-315) 

and 

          (4-316) 

The rate constants kASL,app and ki,app are the observed 
values at a given pH, and kASL and ki are asymptotic 
values for these rate constants (Equation 4-299) at 
values of pH greater than pKaE and pKaE·ASL, respec-
tively, where rate constants become invariant with 
pH (as in Figure 4-10A-D). Because the conjugate 
base of the catalytic acid–base is the nucleophile 
that adds to the electrophilic center in the active-site 
label, the rate of inactivation decreases below a 
particular value of pKa as the conjugate base is 
hydronated. At values of pH greater than that pKa, 
all the active sites contain the unhydronated conjugate 
base.  
 3-Bromopyruvate (Equation 4-311) inactivates 
2-hydroxymuconate tautomerase 

       (4-317) 

from P. putida.694 Upon entering the active site, 
3-bromopyruvate (Brpyr) should place the alkyl 
bromide immediately adjacent to the base in the 
active site responsible for removing the hydron 
from carbon 3 of 2-oxopent-4-enoate during its 
tautomerization by the enzyme. The inactivation 
by 3-bromopyruvate was followed as a function of 
pH (Figure 4-39A).636,645 The observed rate constant 
for the inactivation, kBrpyr,app (Equation 4-299), that 
was produced by 3-bromopyruvate decreased below 
a pKa of 6.7 ± 0.3. This pKa should be the pKa in the 
empty active site of the free enzyme (Equation 
4-315) for the base that is alkylated by 3-bromo-
pyruvate. It was found that 3-bromopyruvate alkyl-
ates the amino-terminal proline of the enzyme,636 
which has been shown, by nuclear magnetic reso-
nance spectroscopy,116 to have a pKa of 6.4 ± 0.2 in 
the unoccupied enzyme. The specificity constant 
kOPE,app for the enzymatically catalyzed tautomeri-
zation of 2-oxopent-4-enoate (OPE) decreases below 
a pKa of 6.2 ± 0.3. The fact that all these values of 
pKa are identical within the errors of measurement 
is consistent with two conclusions: first, that 3-bromo-
pyruvate inactivates the enzyme by alkylating the 
catalytic base that is responsible for the decrease in    
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the specificity constant for tautomerization of 
2-oxopent-4-enoate below a pKa of 6.2; and second, 
that the catalytic base responsible for this decrease 
in the specificity constant and also responsible for 
removing the hydron from carbon 3 of 2-oxohex-
4-enedioate (Equation 4-317) is the amino-terminal 
proline of the enzyme. 
 The reaction catalyzed by glucose-6-phosphate 
isomerase 

     
                (4-318) 

 
 

Figure 4-39: Dependence on pH of the common logarithms of the 
rate constants for inactivation by active-site labels. (A) Inacti-
vation of 2-hydroxymuconate tautomerase from P. putida by 
3-bromopyruvate.636 Solutions containing 0.45-4.5 mM 3-bromo-
pyruvate were prepared at various values of pH buffered with 
0.1 M sodium phosphate at 23 ªC . Inactivation of the enzyme 
was initiated by adding enzyme to 1.7 mM in active sites and 
was followed by withdrawing samples at appropriate times, 
diluting the sample 200-fold, and performing an assay for 
enzymatic activity. The observed pseudo-first-order rate con-
stants of inactivation for each value of pH and each concentration 
of 3-bromopyruvate were determined from a nonlinear least-
squares fit of the data for the loss in enzymatic activity as a 
function of time to Equation 4-298. These observed rate con-
stants as a function of the concentrations of 3-bromopyruvate 
(Brpyr) for each pH were then fit to Equation 4-299 to obtain 
values for kBrpyr,app. The common logarithms of these values 
for kBrpyr,app (molar-1 second-1) are plotted as a function of the 
pH of the solution in which the inactivation occurred. The 
curve fit to the data is that for Equation 4-89, with kBrpyr,app 
substituted for k0,app and kBrpyr substituted for k0. The resulting 
parameters of the fit are pKa = 6.74 and kBrpyr = 17.7 M-1 s-1. 
(B) Inactivation of glucose-6-phosphate isomerase from 
S. cerevisiae by 1,2-anhydro-∂-mannitol 6-phosphate.645 Solu-
tions containing 2 or 4 mM (2R)-1,2-anhydro-∂-mannitol 
6-phosphate were prepared at various values of pH buffered 
with sodium acetate, imidazolium chloride, triethanolammonium 
chloride, or sodium glycinate at 25 ªC. The two concentrations 
of reagent chosen were known to be saturating for the active 
site, and the fact that the rates of inactivation were the same 
for each verified this expectation. Inactivation of the enzyme 
was initiated by adding yeast glucose-6-phosphate isomerase 
and was followed by withdrawing samples at appropriate 
times, diluting the sample 100-fold with cold assay buffer, and 
performing an assay for enzymatic activity. The observed 
pseudo-first-order rate constants of inactivation, ki,app, for each 
value of pH and each concentration of the epoxide were obtained 
by plotting the common logarithms of the residual enzymatic 
activity as a function of time. The common logarithms of these 
rate constants, log ki,app (second-1), are plotted as a function of pH. 
The curve fit to the data is that for Equation 4-96, with ki,app 
substituted for k0,app and ki substituted for k0. The resulting 
parameters of the fit are pKa1 = 6.34, pKa2 = 9.95, and ki = 1.5 h-1. 
 
 
 
proceeds through a cis-enediol, as does that cata-
lyzed by triose-phosphate isomerase (Equations 4-46 
and 4-55 and Figure 3-37). The cis-enediol in this 
case is the conjugate base of both ∂-glucose 
6-phosphate and ∂-fructose 6-phosphate. To pro-
duce this common conjugate base, a catalytic base 
is necessary to remove a hydron from carbon 1 of 
∂-glucose 6-phosphate or carbon 2 of ∂-fructose 
6-phosphate, and the conjugate acid of this base is 
necessary to add a hydron to carbon 2 or carbon 1, 
respectively, of the resulting enediol. Catalytic acid–
bases are also necessary to operate on the oxygens 
on carbons 1 and 2 to stabilize the enolate (see Fig-
ure 3-37). 
 The oxirane 1,2-anhydro-∂-mannitol 6-phos-
phate (4-85) was chosen645 as an active-site label 
for glucose-6-phosphate isomerase 
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                (4-319) 

Under catalysis by -NH(+), the catalytic acid respon-
sible for adding the hydron to oxygen in the normal 
reaction, the epoxide should alkylate -O9(-), the 
catalytic base responsible for removing the hydron 
from carbon. Rate constants at saturation, kanMP,app 
(Equation 4-299), for the irreversible inactivation of 
glucose-6-phosphate isomerase from S. cerevisiae 
caused by 1,2-anhydro-∂-mannitol 6-phosphate 
(anMP) were determined as a function of pH (Fig-
ure 4-39B).645 The two values of pKa (6.3 and 10.0) 
are thought to correspond to the microscopic pKa 
of the conjugate acid of the catalytic base responsible 
for the nucleophilic substitution resulting in inacti-
vation and the microscopic pKa for the catalytic acid 
that hydronates the oxygen of the epoxide, respec-
tively. Because values of pKa measured are for the 
active site occupied by the epoxide, they should be 
closest to values of pKa for the active site occupied by 
reactant and hence values of pKa governing the 
behavior of the catalytic constant. The catalytic 
constant of the enzymatic reaction has a similar 
dependence on pH with apparent values for pKa of 
6.6 and 9.8. Acid dissociation constants that govern 
the inactivation of the enzyme by the epoxide, 
however, are uncomplicated by rate constants of 
other steps in the catalytic reaction, and they 
should be more direct measurements of actual acid 
dissociation constants for these amino acids within 
the active site when it is occupied by 1,2-anhydro-
∂-mannitol 6-phosphate or by either substrate. 
 The criterion that covalent incorporation of 
the active-site label into the protein should be propor-
tional to the loss of enzymatic activity and that the 
stoichiometry of incorporation at full inactivation 
should be 1.0 mol (mol of active sites)-1 ensures 
that the major modified peptide that will be derived 
from digestion of the enzyme will be the peptide 
containing the amino acid the modification of 
which led to the inactivation of the enzyme.640 For 
example, amidophosphoribosyltransferase from 
B. subtilis (Equation 4-313) is irreversibly inactivated 
by [6-14C]-6-diazo-5-oxo-(S)-2-aminohexanoic acid 

(4-86), an electrophilic analogue of the substrate 
¬-glutamine. [6-14C]-6-Diazo-5-oxo-(S)-2-aminohex-
anoic acid is a diazoketone that covalently modifies 
an adjacent acid when it is bound in an active site. 
The covalent incorporation results from a nucleo-
philic substitution with the conjugate base of the 
acid after the acid has hydronated carbon 6 of the 
active-site label. Molecular nitrogen is the leaving 
group669,670 

                (4-320) 

Both the covalent incorporation of the radioactive 
reagent into amidophosphoribosyltransferase and 
the irreversible loss of enzymatic activity were fol-
lowed as a function of time in the same samples. A 
close correlation between these two properties was 
observed (Figure 4-40).695 The incorporation of 
radioactivity into the protein rises as the enzymatic 
activity falls (Figure 4-40A). The fraction of enzymatic 
activity lost is directly proportional to the moles of 
carbon-14 incorporated into the protein (Figure 
4-40B). The extrapolated value for incorporation 
at full inactivation was 0.85 mole of reagent for 
every mole of protomer, and hence every mole of 
active sites, estimated to be in the solution. 
 When intact, fully inactivated amidophospho-
ribosyltransferase covalently modified by [6-14C]-6-di-
azo-5-oxo-(S)-2-aminohexanoic acid was submitted 
to Edman degradation, all the carbon-14 that had 
been incorporated was released in the first cycle. 
This result identified the sulfido group of the amino-
terminal cysteine in the amino-terminal domain of 
the enzyme as the nucleophile that had been modi-
fied. The amino-terminal cysteine in the homologous 
(36% identity; 3.0 gap percent) amino-terminal 
glutaminase domain in amidophosphoribosyltrans-
ferase from E. coli is also alkylated specifically by 
6-diazo-5-oxo-(S)-2-aminohexanoic acid,696 and 
the sulfanyl group of this cysteine has been identi-
fied as the nucleophile releasing ammonia from 
¬-glutamine by nucleophilic substitution to form a 
thioester, which is subsequently hydrolyzed to regen-
erate the sulfanyl group.693,697-700 
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 Pyridoxal 5¢-phosphate (4-87) is electrophilic 
at its aldehyde. It forms unstable pyridoximines 
with primary amines, just as it forms external pyri-
doximines during the normal reactions catalyzed 
by enzymes that use it as a prosthetic group (Equa-
tion 4-258). Pyridoximines of primary amines can 
be reduced with borohydride, BH4

-, or cyanoboro-
hydride, N?CBH3

-, to the corresponding, stable 
secondary amines. Pyridoxal 5¢-phosphate only 
vaguely resembles 3-phosphoshikimate (4-88) 

 

Nevertheless, it is an active-site label for 3-phospho-
shikimate 1-carboxyvinyltransferase (previously 
Equation 3-262) 

      
                (4-321) 

 

Figure 4-40: Incorporation of [6-14C]-6-diazo-5-oxo-(S)-2-amino-
hexanoic acid into amidophosphoribosyltransferase from 
B. subtilis.695 A solution containing 10 mM [6-14C]-6-dazo-5-oxo-
(S)-2-aminohexanoic acid, 7.5 mM MgCl2, and 5 mM 5-phospho-
ribosyl 1-diphosphate was prepared at pH 7.5 and 37 ªC. Amido-
phosphoribosyltransferase (5 mM final concentration of active 
sites) was added to initiate the reaction. At the noted times, 
samples (10 mL) were removed for assay of enzymatic activity, 
and other samples (75 mL) were removed and quenched with 
175 mL of 10% trichloroacetic acid at 0 ªC. Serum albumin (0.1 mg) 
was added to each of these latter samples as a coprecipitant. It 
was assumed that the precipitated carbon-14 was attached 
covalently to the amidophosphoribosyltransferase. After 4 h, 
the precipitates in the latter samples were washed with ethanol, 
dissolved in 1 M NaOH, neutralized with HCl, and submitted to 
scintillation counting. (A) Enzymatic activity (3), as a percentage 
of initial activity, and covalent incorporation of carbon-14 into 
protein (2), as moles of [6-14C]-6-diazo-5-oxo-(S)-2-amino-
hexanoic acid ([14C]DON) incorporated for each mole of active 
sites in the solution, are presented as a function of time 
(minutes). (B) Enzymatic activity (3), as a percentage of initial 
activity, is plotted as a function of the covalent incorporation 
of [6-14C]-6-diazo-5-oxo-(S)-2-aminohexanoic acid, in moles 
of incorporation for each mole of active sites. 
 
 
 
 
 
 
 
from E. coli (see Problem 4-26) that satisfies most 
of the criteria for specific active-site labeling.655 
3-Phosphoshikimate 1-carboxyvinyltransferase was 
mixed with a solution of pyridoxal 5¢-phosphate, 
and samples were removed at consecutive intervals 
and reduced with [3H]BH4

-. The irreversible, covalent 
incorporation of [4¢-3H]pyridoxamine 5¢-phosphate 
into the protein was directly proportional to the 
loss of enzymatic activity, and at complete inacti-
vation, 1.0 mole of pyridoxal 5¢-phosphate was 
incorporated for every mole of protomer of the 
enzyme in the solution. When the fully inactivated 
enzyme, reduced with [3H]BH4

-, was digested with 
trypsin, only one of the resulting tryptic peptides 
was radioactive. This peptide had the sequence 
VDGTINLPGSX*XVSNR, where the asterisk denotes 
the cycle of Edman degradation in which a radioactive 
amino acid was released. This sequence identifies 
the labeled amino acid as Lysine 22 in the complete 
sequence of the enzyme. 
 In the crystallographic molecular model between 
3-phosphoshikimate 1-carboxyvinyltransferase from 
E. coli and 3-phosphoshikimate and 2-(phosphono-
methylamino)acetic acid, an enzymatically inactive 
analogue of phosphoenolpyruvate, Lysine 22 forms 
a hydrogen bond (0.28 nm) to the 5-hydroxy group 
of 3-phosphoshikimate (4-88).701 In crystallo-
graphic molecular models of 3-phosphoshikimate 
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1-carboxyvinyltransferase from both E. coli and Agro-
bacterium and several analogues of the tetrahedral 
intermediate in the enzymatic reaction, Lysine 22 has 
been identified as the catalytic base that removes 
the hydron from the 5-hydroxy group of 3-phospho-
shikimate to increase the nucleophilicity of the 
oxygen and initiate transfer of the 1-carboxyvinyl 
group to this hydroxy group in the first step of the 
enzymatic reaction.702 Pyridoxal 5-phosphate, 
binding in place of 3-phosphoshikimate, serendipi-
tously places its electrophilic aldehyde adjacent to 
the amino group of this catalytic lysine and modifies it. 
 As was the case for amidophosphoribosyl-
transferase (Figure 4-40B), extrapolated values for 
the moles of reagent incorporated into the protein 
at complete inactivation are rarely the hoped-for 
value of 1.0 mol (mol of active sites)-1. In situations639 
when it is 1.0 mol mol-1, such as that for the incor-
poration of [4¢-3H]pyridoxamino 5¢-phosphate into 
3-phosphoshikimate 1-carboxyvinyltransferase, the 
agreement with expectation is probably only by 
chance. First, an incorporation in excess of 1.0 mol 
(mol of active sites)-1 may only mean that the electro-
phile is reactive enough to modify other amino acids 
at random on the surface of the protein present in 
the solution in addition to the targeted catalytic base 
in the active site of interest. Second, an extrapolated 
value for incorporation at full inactivation signifi-
cantly different from 1.0 mol mol-1 can also be due 
to inaccuracies in estimation of the concentration 
of active sites in the solution because the concen-
tration of active sites is almost always estimated 
from the concentration of total protein in the prep-
arations, and it is quite difficult to measure the 
concentration of protein in any solution accurately.703 
Third, even if the concentration of protein has been 
measured accurately, inactive molecules of enzyme 
in the solution and other contaminating proteins 
will cause the estimate of the concentration of active 
sites in the solution to be too high. All the foregoing 
problems probably apply to every measurement of 
covalent incorporation of an active-site label into 
an enzyme, so it is remarkable, and perhaps suspi-
cious, that the extrapolated values for incorpora-
tion at full inactivation obtained are so often so 
close to 1.0 mol mol-1. 
 This last criterion of active-site labeling is con-
firmatory when it is fulfilled, but it is not a require-
ment for a modification that occurs specifically in 
an active site. An extrapolated value for incorpora-
tion at full inactivation that is greater than 1.0 or a 
percent of inactivation that is not directly propor-
tional to incorporation of the active-site label does 

not rule out the possibility that the reagent did inacti-
vate the enzyme while it was bound in place of a 
substrate within the active site. The product of the 
reaction that occurred within the active site can be 
distinguished from products of other reactions that 
occurred outside the active site by changes in the 
yield of these products in response to ligands for 
the active site. The yield of the product of modifica-
tion from within the active site will decrease signifi-
cantly when the amino acid involved is protected 
from modification by adding substrates or compet-
itive inhibitors, but the yield of the products of 
modification at other amino acids outside the active 
site should be unaffected by these additions. 
 When bovine carboxypeptidase A (Equation 
4-172) was modified to complete inactivation with 
N-([1-14C]bromoacetyl)-N-methyl-¬-phenylalanine 
(Equation 4-312), 2 moles of the reagent were incor-
porated for every mole of enzyme.704 Two cyanogen 
bromide fragments of the protein became radioactive 
during the modification. When the modification 
was repeated under the same conditions but in the 
presence of the competitive inhibitor ¬-phenyl-
alanine, only 10% of the enzymatic activity was lost, 
and incorporation of radioactivity into one of the 
two fragments decreased 10-fold while incorpora-
tion into the other was unchanged. This experiment 
was sufficient to identify the fragment containing 
the amino acid modified from within the active site. 
This ability of substrates or competitive inhibitors 
to protect a particular peptide against incorporation 
of the active-site label is a further necessary crite-
rion to demonstrate that a peptide which has been 
isolated contains the amino acid from the active 
site the modification of which was correlated with 
the inactivation. 
 
 A determination of the position of the modi-
fied amino acid in the sequence of amino acids for 
an enzyme connects the results of active-site labeling 
to the structure of the protein.641 For example, the 
modification of triose-phosphate isomerase identi-
fied Glutamate 165 as a catalytic acid–base, the 
modification of amidophosphoribosyltransferase 
identified the amino-terminal cysteine as a catalytic 
acid–base, and the modification of 3-phosphoshik-
imate 1-carboxyvinyltransferase identified Lysine 22 
as a catalytic acid–base.  
 When porcine pepsin, an enzyme that catalyzes 
the hydrolysis of peptide bonds in peptides and 
proteins, was completely inactivated with the active-
site label N-(diazo[14C]acetyl)-¬-phenylalanine methyl 
ester, 1.0 mole of the reagent was incorporated for 
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every mole of enzyme.705 The modified protein was 
digested with pepsin, and a radioactive peptide was 
partially purified by chromatography. The peptide 
was then purified to homogeneity by two-dimen-
sional diagonal electrophoresis. The peptides were 
submitted to electrophoresis in one dimension, 
treated with triethylamine, and submitted to electro-
phoresis again in the orthogonal dimension. Only 
one peptide, which was radioactive after the first 
separation, changed its mobility and moved off the 
diagonal. The isolated peptide, which no longer 
was labeled, was found to be IVDTGTS. It was con-
cluded that the (diazoacetyl)-¬-phenylalanine, while 
it was in the active site, had formed an ester with 
Aspartate 215 in the sequence of amino acids for 
the protein 

                (4-322) 

Such an ester is susceptible to aminolysis by ethyl-
amine. 
 The active-site label 3,4-epoxybutyl b-∂-cello-
biose 

 

(molar mass = 412.39 g mol-1) should place an elec-
trophilic epoxy group adjacent to a catalytic acid–
base responsible for either stabilizing an interme-
diate oxocarbenium ion 

 

or adding a hydron to the leaving hydroxy group 
(previously Equation 1-23) 

       (4-323) 

and removing a hydron from water during the 
hydrolysis of (b1,3)-(b1,4)-glucan 

 

catalyzed by licheninase, where the arrow marks the 
site of hydrolysis. When licheninase from B. amylo-
liquefaciens was inactivated with 3,4-epoxybutyl 
b-[14C]cellobiose, 1.1 mole of the [14C]active-site 
label was incorporated for each mole of enzyme, 
and almost all the molecules of enzyme increased 
in mass by 412 unified atomic mass units (major) 
or 825 unified atomic mass units (minor), upon 
mass spectrometry. When the modified protein was 
digested separately by glutamyl endopeptidase and 
trypsin, the sequences of amino acids and mass 
spectrometry of the resulting radioactive peptides 
obtained from the digests identified Glutamate 105 
as the modified amino acid.648 
 Complications can arise when the product of a 
modification is too unstable to survive the digestion, 
chromatography, and sequencing required to identify 
the amino acid modified. For example, 2-dehydro-
3-deoxy-phosphogluconate aldolase from Pseudo-
monas catalyzes the aldol condensation 

     
                (4-324) 

An imine between a lysine in the active site and the 
2-oxo group on 2-dehydro-3-deoxyphosphogluco-
nate is formed during the enzymatic reaction to 
facilitate the retroaldol condensation.706 Therefore, 
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an imine between the same lysine and pyruvate 
forms as a step in the aldol condensation, and this 
imine can be identified by reducing it with sodium 
borohydride707 

                (4-325) 

When 3-bromopyruvate is mixed with enzyme, not 
only does the imine form with the carbonyl of 
3-bromopyruvate, but the primary bromide in the 
resulting imine alkylates another amino acid in the 
vicinity. When 2-dehydro-3-deoxy-phosphogluco-
nate aldolase that had been inactivated with 
[14C]-3-bromopyruvate but not reduced with sodium 
borohydride was digested with trypsin, a radioactive 
tryptic peptide could be purified to homogeneity.637 
The sequence of this peptide was TLEVTLR, which 
tentatively identified Glutamate 56 in the complete 
sequence of the protein708 as the alkylated nucleo-
phile 

     (4-326) 

but all the [14C]-3-hydroxypyruvate, presumably 
esterified to Glutamate 56, was lost at the first step 
of sequencing due to hydrolysis of the ester. 
 To confirm that the [14C]-3-hydroxypyruvate 
actually was esterified to the glutamate as a result 
of the active-site labeling prior to sequencing, the 
isolated, radioactive peptide was submitted to a 

Lossen rearrangement, which requires that an ester 
be present 

       (4-327) 

The recovery of 2,4-diaminobutyrate (0.8 mol mol-1) 
could only be explained if the glutamate in the radio-
active peptide was esterified.637 After the Lossen 
rearrangement, the peptide was no longer intact, so 
it could not be sequenced to show that 2,4-diamino-
butyrate had replaced glutamate, but there is no 
other amino acid in the peptide that could have 
been converted into 2,4-diaminobutyrate. Conse-
quently, it could be concluded that Glutamate 56 
had been modified by esterification. 
 After this discussion of historical examples of 
identification of labeled amino acids in the sequence 
of a modified protein, it should be mentioned that 
advances in mass spectrometry have rendered many 
of the specific approaches described so far obsolete. 
Consequently, they are presented not as examples 
of what would now be done, but as examples of the 
knowledge gained by identifying a particular amino 
acid as the site of modification. 
 Although it is not a frequent occurrence, the 
group covalently modifying a catalytic acid–base can 
move to another amino acid in the active site that is 
not a catalytic acid–base. For example, (2-methylene-
cyclopropyl)formyl-SCoA (4-92) inactivates bovine 
enoyl-CoA hydratase (Equation 4-236) in a reaction 
that satisfies many of the criteria of active-site 
labeling.709 The tryptic peptide modified by the 
active-site label was ALGGGXEL, where X was the 
modified amino acid released in that cycle of sequenc-
ing.710 Consequently, the 2-methylenecyclopropyl 
group had modified Cysteine 114 in the sequence 
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of amino acids for the enzyme. A mutant of the 
enzyme, however, in which Cysteine 114 had been 
changed to alanine, had a catalytic constant and a 
specificity constant for crotonyl-SCoA that were 
only 60% and 50%, respectively, of the values for the 
wild-type enzyme. Furthermore, (2-methylenecyclo-
propyl)formyl-SCoA inactivated the mutant in a re-
action that resulted in modification of Glutamate 
115 rather than the missing cysteine.668 It was con-
cluded that the catalytic acid–base was actually 
Glutamate 115 and that, after the initial modification 
of Glutamate 115, the resulting vinyl ester migrated 
to the sulfido group of Cysteine 114 

                (4-328) 

Although the migration should be a pseudosym-
metric, reversible reaction, the equilibrium strongly 
favors the sulfide over the ester. The sulfido group 
is a strong nucleophile and a poor leaving group 
while the carboxylate is a weak nucleophile and a 
good leaving group. 
 The amino acid in the sequence of the protein 
that has been modified can also be identified directly 
in a crystallographic molecular model of the modified 
enzyme. For example, (1S,3S)-3-amino-4-(perfluoro-
propan-2-ylidene)cyclopentane-1-carboxylate inacti-
vates human ornithine aminotransferase. Its 
3-amino group forms an external pyridoximine 
with the prosthetic pyridoxal 5¢-phosphate in the 
active site and positions the perfluoropropan-
2-ylidene group, which is turned into an electro-
phile by the external pyridoximine, adjacent to a 
catalytic acid–base in the active site and modifies it. 
A crystallographic molecular model of the modified 
enzyme identified the structure of the product of 
modification and identified Lysine 292, a lysine 
other than the one that forms the internal pyridox-

imine (Equation 4-129), as the modified amino 
acid.711 The product observed crystallographically 
was consistent with the mass spectrum of the mod-
ified enzyme, but the mass spectrum alone would 
not have identified the product. It is possible that 
chemical identification of the amino acid modified 
by an active-site label has been rendered obsolete 
by advances in the ease with which crystallography 
can be performed. 
 As with the active-site labeling of triose-
phosphate isomerase, diaminopimelate epimerase, 
3-phosphoshikimate 1-carboxyvinyltransferase, and 
ornithine aminotransferase, the success of an active-
site label in identifying a catalytic acid–base that 
participates in the catalysis accomplished by an ac-
tive site relies on crystallography. 
 
 The catalytic roles of the acid–bases of partic-
ular amino acids the conjugate bases of which are 
modified by electrophilic active-site labels are veri-
fied crystallographically.649,670,671,712-714 It is usually 
the case that the crystallographic molecular model 
that provides this assignment is for the same enzyme 
from a different species because crystallization is 
usually serendipitous and the serendipity depends 
on the source of the enzyme. 
 3-Bromopyruvate inactivates isocitrate lyase 
(Equation 4-310) from V. indigofera (Figure 4-38).629 
3-Bromopyruvate also inactivates715 the homologous 
(73% identity; 0.7 gap percent) isocitrate lyase from 
E. coli by alkylating the sulfido group of Cysteine 195 
(Equation 4-311), and it inactivates the homologous 
(63% identity; 0.7 gap percent) isocitrate lyase from 
M. tuberculosis by alkylating the homologous Cys-
teine 191.692 There is a mutant of isocitrate lyase 
from M. tuberculosis in which this cysteine has been 
mutated to serine. In a crystallographic molecular 
model692 of a complex between this mutant enzyme 
and glyoxylate and the aci-nitro tautomer of 3-nitro-
propionate (4-93) 

 

which is an inactive, isosteric, and isoelectronic ana-
logue of the gem-enediolate of succinate (4-94), 
the g-oxygen of the serine replacing Cysteine 191 is 
in the location necessary to remove the correct 
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hydron716 from succinate and is only 0.29 nm from 
carbon 3 on the 3-nitropropionate. Presumably, the 
g-oxygen forms a hydrogen bond with the anionic 
carbon of the aci-nitro tautomer of nitropropionate. 
In the normal enzymatic reaction, the sulfido group 
of the unmutated cysteine would be the catalytic 
base that removes the correct hydron from succinate 
(Equation 4-310) with the assistance of the adjacent 
carboxylato group of Aspartate 108, with which it 
forms a hydrogen bond, and the acidic molecule of 
water on a nearby Mg2+, with which the same oxygen 
on the carboxylato group forms a hydrogen bond. 
 N-Bromoacetyl-N-methyl-¬-phenylalanine 
(Equation 4-312) alkylates Glutamate 270 of bovine 
carboxypeptidase A.704 This glutamate has been 
assigned crystallographically as the catalytic base 
that removes the hydron from the molecule of water 
that adds to the acyl carbon to initiate hydrolysis of 
the peptide bond (Equation 4-172).234,259 
 1,2-Anhydro-∂-mannitol 6-phosphate (4-85 in 
Equation 4-319) alkylates Glutamate 366 of glucose-
6-phosphate isomerase from S. cerevisiae.645 The 
homologous glutamate, Glutamate 357 in the active 
site of glucose-6-phosphate isomerase from O. cuni-
culus (59% identity; 0.7 gap percent), has been 
assigned crystallographically717 as the catalytic base 
that transfers the hydron between carbons 1 and 2 
of the hexose 6-phosphates in a role analogous to 
that played by Glutamate 164 in triose-phosphate 
isomerase from S. cerevisiae (Equations 4-46 and 
4-55 and Figure 3-37). 
 (Diazoacetyl)-¬-phenylalanine modifies Aspar-
tate 215 in the sequence of amino acids for porcine 
pepsin (Equation 4-322). In the crystallographic 
molecular model of a complex between human pepsin 
(86% identity; 0 gap percent) and a phosphonate 
analogue of the tetrahedral intermediate in hydrol-
ysis of a peptide that would be a normal reactant 
for the enzyme,718 it can be seen that the homologous 
aspartate, Aspartate 215, is responsible for removing 
a hydron from the molecule of water that adds nucleo-
philically to the acyl carbon of the amide that is to 
be hydrolyzed when it occupies the active site to 
produce the tetrahedral intermediate in the hydrolysis. 
 Glutamate 156 in 2-dehydro-3-deoxyphospho-
gluconate aldolase from Pseudomonas is modified 
by 3-bromopyruvate (Equation 4-326). In a crystal-
lographic molecular model719 of 2-dehydro-3-deoxy-
phosphogluconate aldolase from E. coli (45% identity; 
0 gap percent), in which the active site is occupied 
by the hemiaminal between pyruvate and the side 
chain of a lysine, and in a crystallographic molecu-
lar model of 2-dehydro-3-deoxy-phosphogluconate 

aldolase from Thermotoga maritima (29% identity; 
2.5 gap percent), in which the active site is occupied 
by the imine between pyruvate and the side chain 
of a homologous lysine, the homologous glutamates 
are in a location in which they could easily be alkyl-
ated by the imine between 3-bromopyruvate and 
the lysine (Equation 4-326). In each case, however, 
in what appears to be the complex competent for 
catalysis, the carboxy group of the glutamate is too 
far (0.47 and 0.58 nm, respectively) from the methyl 
group of pyruvate to be the catalytic base that removes 
one of the hydrons from the methyl group on the 
pyruvyl group to form the enolate during the nor-
mal aldol condensation, as Glutamate 164 removes 
the hydron from carbon in the active sites of triose-
phosphate isomerase (Equation 4-55). Rather, the 
role that has been assigned to these two glutamates, 
homologous to Glutamate 156 in 2-dehydro-
3-deoxy-phosphogluconate aldolase from Pseudo-
monas, is to hydronate the oxygen of the oxo group 
of pyruvate to increase its electrophilicity during 
formation of the hemiaminal and then to hydronate 
the hydroxy group of the hemiaminal to improve its 
ability to leave to form the necessary imine (Figure 
1-7) between lysine and pyruvate. 
 The crystallographic molecular models of actual 
products of active-site labeling, in addition to 
sometimes identifying the product of a particular 
modification, have been used to provide the first 
identification of the active site in the molecular 
model and to identify catalytic bases. For example, 
the 4-hydroxy-3-(g-glutamyl)butyl b-∂-cellobiose in 
the crystallographic molecular model of licheninase 
from Bacillus macerans that had been modified by 
3,4-epoxybutyl b-∂-cellobiose (4-89) provided the 
first identification of the active site of the enzyme 
and its catalytic functional groups.720 These assign-
ments were later verified in the crystallographic 
molecular model of the complex between a 
b-glucan tetrasaccharide and a mutant of the enzyme 
in which the two catalytic glutamates had been 
mutated to glutamines.721 
 
 Although they are designed to label the active 
sites of enzymes and they inactivate those enzymes 
in reactions satisfying the criteria of active-site 
labeling, there are apparent active-site labels that 
do not actually modify catalytic amino acids or even 
amino acids in the active site of an enzyme. For 
example, 3-bromo-2-oxoglutarate was chosen as an 
active-site label for isocitrate dehydrogenase (NADP+) 
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                (4-329) 

because it is an electrophilic analogue that differs 
from the natural substrate, 2-oxoglutarate, only by 
addition of a bromine. The hydroxy group at carbon 2 
of isocitrate is converted in the active site to an oxo 
group by NADP+, and the resulting 3-carboxy-
2-oxoglutarate is decarboxylated by the enzyme at 
carbon 3 to form 2-oxoglutarate. When it is bound 
in the active site, 3-bromo-2-oxoglutarate should 
place an electrophile in the location where the 
catalytic acid–bases that facilitate decarboxylation 
from carbon 3 of 3-carboxy-2-oxoglutarate are 
located. Its inactivation of the porcine enzyme is an 
archetype of active-site labeling, satisfying most of 
the accepted criteria.632 Nevertheless, in crystallo-
graphic molecular models of the complexes between 
the porcine a2 dimer and isocitrate,722 between the 
human a2 dimer and NADP+ and isocitrate,723 and 
between the human a2 dimer and isocitrate (Protein 
Data Bank 5YFN), the closest sulfanyl group of the 
two Cysteines 379 in each dimer, which are the 
nucleophiles alkylated by the reagent,724 is 2.2 nm 
away from carbon 3 of isocitrate, the carbon from 
which modification of the enzyme was supposedly 
proceeding. Each Cysteine 379 is also 1.1 nm away 
from the closest atom on the two molecules of 
NADP+ in the crystallographic molecular model of 
the complex between the human a2 dimer and 
NADP+ and isocitrate. Consequently, it is unclear 
how modification of these cysteines by 3-bromo-
2-oxo-glutarate even leads to inactivation. 
 A possible explanation of how the modifica-
tion of an amino acid distant from the active site 
could nevertheless lead to an inactivation of the 
enzyme that satisfies the criteria of active-site label-
ing is syncatalytic modification.725 Cysteine 390 of 
porcine aspartate transaminase (Equation 4-108) is 
on the surface of the protein, 1.2 nm from carbon 4a 
of the prosthetic pyridoxal phosphate in the active 
site of the enzyme.187 When an external pyridoximine 
(Figure 2-2) is formed in the active site between the 
prosthetic pyridoxal 5A-phosphate and an amino 
acid that is a reactant for the enzyme, the rate of 
reaction of the sulfido group of this cysteine with 
nonspecific electrophiles increases 20-80-fold, and 
the enzyme alkylated at this cysteine by any electro-
phile has lost more than 95% of its activity.726 The 
reason for this loss of activity is probably that the 

enzyme can no longer accomplish the conforma-
tional change required to pass from an open to a 
closed conformation187 upon association of the reac-
tants when this cysteine is modified. Inactivation of 
the enzyme by 3-bromopyruvate satisfies several 
criteria of successful active-site labeling.633 This inacti-
vation, however, results from the fact that 3-bromo-
pyruvate can be mistaken for 2-oxoglutarate and act 
as a reactant for the pyridoxamine form of the enzyme 
(previously 2-16) 

 

While one molecule of 3-bromopyruvate is bound 
in the active site, the active site closes and the rate 
at which the sulfido group of Cysteine 390 is alkyl-
ated by another molecule of 3-bromopyruvate free 
in the solution increases as usual.725 The kinetic 
properties of this increase in the rate of alkylation 
upon closure of the active site around the 3-bromo-
pyruvate masquerade as several of the criteria of 
active-site labeling. 
 Another explanation for modification of an 
enzyme outside the active site that nevertheless leads 
to inactivation that displays several of the criteria of 
active-site labeling is that the enzyme catalytically 
transforms the intended active-site label into a 
more electrophilic reagent that is released into the 
solution and then inactivates the enzyme. For exam-
ple, the active site of phosphoenolpyruvate carbox-
ylase from Zea mays converts electrophilically inactive 
(Z)-3-bromophosphoenolpyruvate into electrophilic 
3-bromopyruvate that then inactivates the enzyme.727 
Because the production of 3-bromopyruvate is enzy-
matically catalyzed, it and the resulting inactivation 
display, in retrospect falsely, several of the criteria 
of successful active-site labeling.631 Such a conver-
sion of a weakly electrophilic reagent into a strongly 
electrophilic reagent by the active site of the enzyme 
is one major drawback of mechanism-based labeling. 
 
 A mechanism-based label728 is an active-site 
label that must be chemically altered at the active 
site, in a reaction resembling the one normally 
catalyzed by the enzyme, before it can modify a 
catalytic acid–base or side chain in the active site. 
For example, although its triple bond is not electro-
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philic, dec-3-ynoyl-N-acetylcysteamine (4-96) 
behaves as an irreversible, covalent inhibitor for 
3-hydroxydecanoyl-[acyl-carrier-protein] dehydra-
tase from E. coli.729 One of the reactions normally 
catalyzed by this enzyme is the tautomerization 

                (4-330) 

Dec-3-ynoyl-N-acetylcysteamine inactivates the 
enzyme by first being converted in the active site to 
the electrophilic allene deca-2,3-dienoyl-N-acetyl-
cysteamine (4-97)729,730 

      
                (4-331) 

in a reaction that mimics the normal enzymatic 
reaction. Deca-2,3-dienoyl-N-acetylcysteamine then 
modifies Histidine 70 of the protein.731 In the crystal-
lographic molecular model of the enzyme modified 
by dec-3-ynoyl-N-acetylcysteamine,730 the dec-

2-enoyl-N-acetylcysteamine covalently attached at 
carbon 3 to Histidine 70 was used to identify and 
map the active site and to assign Histidine 70 as the 
catalytic base that removes the hydron from carbon 2 
of the substrate (Equation 4-331) before any com-
plexes of the enzyme with substrates or inhibitors 
were submitted to crystallography. The molecular 
model of the modified enzyme verified that, in the 
product of the modification, the double bond was 
between carbons 2 and 3 as drawn, conjugated to the 
acyl oxo group, which is the equilibrium product, 
rather than between carbons 3 and 4 of the decenoyl 
group, which would have been the kinetic product 
of the modification. 
 Acyl-carrier protein, rather than just N-acetyl-
cysteamine, acylated with a dec-3-ynoyl group has 
also been synthesized and used to crosslink acyl-
carrier protein from E. coli to 3-hydroxyacyl-[acyl-
carrier-protein] dehydratase from E. coli.732 
 Ethynylene mechanism-based labels have also 
been used to modify other enzymes that, like 
3-hydroxydecanoyl-[acyl-carrier-protein] dehydratase, 
proceed through intermediate enols or enolates. 
These enols or enolates are necessarily formed when 
a catalytic base removes a hydron from the carbon 
a to a carbonyl or acyl group, and the acidity at that 
carbon is required to turn the ethyne into the allene. 
For example, 2-hydroxymuconate tautomerase 
removes the hydron from carbon 5 of the reactant 
2-oxo-(E)-pent-3-enoate to form (2Z)-2-hydroxy-
2,4-pentadienoate (Equation 4-131). The active site 
of the enzyme mistakes 2-oxopent-3-ynoate (4-98) 
for the reactant, removes a hydron from carbon 5 
of 2-oxopent-3-ynoate to form the cumulene, and 
adds a hydron to carbon 3 to produce 2-oxopenta-
3,4-diene (4-99) 

 
                (4-332) 

which is the allene that modifies the amino group 
of amino-terminal proline in the enzyme from 
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P. putida.733 In the crystallographic molecular 
model of the modified enzyme, the position of the 
resulting 2-oxopent-3-enyl group that is covalently 
attached at carbon 3 to the amino-terminal proline 
was used to identify and map the active site.262 
 The inactivation of 2-hydroxymuconate tautom-
erase by 3-bromopyruvate results from a nucleo-
philic substitution at a carbon positioned in the active 
site at the location of carbon 3 in its substrates;694 
the inactivation of 2-hydroxymuconate tautomerase 
by 2-oxopent-3-ynoate results from a nucleophilic 
substitution at carbon positioned in the active site 
at the location of carbon 4 in its substrates (Equa-
tion 4-332); and the inactivation of 2-hydroxy-
muconate tautomerase by 5-bromo-(3E)-2-oxohex-
3-enedioate results from a nucleophilic substitution 
at carbon positioned in the active site at the loca-
tion of carbon 5 in its substrates.117 In each alkyla-
tion, the nucleophile that is modified is the amino 
group of the amino-terminal proline. These three 
observations together illustrate the ability of the 
amino-terminal proline to move among these three 
carbons in the various substrates for the enzyme and 
act at a catalytic acid–base at each location at the 
appropriate times.  
 The flavoenzyme butyryl-CoA dehydrogenase 
catalyzes the oxidation of butyryl-SCoA 

      
                (4-333) 

It is believed that this reaction passes through an 
enolate, formed by removal of the acidic hydron at 
carbon 2 of butyryl-SCoA, and that two electrons are 
then transferred from the electron-rich enolate to 
the prosthetic flavin. If an enolate is the intermediate, 
then locating an ethynyl group immediately adjacent 
to carbon 2 of the acyl-SCoA should permit formation 
of an allene 

               (4-334) 

that should be able to react with the catalytic base 
responsible for removing the hydron from carbon 2.* 
When (3-pentynoyl)pantetheine (4-100) was incu-
bated with butyryl-CoA dehydrogenase from Mega-
sphaera elsdenii, the enzyme was irreversibly inacti-
vated coincidently with covalent incorporation of the 
mechanism-based label into the protein.734 The cata-
lytic base modified by (3-pentynoyl)pante-theine is 
Glutamate 367.735 
 In the crystallographic molecular model of the 
complex between butyryl-CoA dehydrogenase from 
M. elsdenii and acetoacetyl-SCoA,736 the distance 
between carbon 2 of acetoacetyl-SCoA and one oxygen 
in the carboxy group of Glutamate 367 (0.39 nm) 
is equal to the sum (0.38 nm) of the van der Waals 
radii of oxygen (0.15 nm) and hydrogen (0.115 nm) 
and the length of a carbon–hydrogen bond (0.11 nm), 
the distance of van der Waals contact. Carbon 2 of 
acetoacetyl-SCoA is the analogue of carbon 2 in 
butyryl-SCoA from which a hydron is removed during 
the normal reaction to create the enolate. This same 
oxygen, however, is within the distance of van der 
Waals contact with carbon 4 of acetoacetyl-SCoA 
(0.36 nm), analogous to carbon 4 of the (3-pentynoyl)-
pantetheine to which a hydron must be added to 
create the allene. The distance (0.36 nm) between 
the same oxygen in the carboxy group of Gluta-
mate 367 and carbon 3 of acetoacetyl-SCoA, analo-
gous to the electrophilic carbon of the allene to 
which the oxygen of Glutamate 367 adds, is close to 
the sum of the van der Waals radii of carbon 
(0.175 nm) and oxygen (0.15 nm). It seems reasonable 
that, to accomplish the mechanism-based labeling, 
																																																								
*In Equation 4-334, the product of nucleophilic addition to the 
allene is shown as the conjugated but-2-enoyl adduct, again 
the equilibrium product. When the carboxylato group adds to 
the central carbon of the allene, the more stable intermediate 
would be the enolate, in which the negative charge ends up on 
the acyl oxygen. Hydronation of this intermediate enolate would 
give the but-3-enoyl adduct, the kinetic product. 
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this oxygen in the carboxy group of Glutamate 367 
removes the hydron from carbon 2, adds the hydron 
to carbon 4, and then adds to carbon 3 of the resulting 
allene. 
 Usually, an ethynylene active-site label is de-
signed with the ethynylene group a methylene away 
from an oxo group, so it is converted by the targeted 
active site into an allene, the electrophile with which 
a nucleophile in the active site then reacts (Equa-
tion 4-331). In at least one case, however, an 
ethynylene group not a methylene away from an oxo 
group was used as an active-site label, and the sulfido 
group of a cysteine in the active site added nucleo-
philically directly to the ethynylene737 

     (4-335) 

 Like an ethynylene group, a 1-fluorovinyl group 
on a carbon from which an enzyme removes a hydron 
can be incorporated into a homologue of a substrate 
to produce a mechanism-based label that, upon 
removal of that hydron, then eliminates a fluoride 
ion to produce an allene 

          (4-336) 

For example, the N-pyridoxylimine of vinylglycine 
(4-55, Equation 4-260) is an intermediate in the 
reaction catalyzed by tryptophan synthase. The 
enzyme from S. typhimurium is inactivated by 
(1-fluorovinyl)glycine in a reaction that satisfies 
several of the criteria of active-site labeling.738 Upon 
formation of the external pyridoximine of (1-fluoro-
vinyl)glycine, a catalytic base in the active site removes 
the hydron on the a carbon, the fluoride leaves, 
and the resulting allene modifies a catalytic acid–
base in the active site. 
 A rather unusual mechanism-based label was 
synthesized for benzoylformate decarboxylase from 
P. putida. This enzyme decarboxylates 2-oxo-2-phenyl-
acetate (benzoylformate) by forming the usual adduct 
between its 2-oxo group and the conjugate base of 
the prosthetic thiamine diphosphate in the active 
site. In the mechanism-based label 1-phosphono-

benzaldehyde, the carboxylato group of 2-oxo-
2-phenylacetate is replaced by a phosphono group. 
Instead of producing carbon dioxide from the carbox-
ylato group, the active site produces monomeric 
metaphosphate from the phosphono group in an 
electrophilic elimination that mimics a decarboxy-
lation. The monomeric metaphosphate phosphory-
lates Serine 26, which is adjacent to the thiamine 
diphosphate in the active site, and this modification 
inactivates the enzyme.739 
 The original scenario for mechanism-based 
labeling was that an unreactive analogue of one of 
the substrates, the mechanism-based label, would 
associate with the active site because it was mistaken 
for the normal reactant in the enzymatic reaction, 
and it would be converted to an electrophile so 
reactive that it would modify the enzyme before it 
could leave the active site.729 Few electrophiles, 
however, are so reactive. Furthermore, it is difficult 
to distinguish the situation in which the electro-
phile, once it is formed on the active site of one 
molecule of enzyme, alkylates that molecule of 
enzyme before it dissociates from the active site 
from the situation in which one molecule of the 
enzyme simply produces the electrophile, which 
dissociates as a free product that then inactivates 
another molecule of enzyme from solution as a 
normal active-site label. In the case of 3-hydroxy-
decanoyl-[acyl-carrier-protein] dehydratase, deca-
2,3-dienoyl-N-acetylcysteamine, which is the electro-
phile produced by the active site (Equation 4-331), 
is itself far superior at inactivating the enzyme than 
the alkyne when it is added directly to the solution 
rather than being produced on an active site.731 
 This latter scenario has probably played out in 
almost every instance of mechanism-based inacti-
vation. The active site converts the mechanism-
based label into a strong electrophile that dissociates 
from the active site before there is sufficient time 
for it to modify a catalytic base in the active site in 
which it is formed. This is probably what happens 
during the modifications of 3-hydroxydecanoyl-
[acyl-carrier-protein] dehydratase, butyryl-CoA dehy-
drogenase, and 2-hydroxymuconate tautomerase 
during their inactivation by the respective alkynes. 
If so, in each case, the enzyme has simply serendip-
itously identified the respective allene as as an effective 
active-site label. In each instance, the crystallo-
graphically verified modification of a catalytic base 
probably results from the fact that the respective 
allene is an effective and specific active-site label so 
that even though it is released into the solution from 
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one active site, it still returns to modify another active 
site with high specificity. 
 There is, however, a problem when the elec-
trophile is produced by the enzyme and released 
into solution, as occurred in the attempt to use 
(Z)-3-bromophosphoenolpyruvate to label phos-
phoenolpyruvate carboxylase. In this instance, the 
3-bromopyruvate produced from (Z)-3-bromo-
phosphoenolpyruvate by the active site dissociated 
into the solution and modified the enzyme nonspe-
cifically. Allyl alcohol inactivates alcohol dehydro-
genase (Equation 4-158) because it is converted by 
the enzyme to acrolein. The acrolein, however, 
dissociates from the active site and then inactivates the 
enzyme nonspecifically from solution.740 5,6-Dichloro-
7,7,7-trifluoro-4-thiahept-5-enoyl-SCoA (4-101) 
inactivates enoyl-CoA hydratase from R. norvegicus 
because the enzyme converts it to 1,2-dichloro-
3,3,3-trifluoroprop-1-enethiolate (4-102) 

                (4-337) 

which is an unstable precursor to the electrophilic 
thioketene or thionoacyl fluoride. This precursor or 
one of the electrophiles, however, rather than reacting 
with a catalytic base in the active site, dissociates 
into the solution. From the solution, it modifies 
Cysteines 62 and 111 of the enzyme,741 which are 
distant from the location in the active site where 
1,2-dichloro-3,3,3-trifluoroprop-1-enethiolate is 
created,742 and these nonspecific modifications 
inactivate the enzyme. 
 As was demonstrated experimentally with 
3-hydroxydecanoyl-[acyl-carrier-protein] dehydra-
tase, in such situations, the strong electrophile that 
has dissociated from the active site into the solution 
becomes indistinguishable from the same compound 
if it were added directly to the solution, with the 
exception that its specificity is more difficult to 
verify. The reason for this difficulty is that it is hard 
to distinguish effects of competitive inhibitors and 
substrates on production of the activated inhibitor 
from their effects on modification of the enzyme by 

that activated inhibitor that has dissociated into 
the solution. For example, the inactivation of 
4-oxalocrotonate dehydrogenase by 2-oxopent-
3-ynoate (Equation 4-332) shows a pseudo-first-
order rate that displays saturation (KI = 30 mM, 
ki = 0.31 s-1), and its rate decreases when the substrate, 
(3E)-2-oxo-3-pentenedioate, is present.733 These 
criteria of specificity, however, may only be features 
of the kinetics of the enzymatic production and 
dissociation into the solution of 2-oxopenta-
2,3-dienoate, the actual active-site label. 
 A mechanism-based label is designed to enter 
the active site and be converted to a strong electro-
phile. To enable some understanding of the inacti-
vation that it produces, the electrophilic product of 
the enzymatic conversion of the label can be posi-
tively identified and both the rate of its production 
and the rate of inactivation can be measured. For 
example, ethyl vinyl sulfide inactivates murine thio-
ether S-methyltransferase 

  
                (4-338) 

As expected, the inactive ethyl vinyl sulfide is methyl-
ated by the enzyme to form the actual electrophile, 
methyl ethyl vinylsulfonium ion, that then inacti-
vates the enzyme.743 For every 100 moles of methyl 
ethyl vinylsulfonium ion produced by the enzyme, 
however, only one mole of enzyme is inactivated. 
From this result, it is clear that the electrophile 
produced by the active site seldom inactivates the 
enzyme before it dissociates into the solution. 
 Aryldialkylphosphatase from Brevundimonas 
diminuta is inactivated by hex-1-ynyl diethyl phos-
phate. The inactivation levels off at a maximum 
yield at long times as the presumed electrophile 
produced by the active site, the ketene hex-1-en-
1-one, participates in a rapid nucleophilic addition 
with water. The maximum yield of inactivation is a 
linear function of the initial concentration of hex-
1-ynyl diethyl phosphate, but to reach complete 
inactivation requires 500 moles of hex-1-ynyl di-
ethyl phosphate for every mole of enzyme.744 
 Bovine dopamine b-monooxygenase is inacti-
vated by 3-aminomethyl-3-(4-hydroxyphenyl)propyne. 
The intended reactive intermediate that should be 
responsible for enzymatic inactivation is 3-amino-
methyl-3-(4-hydroxyphenyl)propa-1,2-dien-1-yl 
radical, formed by abstraction of a hydrogen atom 
from carbon 3 of the active-site label by the pros-
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thetic copper ion in the active site. This radical either 
inactivates the enzyme or is converted innocuously, 
in a reaction homologous to the normal enzymatic 
reaction, into 3-aminomethyl-3-hydroxy-3-(4-hydroxy-
phenyl)propyne, a product as unreactive as the 
original 3-aminomethyl-3-(4-hydroxyphenyl)propyne. 
Only 2.5 moles of 3-aminomethyl-3-hydroxy-3-(4-hy-
droxyphenyl)propyne are produced by the enzyme 
for every mole of enzyme inactivated,680 so it was 
presumed that at least a fraction of the 3-amino-
methyl-3-(4-hydroxyphenyl)propa-1,2-dien-1-yl 
radical inactivated the enzyme while still associated 
with the active site at which it was produced. 
 n-Hexanal phenylhydrazone (4-103) is converted 
by linoleate 13S-lipoxygenase from G. max into its 
a-azoperoxide (4-104) 

                (4-339) 

which inactivates the enzyme. From the kinetics of 
the inactivation, the yield of peroxide 4-104 after 
full inactivation as a function of the initial concen-
tration of phenylhydrazone 4-103, and the effect of 
scavengers on the yield of inactivated enzyme, it 
could be concluded that 20% of the inactivation 
observed was due to reaction of peroxide 4-104 
before it dissociated from the enzyme and 80% of the 
inactivation was due to reassociation of perox-
ide 4-104 from solution.745 This last investigation 
shows that it is possible to determine what is actually 
happening in a mechanism-based labeling. 
 As in these experiments with linoleate 13S-lipoxy-
genase, one way to prevent the released electro-
phile from inactivating the enzyme from solution, 
rather than before it can leave the active site, is to 
add a scavenger to the solution that intercepts the 
electrophile after it dissociates from the active site. 
For example, one observation demonstrating that 
acrolein was inactivating alcohol dehydrogenase 
after it had been released from the active site was 
that dithiothreitol prevented the inactivation of the 
enzyme by allyl alcohol. 2-Aminobut-3-enoic acid 
inactivates porcine aspartate transaminase (Equa-
tion 4-108) irreversibly. The enzyme, in a reaction 
analogous to its nominal reaction, produces 2-oxo-
but-3-enoic acid, an electrophilic Michael acceptor 
that could have been acting as an active-site label 
from the solution, but 2-sulfanylethanol, which 
scavenges 2-oxobut-3-enoic acid by Michael addition 

to its a,b-unsaturated carbonyl, has no effect on 
inactivation of the enzyme.746 Consequently, it was 
assumed that 2-aminobut-3-enoic acid was the 
species inactivating the enzyme as a true mecha-
nism-based label. Adding a scavenger, however, will 
preclude the serendipitous, successful identification 
of a specific and useful active-site label that is 
produced by an enzyme from a mechanism-based 
label, as occurred in the case of modification of 
3-hydroxydecanoyl-[acyl-carrier-protein] dehydratase 
by dec-3-ynoyl-N-acetylcysteamine. 
 As with the inactivation of aryldialkylphosphatase 
by hex-1-ynyl diethyl phosphate, another way to 
avoid the ambiguity resulting from dissociation of 
the electrophile and at the same time prevent the 
dissociated electrophile from modifying the protein 
from solution is to design a mechanism-based label 
that produces an electrophile that reacts with water 
rapidly after it is released from the active site. For 
example, while it is in the active site, 3-thiaoctan-
oyl-SCoA (4-105) is converted by the flavoenzyme 
porcine medium-chain acyl-CoA dehydrogenase 
(previously Equation 2-114) 

 
                (4-340) 

into an S-alkylthiocarbonyl cation 

                (4-341) 

that is electrophilic at its a carbon. The S-alkylthio-
carbonyl cation is rapidly hydrolyzed when it disso-
ciates from the enzyme. In an exception to the general 
rule, however, and in spite of the ingenious design 
of a mechanism-based label electrophilic enough 
to be scavenged by water, the S-alkylthiocarbonyl 
cation is so electrophilic that only 1 mole of 3-thia-
octanoyl-SCoA for every mole of enzyme is suffi-
cient to produce complete inactivation.747 There-
fore, this reagent is actually a mechanism-based 
label that does react before dissociating from the 
active site. The carboxy group of Glutamate 376 is 
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modified in the labeling, and the carboxy group has 
been assigned crystallographically to be the catalytic 
base that removes the hydron from the a carbon of 
octanoyl-SCoA to produce the enolate in the normal 
reaction catalyzed by the enzyme.748 
 As was probably the case with inactivation of 
aspartate transaminase by 2-aminobut-3-enoic acid, 
another way to avoid the ambiguity between 
mechanism-based labeling and simple active-site 
labeling by the product of turnover of the label is to 
design a mechanism-based inhibitor that remains 
bound tightly or even covalently to the active site 
after it has been activated.740 For example, human 
persulfide dioxygenase uses O2 to oxidize S-sulfanyl-
glutathione, a persulfide between the sulfanyl 
group of glutathione and hydrogen sulfide, to gluta-
thione and sulfite. The oxidation occurs at a prosthetic 
iron ion in the active site. During the oxidation, there 
is an oxidized intermediate in which the sulfino 
group in S-sulfinoglutathione is a tightly bound lig-
and to the prosthetic Fe2+. This intermediate then 
undergoes a nucleophilic substitution at the sulfur 
of the sulfino group, with a molecule of water as the 
nucleophile and the sulfanyl group of the glutathione 
as a leaving group. ¬-g-Glutamyl-¬-homocysteinyl-
glycine, a derivative of glutathione in which ¬-cysteine 
is replaced by ¬-homocysteine, was designed to be 
a mechanism-based inhibitor. In the inhibitor, the 
distal sulfur of the reactant S-sulfanylglutathione 
has been replaced with carbon so that hydrolysis at 
the sulfino group of S-sulfinoglutathione cannot 
occur, and it is locked on the active site inhibiting 
the enzyme.749 This inactivation is stoichiometric—
one ¬-g-glutamyl-¬-homocysteinylglycine inactivates 
one molecule of enzyme—but no catalytic acid–
base is modified, only the Fe2+.  
 Some of the earliest mechanism-based labels 
were chloromethyl ketones, such as 1-chloro-2-oxo-
3-(toluenesulfonyl)amino-4-phenylbutane750 

 

that vaguely resemble a segment of polypeptide 
and that inactivate serine endopeptidases, such as 
chymotrypsin. The serine in the active site of a ser-
ine endopeptidase normally forms an intermediate 
ester from the amido group at the site of cleavage 
(Figure 3-6) in the first step in hydrolysis of a pep-

tide bond in the polypeptide that is the reactant for 
the enzyme. The same serine forms the oxyanionic 
conjugate base of the hemiacetal between the serine 
in the active site and the 2-carbonyl group of the 
chloromethyl ketone,751 locking it onto the active 
site of the enzyme 

                (4-342)  

with its anionic oxygen in the oxyanion hole. This 
oxyanion then displaces the chloro group to form 
the 2-alkoxyepoxide,752 and the imidazolyl group of 
the histidine, which is the catalytic base responsible 
for removing the hydron from the serine and the 
hydron from the water hydrolyzing the acyl enzyme, 
is then alkylated irreversibly by the epoxyether in a 
concerted nucleophilic substitution.753,754 These two 
nucleophilic substitutions proceed with net retention 
of configuration resulting from two inversions at 
carbon 1 of the original chloromethyl ketone.752 The 
ether between the serine and the epoxide (product 
in Equation 4-342) locks the electrophile on the active 
site, so it cannot dissociate. 
 Another way a mechanism-based label can be 
locked covalently in the active site is formation of a 
covalent adduct with a prosthetic pyridoxal 5¢-phos-
phate. A number of mechanism-based labels for 
enzymes that use pyridoxal 5A-phosphate as a 
prosthetic group have been synthesized. One of these 
is 2-aminobut-3-enoic acid, which inactivates porcine 
aspartate transaminase as a true mechanism-based 
label. Each label is locked onto the active site because 
it has a primary amino group that forms an external 
pyridoximine, quinonoid intermediate, or N-pyridox-
ylimine with the prosthetic pyridoxal 5A-phosphate 
(Figure 2-2 and Equation 4-258). Nonspecific labeling 
is also avoided because, although the adduct 
formed between pyridoxal 5A-phosphate and the 
label is electrophilic, the ultimate product released 
into the solution, when the electrophilic adduct 
fails to label a catalytic base, is usually not a strong 
electrophile. 
 Ethynylene mechanism-based labels have 
been used for active sites containing prosthetic 
pyridoxal 5A-phosphates. For example, 2-amino-
4-pentynoic acid755 is a mechanism-based inhibitor 
of cystathionine g-synthase (Equation 4-257) from 
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S. typhimurium.756 The inactivation is thought to 
result from formation of the allene 

                (4-343) 

by acid–base reactions analogous to those of the 
normal mechanism (Equations 4-258 and 4-259). 
In this case, the allene that is formed, is attached 
covalently to the pyridoxamine phosphate as the 
N-pyridoxylimine of propadienylglycine. The electro-
philic, covalently attached allene can then alkylate 
one of the catalytic bases within the active site. 
Even so, 4 moles of 2-aminopent-4-ynoic acid was 
required to inactivate 1 mole of active sites, and it 
has been shown that after the mechanism-based 
inhibitor is converted at the active site, the majority 
of the reagent (75%) is released as an unidentified 
product into the solution before it can inactivate 
the enzyme directly. In the related enzyme human 
cystathionine g-lyase (39% identity; 0.5 gap percent) 

     
                (4-344) 

2-aminopent-4-ynoic acid specifically labels Tyro-
sine 114 in the active site,757 which is in the homol-
ogous position of Tyrosine 101 in the sequence of 
amino acids for cystathionine g-synthase from 
S. typhimurium, and Tyrosine 101 has been assigned 
crystallographically as the catalytic acid–base that 
hydronates and dehydronates the g carbon of the 
normal substrates in the active site of cystathionine 
g-synthase from N. tabacum (33% identity; 1.3 gap 
percent).537 
 (R)-2-Amino-3-chlorobut-3-enoate is an irre-
versible inhibitor of alanine racemase from E. coli758,759 

            (4-345) 

It forms an external pyridoximine that is converted 
in the quinonoid intermediate, following the usual 
removal of the a hydron catalyzed by the enzyme 
(Equation 4-258), into an electrophilic allene 

                (4-346) 

that specifically modifies Tyrosine 253 in the active 
site of the enzyme.759 In this instance, the 4-oxido-
phenyl group of Tyrosine 253 is the catalytic base 
responsible for removing the a hydron760 from 
¬-alanine761 after it has formed an external pyridox-
imine. The enzyme turns over 2.2 moles of 2-amino-
3-chlorobut-3-enoic acid for every mole of enzyme 
inactivated,759 but the product of this turnover, 
2-aminobuta-2,3-dienoic acid, which would be a 
strong electrophile, is scavenged by being immedi-
ately hydrolyzed to the weak electrophile 2-oxobut-
3-enoic acid746 

 
                (4-347) 

There is an alternate route to the same a,b-allene of 
an external pyridoximine by using the more para-
digmatic a-ethynyl analogue of a substrate for the 
enzyme.762 
 Two other electrophilic adducts of pyridoxal 
phosphate (4-107 and 4-108) 
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can be generated by using the mechanism-based 
label appropriate to the reaction that is performed 
by a particular enzyme with a prosthetic pyridoxal 
5¢-phosphate in its active site. The functional 
groups at the a, b, and g carbons of these adducts 
depend upon the mechanism-based inhibitor used, 
which in turn is determined by the reaction cata-
lyzed by the enzyme. 
 N-Pyridoxylimine 4-107, with methyl groups 
on the a and g carbons, is the electrophile produced 
by using 2-aminobut-3-enoic acid as a mechanism-
based inhibitor746 by the usual dehydronation of the 
a carbon and the usual hydronation of the aldehydic 
carbon of the resulting quinonoid intermediate 
(Equation 4-258). The product released into solu-
tion from this adduct is the inert saturated carbonyl 
compound 2-oxobutanoic acid.763 2-Aminobut-
3-enoic acid is converted to 2-oxobutanoic acid 
that dissociates into the solution from the active 
site of 1-aminocyclopropane-1-carboxylate synthase 
from Malus domestica 500 times more often than the 
electrophilic adduct 4-107 inactivates the enzyme. 
The electrophilic adduct specifically alkylates a 
catalytic base in the active site of the enzyme.763 
 External pyridoximine 4-108, which places the 
electrophilic carbon–carbon double bond one atom 
closer to the pyridoxyl group, is produced by using 
an analogue of the substrate in which a good leaving 
group such as a fluorine,628,642,762,764-766 chlorine,628,764 
acetyl group, or sulfate644,767 is synthetically placed 
on a carbon next to the carbon on which the primary 
amino group is located. For example, a-(difluoro-
methyl)ornithine (4-109) 

                (4-348) 

 
is a mechanism-based label for ornithine decar-
boxylase (Equation 4-348) from R. norvegicus.762 
Following the decarboxylation of its external pyri-
doximine to form the quinonoid intermediate (see 
Equation 4-256), the fluorine on the b carbon is 
eliminated in a normal b elimination from a quino-
noid intermediate. The result of b elimination is the 
electrophilic adduct (4-108 with a 3-aminopropyl 
group on the a carbon and fluorine and hydrogen 
on the b carbon) of the prosthetic pyridoxal 5A-phos-
phate in the active site. This particular adduct is the 
electrophile that modifies Cysteine 360.643 Cyste-
ine 360 is immediately adjacent (3.5 nm) to what 
would be the a carbon in the adduct between the 
prosthetic pyridoxal 5¢-phosphate and 1-aminooxy-
3-aminopropane in the crystallographic molecular 
model of human ornithine decarboxylase (92% 
identity; 0 gap percent).768 The product released 
from the electrophilic adduct 4-108 in this instance 
is 5-amino-1-fluoro-2-oxopentane, which is only 
weakly electrophilic. 
 Unfortunately, however, unlike the example of 
the successful modification of ornithine decarbox-
ylase with a-(difluoromethyl)ornithine just described, 
in most instances where the electrophilic external 
pyridoximine of an enamine, such as 4-108, is 
produced by elimination of a good leaving group, it 
does not react with a catalytic base in the active 
site. Instead, the respective enamine is released by 
transimination with the usual lysine (Figure 2-2). 
The now nucleophilic enamine, before it dissociates 
from the active site, inserts into the adjacent electro-
philic carbon 4A of the internal lysylpyridoximine to 
inactivate the enzyme by labeling the pyridoxal 
5A-phosphate,628,644,766 which is already known to be 
a catalytic player. For example, 3-amino-4-fluoro-
cyclopentanecarboxylate is a general active-site 
label for enzymes that have a prosthetic pyridoxal 
5A-phosphate in their active sites. The amino group 
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forms an external pyridoximine, and the fluorine 
leaves to produce the external pyridoximine of the 
enamine, 3-aminocyclopent-3-enylcarboxylate. Upon 
transimination, carbon 4 of 3-aminocyclopent-3-enyl-
carboxylate adds irreversibly to carbon 4A of the inter-
nal lysylpyridoximine in an aldol condensation.769 
A covalent modification of carbon 4A of the internal 
lysylpyridoximine occurs even when a-(difluoro-
methyl)ornithine modifies human ornithine amino-
transferase770 rather than ornithine decarboxylase 
from R. norvegicus (91% identity; 0 gap percent). 
 Even when an enzyme, such as enoyl-CoA hydra-
tase (Equation 4-337), converts a mechanism-based 
label into a reactive but nonspecific electrophile that 
dissociates before it can react and is not hydro-
lyzed, the electrophile, although no longer associ-
ated with functional groups mimicking those on a 
substrate, nevertheless may serendipitously enter 
another active site and modify a catalytic base because 
that catalytic base is unusually reactive. 
 
 Bases performing catalytic roles in the active 
sites of enzymes often display exceptional nucleo-
philicity and react readily with an unexceptional 
and undirected electrophile that should otherwise 
react nonspecifically with every nucleophilic amino 
acid in the protein. Presumably, this results from 
the fact that these exceptional nucleophiles are 
found in special environments that are tailored to 
their assignments in the enzymatic reaction. 
 When pancreatic ribonuclease (Equation 4-104) 
was mixed with a molar excess of iodoacetate 
(8 mol mol-1), the enzymatic activity was lost rapidly. 
When most of the inactivation had occurred, products 
were separated chromatographically (Figure 4-41).771 
Aside from some remaining, unalkylated enzyme, 
only two products were isolated. One was shown to 
be alkylated only at nitrogen 1 of Histidine 119; the 
other was shown to be alkylated only at nitrogen 3 
of Histidine 12. Neither of the other two histidines 
in the enzyme, Histidine 48 and Histidine 105, nor 
any other nucleophilic amino acid, had been alkylated 
significantly under these circumstances even though 
iodoacetate is a promiscuous, nonspecific electro-
phile. These results demonstrate that both Histi-
dine 119 and Histidine 12 in native pancreatic 
ribonuclease are exceptionally nucleophilic. Further-
more, no bisalkylated product was isolated, and 
this result suggested that once one of the histidines 
had reacted, the other became much less nucleo-
philic. This observation was later explained by the 
fact that Histidine 12 and Histidine 119 are adjacent 
to each other in the active site of the enzyme,151 and 

 
 
Figure 4-41: Separation of the two monoalkylated derivatives of 
bovine pancreatic ribonuclease produced by alkylation of the 
enzyme with iodoacetic acid.771 A solution containing 16 mM 
iodoacetic acid and 2 mM pancreatic ribonuclease was prepared 
at pH 5.5 and 25 ªC. After 2 h, the solution was brought to 0.2 M 
in sodium phosphate at pH 6.5, and it was immediately sub-
mitted to cation-exchange chromatography on a column of 
Amberlite IRC 50 (0.9 ¥ 30 cm) eluted with 0.2 M sodium phos-
phate, pH 6.5. The several products were located by an alkaline 
ninhydrin assay that registers the concentration of amino 
groups in an alkaline hydrolysis of the protein and hence the 
approximate concentration (millimolar, based on the extinction 
coefficient for leucine in the assay) of total amino acids in each 
fraction. The concentration of amino groups (millimolar) is 
presented as a function of the number of the fraction of eluent 
collected. Each fraction contained 1 mL. The products were 
identified as unmodified pancreatic ribonuclease (unmodified), 
pancreatic ribonuclease carboxymethylated at nitrogen 1 of 
Histidine 119 (1-CM His 119), and pancreatic ribonuclease 
carboxymethylated at nitrogen 3 of Histidine 12 (3-CM His 12). 
The identification was performed by tryptic digestion of each 
component and subsequent identification of carboxymethyl-
ated peptides by chromatography. 
 
 
 
steric hindrance prevents alkylation of one of them 
after the other has become alkylated. The product 
alkylated at Histidine 119 was completely inactive 
(<1% activity remaining), but the product alkylated 
at Histidine 12, although significantly inhibited, 
retained 7% of the enzymatic activity of native pan-
creatic ribonuclease. At the time, this result suggested 
that Histidine 12 might not be involved in the 
mechanism of the reaction as an essential catalytic 
acid–base,771 and this suggestion was later confirmed 
crystallographically.152 
 The disadvantage of using reagents for the 
general modification of particular types of amino 
acids to identify amino acids within an active site is 
that the electrophile has unbiased access to all the 
amino acids on the surface of the protein as well as 
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those in the active site, rather than being carried 
into the active site and juxtaposed to a particular 
amino acid or being created within the active site 
during turnover. Nevertheless, various reagents for the 
general modification of particular types of amino 
acids have been used to identify exceptionally reactive 
amino acids, the modification of which inactivates 
the respective enzyme. For example, when bovine 
phospholipase A2 was methylated with the reactive 
electrophile methyl 4-toluenesulfonate, a product 
could be isolated chromatographically that had 
been N-methylated exclusively at Histidine 48 and 
that retained only 1% of the activity of the original 
enzyme.772 Histidine 48 is the catalytic base that 
removes a hydron from the molecule of water that 
hydrolyzes the ester within the glycerolipid that is a 
reactant for the enzyme.773 
 When glyceraldehyde-3-phosphate dehydrogen-
ase (phosphorylating) (previously Equation 3-32) 

  
                (4-349) 

from O. cuniculus was mixed with a concentration 
of [14C]iodoacetic acid equivalent to the total con-
centration of cysteine in the protein, the enzymatic 
activity was rapidly lost. After the inactivation was 
complete and the reaction was terminated, the protein 
was digested with trypsin. Only one radioactive 
tryptic peptide was produced in significant yield by 
the digestion, and it could be shown that the sulfido 
group of only Cysteine 149, of the four cysteines 
present in the protein, had been alkylated significantly 
by iodoacetic acid.774 Cysteine 149 is the cysteine 
that forms the hemithioacetal with glyceraldehyde 
3-phosphate during the normal enzymatic reaction,775 
and its exceptional nucleophilicity, as demonstrated 
by its apparently exclusive reaction with iodoacetic 
acid, may be essential for this role in the mecha-
nism. If so, this essentiality would be the reason for 
the specificity of the alkylation in this instance. 
 There are other examples of inactivations 
caused by the exclusive modification of particularly 
nucleophilic amino acids in active sites. 1,3-Dibromo-
acetone, a bifunctional alkylating agent, crosslinks 
Cysteine 25 and Histidine 159 in the active site776 of 

papain to inactivate the enzyme.777,778 Dicyclohexyl-
carbodiimide exclusively and selectively crosslinks 
Aspartate 184 and Lysine 72 within the active site of 
porcine non-specific serine/threonine protein kinase 
to inactivate the enzyme.779 
 The modification of a single arginine in a subunit 
of bovine ornithine carbamoyltransferase by butane-
dione led to inactivation of the enzyme,780 and the 
exclusive arylation of one exceptionally reactive 
lysine, the apparent pKa of which is 8.0, with trinitro-
benzenesulfonate led to inactivation of bovine 
isocitrate dehydrogenase (NAD+).781 Addition of 
the respective substrates to the solution prevents 
both of these modifications and the accompanying 
inactivation of the respective enzyme. Such protection 
by a substrate or inhibitor for the enzyme against 
the modification of a particular amino acid by a 
nonspecific electrophile is often the only criterion 
suggesting that the modification is labeling a nucleo-
phile in the active site. 
 It is usually unclear why a particular amino acid 
in a protein is extraordinarily reactive relative to 
other amino acids of the same type in the same 
protein. One possibility already mentioned is that 
the enzymatic reaction requires that the nucleo-
phile be particularly reactive. Even though the 
nucleophile in the active site is not particularly 
reactive and the reagent bears no resemblance to a 
substrate or ligand, it nevertheless may be guided 
by the high concentration of donors and acceptors 
for hydrogen bonds within an active site to bind, 
preferentially but adventitiously, adjacent to the 
nucleophile with which it reacts. Other acid–bases 
clustered together in an active site in the vicinity of 
the nucleophile that is modified may act as catalytic 
acid–bases to catalyze the modification reaction 
itself even though the electrophilic reagent does 
not associate with the active site and modifies the 
nucleophile in a random encounter complex. 
 There is also the broader question of why the 
nonspecific modification of a particularly reactive 
nucleophilic amino acid causes the inactivation of 
an enzyme. So far, examples of modifications of 
catalytic acid–bases that produce inactivation have 
been presented, but there are other reasons for the 
inactivation caused by a nonspecific reagent. 
 Cyclohexane-1,2-dione659 and 2,3-dioxobu-
tane657,658 have been shown to react with the guan-
idinio group on ¬-arginine to produce the bicyclic 
adduct 4-110656 
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      (4-350) 

This adduct is formed reversibly but can be stabilized 
by adding borate,658 which forms a borocycle with 
the vicinal hydroxy groups in the adduct. 1-Phenyl-
2,3-dioxobutane is another vicinal dione that modifies 
arginines660-662 and forms a stable 4-hydroxy-
5-phenylimidazol-2-yl group 

                (4-351) 

(+116 unified atomic mass units) with the arginine782 
in a dehydration that is not possible with a fully 
saturated adduct such as 4-110. 1-Phenyl-2,3-dioxo-
butane has been widely used to modify arginines in 
active sites. A 4-bromo-2,3-dioxobutyl group can 
be attached to nucleophilic atoms in various sub-
strates and ligands by using 1,4-dibromo-2,3-dioxo-
butane.665,666 The bromine in the 4-bromo-2,3-dioxo-
butyl group stabilizes the adduct of the vicinal dione 
with the guanidinio group enough that the adduct 
with an arginine in an active site survives digestion 
and chromatography.663,664 
 When fructose-bisphosphate aldolase (Equa-
tion 4-210 and Figure 4-36) from O. cuniculus was 
mixed with cyclohexane-1,2-dione in sodium borate 
buffer, the enzymatic activity was rapidly lost.783 When 
glycerone phosphate or fructose 1,6-bisphosphate 
was present, however, no activity was lost. During 
this modification of the enzyme, less than 2 moles 
of cyclohexane-1,2-dione was incorporated for each 
mole of the polypeptide comprising the enzyme 
even though cyclohexane-1,2-dione is not an active-
site label. Only one tryptic peptide in a digest of the 
enzyme modified with [14C]cyclohexane-1,2-dione 
incorporated radioactivity to a significant level 
(Figure 4-42A),783 and the incorporation into this 
peptide was prevented by addition of fructose 
1,6-bisphosphate (Figure 4-42B). The remainder of  

 
 
Figure 4-42: Distribution of Nw,Nw-(1,2-dihydroxycyclohexyl)-
arginine side chains among the tryptic peptides of rabbit muscle 
fructose-bisphosphate aldolase inactivated with cyclohexane-
1,2-dione.783 Two solutions (60 mL) containing 50 mM cyclo-
hexane-1,2-dione and 0.1 M sodium borate at pH 8.0 and 25 ªC 
were prepared. One of the two solutions contained 5 mM fructose 
1,6-bisphosphate to protect the active site. The inactivation 
was initiated by adding fructose-bisphosphate aldolase 
(0.2 mM final concentration in protomers) and was allowed to 
proceed until the residual enzymatic activity in the unprotected 
sample was 10%, and in the protected sample, 90%. The pH of 
the two solutions was dropped to 4, and both were dialyzed 
into deionized water and submitted to performic acid oxidation. 
The protein was then submitted to digestion by trypsin. The 
resulting tryptic peptides were submitted to chromatography 
by size exclusion on Sephadex G-25 in 30% acetic acid. The absor-
bance of the effluent at 280 nm was monitored continuously. 
Samples were removed from the various fractions to assay for 
cyclohexane-1,2-dione released from modified arginines by 
treatment at alkaline pH. The released cyclohexane-1,2-dione 
in samples exposed to alkaline pH was assayed by its reaction 
with (trimethylamino)acetohydrazide, which forms an adduct 
with vicinal diones that absorbs at 300 nm. The absorbance at 
280 nm (thin line) and the absorbance of the adduct at 300 nm 
(thick line or dashed line) are plotted as a function of the elu-
tion volume (milliliters) from the chromatographic column 
(3 ¥ 140 cm). (A) Unprotected product. (B) Product from en-
zyme protected with 5 mM fructose 1,6-bisphosphate. 
 
 
 
the incorporation was spread over a number of 
other peptides indiscriminately. The selectively 
modified peptide was isolated and sequenced, and 
from these results it could be concluded that modi-
fication of Arginine 148 had inactivated the enzyme. 
Only Arginine 148, of the 15 arginines present in 
the enzyme, reacted appreciably with cyclohexane-
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1,2-dione under these circumstances even though 
cyclohexane-1,2-dione is an uncharged, nonspecif-
ic reagent for arginines in general. 
 In the crystallographic molecular model of the 
complex between fructose-bisphosphate aldolase 
from O. cuniculus and fructose 1,6-bisphosphate, 
Arginine 148 is near the 6-phospho group of the 
substrate, well away from the catalytic center of the 
active site in the immediate vicinity of carbons 3 
and 4, and forms a hydrogen bond to a molecule of 
water that in turn forms a hydrogen bond to the 
6-phospho group.784 Consequently, the arginine is 
neither a catalytic acid–base nor directly associated 
with a bound substrate. Nevertheless, modification 
of Arginine 148 by a bulky cyclohexane-1,2-dione 
and the accompanying borocycle should sterically 
hinder the association of substrates fructose 1,6-bis-
phosphate and ∂-glyceraldehyde 3-phosphate with 
the active site and prevent catalysis. Conversely, 
association of either of these substrates should 
prevent the modification of Arginine 148 by cyclo-
hexane-1,2-dione. 
 A nonspecific electrophile can also sterically 
hinder the access of substrates to an active site upon 
its incorporation. For example, at the entrance to 
the active site of S-formylglutathione hydrolase from 
A. thaliana, there is a cysteine the modification of 
which sterically blocks access to the active site.785 
 There are other instances in which the steric bulk 
of a nonspecific electrophile affects the outcome of 
inactivation of an enzyme. The sulfido group of 
Cysteine 565 in native bovine aconitate hydratase is 
exceptionally nucleophilic and can be modified 
exclusively with several electrophiles.786,787 When its 
sulfanyl group is alkylated with phenacyl bromide, a 
bulky electrophile, enzymatic activity is completely 
abolished, but when it is simply methylated, one of the 
least bulky alterations possible, enzymatic activity 
is inhibited by only 50%.788 In the crystallographic 
molecular model of a complex between a mutant of 
porcine aconitate hydratase (98% identity; 0 gap 
percent) and isocitrate,789 Cysteine 565 is too far 
away (1.6 nm) from the nearest atom of isocitrate to 
have a direct steric effect on the enzymatic reaction, 
as was the case in the modification of fructose-
bisphosphate aldolase by cyclohexane-1,2-dione. It 
is more likely that the bulky phenacyl group hinders 
a conformational change, such as the closing of the 
active site around one substrate for the enzyme, 
and that that conformational change is required for 
catalysis. The small methyl group is not bulky enough 
to affect the conformational change. A similar differ-
ence between complete inactivation upon alkylation 

with a bulky group and only partial inactivation 
upon alkylation with a methyl group is observed for 
modification of the sulfido group of Cysteine 16 in 
phosphoribulokinase from S. oleracea790 
 As the result with aconitate hydratase illustrates, 
the question of whether or not an exceptionally 
nucleophilic amino acid is located within the active 
site, even though it inactivates the enzyme, is one that 
cannot be settled in experiments that only examine 
the kinetics of inactivation and identify the amino 
acid modified. Usually, in experiments of this type, 
only two observations are available. First, the enzy-
matic activity is irreversibly and completely, or almost 
completely, inhibited when only 1-2 moles of reagent 
have become incorporated for every mole of active 
sites. Second, when a substrate, inhibitor, or ligand 
is present, the enzyme is protected against inacti-
vation, and incorporation of the reagent is blocked. 
 Regarding the first observation, there are ways 
an enzyme can be inactivated other than through 
modification at the active site. The alkylation of 
Cysteine 565 in aconitate hydratase probably prevents 
a conformational change required for enzymatic 
activity. The modification of Cysteine 45 in porcine 
glutathione transferase produces an inactive en-
zyme791,792 even though its sulfanyl group is 1.9 nm 
from the active site.793 In the conformation of the 
enzyme induced by the association of substrates, 
Cysteine 45 is buried in a hydrophobic pocket and 
inaccessible to the solution. If it were modified with 
a bulky functional group, it would be sterically unable 
to enter this pocket, and the conformational change 
required for the active site to close around substrates 
would be prevented. 
 Regarding the second observation, the protec-
tion of a particular amino acid in an enzyme by a 
substrate or inhibitor against modification by an 
electrophile does not prove that the amino acid is 
located within the active site. For example, modifica-
tion of the carboxy group of Aspartate 176 in glucan 
1,4-a-glucosidase from Aspergillus awamori by 
1-ethyl-3-(4-azonia-4,4-dimethylpentyl)carbodiimide 
is prevented by association of the inhibitor acarbose 
with the active site,794 even though its carboxy group 
is 0.9 nm from the nearest atom in this particular 
inhibitor.795 The reason that the enzyme is protected 
from reaction with the carbodiimide is that this 
carboxy group becomes incorporated into a net-
work of hydrogen bonds created by binding of the 
inhibitor to the active site. When tryptophan syn-
thase from E. coli was irreversibly inactivated with 
1-phenyl-2,3-dioxobutane, 1 mole of arginine was 
modified for each mole of inactive enzyme, and the 
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modification responsible for the inhibition occurred 
at Arginine 148 in the b subunit.796 Because the 
enzyme could be protected from irreversible inhi-
bition by pyridoxal phosphate and ¬-serine but not 
by pyridoxal phosphate alone, and because 1-phenyl-
2,3-dioxobutane was a competitive inhibitor with 
respect to serine in the normal enzymatic reaction, 
it was concluded that serine binds to Arginine 148 
within the active site during catalysis. In the crystallo-
graphic molecular model of the b2 dimer of tryptophan 
synthase in complex with pyridoxal 5-phosphate, 
however, the guanidinio group of Arginine 148 is 
1.5 nm away from the 4A carbon of the pyridoxal 
phosphate797 Consequently, it cannot be a ligand 
to the serine. 
 
 It is usually difficult to decide whether the 
residual enzymatic activity present after modifica-
tion of an enzyme represents the modified enzyme 
itself or enzyme that is as yet unmodified. This 
distinction is important because if the actually 
modified enzyme still possesses significant enzy-
matic activity, then the amino acid that has been 
modified must not be essential for catalysis. When 
human carbonic anhydrase 1 was alkylated with 
iodoacetate, Histidine 200 was modified to produce 
an enzyme that, depending on the pH, had 3–15% 
the catalytic constant of the native enzyme.798 
From these results, it was concluded that Histi-
dine 200 is not essential for enzymatic activity, 
even though its alkylation does inhibit the enzyme 
extensively. Histidine 200, however, as in the case 
of Histidine 12 in pancreatic ribonuclease, is in the 
active site of the enzyme,799 and its imidazolyl 
group is probably catalytic. It is possible that alkyl-
ation of its p nitrogen, which is directed away from 
the site of catalysis, would still permit its t nitrogen 
to participate in catalysis, albeit less effectively. 
 When 2-nitro-5-(thiocyanato)benzoate was used 
to inactivate 3-oxoacid-CoA transferase, it produced 
two products, one enzymatically inactive and the 
other still enzymatically active. It was demonstrated 
that in each product the sulfido group of the same 
cysteine had been modified. In the enzymatically 
active product, however, the cysteine was cyanylated, 
while in the enzymatically inactive product, it had 
been oxidized by formation of a mixed disulfide 
with the 2-nitro-5-thiobenzoate that is a product of 
cyanylation. In the latter instance, in which the 
mixed disulfide is far bulkier than the cyanylated 
sulfanyl group, the inactivation was a steric effect. 
If only the enzymatically inactive product had been 
obtained, it might have been concluded, incorrectly, 

that this cysteine was essential for enzymatic activ-
ity.800 
 The strategy of active-site labeling and mecha-
nism-based labeling, in which a reagent is designed 
to associate specifically with an active site and 
identify a particular catalytic base–acid responsible 
for removal or addition of a particular hydron, can be 
expanded to encompass reagents that are intended 
simply to identify amino acids in the vicinity of an 
active site or a site for the binding of a ligand by 
specifically associating with an active site or binding 
site and bringing a covalently attached electrophile 
into its vicinity even though the amino acid or 
amino acids modified by that electrophile are not 
catalytic functional groups. 
 
 An affinity label is a compound that contains a 
reactive center and that is designed to resemble the 
substrate of an enzyme or ligand for a protein so 
closely that it will bind specifically to the active site or 
binding site, and while it is bound the reactive center 
will covalently modify an amino acid in or near the 
site. If the reagent is designed with the intention of 
placing the electrophile immediately adjacent to a 
catalytic acid–base in the normal mechanism of an 
enzymatic reaction, the affinity label is an active-
site label. Often, however, a reagent intended to be 
an active-site label modifies a nucleophilic side 
chain that is not involved in the catalytic mechanism 
and is only near the location at which catalysis occurs, 
in which case the active-site label is in fact a more 
general affinity label.801 In many experiments, 
however, information about functional groups in 
the enzymatic mechanism is irrelevant; the actual 
intention of the labeling is the identification of any 
amino acid in the vicinity of the active site or the 
binding site for a particular ligand or, in many cases, 
simply the identification of the protein to which the 
ligand binds. 
 This difference in intent, in part, distinguishes 
more general affinity labeling from specific active-
site labeling. For example, the electrophilic N,N-di-
methyl-2-phenylaziridium cation 

 

was used as an affinity label for acetylcholinesterase 
from Torpedo californica. Rather than labeling a 
catalytic base in the active site that was responsible 
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for the hydrolysis of acetylcholine, the intention 
was to modify the amino acids that form the pocket 
for the quaternary ammonio group in acetylcholine 
(previously Equation 3-341) 

  
                (4-352) 

The aziridium participated in an electrophilic aro-
matic substitution of the indolinyl group of Tryp-
tophan 84,653 which is one of the three aromatic 
amino acids that form the pocket for the quaternary 
ammonium cation,802 which associates through 
p-cation interactions. 
 In many instances, the intended target of the 
affinity labeling is not an active site at all but the 
site for binding a ligand that is not catalytically 
altered by the enzyme or the site for binding a ligand 
on a nonenzymatic protein. For example, adenosine 
5A-O-[S-4-bromo-2,3-dioxobutyl)thiophosphate  

 

was used as a label for the modification of one side 
chain forming the binding site for ADP3-, an activator 
of bovine glutamate dehydrogenase [NAD(P)+] that 
is not catalytically involved in the enzymatic oxida-
tion–reduction. It covalently modifies Arginine 459 
in the enzyme,664 which forms a hydrogen bond to 
the b-phosphate of ADP3- in a crystallographic 
molecular model803 of the complex between the 
enzyme and ADP3-. 8-Azidoadenosine triphosphate 

 

was used as an affinity label for the noncatalytic 
binding site for ATP4- on actin from O. cuniculus. It 
was photolytically converted to the nitrene while 
the label was bound in the site on this nonenzymatic 
protein, and the electrophilic nitrene modified 
Lysine 336,804 which is immediately adjacent to 
carbon 8 of ATP4- in the crystallographic molecular 
model805 of the complex between actin and ATP4-.  
 Usually, a portion of an affinity label is designed 
to bind to the site, and a different portion, often quite 
distinct or even quite distant from the portion that 
binds, provides the electrophile, diradical, or some 
other group capable of modifying amino acids in 
the protein. If the designer is lucky, association of 
the portion of the affinity label responsible for 
specificity will position the portion performing the 
covalent modification close enough to a suitable side 
chain. For example, ribulose-bisphosphate carbox-
ylase (previously Equation 3-424) 

                (4-353) 

catalyzes the carboxylation of the enediolate of 
∂-ribulose 1,5-bisphosphate.806,807 Although there 
should be two or more catalytic base–acids involved 
in a Claisen condensation, none should be in the 
vicinity of the electrophilic carbon of N-bromo-
acetyl-2-amino-2-deoxypentitol 1,5-bisphosphate  
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when it binds to the active site of the enzyme in 
place of the substrate. Nevertheless, N-bromoacetyl-
2-amino-2-deoxypentitol 1,5-bisphosphate irrevers-
ibly inactivates ribulose-bisphosphate carboxylase 
from R. rubrum in a reaction the properties of which 
meet all the criteria for specific labeling within the 
active site.808 It was shown that the covalently 
modified amino acid was methionine 

   
                (4-354) 

Since methionine cannot act as a catalytic acid or 
base or as an acceptor or donor for a hydrogen bond, 
the conclusion reached from these observations is 
that this methionine is, by chance, one of the amino 
acids within or immediately adjacent to the active 
site. In the sequence of amino acids for ribulose-
bisphosphate carboxylase from R. rubrum, Methi-
onine 115 takes the place of Phenylalanine 125 in 
the enzyme (Figure 3-53) from S. oleracea (27% 
identity; 2.5 gap percent). In the crystallographic 
molecular model of the enzyme from R. rubrum 
in a complex with ∂-ribulose 1,5-bisphosphate,809 
Methionine 115 is the closest methionine and in the 
same location relative to ∂-ribulose 1,5-bisphosphate 
as it is in the active site of the enzyme from 
S. oleracea. There are no atoms from the protein 
between it and ∂-ribulose 1,5-bisphosphate, but its 
sulfur is 1.1 nm from carbon 2, which seems a stretch. 
 An affinity label for creatine kinase, N-(2,3-epoxy-
propyl)-N-amidinoglycine (4-115)810 

 

tacks an epoxide onto the N-methyl group in the 
substrate creatine (4-116). This point of attach-

ment places the electrophilic distal carbon of the 
epoxide at what seems to be a significant remove 
from the site of phosphorylation, which occurs at 
one of the distal amidino nitrogens of the creatine. 
This fact suggested that the reagent was modifying 
an amino acid only in the vicinity of the active site. 
Cysteine 282 in creatine kinase from O. cuniculus is 
the site of modification.811 In the crystallographic 
molecular model between creatine kinase from 
O. cuniculus and creatine, nitrate, and MgADP-, the 
sulfur of Cysteine 282 is 0.56 nm from any of the 
atoms involved in the nucleophilic substitution at 
phosphorus,812 which would be consistent with this 
conclusion that it is not a catalytic acid–base. 
 In this crystallographic molecular model of the 
analogue for the transition state (see Figure 3-41), 
however, the sulfido group of Cysteine 282 is only 
0.32 nm from the other distal nitrogen in creatine, 
the one that is uninvolved directly in the reactions, 
so it could be increasing the nucleophilicity of the 
distal nitrogen that is involved. The orientation of 
the sulfido group of Cysteine 282 with respect to 
the distal nitrogen is not proper for a hydrogen 
bond, and the sulfido group participates in three 
proper hydrogen bonds with an amido nitrogen–
hydrogen from the polypeptide, the hydroxy group 
of a serine, and a molecule of water. Nevertheless, 
the sulfido group of Cysteine 282, by electron 
repulsion, could shift electron density in the 
p molecular orbital system of the guanidinio group 
from the lobe over the nitrogen adjacent to it to the 
lobe on the nitrogen that is phosphorylated and 
make that lobe a more nucleophilic participant in 
the nucleophilic substitution at phosphorus cata-
lyzed by the enzyme.813 From the orientation of the 
participants in the crystallographic molecular model 
of the complex between creatine kinase from 
O. cuniculus and creatine, nitrate, and MgADP- and 
the complex between the related (46% identity; 
2 gap percent) arginine kinase from Limulus poly-
phemus and ¬-arginine, MgADP-, and nitrate (Fig-
ure 3-41), it can be seen that this lobe in the 
p molecular orbital system of the guanidinio group 
is the nucleophile, not a localized lone pair of electrons 
in the plane of the conjugate base of the guanidinio 
group. In the active site of arginine kinase from 
L. polyphemus, the homologous sulfido group on 
the homologous cysteine is in a similar location.814  
 As was the case with N-bromoacetyl-2-amino-
2-deoxypentitol 1,5-bisphosphate, the methyl group 
on creatine to which the epoxide is attached seems 
too distant (0.61 nm) in the molecular model from 
the sulfido group of Cysteine 282 that is modified, 
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and it would be positioned on the opposite side of 
the guanidinio group, which would lie between it 
and the sulfido group. There is a rotational isomer 
(4-115) that places the electrophilic carbon imme-
diately adjacent to one of the distal nitrogens, but 
according to the molecular model, the nitrogen is 
the nucleophile in the nucleophilic substitution at 
phosphorus. The labeling was performed in the 
absence of adenine nucleotide, and the combination 
of MgADP- and nitrate, in the absence of creatine, 
prevents the modification.810 For both of these rea-
sons, it seems reasonable to assume that the com-
plex between the active site and N-(2,3-epoxy-propyl)-
N-amidinoglycine that is responsible for the modifi-
cation is the one in which the N-methyl-guanidinio 
group is flipped over relative to its competent 
orientation in the crystallographic molecular model, 
in part because this flipped disposition would be 
precluded when MgATP2- and nitrate are bound, 
and hence their presence should prevent the modi-
fication. 
 It is possible to perform affinity labeling with a 
reagent attached covalently within the active site. 
A diazoacetyl group was transesterified onto Serine 
195 in chymotrypsin to form a stable acyl interme-
diate815 by taking advantage of the first step in the 
normal enzymatic reaction (Figure 3-6) 

  
                (4-355) 

Upon photolysis, a carbene was formed that insert-
ed at random into any one of several oxygen–
hydrogen bonds of amino acids surrounding the 
active site. 
 8-Azidoadenosine triphosphate (4-113) and 
4-nitrophenyl diazoacetate (Equation 4-355) are 
examples of a large class of photoaffinity labels 
that have been widely used to perform affinity la-
beling. These photoaffinity labels usually contain 
either a diazoketone or a diazo ester816 or an azido 
group.817 When a diazoketone or diazo ester is photo-
lyzed, a carbene is formed 

 
                (4-356) 

and when an azido group is photolyzed, a nitrene is 
formed 

 
                (4-357) 

Both carbenes and nitrenes are dramatically electron-
deficient. A carbene has only six valence electrons 
around the single carbon, and a nitrene has only six 
valence electrons around the single nitrogen. 
 A carbene or nitrene can react either as a singlet 
electrophile, in which the two nonbonding elec-
trons occupy only one atomic orbital on carbon or 
nitrogen, or as a triplet diradical, in which each of 
two nonbonding s atomic orbitals on carbon or 
nitrogen, respectively, are occupied by one of two 
unpaired electrons. The singlet state of a carbene 
or a nitrene has a vacant atomic orbital at carbon 
or nitrogen, respectively, and consequently it is a 
strong electrophile that can form a covalent bond 
with a nucleophilic atom that has a lone pair of 
electrons in a simple nucleophilic addition, followed 
by hydronation of the resulting carbanion or azanide. 
The triplet diradical is capable of abstracting a 
hydrogen from an atom in its vicinity to produce a 
radical at that atom and a single radical on the former 
carbon of the carbene or nitrogen of the nitrene, 
and then the two adjacent radicals can colligate to 
form a covalent bond between the carbon or nitrogen 
of the carbene or nitrene and the atom from which 
hydrogen was abstracted. Because the reactants in 
both photochemical dissociations—the diazo-
ketone or diazoacetyl group and the azido group and 
their respective photochemically excited states—
are singlets and molecular nitrogen is a singlet, the 
initial products of the photolysis are the respective 
singlets. Each singlet then equilibrates (Equations 
4-356 and 4-357) with the triplet state, which is 
usually the more stable state, by intersystem crossing. 
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Table 4-1: Affinity Labels 

enzyme or protein substrate or ligand affinity label 
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 Although there is an example of insertion of a 
carbene into a carbon–hydrogen bond, albeit at 
low yield,818 the majority of the products from 
modification within active sites or binding sites in 
proteins by either carbenes816 or nitrenes804,817,819,820 
are consistent with nucleophilic addition of an 
oxygen, nitrogen, or sulfur to the respective singlet 
electrophile. This regioselectivity is observed even 
when the vast majority of the covalent bonds sur-
rounding a nitrene or carbene are carbon–hydrogen 
bonds.821,822 
 There are many examples of the use of affinity 
labels (Table 4-1).665,823-829 Rather than being used 
to identify a particular amino acid or set of amino 
acids in a protein, affinity labels have frequently 
been used to identify a particular protein or region 
within the sequence of amino acids for a protein830,831 
that contains or comprises the active site or binding 
site of interest. Although functional groups capable 
of alkylation, acylation, or sulfonylation are often 
used as the electrophiles, the most common choice, 
when the affinity label is not being used as an active-
site label, has been an aryl azide (Equation 4-357). 
This choice increases the chance that a sufficiently 
reactive nucleophile will be encountered by the 
electrophile. Nevertheless, it is still necessary that a 
nucleophile, however unreactive, be accessible to 
the nitrene resulting from the photolysis. To increase 
the probability of this juxtaposition, the aryl azide 
can be attached flexibly to the portion of the reagent 
conferring specificity so that it can reach several side 
chains in the vicinity of the active site or binding 
site, as in the aryl azide 

 

that was used to modify amino acids surrounding 
the active site of myosin ATPase (Equation 
4-288).832 
 A few of the natural substrates and ligands for 
enzymes and proteins are themselves photochemi-
cally active, and upon photolysis they are converted 
into products that can covalently modify a site to 
which they are bound. For example, magnesium 
thymidine triphosphate modifies Histidine 881 in 
DNA-directed DNA polymerase I from E. coli when 

it is photolyzed with ultraviolet light while bound at 
the catalytic site for deoxynucleoside triphosphates 
on the enzyme.833  
 Derivatives of large nucleic acids that position 
a group capable of modifying amino acids in a protein 
with which the nucleic acid associates have been 
used as affinity labels. For example, the precursor 
to tRNAPhe into which either 4-thiouridine or 
5-bromouridine had been incorporated at each posi-
tion occupied by uridine was used to modify photo-
lytically RNA ligase (ATP) from S. cerevisiae and 
identify all the uracils in tRNAPhe that come in contact 
with the enzyme.834 A 1-pyrrolidinyl ester, which is 
able to modify the amino group on a lysine, was 
attached in turn to four different cytosines in 
tRNAfMet. In each instance, the 1-pyrrolidinyl ester 
was at the end of a long chain of 17 atoms, the 
bonds between which are free to rotate, permitting 
the electrophile to survey a wide area on the adjacent 
surface of the enzyme. Each affinity label modified 
a different lysine in methionine—tRNA ligase from 
E. coli, and the tryptic peptides containing each 
modification were isolated and sequenced to identify 
each site of modification in the sequence of amino 
acids in the enzyme.835 
 The ribose at the 3¢ end of a transfer RNA, which 
is the only ribosyl group in the nucleic acid with 
vicinal hydroxy groups, can be oxidized exclusively 
with periodate, and a dialdehyde is produced from 
the ribose. This dialdehyde is able to form an imine 
with the amino group of a lysine in a protein, which 
can then be reduced with cyanoborohydride.836 
Oxidized tRNAAla specifically modifies Lysine 73 in 
alanine—tRNA ligase from E. coli.837 In the crystal-
lographic molecular model of the complex between 
alanine—tRNA ligase from Archaeoglobus fulgidus 
(24% identity; 2.3 gap percent) and tRNAAla, the 
leucine that occupies the same position in the 
aligned sequences as Lysine 73 is immediately 
adjacent to the 3¢ end of the tRNA.838 It obviously is 
not a catalytic acid–base, and since Lysine 73 is not 
conserved, it also is probably not a catalytic acid–
base. 
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Problem 4-28: Glycine hydroxymethyltransferase 
(previously Equation 2-10) uses pyridoxal phos-
phate as a prosthetic group in its active site to catalyze 
the reversible interconversion of glycine and ¬-serine. 

(1) 

This reaction is the major source of 5,10-methylene-
tetrahydrofolate in mammals. The enzyme also 
carries out the following transformations. 

    
                    (2) 

   
                    (3) 

     
                                 (4) 

        (5) 

    
                    (6) 

   
                    (7) 

 (A) Write the common mechanism for each of 
these seven reactions that explains each 
outcome, both the chemistry and the stereo-
chemistry. Make it clear that each mecha-
nism is just a variation of the common theme. 
Start with the external pyridoximine of each 
amine. In every step of each mechanism, 
write out only the imino carbon and the 
imino nitrogen of the pyridoximine and the 
remainder of the respective adduct. Abbrevi-
ate the tetrahydrofolate as in Equation 1. Indi-
cate acids and bases as HN(+)and ”O(-) to 
save time.  

 (B) Explain the following results from a study642 
of the reaction in Equation 7 

 

reactant 
 

kFA 
(M-1 s-1) 

∂-[2-1H]fluoroalanine 0.37 
∂-[2-2H]fluoroalanine 0.07 

 
  where kFA is the specificity constant for the 

respective fluoroalanine (FA). When tetrahy-
drofolate is present, ∂-fluoroalanine is 
turned into pyruvate 100 times faster than 
¬-fluoroalanine is turned into pyruvate. The 
normal substrate for the enzyme, however, is 
¬-serine.  

 (C) Draw two structures, side by side, of adducts 
formed at the active sites between pyridoxal 
phosphate and ∂-fluoroalanine and between 
pyridoxal phosphate and ¬-serine, respectively, 
that explain why ∂-fluoroalanine is the pre-
ferred substrate over ¬-fluoroalanine but 
¬-serine is the preferred substrate over ∂-serine.  

 (D) Draw a chemical mechanism involving a 
nucleophilic amino acid side chain, -S”(-), in 
the active site to explain one way the enzyme 
could become irreversibly inactivated while 
it is performing the reaction in Equation 7.  
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Problem 4-29: 2¢,3¢-Epoxypropyl b-di(N-acetyl-
∂-glucosamine)glycoside 

 

was synthesized as an active-site label for lysozyme 
(Figure 3-27) from G. gallus. After binding to the 
active site, 2¢,3¢-epoxypropyl b-di(N-acetyl-∂-glucos-
amine)glycoside reacts with the enzyme to form a 
covalent derivative that is inactive and that contains 
1 mole of the label attached to Aspartate 52 for each 
mole of the enzyme.646 
 
 (A) Write the chemical mechanism for the reac-

tion between Aspartate 52 and 2¢,3¢-epoxy-
propyl b-di(N-acetyl-∂-glucosamine)glycoside.  

 (B) Use steric arguments to predict which electro-
philic carbon in the epoxide is the most likely 
electrophile.  

 
 Lysozyme, which had been modified by 
2¢,3¢-epoxypropyl b-di(N-acetyl-∂-glucosamine)glyco-
side and rendered inactive, was crystallized, and a 
crystallographic molecular model was constructed.646 
 
 (C) Which subsites (Figure 3-27) on the inactive 

lysozyme molecule were occupied by the two 
N-acetyl-∂-glucosamino groups of the affini-
ty label?  

 
 When the covalently modified enzyme was 
reduced with NaBH4, the ester was reduced to an 
alcohol and a derivative of lysozyme with homoserine 
at position 52 resulted.839 

 

 (D) Lysozyme(Hse52) is catalytically inactive but 
binds hexasaccharide substrates such as 
(GlcNAc)6 with the same affinity as the native 
enzyme. Explain this observation.  

 
Problem 4-30: Aldolases are enzymes that catalyze 
aldol condensations such as those in Equations 
4-278 and 4-324 and Figures 4-26 and 4-36. It has 

been shown that when a ketone that is a substrate 
is mixed with its aldolase and allowed to equili-
brate, and then the mixture is treated with NaBH4 
(a mild reducing reagent), a lysine in the protein is 
irreversibly modified and a secondary amine resulting 
from reduction of the imine of the ketone with that 
lysine (Equation 4-325) can be isolated from a 
hydrolysate of the protein. This result is evidence for 
the existence of the respective imine of a lysine in 
the active site. 
 
 (A) Write out the steps involved in an aldolase 

mechanism. Where are hydrons rearranged? 
 
 2-Dehydro-3-deoxyphosphogluconate aldolase 
(Equation 4-324) from Pseudomonas was mixed 
with pyruvate in the presence of 3H2O and equili-
brated for the times noted in the table.706 Following 
the reaction, pyruvate was purified on an ion-
exchange column, and fractions were examined for 
the incorporation of tritium. 
 

enzyme 
 

time 
(h) 

    mmol of 3H 
mmol of pyruvate 

none 1 <0.005 
boiled 1 <0.005 
active 1 0.585 
none 16 0.073 
active 16 2.310 

 
 (B) To which carbon in pyruvate is tritium added? 

How does this process fit into the overall 
mechanism? Draw what you think is occurring 
at the active site, and explain the super-
stoichiometry of the incorporation. Include 
hydron donors and acceptors.  

 
 2-Dehydro-3-deoxyphosphogluconate aldolase 
was mixed with 1 mM 3-bromopyruvate at pH 6. 
Samples were removed at various intervals and 
immediately diluted 200-fold into a solution at 
pH 8 to hydrolyze the 3-bromopyruvate. The enzyme, 
following this dilution procedure, was then assayed 
for aldolase activity.691 
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time of initial incubation 
with bromopyruvate 
(min) 

enzymatic activity 
remaining 

(%) 

0 100 
1 78 
2 65 
3 50 
4 41 
5 28 

 
The 3-bromopyruvate irreversibly inactivates the 
enzyme. 
 
 (C) Why was 3-bromopyruvate chosen? Examine 

your diagram for the enzyme mechanism. What 
group is the intended target of 3-bromopyru-
vate, and what type of chemical reaction should 
be occurring?  

 (D) Assume that the kinetic mechanism of Equa-
tion 4-297 describes this inactivation and 
that 

   

  and show that  

   

  where kASL is defined by Equation 4-300.  
 (E) Show by integration that Equation 4-298 

describes the inactivation.  
 (F) Show that the reaction corresponds to this 

expectation by plotting the data from the table 
in the form of Equation 4-298 or in its common 
logarithmic form, Equation 4-301. Assume 
that the concentration of 3-bromopyruvate, 
[ASL], is 1 mM at all times t, because [E]0 << 
[ASL].  

 (G) If t" is defined as the time required to inacti-
vate half the enzyme, show that  

 

 Values of t" for several 3-bromopyruvate concen-
trations were calculated from curves such as the one 
you drew earlier.691 

[bromopyruvate] 
(mM) 

 t" 
 (s) 

0.21 330 
0.30 250 
0.46 190 
0.89 140 
1.5 100 
3.5 80 

 
 (H) Do these data conform to expectations? 

Explain. 
 (I) What are numerical values for kASL and ki? 
 
 If 3-bromopyruvate is binding to the active site 
of 2-dehydro-3-deoxyphosphogluconate aldolase 
at the same position as pyruvate, then pyruvate 
should protect the enzyme. The following values 
for t" were measured when 6 mM pyruvate was 
present in addition to 3-bromopyruvate.691 
  

[bromopyruvate] 
(mM) 

t" 
(s) 

5 500 
10 280 
20 170 

 
 (J) What kind of an inhibitor is pyruvate with 

respect to the inactivation caused by 3-bromo-
pyruvate? Is this observation expected? Why?  

 
 Radioactive [14C]-3-bromopyruvate was syn-
thesized by direct bromination of [14C]pyruvate. 
2-Dehydro-3-deoxy-∂-gluconate 6-phosphate was 
incubated at pH 6 for 20 min in the presence of 
1 mM unradioactive 3-bromopyruvate and 40 mM 
pyruvate. The enzyme was dialyzed exhaustively 
and then treated with 1 mM [14C]-3-bromopyruvate 
at pH 6 in the absence of pyruvate for 20 min. The 
enzyme was precipitated 3–4 times with (NH4)2SO4 
until constant counts per minute of 14C (milligram 
of precipitated protein)-1 were obtained. It was 
found that 90% of the activity had disappeared and 
1.1 mol of 14C (mol of enzyme protomer)-1 had 
been covalently incorporated. When the radioactive 
protein was incubated with 0.5 M NaOH or unfolded 
in 10 M urea and reacted with hydroxylamine, 90–95% 
of the radioactivity was removed from the protein. 
Ethers, phenol ethers, and secondary amines are all 
stable under these conditions. When the 14C-labeled 

∫  v i  =  k i [E·ASL] 
d [E–ASL]

 

dt
 

=  
d [E–ASL]

 

dt
 

k i([E ]0 – [E–ASL])kASL[ASL]

k i  +  kASL[ASL]

t "  =  ln 2  
k ASL

–1  +  k i
–1[ASL](           [ASL]           )
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protein was hydrolyzed in 6 M HCl at 100 ªC for 24 h, 
99% of the 14C was released as hydroxypyruvic acid.634 
 
 (K) What type of amino acid side chain has 

probably reacted covalently with 3-bromo-
pyruvate to inactivate the enzyme? 

 
 [14C]-2-Dehydro-3-deoxy-∂-gluconate 6-phos-
phate aldolase that had been inactivated with 
[14C]-3-bromopyruvate was prepared and divided 
into two fractions. One fraction was unfolded with 
1% sodium dodecyl sulfate. Both native and unfolded 
[14C]aldolase were then reacted with NaBH4 for 30 
min at 50 ªC. When these two fractions were hydro-
lyzed in 6 M HCl, the unfolded sample yielded only 
[14C]glyceric acid, but the hydrolysate of the native 
enzyme contained a new [14C]amino acid (60% yield). 
When enzyme, purified from bacteria grown on 
[3H]-¬-lysine, was reacted with [14C]-3-bromopyru-
vate, reduced, and hydrolyzed, the new amino acid 
contained both 14C and 3H in a 1:1 molar ratio.634 
 
 (L) What is this novel amino acid, and what 

occurred during inactivation and then reduc-
tion?  

 (M) Look again at your diagram of hydron 
movements during the aldolase reaction. 
Notice that during the retroaldol dissociation 
a hydron is removed from the hydroxy group 
on carbon 4 of 2-dehydro-3-deoxy-6-phospho-
∂-gluconate, but during the reverse reaction 
a hydron is removed from the methyl group 
of carbon 3 of pyruvate. Consider the amino 
acid that performs this function. What is 
there about its functional group that makes it 
particularly suitable?  

 
Problem 4-31: 2,3-Epoxypropanol 1-phosphate, 
glycidol phosphate (GcP), is an irreversible inhibitor 
of triose-phosphate isomerase (Equations 4-46 and 
4-55 and Figure 3-37). When glycidol phosphate is 
added to a solution of triose-phosphate isomerase 
from O. cuniculus, in large excess over the concen-
tration of enzyme, the enzymatic activity disappears 
in a pseudo-first-order fashion such that a plot of 
log([active enzyme]) against time (Equation 4-301) 
is linear, and a rate constant, ki,app, could be obtained 
from the slope. It was found that ki,app varied with 
the concentration of glycidol phosphate and was 
affected by addition of a competitive inhibitor of 
the enzymatic activity, glycerol 1-phosphate.647 
 

 ki,app  (s-1 ¥ 106) 

 

[glycidol phosphate] 
(mM) 

enzyme 
alone 

enzyme + 
0.3 mM glycerol 

1-phosphate 

0.15 6.4  
0.3 12.0  
0.6 18.4  
1.2 28.7 14.0 
1.9 37.5 20.7 
3.8  34.0 
5.2  49.3 
 
 (A) Plot these data in an informative format and 

determine KdGcP, the dissociation constant of 
glycidol phosphate from the active site, and 
KdGoP, the dissociation constant of glycerol 
1-phosphate.  

 (B) What two features of the kinetics of inactiva-
tion lead to the conclusion that glycidol 
phosphate is an active-site label?  

 (C) What participant in Equation 4-55 is reacting 
with glycidol phosphate?  

 
 When the enzyme was fully inactivated, 0.9 ± 
0.1 mol of [32P]glycidol phosphate (mol of active 
sites)-1 was incorporated into the protein.840 The 
radioactive protein was digested with pepsin, and a 
radioactive peptide was isolated. Upon hydrolysis, 
the amino acid composition of the peptide was  
  

amino acid mol of amino acids 
(100 mol of total amino acids)–1 

Glu 20 
Pro 22 
Ala 18 
Val 21 
Tyr 19 

 
The optical density of the peptide at 280 nm was 
5800 M-1 cm-1. 
 
 (D) Find this peptide in the sequence of triose-

phosphate isomerase from O. cuniculus and 
write out its sequence. 

 
 This peptide was radioactive (32P) and lost its 
radioactivity upon either alkali treatment, which 
will not cleave phosphate esters, or phosphatase 



Transfer of Hydrons 
 

1234 

treatment, which will. The same peptide was isolated 
from unmodified enzyme and from enzyme modified 
with 2,3-epoxypropan-1-ol (glycidol) and HOPO3

2-. 
Upon electrophoresis, the following behavior was 
observed 
  

 electrophoretic mobility 

 
peptide 

(relative to 
aspartate) 

pH 6.5 

(relative to 
serine) 
pH 1.9 

unlabeled 

 

–0.21 +0.43 

labeled with 
   glycidol 
      phosphate 
 

–0.27 0 

labeled with 
   glycidol 
      + HOPO3

2– 

0 +0.42 

 
 (E) Which amino acid in the peptide had reacted 

with glycidol phosphate?  
 
Problem 4-32: 3-Hydroxydecanoyl-[acyl-carrier-
protein] dehydratase from E. coli can catalyze both 
of the following reactions.841 

 

The abbreviation SACP is for acyl-carrier protein, a 
small protein in which the sulfanyl group of a pros-
thetic 4¢-phosphopantetheine forms a thioester 
with the respective fatty acids. Substrates that are 
thioesters of N-acetylcysteamine (SNAC) are as 
effective as substrates for the enzyme as the thio-
esters of acyl-carrier protein. 
 
 (A) Provide a mechanistic reason to explain why 

the enzyme cannot convert (R)-3-hydroxy-
decanoyl-SACP directly into cis-dec-3-enoyl-
SACP.  

 (B) If any one of the substrates were mixed with 
a high enough concentration of the enzyme 
in D2O, so that the three reactions catalyzed by 
the enzyme come to equilibrium faster than 
nonenzymatic hydron exchange could occur, 
then deuterium would be incorporated by 

the enzyme into some or all of the three sub-
strates. Assume that the dehydration is trans 
and that the hydron is moved across the face 
of the intermediate in the second reaction 
from carbon 4 to carbon 2. How many deuter-
iums should incorporated into each of the 
three substrates, and what are the absolute 
stereochemistries of each deuterated substrate? 

 
 The effect of pH on the catalytic constant of 
the enzyme, k0, for isomerization of cis-dec-
3-enoyl-SNAC to trans-dec-2-enoyl-SNAC was 
measured at various values of pH and at constant 
temperature (30 ªC) and ionic strength (0.05 M).842 

 

Reactions were initiated by addition of 4 mg of dehydratase to 
cuvettes containing 1.0 mL of substrate, the concentration of 
which had been determined by measuring absorbance at 232 nm. 
Product formation was monitored by measuring A263. Values 
for k0 were calculated from double-reciprocal plots of the data 
at each pH. At least 10 different substrate concentrations were 
used for each point. The buffer systems were sodium acetate, 
imidazolium chloride, potassium phosphate, tris(hydroxy-
methyl)aminomethane hydrochloride, and sodium glycinate. 
 
 (C) Write a mechanism for isomerization of cis-dec-

3-enoyl-SNAC as it occurs within the active 
site of the enzyme. Your mechanism must 
contain the explanation for the behavior 
observed in the figure. Use amino acid side 
chains of your choice to act as catalytic side 
chains. Choose a different one for each role 
to distinguish them in later answers. 

 (D) Explain the observed effect of pH on k0 ob-
served in the preceding figure in terms of 
acid dissociations of the catalytic acids and 
catalytic bases that you chose in part C. Con-
sider both the free enzyme and the enzyme–

(R)-3-hydroxydecanoyl-SACP  1  
                  H2O  +  trans-dec-2-enoyl-SACP  1
                                      H2O  +  cis-dec-3-enoyl-SACP

6 8
pH

10

k 0
,a

pp
   

(s
–1

)
4

8

12

12
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substrate complex. Remember that in this 
particular experiment cis-dec-3-enoyl-SNAC 
is the substrate. 

 
 Both dec-3-ynoyl-SNAC (alkyne) and deca-
2,3-dienoyl-SNAC (allene) are irreversible inhibi-
tors of the enzyme.729  

 

To a cuvette containing 10 mM of the respective inhibitor and 
400 mM cis-dec-3-enoyl-SNAC in 0.01 M potassium phosphate 
at pH 7.0 was added 6 mg of purified 3-hydroxydecanoyl-[acyl-
carrier-protein] dehydratase at zero time. The rate of trans-
2-decenoyl-SNAC production was measured spectrophoto-
metrically by absorbance at 263 nm (A263). 
 
 (E) Write the nucleophilic addition that explains 

why one of these compounds is so much more 
reactive than the other. Use one of the nucleo-
philes in your active site for the addition.  

 (F) Draw at least two possible products of the 
reaction of deca-2,3-dienoyl-SNAC with 
amino acid side chains in the active site that 
you constructed in the answer to part B.  

 
 2,2-Dideuterodec-3-ynoyl-SNAC was synthe-
sized as well as dec-3-ynoyl-SNAC, and these two 
compounds were tested together as inactivators of 
the enzyme.729 To cuvettes containing 0.5 mL of 
potassium phosphate at pH 6.0 and an ionic 
strength of 0.05 M were added, to a final concentra-
tion of 8 mM, either dec-3-ynoyl-SNAC (2) or 
2,2-dideuterodec-3-ynoyl-SNAC (3) and, at zero 

time, 33 mg of dehydrase. At various times, 0.5 mL 
of 3.1 ¥ 10-4 M cis-dec-3-enoyl-SNAC in the same 
buffer was added, and the initial rate of product 
formation was recorded. The degree of inactivation 
was based on comparison with a similar reaction to 
which no ethynylene thioester had been added. 
Since the amount of ethynylene thioester was pre-
sent at a 60-fold molar excess over dehydrase, the 
inactivation data were treated in a first-order man-
ner. 

 

 The deuterium kinetic isotope effect observed 
(Hk/Dk = 2.60) is similar in magnitude to that seen 
for 2,2-dideutero-3-hydroxydecanoyl-SNAC during its 
dehydration to trans-2-decanoyl-SNAC (Hk/Dk = 2.25). 
2-Deuterodeca-2,3-dienoyl-SNAC, however, shows no 
isotope effect during its inactivation of the enzyme. 
 
 (G) What does the deuterium kinetic isotope 

effect suggest that the enzyme must be doing 
to dec-3-ynoyl-SNAC before this active-site 
label can inactivate the enzyme?  

 (H) What must dec-3-ynoyl-SNAC be turned into 
before it can inactivate the enzyme? 

 (I) Incorporate the mechanism for this trans-
formation into your active site from part B. 

 (J) Write an overall mechanism that incorpo-
rates the three reactions naturally catalyzed 
by the enzyme, inactivation by the allene, 
and mechanism-based inactivation by the 
alkyne.  

 (K) Is the enzyme catalyzing its natural reaction 
through an enolate, through an intermediate 
carbenium ion, or by a concerted mechanism? 
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Problem 4-33: The following mechanism-based 
labels679,843-846 were designed to modify the noted 
enzymes. 

 

enzymatic reaction mechanism-based 
or enzyme label 

 
 

 (A) Draw the structure of the substrate for each 
enzyme that the mechanism-based label is 
designed to mimic.  

 (B) Draw the structure of each electrophile that 
the respective enzyme produces from each 
mechanism-based label. The electrophile in 
each case is produced in the same step or se-
quence of steps through which the enzyme 
takes the substrate that the mechanism-
based label mimics.  

 
Problem 4-34: (1S,3S)-3-Amino-4-(perfluoropropan-
2-ylidene)cyclopentane-1-carboxylate 
 
 
 
 
 

 
 

 

inactivates human ornithine aminotransferase.711 
The product of the reaction has been identified in a 
crystallographic molecular model of the modified 
enzyme as the amide between the amino group of 
Lysine 292 and the N3-(5¢-phosphopyridoxyl)imine 
of (1S)-3-imino-4-(3,3,3-trifluoro-1-carboxypropan-
2-yl)cyclopentane-1-carboxylate, and the identifi-
cation was verified by the mass spectrum of the in-
activated enzyme. In the initial step of the reaction, 
the 3-amino group of the (1S,3S)-3-amino-4-(per-
fluoropropan-2-ylidene)cyclopentane-1-carboxylate 
forms the external pyridoximine with the prosthetic 
pyridoxal 5¢-phosphate in the active site. Write a 
mechanism for formation of the amide from the 
perfluoropropan-2-ylidene that involves the 5¢-phos-
phopyridoxyl group in every step except the last 
one. 
 
Problem 4-35: ¬-Lactate dehydrogenase catalyzes 
the reaction of Equation 4-204. 
 
 (A) Write a chemical mechanism for the oxida-

tion–reduction as it would occur in the active 
site, using HN(+) and ”O(-) to indicate any 
necessary acid or base. Abbreviate NAD+ as 

 

 Porcine ¬-lactate dehydrogenase is inactivated 
irreversibly by the nonspecific electrophile diethyl 
dicarbonate.847 

N

N

Cl COO–

COO–

F

H

H

H
H

OP2O6
3–

O

SCoA

O

O
O

O H

N

N

O

O

H

HH

+H3N

H3C

H

H

H
H

P
O

O–

–O

cis-3-chloropropenoate
        1  3-oxopropanoate

4-aminobutyrate
                       transaminase

isopentenyl-diphosphate
                               D-isomerase

glutaryl-SCoA  1
CO2  +  crotonyl-SCoA  + 2 e–

thymidylate synthase

COO–

CF3

COO–

N

N

O

CF3

F3C

H3N

Lys 292

H

N

O

NH2
(



Catalytic Acid–Bases in Crystallographic Molecular Models 
 

1237 

 

 Freshly diluted samples of diethyl dicarbonate were added to 
solutions of enzyme (56 nmol of subunits) in 0.08 mL of 0.1 M 
sodium phosphate at pH 6.0 and 20 ªC. After 1 min, the enzyme 
was diluted 200-fold into ice-cold buffer, and a sample was used 
to measure the enzymatic activity about 5 min after the initial 
addition of diethyl dicarbonate. The percentage of residual 
activity is expressed relative to that of an untreated control (3), 
and the percentage of residual activity, after being corrected for 
the reactivation (about 5%) that occurs during the 5 min neces-
sary to assay the enzyme, is expressed as a percentage, relative 
to that of that of an untreated control (2). 
 
 (B) Explain why this experiment was done, what 

the results demonstrate, and why there must 
be one particularly reactive amino acid in the 
protein.  

 (C) Write a kinetic mechanism for the reaction 
between the nucleophilic form of the enzyme 
and diethyl dicarbonate. Do not solve the 
rate equation.  

 (D) Why is the observed rate of the reaction kinet-
ically first-order when the inactivation of the 
enzyme is followed as a function of time, and 
what is the observed rate constant equal to in 
terms of your kinetic mechanism?  

 
 The rate of reaction of diethyl dicarbonate was 
measured by rapidly mixing a solution of 30 mM ¬-lac-
tate dehydrogenase in sodium diphosphate at pH 8.4 
and an ionic strength of 150 mM with an equal volume 
of a solution of 11 mM diethyl dicarbonate and fol-
lowing at an absorbance of 251 nm. The product of 
the reaction between diethyl dicarbonate and the 
amino acid in the active site absorbs most strongly 
at 251 nm. 
 The concentrations of both ¬-lactate dehydro-
genase and diethyl dicarbonate and the ionic 
strength were kept constant in a series of experi-
ments in which the pH was varied systematically. 
The apparent first-order rate constant for the 
change in absorbance at 251 nm was determined 
for each pH.847 

 

The observed first-order rate constant for the reaction is plotted 
as a function of the pH. The concentration of enzyme after 
mixing was 15 mM, and that of diethyl dicarbonate was 5.5 mM. 
Buffers were sodium diphosphate. 
 
 (E) Write a kinetic mechanism for this inactivation 

describing it as the carbonylation of the conju-
gate base of an amino acid on the protein. 
Incorporate acid dissociation of the conjugate 
acid of that amino acid in your mechanism. 
Derive an equation for the observed first-
order rate constant, kapp, in terms of the in-
trinsic rate constant, kDD, between diethyl 
dicarbonate and the conjugate base of the 
amino acid and the acid dissociation constant, 
KaNH, of the amino acid. 

 (F) What is the pKa of the nucleophilic amino acid? 
 
 
 
 

Catalytic Acid–Bases in Crystallographic 
Molecular Models 

It would seem that, when a crystallographic molecular 
model of the empty active site of a particular enzyme 
became available, the catalytic acid–bases involved 
in the enzymatic mechanism could be identified 
immediately by inspection. Unfortunately, this hope 
has not been realized. The reasons for the almost 
universal ambiguity that accompanies crystallo-
graphic molecular models of empty active sites are 
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that there are usually too many acid–bases, that 
they are too flexible, and that there are many hetero-
atoms that do not seem to be possible catalytic acid–
bases that turn out to be. The reason that there are 
too many acid–bases in an active site is that substrates, 
in addition to presenting to the active site the hydrons 
that must be removed and the lone pairs of electrons 
that must be hydronated for the reaction to occur, 
also have significant numbers of donors and acceptors 
for hydrogen bonds, and these must be occupied 
by acceptors and donors from the active site. These 
acceptors and donors within the active site are 
usually acid–bases in their own right, and they are 
indistinguishable chemically from the catalytic acid–
bases.  
 
 Consequently, the active site must be occupied 
by an informative set of ligands that identifies the 
catalytic acid–bases responsible for the hydron 
transfers necessary for the enzymatic reaction. 
 The most informative ligands are the complete 
set of substrates in a complex with the enzyme in 
which reactants and products are in rapid equilibrium 
with each other within the active site. For example, 
the crystallographic molecular model (Figure 3-36) 
of the complex between murine cytidine deaminase 
and a cytidine, a water, a uridine, and an ammonia 
in equilibrium with each other clearly identifies one 
oxygen of the carboxylato group of Glutamate 67 as 
the catalytic base that removes the hydron from 
hydroxide on the Zn2+ (0.28 nm) while it adds as the 
nucleophile to cytidine in the direction of hydrolysis. 
Removal of this hydron turns the hydroxide into the 
oxyanion still coordinated to the Zn2+ in the tetra-
hedral intermediate to provide push. The resulting 
carboxy group on Glutamate 67 then becomes the 
catalytic acid that adds the hydron to the amino 
group in the tetrahedral intermediate at carbon 4, 
as is required to permit the nitrogen to leave as 
ammonia. By microscopic reversibility, this same 
oxygen in the carboxylato group of Glutamate 67 
must be the catalytic base that removes the hydron 
from ammonia (0.29 nm) while it adds as the nucleo-
phile to uridine and then adds that hydron to the 
oxyanion coordinated to the Zn2+ in the resulting 
tetrahedral intermediate in the direction of aminolysis 
so that it can leave as a zinc hydroxide. In each 
case, this catalytic oxygen moves from oxygen to 
nitrogen and nitrogen to oxygen by pivoting on the 
hydrogen bond of its other oxygen to nitrogen 3 of 
cytidine (0.29 nm) or uridine (0.27 nm).848 While 
the carboxy group is pivoting, the hydron within 

this stationary hydrogen bond that acts as the pivot 
moves from the oxygen to nitrogen 3 as the other 
oxygen of the carboxy group removes the hydron 
from the hydroxide group; and in reverse, the hydron 
within the hydrogen bond moves from nitrogen 3 to 
the oxygen as the other oxygen of the carboxy group 
adds the hydron to the oxygen of the oxyanion in 
the tetrahedral intermediate. 
 The crystallographic molecular model of 
phosphopyruvate hydratase (Equation 4-128) from 
S. cerevisiae and an equilibrium mixture (Figure 3-35) 
of its three substrates—phosphoenolpyruvate, water, 
and 2-phospho-∂-glycerate—unambiguously iden-
tifies the amino group of Lysine 345 (0.32 nm) as the 
catalytic base responsible for removing the hydron 
from carbon 2 of 2-phospho-∂-glycerate during the 
anti elimination and the catalytic acid responsible 
for adding a hydron to carbon 2 during the anti 
addition (Figure 4-43).544,849-851 Oxygens from the 
carboxy groups of Glutamate 168 (0.24 nm) and 
Glutamate 211 (0.26 nm) form hydrogen bonds to 
the 3-hydroxy group. One of the glutamates is the 
catalytic acid responsible for hydronating the leav-
ing hydroxy group during the anti elimination and 
the catalytic base responsible for removing a hy-
dron from a molecule of water during the anti addi-
tion. 
 In most instances, however, the equilibrium 
within an active site favors the set of substrates on 
one side of the equation over the set on the other 
side when together they occupy the active site. For 
example, in the case of nicotinate-nucleotide—
dimethylbenzimidazole phosphoribosyltransferase 
from S. typhimurium (Figure 3-31), in a complex 
with its substrates at equilibrium within the active 
site, nicotinate and a-ribazole 5A-phosphate are the 
favored pair. In this case, Glutamate 317 can be 
assigned the role of hydronating nitrogen 3 of the 
benzimidazolyl group (0.26 nm) in a-ribazole 5A-phos-
phate to improve its ability as a leaving group. The 
crystallographic molecular model of the complex 
between triose-phosphate isomerase (Equations 4-46 
and 4-55) from S. cerevisiae and glycerone phosphate 
and ∂-glyceraldehyde 3-phosphate (Figure 3-37) 
identifies unambiguously one of the two oxygens of 
the carboxy group of Glutamate 164 as the catalytic 
base that transfers the hydron between the two 
carbons. Even though the equilibrium in the active 
site favors glycerone phosphate,852 the oxygen is 
equidistant from the two carbons (0.3 and 0.3 nm) 
in the complex. 
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Figure 4-43: Stereodrawing134 of the crystallographic molecular 
model of the active site of phosphopyruvate hydratase from 
S. cerevisiae occupied by an equilibrium mixture of 2-phospho-
∂-glycerate and phosphoenolpyruvate and H2O.544 Black atoms 
are carbons, white atoms are oxygens, small gray atoms are 
nitrogens, the large dark gray atom is a phosphorus, and the 
two small dark gray spheres are magnesium ions surrounded by 
their ligands. Crystals of the enzyme were grown from solutions 
of phosphopyruvate hydratase (0.3 mM in active sites), 2 mM 
phosphoenolpyruvate, 2 mM MgCl2, 15% PEG 8000, 0.25 M 
KCl, and 50 mM potassium 3-[4-(2-hydroxyethyl)piperazin-
1-yl]propane-1-sulfonate at pH 8.0. The omit maps of electron 

density from these crystals were consistent with the conclusion 
that an equilibrium mixture of phosphoenolpyruvate and H2O 
and 2-phospho-∂-glycerate occupies the active sites in the 
crystals (Figure 3-35).851 For simplicity, however, only a mole-
cule of 2-phospho-∂-glycerate is drawn (black bonds). The two 
catalytic Mg2+ in the active site, their eleven ligands, and the 
catalytic acid–bases participating in the reaction were also 
chosen for inclusion in the drawing, as well as the donors for 
hydrogen bonds forming the cup for the phospho group of the 
substrates. This cup anchors the substrates in the active site by 
their respective phospho groups as they are interconverted at 
equilibrium. 
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 Chondroitin AC lyase from Paenarthrobacter 
aurescens catalyzes a syn elimination to cleave the 
polymer chondroitin sulfate between one of its 
N-acetylgalactosamine 4-sulfates and one of its 
glucuronic acids 

                (4-358) 

In a crystallographic molecular model of a complex 
between a tetrasaccharide of chondroitin sulfate 
and the enzyme (Figure 4-44),853 the equilibrium in 
the active site favors uncleaved reactant, and no 
electron density is observed for the two separate di-
saccharides that would be products of the elimina-
tion occupying the active site simultaneously. The 
distance (0.29 nm) between the oxygen of the 
4-oxidophenyl group of Tyrosine 242 and carbon 5 
of the glucuronic acid, from which the hydron is 
removed during the elimination, is well within the 
sum (0.38 nm) of the van der Waals radii of oxygen 
(0.15 nm) and hydrogen (0.115 nm) and the length 
of a carbon–hydrogen bond (0.11 nm). The plane of 
its phenyl ring is oriented such that the lone pair of 
electrons on the oxygen of its 4-oxidophenyl group, 
which is in the same plane as the ring, points directly 
at the carbon–hydrogen bond. The oxygen of the 
4-oxidophenyl group of Tyrosine 242 is also only 
0.31 nm from the oxygen of the leaving group on 
carbon 1 of N-acetylgalactosamine 4-sulfate. Con-
sequently, during the elimination, the hydron is 
removed from carbon 5 of glucuronic acid by the 
oxygen of the 4-oxidophenyl group of Tyrosine 242 
to produce the gem-enediolate at the 6-carboxy 
group of glucuronic acid, which is hydronated on 
one of its two enolate oxygens by Histidine 233 during 
removal of the hydron. The 4-hydroxyphenyl group 
then rotates around the bond between carbons b 
and g of Tyrosine 242 to swing over and hydronate 
the leaving oxygen on carbon 1 of N-acetylgalactos-
amine 4-sulfate. 
 
 

 Chalcone isomerase from M. sativa catalyzes 
nucleophilic addition of a weakly basic (pKa < 8.4) 
phenolate oxygen to an a,b-unsaturated carbonyl 

                (4-359) 

presumably by the usual b addition with an enol as 
an intermediate. In the crystallographic molecular 
model of the complex between substrates and the 
active enzyme, the equilibrium within the active 
site favors the cyclized adduct.854 The electron-
releasing 4-hydroxyphenyl group on the b carbon 
of the a,b-unsaturated carbonyl (upper right-hand 
corner in the respective drawings in Equation 4-359) is 
rotated by the active site out of conjugation with 
the a,b-unsaturated carbonyl to prevent the decrease 
of its electrophilicity by electron donation. The 
carbonyl oxygen accepts a hydrogen bond from a 
molecule of water that is a participant in a com-
pound acid formed from a network of hydrogen 
bonds consisting of that molecule of water, another 
molecule of water, two oxygens of the 4-oxidophenyl 
groups from Tyrosines 106 and 152, and the ammonio 
group of Lysine 97. Together these participants in 
the compound acid hydronate the carbonyl oxygen, 
forming the enol during addition of the nucleo-
philic phenolate oxygen. The hydrogen bond is 
between the hydron on the immediately adjacent 
molecule of water in the compound acid and the 
p system of the carbonyl oxygen, rather than either 
of its two lone pairs, and the effect of this hydrogen 
bond is to increase the electrophilicity of the b carbon 
in the a,b-unsaturated carbonyl to encourage addition 
of the weak nucleophile. 
 It is also possible to create an equilibrium 
between an intermediate in the reaction and a 
substrate that represents one step in a multistep 
reaction. The nucleophilic addition catalyzed by 
hydroxymethylglutaryl-CoA synthase 
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Figure 4-44: Stereodrawing134 of the crystallographic molecular 
model of the active site of chondroitin AC lyase from P. aurescens 
occupied by the tetrasaccharide 4-deoxy-a-¬-threo-hex-4-enuro-
nosyl-(b1,3)-N-acetyl-2-deoxy-2-amino-4-sulfato-∂-galactosyl-
(b1,4)-∂-glucuronosyl-(b1,3)-N-acetyl-2-deoxy-2-amino-4-sulfato-
∂-galactose (black bonds).853 Black atoms are carbons, white 
atoms are oxygens, small gray atoms are nitrogens, and large 
light gray atoms are the sulfurs of the two sulfates. Crystals of 
the enzyme were suspended in a solution containing 5 mM tetra-
saccacharide for 30 s and then rapidly frozen to around 100 K. 
The omit maps of electron density from the resulting crystals 
were consistent with the presence of intact molecules of tetra-
saccharide in the active sites in the crystals. If the soaking was 
prolonged, only the disaccharide 4-deoxy-a-¬-threo-hex-
4-enuronosyl-(b1,3)-N-acetyl-2-deoxy-2-amino-4-sulfato-∂-galac-
tose, which is one of the products of hydrolysis, was present in 

the active site in the same location its glycosyl groups occupy 
in the complex with the intact reactant. Consequently, it was 
concluded that the enzyme was active in the crystal and that 
the tetrasaccharide in the active site was the favored substrate 
in the equilibrium catalyzed by the enzyme. The catalytic acid–
bases participating in the reaction, Tyrosine 242 and Histidine 
233, and donors and acceptors for hydrogen bonds to the 
tetrasaccharide were chosen for inclusion in the drawing, as 
well as the indolyl groups of two tryptophans the hydrophobic 
faces of which stack against the hydrophobic faces of two of 
the glycosyl groups in the tetrasaccharide. The 4-oxidophenyl 
group of Tyrosine 242 is responsible for removing a hydron 
from carbon, and it is connected to the carbon that it services 
by thinner dashed line to indicate that it may or may not par-
ticipate in a hydrogen bond with this carbon. 
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                (4-360) 

displays ping-pong kinetics855 and proceeds through 
two separate steps. In the first step, acetyl-SCoA 
acetylates the sulfanyl group of a cysteine in the active 
site.856,857 In the second step, the enolate of the 
acetylated cysteine adds to the 3-oxo group of 
acetoacetyl-SCoA, and the resulting thioester of 
cysteine is hydrolyzed. In the crystal of the complex 
between acetoacetyl-SCoA and hydroxymethyl-
glutaryl-CoA synthase from S. aureus (Equation 4-361) 
that had been acetylated on Cysteine 111, the equilib-
rium between acetyl enzyme and acetoacetyl-SCoA 
and unacetylated enzyme and (S)-3-hydroxy-
3-methylglutaryl-SCoA is established with about 
equal concentrations of reactants and products.858 
In the crystallographic molecular model, it can be 
seen that the carboxylato group of Glutamate 79 
(0.30 nm) is the base that removes the hydron from 
the acetyl group on Cysteine 111, and the imidazolio 
group of Histidine 233 (0.31 nm) is the acid that 
hydronates the 3-oxo group of acetoacetyl-SCoA 

      
                 (4-361) 

during nucleophilic addition of the enolate to the 
carbonyl. 

 The only structures in which the catalytic acid–
bases are revealed unambiguously are the transi-
tion states themselves, but these, by definition, are 
inaccessible to crystallography. By the Hammond 
postulate,859 however, crystallographic molecular 
models of complexes between analogues for inter-
mediates of high energy and active sites are close 
representations of transition states. For example, 
the crystallographic molecular model (Figure 3-42) 
of the complex between thermolysin from Bacillus 
thermoproteolyticus and phosphonamidate 

 

which mimics the tetrahedral intermediate in the 
enzymatic reaction, clearly identifies the composite 
catalytic base formed from the side chains of Histi-
dine 231 and Aspartate 226 as the catalytic base 
(0.32 nm) that removes the hydron from the mole-
cule of water that is bound to Zn2+ and that adds 
nucleophilically to the acyl carbon of the peptide 
bond hydrolyzed by the enzyme. The molecular 
model also identifies the carboxy group of Gluta-
mate 143 as the catalytic acid (0.34 nm) that performs 
the inescapable hydronation of the amino group 
that leaves the resulting tetrahedral intermediate in 
the hydrolysis. The crystallographic molecular model 
of the complex between the phosphatase encoded 
by the BT4131 gene of Bacteroides thetaiotaomicron 
and vanadate (Figure 3-43), which mimics the phos-
phorane that is the intermediate in the hydrolysis 
catalyzed by this enzyme, clearly identifies the carboxy 
group of Aspartate 10 as the catalytic base (0.27 nm) 
that removes the hydron from the nucleophilic 
molecule of water or the catalytic acid that adds a 
hydron to the leaving group in reverse. 
 Fumarylacetoacetase catalyzes a Claisen con-
densation 

acetyl-SCoA + acetoacetyl-SCoA + H2O 1 H+ +

   HSCoA + (S )-3-hydroxy-3-methylglutaryl-SCoA  
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                (4-362) 

 that passes through a tetrahedral intermediate 
(4-119) 

 

This tetrahedral intermediate is mimicked by 
4-(hydroxymethylphosphinoyl)-3-oxobutanoate 
(4-120). In the crystallographic molecular model of 
the murine enzyme in a complex with phosphinate 
4-120,860 the distance (0.42 nm) between the nitrogen 
of the amino group of Lysine 253 and methylene 
carbon 4 of the analogue of the intermediate is 
close to the sum (0.39 nm) of the van der Waals radii 
of nitrogen (0.16 nm) and hydrogen (0.115 nm) and 
the length of a carbon–hydrogen bond (0.11 nm). 
This amino group has been assigned as the catalytic 
base that removes the hydron from the methyl 
group of acetoacetate (Equation 4-362)861 to form 
its enolate, the oxyanion of which is a ligand to a 
Ca2+. The hole for the other oxyanion in the enzymatic 
reaction, that of intermediate 4-119, is formed by 
the ammonio group of Lysine 253, the guanidinio 
group of Arginine 237, and the amido group of Glu-
tamine 240. The hydroxy group that is analogous to 
the leaving group from intermediate 4-119 during 
the final step of the Claisen condensation forms a 
hydrogen bond with the imidazolyl group of Histi-
dine 133 (0.27 nm) in the complex with the analogue 
of the intermediate and has been assigned as the 
catalytic acid that is responsible for its hydronation 
to enhance its ability to leave as a molecule of water  

 There is a crystallographic molecular model (Fig-
ure 4-45)862 of the complex between (R)-1-(2-amino-
phenoxy)glycerol 3-phosphate (4-121) 

 

and the active site for indole-3-glycerol-phosphate 
lyase within tryptophan synthase from S. typhimur-
ium, which condenses indole and ∂-glyceraldehyde 
3-phosphate (previously Equation 3-524) 

     (4-363) 

Hemiacetal 4-121 is an analogue of intermediate 
4-122 in addition of the enamine in the pyrrolyl 
group of the indole to the carbonyl group of 
∂-glyceraldehyde 3-phosphate catalyzed by the 
enzyme. In this molecular model, Glutamic Acid 49 
is identified as the catalytic acid that hydronates 
the carbonyl oxygen of glyceraldehyde 3-phosphate 
to increase its electrophilicity and also the catalytic 
base, after the hydronation, that accepts the hydron 
that is removed from the indolyl group to restore 
the aromaticity. The molecular model also identifies 
Aspartate 60 as the catalytic base that stabilizes the 
cationic iminium nitrogen in the intermediate 
formed after addition of the enamine, perhaps by 
fleetingly dehydronating it. In the crystallographic 
molecular model of the complex between the enzyme  
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Figure 4-45: Stereodrawing134 of the crystallographic molecular 
model of catalytic acid–bases in the active site of tryptophan 
synthase from S. typhimurium occupied by the hemiacetal 
(R)-1-(2-aminophenoxy)glycerol 3-phosphate.862 Black atoms 
are carbons, white atoms are oxygens, small gray atoms are nitro-
gens, and the large dark gray atom is a phosphorus. Crystals of 
the enzyme and crystals of solid 2-aminophenol to achieve 
saturation were suspended in a solution containing 70 mM 
∂-glyceraldehyde 3-phosphate, 20% (w/v) PEG 8000, 20% (v/v) 
glycerol, and 75 mM 2-[bis(2-hydroxyethyl)amino]acetate at 

pH 7.8 for 20 min and then rapidly frozen. The omit maps of 
electron density from the resulting crystals were consistent 
with molecules of (R)-1-(2-aminophenoxy)glycerol 3-phosphate 
(black bonds), the hemiacetal of ∂-glyceraldehyde 3-phosphate 
and 2-aminophenol, occupying the active sites of the enzyme 
in the crystals. Only the catalytic acid–bases participating in 
the reaction, Glutamate 49 and Aspartate 60, as well as Threo-
nine 183, which positions the carboxy group of Aspartate 60, 
were chosen for inclusion in the drawing.  
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and 3-(indol-3-yl)propanol phosphate, an analogue 
of the substrate 1-C-(indol-3-yl)glycerol 3-phosphate 
(product in Equation 4-363) rather than the inter-
mediate, Aspartate 60 forms a hydrogen bond 
(0.28 nm) with nitrogen 1 of the indolyl group863 that is 
to become the iminium nitrogen during hydronation 
at carbon 3 of the indolyl group, which is the first 
step in the reverse reaction. 
 In aqueous solutions, oxovanadium(IV) usually 
forms octahedral complexes with its oxo group and 
five oxygens from its other ligands at the six octa-
hedral positions, but complexes in which only five 
oxygens surround the vanadium(IV) have also been 
observed. A complex between uridine and oxo-
vanadium(IV) was found to inhibit bovine ribonu-
clease competitively (Ki = 10 mM).864 Ribonuclease, 
as the second half of its complete mechanism, cata-
lyzes the hydrolysis of nucleoside 2A,3A-cyclic phos-
phates (Equation 4-104). During that reaction, 
phosphorane 4-123 should be formed in which the 
leaving group, the oxygen of the hydroxy group on 
carbon 2A, should be at an apical position in a trig-
onal bipyramid 

 

As originally proposed,864 it was seen in the subse-
quent crystallographic molecular model that the 
strong inhibition observed with the complex between 
oxovanadium(IV) and uridine results from binding 
to the active site of the pentacoordinate complex 
4-124 between uridine, vanadate, and water (Fig-
ure 4-46)152,865 that mimics the phosphorane.* 
 This crystallographic molecular model between 
bovine ribonuclease and uridine 2A,3A-cyclic vanadate 
identifies Lysine 41 as the catalytic base responsible 
for that removes the hydron from the 2A-hydroxy 
group during the first half of the cleavage of a mole-
cule of RNA 

																																																								
*The van der Waals radius of vanadium (0.179 nm) is the same 
as that of phosphorus (0.180 nm). 

    (4-364) 

that produces the 2A,3A-cyclic phosphate; and it also 
identifies Lysine 41 as the catalytic acid that hydro-
nates the leaving 2A-oxygen during the subsequent 
hydrolysis of the 2A,3A-cyclic phosphate (Equa-
tion 4-104) that constitutes the second half of the 
complete reaction. In addition, this molecular model 
identifies Histidine 119 as the catalytic acid that 
hydronates the leaving 5A-hydroxy group during the 
initial cleavage of a molecule of RNA (Equation 4-364) 
and also the catalytic base that removes the hydron 
from a molecule of water during hydrolysis of the 
resulting 2A,3A-cyclic phosphate. These assignments 
follow from the fact that these two oxygens at the 
axial positions in the vanadyl complex are acceptors 
in hydrogen bonds with the side chains of these two 
amino acids. The role of Histidine 12 is to stabilize 
the phosphorane by forming a hydrogen bond with 
one of the axial oxygens. 
 Crystallographic molecular models of inert 
complexes between one reactant and one product, 
in which a group normally transferred between 
two reactants is missing, also identify acid–bases 
catalyzing the reaction. For example, in the complex 
between guanidinoacetate N-methyltransferase from 
R. norvegicus and S-adenosyl-¬-homocysteine and 
guanidinoacetate (Figure 3-34), which is missing 
the methyl group that is transferred in the normal 
reaction between these two substrates, it can be 
seen that a carboxylato oxygen of Aspartate 134 is 
the catalytic base (0.30 nm) responsible for removing 
a hydron from the guanidino nitrogen of guanidino-
acetate to turn it into a nucleophile. In the com-
plex between human 2,4-dienoyl-CoA reductase 
[(3E)-enoyl-CoA-producing] and NADP+ and hexa-
2,4-dienoyl-SCoA, the hydride transferred between 
NADPH and hexa-2,4-dienoyl-SCoA in the normal 
reaction is missing. The crystallographic molecular 
model866 identifies Tyrosine 199 as the catalytic acid 
(0.25 nm) that hydronates the acyl oxygen to increase  
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Figure 4-46: Stereodrawing134 of the crystallographic molecular 
model of catalytic acid–bases in the active site of bovine pancreatic 
ribonuclease occupied by uridine 2A,3A-cyclic vanadate, an ana-
logue of the phosphorane that is an intermediate in the reac-
tion.865 Black atoms are carbons, white atoms are oxygens, 
small gray atoms are nitrogens, and the dark gray sphere is a 
vanadium ion surrounded by its ligands. Crystals of bovine 
pancreatic ribonuclease were produced in 43% (v/v) 2-methyl-
2-propanol at pH 5.3; transferred to a solution of 15 mM ammo-

nium uridyl vanadate, 60 mM NH4VO3, 50% (v/v) 2-methyl-
2-propanol, and 25 mM imidazole at pH 6.2; and soaked for 10 
days. Omit maps of electron density from the resulting crystals 
were consistent with the presence of a molecule of uridine 
2A,3A-cyclic vanadate (4-124, solid bonds) in each active site in 
the crystals. Only the key catalytic acid–bases participating in 
the reaction—Histidine 12, Histidine 119, and Lysine 41—were 
chosen for inclusion in the drawing.  
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Figure 4-47: Steps in the mechanism for the reaction catalyzed 
by pyridoxine 5A-phosphate synthase.867 The reactants for the 
direction shown are 1-deoxy-∂-xylulose 5-phosphate (upper 
right in first panel) and 3-amino-2-oxopropyl phosphate (lower 
left in first panel). (i) Nucleophilic addition of the amino group 
to the 2-oxo group of 1-deoxy-∂-xylulose 5-phosphate produces 
the iminium. (ii) Dehydration produces the a,b-unsaturated 
iminium, the enol in which then undergoes (iii) b elimination 
of phosphate to produce the a,b-unsaturated ketone. (iv) Addition  
 
 
 
the electrophilicity of carbon 5 of hexa-2,4-dien-
oyl-SCoA for the hydride from NADPH 

 

 For enzymes with two reactants, the crystallo-
graphic molecular model of an inert complex between 
the enzyme and one reactant and an analogue of 
the other can identify catalytic acid–bases operating 
on the actual reactant and can tentatively identify 
those acting on groups in common between the 
other reactant that has been substituted by the 
analogue. For example, pyridoxine 5A-phosphate 
synthase catalyzes a reaction 

  
                (4-365) 

 

 
of hydroxide, which takes the place of the phosphate that left, 
to the distal carbon of the a,b-unsaturated ketone produces 
the enolate, the anionic carbon of which adds to the ketone 
across the way to cyclize the intermediate and produce the six-
membered ring. (v) Dehydration then produces the second un-
saturation in the ring, followed by (vi) tautomerization of the 
newly formed a,b-unsaturated ketone by removal of its 
g  hydron to aromatize the ring and produce pyridoxine 
5A-phosphate. 
 
 
 
that proceeds through five intermediates (Fig-
ure 4-47).867 Each step between one intermediate 
and the next requires both a catalytic base and a 
catalytic acid. In the crystallographic molecular 
model of an inert complex between the enzyme 
from E. coli and 1-deoxy-∂-xylulose 5-phosphate 
and ∂-glycerol phosphate [(R)-2,3-dihydroxypropyl 
phosphate], which is an analogue of the normal 
substrate 3-amino-2-oxopropyl phosphate, the 
catalytic acids and bases for the first steps in the 
mechanism line up along 1-deoxy-∂-xylulose (Fig-
ure 4-48A). In the crystallographic molecular model 
of an enzymatically active complex between the 
enzyme and pyridoxine 5A-phosphate, phosphate, 
and water, which are the substrates favored by the 
equilibrium in the active site, the catalytic acids 
and bases for the last steps in the mechanism line 
up around pyridoxine 5A-phosphate and phosphate 
(Figure 4-48B).868 These two models together assign 
the catalytic acids and bases responsible for all six 
of the individual steps (Figure 4-47).  
 In the first crystallographic molecular model 
(Figure 4-48A), it can be seen that Glutamate 72 
consecutively removes the two hydrons from the 
3-ammonio group of 3-ammonio-2-oxopropyl 
phosphate, represented by the 3-hydroxy group of  
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Figure 4-48: Stereodrawings134 of crystallographic molecular 
models of the active site of pyridoxine 5A-phosphate synthase 
from E. coli occupied by (A) the substrate 1-deoxy-∂-xylulose 
5-phosphate (dX5P) and glyceraldehyde 3-phosphate (GAP), an 
analogue of the cosubstrate 3-amino-2-oxopropyl phosphate, 
or by (B) the substrate pyridoxine 5A-phosphate (pyr 5P) and its 
cosubstrate, phosphate (H2PO4-).868 Black atoms are carbons, 
white atoms are oxygens, small gray atoms are nitrogens, and 
the two large dark gray atoms are atoms of phosphorus. The 
enzyme was overexpressed in E. coli, purified, and crystallized 
from 10% poly(ethylene glycol) and 2 M NaCl at pH 8.0, and 
the crystals were then isolated and soaked in a solution of (A) 
2.5 mM 1-deoxy-∂-xylulose 5-phosphate and 2.5 mM glycer-

aldehyde 3-phosphate for 4 h or (B) 5 mM pyridoxine 5A-phos-
phate, 5 mM glyceraldehyde 3-phosphate, and H2PO4- for 1 h. 
The three substrates and the analogue in the resulting crystal-
lographic molecular models of Panels A and B are anchored 
firmly in the active sites by the respective phospho groups sitting 
in their cups of donors for hydrogen bonds. The catalytic acid–
bases are shown in the drawing forming hydrogen bonds to the 
heteroatoms that they service. Acid–bases responsible for remov-
ing hydrons from carbon are connected to the carbons that 
they service by thinner dashed lines (one in Panel A and two in 
Panel B) to indicate that they may or may not participate in 
hydrogen bonds with those carbons. 
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glycerol phosphate (0.24 nm)*, and transfers them 
consecutively to the 2-carbonyl oxygen of 1-deoxy-
∂-xylulose 5-phosphate (0.34 nm) that leaves as 
water in step i. Histidine 193 removes the hydron 
from former carbon 3 of 1-deoxy-∂-xylulose 5-phos-
phate (0.37 nm), and Histidine 45 hydronates the 
former 4-hydroxy group (0.26 nm) that leaves as 
water in step ii. Glutamate 72 removes the hydron 
from the former 3-hydroxy group (0.29 nm) of 
1-deoxy-∂-xylulose 5-phosphate in step iii, and 
Glutamate 72 then hydronates the former carbonyl 
group of 3-amino-2-oxopropyl phosphate, repre-
sented by the 2-hydroxy group (0.34 nm) of the 
glycerol phosphate, in step iv. 
 In the second crystallographic molecular model 
(Figure 4-48B), it can be seen that Histidine 45 
hydronates the oxygen of the phosphate (0.31 nm) 
that leaves in step iii and that the composite base 
formed from Histidine 45 and the oxygen of that 
phosphate removes the hydron from the molecule 
of water that becomes the eventual 4A-hydroxy 
group (0.29 nm) of pyridoxine 5A-phosphate in 
step iv. Glutamate 72 then adds a hydron, perhaps 
shuttled from Glutamate 153, to the hydroxy group 
that leaves as water, and Histidine 193 removes the 
hydron from carbon (0.41 nm) in step v. A hydron is 
then relayed from Histidine 45 through the oxygen 
(0.31 nm) of the phosphate and the 4A-hydroxy 
group (0.29 nm) of pyridoxine 5A-phosphate to the 
carbonyl that becomes the 3-hydroxy group (0.25 nm) 
of pyridoxine 5A-phosphate, and Glutamate 72 
removes the hydron from carbon 6 (0.37 nm) of the 
soon-to-become pyridoxine 5A-phosphate in step vi. 
 Analogue 4-126 of 5-phospho-a-∂-ribofuranose 
1-diphosphate (4-127)869,870 

 

																																																								
*The numbers in parentheses are the distances in the relevant 
crystallographic molecular model, either that in Panel A or that 
in Panel B, between the two atoms between which a hydron is 
transferred during the steps in the enzymatic reaction. 

because it lacks the oxygen that stabilizes the transi-
tion state resembling an oxocarbenium ion in the 
enzymatic reaction, is not a substrate for xanthine 
phosphoribosyltransferase 

                (4-366) 

from E. coli (see Equations 3-251 and 3-398). 
 From an examination of the crystallographic 
molecular model870 of a complex of the enzyme 
with analogue 4-126 and guanine, which is also a 
substrate for the enzyme, one oxygen of the carboxy 
group of Aspartate 92 can be assigned as the cata-
lytic acid (0.26 nm) that hydronates nitrogen 7 of 
xanthine or guanine to stabilize the tautomer with 
a hydron on nitrogen 7 rather than nitrogen 9. The 
only catalytic base in the vicinity of nitrogen 9 that 
could remove a hydron from it and in turn stabilize the 
same tautomer, which lacks a hydron on nitrogen 9 
as required by the reaction (4-127), is the oxygen 
(0.39 nm away) on the a-phospho group of the 
magnesium diphosphate of analogue 4-126. The 
hydron or the lone pair of electrons on nitrogen 9 
in the molecular model is pointed straight at this 
oxygen. Neither of the nonbonding oxygens on the 
a-phospho group is a ligand to the Mg2+. Neverthe-
less, the a-phospho group on the usual substrate, 
5-phospho-a-∂-ribofuranose 1-diphosphate, should 
be a rather weak base (pKa @ 2), but once nitrogen 7 
is hydronated, the hydron on nitrogen 9 should be 
a fairly strong acid (pKa @ 4), and when analogue 
4-126 is bound in the active site, the a-phospho 
group is exposed over most of its surface to the 
aqueous phase, which would serve as a sink to which 
it could transfer the hydron. As the reaction pro-
ceeds, the carboxylato group of Aspartate 92 acts as 
a catalytic base that removes the hydron from ni-
trogen 7 and increases the nucleophilicity of the lone 
pair of electrons on nitrogen 9. Nitrogen 7 of guanine 
is homologous to nitrogen 3 of 5,6-dimethylbenz-
imidazole in the reaction catalyzed by nicotinate-
nucleotide—dimethylbenzimidazole phosphoribosyl-
transferase (Figure 3-31) from which a carboxylato 
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Figure 4-49: Steps in the mechanism for the reaction catalyzed 
by urocanate hydratase.871 The reactants for the direction 
shown are urocanate and water, and the enzyme has a tightly 
bound NAD+ as a prosthetic group in its active site. Nucleo-
philic addition of carbon 4 in the electron-rich imidazolyl 
group in urocanate to the electrophilic carbon 4 of NAD+ initi-
ates the reaction. In the resulting adduct, the aromaticity of the 
imidazolyl group is broken so that it has become two imines 
linked head to tail. The next step is a tautomerization to produce 
the exocyclic enamine of one of these imines. A molecule of water 

then adds nucleophilically to the imino carbon of the other 
imine to produce a hemiaminal next to a now-neutral enamine. 
The enamine is hydronated on its carbanionic carbon to produce 
the corresponding iminium. The parallel p system of this iminium 
withdraws electrons from the bond to the nicotinamide, and it 
breaks heterolytically to regenerate NAD+ and the enol of the 
product, 3-(5-oxo-4,5-dihydro-3H-imidazol-4-yl)propanoate. 
Every hydron transfer is catalyzed by the carboxy group of 
Aspartate 443 in the enzyme from P. putida (Figure 4-50). 
 

 
group removes a hydron to increase the nucleo-
philicity of the other nitrogen in the imidazolyl 
group. 
 Crystallographic molecular models of complexes 
between inactive mutants and the usual substrates 
can identify catalytic acids and bases. The crystal-
lographic molecular model of the complex between 
an inactive mutant of phosphoserine phosphatase 
from Methanocaldococcus jannaschii, and the usual 
reactant O-phospho-¬-serine (Figure 3-56) identifies 
Aspartate 13 as the catalytic acid that hydronates 
the b-oxygen of the ¬-seryl group to ensure its ability 
to leave from phosphorus. In the normal reaction 
catalyzed by the enzyme, the phospho group is 
transferred to the carboxy group of Aspartate 11, 
which has been changed to asparagine in the mutant, 
causing it to be inactive. 
 A less drastic change results from the mutation 
of Arginine 455 in the active site of urocanate hydra-
tase (previously Equation 1-84) 

  
               (4-367) 

from P. putida. The guanidinio group of Argi-
nine 455 is not a catalytic acid–base. Rather, in the 
unmutated active site of this enzyme, it sterically 
pushes on carbon 2 of the nicotinamide ring in the 
prosthetic nicotinamide adenine dinucleotide that 
is within the active site. When the guanidinio group is 
removed by mutation, the nicotinamide ring relaxes 
and tilts away from its proper position for its electro-
philic addition to the urocanate (Figure 4-49),871 
and the mutant is catalytically inactive. Crystallo-
graphic molecular models of the unliganded native 
enzyme and of the mutant enzyme with its active 
site occupied by urocanate were prepared. In a hybrid 
molecular model (Figure 4-50)872 of the active site  
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Figure 4-50: Stereodrawing134 of the crystallographic molecular 
model of the active site of urocanate hydratase from P. putida 
occupied by the substrate urocanate.872 Black atoms are carbons, 
white atoms are oxygens, and small gray atoms are nitrogens. 
Genes for both the native enzyme and an enzymatically inactive 
mutant in which Arginine 455 had been changed to alanine 
were overexpressed in E. coli. The two enzymes were purified 
and crystallized from 12% (w/v) poly(ethylene glycol) 8000, 
90 mM sodium acetate, and 50 mM sodium cacodylate at 
pH 5.8. Crystals of the mutant were soaked in a solution of 
10 mM urocanate. In the molecular model of the active site of 
the native enzyme, Arginine 455 was seen to be sterically tilting 
the ring of NAD+, a tightly bound prosthetic group in the active 
site of the enzyme, into a conformation believed to be required 
for activity. In the active site of the molecular model of the mutant 
enzyme soaked in the solution of urocanate, electron density 
for urocanate could be observed in the active site. The drawing 
was made by combining urocanate, three molecules of water, 
and the side chains of Tyrosine 52, Threonine 133, Arginine 362, 

and Aspartate 443 from the molecular model of the active site 
of the mutant enzyme with NAD+, a molecule of water, and the 
side chain of Arginine 455 from the molecular model of the native 
unoccupied enzyme. Consequently, the tilt produced by the 
arginine, which does not occur in the mutant, is depicted in 
the drawing. The most active acid–base catalyzing the reaction 
(Figure 4-49) is the carboxy group of Aspartate 443, which adds 
and removes hydrons from the three carbons connected to it 
in the drawing by thin dashed lines. The carboxy group swings 
between the two upper carbon atoms and to the molecule of 
water that is a substrate in the reaction by rotating around the 
a,b bond and swings up to the lower carbon by rotating around 
the b,g bond. Tyrosine 52 ensures that nitrogen 3 of the imid-
azolyl group remains hydronated during the reaction, and 
Arginine 455 ensures that nitrogen 1 remains unhydronated. 
The four molecules of water clustered at the top right are con-
nected directly to the solution and represent the source of the 
water that is a substrate in the reaction. 
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constructed from the model of the mutant protein 
occupied by urocanate and the model of the native 
enzyme, it can be seen that the carboxy group of 
Aspartate 443 is positioned to perform by itself all 
four of the hydron transfers required by the mech-
anism of the enzyme (Figure 4-49). It was known from 
stereochemical experiments that hydrons from the 
solution assumed the pro-R positions on carbons 2 
and 3 of the product 3-(5-oxo-4,5-dihydro-3H-imid-
azol-4-yl)propanoate.873 The stereochemical observa-
tions agree with the location of the carboxy group 
of Aspartate 443 in the model and serve to confirm 
its identity as the catalytic acid–base. 
 When Tyrosine 146 in fructose-bisphosphate 
aldolase from Thermoproteus tenax is mutated to 
phenylalanine, the enzyme is inactivated. In the 
normal reaction catalyzed by the enzyme (Figure 
4-36), Lysine 177 forms an imine with the carbonyl 
carbon of fructose 1,6-bisphosphate in a nucleo-
philic substitution. In a crystallographic molecular 
model of the complex between the inactive enzyme 
and fructose 1,6-bisphosphate,874 the enzymatic 
reaction is stalled at the zwitterion of the hemiami-
nal between the carbonyl of fructose 1,6-bisphos-
phate and the amino group of Lysine 177 in the active 
site (see Figure 1-7). The enzymatic reaction stalls 
at the zwitterion of the hemiaminal because Tyro-
sine 146, which has been mutated, is normally respon-
sible for hydronating the oxygen of the hemiaminal 
and then shuttling a hydron from the ammonio 
group of Lysine 177 to the same oxygen so that it 
can leave as water to produce the iminium* 

  
                (4-368) 

The fact that the enzymatic reaction stalls at this 
step is another example of the impossibility of 

																																																								
*Carbon 4 of the phenylalanine is equidistant (0.42 nm) from 
the oxygen and the nitrogen of the hemiaminal and oriented so 
that, if it had a hydroxy group, as it does in Tyrosine 146, that 
hydroxy group would sit between the oxygen and the nitrogen 
of the hemiaminal within the length of a hydrogen bond to 
each. 

transferring a hydron intramolecularly between two 
heteroatoms that are attached to the same carbon. 
 For enzymes with only one reactant and one 
product, other than water, crystallographic molecu-
lar models of complexes between the enzyme and 
an inactive analogue of the sole reactant or product 
can identify catalytic acid–bases. For example, the 
complex between creatinase from P. putida and 
carbamoyl sarcosine (4-128) 

 

an inactive analogue of creatine (4-129) identifies 
the imidazolyl group of Histidine 232 as the catalytic 
base that removes the hydron from a fixed molecule 
of water in the active site to promote its nucleophilic 
addition to the guanidinio carbon in the hydrolysis 
catalyzed by the enzyme 

      (4-369) 

and then as the catalytic acid that hydronates the 
nitrogen of the N-methylglycine that leaves from 
the tetrahedral intermediate.875 
 R-Mandelate (4-130) 

 

is an analogue of benzoylformate (4-131), which is 
decarboxylated to benzaldehyde by benzoylformate 
decarboxylase, an enzyme that uses thiamine diphos-
phate as a prosthetic group. The crystallographic 
molecular model of a complex between the enzyme 
from P. putida and R-mandelate identifies Histi-
dine 70 as the catalytic acid that hydronates the 
carbonyl group of benzoylformate (4-131) during 
nucleophilic addition of the ylide of thiamine diphos-
phate (previously Equation 2-49) 
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  (4-370) 

and Histidine 281 as the catalytic acid that hydro-
nates the eventual carbonyl carbon of the incipient 
benzaldehyde 

       
                (4-371) 

following the decarboxylation876 (see Equations 2-51 
and 2-54) 

                (4-372) 

When Histidine 70 is mutated to alanine, the rate 
constant k0 Km

-1 decreases by a factor of 18,000, 
and when Histidine 281 is mutated to alanine, it 
decreases by a factor of 800. 
 If an enzyme has two reactants, it is often possible 
to form a complex with just one of the two reactants. 
The crystallographic molecular model of such a 
complex, however, can be misleading because in 
many instances the active site is not fully assem-
bled, nor are the catalytic groups properly aligned, 
until the protein closes around both reactants. For 
example, when ribulose-bisphosphate carboxylase 
(Equation 4-353) from S. oleracea associates with 
∂-ribulose 1,5-bisphosphate and not with CO2,877 
the active site fails to close completely around the 
substrate as it does when it closes around 2-carboxy-
arabinitol,878 an analogue of the carboxylated enolate 
of ∂-ribulose 1,5-bisphosphate, the central inter-
mediate in the mechanism of the reaction. Conse-
quently, the identification of the N6-carboxy group 
of carboxylated Lysine 201, acting alone, as the 
base that removes the hydron from carbon 3 of 

∂-ribulose 1,5-bisphosphate (0.31 nm) to form the 
enolate in the first step in the reaction is equivocal. 
The proximate oxygen of the carboxy group on 
N6-carboxylysine, because the other oxygen is a ligand 
to a Mg2+, would be a weak base indeed (pKa < -2). 
One possible solution to this problem is that a 
composite base could form between the proximate 
oxygen of the carboxy group and the t nitrogen of 
Histidine 327 (0.36 nm) upon closure of the active 
site, and the oxygen of the carboxy group could relay 
the basicity of the imidazolio group. 
 In the active site719 of 2-dehydro-3-deoxyphos-
phogluconate aldolase from E. coli (Equation 4-324), 
when only pyruvate is present, the equilibrium for 
formation of the imine of pyruvate (Equation 4-325) 
lies in favor of the hemiaminal (see Figure 1-7), so 
the key question of which base removes the hydron 
from carbon 3 of the imine of pyruvate cannot be 
answered. 
 Such observations, however, need not be equiv-
ocal. In the crystallographic molecular model of the 
complex between chloramphenicol O-acetyltrans-
ferase 

    
                (4-373) 

from E. coli and chloramphenicol in the absence of 
acetyl-SCoA, the imidazolyl group of Histidine 195 
forms a hydrogen bond with the 3-hydroxy group 
of chloramphenicol to which the acetyl group is 
transferred. This hydrogen bond identifies Histi-
dine 195 as the catalytic base that removes the 
hydron from the hydroxy group to enhance its 
nucleophilicity during formation of the tetrahedral 
intermediate in the reaction.879 In the crystallo-
graphic molecular model of a complex between 
chloramphenicol O-acetyltransferase and coenzyme A 
in the absence of chloramphenicol 3-acetate, the 
same imidazolyl group forms a hydrogen bond with 
the sulfanyl group of the coenzyme A.880 Taken 
together, these two observations suggest that this 
imidazolyl group, because it can form a hydrogen 
bond with each substrate when it is present alone, is 
responsible for hydronating either the oxygen or 
the sulfur in the tetrahedral intermediate 
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to make one or the other the leaving group. In addi-
tion, the imidazolyl group of Histidine 195 removes 
either the hydron from the hydroxy group of chloram-
phenicol or the hydron from the sulfanyl group of 
coenzyme A to produce the respective nucleophile 
during the two forward and two reverse routes to 
formation of the tetrahedral intermediate. 
 In the crystallographic molecular model of the 
complex between glucose 1-dehydrogenase [NAD(P)+] 

  
                (4-374) 

from Thermoplasma acidophilum and an alternate 
substrate, ∂-mannose, in the absence of NAD+, 
Tyrosine 145 forms a hydrogen bond with the 
1-hydroxy group of ∂-mannose, which probably 
identifies it as the catalytic base that removes the 
hydron during the enzymatically catalyzed oxidation 
by NAD+ of ∂-mannose to ∂-mannono-1,5-lactone.881 
 There are acid–bases other than the side 
chains of amino acids in the polypeptide that accept 
and donate hydrons. The most common is a mole-
cule of water. That molecule of water can be fixed 
in the active site by several donors and acceptors 
for hydrogen bonds,581 or it may be an unfixed 
molecule of water in an exposed region of the active 
site, such as a wide opening to the solution882 or 
simply due to the fact that the active site is only a 
depression on the surface of the enzyme, fully ex-
posed on one side, as is the active site of xanthine 
phosphoribosyltransferase. As also in the case of 
xanthine phosphoribosyltransferase, a phospho group 
on a substrate (see Figure 3-44) or a phosphate that 
is itself a substrate (Figure 4-48B) can act as a cata-
lytic acid–base. The phospho group on the prosthetic 
pyridoxal 5A-phosphate in glycogen phosphorylase, 
which is neither a substrate nor a direct participant 
in any step in the reaction catalyzed by the enzyme, 
acts as a catalytic acid–base that transfers a hydron 
to and from an oxygen on the phosphate that is a 
substrate in the reaction.883 In this instance, a rather 

complicated prosthetic group is used by the active 
site only for its phospho group. 
 There are many temporary hydronations at 
steps in the enzymatic reaction. In the temporary 
nucleophilic addition of the sulfanyl group of Cys-
teine 81 to carbon 6 of cytosine 

                (4-375) 

in the methylation of carbon 5 of cytosines in DNA 
by S-adenosyl-¬-methionine catalyzed by DNA 
(cytosine-5-)-methyltransferase from Haemophilus 
parahaemolyticus, Glutamic Acid 119 transiently 
hydronates nitrogen 3 of the N-acylamidine in 
cytosine during nucleophilic addition of the sulfanyl 
group to carbon 6 to increase its electrophilicity, 
dehydronates nitrogen 3 during addition of the 
electrophilic methyl group from S-adenosyl-
¬-methionine to increase the nucleophilicity of the 
resulting gem-enediamine, and then rehydronates 
the nitrogen to acidify the hydron on carbon 5 fol-
lowing the methylation, and then dehydronates the 
nitrogen so that its p lone pair of electrons can push 
out the sulfanyl group during the final elimination.884 
 In crystallographic molecular models obtained 
from neutron diffraction of deuterated protein135,885,886 
or crystallography from the diffraction of X-rays at 
short Bragg spacing887,888 or a combination of the 
two,889,890 the deuterons or hydrons on catalytic acid–
bases in an active site can be observed directly. For 
example, in the imidazolyl-carboxy composite acid–
base in bovine trypsin (Equation 4-134), the deuteron 
in the hydrogen bond between the imidazolyl 
group and the carboxy group in the molecular 
model derived from a map of scattering density 
from neutron diffraction is on the imidazolyl group, 
even when it is the cationic imidazolium, rather than 
the carboxy group 
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as expected from the respective values of pKa.135 
The same is true of the imidazolyl-carboxy compo-
site base in a-lytic endopeptidase from Lysobacter 
enzymogenes891 and the one in xylose isomerase 
from Streptomyces rubiginosus.892 In the unoccupied 
active site of cysteine endopeptidase from severe 
acute respiratory syndrome coronavirus 2, within 
the hydrogen bond between the nucleophilic sulfido 
group of Cysteine 145 and the imidazolio group of 
Histidine 41, the map of scattering density from 
neutron diffraction clearly shows the deuteron on 
the nitrogen of the imidazolyl group.893 In the X-ray 
crystallographic molecular model (0.088 nm Bragg 
spacing) of the complex between b-lactamase 
CTX-M-9 from E. coli and a phosphate anion (Fig-
ure 4-51), an analogue of the tetrahedral interme-
diate in the enzymatic reaction, the hydron relayed 
by the hydroxy group of Serine 130 from the 
6-ammonio group of Lysine 234 to the atom in the 
analogue representing the leaving nitrogen sits on 
the serine in the hydrogen bond with that oxygen 
on the phosphate, again as expected from the respec-
tive values of pKa. All three hydrons on the ammonio 
group of Lysine 234 and the hydron on the hydroxy 
group of Serine 130 can be observed.894 
 Aspartic endopeptidases (pepsins) hydrolyze 
the amide of a peptide bond by catalyzing the nucleo-
philic substitution of a molecule of water for the 
amino group in the amide without a covalent inter-
mediate (Figure 1-10). In a crystallographic molecular 
model from neutron diffraction of a deuterated 
complex between the aspartic endopeptidase endo-
thiapepsin from Cryphonectria parasitica and an 
analogue of the tetrahedral intermediate, the deuter-
onation states of the carboxy groups on both catalytic 
aspartates, Aspartates 35 and 219, can be observed 
directly.890 Aspartate 219 is deuteronated in the 
complex and Aspartate 35 is not deuteronated (but 
is the carboxylate), and the complex is an analogue 
of the tetrahedral intermediate, not the Michaelis 
complex. For these reasons, Aspartate 219 can be 
assigned as the catalytic base that removes the 
hydron from the molecule of water that adds to the 
amido group to form the tetrahedral intermediate. 
Aspartate 35 must be either the catalytic acid that 

hydronates the oxyanion of the tetrahedral interme-
diate 

  
                (4-376) 

or the catalytic acid that deuteronates the homologous 
oxygen in the analogue of the tetrahedral interme-
diate but merely participates in an oxyanion hole for 
the actual intermediate in the enzymatic reaction. 
 The assignments of these roles, based on the 
locations of the deuterons in the crystallographic 
molecular model of endothiapepsin from neutron 
diffraction, are consistent with several other crystal-
lographic observations. The molecule of water that 
is shared by the two carboxy groups in the active 
site before the reactant associates and that adds 
nucleophilically to the amido group of the peptide 
bond can be observed in the crystallographic molecu-
lar model895 of unoccupied porcine pepsin (25% 
identity; 3.8 gap percent). This model identifies the 
location of that molecule of water in the Michaelis 
complex. In a crystallographic molecular model of 
a complex between HIV-1 retropepsin, encoded in 
the genome of human immunodeficiency virus, and 
an inert analogue of a peptide that is hydrolyzed by 
the enzyme, the carboxy group on the aspartate 
homologous to Aspartate 219 (Equation 4-376) is 
positioned to hydronate the leaving nitrogen.896 In 
a crystallographic molecular model of a complex 
between HIV-1 retropepsin897 and an actual tetra-
hedral intermediate, the aspartate homologous to 
Aspartate 219 forms a hydrogen bond with the amino 
group in the tetrahedral intermediate while retaining 
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Figure 4-51: Crystallographic molecular model of b-lactamase 
CTX-M-9 from E. coli superposed on the map of electron density.894 
A data set from crystals of the enzyme was collected to Bragg 
spacing of 0.088 nm and submitted to molecular replacement. 
The polypeptide was inserted into the initial map of electron 
density and submitted to refinement. In the end there were 
three data sets: the observed amplitudes, Fo; the best estimates 
of the phases following the refinement, ac; and the amplitudes 
calculated from the final refined molecular model, Fc. A data 
set 2Fo - Fc was created by subtracting the value for each calculat-
ed amplitude from twice the value for the respective observed 
amplitude, and a map of electron density was calculated from 
this data set and ac. The resulting map gave the features of 
electron density centered on each of the heavy atoms of the 
molecular model in the drawing and represents the electron 
density from each of these atoms. A data set Fo - Fc was created 
by subtracting the value for each calculated amplitude from 
the value for the respective observed amplitude, and a map of 
electron density was calculated from this data set and ac. The 
resulting map gave three small features of electron density 
arranged tetrahedrally around the 6-ammonio group of Ly-
sine 234 and a single small feature of electron density at one of 
the tetrahedral positions next to the oxygen of Serine 130. These 

four small features of electron density arise from the hydrons 
at these positions in the active site of b-lactamase CTX-M-9 but 
not in the refined crystallographic molecular model. They appear 
because they represent information about electron density 
within the crystal that is not represented in the molecular 
model. It can be seen that, within the composite acid–base 
formed from a molecule of water that is in equilibrium between 
two fixed positions, the 6-ammonio group of Lysine 234, and 
the hydroxy group of Serine 130, the hydron in the hydrogen 
bond between the ammonio group and the hydroxy group is 
located on the ammonio group. In the hydrogen bond between 
the 6-ammonio group and an acyl oxygen in the polypeptide 
backbone (upper right), the hydron, as expected, is on the 
6-ammonio group, and in the hydrogen bond to the peripatetic 
molecule of water, the hydron is also on the 6-ammonio group. 
There is a phosphate occupying the location (lower right) at 
which the lactam hydrolyzed by the enzyme would be located 
in the Michaelis complex, and in the hydrogen bond between 
one of its oxygens and the hydroxy group of Serine 130, the 
hydron is, as expected, on the hydroxy group. Reprinted with 
permission from reference 894. Copyright 2007 American 
Chemical Society. https://doi.org/10.1021/ja0712064 
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its hydrogen bond with the oxygen that was the 
molecule of water, a fact that demonstrates its ability 
to remove a hydron from the water and then add a 
hydron to the nitrogen (Equation 4-376). In a crystal-
lographic molecular model of a complex between 
HIV-1 retropepsin and the two products of the 
reaction,897 the aspartate homologous to Aspar-
tate 219 retains its contact with the nitrogen that it 
has just hydronated as the acceptor in a hydrogen 
bond with the amino group after it has left the tetra-
hedral intermediate. 
 
 As has already been noted, active sites use 
composite acid–bases. The simplest of all acids in 
aqueous solution, the hydronium ion, is itself a 
composite acid of at least four molecules of water 
and a hydron, all participating in a complex of hydro-
gen bonds.898-907 In the composite acid of four waters 
and a hydron that may be the smallest hydronium ion, 
there are six equivalent hydrogens on the periphery, 
any one of which is acidic. In the simplest composite 
base of four molecules of water lacking one hydron, 
there are six lone pairs of basic electrons on the 
periphery, any one of which is basic. These two 
composite acid–bases are believed to be responsible 
for the fact that a hydronium as a catalytic acid in 
solution is often more acidic than its corrected pKa 
would suggest (Figure 4-5B) and the fact that a 
hydroxide as a catalytic acid is often more basic 
than its corrected pKa would suggest. Given the 
precedent of hydronium and hydroxide, it is not 
surprising that catalytic acid–bases in an active site 
are often composites of several side chains and often 
fixed molecules of water. In a composite acid–base 
in an active site, one or two heteroatoms on the 
periphery of the composite acid–base and immedi-
ately adjacent to a substrate are catalytic. 
 The first composite acid–base that was observed 
crystallographically is the one formed from the 
imidazolyl group of Histidine 57 and the carboxy 
group of Aspartate 102 in bovine chymotrypsin 
(Equation 4-134).908 The proximal nitrogen on the 
imidazolyl group in this composite acid–base is 
responsible for removing the hydron from the 
hydroxy group on Serine 195 during its nucleophilic 
addition to a peptide bond (Figure 3-6). 
 
 
 

 Imidazolyl-carboxy* composite acid–bases have 
been identified in many active sites. For example, 
imidazolyl-carboxy composite acid–bases remove 
the hydron from the nucleophilic molecule of water 
bound to Zn2+ in thermolysin (His 231 and Asp 226 
in Figure 3-42), and they remove the hydrons from the 
respective hydroxy groups on the carbons oxidized 
by ¬-lactate dehydrogenase (Equation 4-204)909 and 
malate dehydrogenase910 

      
                (4-377) 

As is the case in the active site of chymotrypsin, a 
number of serine endopeptidases, carboxypepti-
dases D,911 lipases,912-914 esterases,915 and phospho-
lipases916 use an imidazolyl-carboxy composite base 
to remove a hydron from serine, cysteine,917 or a 
molecule of water916 during their nucleophilic addi-
tions to the respective acyl derivatives hydrolyzed 
by these enzymes. The active sites of formamidase 
from Helicobacter pylori918 and b-lactamase from 
S. aureus,919 however, use 6-amino-carboxy composite 
bases, formed from the amino group of lysine and 
the carboxy group of glutamate or aspartate, to re-
move a hydron from the sulfanyl group of cysteine 
and the hydroxy group of serine, respectively, during 
their nucleophilic additions to the respective acyl 
derivatives. Composite acid–bases are so common 
among the hydrolases of acyl compounds that the 
absence of a composite acid–base in one of these 
enzymes is considered peculiar.920,921 Two imidazolyl-
carboxy composite acids are used to hydronate one 
of the equatorial oxygens in an intermediate phos-
phorane and to hydronate the leaving oxygen from 
that intermediate phosphorane, respectively, in 
bovine deoxyribonuclease I.922 Imidazolyl-carboxy 
composite acid–bases are also used to add a hydron 
to a carbonyl oxygen909,923 and even to remove a 
hydron from carbon.924-926 
 In some instances, an imidazolyl-carboxy com-
posite acid–base is extended further.266 For example, 
in porcine phospholipase A2, the composite acid–
base, the catalytic hydron of which is on the p nitrogen 
of Histidine 48,927 has the extended structure916 

																																																								
*Proximal refers to positions in the composite acid–base nearer 
to the point where the catalytic hydron is transferred back and 
forth between acid–base and substrate, and distal refers to 
positions in the composite acid–base farther from the point at 
which the catalytic hydron is transferred, respectively. The 
functional groups in the composite acid–base are written from 
proximal to distal. 

(S)-malate  +   NAD+  1
                                         NADH  +  H+  +  oxaloacetate
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Mutation of both tyrosines to phenylalanines, 
however, decreases the rate constant k0 Km

-1 by only 
a factor of 7 while mutating the aspartate to aspar-
agine decreases it by a factor of 1200.928 The results 
of these mutations suggest that in many instances 
the purpose of the more distal participants in an 
extended composite acid–base may be structural 
rather than catalytic, as seems to be the case in the 
original composite acid–base, the one in the active 
site of chymotrypsin, in which the carboxy group is 
responsible only for orienting the imidazolyl group 
rather than significantly affecting its pKa or effec-
tiveness as a catalyst.136,139 
 As in the active sites of formamidase and 
b-lactamase, there are many composite acid–bases 
other than imidazolyl-carboxy ones. An imidazolyl-
carbamoyl composite acid–base between histidine 
and asparagine removes the hydron from the nucleo-
philic sulfanyl group of a cysteine in the active site 
of actinidain from Actinidia chinensis,929 and the 
two imido hydrogens of the carbamoyl group of the 
asparagine are buried respectively in the two 
p electron clouds of two tryptophans.930 A carboxy-
guanidinio composite acid–base removes the hydron 
from the nucleophilic molecule of water in the active 
site of the phosphatase encoded by the BT4131 
gene of B. thetaiotaomicron (Asp10 and Arg45 in 
Figure 3-43). In the active site of chondroitin AC lyase 
(Equation 4-358 and Figure 4-44), the 4-hydroxy-
phenyl group (Tyrosine 242) responsible for the 
transfer of the hydron is the proximal participant in 
a composite acid–base. It is connected through a 
guanidinio group (Arginine 296) to two carboxy 
groups (Glutamate 412 and Glutamate 407), another 
guanidinio group (Arginine 300) and an imidazolyl 
group (Histidine 233). When the proximal guanidinio 
group on Arginine 296 is removed by mutation, the 
activity of the enzyme decreases by a factor of 
100.931 In the active site of pyruvate carboxylase 
from Rhizobium etli, the carboxylato group on Glu-
tamate 305, which is responsible for removing a 

hydron from bicarbonate during the carboxylation 
of the prosthetic biotin, is the proximal participant 
in a composite acid–base with a carboxy group on 
Glutamate 218 and the imidazolyl group of Histi-
dine 216. When any one of these three amino acids 
is mutated, the catalytic constant of the enzyme 
decreases by a similar factor (50-100),932 a result 
suggesting that their effects on catalysis are concerted. 
 In the crystallographic molecular model933 of 
asparaginase from E. coli in a complex with aspar-
tate, one of its substrates, but not the cosubstrate 
ammonia, there is a continuous network of hydrogen 
bonds surrounding the substrate that consists of, in 
order, the side chains of Threonine 89, Lysine 162, 
Aspartate 90, Asparagine 248, Glutamate 283, Tyro-
sine 25, and Threonine 12. Calculations suggest 
that the amino group of Lysine 162, the hydroxy 
group of Threonine 89, and the hydroxy group of 
Threonine 12 within this extensive composite cata-
lytic acid–base in turn transfer hydrons to and from 
substrates and the tetrahedral intermediate in three 
steps comprising the nucleophilic substitution cata-
lyzed by the enzyme.934 
 Aside from their role in orienting the heteroatom 
of the catalytic acid–base that actually participates 
in transfer of the hydron to or from a substrate, a 
role that is usually essential, composite acid–bases, 
by combining several acid–bases of different intrinsic 
pKa, participate in adjusting the pKa for that hetero-
atom. In the unfolded polypeptide that folds to 
become the enzyme, the donors and acceptors for 
hydrogen bonds on the side chain in which the 
eventually catalytic heteroatom is located, includ-
ing those on that heteroatom itself, are occupied by 
molecules of water, and this normal, unheralded 
network of hydrogen bonds determines in part the 
pKa for the heteroatom in the unfolded polypeptide; 
in fact, this network determines in part the pKa for 
any acid–base in solution. When these molecules of 
water are replaced as donors and acceptors in hydro-
gen bonds by other acid–bases during folding of 
the polypeptide and subsequent association of 
substrates, the pKa changes for the heteroatom that 
is the ultimate catalytic acid–base. 
 When the polypeptide of endo-1,4-b-xylanase 
from B. circulans folds to produce the active site, 
the pKa for the catalytic carboxy group of Gluta-
mate 172 shifts from 4.3, the value it has when fully 
exposed to bulk water,32 to 6.7.124 When it is in the 
native active site, Glutamate 172 forms hydrogen 
bonds with Tyrosine 80, Asparagine 35, and a mole-
cule of water to connect it to a large composite acid–
base 
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When Tyrosine 80 is mutated to phenylalanine, the 
pKa for the carboxy group of Glutamate 172 increases 
to 7.9157 because there is no longer an acidic donor 
of a hydrogen bond to the distal oxygen of the car-
boxy group, although an unresolved, less acidic 
(pKa = 15.7) molecule of water may take its place. 
When Asparagine 35, the carboxamido group of which 
donates a hydrogen bond to the proximal oxygen of 
the carboxy group of Glutamate 172, is changed to 
aspartate, the pKa for the carboxy group rises to 8.4, 
presumably because the neutral amido group that 
is the donor of the hydrogen bond (4-135) has 
been replaced by an anionic carboxylato group. 
The observed increase in the pKa of Glutamate 172 
from 4.3 to 6.7 upon folding, however, is due mainly 
to the juxtaposition of the anionic, catalytic carbox-
ylato group of Glutamate 78,124 which is linked to 
the carboxy group of Glutamate 172 through a mole-
cule of water (4-135) at the pH that is optimal for 
enzymatic activity. This molecule of water is re-
placed by the oxygen that is the leaving group in 
the substrate upon its association with the active 
site so that Glutamic Acid 172 can hydronate that 
leaving group during hydrolysis of a xylan.123,935 
 When the polypeptide of glyceraldehyde-3-phos-
phate dehydrogenase (phosphorylating) from E. coli 
folds to produce the active site, the pKa for the cata-
lytic sulfanyl group of Cysteine 149 should have 
increased from its value of 8.7 when immersed in 
bulk water32 because of a decrease in the relative 
permittivity from that of liquid water. In this instance, 
however, a hydrogen bond between the sulfanyl 
group of Cysteine 149 and the imidazolyl group of 
Histidine 176936 maintains the pKa for the sulfanyl 
group at 8.6 to facilitate its dehydronation.937 
 The evolution of a composite acid–base by natu-
ral selection is a special case, albeit a more obvious 
example, of the ability of the active site to adjust 
the acidity and basicity of a catalytic acid–base, 
and a crystallographic molecular model often iden-
tifies the reasons for this adjustment. For example, 
as has already been mentioned, the decrease in pKa 

for the 6-amino group of Lysine 115 in acetoacetate 
decarboxylase from C. acetobutylicum from 10.5 to 
6.0 (Figure 4-15) is not due to the proximity of 
Lysine 116, as was originally proposed.938 Instead, the 
decrease is the result of Lysine 115 being situated in 
a hydrophobic region of low relative permittivity in 
the native enzyme.165 
 When a polypeptide folds and a donor or accep-
tor for a hydrogen bond on a particular heteroatom 
within its sequence of amino acids retains a mole-
cule of water* or that fixed molecule of water is 
replaced by the hydroxy group of serine, threonine, 
or a substrate, there is no direct effect of that reten-
tion or that isoergonic substitution on the pKa for 
that heteroatomic donor or acceptor in the native 
protein, even though other features of the active 
site, such as its relative permittivity, usually do affect 
the pKa. Nevertheless, the retained molecule of water 
or the hydroxy group replacing it can relay the 
acidity or basicity of the heteroatom to a bound 
substrate or to another acid–base, much as the 
molecules of water in a hydronium ion or a hydrox-
ide ion in solution can relay its acidity or basicity, 
respectively, or a hydron wire can relay a hydron. 
For example, the hydroxy group on the substrate 
pyridoxine 5-phosphate (Figure 4-48B) relays the 
hydron from the phosphate-imidazolyl composite 
acid in which Histidine 45 is a participant to the 
carbonyl oxygen on 2-methyl-3-oxo-4-hydroxy-
methyl-5-phosphomethyl-3,6-dihydropyridine 
(step vi, Figure 4-47) to catalyze its aromatization. 
A molecule of water relays the acidity of the amino-
terminal ammonio group to the carboxy group of 
Aspartate 99 in the composite acid–base in phospho-
lipase A2 (4-134). A molecule of water relays the 
basicity of the carboxylato group of Glutamate 78 
to the carboxy group of Glutamate 172 (4-135) in 
the empty active site of endo-1,4-b-xylanase from 
B. circulans. 
 The hydron on Tyrosine 125 in the active site 
of UDP-N-acetylmuramate dehydrogenase (Equa-
tion 4-239) is relayed through three molecules of 
water and the hydroxy group of Serine 229 

																																																								
*It should be reiterated that the same molecule of water is not 
retained, only a molecule of water, which is constantly exchanging. 
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to hydronate carbon 1 of the enolpyruvyl group on 
the substrate, UDP-N-acetyl-3-O-(1-carboxyvinyl)-
a-∂-glucosamine, as the hydride is added to carbon 2 
of the 1-carboxyvinyl group.513 When that serine is 
mutated to alanine,939 interrupting the relay, the rate 
of the reaction catalyzed by the enzyme decreases 
by a factor of 107. 
 A single molecule of water relays the basicity of 
Lysine 518 during removal of a hydron from the 
2-hydroxy group of a-∂-fructofuranose 6-phosphate 

 

during the opening of the furanose catalyzed by 
glucose-6-phosphate isomerase from O. cuniculus.940 
 The enzyme 6-aminohexanoate-cyclic-dimer 
hydrolase from Arthrobacter hydrolyzes one of the 
two identical amides in 1,8-diazacyclotetradecane-
2,9-dione, the tetradecacyclic, diamido dimer of 
two 6-aminohexanoates. In its active site, the hydroxy 
group of Serine 150 first relays the basicity of the 
amino group of Lysine 72 to remove the hydron 
from the hydroxy group of Serine 174 

        
                (4-378) 

during its nucleophilic addition to the acyl carbon of 
the amido group. The hydroxy group of Serine 150 
then relays the acidity of the resulting ammonio 
group of Lysine 72 to hydronate the amino nitrogen 
of the tetrahedral intermediate, permitting it to be 
the leaving group.941 When either Serine 150 (the 
central relay) or Lysine 72 (the catalytic acid–base) 
is mutated to alanine, enzymatic activity decreases 
by a factor of greater than 4000. 
 In the active site of N4-(b-N-acetylglucosaminyl)-
¬-asparaginase from Elizabethkingia miricola, the 
hydroxy group of Threonine 170 relays the basicity 
of the amino-terminal amino group of Threo-
nine 152, which is exposed during an endopeptido-
lytic cleavage that activates the enzyme, to remove a 
hydron from the hydroxy group of Threonine 152942 
 

 

during its nucleophilic addition to the acyl carbon 
of the amido group in the reactant N4-(b-N-acetyl-
glucosaminyl)-¬-asparagine. The amino-terminal 
amino group cannot remove the hydron on the 
hydroxy group effectively on its own because only 
three atoms separate its nitrogen from the hydron. 
 When a molecule of water or the hydroxy 
group on a serine or threonine relays the acidity or 
basicity of a catalytic acid–base, -NH, in a compo-
site catalytic acid–base to or from a lone pair of 
electrons on reactant A, a tautomerization occurs 

     (4-379) 

Since there is a hydroxy group in both reactant and 
product, the standard free energy change for the 
reaction is about the same as that for the reaction 
in which the catalytic acid–base would have directly 
transferred a hydron to and from the substrate. In 
this sense, the acidity in the forward reaction or the 
basicity in the reverse reaction is relayed. A hydrogen 
bond between the conjugate acid of the catalytic 
acid–base, -NH(+), and a hydroxy group, in the 
absence of hydron transfer, however, increases the 
acidity of the hydron on the hydroxy group only 
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slightly. Likewise, a hydrogen bond between the 
conjugate base of reactant A, ”A(-), and the hydroxy 
group increases the basicity of one lone pair on the 
hydroxy group only slightly. Consequently, the 
fraction of the acidity or basicity relayed in the 
transition state is determined by the extent to 
which the hydrons are transferred to and from the 
hydroxy group to the reactant in the transition 
state. If the hydrons have been transferred almost 
completely in the transition state, the acidity or 
basicity has been fully relayed. If they are transferred 
only partially, then the acidity or basicity is only 
partially relayed. 
 
 The positions of basic lone pairs of electrons 
and acidic hydrons are revealed by the orienta-
tions of catalytic bases and catalytic acids on side 
chains of the amino acids, respectively, relative to 
hydrons to be removed from a substrate and lone 
pairs of electrons to be hydronated on a substrate. 
In most of the crystallographic molecular models 
discussed so far and in most others, neither hydrons 
nor lone pairs of electrons in hydrogen bonds are 
features in the map of electron density, yet they are 
there. An acidic hydrogen on a heteroatom in the 
side chain of an amino acid, although it is engaged 
in a covalent bond with the heteroatom, can be 
thought of as a hydron occupying a lone pair of 
electrons. Consequently, although the location of 
the hydron in the hydrogen bond cannot be observed 
in a crystallographic molecular model, the position 
of the lone pair in a hydrogen bond between a cata-
lytic base and a hydron on a substrate, or the posi-
tion of a hydron in a hydrogen bond between a 
catalytic acid and a lone pair on a substrate, are the 
same. All that remains ambiguous is the location of 
the hydron. 
 Leaving aside the question of their orientation 
in an aprotic solvent or the gas phase, the orienta-
tion of the lone pairs on the conjugate bases of the 
five most common catalytic acid–bases among the 
side chains of the amino acids when they are partic-
ipating in hydrogen bonding, which they must be 
to be catalytic acid–bases and which they do when 
fully exposed to the solution when the polypeptide 
is unfolded, can be drawn 

 

In both the amino group (4-139) of lysine and the 
sulfanyl group (4-140) of cysteine, the lone pairs 
and acidic hydrons are directed tetrahedrally from 
the heteroatom. This disposition is also true of the 
amino terminus of the polypeptide, which is some-
times used as a catalytic acid–base. In the carboxylato 
groups (4-141) of glutamate and aspartate, the 
imidazolyl group (4-142) of histidine, and the 
4-hydroxyphenyl group (4-143) of tyrosine, the 
lone pairs are in the respective s planes of these 
groups sandwiched between the respective p systems, 
and they are directed trigonally from their hetero-
atoms. Each side chain has more than one lone 
pair of electrons or more than one acidic hydron, 
giving it several orientational options and also 
allowing it to accept one hydron while it is donating 
another, as when it is a participant in a hydron wire 
or a composite catalytic acid–base. 
 The amino group (4-139) of lysine, the sulfanyl 
group (4-140) of cysteine, and the 4-hydroxyphenyl 
group (4-143) of tyrosine are particularly adept at 
removing a hydron from one atom and then pivoting 
to add a hydron to another atom that is two atoms 
removed from the first (Figure 4-44, Equation 4-368). 
This adeptness results from the freedom of nitrogen 
and sulfur to rotate around the carbon–nitrogen 
bond and the carbon–sulfur bond, respectively, and 
also from the collinearity of oxygen in the 4-hydroxy-
phenyl group with the b-carbon–g-carbon bond of 
tyrosine. In a carboxy group, the two oxygens are 
symmetrically arrayed about the axis of the carbon–
carbon bond, but rotation around that bond can 
have a much wider span. A rotation of 180ª around 
this bond interchanges the two oxygens. Usually, 
however, one of the oxygens removes a hydron, 
pivots through a small arc, and then donates a hydron, 
as in the active site of triose-phosphate isomerase 
(Equation 4-55), where the carboxy group transfers 
the hydron between two adjacent carbons. Even 
though both nitrogens of an imidazolyl group in an 
enzyme almost always participate in hydrogen 
bonds, usually only one of the two nitrogens in a 
catalytic imidazolyl group functions as the acid–
base, (Figures 3-37, 3-42, 4-46, and 4-48 and 
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4-132), and it often pivots on the noncatalytic hydro-
gen bond to service more than one atom. Lysine 
has the advantage that its 6-amino group is at the 
end of a flexible tether that allows it to move 
around more widely and more freely. 
 When it is participating in the transfer of a 
hydron, each catalytic acid–base must be oriented 
such that the atom in the substrate, the heteroatom 
in the side chain, the hydron being transferred, and 
the lone pairs of electrons on substrate and side 
chain between which it is being transferred are as 
collinear as possible. These components are not 
always precisely collinear because of the extreme 
steric challenges faced by natural selection in folding 
a polypeptide to create an active site, but they are 
usually remarkably close to collinear given these 
challenges. When you are examining the following 
stereodrawings from crystallographic molecular 
models and reexamining the stereodrawings you 
have already seen, pay particular attention to these 
orientations. Keep in mind the hybridization of the 
lone pairs in situations in which hydrogen bonding 
is occurring and the locations of the hydrons, usually 
unobserved, on the oxygens, nitrogens, sulfurs, and 
carbons in the molecular models. 
 Crystallographic molecular models of informa-
tive complexes have delineated the extensive group 
of catalytic acid–bases that are available to an enzyme 
for providing or removing a hydron during its catalysis. 
The set is diverse. In addition to the most common 
catalytic acid–bases (4-139 to 4-143) as well as 
molecules of water, there is a set of less common 
catalytic acid–bases such as the guanidinio group 
of arginine943 and the hydroxy groups of 
serines432,464,513 and threonines. Perhaps the most 
unexpected catalytic base is the indolyl group of 
tryptophan 

        
                (4-380) 

Like pyrrole, the indolyl group hydronates on any 
one of its carbons with a macroscopic pKa of -2.5,944 
which is, within experimental error, the same as the 
pKa for hydronation of the hydroxy group in serine.388 
The indolyl group of tryptophan has been proposed 
to be the base that removes a hydron adjacent to a 

carbenium ion to produce an alkene.945 Any of the 
more conventional bases would be alkylated irre-
versibly by a carbenium ion. The hydron on the ni-
trogen in the indolyl group of tryptophan is a very 
weak acid (pKa = 16), as is the hydron on the nitro-
gen in pyrrole (pKa = 17), and it is seldom used as a 
catalytic acid–base, but when it is, advantage is 
taken of its weakness. 
 
 The present set of crystallographic molecular 
models of informative complexes has identified the 
types of catalytic acid–bases used for particular types 
of hydron transfer. These purposes range in necessity 
from the apparently unnecessary—acting as the donor 
of a hydrogen bond to a chloro group to enhance 
its ability as a leaving group—to the absolutely 
necessary—removing or adding a hydron from or 
to carbon. The unexpected result is how broad a 
spectrum of acid–bases have been called upon for 
each purpose, from the easiest to the most difficult. 
 In almost every chemical reaction catalyzed by 
an enzyme, there are hydron transfers between 
substrates and catalytic acid–bases in the active site 
or molecules of water in a region of the active site 
exposed to the solution or connected to the solution 
by a hydron wire. In order to understand the acid–
base catalysis being performed by a particular active 
site, each of its catalytic acid–bases must be identified 
and their roles defined. To make this identification 
and establish this definition, an understanding of 
what the reaction requires is essential. Although 
the roles of the side chains in enzymatic reactions 
have been tabulated in a general sense,946,947 these 
tabulations have not been dissected into specific 
chemical roles, such as removing a hydron from a 
hydroxy group in one direction and adding a hydron 
to the same oxygen in the other direction or removing 
a hydron from carbon in one direction and adding 
a hydron to the same carbon in the other direction. 
Each bidirectional role is chemically distinct and 
should be discussed systematically. 
 In most enzymatic reactions, hydrons are trans-
ferred back and forth between two heteroatoms: one 
on a substrate and another on a catalytic acid–base. 
Heteroatoms on substrates that participate in an 
enzymatic reaction usually participate as nucleo-
philes and leaving groups. When a heteroatom on 
a substrate acts in one direction as a nucleophile, it 
is a leaving group in the other direction, and vice 
versa. For the same type of heteroatom in a substrate, 
be it sulfur, oxygen, or nitrogen, the nucleophilicity 
of one of its lone pairs of electrons increases as the 
pKa for its conjugate acid increases, and the ability 
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of the same heteroatom to leave decreases as the 
pKa for its conjugate acid increases. Consequently, 
as discussed before, the measure of the nucleo-
philicity of a lone pair of electrons on a heteroatom 
in a substrate is the pKa for its conjugate acid, and 
the measure of the ability of a leaving group to 
leave is the pKa for the conjugate acid of the leaving 
group after it has left. When, however, the difficulty 
of hydronating a leaving group to improve its ability 
to leave is considered, that difficulty is measured by 
the pKa for the conjugate acid of the leaving group 
while it is still in the reactant before it leaves. In the 
following discussion, unless otherwise defined, 
values of pKa listed are for the conjugate acid of the 
nucleophile and the conjugate acid of the leaving 
group, either before or after it has left depending 
on the situation. Values of pKa listed948 are approx-
imate because they depend significantly on the actual 
substituents on the particular type of heteroatom. 
 Strong heteroatomic nucleophiles in substrates, 
because they are usually hydronated at neutral pH, 
require a catalytic base to dehydronate them before 
or while they are adding to an electrophile. A strong 
nucleophile in the direction of addition is a poor 
leaving group in the direction of dissociation. Because 
a catalytic base is required to remove a hydron from a 
strong nucleophile on the approach to a transition 
state, by microscopic reversibility, the conjugate 
acid of that catalytic base will hydronate that same 
atom as it leaves, which will automatically improve 
the poor leaving group. These reciprocal require-
ments explain why, in most dissociations of weak 
leaving groups and nucleophilic additions of strong 
nucleophiles, the active site provides a catalytic 
acid–base for the heteroatom that is leaving and 
adding. It follows that, in a transition state within 
an active site catalyzing such a reaction, there is 
usually a catalytic acid–base that forms a hydrogen 
bond to a heteroatom that is about to leave or has 
just entered the transition state. This hydrogen bond 
in the transition state—between the heteroatom of 
the catalytic acid–base and the heteroatom that 
was or will be in the substrate and that will be or 
was the heteroatom of the leaving group or the 
nucleophile—lowers the standard free energy of 
formation of the transition state. 
 Weak heteroatomic nucleophiles, because their 
conjugate acids are strong, are usually unhydronated 
at neutral pH. Consequently, they should not require 
a catalytic base to ensure that they are unhydronated 
in the ground state. Weak heteroatomic nucleophiles 
in reverse are good leaving groups. In instances in 
which the leaving group is a good one and hence 

the nucleophile is a weak one and a catalytic acid–
base should be unnecessary in both directions, one 
is nevertheless often provided even though it would 
seem to be counterproductive. If the catalytic acid 
hydronates the leaving group, then its conjugate 
acid must donate a hydrogen bond to the weakly 
basic nucleophile. This hydrogen bond would lower 
the nucleophilicity of the weak nucleophile from 
which a hydron does not have to be removed because 
it is already unhydronated in solution. In such cases, 
the catalytic acid base is probably used to orient 
the nucleophile by forming a hydrogen bond with 
it. For example, chlorine in an alkyl chloride is an 
excellent heteroatomic leaving group (pKaHCl = -7) 
and should not need a catalytic acid, and it is a 
poor nucleophile in the other direction, the nucleo-
philicity of which would be decreased by the donor 
of a hydrogen bond. In haloalkane dehalogenase from 
Xanthobacter autotrophicus, however, the nitrogen–
hydrogens in the indolyl groups of two tryptophans 
(pKa = 16) donate their hydrons to the chloride as it 
leaves from a haloalkane.949,950 In this instance, the 
nucleophile displacing the chloride is the carboxy 
group of an aspartate in the active site, which is a 
weak nucleophile, so acid catalysis of this nucleo-
philic substitution at chlorine is appropriate but 
the two acids in this case are weak ones so that 
their effect on the nucleophile is minimal. 
 Sulfur in a sulfanyl group 

         (4-381) 

would seem also to need little assistance as a leaving 
group or a nucleophile. A sulfanyl group has a fairly 
low pKa (pKa = 9) and is, consequently, a decent 
leaving group; the pKa of the conjugate acid of the 
sulfur in a sulfide (where one H in Equation 4-381 
is a carbon) is quite low (pKa = -7), making it difficult 
to hydronate before or as it leaves; and the unhydro-
nated sulfido group, because it is in the third row, is 
a stronger nucleophile than its pKa would suggest, 
so removal of a hydron should not be necessary. 
Yet catalytic acid–bases are almost always supplied. 
For example, in hydroxymethylglutaryl-CoA synthase 
(Equation 4-360) from S. aureus, the carboxy group 
of Glutamate 79 removes the hydron from the sulfanyl 
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group of Cysteine 111 (0.34 nm)* during its nucleo-
philic substitution on acetyl-SCoA. In chlorampheni-
col O-acetyltransferase from E. coli, Histidine 195 
performs a similar role (4-132). In formamidase 
from H. pylori, a 6-amino group from lysine and a 
carboxy group from glutamate form a lysyl-
glutamyl composite base that removes the hydron 
from the sulfanyl group of a cysteine during its nucleo-
philic addition to formamide.918 In glyceraldehyde-
3-phosphate dehydrogenase from E. coli, Histi-
dine 176, by providing a catalytic imidazolyl group, 
ensures that the sulfanyl group of Cysteine 149 is 
unhydronated and properly oriented during its 
nucleophilic addition to the aldehyde of glycer-
aldehyde-3-phosphate.936 In the human glutathione 
transferases, the 4-hydroxyphenyl group of Tyrosine 7 
removes the hydron from the nucleophilic sulfanyl 
group in glutathione that participates in nucleo-
philic additions performed by these enzymes.951,952 
These examples indicate how eclectic is the choice 
of a catalytic acid–base, at least for removing a hydron 
from a sulfanyl group or adding a hydron to the sulfur 
in a leaving group. 
 Nitrogen in an amino group (-NH2) or a second-
ary amino group (-NRH)  

         (4-382) 

where R can be either a hydrogen or a carbon, rarely 
leaves a saturated carbon but often leaves carbon 
in a tetrahedral intermediate or participates in a 
tetrahedral intermediate by adding nucleophilically 
to a carbonyl or acyl group. Regardless of the type 
of carbon from which it leaves, a nitrogen in an 
amino or alkylamino group must be hydronated 
and cationic before it can leave (Figure 1-10) because 
the respective azanide anion, H2N- or RHN-, is an 
exceptionally strong base (pKa = 39) and hence an 
exceptionally poor leaving group. Whenever an 
amino or alkylamino group is leaving carbon, the 
active site must provide a catalytic acid to hydronate 
the nitrogen before or during the step in which the 
carbon–nitrogen bond is broken. This requirement 

																																																								
*There is controversy surrounding the question of whether or not 
sulfanyl groups participate in hydrogen bonds, but this oxygen–
sulfur distance is well within the sum (0.40 nm) of a hydrogen–
sulfur bond (0.135 nm) and the van der Waals radii of hydrogen 
(0.115 nm) and oxygen (0.15 nm). 

is inescapable but also relatively simple to fulfill 
because an amino or alkylamino group, the conjugate 
acids of which have values for pKa of 10, is easily 
hydronated by any of the catalytic acids available, 
and the resulting hydronated cationic ammonio or 
alkylammonio group, in contradistinction to, for 
example, a hydronated cationic oxygen, is a weak 
acid and remains hydronated as long as it takes to 
reach the transition state. 
 In the other direction (Figure 1-10), when 
ammonia or an alkylamine adds to carbon, it is 
always as ammonia or the neutral alkylamine (Fig-
ure 1-7), which are, respectively, the only accessi-
ble species in which the respective nitrogen has a 
nucleophilic s lone pair of electrons. Consequently, 
if the amine enters the active site as the ammonium 
cation (pKa = 10), there must be a catalytic base 
ready to remove its hydron before the nucleophilic 
addition. This participant is often the same catalytic 
base that removes a second hydron from the amino 
group as the reaction progresses. Consequently, if 
the same catalytic base performs both functions, it 
must either dissociate the hydron it took from the 
entering ammonium, if the nucleophilic addition is 
to a saturated carbon, or pass the hydron over to 
the oxyanion formed during addition of an amino 
group to a carbonyl or acyl carbon (left path of the 
tautomerization in Figure 1-7) because it must 
again be a base to dehydronate the again-ammonio 
group a second time. In reverse, the conjugate acid 
of this base would have to hydronate a leaving 
amino group, which is inescapable, so that it can 
leave as the amine. Furthermore if dehydronation 
of the initial ammonio group is required before the 
nucleophilic addition, then, by microscopic revers-
ibility, it must be hydronated again after it leaves. 
The catalytic base that just hydronated the leaving 
group must gain a hydron from somewhere, usually 
from the atom of the nucleophile that just produced 
a tetrahedral intermediate, so that it can hydronate 
the amino group again after it has dissociated as 
the leaving group. 
 Formation of the iminium required for the retro-
aldol condensation catalyzed by fructose-bisphos-
phate aldolase from T. tenax illustrates these con-
secutive roles in the two directions. The 
4-oxidophenyl group of Tyrosine 146 has to remove 
a hydron from the 6-ammonio group of Lysine 177 
before its nitrogen can add nucleophilically to the 
carbonyl of fructose 1,6-bisphosphate (Equa-
tion 4-368), and the resulting 4-hydroxyphenyl 
group either hydronates the resulting oxyanion of 
the former carbonyl oxygen in the resulting hemi-

  +  2 H 

+pKa @ 39 )N

( pKa @ 10
  +  H 

+

“:

N “HH
H

N
R R

R



Catalytic Acid–Bases in Crystallographic Molecular Models 
 

1265 

aminal or hydronates the carbonyl oxygen as the 
amino group is adding to the carbonyl group to 
form the hemiaminal. The second hydron is then 
shuttled by the 4-oxidophenyl group from the 
ammonio group in the hemiaminal to the resulting 
hydroxy group that is leaving as a molecule of water 
to give the lysyl imine. In reverse, the 4-oxidophenyl 
group of Tyrosine 146 removes a hydron from the 
molecule of water, before or as the water is adding 
to the lysyl iminium; the resulting 4-hydroxyphenyl 
group then transfers the hydron to the lone pair of 
electrons on the nitrogen in the resulting hemiaminal 
to create a leaving group; and then the resulting 
4-oxidophenyl group removes a hydron from the 
hydroxy group in hemiaminal to give the oxyanion 
that provides the push to dissociate the amino 
group. The 4-hydroxyphenyl group then transfers 
the hydron to the amino group to give the 
6-ammonio group of Lysine 177.  
 A large array of catalytic acid–bases are called 
upon to be the necessary catalytic acid–bases in 
reactions in which an amino group is the nucleo-
phile in one direction and the leaving group in the 
other. Glutamic Acid 143 must hydronate the alkyl-
amino group before it can leave as an amine from 
the tetrahedral intermediate during the reaction 
catalyzed by thermolysin from B. thermoproteolyticus 
(Figure 3-42). Aspartic Acid 126 must hydronate 
the alkylamino group before it can leave as an 
amine from the tetrahedral intermediate in the 
reaction catalyzed by endothiapepsin from C. para-
sitica (Equation 4-376). The carboxylato group of 
Glutamate 72 has to remove a hydron from the 
3-ammonio group of 3-ammonio-2-oxopropyl 
phosphate before its nitrogen can add nucleo-
philically to carbonyl carbon 2 of 1-deoxy-∂-xylulose 
during first step in the reaction (Equation 4-365) 
catalyzed by pyridoxine 5A-phosphate synthase 
from E. coli (Figure 4-48A). Serine 150 must relay 
the acidity of the 6-ammonio group of Lysine 72 to 
hydronate the alkylamino group before it can leave 
as an amine from the tetrahedral intermediate in 
the reaction catalyzed by 6-aminohexanoate-cyclic-
dimer hydrolase from Arthrobacter (Equation 4-378). 
The amino-terminal a-ammonio group of the protein 
must hydronate the amino group before it can 
leave as ammonia from the tetrahedral intermediate 
in the hydrolysis catalyzed by the active site in the 
glutaminase domain (previously Equation 3-528) 

  
                (4-383) 

of asparagine synthase (glutamine-hydrolyzing) 
from E. coli.953 Histidine 232 must hydronate the 
dialkylamino group before it can leave as the dialkyl 
secondary amine N-methylglycine from the tetra-
hedral intermediate in the reaction catalyzed by 
creatinase from P. putida (Equation 4-369),875 and 
the imidazolyl group of Histidine 141 has to remove 
the hydron from the 6-ammonio group of GDP-
4-amino-4,6-dideoxy-a-∂-mannose in the active 
site of GDP-perosamine N-acetyltransferase from 
Caulobacter vibrioides before it can add to the acyl 
carbon of acetyl-SCoA to initiate the acetyl transfer 
catalyzed by the enzyme.954 In the first step of the 
nucleophilic substitution catalyzed by arginine 
dihydrolase from Synechocystis, Histidine 248 must 
hydronate one of the two amino groups before it 
can leave as ammonia from a tetrahedral interme-
diate in which the four substituents are all hetero-
atoms: the sulfur of Cysteine 365 and the three 
nitrogens in the guanidinio group of the substrate 
¬-arginine to which the sulfido group of the cysteine 
has added nucleophilically.955 The phenolate oxygen 
of a lysylpyridoximine or some other base has to 
remove a hydron from the a-ammonio group of the 
substrate before its nitrogen can add nucleophilically 
to the iminium carbon of an internal lysylpyridox-
imine (Figure 2-2), and the resulting conjugate acid 
of the phenolate oxygen or of the other base hydro-
nates the amino group of the former iminium nitrogen 
of the internal lysylpyridoximine before it can shuttle 
the second hydron between the two nitrogens in 
the tetrahedral intermediate. 
 Histidine 57 in bovine trypsin is the histidine 
in the imidazolyl-carboxy composite acid–base 
that is homologous to the one in chymotrypsin 
(Equation 4-134). After Histidine 57 has removed 
the hydron from Serine 194 during formation of the 
tetrahedral intermediate, its imidazolyl group pivots 
around to the alkylamino group in the tetrahedral 
intermediate and hydronates the nitrogen before it 
can leave during the acylation of Serine 194 catalyzed 
by the enzyme (Figure 3-6).135,956 
 In the nucleophilic substitution catalyzed by 
ornithine carbamoyltransferase from E. coli, the side 
chain of an amino acid does not act as a catalytic 
base, but one oxygen of the phospho group of the 
reactant, carbamoyl phosphate957 

¬-glutamine  +  H2O  1  ¬-glutamate  +  NH4 
+
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                (4-384) 

is conveniently positioned 4 atoms away. Ornithine 
binds to the enzyme as the neutral zwitterion with 
a nucleophilic 5-amino group that adds directly to 
the carbonato carbon of carbamoyl phosphate.109 
The phospho group of carbamoyl phosphate then 
removes the pro-S hydron from the now-ammonio 
nitrogen in the tetrahedral intermediate to make 
the phosphate the preferred leaving group.957 The 
hydrogen bond between phosphoryl oxygen and 
ammonio group in the tetrahedral intermediate forms 
a five-membered ring, which is ideal for the transfer 
of a hydron. Removal of this hydron is unavoidable 
because only after it is dehydronated can the amino 
group become the required secondary ureido nitrogen 
in ¬-citrulline. 
 The choices by natural selection of an acid–
base for the role of removing a hydron from an 
ammonio group or adding a hydron to an amine 
seem arbitrary. In the examples just cited, a carboxy 
group, an amino terminus, an imidazolyl group, a 
4-hydroxyphenyl group, a composite hydroxy-
6-amino group, and a phospho group have been 
chosen as catalytic acid–bases. In GTP cyclohydro-
lase I from E. coli, Histidine 179 hydronates the 
vinylamine that leaves from the tetrahedral inter-
mediate in the latter of two consecutive hydrolyses 
catalyzed by the enzyme958 

                (4-385) 

In the unrelated GTP cyclohydrolase II from E. coli, 
however, which catalyzes exactly the same hydrolysis, 
Tyrosine 105 hydronates the same nitrogen.959 
 Nitrogen in an aniline 

        
                (4-386) 

is a poor nucleophile but likely to be unhydronated at 
neutral pH. In the role of a leaving group, however, 
the nitrogen in a neutral anilino group inescapably 
requires a catalytic acid to hydronate it because the 
anilino anion is an impermissible leaving group 
(pKa = 31). This hydronation of the leaving nitrogen 
is not such an inescapable requirement as the one 
for nitrogen in an amino group, but it is nevertheless 
imperative. 
 Both nitrogen 5 and nitrogen 10 of tetrahydro-
folate (previously 1-81) 

 

are anilino nitrogens on the basis of acid dissocia-
tion constants of their conjugate acids,960 and they 
require a catalytic acid to add a hydron to them before 
they can leave. By microscopic reversibility, in the 
reverse reaction the resulting catalytic base removes 
a hydron from the anilino nitrogen as it adds and 
thus increases its nucleophilicity. For example, when 
the a carbon of the quininoid intermediate of glycine 
is adding to the hydroxymethyl group of the hydrate 
of N5-methylenetetrahydrofolate, the anilino nitro-
gen 5 of tetrahydrofolate must be hydronated in 
order to leave 
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     (4-387) 

and this role is fulfilled by the carboxy group of 
Glutamate 75 in the active site of murine glycine 
hydroxymethyltransferase.961 In the reverse reaction, 
the carboxylato group of Glutamate 75 removes the 
hydron from nitrogen 5 to improve its nucleophilicity.  
 When either anilino nitrogen in tetrahydrofolate 
enters into or leaves from the successive intermediates 
in the enzymatic transfer of a methenyl to or from 
tetrahydrofolate 

                (4-388) 

a catalytic acid–base hydronates or dehydronates 
the respective nitrogens. In the second half of the 
reaction catalyzed by dimethylglycine dehydrogenase 
(Equation 4-388) from A. globiformis, the carboxy 
group of Aspartate 552 dehydronates nitrogen 10 of 
tetrahydrofolate, and the 4-oxidophenyl group of 
the conjugate base of Tyrosine 651, through a hydron 
wire (0.33, 0.26, and 0.28 nm) of two molecules of 
water, dehydronates nitrogen 5.962 
 Furthermore, when either anilino nitrogen leaves 
from or enters into the tetrahedral intermediate in the 
enzymatic transfer of a formyl group to or from 
tetrahydrofolate 

          
                (4-389) 

a catalytic acid–base must hydronate or dehydronate 
the respective nitrogens. In phosphoribosylamino-
imidazolecarboxamide formyltransferase from 
G. gallus, the 6-ammonio group of Lysine 267 plays 
at least one of these roles, and perhaps the hydroxy 
group of Serine 451 plays the other.963 
 Nitrogen in the imidazolyl group of an imidazole 

       (4-390) 

a benzimidazole (pKa1 = 5, pKa2 = 13) or the imid-
azolyl group of a purine such as adenine (pKa1 = 4, 
pKa2 = 10) or guanine (pKa = 3, pKa = 9) is a poor to 
middling leaving group when it is unhydronated on 
the distal nitrogen. As has already been noted, the 
ability of nitrogen in a covalent bond with carbon 
to leave is usually improved by providing a catalytic 
acid to hydronate the other, distal nitrogen in the 
imidazolyl group (pKa = 7), the benzimidazolyl group 
(pKa = 5), or the adeninyl (pKa = 4) or guaninyl 
group (pKa = 3), the one that is not leaving.964,965 
For example, Glutamic Acid 317 hydronates the 
other nitrogen in dimethylbenzimidazole as it 
leaves in the reaction catalyzed by nicotinate-
nucleotide—dimethylbenzimidazole phosphoribosyl-
transferase from S. typhimurium (Figure 3-31). 
Aspartate 92 removes the hydron from the distal 
nitrogen in the imidazolyl group as guanine adds to 
5-phospho-a-∂-ribose 1-diphosphate in the active 
site of xanthine phosphoribosyltransferase from 
E. coli (4-127), and Aspartic Acid 137 adds a hydron 
to the distal nitrogen in the imidazolyl group when 
hypoxanthine or guanine leaves during the reaction 
catalyzed by human hypoxanthine phosphoribosyl-
transferase (Figure 3-38). The carboxy-terminal 
carboxy group of Tyrosine 158 in the active site of 
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nucleoside deoxyribosyltransferase from Lactobacillus 
helveticus hydronates the distal nitrogen in the imid-
azolyl group of an adenine that is a leaving group 
from a reactant while the other oxygen of the carboxy 
group is pinned in a hydrogen bond to the amido 
group on carbon 6 of the adenine.966 
 Nitrogen in a guanidinio group 

               (4-391) 

where R can be a carbon or a hydrogen, is a strong 
nucleophile when it is the neutral, unhydronated 
conjugate base, but for the same reason it is unlikely 
to be unhydronated at neutral pH. It follows that 
even when a guanidinio group is the hydronated, 
cationic conjugate acid, it is a poor leaving group. 
In the active site of guanidinoacetate N-methyltrans-
ferase from R. norvegicus (Figure 3-34), Aspar-
tate 134 removes the hydron from the guanidinio 
nitrogen to unveil its nucleophilic s lone pair of 
electrons that can participate in a concerted nucleo-
philic substitution at the methyl group of S-adenosyl-
¬-methionine. In the reverse reaction, Aspartate 134 
must hydronate the same nitrogen as it is leaving to 
improve its ability as a leaving group. It has already 
been noted, however, that in the active sites of creatine 
kinase and arginine kinase (Figure 3-41), the electrons 
in the p molecular orbital system are the nucleo-
phile, rather than a lone pair of electrons in the 
plane of the guanidino group of the conjugate base, 
and Aspartate 134 in guanidinoacetate N-methyltrans-
ferase is also not situated within the plane of the 
guanidinio group.  
 During addition of a nucleophile to an imine 

                  (4-392) 

an imidoester 

                (4-393) 

or an amidine 

                (4-394) 

the imino nitrogen in each of these reactants must be 
hydronated, either before or during the addition to 
the carbonyl or acyl carbon that forms the respective 
tetrahedral intermediate. Otherwise an azanide 
(pKa = 39) or an anilino anion (pKa = 31), which are 
both more basic than an oxyanion (pKa = 15), 
would be formed. As with nucleophilic addition to 
a carbonyl or acyl carbon, one of the simplest exam-
ples of such a nucleophilic addition is the addition 
of a hydride to an imino group catalyzed by a dehydro-
genase or reductase.967,968 For example, a molecule 
of water (0.26 nm) relays the hydron from Lysine 78 
(0.26 nm) in the active site of phenylalanine dehydro-
genase from Rhodococcus to the imino nitrogen in 
2-imino-3-phenylpropionate either before or while a 
hydride is transferred stereospecifically from NADH 
to carbon 2 to reduce 2-imino-3-phenylpropionate to 
¬-phenylalanine969  

                (4-395) 

One of the most puzzling instances of this require-
ment for hydronation upon hydride transfer is the 
as yet unanswered question of what catalytic acid 
in the active site of dihydrofolate reductase (Equa-
tion 4-148) could hydronate nitrogen 5 during 
addition of a hydride by NADPH to carbon 6 of 
dihydrofolate 

                (4-396) 

to give tetrahydrofolate.970,971 Again, the require-
ment that nitrogen 5 be hydronated must be unavoid-
able because, if the nitrogen were not hydronated, 
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the anionic conjugate base of an aniline would be 
formed. The answer to the question is probably 
that the dihydrofolate has to enter the active site as 
the conjugate acid at nitrogen 5 (pKa = 4.82), which 
is present in solution at reasonable levels, before 
the reaction can proceed. When dihydrofolate enters 
the active site as the conjugate base at nitrogen 5, 
hydride transfer cannot occur, and it simply disso-
ciates. 
 Tyrosine 146 in fructose-bisphosphate aldolase 
from T. tenax (Equation 4-368) has to ensure that 
the nitrogen of the lysylimine of glycerone phos-
phate remains hydronated while a hydron is removed 
from carbon 3, because an azanide anion would be 
formed during removal of the hydron from carbon 
if the imine were not hydronated.  
 In the nucleophilic substitution catalyzed by 
murine adenosine deaminase 

                (4-397) 

nitrogen 1 is hydronated by Glutamic Acid 217 to 
make the amidine in the adenine more electrophilic 
and avoid an anionic nitrogen in the tetrahedral 
intermediate either before or during nucleophilic 
addition of the hydroxy group of water to carbon 6.972 
 Oxygen in a hydroxy group 

                    (4-398) 

because its pKa is so large, is a poor leaving group, 
and although hydroxide and alkoxide anions are 
strong nucleophiles, water and hydroxy groups are 
almost completely neutral at neutral pH. Conse-
quently, a catalytic acid is required to hydronate a 
leaving oxygen in a hydroxy or alkoxy group. In the 
other direction, the conjugate catalytic base of that 
catalytic acid is required to remove a hydron from 
the corresponding water or hydroxy group to make 
it a nucleophile. Unlike the situation with a chloro 
group or even a guanidino group, these are ines-
capable requirements. Furthermore, one would 

expect that because hydronating an oxygen that is 
leaving is difficult and removing the hydron from a 
hydroxy group or a molecule of water that is adding 
is also difficult, only certain catalytic acid–bases 
would be capable of these responsibilities. Again, 
however, the choice of catalytic acid–bases made 
by natural selection is curiously eclectic. 
 The imidazolyl group of Histidine 322 must 
hydronate the hydroxy group of (S,S)-tartrate while 
that hydroxy group is leaving as water during the 
elimination catalyzed by ∂(-)-tartrate dehydratase 
from B. japonicum (Equation 4-267). The imidaz-
olyl group of Histidine 231 must remove the hydron 
from the molecule of water while it adds nucleo-
philically to the acyl carbon of the peptide bond 
during the hydrolysis catalyzed by thermolysin 
(Figure 3-42). Histidine 195 must remove a hydron 
from the primary hydroxy group of chloramphenicol 
while it is adding nucleophilically to the acyl carbon 
of acetyl-SCoA in the active site of chloramphenicol 
O-acetyltransferase from E. coli (4-132). The imid-
azolyl group of Histidine 45 must hydronate the 
4-hydroxy group while it leaves as water, and the 
phospho-imidazolyl composite base must remove 
a hydron from the molecule of water as it adds to 
carbon 5 during the reaction catalyzed by pyridox-
ine 5A-phosphate synthase from E. coli (Figures 4-47 
and 4-48). The imidazolyl-carboxy composite acid 
must hydronate the furanose oxygen of a-∂-fructo-
furanose 6-phosphate during the ring opening 
catalyzed by glucose-6-phosphate isomerase (4-137). 
The imidazolyl-carboxy composite base (Equa-
tion 4-134) must remove the hydron from the hydroxy 
group of Serine 195 (see 4-39 and the second stereo-
drawing in Problem 3-30) in bovine chymotrypsin 
while it adds nucleophilically to the acyl carbon of 
a peptide bond during the hydrolysis (Figure 3-6) 
catalyzed by the enzyme. 
 The carboxy group of Glutamate 211 or Gluta-
mate 168 (Figure 4-43)—or possibly the imidazolyl 
group of Histidine 373 (not shown in Figure 4-43)—
must hydronate the 3-hydroxy group of 2-phospho-
∂-glycerate while it is leaving as water during the 
elimination catalyzed by phosphopyruvate hydratase 
(Equation 4-128) from S. cerevisiae. Aspartate 215 
must remove a hydron from the molecule of water 
while it adds nucleophilically to the acyl carbon of 
a peptide bond during the hydrolysis catalyzed by 
endothiapepsin from C. parasitica (Equation 4-376). 
Aspartate 443 must remove a hydron from the mole-
cule of water while it adds nucleophilically to the 
imidazolyl group during the reaction catalyzed by 
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urocanate hydratase from P. putida (Figures 4-49 
and 4-50). 
 The 4-hydroxyphenyl group of Tyrosine 146 
must shuttle two hydrons to the oxyanion in the 
tetrahedral intermediate so that it can leave as 
water during formation of the imine in the reaction 
catalyzed by fructose-bisphosphate aldolase from 
T. tenax (Equation 4-368). The 4-hydroxyphenyl 
group of Tyrosine 242 must hydronate the oxygen 
of the glycosidic linkage to N-acetylgalactosaminyl 
4-sulfate while that oxygen is leaving during the 
elimination catalyzed by chondroitin AC lyase from 
P. aurescens (Equation 4-358 and Figure 4-44). 
 An ester between the hydroxy group of Threo-
nine 12 and the b-carboxy group of ¬-aspartate is a 
covalent acyl intermediate in hydrolysis of ¬-aspara-
gine catalyzed by asparaginase from E. coli. The 
basicity of the 4-oxidophenyl group of Tyrosine 25 
in the active site is relayed through a molecule of 
water that removes a hydron from a second mole-
cule of water. This second molecule of water is the 
nucleophile that adds to the acyl intermediate to 
form the tetrahedral intermediate, which has been 
observed in a crystallographic molecular model.973 
The resulting 4-hydroxyphenyl group of Tyrosine 25 
then hydronates the oxygen of Threonine 12 as the 
hydron on the hydroxy group of the tetrahedral 
intermediate, which was the molecule of water, is 
transferred through the intervening molecule of 
water to the 4-hydroxyphenyl group. This transfer 
of a hydron allows the developing oxido group in 
the tetrahedral intermediate to provide push while 
the hydroxy group of Threonine 12 being hydronated 
leaves. In the transition state, a hydron is leaving 
the 4-hydroxyphenyl group as another hydron is 
arriving from the relay, and a hydron is leaving the 
relay as another hydron is arriving. 
 The guanidinio group of Arginine 241 must 
hydronate the oxygen of the glycosidic linkage to 
an a-¬-guluronoyl group while that oxygen is leaving 
during the elimination catalyzed by guluronate-
specific alginate lyase from Paraglaciecola chathamen-
sis.974 Serine 150 must relay the basicity of Lysine 72 
to remove a hydron from Serine 174 while it adds to 
the acyl oxygen of the substrate during the hydrolysis 
catalyzed by 6-aminohexanoate-cyclic-dimer hydro-
lase from Arthrobacter (Equation 4-378). The 
6-ammonio group of Lysine 207 directly hydronates 
the oxygen on carbon 2 of phosphenolpyruvate while 
it leaves phosphorus during the hydrolytic nucleo-
philic substitution at phosphorus that forms the enol 
of pyruvate 

      
                (4-399) 

during the aldol condensation catalyzed by 3-deoxy-
7-phosphoheptulonate synthase from T. maritima.975 
 Glycosidases are enzymes that hydrolyze O-gly-
cosyl oligosaccharides and polysaccharides. In 
most glycosidases, a carboxy group—usually in the 
side chain of a glutamic acid,795,976-983 such as Glu-
tamate 35 in lysozyme (Figure 3-27) from G. gallus, 
but occasionally984 in the side chain of an aspartic 
acid—performs the necessary hydronation of oxygen 
in the alkoxy group in the monosaccharide toward 
the reducing end of the oligosaccharide while it is 
leaving from the acetal or ketal that is the glycosidic 
linkage 

                (4-400) 

The oxygen of the carboxy group is positioned so 
that it forms a hydrogen bond with an sp3-hybridized 
lone pair on the oxygen of the acetal and an 
sp3-hybridized lone pair on the hydroxy group of 
the alcohol that leaves.985 In the absence of hydro-
nation, the alkoxide would have to be the leaving 
group, which would make dissociation difficult. In 
the unoccupied active site of lysozyme, Glutamate 35 
has a pKa of 6.0, and in the unoccupied active site 
of endo-1,4-b-xylanase from B. circulans, Gluta-
mate 172, which hydronates the leaving group in 
this glycosidase,935 has a pKa of 6.7. These values 
are too high for the respective acids to hydronate 
the oxygen of the acetal (pKa = -2) in the ground 
state before it leaves, so it must be the case that 
hydronation occurs as it leaves. 
 In most glycosidases, the leaving group disso-
ciates from the active site and a molecule of water 
takes its place. The carboxylato group on the same 
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glutamate or aspartate then removes a hydron while 
the molecule of water adds nucleophilically, in the 
reverse of Equation 4-400, resulting in retention of 
configuration at the glycosidic carbon.  
 There are also glycosidases, however, that hydro-
lyze oligosaccharides and polysaccharides with inver-
sion of configuration at the glycosidic carbon to 
produce, for example, an a glycoside from a b oligo-
saccharide or polysaccharide.986,987 In these enzymes, 
a catalytic carboxy group from glutamate or aspartate 
still hydronates the leaving group (Equation 4-400), 
but a second carboxylato group acts as a catalytic 
base, performing the necessary removal of a hydron 
from a fixed molecule of water or hydroxy group on 
the opposite side of the glycosidic carbon from the 
leaving group. That molecule of water or that hydroxy 
group adds nucleophilically to the glycosidic carbon 
either during or immediately after dissociation of 
the leaving group and while this other carboxylato 
group is removing one of its hydrons.976,984,988 In at 
least one inverting glycosidase, the required role of 
removing this hydron has been assumed by the 
4-hydroxyphenyl group of a tyrosine rather than a 
carboxylato group.983 
 Oxygen in a carboxy group 

          (4-401) 

is a weak nucleophile, but it is usually already 
unhydronated and anionic at neutral pH. Oxygen 
in a carboxy group is also an excellent leaving group. 
Nevertheless, as a nucleophile and as a leaving 
group, it is usually provided with a catalytic acid–
base by the active site. For example, in phosphatase 
from B. thetaiotaomicron (Figure 3-43), Lysine 188 
provides a hydrogen bond (0.29 nm) to enhance 
the ability of the oxygen in the carboxy group of 
Aspartate 8 to leave the phosphorane that is the 
intermediate in the reaction. The 4-hydroxyphenyl 
group of Tyrosine 163 in cystathionine g-synthase 
from N. tabacum provides a hydrogen bond for the 
oxygen of the succinyl group that leaves from 
O4-succinyl-¬-homoserine (Equation 4-259) as well 
as providing a hydrogen bond for the sulfur of the 
¬-cysteine that leaves from cystathionine in the 
reverse reaction (Equation 4-257).537 

 The oxygen in a carbonyl 

       (4-402) 

an ester 

       (4-403) 

or an amide989 

       (4-404) 

cannot be hydronated by any available catalytic acid 
in an active site. Nevertheless, when it is to become 
a hydroxy group in the product, the oxyanion that 
results from nucleophilic addition to a carbonyl, 
ester, or amide is almost always hydronated by a 
catalytic acid in an active site as it is being formed. 
One of the simplest examples is an oxygen that 
becomes a hydroxy group upon nucleophilic addition 
of a hydride to a carbonyl or acyl carbon catalyzed 
by a dehydrogenase or reductase. For example, in 
the active site of porcine lactate hydrogenase 
(Equation 4-204), Histidine 195 hydronates the 
developing oxyanion while NADH adds a hydride 
to the carbonyl of pyruvate.909 In the active site of 
sorbose reductase from Gluconobacter frateurii, a 
hydron wire culminating in Tyrosine 157 hydro-
nates the developing oxyanion as NADPH adds a 
hydride to the carbonyl of ¬-sorbose.990 In the active 
site of dTDP-glucose 4,6-dehydratase from E. coli, 
however, Tyrosine 160 by itself dehydronates the 
developing carbonyl group as the prosthetic NAD+ 
in the active site removes a hydride from carbon 4 
of dTDP-a-∂-glucose.991 In the active site of human 
glycerol-3-phosphate dehydrogenase (NAD+), the 
ammonio groups from Lysines 120 and 204 form 
hydrogen bonds with the oxygen of the carbonyl in 
glycerone phosphate that is reduced.992 
 When the carbanionic carbon of an enolate, 
enol, or enamine is added to a carbonyl carbon to 
convert it to an alcohol, a catalytic acid is supplied 
to hydronate the oxygen. For example, during the 
aldol condensation between the lysyl enamine of 
glycerone phosphate and ∂-glyceraldehyde 3-phos-
phate, Aspartic Acid 24 in the active site of fructose-
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bisphosphate aldolase (Equation 4-210) from 
T. tenax hydronates the oxygen of the carbonyl in 
∂-glyceraldehyde 3-phosphate that eventually 
becomes the 4-hydroxy group in ∂-fructose 1,6-bis-
phosphate874 

                (4-405) 

Glutamic Acid 49 in the active site of indole-3-
glycerol-phosphate lyase within tryptophan synthase 
(4-122) hydronates the oxygen of the carbonyl of 
glyceraldehyde 3-phosphate (Figure 4-45) that 
becomes a hydroxy group during nucleophilic addi-
tion of the enamine of indole to that carbonyl carbon 
(Equation 4-363). 
 Even when the oxyanion formed from a nucleo-
philic addition is transient and will become an 
unhydronated carbonyl or acyl group in the product, 
a catalytic acid is sometimes provided rather than 
the far more common oxyanion hole. For example, 
in chalcone isomerase from M. sativa (Equa-
tion 4-359), the acidity of Tyrosine 106 is relayed 
through a molecule of water to hydronate the carbonyl 
oxygen during nucleophilic addition to the a,b-unsat-
urated carbonyl;854 in the active site of hydroxy-
methylglutaryl-CoA synthase from S. aureus (Equa-
tion 4-360), Histidine 233 transiently hydronates 
the acyl oxygen of acetoacetyl-SCoA during nucleo-
philic addition of the enolate of acetyl-SCoA (Equa-
tion 4-361);858 and in endothiapepsin from 
C. parasitica (Equation 4-376), Aspartic Acid 32 
hydronates the acyl oxygen of the peptide bond 
during nucleophilic addition of a molecule of water. 
In the nucleophilic addition of a hydride catalyzed 
by human 2,4-dienoyl-CoA reductase (NADPH) 

   
                  (4-406) 

the acyl oxygen of a dienoyl-SCoA, which transiently 
becomes the oxygen of an enol, is hydronated by 
Tyrosine 199 (see 4-125).866 
 Nitrogen 1 of a pyrimidine such as cytosine 
(pKa = 8), uracil (pKa = 10), or thymine can be turned 
into a better leaving group by hydronating the 
carbonylbis(azanediyl) oxygen on carbon 2 

    
                (4-407) 

as in the active site of ribosylpyrimidine nucleo-
sidase from E. coli.993 Furthermore, if an acceptor 
for a hydrogen bond with the hydron on nitrogen 3 
and a donor for a hydrogen bond with the oxygen 
on carbon 4 of uridine (Equation 4-407) are provided 
by the active site, in addition to hydronating the 
oxygen on carbon 2, then these three catalytic acid–
bases increase the concentration of the unstable 
tautomer of uridine in which the ring is an aromatic 
2,4-dihydroxypyrimidinio group.994 This tautomer 
simulates the pyridinio group in an N-alkylpyridinium, 
which is an excellent leaving group. In the case of 
cytidine, all that is needed is to hydronate the oxygen 
on carbon 2 to produce the aromatic 4-amino-
2-hydroxypyrimidinio group. A similar way in which 
an active site can make guanine a better leaving group 
is to hydronate the amido oxygen on carbon 6, as 
does the hydron on the carboxy group of Gluta-
mate 201, which is relayed through a molecule of 
water, in the active site of bovine purine-nucleoside 
phosphorylase.995 
 Oxygen in hydrogen phosphate dianion, 
HOPO3

2- 

  
                (4-408) 

is more nucleophilic than a carboxy group. The pKa 
for its conjugate acid, dihydrogen phosphate 
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monoanion, HOPO3H-, is 7.2, so at neutral pH there 
should be a significant fraction of the phosphate in 
a solution present as the nucleophilic dianion. 
Because the pKa for its conjugate acid is 7.2, hydrogen 
phosphate dianion, without further assistance, is a 
good leaving group from the carbon in a monoan-
ionic hydrogen phosphomonoester, ROPO3H- 

           
                (4-409) 

Because its pKa is around 6.5, at neutral pH a signif-
icant fraction of the phospho group in a phospho-
monoester should be the monoanionic hydrogen 
phosphomonoester 

                (4-410) 

as required. Because a phosphate trianion 
(pKa = 12.3) cannot leave from a completely unhy-
dronated dianionic phosphomonoester, ROPO3

2-, 
which should be the major fraction of a phospho-
monoester at neutral pH, at least one of the two 
nonbridging oxygens in a phosphomonoester must 
be kept hydronated (Equation 4-409) if a phospho 
group is to function as a leaving group. 
 Regardless of the fact that hydrogen phosphate 
dianion by itself is a good nucleophile, a catalytic 
acid–base is usually supplied to orient that oxygen 
by a hydrogen bond and to ensure that the oxygen 
that is the nucleophile is unhydronated, and a 
conjugate base is often supplied to ensure that its 
other hydron (pKa = 12.3) is removed as the nucle-
ophilic substitution proceeds. For example, in the 
active site of glycogen phosphorylase from O. cuni-
culus, phosphate is the nucleophile in a nucleo-
philic substitution at carbon in which it replaces, at 
carbon 1 of a ∂-glucosyl group, the 4-hydroxy 
group of an adjacent ∂-glucosyl group in glycogen, 
poly(a1,4)-∂-glucose. Lysine 574, Arginine 569, and 
an amido nitrogen–hydrogen from the polypeptide, 
by forming hydrogen bonds, ensure that two oxygens 
of the phosphate remain unhydronated during the 
reaction. The remaining, hydronated oxygen of the 
phosphate dianion (Equation 4-408) hydronates 
the leaving 4-hydroxy group of the ∂-glucosyl 
group (0.29 nm) while one of the other, previously 

anionic, oxygens of the phosphate is hydronated, to 
avoid formation of the trianion of phosphate, by 
the phospho group of a prosthetic pyridoxal 
5¢-phosphate (0.27 nm) in the active site as the 
4-hydroxy group of the ∂-glucosyl group leaves to 
form the oxocarbenium ion. The nucleophilic oxygen 
in the resulting dianion of the phosphate, which 
just gave its hydron to the leaving group and which 
remains unhydronated because of hydrogen bonds 
to Lysine 574 and Arginine 569, then adds to the 
oxocarbenium ion at carbon 1 of the other ∂-glucosyl 
group as the phospho group of pyridoxal 5¢-phosphate 
removes the hydron it just added to the phosphate 
to increase the nucleophilicity of the dianion.996 
 Regardless of the fact that hydrogen phosphate 
dianion by itself is a good leaving group (pKa = 7.2), 
from carbon, catalytic acids are usually supplied 
both to hydronate the bridging oxygen leaving 
from a monoanionic phosphomonoester and to 
ensure that at least one of its nonbridging oxygens 
remains hydronated to ensure its ability to leave. 
For example, the imidazolyl groups of Histidine 12 
and Histidine 52 and the carboxy group of Aspar-
tate 11, acting in concert, ensure that the phospho 
group of 1-deoxy-∂-xylulose 5-phosphate in the 
active site of pyridoxine 5¢-phosphate synthase 
from E. coli remains at least monoanionic (Fig-
ure 4-48A), but the imidazolyl group of Histidine 45 
hydronates the phospho oxygen that actually leaves 
(Figure 4-48B). The acidity of a composite acid 
formed from the carboxy group of the substrate 
and the imidazolyl group of Histidine 110 is relayed 
through three molecules of water to the phospho 
oxygen that leaves carbon 3 during the elimination 
catalyzed by chorismate synthase (Equation 4-250) 
from S. pneumoniae.298 In (2E,6E)-farnesyl diphos-
phate synthase (Figure 3-44),515 Lysine 202 provides 
a hydrogen bond to the oxygen of the diphosphate 
that actually leaves from the carbon of geranyl diphos-
phate to produce the methylalkylallyl carbenium ion 
(see Figure 1-26), even though the diphosphate has 
three Mg2+ as ligands. 
 
 The many nucleophilic substitutions at phos-
phorus catalyzed by enzymes almost always involve 
the transfer of a phospho group from one oxygen 
to another oxygen. In many of these instances, one 
or both oxygens are hydroxy groups on carbon or 
one is a hydroxy group on carbon and the other is a 
a hydroxy group on a molecule of water. In these 
cases, a catalytic acid must be provided to hydro-
nate the weakly acidic oxygen that is leaving, and 
a catalytic base must be provided to remove a hydron 
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from the weakly basic hydroxy group while it is 
adding as a nucleophile. For example, the carboxy 
group of Aspartate 13 must hydronate the oxygen 
of serine phosphate while it leaves during the nucleo-
philic substitution at phosphorus catalyzed by 
phosphoserine phosphatase from M. jannaschii 
(Figure 3-56). In many instances, however, one or 
both oxygens are bound to phosphorus. In these 
cases, the conjugate acid of the leaving group or the 
nucleophilic oxygen, or both of them, are respectively 
acidic enough to leave or basic enough to add without 
assistance. Nevertheless, a catalytic acid is often 
provided to hydronate the oxygen that is leaving, 
and a catalytic base is provided to ensure that the 
nucleophilic oxygen is unhydronated. 
 Catalytic acid–bases are provided for the oxygens 
that leave from and add to phosphorus, regardless 
of whether the nucleophilic substitution is associative 
with a phosphorane as an intermediate 

  
                (4-411) 

or dissociative with monomeric metaphosphate as 
an intermediate (see Figure 3-41). As with almost 
all classes of nucleophilic substitution, many if not 
most of the actual transition states fall between the 
two extremes of phosphorane and monomeric 
metaphosphate.  
 The active site of bovine pancreatic ribonuclease 
(Figure 4-46) is a paradigm of the requirements for 
catalytic acid–bases in nucleophilic substitutions at 
phosphorus. In the first step of the reaction, a mole-
cule of RNA is cleaved to produce the 2A,3A-cyclic 
phosphate  

             
                (4-412) 

In the second step, the 2A,3A-cyclic phosphate is 
hydrolyzed 

                (4-413) 

In these two steps, either the intermediates997 are 
fully formed phosphoranes (Equation 4-411),998 as 
they are in the alkaline hydrolyses of uridine 
3¢-phosphate esters in solution,999 or the transition 
states1000,1001 are phosphoranes with partial bonds at 
their axial positions. It is most likely that both of 
them are intact phosphoranes because, as in nucleo-
philic substitutions at phosphorus in solution that 
proceed through intermediate phosphoranes,1002 all 
three oxygens involved in the two successive nucleo-
philic substitutions in the active site of ribonuclease, 
the two hydroxy groups and the molecule of water, 
are weak bases. 
 In the two halves of the full hydrolysis, the 
roles of the two catalytic acid–bases at the axial 
positions are switched. During the first half (Equa-
tion 4-412), the imidazolyl group of Histidine 119 
((+)NH in Equation 4-411) hydronates the leaving 
5A-hydroxy group (Figure 4-46), and the 6-ammonio 
group of Lysine 41 (9O(-) in Equation 4-411) re-
moves the hydron from the 2A-hydroxy group that 
adds nucleophilically to the phosphorus. During 
the hydrolysis of 2A,3A-cyclic phosphodiester (Equa-
tion 4-413), the 6-ammonio group of Lysine 41 
((+)NH in Equation 4-411) hydronates the leaving 
2A-hydroxy group (Figure 4-46), and the imidazolyl 
group of Histidine 119 (9O(-) in Equation 4-411) 
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removes the hydron from the molecule of water 
that adds nucleophilically to phosphorus. When 
Lysine 41 is replaced by cysteine, the rate constant 
k0 Km

-1 for hydrolysis of RNA catalyzed by the enzyme 
decreases by a factor of 100,000;1003 and when His-
tidine 119 is replaced by alanine, it decreases by a 
factor of 8000.1004 
 From the crystallographic molecular model for 
the complex between bovine pancreatic ribonuclease 
and the vanadyl analogue of the phosphorane (Fig-
ure 4-46), a crystallographic molecular model from 
neutron diffraction of the same complex,152 a crystal-
lographic molecular model of the complex between 
bovine pancreatic ribonuclease and uridine 5A-phos-
phate,1005 a crystallographic molecular model of the 
complex between bovine pancreatic ribonuclease and 
uridine 3A-phosphate,1006 and the pH-rate behavior 
of the enzyme (Figure 4-11), the following description 
of the two nucleophilic substitutions at phosphorus 
performed by the active site of pancreatic ribonu-
clease can be formulated.* 
 The reactant ribonucleic acid (Equation 4-412) 
enters the active site with the two nonbridging 
oxygens on the phosphodiester that will be cleaved 
sharing, as usual, the equivalent of a charge number 
of -1, and they remain at that charge number until 
the reaction commences. Before the first nucleo-
philic substitution at phosphorus, the imidazolio 
group on Histidine 119 must be hydronated as the 
cationic conjugate acid, the imidazolyl group on 
Histidine 12 must be unhydronated as the neutral 
conjugate base, and the ammonio group on Lysine 41 
must be hydronated as the conjugate acid. Before 
addition of the nucleophile itself commences, one 
of the nitrogen–hydrogen bonds of the cationic 
ammonio group on Lysine 41 forms a hydrogen 
bond with one of the two lone pairs of electrons on 
the oxygen of the 2A-hydroxy group from the ribose 
in the 5A-nucleotide; the unhydronated lone pair of 
electrons on the proximal nitrogen of the neutral 
imidazolyl group on Histidine 12 forms a hydrogen 
bond with the hydrogen of the same 2A-hydroxy 
group;1005 and the nitrogen–hydrogen bond of the 
cationic imidazolio group of Histidine 119 forms a 
hydrogen bond with the leaving 5A-oxygen from the 
ribose in the 3A-nucleotide esterified to the phos-
pho group at which the cleavage will occur. The 
hydron in the hydrogen bond between the neutral 
imidazolyl group on Histidine 12 and the 2A-hydroxy 
group moves from oxygen to nitrogen at the same 
time that the hydron in the hydrogen bond between 

																																																								
*While you proceed through the discussion, view Figure 4-46. 

the ammonio group on Lysine 41 and the 2A-hydroxy 
group moves from nitrogen to oxygen. The now-
cationic imidazolio group on Histidine 12 swings 
away from the 2A-hydroxy group,* and its nitrogen–
hydrogen bond forms a hydrogen bond (Fig-
ure 4-46) with one of the lone pairs of electrons on 
the closest of the two nonbridging oxygens of the 
phospho group.1006 
 The empty lone pair of electrons on the 2A-hydroxy 
group from the ribose in the 5A-nucleotide, which 
was released as the imidazolio group of Histidine 12 
swung away, adds nucleophilically to phosphorus. 
The bond between this oxygen and phosphorus 
forms at the same time that the hydron in the hydro-
gen bond between this oxygen and the amino group 
of Lysine 41 is moving from oxygen to nitrogen 
(first step in the reverse of Equation 4-411) and the 
hydron in the hydrogen bond between the imidazolio 
group of Histidine 12 and the nonbridging oxygen is 
moving from nitrogen to oxygen. Formation of the 
covalent bond between the oxygen at the 2A-position 
on the ribose in the 5A-nucleotide and phosphorus 
produces the phosphorane (the intermediate in 
Equation 4-411). The two axial oxygens of the 
phosphorane are the oxygen at the 2A-position of 
the ribose in the 5A-nucleotide and the oxygen at 
the 5A-position of the ribose in the 3A-nucleotide. 
The three equatorial positions are occupied by the 
two nonbridging oxygens, one of which has been 
hydronated by the imidazolio group of Histidine 12, 
and the oxygen at the 3A-position on the ribose in 
the 5A-nucleotide (Figure 4-46). 
 In the phosphorane (Equation 4-411), the neu-
tral imidazolyl group of Histidine 12 is forming a 
hydrogen bond with the nearest neutral, hydronated 
equatorial oxygen of the phosphorane; the cationic 
ammonio group of Lysine 41 is forming a hydrogen 
bond with the uncharged oxygen at the 2A-position 
on the ribose in the 5A-nucleotide that is at one 
axial position in the phosphorane; and the cationic 
imidazolio group of Histidine 119 is forming a 
hydrogen bond with the uncharged oxygen that is 
about to leave the 5A-position of the ribose in the 
3A-nucleotide at the other axial position in the 
phosphorane. 
 The next step is dissociation of the phosphorane. 
As the bond between phosphorus in the phosphorane 
and the 5¢-oxygen of the ribose of the leaving nucleo-

																																																								
*It has also been proposed that the imidazolyl group of Histi-
dine 12 remains hydrogen-bonded to the 2¢-oxygen and is the 
catalytic base that dehydronates it, rather than Lysine 41.1007 
This proposal, however, disagrees with the disposition of cata-
lytic acid–bases in the vanadyl complex. 
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tide is breaking, the hydron in the bond between 
the imidazolio group of Histidine 12 and the equa-
torial oxygen is moving from oxygen to nitrogen, and 
the hydron in the hydrogen bond between the imidaz-
olio group of Histidine 119 and the 5¢-oxygen is mov-
ing from nitrogen to oxygen. Consequently, when 
the bond between oxygen and phosphorus has 
broken, there is now a hydrogen bond between the 
neutral imidazolyl group of Histidine 119 and the 
5A-hydroxy group from the ribose in the 3A-nucleotide. 
The 3A-fragment of RNA departs from the active site 
as one product of the reaction (Equation 4-412) 
because it is no longer attached covalently to phos-
phorus. 
 At this point, the other product is the nucleoside 
2A,3A-cyclic phosphate (Equation 4-412). Its nega-
tively charged nonbridging oxygen forms a hydrogen 
bond with the cationic imidazolio group of Histi-
dine 12 (Figure 4-11), and the uncharged oxygen 
from the 2A-position of its ribose forms a hydrogen 
bond with the cationic ammonio group of Lysine 41. 
Forget for the moment that this cyclic nucleotide 
can leave the active site at this point and enter the 
active site of another molecule of pancreatic ribo-
nuclease. 
 A molecule of water enters the active site and 
occupies a location identical to the location that 
had been occupied by the 5A-hydroxy group from 
the ribose in the 3A-nucleotide that just left, and 
one of its two hydrons forms an identical hydrogen 
bond to the lone pair of electrons on the nitrogen 
of the neutral imidazolyl group of Histidine 119 
(Figure 4-11). At this point the roles of the amino 
group of Lysine 41 and the imidazolyl group of 
Histidine 119 reverse. The nucleoside 2A,3A-cyclic 
phosphate still has one of its negatively charged, 
nonbridging oxygens forming a hydrogen bond to 
the cationic imidazolio group of Histidine 12 and 
the uncharged oxygen from the 2A-position of its 
ribose forming a hydrogen bond to the cationic 
ammonio group of Lysine 41. As the bond between 
phosphorus and the oxygen of water that will become 
an axial oxygen in the second phosphorane is form-
ing, the hydron in the hydrogen bond between the 
imidazolio group of Histidine 12 and the nonbridging 
oxygen is moving from nitrogen to oxygen, and the 
hydron in the hydrogen bond between that molecule 
of water and the imidazolyl group of Histidine 119 
is moving from oxygen to nitrogen. 
  When the axial bond has formed and the 
phosphorane occupies the active site, there is a 
hydrogen bond between the cationic imidazolio 
group of Histidine 119 and one of the lone pairs of 

electrons of the hydroxy group that was in the mole-
cule of water but is now one of the axial oxygens of 
the resulting phosphorane. The other axial oxygen 
of the phosphorane is the 2A-oxygen of the ribose. 
The three equatorial positions are occupied by the 
two nonbridging oxygens and the oxygen at the 
3A-position of the nucleotide (Figure 4-46). In the 
phosphorane, the neutral imidazolyl group on Histi-
dine 12 forms a hydrogen bond with the nearest 
hydronated, neutral nonbridging oxygens of the 
phosphorane; and the cationic ammonio group on 
Lysine 41 forms a hydrogen bond with the uncharged 
oxygen at the 2A-position of the ribose in the phos-
phorane.152 
 The next step is dissociation of the phosphorane. 
As the bond between the phosphorus and the 
2A-oxygen of the ribose is breaking, the hydron in 
the hydrogen bond between the neutral oxygen at 
the 2A-position and the nitrogen of the cationic 
ammonio group of Lysine 41 is moving from nitrogen 
to oxygen, and the hydron in the hydrogen bond 
between the imidazolyl group of Histidine 12 and 
the nonbridging oxygen is moving from oxygen to 
nitrogen. When the dissociation of the 2A-oxygen is 
complete, there is a hydrogen bond between the 
anionic nonbridging oxygen of the phospho group 
on the 3A-oxygen of the ribose and the cationic 
imidazolio group of Histidine 12, and there is also a 
hydrogen bond between the now 2A-hydroxy group 
of the ribose and the amino group of Lysine 41. The 
overall reaction is now complete. 
 Transfer of the hydron in the hydrogen bond 
from the ammonio group of Lysine 41 to the 
2A-oxygen that is leaving during the hydrolysis of 
uridine 2A,3A-cyclic phosphate occurs at the point 
on the reaction coordinate at which the pKa for the 
conjugate acid of that oxygen equals the pKa for the 
ammonio group. In the phosphorane, the pKa for 
the conjugate acid of the 2A-oxygen in the hydrogen 
bond to the ammonio group of Lysine 41 is less 
than 0. After the 2A-oxygen has become the 2A-hydroxy 
group in a hydrogen bond to the amino group of 
Lysine 41 following its dissociation from phosphorus, 
the pKa is around 14. Consequently, as the reaction 
proceeds along the reaction coordinate in the direc-
tion of dissociation of the 2A-oxygen from phosphorus, 
the hydrogen bond between the ammonio group 
(pKa @ 11) and 2A-oxygen increases in enthalpy of 
formation by about -1.3 kJ mol-1 for each unit of 
increase in pKa for the congugate acid of the 
2A-oxygen, until its pKa equals than of the ammonio 
group.1008 There is no additional increase in enthalpy 
of formation when the pKa for the ammonio group 
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is equal to that of the conjugate acid of the 
oxygen,1009,1010 especially because the two hetero-
atoms are different. The increase in enthalpy of 
formation of this hydrogen bond as the reaction 
moves along the reaction coordinate lowers the 
height of the transition state relative to the ground 
state and promotes catalysis. 
 This increase in enthalpy of formation of a 
hydrogen bond as the reaction progresses, however, 
also occurs during general acid catalysis in aqueous 
solution. Consequently, it cannot be a factor in 
explaining the increase in the rate of reaction in the 
active site relative to that same reaction under general 
acid catalysis in solution because the same effect is 
operating in each situation. Furthermore, one would 
expect that this increase in enthalpy of formation due 
to the increasing strength of the hydrogen bond as 
the reaction proceeds along the reaction coordi-
nate would be diminished by changing the catalytic 
acid—in the case of pancreatic ribonuclease, the 
ammonio group—to an acid of lower pKa. This 
expected decrease, however, must be less than the 
increase in rate that would be caused by the increased 
acidity of the conjugate acid because rates of reac-
tions in solution always increase as one general acid 
catalyst is replaced by another that is a stronger acid. 
The larger the Brønsted coefficient of the reaction 
is, the larger is this increase in rate. The increase in 
enthalpy of formation of the hydrogen bond cannot 
appreciably increase the rate of the reaction in the 
active site relative to the same reaction under general 
acid catalysis in water, and this increase in enthalpy 
is not so consequential as the absolute acidity of 
the acid catalyst. These two facts apply to any 
transfer of a hydron within a hydrogen bond during 
acid or base catalysis that is coincident with formation 
and dissociation of covalent bonds while passing 
along a reaction coordinate in an active site or in 
solution. 
 The other requirement for catalytic acid–bases 
in the transition state or transition states of a nucleo-
philic substitution at phosphorus 

 

in addition to the requirements at the nucleophile 
and the leaving group (the acid–bases OH and SH), 
is manifest at the equatorial oxygens on phosphorus 
in the intermediate or the transition state. A phos-

phorane (4-145) and a monomeric metaphosphate 
sandwiched between two hydroxy groups (4-146) 
are the two extremes in a spectrum of transition 
states or intermediates in a nucleophilic substitution 
at phosphorus. When a phospho group is transferred 
between two poor leaving groups, such as two hydroxy 
groups on alkyl carbons or a hydroxy group on carbon 
and water (as in pancreatic ribonuclease), a phospho-
rane will usually be the intermediate, or there will 
be a transition state closely resembling a phospho-
rane. When a phospho group is transferred between 
two good leaving groups, such as two nucleoside 
diphosphates or a nucleoside diphosphate and a 
carboxylate, monomeric metaphosphate will usually 
be the intermediate, or there will be a transition 
state closely resembling monomeric metaphosphate. 
In the former instance, the leaving group is too 
poor an acid to leave before the nucleophile adds; 
in the latter instance, the leaving group is such a 
good acid that it leaves before the nucleophile can 
add. 
 In the former case, a phosphomonoester or 
phosphodiester becomes a monoanionic phospho-
rane (4-146) or its equivalent. A phosphorane is 
required to be at least a monoanion because the 
pKa of a fully hydronated phosphorane is around 9 
and because the oxyanion must be present to push 
out one or the other of the leaving groups at its axial 
positions. When the nucleophile adds to a phospho-
ester to create a phosphorane, it pushes a negative 
elementary charge out onto one of the oxygens, 
which is the automatic origin of the one negative 
elementary charge in the phosphorane. Consequently, 
the conjugate acid, (+)NH in 4-145, of at least one 
acid–base is required to hydronate the inescapable 
oxyanion on the phosphomonoester (pKa1 between 
1 and 2) or phosphodiester (pKa also between 1 and 
2). This hydronation also guarantees that the phospho 
group is electrophilic either before or during the 
nucleophilic addition of a weak nucleophile. The 
same acid–base is required to guarantee that the 
phosphorane is dehydronated either before or while 
the poor leaving group departs from it to increase 
the push on phosphorus. In pancreatic ribonuclease, 
which has both phosphodiesters and phosphomono-
esters as substrates, the acid–base that performs 
this role of hydronating and dehydronating a non-
bridging oxygen is Histidine 12. When this histidine 
is mutated to alanine1004 rather than simply being 
carboxymethylated, the rate constant k0 Km

-1 for the 
enzymatic reaction decreases by a factor of 17,000. 
While a phosphodiester must enter the active site 
as the monoanion, a phosphomonoester can enter 
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the active site as either a monoanion or dianion. If 
the phosphomonoester (pKa2 @ 6) enters the active 
site as a monoanion, then only that one acid–base 
is required at one of the equatorial oxygens, but if it 
enters as a dianion, a second acid–base is required 
so that both anionic oxygens can be hydronated 
during the nucleophilic addition. 
 In the latter case, a phosphomonoester becomes 
a monoanionic monomeric metaphosphate or its 
equivalent. Monomeric metaphosphate (pKa @ -11) 
must always be monoanionic, and there must be 
the equivalent of an oxyanionic hole to accommodate 
the anion. Either a phosphomonoester must enter 
the active site as the unhydronated dianion or there 
must be a catalytic acid–base, (-)N” in 4-146, in the 
active site to remove the hydron from the hydro-
nated monoanion. Because the next step in the 
nucleophilic substitution at phosphorus is usually 
equivalent to the first step in reverse, either the 
product of the nucleophilic substitution must be 
the unhydronated dianion or there must be a cata-
lytic acid–base responsible for hydronating it to 
give a monoanionic product. Because it must always 
be monoanionic, monomeric metaphosphate cannot 
be an intermediate in a nucleophilic substitution at 
phosphorus in a phosphodiester. 
 Acetate kinase from Methanosarcina thermo-
phila1011 is one of the enzymes most likely to have 
monomeric metaphosphate for an intermediate, 
and both acetyl phosphate (pKa for the monoanion 
is around 1) in one direction and MgATP2- in the 
other direction enter the active site unhydronated. 
The crystallographic molecular model for the active 
site of arginine kinase, however, strongly indicates 
that the nucleophilic substitution at phosphorus 
must pass through monomeric metaphosphate 
(Figure 3-41).814 In this case, one equatorial oxygen 
of monomeric metaphosphate participates in hydro-
gen bonds with the guanidinio group of an arginine 
and the amido group of an asparagine, each of the 
other two oxygens participates in a hydrogen bond 
with one of the guanidinio nitrogens of the same 
arginine, and one of these two oxygens is also a ligand 
to the Mg2+ that entered the active site on MgATP2-. 
These ligands form an extensive cationic oxyanion 
hole. The lack of a catalytic acid–base at the equa-
torial oxygens suggests that one is unneeded. Rather, 
the arginines surrounding the phospho group that 
participates in the nucleophilic substitution ensure 
that both arginine phosphate (pKa for the monoan-
ionic phosphoramidate is 9.6) and MgATP2- enter 
the active site as dianions at the phospho group in-
volved in the reaction. In the active site of adenylate 

kinase from E. coli,603,606 which transfers a phospho 
group between a monophosphate and a diphosphate 
and should pass through monomeric metaphosphate, 
the equatorial oxygens accept hydrogen bonds from 
two guanidinio groups of two arginines. 
 In other instances, the catalytic acid–bases 
that form hydrogen bonds to equatorial oxygens 
are the 6-ammonio groups of lysine,1012-1020 which 
are competent catalytic acid–bases; or the guanidinio 
groups of arginines,1021-1024 one or more guanidinio 
groups and a metallic dication,1025 or two or more 
metallic dications,1026 all of which are unlikely cata-
lytic acid–bases. It has been shown, however, that 
although catalytic acid–bases provided for the 
equatorial oxygens increase rates of the respective 
enzymatic reactions, they do not seem to change 
the degree to which the nucleophilic substitution at 
phosphorus is associative or dissociative.1027 
 
 The slowest and most difficult hydron to remove 
or add is a hydron on carbon. In the reaction cata-
lyzed by 3-phosphoshikimate 1-carboxyvinyltrans-
ferase (Equation 4-321; Problem 4-26) from E. coli, 
the 5-hydroxy group of shikimate 3-phosphate is 
added to phosphoenolpyruvate, and hydrogen phos-
phate is eliminated from the resulting adduct1028,1029 

                (4-414) 

In both the elimination that takes place in the second 
step in the forward direction of Equation 4-414 and 
the elimination that takes place in the first step in 
reverse, a hydron is removed from a methyl carbon 
that is not adjacent to a carbonyl or an acyl carbon, 
probably the least acidic carbon–hydrogen bond in 
enzymatically catalyzed reactions. This remarkable 

O O

COO–

H
H

COO–

“O
H
H

2–O3PO

”
H

”

“:
H

H

O

O

2–O3PO

HH

H

”OH

O

“N
OPO3

2–

COO–
HH “O

–O ” N
OPO3

2–HH
H

O O
H

O O
H O–O

”O”
H

”

O

N
HH

H

COO–

O
–O

+  HOPO3
2–HO

COO–

2–O3PO

1

1

(

(

Asp 313
Glu 341

Lys 22

”

4 –147



Catalytic Acid–Bases in Crystallographic Molecular Models 
 

1279 

feat in each elimination from tetrahedral interme-
diate 4-147, however, is performed by the 4-hydroxy 
group of shikimate 3-phosphate, the oxygen of which 
is only 0.31 nm from the methyl carbon of the enol 
pyruvyl group in tetrahedral intermediate 4-147.1029 
In each elimination, this hydroxy group relays the 
basicity of the anionic carboxylato group of Aspar-
tate 313. The same 4-hydroxy group, now relaying 
the acidity of the neutral carboxy group of Aspar-
tate 313, must also accomplish the difficult hydro-
nation of the methylene carbon of phosphoenol-
pyruvate during the addition that takes place in the 
first step in the forward direction, and it must hydro-
nate the methylene carbon of the carboxyvinyl group 
in the addition that takes place in the second step 
in reverse.702,1030 Another example of the ability of 
an active site to remove a hydron from a methyl 
carbon that is not adjacent to a carbonyl or acyl 
carbon is the removal of the hydron from the methyl 
group of S-adenosyl-¬-methionine by the active 
site of carboxy-S-adenosyl-¬-methionine synthase 
from E. coli.1031 
 3-Phosphoshikimate 1-carboxyvinyltransferase 
and carboxy-S-adenosyl-¬-methionine synthase are 
two of the few exceptions, however, to the rule that 
when a hydron is removed from carbon by a cata-
lytic base in the active site, that hydron is removed 
from a carbon immediately adjacent to a carbonyl 
carbon, acyl carbon, imido carbon, or imine or from 
a carbon conjugated to one of these groups, and 
addition of a hydron to carbon is to a carbon in an 
enol or enolate or to an enamine or to the carbon in 
a carbon–carbon bond conjugated to an enol, enolate, 
or enamine. 
 The hydron on a carbon immediately adjacent 
to a carbonyl carbon, acyl carbon, imido carbon, or 
imine is acidic, and its acid dissociation constant is 
usually in a reasonable range (Figure 1-23) that 
widely encompasses the acid dissociation constant 
for a hydroxy group. Nevertheless, the slowest and 
most difficult transfer of a hydron in biochemical 
reactions is the transfer of a hydron from and to 
carbon, for reasons already discussed in the first 
chapter. Removal of an acidic hydron from carbon 
is slow and difficult even for a base as strong as 
hydroxide, and addition of a hydron to nucleo-
philic carbon is also slow and difficult even for an 
acid as strong as hydronium. Hydroxide is a stronger 
base and hydronium is a stronger acid than any of 
the catalytic acid–bases available in an active site.  
 The kinetic difficulty of removing a hydron 
from carbon, and the fact that the Brønsted coeffi-
cient for general bases that remove a hydron from 

carbon in solution is 0.8,1032-1034 would suggest that 
only the strongest bases available are used by an 
enzyme for this role. This expectation has proven to 
be mistaken. Almost every catalytic base available 
has been chosen at one time or another for what 
natural selection seems to find a simple task. For 
example, to remove a hydron from carbon, a carbox-
ylato group is used by triose-phosphate isomerase 
(Figure 3–37), by tryptophan synthase (4–122),863 
by hydroxymethylglutaryl-CoA synthase (Equation 
4–361), and by urocanate hydratase (Figure 4–50); a 
6-amino group is used by phosphopyruvate hydratase 
(Figure 4-43) and the enzymes that are related to it 
(Equations 4-126 and 4-266 through 4-269); an 
imidazolyl group is used by mandelate racemase 
(Equation 4-126) and its cousin glucarate dehydratase 
(Equation 4-266); an imidazolyl group and a carbox-
ylato group are used by pyridoxine 5A-phosphate 
synthase (Figure 4-48); and a 4-oxidophenyl group 
is used by chondroitin AC lyase from P. aurescens 
(Equation 4-358 and Figure 4-44). There are many 
examples of carboxylato groups of aspartates and 
glutamates, formally the weakest bases available, 
that remove hydrons from carbon,1035-1037 as well 
as imidazolyl groups of histidines,226,876,925,1038,1039 
sulfido groups of cysteines,652,654,1040-1042 4-oxido-
phenyl groups of tyrosines,761,1043 6-amino groups of 
lysines,1044-1046 amino-terminal a-amino groups 
(4-53),1047-1049 and even guanidinio groups of ar-
ginines.943,1050,1051 
 In the reverse direction of each removal of a 
hydron from carbon, a hydron is added to the carbon 
from which it is removed in the forward direction, 
so each catalytic acid–base has been chosen by 
natural selection for both roles. Addition of a hydron 
to carbon is so difficult that it is also surprising that 
all these catalytic acids are capable of accomplishing 
this role effectively, rather than only the most acidic. 
A choice of the most acidic catalytic acid, however, 
for addition of a hydron to carbon would mean that 
the least basic catalytic base had been chosen for 
removal of a hydron from carbon in the other direc-
tion. The solution to this conundrum is to remember 
that the only relevant ability of a catalytic acid–base 
is its ability to lower the standard free energy of 
formation of the transition state for the step in 
question, and by microscopic reversibility, the same 
transition state is passed through in either direction. 
 In the active site of fumarate hydratase (Equa-
tion 4-226) from M. tuberculosis, the alkoxide of 
Serine 318, conveniently stabilized in a classic oxy-
anion hole, removes the hydron from carbon 3 of 
(S)-malate (Figure 4-27).464 In the active site of the 
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related ethylenediamine‐N,N¢‐disuccinate lyase from 
Chelativorans, the alkoxide of Serine 280, within a 
homologous sequence of amino acids1052 and also 
stabilized in a classic oxyanion hole, removes the 
hydron from carbon 3 of one of the succinyl groups 
in ethylenediamine‐N,N¢‐disuccinate.1053 An alkoxide 
is a strong base. Nevertheless, each hydroxy group 
is forced up against the carbon–hydrogen bond so 
strongly (0.32 and 0.30 nm, respectively, between 
carbon and oxygen) by the oxyanion hole that there 
is no space to accommodate an atom larger than its 
oxygen. When Serine 318 in fumarate hydratase 
from M. tuberculosis is mutated to cysteine, the 
enzyme is inactivated. The cysteinate anion would 
be a satisfactory base, but the sulfur is too large 
(0.36 nm compared to 0.30 nm for oxygen). This ra-
ther unusual use of the alkoxide of serine as the 
catalytic base that removes a hydron from carbon 
is found in the large family of enzymes of which 
fumarate hydratase and ethylenediamine‐N,N¢‐disuc-
cinate lyase are members.1052 
 Rather than acting directly as a catalytic base, 
the basicity of the side chain of an amino acid,513 a 
base on a substrate,1054 or a base on a prosthetic 
group in the active site1055 can also be relayed 
through the neutral hydroxy group of threonine or 
serine or through a molecule1056 or two molecules 
of water.1057 When this occurs, a lone pair of electrons 
on a neutral hydroxy group or molecule of water, 
which is even less basic than one on a carboxylato 
group, can nevertheless formally remove a hydron 
from carbon. In the active site of 1,4-dihydroxy-
2-naphthoyl-CoA synthase from E. coli, a bicarbonate, 
bound in the active site from solution, acts as a cata-
lytic base that removes a hydron from carbon.275 
 During the dehydration catalyzed by 2-oxo-
4-carboxy-3-hexenedioate hydratase from Sphin-
gobium, the carboxy group of Glutamate 284 in the 
active site forms a hydrogen bond with the 4-hydroxy 
group in (4S)-2-oxo-4-carboxy-4-hydroxyhexane-
dioate, the substrate that dominates the equilibrium 
for this addition–elimination within the active site 
in the crystallographic molecular model (Figure 
4-29),487 and the carboxy group is responsible for 
hydronating this hydroxy group in the direction of 
elimination. It is also the only catalytic acid–base in 
the vicinity of the hydron on carbon 3, which is 
removed during the dehydration, so it must also be 
responsible for this dehydronation. One might 
think that the reaction could be concerted, with the 
carboxy group adding a hydron to the hydroxy group 
while it removes the hydron from carbon 3, but this 
concerted removal would require that the acyl oxygen 

in the carboxy group (pKa = -7) act as the base that 
removes a hydron from carbon because the other 
oxygen in the carboxy group has to be hydronated 
to add a hydron to the hydroxy group. The reaction 
could be stepwise, but the first step must be removal 
of the hydron from carbon 3 by the basic unhydro-
nated carboxylato group to produce the enolate. For 
both steric reasons and a consideration of hydrogen 
bonding, however, it seems that the now-carboxy 
group could not flip over, carrying the hydron with 
it, to hydronate the hydroxy group. It is also possible 
that only one oxygen of the carboxy group is involved 
in a transfer of the hydron from carbon 3 to the 
hydroxy group because the oxygen forming the 
hydrogen bond to the hydroxy group is the same 
distance (0.34 nm) from carbon 3 as the other oxygen, 
but the angle between it and carbon 3 is much less 
appropriate for the transfer of a hydron. Each oxygen 
of the carboxy group, however, forms hydrogen 
bonds to a molecule of water, and each fixed mole-
cule of water is in direct contact with the solution. 
Consequently, it is also possible that hydron on the 
carboxy group that was just removed from carbon 3 
to form the enolate is shuttled into the solution 
while a hydron is shuttled from the solution onto 
the other oxygen of the carboxy group so that it can 
hydronate the hydroxy group. This example illus-
trates the fact that it is often difficult to be sure of 
how hydrons move during what seems to be a simple 
reaction, even when a crystallographic molecular 
model of high accuracy for the complex between an 
unmutated active site and the full complement of 
substrates at equilibrium is available. 
 It may be the case that the basicities of the various 
side chains, when they are acting as catalytic bases 
in active sites that remove a hydron from carbon, 
are much more similar to each other than the acid 
dissociation constants of their conjugate acids in 
solution would suggest. There may well be shifts in 
pKa caused by the lower relative permittivity of the 
surroundings after the active site has closed around 
its substrates, isolating them and one of these cata-
lytic bases from the high relative permittivity of the 
surrounding water. Anionic carboxylato groups 
become neutral when they remove a hydron from 
carbon, and neutral amino and guanidino groups 
become cationic when they remove a hydron from 
carbon. Consequently, in an environment of low 
relative permittivity, carboxylato groups of aspartates 
and glutamates are more basic, and amino groups 
of lysines and guanidino groups of arginines are 
less basic than they are in water. Such shifts in the 
values of pKa for the conjugate acids would explain 
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the low pKa for the catalytic lysine (pKa = 6.0) in the 
active site of acetoacetate decarboxylase from 
C. acetobutylicum938 and the high pKa for the cata-
lytic glutamic acid (pKa = 6.7) in the active site of 
endo-1,4-b-xylanase. Carboxylato groups, amino 
groups, and guanidino groups are the outliers in 
the complete spectrum of basicity, so they would 
require the most adjustment, but the low relative 
permittivity of an active site also would make an 
imidazolyl group less basic (as is does to an amino 
or guanidino group) and would make a 4-oxidophenyl 
group more basic (as it does to a carboxylato group).* 
 When a hydron is removed from carbon adjacent 
to a carbonyl or acyl carbon, an enolate or enol is 
formed 

        
                (4-415) 

The enzyme always provides a mechanism to stabi-
lize an enolate, either by providing hydrogen bonds 
from within an oxyanion hole for the oxyanion of 
the enolate or by hydronating the enolate on its 
oxyanion while it is being formed to produce the 
enol. It is possible that the enolate can be stabilized 
sufficiently that the rate for removal of a hydron 
from the a carbon by a mediocre base can be signifi-
cantly increased. As has already been mentioned, 
however, the carbonyl oxygen (pKa = -7) or acyl 
oxygen (pKa = -6) cannot be hydronated to improve 
the acidity at carbon before the enolization proceeds. 
 The enolate 

																																																								
*In the case of a 4-oxidophenyl group, however, the effect of the 
relative permittivity would be diminished because the negative 
charge would be delocalized  over the ring. 

               (4-416) 

that is the intermediate in the reaction catalyzed by 
steroid D-isomerase 

                (4-417) 

is produced by removal of the hydron from carbon 4 
of the 3-oxo-D5-steroid that is the reactant, the carbon 
adjacent to the carbonyl group. This intermediate 
illustrates the issues addressed by natural selection 
when stabilizing an transient enolate. Either the 
enolate (Equation 4-416) or the enol can be formed 
when a hydron is removed from carbon 4 of the 
steroid (pKa = 12.8) by Aspartate 40 in the active site 
of the enzyme from P. putida.1058 In the next step of 
the reaction, the enolate or enol is hydronated on 
carbon 6. The pKa for the conjugate acid of the oxy-
anion in the enolate is 10.5 (Figure 1-23). If a strong 
acid were used to stabilize this intermediate enolate 
by hydronating its oxyanion while it was being 
formed to produce the enol, the weak conjugate 
base of that acid would not provide much kinetic 
assistance in dehydronating the hydroxy group of 
the enol in the second step when the hydron is being 
added to carbon 6 to form the a,b-unsaturated 
ketone,* and addition of a hydron to carbon would 
also be difficult. If a weak acid were used, such as 
an oxyanion hole, the oxyanion of the enolate 
would not be hydronated during removal of the 
hydron from carbon in the first step, but the enolate 
formed in the first step would be stabilized only by 
one or more hydrogen bonds from weak acids. 

																																																								
*The conversion of an enol to its keto form is almost always 
exergonic and therefore requires little thermodynamic assistance, 
but the issue in catalysis is kinetic assistance. 
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 Consequently, in stabilizing any enolate formed 
from a reactant, which then returns to a carbonyl in 
the product, a compromise must be made between 
creating an enol by hydronation of the carbonyl or 
acyl oxygen as the hydron is removed from carbon 
and forming hydrogen bonds to the oxyanion of the 
enolate that results from dehydronation. If the enolate 
is hydronated as the hydron is removed from carbon, 
the act of removing the hydron gets the maximum 
kinetic assistance. If one or more donors of hydrogen 
bonds are provided, the return to the oxo group in 
the second step is less difficult because it does not 
require dehydronation of the enol. The conjugate 
acids of most oxyanions of enolates have a pKa in 
the range 8–12 (Figure 1-23). Consequently, depend-
ing on the requirements of the reaction, it is not diffi-
cult for the enzyme either to hydronate the enolate 
or to provide a hole for its oxyanion. In the case of 
steroid D-isomerase, the hydron that must be removed 
from carbon is fairly acidic (pKa = 12.8), and the oxy-
anion of the enolate is formed from an oxo oxygen 
that must return to an oxo oxygen in the second 
step of the reaction. 
 The active site of steroid D-isomerase seems to 
compromise. In the active site of steroid D-isomerase 
from P. putida, the 3-oxo group of the ketosteroid 
that is the reactant accepts hydrogen bonds from 
the carboxy group of Aspartate 103 and the 
4-hydroxyphenyl group of Tyrosine 16.1059,1060 The 
4-hydroxy group of Tyrosine 16 is the proximal 
hydroxy group of a composite acid–base formed 
from 4-hydroxy groups of three tyrosines,1061 but it 
is surrounded by three methyl groups from three 
methionines on one side and a valine and an iso-
leucine on the other,1060 which should significantly 
raise its pKa. The pKa for the carboxy group of Aspar-
tate 103 is greater than 9,1062 probably because it is 
surrounded by the side chains of the same three 
methionines, a phenylalanine, a valine, and an ala-
nine. The values of pKa for both Tyrosine 16 and 
Aspartate 103, although perhaps higher, are in the 
vicinity of the pKa for the enol (10.5). It seems as 
though, in this instance, natural selection may have 
matched values of pKa for the enol, the carboxy group, 
and the 4-hydroxyphenyl group. Consequently, it is 
difficult to decide if the 4-hydroxyphenyl group or 
the carboxy group in the complex with the oxyanion 
of the dienolate hydronates the enolate to stabilize 
it while it is being formed or if these two catalytic 
acids simply create an oxyanion hole that provides 
two hydrogen bonds to the enolate to stabilize it. 
 The active site of steroid D-isomerase from 
P. putida binds various phenolates, in part by 

providing an oxyanion hole formed by the carboxy 
group of Aspartate 103 and the 4-hydroxyphenyl 
group of Tyrosine 16 into which the respective 
phenolate oxyanion inserts.1063 Phenols with values 
of pKa up to 9.7 occupy this oxyanion hole as the 
respective phenolates, and their oxygens are not 
hydronated by the oxyanion hole. These observations 
suggest that the intermediate is the enolate (Equa-
tion 4-416). If, however, the pKa of Tyrosine 16 is 
lowered by replacing it semisynthetically in turn 
with one of three fluorotyrosines, there is no statis-
tically significant change in either the catalytic con-
stant or the specificity constant for estr-5(10)-ene-
3,17-dione.1064 These observations suggest that the 
intermediate, even when the tyrosine is unmodified, 
is the enol. 
 There is another way to look at this situation. 
Before Aspartate 40 removes the hydron from 
carbon 4, which is the difficult step in the reaction, 
its carboxylato group bears a delocalized negative 
elementary charge. After the hydron is removed, 
that negative elementary charge is either delocal-
ized in the enolate, delocalized over the ring of the 
4-oxidophenyl group of Tyrosine 16, or delocalized in 
the carboxylato group of Aspartate 103, depending 
on which is the more stable tautomer of the active 
site occupied by the intermediate. It may well be 
that the choice between these delocalized options 
is determined by the relative permittivity in the 
immediate vicinity of each possible anion. 
 The hydron on carbon 4 of a 3-oxo-D5-steroid 
(Equation 4-417) is a particularly acidic hydron 
because its dissociation creates an enolate conjugated 
to a carbon–carbon double bond (Equation 4-416). 
Most hydrons on carbons adjacent to a carbonyl or 
acyl carbon are much less acidic. In such cases, the 
decision whether or not the enolate should be 
hydronated during removal of the hydron should 
be influenced by this poor acidity. Consider the 
dehydronation of the a carbon of ethyl acetate 

      
                (4-418) 
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If the acyl oxygen is not hydronated, the pKa for the 
adjacent carbon–hydrogen bond is 25.6, but if the 
oxygen is first hydronated, its pKa is 11.1. Hydronation 
leads to a dramatic increase in acidity. In solution, 
of course, the pH at which the acyl oxygen is hydro-
nated (pH < -7.4) and the pH at which the carbon 
of the hydronated ester has dissociated a hydron to 
form the enol (pH > 11.1) are so different from one 
another that these two steps cannot occur in the 
order of hydronation followed by dehydronation, 
even though such a scenario explains in part the 
specific acid catalysis of aldol condensations involving 
ethyl acetate. 
 On an active site, where there is no pH, if a 
catalytic acid forms a hydrogen bond to the car-
bonyl or acyl oxygen and a catalytic base is placed 
adjacent to the carbon–hydrogen bond, and if the 
active site waits long enough, the oxygen can be 
hydronated before the hydron is removed. The 
question is whether or not the wait is longer than 
the wait necessary for the transition state to be 
achieved by hydronating the oxygen while the hy-
dron is being transferred to the catalytic base. If 
the wait to hydronate the carbonyl or acyl oxygen is 
too long, the obvious advantage of hydronating the 
oxygen before the hydron is transferred (Equation 
4-418) is nevertheless the reason that hydronating 
the oxygen while the hydron is being transferred is 
advantageous, just not so advantageous as hydro-
nating it first, if that were even possible. 
 In triose-phosphate isomerase from S. cerevisiae 
(Equations 4-46 and 4-55 and Figure 3-37), either 
Lysine 11 or Histidine 94 probably hydronates the 
2-oxo group of glycerone phosphate and Histidine 
94 probably hydronates the 1-oxo group of glycer-
aldehyde 3-phosphate during removal of the hydron 
from either carbon 3 or carbon 2, producing the 
respective enol as the intermediate. These assign-
ments are reasonable because these two hydrons 
are difficult to remove (Figure 1-23) and because 
one of the oxygens is eventually going to leave the 
active site as a hydroxy group on the product anyway. 
 In the active site of pyridoxine 5A-phosphate 
synthase, a hydron is removed from carbon 4 of 
one of the intermediates (step v in Figure 4-47), 
and as the hydron is removed from carbon, the 
4A-hydroxy group of the intermediate (Figure 4-48B) 
probably relays a hydron from the imidazolyl group 
of Histidine 45 through an oxygen of the phospho 
group to hydronate the developing oxyanion while 
the hydron is removed, because removal of the hydron 
from carbon is also difficult in this instance. During 
removal of a hydron from carbon 6 (step vi in Fig-

ure 4-47), the 4A-hydroxy group of the intermediate 
(Figure 4-48B) again relays a hydron from the imidaz-
olyl group of Histidine 45 through an oxygen of the 
phospho group to hydronate the developing oxyanion 
either while the hydron is being removed from carbon 
or immediately after it has been removed, because 
the oxygen becomes a hydroxy group in the product. 
 In the active site of citrate (Si)-synthase (Equa-
tion 4-224, Problem 4-23) from G. gallus, Aspartate 
375 removes a hydron from the methyl group of the 
substrate, acetyl-SCoA,462,1065 so that its enol can 
participate in the aldol condensation with the car-
bonyl of oxaloacetate that produces citrate. Histi-
dine 274 simultaneously hydronates the acyl oxygen 
of acetyl-SCoA as the hydron is removed to give the 
enol of acetyl-SCoA, which is the intermediate in 
the enzymatic reaction.1066 
 In 2-hydroxymuconate tautomerase (Equation 
4-317), however, the guanidinio group of Argi-
nine 39 probably just provides a hydrogen bond to 
create an oxyanion hole for stabilizing the enolate 
formed during removal of the hydron from carbon 3 
of the substrate by the amino-terminal proline of the 
enzyme (4-53). In this instance, again, the hydron 
is quite acidic (pKa @ 13) because its dissociation 
creates an enolate conjugated to a carbon–carbon 
double bond and the oxyanion in the enolate is not 
basic enough to remove a hydron from a guanidinio 
group (Figure 1-23). In the active site of hydroxy-
methylglutaryl-CoA synthase from S. aureus (Equa-
tion 4-361), the oxyanion of the enolate of acetylated 
Cysteine 111, even though the cysteinyl thioester is 
much less acidic at carbon (pKa = 21), is also stabi-
lized not by hydronation but by a hydrogen bond 
from an amido nitrogen–hydrogen of the polypep-
tide backbone and perhaps a hydrogen bond—if 
formation of such a hydrogen bond is even possi-
ble—from the acidic hydron on acetoacetyl-SCoA.858 
The oxyanion of the enolate remains unhydronated 
(the pKa of the enol is 8) and becomes an acyl oxygen 
after nucleophilic addition of the carbanionic carbon 
to acetoacetyl-SCoA. In the active site of allantoin 
racemase from K. pneumoniae, the oxyanion of the 
enolate of allantoin is stabilized by a classic oxyanion 
hole formed from two amido nitrogen–hydrogens 
pointed directly at the oxygen.1042 
 There are instances in which hydronating an 
enolate is clearly counterproductive. For example, 
during the reaction catalyzed by phosphoenolpyruvate 
carboxykinase1067 
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                (4-419) 

the enolate formed upon decarboxylation of oxalo-
acetate must remain nucleophilic at its oxygen in 
order to add to the g-phospho group of MgATP2-, 
so instead of being hydronated, it is coordinated to 
a Mn2+ so that it retains most of its nucleophi-
licity.1068,1069 
 Because of its excess negative charge, one of the 
most difficult enolates to produce is the gem-enedi-
olate produced by removal of a hydron (pKa @ 33; 
Figure 1-23) from a carbon adjacent to a carboxyla-
to group 

       (4-420) 

Hydronating one of the two oxygens prior to removal 
of the hydron is the equivalent of turning a carboxylato 
group into an ester, so hydronation of one oxygen 
lowers the pKa for the acidic carbon by more than 
7 units (Figure 1-23). It follows that at least one 
oxygen of an incipient gem-enediolate should be 
hydronated by a catalytic acid in the active site and 
forced to stay hydronated before removal of the 
hydron from the a carbon. For example, in the active 
site of porcine aconitate hydratase (Figure 3-52), 
the 3-carboxylato group of isocitrate becomes the 
gem-enediolate upon removal of a hydron from 
carbon 3 of isocitrate during the elimination that 
turns isocitrate into cis-aconitate. The 3-carboxylato 
group is hydronated by a molecule of water 
(0.29 nm) that is a ligand to a hexacoordinate1070 
Fe2+ in the prosthetic [4Fe-4S] iron–sulfur cluster 
in the active site of the enzyme.1054 This molecule 
of water, although it is itself a competent catalytic 
acid (pKa = 10), relays a hydron from the imidazolyl 
group (0.26 nm) of Histidine 167 or the carboxy 
group of Aspartate 165 (0.26 nm) so that it remains 
a molecule of water. The fact that the hydron is 
added to the oxygen in an orientation normal to the 
plane of the 3-carboxylato group causes the hydro-
gen bond between the resulting hydronated oxygen 
of the carboxy group and the molecule of water on 

Fe2+ to be parallel to the p molecular orbital system 
of the carbon–oxygen double bond to the other oxygen 
of the carboxy group. This disposition ensures that 
there is no conjugation between the hydronated 
oxygen and the carbon–oxygen double bond, so 
that it becomes the equivalent of a simple carbonyl 
group or thioester, which also lowers the pKa for 
the a carbon significantly (Figure 1-23). 
 The conjugate acid of the remaining oxyanion in 
a gem-enediolate produced by removing a hydron 
on the carbon adjacent to a now-neutral carboxy 
group has a pKa around 7 (Figure 1-23) so that it can 
be hydronated or it can be stabilized by a hydrogen 
bond or an oxyanion hole, depending on the situation. 
In the case of porcine aconitate hydratase, the other 
oxygen is in an oxyanion hole formed from two amido 
nitrogen–hydrogens from two peptide bonds (0.29 
and 0.30 nm) and the hydroxy group of Serine 642 
(0.29 nm). 
 In the active site of ulvan lyase from Altero-
monas, one oxygen of the carboxylato group that is 
to become a gem-enediolate on the oligosaccharide 
that is the substrate forms a hydrogen bond with 
the imidazolyl group of Histidine 144, which prob-
ably hydronates the carboxylato group before the 
hydron is removed from the a carbon by the imidaz-
olyl group of Histidine 123 to form the gem-enedio-
late and initiate the elimination catalyzed by the 
enzyme.1071 The two oxygens of the carboxylato 
group also form hydrogen bonds with the two 
w-nitrogen–hydrogens of the guanidinio group of 
Arginine 236. These hydrogen bonds to the cationic 
guanidinio group should provide even more stabili-
zation to the monoanionic gem-enediolate after it 
forms following hydronation of the carboxylato 
group by the imidazolyl group. 
 It most cases, however, it seems that active sites 
are not so logical. For example, in the active site of 
chondroitin AC lyase from P. aurescens (Equation 
4-358 and Figure 4-44), one of the oxygens of the 
carboxy group that becomes the gem-enediolate does 
accept a hydrogen bond from the imidazolyl group 
of Histidine 233, which at first glance seems to be a 
catalytic acid. The two oxygens of the carboxylato 
group, however, participate in two hydrogen bonds 
(0.27 and 0.31 nm) with the carbamoyl group of 
Asparagine 183. In the map of electron density, it 
cannot be determined which atom in the carbamoyl 
group is nitrogen and which is oxygen. If the amido 
group of the carbamoyl group forms the hydrogen 
bond (0.31 nm) with the oxygen that forms a hydro-
gen bond with the imidazolyl group, which is the 
choice made by the authors, then the acyl oxygen 
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of the carbamoyl group must form the hydrogen 
bond (0.27 nm) with the other oxygen of the carbox-
ylato group, which must have been hydronated before 
that hydrogen bond formed because a hydrogen 
bond must have a hydron. In this instance, the oxygen 
of the carboxylato group that forms a hydrogen 
bond with the imidazolyl group could be hydronated 
by the imidazolyl group either in the ground state 
or in the transition state to form the enediol. If, 
however, the acyl oxygen of the carbamoyl group 
forms the hydrogen bond with the oxygen that 
forms a hydrogen bond with the imidazolyl group, 
then that oxygen of the carboxylato group must be 
hydronated, but the hydron must be directed toward 
the carbamoyl oxygen rather than the imidazolyl 
group. In addition, the imidazolyl group must be 
the imidizolium because a hydrogen bond requires 
a hydron, and that hydron must be on the nitrogen. 
In this instance, the amido group of the carbamoyl 
group must form a hydrogen bond with the other 
oxygen of the carboxylato group, which is probably 
not hydronated. In neither case does a catalytic acid 
hydronate one oxygen of the anionic carboxylato 
group prior to enolization, even though either dispo-
sition does guarantee that it becomes hydronated.  
 The gem-enediolate in the active site of proline 
racemase from Trypanosoma cruzi is stabilized in two 
oxyanion holes that together provide four peptide 
amido nitrogen–hydrogens and the hydroxy group 
of threonine as donors for two hydrogen bonds to 
one oxygen and three hydrogen bonds to the other.1072 
A similar arrangement of two oxyanion holes, in 
which there are two hydroxy groups and an amido 
nitrogen–hydrogen for each oxyanion, is found in 
the active site of fumarate hydratase from M. tuber-
culosis (Figure 4-27) and other members of the 
family of homologous enzymes to which it be-
longs.464,1052 In both cases, it is possible that one 
oxygen on the gem-enediolate is a strong enough base 
to remove the hydron from one of these donors, 
which all have values of pKa between 14 and 15, 
while the hydron is being removed from carbon, but 
this remains unlikely (Figure 1-23). If neither oxygen 
removes a hydron from a donor, then the active site 
removes a hydron from a carbon a to a carboxylato 
group without hydronating one of its oxygens prior 
to removal of the hydron or on the approach to the 
transition state. It has been suggested that one way 
the active site of these enzymes could stabilize the 
gem-enediolate instead of hydronating it would be 
to hold the carbon and the two oxygens of the 
carboxy group and the two adjacent carbons of the 
respective substrate in the same plane. 

 Formation of a hydrogen bond between a rea-
sonably strong catalytic acid and the oxygen in a 
carbonyl or acyl group should lower the pKa for the 
hydron on the a carbon (Equation 4-418). Never-
theless, even for the more acidic a carbons with 
fairly low values of pKa, removal of their hydrons, 
even by a base as strong as hydroxide, is slow and 
difficult. Likewise, even for the more basic carbons 
in enols, enolates, and enamines, the conjugate acids 
of which have fairly high values of pKa, addition of 
a hydron, even by an acid as strong as hydronium, 
is slow and difficult. These observations in solution 
beg the question of how an active site is able to 
remove a hydron rapidly from carbon, even a poorly 
acidic carbon, or to add a hydron rapidly to carbon, 
even a poorly basic carbon, with such ease, even 
with the relatively weak catalytic bases and acids 
that it generally uses. One explanation is that steric 
effects engendered by the active site compress the 
catalytic base or the catalytic acid against the carbon–
hydrogen bond or the trigonal carbon, respectively, 
to bring the complex closer to the transition state 
for transfer of the hydron. 
 In crystallographic molecular models of enzy-
matically active complexes between the active site 
and a complete complement of substrates at equi-
librium within an enzyme that removes a hydron 
from and adds a hydron to a carbon, the distance 
between that carbon and the heteroatom of the 
base that removes the hydron or the acid that adds 
the hydron is usually shorter than the sum (0.38–
0.41 nm) of the van der Waals radii of hydrogen 
(0.115 nm); the heteroatom, oxygen (0.15 nm), nitro-
gen (0.16 nm), or sulfur (0.18 nm); and the length of 
a carbon–hydrogen bond (0.11 nm). For example, 
for the enzymatically active complex of triose-
phosphate isomerase from S. cerevisiae and glyc-
erone phosphate (Equations 4-46 and 4-55 and 
Figure 3-37), the distance between the oxygen of 
the carboxylato group and the carbon is 0.31 nm; 
for the enzymatically active complex of phospho-
pyruvate hydratase from S. cerevisiae (Figure 4-43), 
the distance between the nitrogen of the amino 
group and the carbon is 0.32 nm; for the enzymati-
cally active complex of chondroitin AC lyase from 
P. aurescens (Equation 4-358 and Figure 4-44), the 
distance between the oxygen of the 4-hydroxyphenyl 
group and the carbon is 0.29 nm; for the enzymati-
cally active complex of hydroxymethylglutaryl-CoA 
synthase from S. aureus (Equation 4-361), the distance 
between the oxygen of the carboxylato group and 
the carbon is 0.30 nm;858 for the enzymatically active 
complex of fumarate hydratase from M. tuberculosis 



Transfer of Hydrons 
 

1286 

(Figure 4-27), the distance between the oxyanion of 
Serine C319 and the carbon is 0.32 nm;464 and for 
the enzymatically active complex of pyridoxine 
5A-phosphate synthase from E. coli (Figure 4-48B), 
the distance between the oxygen of the carboxylato 
group and the carbon is 0.37 nm. In the active site 
of an enzymatically inactive mutant of 3-phospho-
shikimate 1-carboxyvinyltransferase (Equation 4-321; 
Problem 4-26) from E. coli and its tetrahedral inter-
mediate, the distance between the hydroxy group 
of the intermediate and the carbon from which it 
remove a hydron (Equation 4-414) is 0.31 nm.1029 
 In a crystallographic molecular model of the 
complex between steroid D-isomerase (Equa-
tion 4-417) from C. testosteroni and androst-4-ene-
3,17-dione,1073 which is one substrate of the enzy-
matic reaction, the distance between the carboxylato 
oxygen of Aspartate 38 and carbon 4, the carbon 
from which this oxygen removes a hydron from the 
reactant androst-5-ene-3,17-dione or adds a hydron 
to the product androst-4-ene-3,17-dione to give the 
intermediate enolate, is 0.27 nm. There are at least 
29 crystallographic molecular models of complexes 
between steroid D-isomerase from P. putida 
(32% identity; 1.6 gap percent) and equilenin, an 
analogue of the intermediate dienol (Equa-
tion 4-416) in which the A and B rings are an aro-
matic 2-hydroxynaphthyl group. In these models, 
the distances between the oxygen of Aspartate 38, 
responsible for transferring the hydron between 
carbons 4 and 6, and the carbon analogous to carbon 4 
varied between 0.31 and 0.36 nm, and the distances 
between the oxygen and carbon 6 varied between 
0.30 and 0.38 nm.1074 All these distances are less than 
the distance of van der Waals contact (0.39 nm) 
expected for a hydrogen on an oxygen and the 
p molecular orbital system of a naphthyl group 
(0.17 nm).1075 Consequently, in these complexes 
that resemble the acceptor of the hydron by the in-
termediate in the addition, rather than the donor of 
the hydron by the substrate in the elimination, the 
catalytic acid is also compressed against the carbon.  
 One caveat concerning such conclusions about 
these apparent compressions is that the positions 
in a particular crystallographic molecular model of 
the carbon and the heteroatom between which a 
hydron is transferred may not be defined with suffi-
cient accuracy to support them. In the collection of 
29 crystallographic molecular models of complexes 
between steroid D-isomerase from P. putida and 
equilenin, the mean deviation of the position for 
both the oxygen atom of Aspartate 103 and the oxygen 
atom of Tyrosine 16, which together form the oxy-

anion hole for the dienolate, from their mean position 
in the aligned models is only 0.02 nm.1074 These 
two oxygens do not have to move during the enzy-
matic reaction, and they are remarkably fixed in 
position by the methionines, the valine, the isoleucine, 
the phenylalanine, and the alanine that surround 
them as well as the strands of polypeptide, and this 
steric confinement is reflected in the crystallographic 
molecular models. The side chain of Aspartate 40, 
like the side chain of Glutamate 164 in the active 
site of triose-phosphate isomerase (Equations 4-46 
and 4-55 and Figure 3-37), has to transfer a hydron 
between carbons 4 and 6 of the substrate, which are 
even farther apart. Consequently, the mean deviation 
of the position for the oxygen atom of the carboxy 
group in Aspartate 103 that transfers the hydron 
from its mean position in the aligned models is 
0.1 nm. Nevertheless, the oxygen is never more 
than 0.38 nm from both carbons and usually signif-
icantly less. The oxygen, in turn, is confined within 
these boundaries by the side chains of an alanine, a 
phenylalanine, a valine, and a methionine that 
surround it. All these considerations suggest that 
the distances observed in crystallographic molecular 
models between a catalytic acid–base and the carbon 
from which it adds or removes a hydron are accurate 
descriptions of the compression applied by the active 
site to facilitate the transfer of the hydron to or from 
the carbon. 
 The oxygen of the carboxylato group of Aspar-
tate 103 is compressed against carbon 4 in the 
complex between the active site of steroid D-isomerase 
from C. testosteroni and androst-4-ene-3,17-dione 
in part by a steric interaction (0.36 nm) between its 
other oxygen and the methyl group of Alanine 114. 
When Alanine 114 is mutated to glycine, a mutation 
that eliminates the methyl group (0.15 nm) and 
relieves the compression, the value of the catalytic 
constant for the reactant estr-5(10)-ene-3,17-dione 
decreases by a factor of 225.1076 For comparison, 
when Tyrosine 16 in steroid D-isomerase from 
P. putida was mutated to phenylalanine or when 
Aspartate 103 was mutated to leucine, the catalytic 
constants for the reactant estr-5(10)-ene-3,17-dione 
decreased by factors of 17,000 and 230. These are 
the two catalytic acid–bases that stabilize the inter-
mediate enolate by directly providing hydrogen 
bonds or an oxyanion hole to its oxygen rather than 
engendering a steric effect. 
 It is hard to avoid the conclusion that all these 
observations of distances less than van der Waals 
contact represent an intentional compression of the 
heteroatoms of the catalytic acid–bases against the 
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respective carbon–hydrogen bonds accomplished 
by steric effects within the active site. In solution, 
there are large differences between rates for the 
transfer of a hydron between two heteroatoms and 
rates for the transfer of a hydron between a carbon 
atom and a heteroatom. It has been argued that a 
significant portion of this difference results from 
the fact that in the former instance a preexisting 
hydrogen bond decreases the distance between the 
two heteroatoms, and hence the barrier to hydron 
transfer, while no such decrease can occur in the latter 
instance in which a hydrogen bond cannot form.1077 
Consequently, compressing the distance between 
the heteroatom of a base and the carbon atom by 
an active site should accomplish much the same 
thing that is accomplished in solution by a hydro-
gen bond, and it should significantly accelerate the 
otherwise slow transfer of a hydron from carbon. It 
has also been proposed, however, that hydrogen 
bonds can actually form between an acidic carbon–
hydrogen bond and a heteroatom.1078 If such a 
hydrogen bond can form, then the short distances 
observed could be the result of their formation, a 
process that should achieve the same objective. 
 In the transition state for transfer of a hydron 
from carbon to a heteroatom, the distance between 
carbon and heteroatom is significantly shorter than 
the distance between these two atoms upon their 
van der Waals contact in the ground state. For exam-
ple, it has been calculated that in the transition 
state for transfer of a hydron from carbon 2 of 
∂-glyceraldehyde 3-phosphate to the oxygen of the 
catalytic carboxy group in the active site of triose-
phosphate isomerase (Equations 4-46 and 4-55 
and Figure 3-37), the distance between carbon and 
oxygen should be 0.27 nm; and in the transition 
state for transfer of a hydron from carbon 3 of glycer-
one phosphate to the oxygen of the carboxy group, 
the distance between carbon and oxygen should 
also be 0.27 nm.1079 These two distances are less than 
the compressed distance (0.31 nm) observed in the 
crystallographic molecular model of the enzyme 
while it is catalyzing its reaction. Nevertheless, the 
enzyme has compressed the distance from that of 
van der Waals contact (0.38 nm) in the direction of 
the transition state, and this compression would be an 
example of the use of strain to catalyze the reaction. 
 
 In crystallographic molecular models of com-
plexes between enzymes and substrates or analogues 
of intermediates in an enzymatic reaction, there 
are also many instances of hydrogen bonds between 
two heteroatoms that are shorter than expected. 

For example, in the enzymatically active complex 
of triose-phosphate isomerase (Figure 3-37), the 
distance between the t nitrogen of Histidine 94 and 
the 2-oxo group of the substrate is 0.26 nm; in the 
complex between steroid D-isomerase (Equa-
tion 4-417) from P. putida and equilenin, a phenolic 
analogue of the actual dienol intermediate in the 
enzymatic reaction (Equation 4-416), the distance 
between the oxygen of the 4-oxidophenyl group of 
Tyrosine 16 and the phenolic oxygen of the analogue 
is 0.25 nm, and the distance between the oxygen in 
the carboxy group of Aspartate 103 and the same 
phenolic oxygen on the analogue is also 0.25 nm;712 
and in a complex between penicillopepsin from 
Penicillium janthinellum and an analogue of the 
tetrahedral intermediate in the enzymatic reaction, 
the distance between an oxygen of Aspartate 33 
and an oxygen of the analogue is 0.24 nm.1080 In the 
complex between bovine chymotrypsin and an 
analogue of the tetrahedral intermediate in the 
enzymatic reaction, the distance (0.26 nm) between 
the p nitrogen of Histidine 57 and the oxygen in the 
carboxy group of Aspartate 102 within the imidazolyl-
carboxy composite acid–base (Equation 4-134) is 
thought to be shorter than that of an unconstrained 
hydrogen bond.1081-1083 One explanation for the 
shorter lengths in complexes between active sites 
and analogues for intermediates in the enzymatic 
reactions is that these complexes are unnatural and 
the analogues necessarily contain atoms of a different 
type in place of one or more of the atoms in the 
natural intermediate. These differences will produce 
steric effects not present in the natural intermediate 
that could cause the observed shortening. 
 One almost always unexamined question, 
however, relevant to these observations of short 
hydrogen bonds is what would be the uncon-
strained lengths of these specific hydrogen bonds. 
Most tabulated values for the lengths of uncon-
strained hydrogen bonds are those between two 
acids or between two bases. For example, the 
lengths of hydrogen bonds1084 between two car-
boxylic acids are 0.26 ± 0.1 nm, those between two 
phenols are 0.27 ± 0.1 nm, those between the nitro-
gen–hydrogen of an amide and the acyl oxygen of 
the same amide are 0.29 ± 0.1 nm, and those be-
tween two amines are 0.31 ± 0.1 nm. In all these in-
stances, the difference between the pKa of the 
donor and the pKa of the acceptor is large. For ex-
ample, in the hydrogen bond between two carbox-
ylic acids, the pKa of the donor is around 5 while 
the pKa of the acceptor is around -6, and in the hy-
drogen bond between two amines, the pKa of the 
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donor is around 40 while the pKa of the acceptor is 
around 10. 
 It is known, however, that hydrogen bonds 
between an acid as a donor and the conjugate base 
of that acid as an acceptor, in which the difference 
in pKa between donor and acceptor is 0, are about 
0.02–0.03 nm shorter1085 than the hydrogen bonds 
between two molecules of the same conjugate acid 
or the same conjugate base. For example, the bond 
length for the hydrogen bond between an amine 
and its ammonium is around 0.28 nm. The bond 
length for the hydrogen bond between a phenol and 
its phenolate anion is around 0.245 nm. This distance 
is almost identical to the length of the hydrogen 
bond between the phenolic oxygen of Tyrosine 103 
and the phenolate oxygen of equilenin in the active 
site of steroid D-isomerase, two phenols of almost 
the same pKa. The bond length for a carboxylic acid 
and its conjugate base is also around 0.245 nm. 
This distance is almost identical to the bond length 
(0.248 nm) between the carboxy group of Aspartate 
103 and the phenolate oxygen of equilenin,712 two 
oxygens also with closely matched values of pKa, 
and it is also almost identical to the bond length of 
the hydrogen bond between Aspartate 24 and Aspar-
tate 15 in the crystallographic molecular model of 
human protein deglycase DJ-1, which was thought 
to be shorter than expected.1086 In an extensive 
compilation of the lengths of hydrogen bonds in 
small molecules in solution and in crystallographic 
molecular models,1087 it was shown that the length 
of the bonds decreased linearly with the difference 
in pKa between donor and acceptor, reaching a 
minimum when the pKa of the donor was equal to 
the pKa of the conjugate acid of the acceptor. For 
hydrogen bonds between two oxygens, the length 
decreased from 0.29 nm to a minimum of 0.245 nm; 
for hydrogen bonds between nitrogen and oxygen, 
the length decreased from 0.30 nm to a minimum 
of 0.255 nm; and for hydrogen bonds between two 
nitrogens, the length decreased from 0.31 nm to a 
minimum of 0.27 nm,* in agreement with the earlier, 
far more limited compilation.1085 
 Although unconstrained bond lengths for even 
one of the short hydrogen bonds observed in crystal-
lographic molecular models between a native active 

																																																								
*In all the instances that were tabulated, there was no obvious 
discontinuous decrease in the length of hydrogen bonds when 
the difference in pKa reached 0, and consequently there is 
no evidence for shorter, stronger "low-barrier" hydrogen bonds 
in this situation, just as there was no obvious decrease in the 
dissociation constant of a hydrogen bond in the same situation.1009 

site and its substrates or an analogue of an interme-
diate or between two side chains within a protein 
cannot be ascertained, it is likely that they are almost 
the same as those observed in the molecular model, 
and the conclusion that active sites or protein mole-
cules often compress hydrogen bonds between two 
heteroatoms may be mistaken. 
 Some of these bond lengths for hydrogen bonds 
between two heteroatoms, however, may actually 
be shorter than the unconstrained length. In a 
compilation1086 of all the hydrogen bonds in the 
Protein Data Bank between a carboxylato group and 
a carboxy group on the side chains of aspartates 
and glutamates, which are usually hydrogen bonds 
between an acid and its conjugate base, 85% of these 
hydrogen bonds were longer than 0.245 nm, but 
15% were shorter than 0.245 nm. The most likely 
explanation for these shorter-than-unconstrained 
hydrogen bonds in the native structures of these 
proteins, as well as those observed between substrates 
and analogues of intermediates and catalytic acid–
bases, is adventitious steric compression. The almost 
impossible process of folding a polypeptide to form 
an active site in which catalytic groups are properly 
arrayed around the associated substrates cannot 
always accommodate hydrogen bonds of uncon-
strained length. Some pushing, pulling and shoving 
must take place. In fact, there are more hydrogen 
bonds in these complexes that are longer than the 
unconstrained length than there are hydrogen bonds 
that are shorter, but the longer ones go unremarked. 
To compress a hydrogen bond by 0.02 nm decreases 
its strength by only around 3 kJ mol-1, which is only 
about 15% of its energy of formation.1088 A shortening 
of another 0.01 nm would result in a further loss of 
only 4 kJ mol-1. 
 Adventitiously compressed hydrogen bonds 
between heteroatomic donors and acceptors 
should be less stable than if they were uncom-
pressed, but the compression may nevertheless 
accelerate transfer of the hydron between donor 
and acceptor, a possibility that has been dwelled 
upon. In most cases, however, transfer of a hydron 
between two heteroatoms is extremely rapid (Fig-
ure 1-1), and unless the difference in pKa between 
donor and acceptor is remarkably large, no accel-
eration should be required. Consequently, any 
acceleration arising from the observed compression 
should be inconsequential to natural selection. 
 The donors and acceptors for hydrogen bonds 
on the molecules of water, side chains, and poly-
peptide backbone within an active site that partici-
pate in hydrogen bonds with substrates and with 
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transition states for the enzymatic reaction are usually 
identified by crystallographic molecular models. 
These functional groups form direct, unambiguous 
contacts with substrates that can be observed unam-
biguously in models of appropriate complexes. They 
unquestionably participate in either the association 
of substrates with the active site or catalysis itself. 
Other adjacent functional groups that do not make 
direct contact with substrates but that may partici-
pate in catalysis can also be identified in molecular 
models. One way in which such action at a distance 
can be performed is electrostatically. It seems to be 
the case that, in addition to positioning donors and 
acceptors for hydrogen bonds, enzymatic active 
sites also position charged side chains to produce 
appropriate electrostatic fields that stabilize the 
transition state and thereby increase the rate of the 
enzymatic reaction. 
 
 Electrostatic catalysis is enhancement of the 
rate of a reaction that results from the electrostatic 
field created by the formal elementary charge of 
one or several nearby functional groups. For example, 
the transition state of the reaction catalyzed by 
chorismate mutase (Equation 4-218) involves a 
separation of charge (Figure 1-30). The separation 
of charge creates a dipole, and any electrostatic 
field that stabilizes the dipole will stabilize the tran-
sition state and increase the rate of the enzymatic 
reaction. In an analogue of the transition state in 
chorismate mutase, the ether oxygen in bicyclic 
ether 

 

accepts hydrogen bonds from the ammonio group 
of a lysine and the carboxy group of a glutamate in the 
crystallographic molecular models of its complexes 
with the chorismate mutases from S. cerevisiae1089 
and from E. coli.1090 The former hydrogen bond 
would position the ammonio group of the lysine 
adjacent to the oxygen 

 

in each substrate for the enzyme, chorismate and 
prephenate. In chorismate mutase from M. tubercu-
losis, the ether oxygen in 4-148 accepts hydrogen 
bonds from the ammonio group of a lysine and the 
amido group of a glutamine.1091 
 Because the ether oxygen of the analogue is at 
the location at which the negative charge is concen-
trated in the transition state, it has been proposed 
that the positive elementary charges of these lysines 
stabilize the transition state electrostatically. The 
hydrogen bonds from these electropositive donors 
suggest that in the transition state for this reaction, 
as expected, the bond between the oxygen and the 
allyl carbon is dissociating heterolytically and that 
the oxygen, therefore, increases in negative charge 
as the transition state is approached. 
 In the chorismate mutase from B. subtilis, which 
is unrelated to the aforementioned chorismate mu-
tases and hence a test of this proposal, Arginine 90 
is at the same location in the crystallographic molec-
ular model of the complex between the enzyme and 
bicyclic ether 4-148 as the lysine in the other en-
zymes. This arginine is the donor in the only hydro-
gen bond to the ether oxygen in the analogue of the 
transition state, and it also forms a hydrogen bond 
to the carboxy group of the analogue.1092 Again, 
these two hydrogen bonds would position the 
guanidinio group of the arginine adjacent to the 
oxygen 

 

in each substrate for the enzyme, chorismate and 
prephenate. When this arginine is replaced by site-
directed mutation with a citrulline (4-151), which 
is isosteric to arginine but lacks the positive ele-
mentary charge, the value for rate constant k0 Km

-1 
decreases by a factor of 50,000.1093 In crystallo-
graphic molecular models of 4–148 complexed with 
the mutated enzyme and with the unmutated enzyme, 
citrulline superposes precisely with arginine1094 
and forms the same two hydrogen bonds (4-151) 
as arginine. These observations are consistent with 
the conclusion that the catalytic role of arginine in 
the native enzyme is to stabilize electrostatically the 
charge developing on the oxygen in the transition 
state (Figure 1-30) rather than simply to provide 
hydrogen bonds. 
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 If, during hydrolysis of the acetal in the glyco-
sidic linkage by the active site of lysozyme, the true 
intermediate is an oxocarbenium ion because the 
nearby anionic carboxylato group of Aspartate 52 is 
sterically prevented from adding to the carbon of 
the oxycarbenium ion despite sitting next to it, then 
the carboxylato group is stabilizing the oxocarbenium 
ion electrostatically. It has been proposed that the 
oxocarbenium ion that is an intermediate in the 
hydrolysis of poly(ADP-ribose) by poly(ADP-ribose) 
glycohydrolase from Thermomonospora curvata is 
stabilized electrostatically by the anionic, non-
bridging oxygen on the a-phospho group of the 
ADP-∂-ribosyl leaving group. In the crystallographic 
molecular model of the complex between the enzyme 
and ADP-∂-ribose,1095 this anionic oxygen is only 
0.41 nm away from oxygen 4¢ in the ribosyl ring, which 
is the oxygen onto which formal positive elementary 
charge in the oxocarbenium ion is delocalized. The 
anionic oxygen on the a-phospho group is held 
firmly and is unable to approach any closer than 
0.45 nm to carbon 1¢ of ADP-∂-ribose, so it cannot 
stabilize the oxocarbenium ion covalently. 
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Problem 4-36: 3-Dehydro-¬-gulonate-6-phosphate 
decarboxylase from E. coli catalyzes the reaction 

 

in which a carboxy group is replaced by a hydron. 
 
 (A) Write a mechanism for this reaction that pro-

ceeds through a cis-enediol intermediate.  
 
 When the enzymatic reaction is run in 2H2O with 
the wild-type enzyme, both ¬-(1S)-[1-2H]xylulose 
and ¬-(1R)-[1-2H]xylulose are produced in a 2:1 molar 
ratio. When the enzymatic reaction is run in 2H2O 
with a mutant in which Glutamate 112 has been 
changed to glutamine and Histidine 136 has been 
changed to alanine, ¬-(1R)-[1-2H]xylulose is the exclu-
sive product (>90%). When the enzymatic reaction is 
run in 2H2O with a mutant in which Arginine 139 has 
been changed to valine, ¬-(1S)-[1-2H]xylulose is the 
exclusive (>95%) product.1096 

 

 The figure is a stereodrawing of the superposition 
of two portions of a crystallographic molecular 
model of a complex between the enzyme and 
(2R,3S)-N,2,3,4-tetrahydroxybutanamide, a hydrox-
amate that is an analogue of the cis-enediol inter-
mediate.1097 The asymmetric unit of the crystal is 
the dimer, and both active sites in the asymmetric 
unit are occupied by the hydroxamate. Each active 
site also contains a fixed molecule of water that 
forms a hydrogen bond to the nitrogen of the hydrox-
amate, but the the water occupies different locations 
in the two active sites of the dimer. The drawing 
includes both molecules of water, positioned in 
their respective locations in the two active sites in 
the asymmetric unit. This positioning was achieved 
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by superposing one of the occupied active sites in 
the asymmetric unit with its molecule of water with 
only the molecule of water in the other active site. It 
seems that both molecules of water cannot be in the 
same active site at the same time, probably because of 
steric exclusion.  
 
 (B) Draw the structure of the cis-enediol interme-

diate that is formed from 3-dehydro-¬-gulonate 
6-phosphate and (2R,3S)-N,2,3,4-tetrahydroxy-
butanamide side by side in the same orienta-
tion. 

 (C) What is the complete description of the acid 
that hydronates the cis-enediol on the Si face 
of carbon 1 in the normal enzymatic reaction?  

 (D) What is the complete description of the acid 
that hydronates the cis-enediol on the Re face 
of carbon 1 in the normal enzymatic reaction?  

 (E) Explain the stereochemical observations. In 
your explanation, discuss the difference in 
the positions of the molecules of water in the 
two active sites. This discussion should indicate 
your understanding of the difference between 
an enzyme in a crystal and an enzyme in solu-
tion.  

 
Problem 4-37: Aspartoacylase catalyzes the nucleo-
philic substitution 

 

 (A) Write a step-by-step mechanism for this hydrol-
ysis.  

 
 

 

The figure is a stereodrawing of a crystallographic 
molecular model of the active site of human asparto-
acylase occupied by N-[hydroxy(methyl)phosphinyl)-
¬-aspartate.1098 

 
 (B) Draw the structure of N-[hydroxy(methyl)phos-

phinyl)-¬-aspartate.  
 (C) Why is N-[hydroxy(methyl)phosphinyl)-¬-aspar-

tate a potent competitive inhibitor of the enzy-
matic reaction?  

 
 What is the role of each of the following in the 
enzymatic hydrolysis? 
 
 (D) The imidazolyl group of Histidine 21 
 (E) The carboxylato group of Glutamate 24 
 (F) The carboxamido group of Asparagine 70 
 (G) The guanidinio group of Arginine 71 
 (H) The imidazolyl group of Histidine 116 
 (I) The 4-hydroxyphenyl group of Tyrosine 164 
 (J) The guanidinio group of Arginine 168 
 (K) The carboxylate group of Glutamate 178 
 (L) The 4-hydroxyphenyl group of Tyrosine 288 
 (M) The Zn2+ cation 
 

 

 

Metalloenzymes 

A limited set of metallic cations is incorporated into 
proteins as prosthetic groups or transient occupants 
of their active sites and participate in their function. 
These are the cations of magnesium, potassium, 
calcium, vanadium, manganese, iron, cobalt, nickel, 
copper, zinc, molybdenum, cadmium, and tungsten. 
Because of their several accessible oxidation states, 
the transition metals iron and copper, and occa-
sionally manganese, are used as carriers of single 
electrons (Chapter 2). In this role, they alternate 
between oxidation states such as Fe2+ and Fe3+ or 
Cu+ and Cu2+. The metallic cations of cobalt with 
different formal oxidation states are used enzymat-
ically within the respective cobalamins (Figure 2-67). 
The cations of the transition metals vanadium, 
manganese, iron, nickel, copper, molybdenum, and 
tungsten catalyze reactions involving molecular 
hydrogen, molecular nitrogen, or molecular oxygen 
(Chapter 2), and their oxidation states are required 
to change in these roles. The metallic dications 
Mn2+, Fe2+, Co2+, and Ni2+, however, are also used 
by enzymes in situations in which a change in oxida-
tion state is not required and in fact must be avoided; 
if such a change is encountered adventitiously, it 

N-acetyl-¬-aspartate + H2O  1
                                                  acetate + ¬-aspartate
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must be corrected. Cations of the alkaline earth 
metals magnesium and calcium and the transition 
metals zinc and cadmium occur naturally only in 
the dicationic oxidation state as Mg2+, Ca2+, Zn2+, 
and Cd2+. When they perform enzymatic roles as 
solely metallic dications, Mg2+, Ca2+, Mn2+, Fe2+, Co2+, 
Ni2+, Zn2+, and Cd2+ usually act as Lewis acids and 
are, in effect, surrogate hydrons. In this role, they 
fulfill a catalytic requirement in an enzymatic reac-
tion that would otherwise be fulfilled by a hydron 
from a catalytic Brønsted acid. 
 Because a metallic dication is larger than a 
hydron and consequently has a lower density of 
positive charge, each of them is less acidic than a 
hydron. This difference in acidity can be quantified. 
It has already been noted that H+ and H3O+ are used 
as shorthand for the actual cation [H(OH2)n]+, 
where n is variously depicted as having a value 
between 4 and 21. Values for m in the homologous 
complexes of water with a metallic dication, 
[Me(OH2)m]2+, are between 4 and 9. As a result, 
[H(OH2)n]+ and [Me(OH2)m]2+ are analogous Brønsted 
acids, and their values of pKa can be compared. 
The hydronium cation, [H(OH2)n]+, as a Brønsted 
acid, displays a pKa for the reaction 

               (4-421) 

of -1.75. Metallic dications, [Me(OH2)m]2+, in dilute 
aqueous solution acting as Brønsted acids display 
analogous values of pKa for the reaction 

             
                (4-422) 

These values of pKa, as well as those for metallic tri-
cations, have been determined in water for metallic 
cations that act as Lewis acids in metalloenzymes 
(Table 4-2).1099-1101 From these values of pKa, it can 
be concluded that none of these metallic cations, 
even the trications, is so effective as a hydron at 
lowering the acid dissociation constant of the clus-
ter of water that surrounds it and that a hydron is a 
stronger Lewis acid than any of these metallic cations. 
 The advantage of a metallic dication, however, 
is that at neutral pH the molar concentration of hydro-
nium is very small, while the molar concentration 
of the complex between water and a metallic cation 
will be equal to the free molar concentration of that 
 
 

 

 
 
 
 
metallic cation. There is also another advantage to 
this weakness of acidity. When a hydron occupies a 
lone pair of electrons on a nitrogen, oxygen, or sulfur, 
the other lone pairs on that nitrogen, oxygen, or 
sulfur become poorer nucleophiles. When, however, 
a metallic dication occupies one of the lone pairs of 
electrons, rather than a hydron, the other lone pairs 
retain much of their nucleophilicity. 
 Because it is larger than a hydron, a metallic 
cation is usually surrounded in its inner sphere of 
coordination by four or more ligands. Metallic cations 
used catalytically as prosthetic Lewis acids within 
the active sites of enzymes in aqueous solution are 
at all times surrounded by Lewis bases. The strongest 
Lewis bases present in biological fluids are the lone 
pairs of electrons on oxygen, nitrogen, and sulfur. A 
hydron is also a Lewis acid, and in biological fluids 
every acidic hydron is always surrounded by lone 
pairs of electrons on oxygen, nitrogen, or sulfur. A 
hydron is so small, however, that it can accommo-
date as ligands only two Lewis bases at a time in 
one hydrogen bond. Because a metallic cation has 
core electrons, it is larger than a hydron and can 
sterically accommodate more Lewis bases simulta-
neously. The metallic cations incorporated into 
enzymes are always surrounded by four to nine 
lone pairs of electrons from oxygen, nitrogen, sulfur, 
or a halide whether they are in the active site or in 
the solution before they enter the active site. These 
four to nine lone pairs of electrons coordinate the 
metallic dication. 
 
 

H+(OH2)n  1  H+  +  HOH (OH2)n–1

Me2+(OH2)m  1  H+  +  MeOH 
+(OH2)m–1

Table 4-2: Acid Dissociation Constants for 
Aquo Complexes of Metallic Cations109 9 -1101

cation pKa cation pKa 

K+ >15 a Cd+ 10.1b 

Ca2 + 12 .7 a Ni2 + 9 .9 b 

Mg2 + 11.4 a Co2 + 9 .6 a,b 

Mn2 + 10.6 a,b Zn2 + 9 .0b 

Fe2 + 10.1a Fe3 + 2 .3 a,b 

  Co3 + 0.7 a 

aReference 1101. bReference 109 9 . 
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 The preference of a metallic cation for a particular 
type of lone pair of electrons is usually discussed in 
terms of hardness or softness of the Lewis acid and 
the Lewis base.1102 The rule is that hard acids prefer 
hard bases and soft acids prefer soft bases. Of the 
metallic dications acting catalytically in active sites 
as Lewis acids, K+, Mg2+, Ca2+, and Mn2+ are hard 
Lewis acids; Fe2+, Co2+, Ni2+, and Zn2+ are border-
line; and Cd2+ is soft. For the commonly encoun-
tered bases, lone pairs of electrons on oxygen are 
harder than lone pairs of electrons on nitrogen, 
which are harder than lone pairs of electrons on 
sulfur. These rankings, for example, are consistent 
with the fact that Ca2+ has a strong preference for 
lone pairs of electrons on oxygen while Zn2+ and 
Co2+ have a preference for lone pairs of electrons 
on sulfur. It also explains why the bases on metallo-
thionein, a protein responsible for chelating soft, 
toxic cations of heavy metals such as Hg2+, Cd2+, 
and Pb2+, are entirely the soft sulfanyl groups of 
cysteine side chains in the protein. 
 The Lewis bases surrounding a metallic cation 
in solution are held by interactions the characteris-
tics of which span the spectrum between ionic and 
covalent. Ionic interactions are created by electro-
static forces between the metallic cation and an an-
ion or the dipole on a ligand. If the forces were 
entirely ionic, the number and orientation of the 
Lewis bases around the cation would be determined 
solely by steric considerations. The larger the cation 
or the smaller the bases, the more bases should be 
gathered. Usually, the interactions between hard 
metallic cations and hard bases are close to being 
purely ionic. The calcium dication is an example of 
a hard, ionic metallic cation, and it is also large. 
When it is bound to a protein or when it is in the 
solution that surrounds the protein, Ca2+ is coordi-
nated by six to nine lone pairs of electrons, invariably 
from oxygen atoms,1103 which are the hardest of 
bases. The number and orientation of these lone 
pairs of electrons from the atoms of oxygen around 
the calcium depend entirely on the size and shape 
of the bases that provide the lone pairs, as well as 
any steric constraint upon those bases.1104 The Zn2+ 
in the crystallographic molecular model1105,1106 of 
aspartate carbamoyltransferase 

 

from E. coli, however, is a good example of a metallic 
cation participating in almost purely covalent 
bonds. In this arrangement, a borderline metallic 
cation bonds covalently to four soft bases. When 
the ligands coordinating the dication of a transition 
metal form covalent bonds in such a tetrahedral 
geometry, the empty valence 4s orbital of the tran-
sition metal and its three empty valence 4p orbitals 
form four sp3 hybrid orbitals, each of which is occu-
pied by a lone pair of electrons from one of the four 
soft bases that are ligands to the metallic dication 
to form the four mostly covalent bonds.* 
  Zinc dication has 10 valence electrons that occu-
py its five 3d orbitals and completely fill the d shell, 
and this completion causes the 3d electrons to be 
unavailable for covalent bonding.† In the case of 
Fe2+ in reduced rubredoxin (previously 2-63) 

 

the metallic dication has only 6 valence electrons, 
which fill the five 3d orbitals. The 3d electrons in 
Fe2+, unlike those in Zn2+, can participate in cova-
lent bonding because, like the valence electrons on 
a carbon, nitrogen, or oxygen atom, the d shell they 
occupy is unfilled. Consequently, in the case of Fe2+, 
both the partially filled 3d orbitals and the unfilled 
4s and 4p orbitals are all available for covalent 
bonding. 
 The major structural difference, as opposed to 
electronic difference, between ionic interactions and 
																																																								
*A comprehensive description of the covalency of the interactions 
between metallic dications and their ligands is beyond the 
scope of this discussion and not germane to the participation 
of metallic dications as Lewis acids in enzymatic reactions. As 
before, in drawings, all interactions will be considered to be 
intermediate between ionic and covalent and will be designated 
by thick dotted lines. The two examples here are close to the 
extremes of ionic and covalent. 
†The electrons occupying all these orbitals cannot be distin-
guished in terms of their origins, but giving them arbitrary origins 
makes the counting easier. 
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covalent bonds is the directional properties of the 
arrangements of ligands. Covalent bonds usually 
position the participating atoms in strict geometric 
orientations, such as tetrahedral in the case of Zn2+ 
in 4-152, while ionic interactions are malleable, 
resembling pigs at a trough. The fact that covalent 
bonds involving metals are so reliable is reflected 
by the practice of geometrically restricting them 
during crystallographic refinement, as is done for 
bonds involving carbon, nitrogen, and oxygen. For 
example, in the initial crystallographic molecular 
model of aspartate carbamoyltransferase built di-
rectly from the unrefined map of electron density, 
the arrangement of sulfurs around the Zn2+ was 
constrained to tetrahedral geometry, just as all sp3 
carbons were, in all subsequent refinements.1107 This 
practice can be dangerous, however, particularly if 
the metallic cation is harder or if the ligands to the 
metallic cation are harder, less covalent bases.1108 
In such intermediate cases, various mixtures of ionic 
and covalent behavior are observed. The main 
structural indication of such deviations from cova-
lent behavior is the loss of directional ligation.  
 When a metallic cation leaves the solution and 
is incorporated into an active site, it exchanges 
some or all of the lone pairs of electrons from the 
ligands that coordinated it in solution for lone pairs 
of electrons provided by the polypeptide backbone 
or the side chains of the protein. The coordination 
observed within the active site is somewhat charac-
teristic of the type of cation, but similar dications 
are often accommodated by natural selection with 
indistinguishable coordinations. 
 Potassium ion, K+, is the hard monocation of an 
alkali metal. It is so hard that it is always surrounded 
by lone pairs of electrons from oxygens, the hardest 
bases. Potassium ion is the largest of all the metallic 
cations that are incorporated naturally into molecules 
of protein, and it is the only monovalent metallic 
cation used catalytically as a Lewis acid by enzymes. 
It has a large enough ionic radius (Table 4-3)* to 
accommodate as many as eight lone pairs of elec-
trons from oxygens, and because K+ is so hard, the 
association is entirely ionic. 
 A typical arrangement of ligands coordinating 
K+ when it is bound in an enzyme occurs in 
2,2-dialkylglycine decarboxylase (pyruvate) from 
Burkholderia cepacia1110 
 
																																																								
*Even though an ion is obviously not a hard sphere but a contin-
uous distribution of electron density that decreases with distance 
from the nucleus, effective ionic radii1109 are commonly used to 
quantify the dimensions of this distribution. 

 

 

 

 

 

The six ligands are three acyl oxygens from the pep-
tide backbone, an oxygen in the carboxy group of 
Aspartate 307, the hydroxy group from Serine 80, 
and a molecule of water. In the occupied active site 
of [formate-C-acetyltransferase]-activating enzyme 
from E. coli occupied by its substrate ¬-methionine, 
the K+ that activates the enzymatic activity1111 is 
coordinated by five ligands—two oxygens, one from 
each of two carboxy groups from two aspartates, 
the acyl oxygen of a peptide bond, the hydroxy 
group of threonine, and the carboxylato group of 
¬-methionine—but no molecules of water.1112 The 
number of fixed molecules of water remaining on K+ 
following its incorporation into a protein varies1113,1114 
from none, as in the occupied active sites of [formate-
C-acetyltransferase]-activating enzyme and carbam-

Table 4-3: Effective Ionic Radii of Metallic 
Cations Used by Enzymes as Lewis Acids110 9

cation ionic radius 
(nm) 

cation ionic radius 
(nm) 

K+ 0 .14  Fe2 + (ls)a 0 .0 6 1 

Mg2 + 0 .0 7 2  Fe2 + (hs)b 0 .0 7 8  

Ca2 + 0 .11 Ni2 + 0 .0 6  

Mn2 + 0 .0 8 3  Zn2 + 0 .0 7  

Co2 + (ls)a 0 .0 6 5  Cd2 + 0 .0 9  

Co2 + (hs)b 0 .0 7 5    

aLow-spin state. bHigh-spin state. 

Asp 307

Ser 80

K+

4–154
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oyl-phosphate synthase (glutamine-hydrolyzing) from 
E. coli,1115 to five, as in a mutant of UDP-glucose–
hexose-1-phosphate uridylyltransferase from E. coli.1116 
 Potassium ion is present in cytoplasm at concen-
trations of 0.1-0.8 M, making it the dominant cation 
in all cells. Because its presence is as reliable as 
that of water, it is not surprising that, just as are 
molecules of water, ions of potassium are incorpo-
rated structurally into many proteins. It is also not 
surprising that many enzymatic reactions are inhib-
ited partially or fully by removal of K+ from solu-
tion,1117 as they would be if water were removed. In 
most instances, this inhibition of enzymatic activity 
results from the fact that, as with 2,2-dialkylglycine 
decarboxylase (pyruvate) and carbamoyl-phosphate 
synthase, a K+ is bound so close to the active site 
that its removal disrupts the structure of the active 
site. 
 There are, however, a few instances in which an 
oxygen on a substrate that is involved closely in the 
enzymatic reaction becomes a ligand to K+ upon asso-
ciation with the active site, and the K+ performs a 
catalytic role. For example, pyruvate kinase (Equation 
4-275) has an absolute requirement for a mono-
valent cation to catalyze its reaction.1118 Although 
ammonium and rubidium cations can fulfill this 
role as well, in the cytoplasm, where neither of these 
other ions is present in significant concentration, 
K+ is the cation involved in normal catalysis. In 
steady-state kinetic measurements of the reaction 
catalyzed by pyruvate kinase, K+ behaves as if it were 
one reactant in a multireactant mechanism.1119 In 
the crystallographic molecular model of the active 
site of pyruvate kinase from O. cuniculus occupied 
by K+, MgATP2-, and oxalate (an analogue of the 
enol of pyruvate),581 one nonbridging oxygen of the 
g-phospho group of MgATP2- is one of the six oxygens 
that coordinate the K+ (Figure 4-52). During the 
nucleophilic substitution at phosphorus catalyzed 
by the enzyme, this K+ ensures that the g-phospho 
group of MgATP2- remains dianionic and stabilizes 
the intermediate monomeric metaphosphate or 
phosphorane. 
 The enzymatic activity of [formate-C-acetyl-
transferase]-activating enzyme from E. coli is acti-
vated 10-fold by K+. It is also activated1111 by Li+, 
Na+, NH4

+, and Rb+. Because, however, K+ is the 
most effective and because these other monovalent 
cations are not present at significant concentra-
tions, in the cytoplasm it must be K+ that activates 
the enzyme. When this active site is occupied by 
the substrate S-adenosyl-¬-methionine,1112 the 
carboxy group of S-adenosyl-¬-methionine is a 

monodentate ligand to K+. Because the carboxy 
group is distant from S-adenosyl-methysulfanyl 
group of ¬-methionine, which is the functional 
group participating in catalysis, the only role for K+ 
in this case is to contribute to the recognition of 
S-adenosyl-¬-methionine. 
 With a few exceptions such as pyruvate kinase, 
where it is involved only peripherally in catalysis, 
K+ usually has a structural role in the protein. The 
K+ in 2,2-dialkylglycine decarboxylase (4-154) and 
the K+ in carbamoyl-phosphate synthase (glutamine-
hydrolyzing) from E. coli1115 are examples of K+ in a 
structural role. Potassium ion is seldom used cata-
lytically because its large size and low density of 
charge cause it to be the weakest of the Lewis acids 
(Table 4-2). Consequently, the remainder of the 
discussion will focus on only the metallic dications 
that are used almost exclusively as Lewis acids in 
catalytic roles. 
 
 The divalent metallic cations used as Lewis acids 
in the active sites of enzymes each have particular 
properties. 
 Magnesium ion, Mg2+, is a hard, small, alkaline 
earth, metallic dication. Because it is hard, it is 
almost1120 always coordinated by lone pairs of elec-
trons from atoms of oxygen. Because it is small 
(Table 4-3) and therefore has a high density of 
charge, Mg2+ gathers as many oxygen ligands as it 
can. It almost always ends up with six lone pairs 
from six oxygens arranged octahedrally. This octa-
hedral arrangement is not, however, the result of 
covalence. It is a consequence of the fact that the 
sterically least repulsive way to crowd six oxygens 
around a cation with such a small ionic radius is 
octahedrally. In its preferred coordination, with six 
lone pairs from six atoms of oxygen in an octahedral 
arrangement, the interatomic distances between 
Mg2+ and the atoms of oxygen (0.20–0.21 nm) are 
shorter and much less variable than those (0.23–
0.26 nm) for Ca2+, its larger sibling. Even these 
short and less variable distances are probably the 
result of steric effects. If each atom of oxygen is only 
0.205 nm from Mg2+, then the distance between 
each oxygen and its four neighbors in the octahedral 
array must be 0.29 nm, which is the distance for 
van der Waals contact. Consequently, the distance 
between the cation and its ligands is as short as it 
can be if six of them are gathered around it. Because 
of the shorter distance between the metallic cation 
and the oxygens, the acidity of Mg2+ is somewhat 
stronger than that of Ca2+ (Table 4-2). 
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Figure 4-52: Stereodrawing134 of the crystallographic molecular 
model of the active site of pyruvate kinase from O. cuniculus 
occupied by K+, the substrate MgATP2-, and oxalate, an analogue 
of the intermediate enolate of pyruvate that is the nucleophile 
or leaving group, respectively, in the reaction.581 Black atoms 
are carbons, white atoms are oxygens, small gray atoms are 
nitrogens, and the three large dark gray atoms are three atoms 
of phosphorus. The smaller dark gray spheres are two magnesium 
ions surrounded by their ligands, and the larger dark gray 

sphere is a potassium ion surrounded by its ligands. The enzyme 
was purified from muscle of O. cuniculus and crystallized from 
7.8% (w/v) poly(ethylene glycol) 8000, 0.16 M KCl, 5 mM MgCl2, 
5 mM ATP4-, 1 mM oxalate, and 50 mM succinate at pH 6.0. 
Electron density for MgATP2-, K+, oxalate, and an additional 
Mg2+ could be observed in the active site. Molecules of water 
and side chains of the amino acids that are ligands to K+ and 
the other Mg2+ are included. The two carboxy groups of the 
oxalate are monodentate ligands to the other Mg2+.  
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 Magnesium ion is the only metallic dication pre-
sent at significant free concentration in cytoplasm 
(Table 4-4). As a result, a prominent role for free 
Mg2+ in the cytoplasm of a cell is to form complexes 
with oligophosphates. The paradigm of such a 
complex is MgATP2-, which is the predominant 
form1122 of adenosine triphosphate present in solu-
tion in cytoplasm. In MgATP2-, three coordination 
sites on Mg2+ are occupied by oxygens of phosphates 
and the other three by waters.1123 When the complex 
associates with the active site of an enzyme, the 
three sites occupied by water can retain their aquo 
ligands or become occupied by Lewis bases from 
the active site. When the waters on Mg2+ are not 
replaced by ligands from the enzyme, donors and 
acceptors from the protein often form hydrogen 
bonds to these fixed molecules of water that remain 
associated with Mg2+.1124 In the active site of pyruvate 
kinase (Figure 4-52), the MgATP2- that is bound 
retains all three of the fixed molecules of water on 
Mg2+ (the upper Mg2+ in the drawing) that it had in 
solution as well as the three oxygens from ATP4-. 
The structure of this MgATP2- in the active site of 
pyruvate kinase is almost identical* to the structure 
of free MgATP2- that has been crystallized from 
solution.1123 This fact suggests that the MgATP2- in 
the active site of pyruvate kinase is little changed 
upon associating with the enzyme and simply car-
ries Mg2+ into the active site as if there were cova-
lent bonds between the three oxygens and Mg2+. 
 One advantage of using magnesium rather 
than a hydron as the Lewis acid neutralizing 
ATP4- is that more of the oxygens are neutralized. 
At pH 7, the predominant forms of free ATP are the 
unhydronated form (ATP4-) and the monohydronated 
form (HATP3-) in about equal proportions.1122 In 
MgATP2-, the predominant form of the magnesium 
complex, however, two oxyanions are fully neutral-
ized by Mg2+. 
 Another advantage is that the triphosphate is 
rigidified by the chelation, which hinders free rotation 
around the bonds between the atoms of phosphorus 
and the bridging oxygens. This rigidification of 
MgATP2- significantly restricts the conformations that 
it can assume while still in solution. This decrease 
in the number of conformations in turn decreases 
   
																																																								
*The complex between the triphosphate of ATP4- and Mg2+ in 
MgATP2- crystallized from solution is, within the triphosphate, 
the same enantiomer as that in the active site of pyruvate kinase, 
but the conformations of one of the two six-membered rings 
around Mg2+ are slightly different in the two complexes within the 
asymmetric unit. 

 

 
 
 
the entropic barrier for association of MgATP2– 
with an active site, as long as the active site is 
complementary to the set of these conformations. 
Because an active site is rigid, the MgATP2- is required 
to assume a single conformation once it is bound. 
 Other nucleoside triphosphates, such as 
MgGTP2-, MgCTP2-, MgUTP2-, and MgdTTP2-, also 
enter active sites coordinated1012 to Mg2+, as do 
nucleoside diphosphates such as adenosine diphos-
phate,1015,1125,1126 thiamine diphosphate,1127 and 
diphosphate itself.1128,1129 In at least one instance, 
Mg2ATP seems to have been the substrate that entered 
the active site.1024 
 The free concentration of Mg2+ in the cytoplasm 
and intracellular compartments is around 1 mM,1130 
Although this free concentration is well below the 
free concentration of K+, it is still fairly high, and it 
does not fluctuate significantly. As a result, natural 
selection has sometimes incorporated Mg2+ into an 
enzyme in a purely structural role simply because it 
was an available structural component. An example 
is the Mg2+ in alcohol dehydrogenase (NADP+) from 
L. brevis that is coordinated by the acyl oxygens of 
two glutamines and four molecules of water.1131 
Even though this bound Mg2+ is greater than 1 nm 
from the active site and not involved in catalysis, its 
removal completely inactivates the enzyme. 
 A typical arrangement of the ligands coordi-
nating Mg2+ that is not coordinated by an oligo-
phosphate occurs in the active site of malate synthase 
from E. coli1132 

Table 4–4: Free Concentrations of Metallic 
Cations in Cytoplasm1121

cation free 
concentrationa 

cation free 
concentrationa 

K+ 100 mM  Ni2+ <1 nm 

Mg2+ 1 mM  Zn2+ 10 pM 

Ca2+ 0.1 mM  Co2+ <1 nm 

Mn2+ 0.1 mM  Cu2+ <10 fM 

Fe2+ 0.1 mM   

aThese concentrations are estimates believed to be accurate 
to within a factor of 10. In most cases, they are not based on 
direct measurements of free concentration. 
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The Mg2+ is octahedrally coordinated by two oxygens 
of carboxy groups, one from Aspartate 455 and one 
from Glutamate 427; two molecules of water; and 
two oxygens in glyoxylate, one substrate in the 
enzymatic reaction (Equation 4-271). This arrange-
ment of ligands is almost identical to that for the 
Mg2+ that did not arrive in the active site of pyruvate 
kinase on MgATP2- (the lower Mg2+ in Figure 4-52), 
if it is realized that the bridging oxygen between the 
b-phosphate and the g-phospho group of MgATP2– in 
the active site of pyruvate kinase occupies the same 
position as a molecule of water in the active site of 
malate synthase. 
 The two Mg2+ in the active site of phospho-
pyruvate hydratase from S. cerevisiae (Figure 4-43) 
are additional paradigms. The one on the right is 
coordinated by the hydroxy group and the amido 
oxygen of Serine 39, two molecules of water, and 
the oxygen from a carboxy group and an oxygen 
from a phospho group in the substrate. The one on 
the left is coordinated by three oxygens from carboxy 
groups, one from Aspartate 246, one from Gluta-
mate 295, and one from Aspartate 320; a molecule 
of water; and the two oxygens on the carboxy group 
of the substrate. These latter two oxygens are an 
example of the frequent use of a carboxy group as a 
bidentate ligand to a metallic cation, and one of 
them is in turn a ligand to both Mg2+. Usually there 
are two, three, or four oxygens from the carboxy 
groups of aspartates or glutamates, or one or more 
carboxy groups from substrates and one, two, or three 
molecules of water or hydroxy groups coordinating 
Mg2+ in an active site.692,1133-1135 Even though they 
are usually considered to be carboxylato groups in 
the absence of evidence, whether or not the carboxy 

groups are hydronated on their other oxygens is 
generally unknown, but in most instances some or 
most of them are probably unhydronated and anionic. 
When Mg2+ is acting as a Lewis acid, one or two of 
the ligands are oxygens from the substrate, one or 
both of which is a Lewis base acted upon by Mg2+ 
in its catalytic role. 
 If Mg2+ is bound to the active site in the absence 
of substrate, the positions to be occupied by oxygens 
from a substrate after it has associated are occupied 
by fixed molecules of water before it associates. 
This hydration is commonly the case for the sites 
on any metallic dication. In the absence of substrate, 
the sites to be occupied by the substrate are usually 
occupied by water, as are the donors and acceptors 
for hydrogen bonds that will form with a substrate 
in any active site. 
 Calcium ion, Ca2+, is another hard, alkaline 
earth, metallic dication. Like Mg2+, Ca2+ participates 
in purely ionic interactions. Because it has a signifi-
cantly larger ionic radius than Mg2+ (Table 4-3), the 
ligands around the cation are not so sterically 
crowded. Consequently, there are fewer geometric 
requirements, and Ca2+ can be coordinated by as 
many as nine lone pairs of electrons. Calcium has 
an even lower affinity for nitrogen1103 than Mg2+, so 
the lone pairs of electrons that are its ligands are 
 When Ca2+ is bound to proteins, it often serves 
in a structural role1136-1138 by gathering around itself 
oxygens from the polypeptide, its side chains, and 
molecules of water (Figure 4-53).1139 These asso-
ciations are highly specific, but the specificity is 
provided by the distribution of oxygens within the 
protein and the donors and acceptors for hydrogen 
bonds between the protein and associated molecules 
of water, not by the calcium. Although its free con-
centration in present-day cytoplasm is low (Table 
4-4),1130,1140 the free concentration of Ca2+ may 
have been significantly higher, close to that of its 
concentration in present-day seawater (10 mM), 
when it was first being incorporated structurally into 
the proteins of primitive organisms and before it 
assumed a role in cellular signaling that required its 
free concentration in cytoplasm to be maintained 
at these low levels. The more flexible steric require-
ments for Ca2+ may also give it advantages in a 
purely structural role. 
 Calcium ion, however, can also play a catalytic 
role as a Lewis acid in enzymatic reactions.1022,1141  
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Figure 4-53: Stereodrawing134 of the crystallographic molecular 
model of the site in which a Ca2+ is coordinated in trypsin from 
the bacterium S. griseus.1139 Black atoms are carbons, white 
atoms are oxygens, small gray atoms are nitrogens, large light 
gray atoms are sulfurs, and the large dark gray sphere is a calcium 
ion surrounded by its ligands. Crystals were grown in solutions 
of the purified protein (10-15 mg mL-1) in 10 mM calcium acetate 
at pH 6.2 by varying the concentration of ammonium sulfate. 
Reflections from four isomorphous replacements were collected 
to Bragg spacing of 0.28 nm, and a data set was collected from 
crystals of the native enzyme to Bragg spacing of 0.17 nm. The 

phases were estimated from multiple isomorphous replace-
ments and also from molecular replacement using molecular 
models of bovine trypsin (31% identity; 3.1 gap percent) and 
bovine chymotrypsin (30% identity; 4.0 gap percent) as guides. 
The site at which Ca2+ is coordinated is distant from the active 
site in which the nucleophilic serine, Serine 172, as well as 
Aspartate 82 and Histidine 37 are located, so the Ca2+ performs 
only a structural role. It is located in a pocket on the surface of 
the protein, and the view in the drawing is into the pocket from 
the solution. 
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It performs that role in the active site of murine 
fumarylacetoacetase (Equation 4-362).860 In this 
instance 

 

Ca2+ is coordinated monodentally by five carboxy 
oxygens, one from each carboxy group in two aspar-
tates and two glutamates and one oxygen from the 
carboxy group of 4-(hydroxymethylphosphinoyl)-
3-oxobutanoate (4-120), an analogue of the tetra-
hedral intermediate that is formed by nucleophilic 
addition of the peripheral enolate of acetoacetate 
to a carboxy group of the fumarate. The carbonyl 
group of 4-(hydroxymethylphosphinoyl)-3-oxo-
butanoate represents the oxyanion of the enolate, 
which is stabilized by Ca2+ in the usual reaction. In 
the active sites of both micrococcal nuclease from 
S. aureus1021 and diisopropyl fluorophosphatase 
from Loligo vulgaris,1142 a Ca2+ acts catalytically as 
a Lewis acid. In both active sites, the Lewis base on 
the substrate that is a ligand to Ca2+ is the oxygen of 
a phospho group. The Ca2+ forms only this one 
contact with the substrate, and its role appears to 
be the neutralization of negative charge that develops 
on the oxygen as the phosphorane is formed during 
the reaction. 
 Calcium dication is not used often in the role 
of a Lewis acid because its acidity is weak (Table 
4-2). Nevertheless, it is sometimes used as a Lewis 
acid, and perhaps in these situations weak acidity 
may actually be advantageous, just as the weak 
acidity of an oxyanion hole is often advantageous. 
Its inability to form sterically reliable interactions and 
thereby provide a firm anchor to distort substrates 
may also be a drawback. It has already been noted, 
however, that the Ca2+ in the cluster of four manga-
nese ions and a Ca2+ (Figure 2-59) in the active site 
of photosystem II at which water is oxidized to molec-

ular oxygen has exploited this lack of firm coordi-
nation to permit molecules of water to rotate across 
the surface of the Ca2+ as they are fed into the cluster 
of manganese ions to be oxidized,1143,1144 as if on a 
conveyer belt. 
 Manganese dication, Mn2+, is a transition metal-
lic cation rather than an alkaline earth metallic cation. 
Nevertheless, like Mg2+, Mn2+ is also hard and 
small, although less hard than Mg2+. Its ionic radius 
(Table 4-3) is only about 10% larger than that of 
Mg2+, so it has a similar density of charge and size, 
and for all the same reasons, Mn2+ usually gathers 
six ligands octahedrally around itself. Each of these 
six ligands, as with all ligands to metallic dications, 
directs a lone pair of electrons, and hence the dipole 
associated with that lone pair of electrons, toward 
Mn2+. 
 Because it is the ion of a transition metal, 
Mn2+, unlike Mg2+, has electrons in 3d orbitals. 
Manganese dication has a half-filled d5 electronic 
configuration in which its five valence electrons are 
distributed one into each of the five 3d orbitals 
(Figure 2-24). In octahedral coordination, the 3d 
orbitals have orientations that cause the two singly 
occupied orbitals that are aligned with its six ligands 
(3dz2 and 3dx2-y2) to increase in energy because of 
electron repulsion and the three singly occupied 
orbitals that are not aligned with the ligands (3dxy, 
3dxz, and 3dyz) to decrease in energy, relative to a 
situation in which the sum of the electric fields of 
the ligands is redistributed mathematically as a uni-
form spherical field. These increases and decreases 
in energy result from the fact that the dipoles and 
elementary charges of the ligands are discretely 
oriented rather than distributed over a uniform 
spherical field. Their sum is the ligand field stabili-
zation provided by the ligands. Because its five 3d 
electrons are evenly distributed over the five 3d orbit-
als, the increases and decreases in energy nearly 
cancel, and the ligand field stabilization for octa-
hedrally coordinated Mn2+ is negligible. This lack of 
ligand field stabilization and the fact that the two 
orbitals aligned with the ligands, 3dz2 and 3dx2-y2, 
are each occupied by an electron makes the bonding 
between Mn2+ and its ligands predominantly ionic, 
similar to the bonding between Mg2+ and its ligands. 
Consequently, as with Mg2+, the main reason for 
the octahedral coordination around Mn2+ is steric. 
 While Mg2+, both in solution and when bound 
to the active site of an enzyme, prefers oxygen ligands, 
particularly the oxygens of carboxy groups, the 
softer metallic dication Mn2+ in solution forms 
complexes with both nitrogen bases and oxygen 

Asp 126

Glu 199

Glu 201

Asp 233
4  –156

4-(hydroxymethylphosphinoyl)-
                          3-oxobutanoate

Ca2+



Metalloenzymes 
 

1301 

bases such as ammonia, imidazole, 1,2-diamino-
ethane, water, alcohols, carboxylates, the carbonyl 
oxygens of ketones and aldehydes, and the acyl 
oxygens of amides. Oxygen bases and nitrogen bases 
are roughly equivalent in their affinities for Mn2+. 
In aqueous solution, the hexaammonium complex 
is observed only at concentrations of ammonia 
greater than 2 M; hexaimidazole salts can be crystal-
lized from anhydrous ethanol. Like those for Mg2+, 
all these complexes between unhindered bases and 
Mn2+ are hexacoordinate and octahedral. In these 
complexes, mixtures of various ligands around man-
ganese can occur. For example, each of the species 
[Mn(OH2)n(NH3)6-n]2+ with 0 < n < 6 is observed in 
mixtures of ammonia and water. When Mn2+ is en-
gaged catalytically as a Lewis acid in an enzymatic 
reaction, it is complexed octahedrally by Lewis bases 
from amino acids in the active site, molecules of 
water, and substrates. 
 As does Mg2+, Mn2+ can form a complex in solu-
tion with one of the nominal reactants to produce 
the actual reactant entering the active site from the 
solution. For example, the requirement for Mn2+ in 
kinetic studies of the reduction catalyzed by iso-
citrate dehydrogenase (NAD+) 

     
                (4-423) 

results from the fact that the actual reactant entering 
the active site is the complex between Mn2+ and the 
isocitrate dianion,722,1145 and Mn2+ enters the active 
site within this complex just as Mg2+ often enters 
active sites in a complex with an oligophosphate. 
Because Mg2+, however, was able to substitute for 
Mn2+ in this role, albeit with a lower catalytic constant, 
it may be the case that in cytoplasm, where the 
concentration of Mn2+ is quite low (Table 4-4), 
Mg2+ is the ligand to the isocitrate that enters the 
active site. 
 A typical arrangement of ligands coordinating 
Mn2+ when it is acting as a Lewis acid in an active 
site occurs in human pyruvate carboxylase1146,1147 

 

In the crystallographic molecular model, pyruvate, 
which is one of the six substrates for the enzyme 

 
                    (4-424) 

is bound to the active site. The Mn2+ is coordinated 
by imidazolyl groups from Histidines 771 and 773, 
a carboxylato oxygen from Aspartate 572, the two 
oxygens of the N6-carboxy group on Lysine 741, 
and a molecule of water* that sits between the car-
bonyl oxygen of pyruvate and Mn2+ and connects 
them. 
 Iron dication, Fe2+, is a small dication that is 
borderline in hardness. It is a d6 transition metallic 
dication, and its six valence electrons are distributed 
over five 3d orbitals (Figure 2-24). Unlike Mn2+, in 
which the five 3d electrons are all unpaired, causing 
the ion to have significant unpaired electron spin, 
Fe2+ can exist in both low-spin and high-spin states. 
Low-spin Fe2+ usually adopts octahedral coordination 
with significant covalent character while high-spin 
Fe2+ exhibits more varied coordination with more 
ionic character. 
 Whether Fe2+ adopts a high-spin or low-spin 
state depends on the orientation of its ligands and 

																																																								
*There are no waters in the crystallographic molecular model 
of the human enzyme, so the molecule of water shown is a ligand 
to the metal and forms a hydrogen bond to the pyruvate found 
in the same location in the crystallographic molecular model 
of the homologous (46% identity; 0.6 gap percent) enzyme 
from R. etli.1148 
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whether they are strong or weak field ligands. These 
latter designations depend on the magnitude of the 
effect of a particular ligand on the energy of the ligand 
field. When octahedrally coordinated Fe2+ is in its 
high-spin state (Figure 2-25), two of its six valence 
electrons as a pair occupy one of the 3d orbitals 
(3dxy, 3dxz, or 3dyz) that is of low energy because it 
does not align with any of the ligands. The other 
four valence electrons are distributed over the other 
four 3d orbitals: the remaining two of the 3dxy, 3dxz, 
and 3dyz orbitals of lower energy and the 3dz2 and 
3dx2-y2 orbitals of higher energy that do align with 
the ligands. When octahedrally coordinated Fe2+ is 
in its low-spin state, its six valence electrons, in 
three pairs, occupy the three 3d orbitals of lower 
energy (3dxy, 3dxz, or 3dyz) that are not aligned with 
the ligands. The 3d orbitals that align with the lig-
ands, 3dz2 and 3dx2-y2, are empty so that electron 
repulsion is minimized. The stronger the effect of 
the ligands is on the ligand field, the stronger will 
be the electron repulsion exerted by the ligands, 
and the more favorable will be the low-spin state. 
When Fe2+ is not octahedrally coordinated, the dis-
position of its 3d electrons, and hence its spin state, 
is determined more subtly, but strong field ligands 
usually promote octahedral coordination with a low-
spin state because in this situation maximum ligand 
field stabilization is achieved. Because antibonding 
orbitals on Fe2+ are occupied by the lone pairs of 
electrons of the ligands when Fe2+ is in the high-
spin state, pentacoordination or tetracoordination 
is preferred for high-spin Fe2+, but that preference 
is not absolute. In an active site, steric effects are 
often more relevant to the distribution of ligands 
around Fe2+ than the electronic effects of the ligand 
field. 
 The high-spin state of octahedral Fe2+, like the 
high-spin state of octahedral Mn2+, does not have 
much ligand field stabilization. The fact that the two 
orbitals aligned with the ligands, 3dz2 and 3dx2-y2, 
are each occupied by an electron precludes covalent 
bonding and makes the bonding of Fe2+ with its 
ligands predominantly ionic. The low-spin state of 
octahedral Fe2+ has maximum ligand field stabili-
zation because the valence electrons are not aligned 
with the ligands and the lone pairs of the ligands 
are aligned with empty 3dz2 and 3dx2-y2 orbitals. 
Because of this alignment, when Fe2+ is in the low-
spin state, its interactions with its ligands have 
more of a covalent character. 
 When Fe2+ is used as a Lewis acid in an active 
site, one significant difference between its high-
spin and low-spin states is ionic radius (Table 4-3). 

In the high-spin state of Fe2+, its radius is larger by 
almost 0.02 nm, so its ligands are coordinated less 
tightly, as well as more ionically, and they are more 
easily substituted. In the low-spin state of Fe2+, its 
ligands are coordinated more tightly, as well as 
more covalently, and they are more inert to substi-
tution. These differences are consequential when 
substrates for the enzyme must become ligands to 
Fe2+ for the reaction catalyzed to proceed. 
 Iron dication is significantly softer than either 
Mn2+ or Mg2+, so its ligands are far more eclectic. 
For example, in the crystallographic molecular 
model of peptide deformylase 

 
                (4-425) 

from E. coli121 in a complex with its substrate formate, 
the Fe2+ that acts as a Lewis acid in the reaction 
catalyzed by the enzyme1149 is pentacoordinated by 
five ligands1150 

 

the imidazolyl groups of Histidines 132 and 136, the 
sulfanyl group of Cysteine 90, and the two oxygens of 
formate. 
 In addition to the covalency of the interactions 
of its empty 3d orbitals with its ligands in the low-
spin state, Fe2+ can also participate with soft ligands 
in coordinations that have even more covalency. In 
these more covalent bonds, the lone pairs of electrons 
from four ligands fill the four vacant sp3 orbitals 
formed from the vacant 4s orbital and the three vacant 
4p orbitals of the dication. Consequently, as is the 
case with Zn2+ in aspartate carbamoyltransferase 
(4-152), this primarily covalent bonding always 
occurs with tetrahedral coordination. For example, 
the four Fe2+ in a tetranuclear [4Fe-4S] iron–sulfur 
cluster (Figure 2-21),* which form covalent bonds 
with sulfides and sulfanyl groups, are tetrahedrally 

																																																								
*Note the difference in tetrahedrality between the iron ions 
and the sulfide anions in the distorted cube. 
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coordinated. In these tetrahedral complexes, ligand 
field stabilization is negligible. 
 In the active site of aconitate hydratase (Figure 
3-52), one of the four irons in the [4Fe-4S] cluster 
is missing the usual ligand from the sulfanyl group 
of a cysteine and is held in the active site only by 
the three inorganic sulfides. The requirement of 
aconitate hydratase to be activated with Fe2+ to 
observe enzymatic activity results from the fact 
that this loosely held Fe2+ readily dissociates from 
the iron–sulfur cluster and must be replaced.1151 
The enzyme is inactive if the cluster has lost this 
fourth iron. The absence of the sulfanyl group as a 
ligand to this Fe2+ in the cluster, however, although 
it labilizes the Fe2+, permits the coordination of this 
Fe2+ in the tetranuclear [4Fe-4S] iron–sulfur cluster 
to expand from tetracoordinate to hexacoordinate 
when substrates are bound. This hexacoordinate 
Fe2+ provides an example of how important steric 
effects are in the orientation of ligands coordinating 
a metallic dication. The three sulfur atoms of the 
sulfides are significantly larger than the three oxygen 
atoms in the shell of coordination. As a result, the 
usual octahedral array around this Fe2+ is signifi-
cantly distorted. The three vertices at which the 
atoms of sulfur are located move farther apart, 
increasing the angles between them, and force the 
three oxygens to move closer together, decreasing 
the angles between them. When the substrate 
isocitrate is bound to the hexacoordinate Fe2+ in 
aconitate hydratase (Figure 3-52) and when the 
substrate citrate is bound to the same Fe2+, each 
provides a hydroxy group and a carboxylato group 
as ligands while the third open site is occupied by 
the molecule of water. When either substrate is 
bound, the hexacoordinate Fe2+ is in the high-spin 
state.1070 In this high-spin state, substrates can enter 
and leave the coordination sphere of Fe2+ rapidly 
enough for catalysis to proceed. 
 Cobalt dication, Co2+, has ionic radii (Table 4-3) 
indistinguishable from those of Fe2+, and it is also 
borderline in hardness. It is a d7 transition metallic 
dication, and its seven valence electrons are distrib-
uted over five 3d orbitals (Figure 2-24). Like Fe2+, 
Co2+ can exist in both low-spin and high-spin 
states, but unlike Fe2+, in its low-spin state it still 
has one unpaired electron in one of its 3d orbitals 
(see Figure 2-25). It is as acidic as most of the transi-
tion metallic dications (Table 4-2) and exchanges 
ligands as rapidly as Fe2+ (Table 4-5). Metalloenzymes, 
however, seldom1152 have Co2+ as their naturally 
occurring prosthetic metallic dication, perhaps 
because of its extremely low free concentration in  

 

 
 
 
cytoplasm (Table 4-4), but it can often substitute 
effectively in the laboratory for the naturally occurring 
prosthetic metallic dication in a particular enzyme. 
 Nickel dication, Ni2+, is a small transition metallic 
dication that is also borderline in hardness. Its ionic 
radius is similar to that of low-spin Fe2+ (Table 
4-3). Nickel dication has eight electrons in its five 
3d orbitals (Figure 2-24). In octahedral coordination, 
the 3dxy, 3dxz, and 3dyz orbitals are doubly occupied, 
and the 3dz2 and 3dx2-y2 orbitals are each occupied 
by an unpaired electron. The doubly occupied 3dxy, 
3dxz, and 3dyz orbitals do provide significant ligand 
field stabilization in favor of octahedral coordina-
tion, but the singly occupied 3dz2 and 3dx2-y2 orbitals 
are destabilizing, causing ligand field stabilization 
in fully octahedral coordination to be weak. 
 Both the fact that the orbitals oriented toward 
the ligands are singly occupied and the fact that it 
has more valence electrons make Ni2+ more reluctant 
to participate in fully occupied octahedral coordi-
nation because of electron repulsion. This reluctance 
and the lack of ligand field stabilization means that 
Ni2+ is often coordinated by fewer than six ligands. 
If one octahedral site is vacant, then square pyramidal 
pentacoordination results. If two octahedral sites 
are vacant, then square planar tetracoordination 
results. For example, when Ni2+ is in an enforced 
square planar coordination, as in coenzyme F430 
(4-61), the two axial positions can be unoccupied 
(square planar tetracoordinate), one can be occupied 
(square pyramidal pentacoordinate), or both can 

Table 4 –5: Rates of Exchange of Water Bound 
in an Inner-Sphere Complex of a Metallic 
Cation at 25 ªC1153 ,1154

cation rate constanta 
(ms-1) 

 cation rate constanta 
(ms-1) 

K+ 4000 Zn2 + 3 0 

Mg2 + 0.6  Co2 + 1 

Ca2 + >10000 Cu2 + 5000 

Mn2 + 2 0 Fe3 + 2  ¥ 10-4 

Fe2 + 3  Co3 + 1 ¥ 10-7  

Ni2 + 0.03  Cr3 + 7  ¥ 10-13  

aFor the reaction 

 [Me(OH2 )m]n+ + H2 O* Æ [Me(OH2 )m–1(O*H2 )]n+ + H2 O 
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be occupied (octahedral hexacoordinate), depending 
on the strength of the ligands available. 
 In the Ni2+ state of the superoxide dismutases 
from Streptomyces seoulensis1155 and S. coelicolor,1156 
the ligands coordinating Ni2+ are the sulfido groups 
of two cysteines and the unhydronated amido nitro-
gens of two peptide bonds. These ligands produce 
strong fields that would destabilize an octahedral 
coordination. In this instance, the four ligands are 
in a square planar array and both axial positions 
are unoccupied. In a square planar coordination, 
strong field ligands, such as dehydronated amido 
nitrogens of peptide bonds and sulfido groups, 
promote a low-spin state for Ni2+ in which the axial 
3dz2 orbital is doubly occupied and the 3dx2-y2 orbital, 
oriented toward the ligands, is vacant.1157 The stability 
of this configuration is the reason that unconstrained, 
low-spin Ni2+ is nearly always square planar. In this 
low-spin state, axial ligands, if they are present, are 
only weakly associated. 
 Although a square planar coordination, such 
as those just described, that increases in covalency 
with softer ligands is common with Ni2+, other 
dispositions of ligands are possible. For example, in 
the reduced nickel–iron hydrogenases, Ni2+ is coordi-
nated with four sulfanyl groups from four cysteines 
in a distorted square planar array in which one of 
the four sulfurs is bent up away from the plane of 
the other three until it is almost normal to the 
plane.1158,1159 This disposition of ligands is neither 
a tetrahedral nor a square planar arrangement. It 
must result from steric effects exerted by the active 
site. 
 There is a binuclear cluster of two Ni2+ in the 
active site of urease 

       
                (4-426) 

In the crystallographic molecular model of the enzyme 
from Sporosarcina pasteurii in a complex wih phos-
phorodiamidate, an analogue of the tetrahedral 
intermediate in the reaction (Figure 4-54),1160 each 
Ni2+ is coordinated by two imidazolyl groups from 
two histidines and one of the two oxygens from the 
carboxy group on N6-carboxy-Lysine 219. One oxygen 

of phosphorodiamidate is a m-oxo ligand between 
the two Ni2+. The other oxygen is a ligand to one Ni2+, 
and one nitrogen is a ligand to the other Ni2+. One 
Ni2+ has these five ligands in a sterically distorted 
square pyramidal coordination; the other Ni2+ has 
an oxygen of the carboxy group of Aspartate 362 as 
a sixth ligand in a sterically distorted octahedral 
coordination. 
 Zinc dication, Zn2+, is a small transition metallic 
cation that is borderline in hardness. Its ionic radius 
(Table 4-3) is indistinguishable from those of Mg2+, 
Fe2+, and Ni2+ and somewhat smaller than that of 
Mn2+. It is a d10 metallic cation, so all five of its 3d 
orbitals are occupied by pairs of electrons, a configu-
ration that fills the 3d shell. Because the 3d shell is 
fully occupied, there is only a low-spin state. It has 
already been noted that Zn2+ is able to form tetra-
hedral, mostly covalent complexes (4-152) by using 
the sp3 hybrids of its vacant 4s and 4p orbitals. 
 Zinc dication is the most versatile metallic cation 
functioning as a Lewis acid in the active sites of 
metalloenzymes. Its versatility in this role arises 
from its stability to oxidation and reduction because 
its 3d orbitals are fully occupied; its ability to form 
tetracoordinate, pentacoordinate, and hexacoordi-
nate complexes with Lewis bases; and its ability to 
be coordinated with lone pairs from oxygen, nitro-
gen, and sulfur. Often two or three of these rather 
different bases coordinate the Zn2+ in an active site. 
When Zn2+ is coordinated by four sulfurs (4-152), 
which are soft bases, the interaction is usually tetra-
hedral and almost entirely covalent. The complex 
between Zn2+ and the harder base ammonia, 
[Zn(NH3)4]2+, is also tetracoordinate and tetrahedral. 
This tetrahedral coordination of Zn2+ is observed 
when Zn2+ forms complexes with 1,2-diaminoethane, 
cyclic lactams, and imidazole. As the ligands become 
harder, however, geometries become more variable 
as the bonding becomes less covalent and tetrahedral 
and more ionic and flexible. For example, the complex 
[Zn(OH2)6]2+ between Zn2+ and water, a hard base, 
is hexacoordinate and octahedral for the same reasons 
that ligands around Mg2+, a metallic dication of the 
same radius, are octahedral. As hydrons are removed, 
however, and the donor strength of the ligands in-
creases, covalency becomes more favorable because 
of decreases in ligand field stabilization, and the coor-
dination decreases to four ligands, as [Zn(OH)3(OH2)]-.  
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Figure 4-54: Stereodrawing134 of the crystallographic molecular 
model of the active site of urease from S. pasteurii occupied by 
two Ni2+ and phosphorodiamidate (4-76), a analogue of the 
tetrahedral intermediate in the enzymatic reaction.1160 Black 
atoms are carbons, white atoms are oxygens, small gray atoms 
are nitrogens, and the large dark gray atom is an atom of phos-
phorus. The small dark gray spheres are the nickel ions sur-
rounded by their ligands. The enzyme was purified from 
cytoplasm of S. pasteurii and crystallized from 1 M (NH4)2SO4, 
4 mM phosphorodiamidate, 10 mM 2-ammonio-2-hydroxy-
methylpropane-1,3-diol, and 50 mM citrate at pH 7. Electron 
density for phosphoramidate and two Ni2+ could be observed 
in the active site. The molecular model of phosphorodiamidate 

is in the center of the figure. The hexacoordinate Ni2+ has as 
four of its monodentate ligands the imidazolyl groups of Histi-
dines 136 and 138, an oxygen from the carboxylato group of 
Aspartate 362, and an amido nitrogen of phosphorodiamidate. 
The pentacoordinate Ni2+ has as three of its monodentate ligands 
the imidazolyl groups of Histidines 248 and 274 and an oxygen 
from the phosphorodiamidate. One oxygen of phosphoro-
diamidate is a m-oxo ligand between the two Ni2+, and each 
Ni2+ is coordinated by one of the two oxygens from the carboxy 
group on N-carboxy-Lysine 219. Histidine 322 forms a hydrogen 
bond with one of the nitrogens in the phosphorodiamidate, 
and the acyl oxygen of a peptide bond in the polypeptide forms 
a hydrogen bond with the other nitrogen. 
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A distorted octahedral complex (4-159) forms with 
two acetates1161,1162 

 

The zinc ion forms a trigonal bipyramidal penta-
coordinate complex with, among other ligands, 
8-aminoquinoline 4-160.1163 In this case, the four 
nitrogens from two aminoquinolines and a molecule 
of water are the five Lewis bases that generate the 
complex [Zn(N2C9H8)2(OH2)]2+. 
 The ability of Zn2+ to be coordinated effectively 
by lone pairs on nitrogen, oxygen, and sulfur is also 
exploited in the association of substrates. For example, 
the amido nitrogen in cyanamide becomes a ligand 
to the prosthetic Zn2+ in the active site of cyanamide 
hydratase from S. cerevisiae during its hydration;1164 
the acyl oxygen in a peptide bond becomes a ligand 
to the prosthetic Zn2+ in the active site of thermolysin 
(Figure 3-42) during its hydrolysis by a molecule of 
water, the oxygen of which is also a ligand to Zn2+; 
and the sulfanyl group of a cysteine in a substrate 
becomes a ligand to the prosthetic Zn2+ in the active 
site of protein farnesyltransferase from S. cerevisiae 
during its farnesylation.1165 
 There is no typical arrangement for the ligands 
coordinating Zn2+ when it is bound in an active site 
(Figure 4-55).1166-1173 Examples from its eclectic set 
of mononuclear coordinations in the active sites of 
enzymes are two imidazolyl groups, the oxygen 
from a monodentate carboxy group, and the oxygen 
of what was the molecule of water that added nucleo-
philically to the acyl oxygen of the peptide bond of 
the substrate in the active site of thermolysin (Fig-
ure 3-42); three sulfanyl groups and a molecule of 
water or the 4-oxo oxygen of uridine in cytidine 
deaminase (Figure 3-36); two sulfanyl groups, an 
imidazolyl group, and a molecule of water in GTP 
 
 

cyclohydrolase I from E. coli;1174 three imidazolyl 
groups and an oxygen from the substrate bicar-
bonate in human carbonic anhydrase 1 (Figure 
4-55A);1169 three imidazolyl groups and the two 
oxygens of the cis-enediol intermediate in fructose-
bisphosphate aldolase from M. tuberculosis (Figure 
4-55B);1171 the oxygen from a carboxy group, the 
acyl oxygen from the g-carbamoyl group of a gluta-
mine, an imidazolyl group, and the two oxygens 
from an analogue of the cis-enediol intermediate in 
human lactoylglutathione lyase (Figure 4-55C);1167 
and an imidazolyl group, the two oxygens of a biden-
tate carboxylato group, an oxygen from another 
carboxy group, a sulfanyl group, and the carbonyl 
oxygen from the substrate ∂-arabinose 5-phosphate 
in 3-deoxy-8-phosphooctulonate synthase from 
A. aeolicus (Figure 4-55D).1168 Adjacent to the active 
site in isopentenyl-diphosphate D-isomerase from 
E. coli, there is a structural Zn2+ hexacoordinated 
by three imidazolyl groups, bidentately by the two 
oxygens of a carboxylato group, and monodentately 
by one oxygen of another carboxy group.1175,1176 
The tetracoordinate Zn2+ in aspartate carbamoyl-
transferase (4-152) is distant from the active site 
and performs only a structural role. 
 Many zinc metalloenzymes have dinuclear 
clusters of Zn2+, often bridged by a single atom of 
one of the ligands. One example is the dinuclear 
cluster of two Zn2+ in the active site of aryldialkyl-
phosphatase from B. diminuta (Figure 4-55E).1166,1177 
One pentacoordinated Zn2+ is coordinated by two 
imidazolyl groups and the oxygen of a carboxy group, 
and the other is coordinated by two imidazolyl 
groups and the phospho oxygen of diisopropyl 
methylphosphonate, an analogue of a substrate. In 
addition, a m-hydroxide, located between the two 
Zn2+ and bridging them, provides one lone pair to 
each Zn2+, and the carboxylato group of an 
N6-carboxylysine provides one oxygen as a ligand 
to one Zn2+ and the other oxygen as a ligand to the 
other Zn2+. In the active site of succinyl-diamino-
pimelate desuccinylase from H. influenzae (Figure 
4-55F),1170 each of the two pentacoordinated Zn2+ 
is coordinated by an imidazolyl group and biden-
tately by the two oxygens of a carboxylato group. In 
addition, a m-hydroxide, located between the two 
Zn2+ and bridging them, provides one lone pair to 
each Zn2+, and the carboxylato group of an aspar-
tate provides one oxygen as a ligand to one Zn2+ 
and the other oxygen as a ligand to the other Zn2.  
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Figure 4-55: Ligands to zinc dications in drawings134 of the 
crystallographic molecular models for the active sites of metallo-
enzymes. Black atoms are carbons, white atoms are oxygens, 
small darker gray atoms are nitrogens, large lighter gray atoms 
are sulfurs, and large dark gray atoms are atoms of phosphorus. 
The small dark gray spheres are zinc ions surrounded by their 
ligands. (A) The Zn2+ in the active site of human carbonic 
anhydrase 1, which is occupied with its substrate bicarbonate, 
has as its four tetrahedrally arrayed ligands the imidazolyl 
groups of Histidines 94, 96, and 119 and one of the oxyanions 
from bicarbonate.1169 (B) The Zn2+ in the active site of fructose-
bisphosphate aldolase from M. tuberculosis, which is occupied 
with what has been assigned as the cis-enediolate of its substrate 
glycerone phosphate, has as its five ligands the imidazolyl 
groups of Histidine 96, 212, and 252 and the two oxygens from 
the cis-enediolate.1171 (C) The Zn2+ in the active site of human 
lactoylglutathione lyase, which is occupied with S-(N-hydroxy-
N-4-iodophenylcarbamoyl)glutathione, an analogue of the 
S-(cis-enediolato) intermediate in the enzymatic reaction, has 
as its five ligands the oxygens of the amido group of Glutamine 33 
and the carboxylato group of Glutamate 99 from one subunit 
of the enzyme, the imidazolyl group of Histidine 126 from the 
other subunit, and the two oxygens of the N-hydroxycarbamoyl 
group that are  homologues of the two oxygens of the 
S-(cis-enediolato) intermediate. Only the side chain of the 
S-(N-hydroxycarbamoyl)cysteinyl portion of the analogue 
without the iodophenyl group is drawn.1167 (D) The Zn2+ in the 
active site of 3-deoxy-8-phosphooctulonate synthase from 
A. aeolicus, which is occupied with the substrates phosphoenol-
pyruvate and ∂-arabinose 5-phosphate, has as its six ligands 
the sulfanyl group of Cysteine 11, the imidazolyl group of Histi-
dine 185, the two oxygens of the carboxylato group of Gluta-
mate 222, the carboxylato group of Aspartate 233, and the oxo 
oxygen of the ∂-arabinose 5-phosphate.1168 (E) One of the two 
 
 
 
 
In the active site of bovine leucyl aminopeptidase 
(Figure 4-55G),1172 one of the hexacoordinated Zn2+ 
is coordinated by one oxygen from an aspartate and 
its peptidyl acyl oxygen as well as an oxygen from 
the phosphonyl group of 1-amino-3-methyl-
propylphosphonate, an analogue of the tetrahedral 
intermediate in the enzymatic hydrolysis; and the 
other hexacoordinated Zn2+ is coordinated by the 
6-amino group of a lysine, the amino group of 
1-amino-3-methylpropylphosphonate, and the 
oxygen of the carboxylato group of an aspartate. In 
addition, one carboxylato oxygen of an aspartate 
and one phospho oxygen of 1-amino-3-methyl-
propylphosphonate are located between the two 
Zn2+ and provide bridging ligands to both; and the 
carboxylato group of a glutamate provides one oxygen 
as a ligand to one Zn2+ and the other oxygen as a 
ligand to the other Zn2+. 
 In the complete collection of these examples of 
Zn2+ in active sites (Figure 4-55), there are tetra-
coordinate, pentacoordinate, and hexacoordinate 
arrangements that are more or less sterically distorted  
 
 

Zn2+ in the active site of aryldialkylphosphatase from B. diminuta, 
which is occupied with diisopropyl methylphosphonate (an 
analogue of a phosphotriester substrate) has as three of its ligands 
the imidazolyl groups of Histidines 201 and 230 and the phospho 
oxygen of the diisopropyl methylphosphonate. The other Zn2+ 
has as three of its ligands the oxyanion of the carboxylato 
group of Aspartate 301 and the imidazolyl groups of Histidines 
55 and 57. A m-hydroxide is located between the two Zn2+ and 
serves as a ligand to each ion. Each oxygen of the carboxylato 
group of N-carboxy-Lysine 169 provides a ligand1166,1173 to one 
of the Zn2+. (F) One of the two Zn2+ in the active site of succinyl-
diaminopimelate desuccinylase from H. influenzae has as 
three of its ligands the two oxygens of the carboxylato group of 
Glutamate 163 and the imidazolyl group of Histidine 67. The 
other Zn2+ has as three of its ligands the two oxygens of the 
carboxylato group of Glutamate 135 and the imidazolyl group 
of Histidine 349. A m-hydroxide is located between the two 
Zn2+ and serves as a ligand to each ion. Each oxygen of the car-
boxylato group of Aspartate 100 provides a ligand1170 to one of 
the Zn2+. (G) One of the two Zn2+ in the active site of bovine 
leucyl aminopeptidase, which is occupied by 1-amino-
3-methylpropylphosphonate (an analogue of the tetrahedral 
intermediate) has as three of its ligands the 6-amino group of 
Lysine 282, the carboxylato group of Aspartate 305, and the 
amino group of 1-amino-3-methylpropylphosphonate. The 
other Zn2+ has as three of its ligands the carboxylato group of 
Aspartate 364, the amido oxygen of the peptide bond following 
Aspartate 364, and one of the phospho oxygens of 1-amino-
3-methylpropylphosphonate. A carboxylato oxygen of Aspar-
tate 287 and a phospho oxygen of 1-amino-3-methylpropyl-
phosphonate are m-oxo ligands located between the two Zn2+, 
and each oxygen acts as a ligand to each Zn2+. Each oxygen of 
the carboxylato group of Glutamate 366 provides a ligand1172 
to one of the Zn2+. 
 
 
 
 
from the paradigmatic tetrahedral, trigonal bipyrami-
dal, tetragonal pyramidal, and octahedral geome-
tries, respectively, and lone pairs of electrons on 
sp3 and sp2 oxygens, sp3 and sp2 nitrogens, and 
sp3 sulfurs serve as ligands. One conclusion from 
this promiscuity is that the identities of ligands to 
Zn2+ in active sites are in part arbitrary. For example, 
the homologous (26% identity; 2.7 gap percent) 
murine cytidine deaminases from Mus musculus 
(Figure 3-36) and E. coli1178 and the unrelated cyto-
sine deaminase from E. coli1179 all use a single Zn2+ 
as a Lewis acid to catalyze the same reaction. The 
Zn2+ is coordinated in the murine enzyme by three 
sulfanyl groups,848 in the homologous enzyme from 
E. coli by two sulfanyl groups and an imidazolyl 
group, and in the nonhomologous enzyme from 
E. coli by three imidazolyl groups. Two of the three 
sulfanyl groups in the murine enzyme are acceptors 
for hydrogen bonds from the guanidinio group of 
an arginine, which may modulate their field 
strengths.1180 
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 It also seems that the number of ligands to 
Zn2+ is flexible. For example, the ability of Zn2+ to 
alternate between tetracoordination and penta-
coordination while bound as a Lewis acid in the active 
site of an enzyme has been demonstrated in studies 
of thermolysin (Figure 3-42). In the crystallographic 
molecular model of the unoccupied active site in 
the native enzyme, the Zn2+ is pentacoordinate. 
Histidines 142 and 146 each provide a lone pair of 
electrons, Glutamate 166 provides two lone pairs of 
electrons as a bidentate ligand, and the fifth position 
is occupied by a molecule of water.1181,1182 There 
are several different complexes in which the active 
site of thermolysin is occupied by ligands. The first 
(4-161) is a complex with the competitive inhibitor 
3-phenylpropionyl-L-phenylalanine 

 

in which the peptide bond is intact.1183 Figure 3-42 
and 4-162 depict a second complex between the 
active site of thermolysin and a phosphonamidate 
(previously 3-83) 

 

an analogue of the tetrahedral intermediate.1184 
There is a third complex of the active site of thermo-
lysin with N-(1-carboxy-3-phenylpropyl)-¬-leucyl-
¬-tryptophan, an analogue of the carboxy terminus 
of the amino-terminal product of hydrolysis of a 
peptide bond.1185 In crystallographic molecular 
models of these three complexes, Glutamate 166 
has become a monodentate ligand at only one of its 
oxygens. The molecule of water in the unliganded 
enzyme has been replaced by a monodentate lig-
and—the acyl oxygen of 3-phenylpropionyl-
¬-phenylalanine (4-161), the oxyanion of phos-
phonamidate 4-163 (4-162), or the carboxylato 
group of the carboxy terminus—and the Zn2+ has 
become tetracoordinate. 
 Each complex, representing in turn three major 
intermediates in the enzymatic reaction, has almost 
identical tetrahedral tetracoordination (4-162). 
Dissociation of the other oxygen of the carboxy 
group of Glutamate 166 from the Zn2+ is probably 
the result of a steric effect. Each bulky ligand—
attached to the active site in multiple locations, as 
are the actual substrates and intermediates in the 
normal enzymatic reaction—draws the zinc toward 
itself into a location that can no longer accommo-
date bidentate coordination by the carboxy group 
of Glutamate 166. 
 Hydroxamate 4-164 

 

is also a competitive inhibitor for the enzyme. In 
the crystallographic molecular model of the complex 
with the active site,1108 the hydroxamate provides 
two ligands to Zn2+—a lone pair of electrons from 
the acyl oxygen and a lone pair of electrons on the 
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oxygen in the hydroxy group of the hydroxamate—
to accomplish its pentacoordination (4-165). This 
complex probably represents the Michaelis complex 
between a polypeptide and the active site. The acyl 
oxygen of the peptide bond in the Michaelis complex 
is represented by the acyl oxygen of the hydrox-
amate. The molecule of water that was bound to 
the Zn2+ before association of the polypeptide, 
which will add nucleophilically to the acyl carbon 
of the peptide bond in the next step to form the tetra-
hedral intermediate, is represented by the hydroxy 
group of the hydroxamate. In this complex, Gluta-
mate 166 is also a monodentate ligand and the pen-
tacoordination is different from the 
pentacoordination in the unoccupied active site.  
 In the active site of threonine–tRNA ligase from 
E. coli, the Zn2+ that recognizes the ¬-threonine is 
tetracoordinate in the unoccupied state with a sulfa-
nyl, two imidazolyl groups, and a molecule of water 
as ligands 

               (4-427) 

When the ¬-threonine, however, occupies the active 
site, both its hydroxy group and its amino group are 
ligands to the Zn2+, making it pentacoordinate in a 
distorted tetragonal pyramid.1186 
 Cadmium is in the same group, immediately 
below zinc in the periodic table, so cadmium dication, 
Cd2+, is a larger and hence softer transition metallic 
cation than Zn2+. Nevertheless, it is used instead of 
Zn2+ in carbonic anhydrase from Thalassiosira weiss-
flogii, which can live in regions of the ocean with 
very low levels of Zn2+. The Cd2+ is coordinated in 
the resting enzyme in this rare if not exclusive ap-
pearance by two sulfanyl groups, an imidazolyl 
group, and two molecules of water.1187 
 
 One might imagine that there would be little 
doubt as to which of the metallic dications just 
described are incorporated into a particular metallo-
enzyme to fulfill its particular role when the enzyme 
is in the cytoplasm, the solution in which it has 
evolved, but unfortunately, in many instances it is 

difficult, if not impossible, to ascertain this seem-
ingly simple fact. 
 There are enzymes that retain one or more 
metallic dications as a part of their structure as 
they are being purified and also retain their full 
enzymatic activity throughout. For example, Zn2+, 
which is the native metallic dication in the active 
site of N-acetylglucosamine-6-phosphate deacetylase 
from E. coli,1188 is retained during purification. When 
fructose-bisphosphate aldolase is purified from 
S. cerevisiae, the enzyme is found to contain one 
tightly bound Zn2+ for each active site (Figure 
4-55B).1189 If the Zn2+ is removed from the enzyme, 
its enzymatic activity is lost.1190 Purified thermolysin 
(Figure 3-42),1191 cytidine deaminase (Figure 3-36),1178 
carbonic anhydrase (Figure 4-55A),1192 lactoylgluta-
thione lyase (Figure 4-55C),1193 3-deoxy-8-phospho-
octulonate synthase (Figure 4-55D),1194 aryldialkyl-
phosphatase (Figure 4-55E),1177 succinyl-diamino-
pimelate desuccinylase (Figure 4-55F),1195 and leucyl 
aminopeptidase (Figure 4-55G)1196 are other examples 
of metalloenzymes that retain their Zn2+ during purifi-
cation to homogeneity. Urease (Figure 4-54)1197,1198 
retains its Ni2+, and pyruvate carboxylase from 
G. gallus1146 retains its Mn2+. Because they seem to 
be permanent participants in the active site, these 
metallic dications that purify with the enzyme can 
be considered to be prosthetic. 
 The Zn2+ in the active site of native N-acetyl-
glucosamine-6-phosphate deactylase can be removed 
and replaced with Cd2+, Co2+, Mn2+, Fe2+, or Ni2+, 
each of which reactivates the enzyme1199 to catalytic 
constants about the same as that for Zn2+. Fructose-
bisphosphate aldolase in which the native Zn2+ has 
been replaced by Ni2+, Cu2+, or Mg2+ is inactive (<0.5% 
activity).1190 When, however, the Zn2+ is replaced1189 
by Co2+, Fe2+, or Mn2+, the enzyme regains activity, 
but its catalytic constant has decreased by factors 
of 2, 2.7, and 7, respectively,1190 relative to the enzyme 
in which Zn2+ has been reincorporated. Even though 
a limited number of replacements are permitted, 
there can be little doubt that the metallic dication 
normally incorporated into N-acetylglucosamine-
6-phosphate deactylase and fructose-bisphosphate 
aldolase is Zn2+, because that dication is still pre-
sent following purification. 
 Several of the enzymes that retain their metallic 
dications during purification because they are so 
tightly bound in the active site require specific 
chaperones that are essential for the incorporation 
of the metallic dications during their folding and 
maturation.1200 Metallochaperones are able to bind 
tightly metallic dications that are present at extremely 
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low free concentrations in the cytoplasm (Table 
4-4), such as Ni2+, Zn2+, and Cu2+, and deliver them 
to the folding metalloenzyme for insertion into 
their active sites.1201 For example, a chaperone 
produced by expression of the UreE genes in bacteria 
is able to bind Ni2+ tightly and participate in its 
incorporation into urease,1202,1203 the active site of 
which contains a dinuclear cluster of Ni2+. The fact 
that such an elaborate system is required to incor-
porate the metallic dication in the first place sug-
gests that once a metal is incorporated into an active 
site by a metallochaperone, it will remain incorpo-
rated throughout the lifetime of the enzyme. 
 There is one caveat concerning identification 
of the metallic cation that is bound so tightly that it 
copurifies with the enzyme. In the past, when an 
enzyme retained its cytoplasmic metallic cation, a 
definitive identification of that prosthetic metallic 
cation was usually made by standard qualitative 
and quantitative inorganic analysis. One difficulty 
with this approach is that significant amounts of 
protein are needed and are usually lost during the 
procedure. Methods that require less protein, such 
as mass spectrometry, X-ray absorption spectros-
copy,1204 X-ray fluorescence,1205 and particle-
induced X-ray emission,1206 can be used to make 
identifications when the presence of a metallic cation 
is suspected. A difficulty arises when a metallic cation 
that is yet to be identified is observed in a crystallo-
graphic molecular model. There are procedures for 
identifying it provisionally by varying the wavelength 
of the X-rays used to determine the map of electron 
density through the absorption edges of the various 
metals.1207 It has been noted, however, that when 
identification of the metallic cation in an active site 
is made based only on crystallography, that identi-
fication is often incorrect.1206 
 There are other metalloenzymes that require a 
metallic dication to be added to the solution after 
they have been purified as well as during their puri-
fication before they display any catalytic activity, 
but they are themselves, following purification, devoid 
of any metallic dication. In these situations, either 
the metallic dication present in the active site when 
the enzyme is in the cytoplasm is bound weakly 
and dissociates as the enzyme is purified, or the 
procedures for purifying the enzyme are so harsh 
that they promote dissociation of an otherwise 
tightly bound metallic dication. For enzymes that 
lose their metallic dications during purification, it 
is unlikely that metallochaperones are involved in 
incorporating the metal during the folding of their 
polypeptides because the metallic dications are 

probably dissociating and associating constantly. 
In this case, association with the active site is an 
equilibrium between bound metallic dication and 
metallic dication free in the cytoplasm. Because, in 
this instance, the metallic dications are not perma-
nent or even semipermanent participants in the active 
site, although they are cofactors, they are obviously 
not prosthetic. 
 For enzymes in this class, when they are in the 
cytoplasm under normal circumstances, it is possible 
that the sites at which the required metallic dications 
are coordinated are occupied because the concen-
trations of those metallic dications in the cytoplasm 
are high enough to saturate those sites, and their 
association with the preferred metallic dication is 
specific enough to exclude significant association 
of other metallic dications. It is also possible, however, 
that many of these enzymes with loosely bound 
catalytic metallic dications are able to use more 
than one particular metallic dication for effective 
catalysis in the cytoplasm. 
 When phosphoglucomutase is purified from 
muscle of O. cuniculus, it contains no metallic dicat-
ions, but its enzymatic activity displays an absolute 
requirement for one (activity in the absence of 
metallic dication is <0.001% that in the presence of 
Mg2+).1208 The requirement for a metallic dication 
can be fulfilled by Mg2+, Ni2+, Co2+, Mn2+, or Zn2+. 
Although the relative capacity of each metallic dication 
to reactivate the enzyme varies with temperature 
and pH,1209 Mg2+, Ni2+, and Co2+ are almost equally 
effective at restoring a high catalytic constant, 
while the catalytic constants of the enzyme recon-
stituted with Mn2+ and Zn2+ are much less. Purified 
3-dehydroquinate synthase from Aspergillus nidulans 
requires addition of a metallic dication before it will 
catalyze its enzymatic reaction, and the require-
ment can be fulfilled1210 by Zn2+ and Co2+ and to a 
lesser extent by Fe2+ and Ni2+. In addition, Eu3+ and 
Sm3+, which are definitely nonphysiological metallic 
dications, work almost as well as Zn2+ and Co2+. 
The requirement for a metallic dication displayed 
by N-formylmethionylaminoacyl-tRNA deformylase 
from E. coli1211 can be fulfilled only by Mn2+ and Ni2+. 
 Either the catalytic constant or the specificity 
constant for a substrate can differ, depending on 
the metallic dication that is chosen to occupy the 
active site and activate the enzymatic reaction. For 
example, when Co2+ is used as the prosthetic metal 
in the active site of 3-dehydroquinate synthase 
from E. coli,1212 its catalytic constant is 14 s-1, but 
when Zn2+ is used,1152 it is 7 s-1; with Ni2+, it is 
3.3 s-1; with Cd2+, it is 1.7 s-1; with Mn2+, it is 1.4 s-1; 
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and with Cu2+, it is 1.3 s-1. When Co2+ is the pros-
thetic metal in the active site of xylose isomerase 
from Piromyces,1213 its specificity constant for xylose 
is 3300 M-1 s-1; with Mn2+, it is 1100 M-1 s-1; with Mg2+, 
it is 270 M-1 s-1; and with Ca2+, it is 0.2 M-1 s-1. 
The apparent dissociation constant for the metallic 
dication can also vary widely. For xylose isomerase 
from Piromyces, the apparent dissociation constants 
for Mn2+, Co2+, Mg2+, and Ca2+ are 1.4, 6.5, 100, and 
160 mM, respectively. 
 In at least one instance, there seems to be a 
linear correlation between standard free energy of 
association with the active site for nine metallic 
dications that activate an enzyme and density of 
charge for the respective dication.1214 In most in-
stances, however, there seems to be little rationale 
for which metallic dications are effective at per-
forming the role of a Lewis acid in the active site of 
an enzyme that loses its native metallic dication 
during purification. The distinction between dications 
that are effective and those that are not may arise 
from subtle differences in the arrangement of ligands 
that coordinate the metallic dication. For example, 
mammalian lactoylglutathione lyase (Figure 4-55C) 
retains its Zn2+ during purification.1193 The homol-
ogous enzyme from E. coli (38% identity; 2.3 gap 
percent) loses its metallic dication during purifica-
tion and can use Ni2+, Co2+, and Mn2+ as catalytic 
Lewis acids but not Zn2+.1215 The difference in the 
two enzymes is the identity and arrangement of the 
ligands coordinating the respective metallic dicat-
ions.1216 
 When an enzyme loses its metallic dication 
during purification, the question that arises is which 
metallic dication performs the role of a Lewis acid 
in the active site when the enzyme is in the cyto-
plasm. Estimates of free concentrations* of the 
metallic dications in cytoplasm (Table 4-4)1130 can 
provide limits on which metallic dication may be 
functioning physiologically.† For example, the 

																																																								
*These estimates of free concentrations are imprecise because 
metallic dications are usually bound tightly to proteins, nucleic 
acids, and carbohydrates in the cytoplasm. Consequently, the 
free concentration of any one of these dications, the concen-
tration that is relevant to an equilibrium constant for associa-
tion with an active site, is only a small fraction of its total 
concentration, which is usually the only precisely known value. 
The imprecision in these estimates of free concentration for 
metallic dications other than Mg2+ is thought to be plus or minus 
a factor of 10.1130 
†Cadmium dication, Cd2+, and the dications and trications of 
the other soft metals are almost always toxic, and there usually 
are physiological mechanisms for keeping their free concentra-
tions in cytoplasm at vanishingly low levels. 

 

Michaelis constants for Mg2+ and Mn2+ for the initial 
rate of the reaction catalyzed by phosphopyruvate 
hydratase from S. cerevisiae are 0.50 mM and 5 mM, 
respectively, while the catalytic constants of the en-
zyme are about the same for the two dications.1217 Be-
cause the free concentration of Mg2+ in cytoplasm is 
about 10,000 times higher than the free concentra-
tion of Mn2+ (Table 4-4), only about 1% of the total 
activity of the enzyme in the cytoplasm should re-
sult from active sites using Mn2+. Dimethylsulfonio-
propionate lyase from Pelagibacter ubique requires 
a metallic dication for enzymatic activity, and that 
requirement can be filled by Ni2+, Mn2+, Fe2+, Co2+, 
Zn2, and Cu2+. Because Ni2+ gives the highest specific 
activity of all these metallic dications and is present 
in seawater at relatively high concentrations, it was 
concluded that Ni2+ is the metallic dication normally 
present in the active site.1218 In the case of xylose 
isomerase from Piromyces, it was concluded that, 
in the cytoplasm, each active site of the enzyme 
was occupied by one of several different metallic 
dications.1213 
 There is a group of enzymes that can use as 
their required Lewis acid either Mg2+ or Mn2+, two 
hard metallic dications of small, almost equivalent 
ionic radius (Table 4-3) and acidity (Table 4-2) but 
significantly different rates of exchange (Table 4-5). 
Phosphopyruvate hydratase (Equation 4-128) from 
S. cerevisiae,1217 pyruvate kinase from O. cunicu-
lus,1219-1221 and mandelate racemase (Equation 4-126) 
from P. putida1222 are typical members of this group. 
For xylose isomerase from Streptomyces violaceoruber, 
the Michaelis constant for Mg2+, KmMg, is the same1223 
as that for Mn2+, but the catalytic constant when 
the enzyme is using Mg2+ as its Lewis acid is 5 times 
greater than when it is using Mn2+. For xylose isom-
erase from L. brevis (23% identity; 2.2 gap percent), 
however, only Mn2+, not Mg2+, is catalytically effec-
tive.1224 
 When Mg2+ is able to fulfill the role of a Lewis 
acid in the active site of a metalloenzyme that has 
lost its native metallic dication, Mg2+ usually performs 
that role in the cytoplasm as well. For example, in the 
cytoplasm, Mg2+ is probably the metallic dication 
responsible for all the activity of phosphogluco-
mutase.1209 3-Deoxy-8-phosphooctulonate synthase 
from A. aeolicus requires a metallic dication for its 
catalysis, and the requirement can be fulfilled by 
Cd2+, Mn2+, Co2+, or Ni2+ and to a lesser extent Cu2+, 
Zn2+, and Mg2+.1225 Even though much higher con-
centrations of Mg2+ are required to activate the en-
zyme than most of the other dications, the 
concentration of Mg2+ in cytoplasm is also much 
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higher. Consequently, in the cytoplasm, active sites 
using Mg2+ as the Lewis acid are probably respon-
sible for most of the enzymatic activity, with the 
remainder coming from active sites using Mn2+. 
Glutamine synthetase from E. coli is controlled1226 
by the adenylation of Tyrosine 397. Unadenylated 
enzyme can use only Mg2+ as a Lewis acid1227 
(KmMg = 17 mM)1228 while adenylated enzyme can 
use only Mn2+ (KmMn = 1.7 mM), and the catalytic 
constant for unadenylated enzyme using Mg2+ is 
4 times that for adenylated enzyme using Mn2+. 
From values for Michaelis constants, catalytic con-
stants, and free concentrations of Mg2+ and Mn2+ 
(Table 4-4), it can be concluded that, in the cyto-
plasm, even though the activity of the adenylated 
enzyme at saturating concentrations of Mn2+ is sig-
nificant, the adenylated enzyme is essentially inactive 
relative to the unadenylated enzyme. Phosphoenol-
pyruvate carboxykinase (ATP), however, has been 
shown to require both Mg2+ and Mn2+ for effective 
catalysis:1229-1231 the Mg2+ enters the active site as 
MgATP2– while the Mn2+ acts as a Lewis acid to cata-
lyze the reaction.1232 
 When Mg2+ cannot perform the role of a Lewis 
acid in a metalloenzyme that can use one of several 
other metallic dications, the metallic dication 
performing that role in the cytoplasm is harder to 
identify. Because the free concentration of Ni2+ in 
cytoplasm is vanishingly small (Table 4-4), N-formyl-
methionylaminoacyl-tRNA deformylase1211 must 
use Mn2+. S-Ribosyl homocysteine lyase can use 
Fe2+, Zn2+, and Co2+ as a required Lewis acid in its 
active site but must use Fe2+ in the cytoplasm because 
only Fe2+ produces enzymatic activity with the 
same stability to temperature and oxidation and 
the same Km for its substrate S-(5-deoxy-∂-ribos-
5-yl)-¬-homocysteine as the enzymatic activity in a 
homogenate of cells.1233 In addition, Fe2+ is at a 
higher free concentration in cytoplasm than Co2+ 
and Zn2+. Methionyl aminopeptidase from E. coli 
can use Mn2+, Fe2+, Zn2+, and Co2+ as a required 
Lewis acid,1234,1235 but only the enzyme operating 
with Fe2+ has the same pattern of inhibition for a 
set of six synthetic inhibitors as the enzyme in a 
homogenate of cells.1236 In addition, the total cellular 
concentration of iron increases about 5 times more 
than those of the other metals when the enzyme is 
overexpressed in bacteria.1235 This latter fact can be 
explained if the free concentration of Fe2+ in the cy-
toplasm remains constant, as expected, and the ex-
cess in the total concentration of Fe2+ is that bound 
to the enzyme. Phosphoprotein phosphatase from 
bacteriophage l can use Mn2+, Fe2+, Zn2+, and Co2+ 

as well as nonphysiological Ga3+ as a Lewis acid in 
its active site,1237,1238 but the total concentration of 
manganese in cells of E. coli overexpressing the 
enzyme increases 4 times more than those of the 
other metals.1239 
 When the question of which metallic dication 
performs the role of Lewis acid in the cytoplasm 
remains unanswered, metallic dications that even-
tually turn out not to be the ones used physiologically 
are often used experimentally. For example, S-ribosyl-
homocysteine lyase from B. subtilis was crystallized 
with Co2+ coordinated in its active site1240 to obtain 
the initial crystallographic molecular model, rather 
than the Fe2+ that was eventually shown to be the 
cytoplasmic metallic dication. Before it was known 
that Fe2+ was the native Lewis acid, methionyl amino-
peptidase from E. coli was crystallized with Co2+ 
coordinated in its active site1241,1242 rather than 
Fe2+, the cytoplasmic metallic dication, to obtain 
the initial crystallographic molecular model. Experi-
ments to screen pharmacological inhibitors of 
methionyl aminopeptidase also used the enzyme 
with Co2+ in its active site, but potent inhibitors of 
the enzymatic activity elicited by Co2+ unfortunately 
had little effect on the cellular enzymatic activity.1236 
 Although it does lead to uncertainty as to which 
metallic dication is used by an enzyme in its native 
cytoplasm, the chemical lesson to be learned from 
the promiscuity displayed by many purified metallo-
enzymes, regardless of which dication plays that role 
in the cytoplasm, is that it often does not really 
matter what metallic dication is used as a Lewis acid. 
This fact, which is a common observation, seems 
counterintuitive, given the significant differences 
in electronic configuration and effects of ligand 
field among the divalent metallic dications. As has 
been noted, even metalloenzymes that retain their 
metallic dication during purification can be promis-
cuous. Often the tightly bound, physiological metallic 
dication can be removed and replaced with other 
metallic dications that can also promote catalytic 
activity.1243-1246 One conclusion from this frequent 
promiscuity of metalloenzymes is that the number 
of 3d electrons and their distribution in the five 3d 
orbitals is of little consequence for effective cataly-
sis in metalloenzymes. All that seems to be of con-
sequence is that the metallic cation be dicationic 
and be able to occupy the available coordination. 
 
 Now that the chemical characteristics of the 
individual metallic dications and the difficulty of 
determining the cytoplasmic actor in many instances 
have been discussed, the roles of the metallic dicat-
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ions incorporated into an active site or into the 
protein surrounding the active site can be described. 
 There are metallic dications in enzymes that do 
not perform catalytic roles but that are nevertheless 
required for their functions. The Mg2+ in alcohol 
dehydrogenase (NADP+) from L. brevis, the Ca2+ in 
trypsin from Streptomyces griseus (Figure 4-53), 
and the Zn2+ in aspartate carbamoyltransferase 
(4-152) are examples of metallic dications incorpo-
rated into enzymes in an exclusively structural 
role. In these instances the metallic dication, by 
drawing together several ligands from the polypep-
tide, determines the structure of the protein in its 
vicinity. Such a structural role should be distin-
guished from a catalytic role in which the metallic 
dication is a direct participant in catalysis performed 
by the active site. In the absence of an informative 
crystallographic molecular model, it is often difficult 
to distinguish whether the requirement for a metallic 
dication for the expression of enzymatic activity results 
from its participation in a structural role or a cata-
lytic role. 
 In those instances in which a metallic cation 
has a catalytic function, the catalysis is classified as 
outer-sphere or inner-sphere. Outer-sphere catalysis 
at a catalytic metallic cation occurs when ligands 
coordinated to the metallic cation are the catalysts 
rather than the metallic cation itself. An example of 
outer-sphere catalysis would be a molecule of water, 
the pKa of which has been lowered by the metallic 
cation (Table 4-2), acting as a catalytic Brønsted 
acid–base. Inner-sphere catalysis at a catalytic 
metallic cation occurs when one or more reactants 
become inner-sphere ligands to a catalytic metallic 
cation and, during their coordination, participate 
in the reaction. For example, it has been shown1247 
that metallic dications such as Zn2+ or Cu2+ can 
increase the rate constants for decarboxylation of 
b-oxo carboxylic acids by factors of at least 100 if 
the b-oxo carboxylic acid is designed to promote 
formation of a complex with the dication and if the 
complex coordinates the metallic dication directly 
to the oxygen of the developing enolate 

         
                (4-428) 

In these examples of inner-sphere catalysis, Zn2+ or 
Cu2+ serves the role of a weak hydron by forming a 
more weakly acidified (Table 4-2) analogue of an 
enol. 
 A molecule of water bound to a metallic dication 
often acts as an outer-sphere, catalytic Brønsted 
acid in an active site to hydronate a substrate, or its 
conjugate base, a hydroxide bound to the metallic 
dication, acts as a catalytic Brønsted base that removes 
a hydron from a substrate. For example, in the active 
site of 4-hydroxy-2-oxoheptanedioate aldolase 
from E. coli, a molecule of water on the prosthetic 
metallic dication acts as a catalytic acid that hydro-
nates the carbonyl oxygen of the succinate semialde-
hyde that is the electrophile in the aldol condensation 
catalyzed by the enzyme. In addition, a hydroxide 
on the metallic dication acts as a base that removes 
a hydron from the 4-hydroxy group in 4-hydroxy-
2-oxoheptanedioate in a retroaldol dissociation.1248 
In such a situation, all the ligands to the metallic 
dication remain as they were, and no exchange of 
ligands at the metallic dication is required for the 
reaction to proceed. 
 Molecules of water on metallic dications have 
a variety of values of pKa (Table 4-2), a fact that 
would seem to make them attractive candidates for 
outer-sphere Brønsted acid–bases in enzymatic 
active sites. For example, the molecule of water on 
the Mn2+ in the active site of pyruvate carboxylase 
(4-157) is a catalytic Brønsted acid. The anionic 
2-oxido oxygen of the enolate of pyruvate that is 
the intermediate in this reaction is in the outer 
sphere of the octahedrally coordinated Mn2+, and it 
participates in a hydrogen bond with the molecule 
of water that is in the inner sphere.1148 The pKa for 
this molecule of water—were it on Mn2+(H2O)6 rather 
than Mn2+ coordinated by two imidazolyl groups, a 
carboxy group, a bidentate carboxylato group, and 
the molecule of water itself—would be 10.6 (Table 
4-2), close to the pKa for the enol of pyruvate, 
which is 11.6 (Figure 1-23). Consequently, it is im-
possible to tell whether or not the molecule of water 
hydronates the enolate. Were the enolate to remain 
unhydronated, the carbanionic carbon would more 
readily add nucleophilically to the electrophilic carbon 
dioxide or the electrophilic 1-(N-carboxy)biotin 
(Equation 4-262); were the enolate hydronated 
during its formation, it would be easier for the cata-
lytic base in the active site to remove the hydron 
from the pyruvate. 
 In the active site of 3-deoxy-manno-octulosonate 
cytidyltransferase from E. coli, Mg2+·OH- acts as a 
Brønsted base to remove a hydron from the anomeric 
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2-hydroxy group on the pyranose of 3-deoxy-
∂-manno-octulosonate. The resulting oxyanion then 
adds nucleophilically to the phosphorus of the 
a-phospho group of MgCTP2-, with magnesium 
diphosphate as the leaving group, during the for-
mation of CMP-3-deoxy-∂-manno-octulosonate.1249 
In the active site of isopentenyl-diphosphate D-isom-
erase from E. coli, a hexacoordinated Zn2+ has one 
oxygen of the carboxy group of Glutamate 116 as its 
sixth ligand. The pKa for the conjugate acid of the 
other oxygen of the carboxy group of Glutamate 
116, which acts as a Brønsted acid in the reaction 
catalyzed by the enzyme, must be lowered signifi-
cantly by the Zn2+.1176 
 Such outer-sphere acid–bases, however, regard-
less of their appeal in the abstract, are seldom used 
in enzymatic active sites, perhaps because they are 
more complicated than the simple side chain of an 
amino acid. 
 In most cases, the role of a catalytic metallic 
dication in an active site is to be a Lewis acid. If the 
dication is to act as a Lewis acid, it must directly 
coordinate a lone pair of electrons on a substrate or 
an intermediate in the enzymatic reaction. Conse-
quently, when the metallic dication is acting as a 
Lewis acid, the catalysis it provides must be inner-
sphere. In nonenzymatic reactions in solution in 
which a metallic dication participates as a Lewis 
acid, the base on the reactant that is acidified is 
almost always bound in direct coordination to the 
metallic dication. 
 When a metallic dication acts as an inner-
sphere Lewis acid in an enzymatic reaction, the first 
step is the exchange of its ligands. If the metallic 
dication is to be an inner-sphere, catalytic Lewis acid, 
the ligand or ligands from the reactant must exchange 
with the ligand or ligands at the catalytic position 
or positions that are already on the cation. In addition, 
the ligand or ligands on the next reactant, or other 
ligands in solution, must exchange at the dication 
with the ligand or ligands from the product in order 
to release product and maintain turnover of mole-
cules of reactant. Therefore, an important feature 
of the ability of a metallic dication to act directly as 
a Lewis acid in an enzymatic reaction is the rate at 
which the ligands surrounding that dication can be 
exchanged (Table 4-5).* 

																																																								
*The rates of exchange tabulated are for the exchange of molecules 
of water from hydrated metallic cations in water. Table 4-5 is 
only a rough measure of actual rates of exchange in the more 
complicated coordinations within an active site and with ligands 
other than water. 

 Rates of exchange for Ca2+, Mn2+, Zn2+, and 
Co2+ are rapid (>1 ms-1) and could be accommodated 
easily during an enzymatic reaction. The rate of 
exchange for Mg2+, however, is slow and, given that 
Mg2+ is often used as an inner-sphere Lewis acid, 
this fact suggests that catalysis of the exchange of 
ligands or the use of coordinations that promote 
exchange might be required. The rate of exchange 
for Fe2+ is reasonably fast, but the rate of exchange 
for Ni2+ is slow. In the particular environment of an 
active site, in which the equilibrium between the 
low-spin and high-spin state for metallic cations 
such as Fe2+, Ni2+, and Fe3+ shifts in response to the 
particular coordination that exists, rates of exchange 
could be hastened by coordination that favors the 
high-spin state. The same could be true for the few 
active sites that use Fe3+ as a Lewis acid because 
exchange rates for this metallic trication are extremely 
slow. 
 The exchange of ligands coordinating a metallic 
cation can be associative or dissociative. Associative 
exchange is a mechanism in which the entering lig-
and associates with the metallic cation, expanding its 
coordination, and then the leaving ligand dissoci-
ates. Associative exchange is thought to occur at 
the Zn2+ in thermolysin (Figure 3-42) when the 
inhibitor 3-phenylpropionyl-¬-phenylalanine (4-161) 
binds.1108 In the resting active site, the Zn2+ is penta-
coordinate with a molecule of water as one of its 
ligands. The acyl oxygen of the inhibitor associates 
with the Zn2+, pushing the molecule of water to one 
side and causing one oxygen of the carboxy group 
of Glutamate 166 to dissociate from the Zn2+. This 
dissociation produces a pentacoordinate arrange-
ment of ligands (4-165) from which the molecule 
of water then dissociates so that the Zn2+ becomes 
tetracoordinate (4-162). Dissociative exchange is a 
mechanism in which the leaving ligand dissociates 
from the metallic cation, contracting its coordination, 
and then the entering ligand occupies the open site 
of coordination. Ligands exchange at Mg2+ dissoci-
atively because there is no room around the crowded 
octahedrally hexacoordinated cation for a seventh 
ligand to occupy. 
 When MgATP2- and pyruvate enter the active 
site of pyruvate kinase, one oxygen of the phospho 
group, the oxygen of the carbonyl group, and one 
oxygen of the carboxy group enter the inner sphere 
of the catalytic Mg2+, which is not the Mg2+ that en-
tered on the MgATP2- (Equation 4-275 and Figure 
4-52). Therefore, as the two substrates associate with 
the enzyme, these three oxygens must exchange 
dissociatively with three molecules of water from 
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the coordination shell of the already bound Mg2+. 
This ligand exchange must not be a very rapid 
process (Table 4-5), and this displacement of the 
molecules of water may become rate-limiting under 
certain circumstances. There is an apparent pKa of 
9.2 above which both the catalytic constant and the 
specificity constants for pyruvate and MgATP2- in 
the steady-state kinetics of pyruvate kinase decrease. 
This pKa has been assigned to dissociation of a 
hydron from a molecule of water bound to Mg2+ in 
the free enzyme.1250,1251 It has been proposed that 
when this hydron is lost to produce a hydroxide at 
the magnesium, the exchange required for the 
oxygens on the substrates to enter the inner sphere 
of the bound magnesium, which is already slow, 
becomes too slow to support catalysis. 
 When a metallic dication acts as a Lewis acid 
in the active site of an enzyme, it performs many of 
the same roles as a hydron. Unlike a hydron, however, 
it is not transferred to an oxygen or a nitrogen, and 
it usually does not leave the active site on that oxygen 
or nitrogen as the metallic analogue of a hydroxy 
group or an amine, respectively. A metallic dication 
is also a weaker acid than is a hydron (Table 4-2), 
but this weakness is an advantage in circumstances 
in which a weaker acid is an improvement: for 
example, in a situation where a strong catalytic acid 
would be unhydronated. In a sense, the set of metallic 
dications provides natural selection with a range of 
surrogate hydrons of unique acidities (Table 4-2) 
from which to make, in some situations, a choice 
appropriate to the reaction being catalyzed. 
 One role of a metallic dication is to stabilize 
the oxyanion of an enolate. The choice between 
whether to hydronate or provide an oxyanion hole 
for an enolate can be avoided by using a metallic 
dication rather than a hydron. For example, the Mg2+ 
that is coordinated by the two oxygens of oxalate in 
the active site of pyruvate kinase (Figure 4-52) has 
the homologous two oxygens of pyruvate as ligands 
when pyruvate occupies the active site.1252 This 
Mg2+ must be the Lewis acid stabilizing the oxyan-
ion of the enolate of pyruvate (4-166)  

 

that leaves from the phospho group of phosphoenol-
pyruvate during the nucleophilic substitution at 

phosphorus that transfers the phospho group from 
phosphoenolpyruvate to MgADP-. By providing Mg2+, 
the active site makes hydronation of the carbon of 
the enolate in the next step easier than if the enolate 
had been hydronated on its anionic oxygen. In 
4-hydroxy-2-oxoheptanedioate aldolase, the enolate 
of the pyruvate that is a reactant in the aldol con-
densation catalyzed by the enzyme forms a similar 
complex (4-166) with a Mg2+ coordinated in the 
active site,1135 but the carbanionic carbon 3 of the 
enolate of pyruvate in this case adds to the electro-
philic carbonyl carbon of succinate semialdehyde, 
rather than to an electrophilic hydron as in pyruvate 
kinase. In the active site of isocitrate dehydrogenase 
(NADP+) from E. coli (Equation 4-329), a similar 
complex is formed between Mg2+ and the enolate 
of 2-oxoglutarate (4-167) following the decarboxy-
lation of oxalosuccinate.1253 In a crystallographic 
molecular model of the active site of murine fumaryl-
acetoacetase (4-156), the oxyanion of the enolate 
of acetoacetate is a ligand to a Ca2+ (4-168) acting 
as a Lewis acid to stabilize the enolate and retain its 
carbanionic carbon so that it can add nucleophilically 
to the carboxy group of fumarate in the Claisen 
condensation catalyzed by the enzyme (Equation 
4-362).860 In these four examples, the enolate stabi-
lized by the metallic dication in the active site is a 
bidentate ligand, so two exchanges are required to 
form the respective complexes from reactants. 
 In the active site of phosphoenolpyruvate mutase 

     (4-429) 

from Mytilus edulis,1254 the enolate of pyruvate that 
is the intermediate is a bidentate ligand to a coordi-
nated Mg2+ (4-166). The electrophilic phosphorus 
atom in the monomeric metaphosphate (4-169) 
that dissociates from phosphoenolpyruvate to form 
the enolate is to the left in the orientation of the 
drawings in Equation 4-429 and above the plane of 
drawing 4-166. The plane of the enolate is in the 
plane of the page in the orientation of drawing 
4-166 and perpendicular to the page in the orienta-
tion of the drawing of Equation 4-429. The mono-
meric metaphosphate is perpendicular to the page 
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in the drawing of Equation 4-429, and its electro-
philic phosphorus is approximately equidistant 
from carbanionic carbon and the anionic 2-oxido 
group, the two nucleophilic centers in the resulting 
coordinated enolate. When the carbanionic carbon 
adds to the monomeric metaphosphate, 3-phos-
phonopyruvate is formed; when the oxyanion of 
the enolate adds, phosphoenolpyruvate is formed. 
In the former instance, the 2-oxo oxygen of 3-phos-
phonopyruvate ends up to the right side of the 
product as drawn in Equation 4-429; in the latter, 
the same oxygen, now in the phosphoester, ends up 
to the left side of phosphoenolpyruvate as drawn in 
Equation 4-429. 
 In the complex with the enolate, the 2-oxido 
oxygen ends up below the plane of the page as 
drawn in Equation 4-429 as a ligand to the Mg2+, 
which is also below the plane of the page, and the 
2-oxido oxygen is as close as possible to the anionic 
oxygen of the 1-carboxylato group in the enolate, as 
in drawing 4-166. During addition of either carban-
ionic carbon 3 or the 2-oxido oxygen to the mono-
meric metaphosphate, the 2-oxido oxygen is forced 
to move away from the anionic oxygen of the carbox-
ylato group, and the Mg2+ attached to it, into the 
plane of the page in Equation 4-429 because the 
phosphorus atom is in the plane of the page. These 
respective pivots to the left and to the right distort 
the tight octahedral arrangement of ligands around 
Mg2+ (dashed lines in Equation 4-429).1254 Conse-
quently, the complex with either substrate is 
strained at Mg2+, and the strain is relieved in the 
complex with the enolate. This relief decreases the 
difference in standard free energy between the 
coordinated substrates and the coordinated enolate 
intermediate. 
 cis-Enediolates are stabilized by bidentate 
ligation to metallic dications. These common inter-
mediates can be separated into two groups. In the 
first group, an electrophile is removed from one of 
the two carbons to form the cis-enediolate, and an 
electrophile is added to the other carbon of the 
cis-enediolate to produce an oxo group in the 
product on a carbon adjacent to the oxo group in 
the reactant. In the second group, one electrophile 
is exchanged for another at the same carbon with 
the cis-enediolate as an intermediate, and the oxo 
group is on the same carbon in reactant and product. 
In the first group, a hydron must be removed from 
one oxygen and a hydron added to the other oxygen 
to form the tautomer of the cis-enediolate 

             (4-430) 

where M2+ is a metallic ion. In the second group, no 
hydron is removed from or added to either oxygen. 
  The cis-enediolate that is coordinated to Zn2+ 
in the active site of human lactoylglutathione lyase 
(Figure 4-55C) is an example of the first group of 
cis-enediolates. It is an intermediate in an isomeri-
zation 

     (4-431) 

analogous to that catalyzed by triose-phosphate isom-
erase (Equations 4-46 and 4-55 and Figure 3-37), 
and lactoylglutathione lyase also uses glutamate to 
transfer the hydron between the two carbons.1167 
In this isomerization, the 2-oxo group becomes a 
hydroxy group and the 1-hydroxy group becomes 
an oxo group—and the other way around in reverse—
so a hydron is added to the one oxygen and a hydron 
is removed from the other. Because Zn2+ is stabilizing 
the cis-enediolate, each hydron transfer at oxygen 
need not be concerted with the one at carbon. In 
fact, unlike the situation in the active site of triose-
phosphate isomerase, in the active site of lactoyl-
glutathione lyase, there are no obvious catalytic acid–
bases forming hydrogen bonds to the two oxygens 
that could hydronate or dehydronate them. Lactoyl-
glutathione lyase from E. coli, although clearly related 
to the human enzyme (34% identity; 1.4 gap percent), 
uses Ni2+ as its Lewis acid1215 rather than Zn2+. 
 The cis-enediolate that is coordinated to Zn2+  

 

in the active site of fructose-bisphosphate aldolase 
(Equation 4-210) from M. tuberculosis (Figure 4-55B) 
is an example of the second group of cis-enediolates. 
The cis-enediolate of glycerone phosphate is formed 
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by removal of a hydron from carbon 3, and the carban-
ionic carbon 3 of the cis-enediolate adds nucleo-
philically to the carbonyl of ∂-glyceraldehyde 
3-phosphate in the aldol condensation catalyzed 
by the enzyme. In this instance, the 3-hydroxy 
group provides a second ligand to Zn2+ but remains 
a hydroxy group throughout the reaction. No hydron 
must be removed from or added to either oxygen 
because a hydron on carbon 3 of glycerone phos-
phate is replaced by the carbon of a carbonyl and 
the oxygen in the carbonyl group of glycerone 
phosphate ends up as the oxygen in the carbonyl 
group of ∂-fructose bisphosphate. In rhamnulose-
1-phosphate aldolase from E. coli, a Zn2+ in the active 
site also stabilizes the cis-enediolate of glycerone 
phosphate in a similar bidentate complex.1255 
 In the triose-phosphate isomerases, an inter-
mediate cis-enediolate is formed by removal of a 
hydron from either carbon 1 of glycerone phosphate 
or carbon 2 of ∂-glyceraldehyde 3-phosphate by 
the carboxylato group of a glutamate (Figure 3-37) 
or its respective homologue. In xylose isomerase 
and ¬-rhamnose isomerase, however, both of which 
also interconvert an aldose and a ketose with the 
analogous stereochemistry (Equation 4-253), there 
is no glutamate or any other base in the appropriate 
location. Instead, the hydrogen that is transferred 
back and forth during the isomerization is, in both 
the aldose and the ketose, sitting up against the 
p cloud on one face of the indolyl group of a trypto-
phan and enclosed by the phenyl groups of two 
phenylalanines.1256-1259 In crystallographic molecu-
lar models of the active sites of xylose isomer-
ases892,1120,1256,1260,1261 and rhamnose isomerase1258,1262 
from various species in complexes with substrates 
or intermediate analogues and catalytic1224 or non-
catalytic metallic dications, the two oxygens that 
are interconverted between an oxo group and a 
hydroxy group during the isomerizations catalyzed 
by these enzymes are ligands to one or both of two 
catalytic metallic dications, and the oxygen on 
carbon 1 forms a hydrogen bond with the ammonio 
group of a lysine. Consequently, the isomerizations 
must proceed by acid catalysis by these two Lewis 
acids and this Brønsted acid, since there is no base 
available. 
 The role of these acids at the two oxygens is to 
polarize in turn the carbonyl groups on substrates 
to promote a 1,2-hydride migration1261 

       
                 (4-432) 

In solution, only about half of the nonenzymatic 
isomerization between aldose and ketose in strong 
acid,1263 in strong base,1264,1265 or under catalysis by 
Zn2+ at pH 61265 proceeds by removal of a hydron 
from one carbon and addition of a hydron to the 
other as it does in triose-phosphate isomerase 
(Equations 4-46 and 4-55 and Figure 3-37). The 
other half of the isomerizations in solution proceed 
by 1,2-hydride migration. The 1,2-hydride migra-
tion is analogous to the 1,2-hydride migrations and 
1,2-alkyl migrations that occur in carbenium ions 
that are intermediate in terpene cyclizations (Figure 
3-50), and the polarization of the respective carbonyl 
group by the acids makes its carbon resemble a 
carbenium ion (Equation 4-432).  
 These isomerizations also require dehydrona-
tion of one oxygen and hydronation of the other. 
The oxygen on carbon 2 in a substrate for one of 
these two enzymes is dehydronated or hydronated 
by a fixed molecule of water that, in most cases, 
forms a hydrogen bond to it. Depending on the 
crystallographic molecular model, however, the 
molecule of water either is a ligand to the central 
metallic dication1120,1256,1261 or forms a hydrogen bond 
with the 1-oxygen1258 to relay the hydron directly. 
Again, the transfers of the hydrons are not neces-
sarily concerted with the 1,2-hydride migration 
because the metallic dications coordinate the ox-
ygens. 
 Certain epimerases have cis-enediolate inter-
mediates that are stabilized by metallic dications. 
These epimerases remove either an R or S hydrogen as 
a hydron from an acidic carbon adjacent to a carbonyl, 
and then they add another hydron to the same carbon 
with the opposite stereochemistry1266-1269 

        (4-433) 
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For example, ∂-psicose 3-epimerase from A. tume-
faciens equilibrates ∂-psicose and ∂-fructose, which 
are epimers at carbon 3 that is adjacent to the 
carbonyl group at carbon 2 in the two substrates. 
The cis-enediolate intermediate in this epimeriza-
tion is a bidentate ligand to the prosthetic Mn2+.1270 
Two carboxylato groups, from Glutamates 244 and 
150, are monodentate ligands to Mn2+. Their other, 
unliganded oxygens are on opposite sides of the 
cis-enediolate, and these unliganded oxygens are 
the catalytic bases that remove the hydrons from 
carbon 3 in the respective ketoses and add the 
hydrons to one of the two faces of carbon 3 in the 
cis-enediolate 

                (4-434) 

to accomplish the respective epimerization. When 
Glutamate 240 in the active site of 3-dehydro-
∂-guloside 4-epimerase from E. coli, which is homolo-
gous to Glutamate 244, was mutated to glutamine, 
the enzyme, although unable to perform the epimeri-
zation, was still able to exchange a deuterium from 
2H2O at carbon 4 of the substrate a-methyl 3-dehydro-
∂-glucoside, presumably because Glutamate 146, 
the glutamate homologous to Glutamate 150, was 
unmutated and still able to remove the 4S-hydrogen 
on carbon 4 and replace it with a deuterium. When 
Glutamate 146 was mutated to glutamine, however, 
the enzyme was again unable to catalyze the epimeri-
zation but also was unable to exchange this hydrogen 
for a deuterium,1271 presumably because the carboxy 

oxygen of the unmutated Glutamate 244 is located 
on the opposite side of carbon 4 in a-methyl 
3-dehydro-∂-glucoside from the 4S-hydrogen. 
 In the intermediate cis-enediolate resulting 
from either dehydronation in the active site of 
∂-psicose 3-epimerase, a hydron has been added to 
the oxygen on carbon 2 that was the carbonyl oxygen 
by the imidazolium of Histidine 186. Hydronation 
at the oxygen of the cis-enediolate on carbon 2 during 
removal of the hydron from carbon 3 by the un-
liganded oxygen of one of the carboxylato groups 
produces a neutral cis-enediol. A hydron is then 
removed from the 3-hydroxy group of the cis-enediol 
by the unliganded, unhydronated oxygen of the 
other carboxylato group to form the cis-enediolate 
with a 2-hydroxy group and a 3-oxido group. The 
resulting hydronated oxygen on this second carboxy 
group provides the hydron that is then added to 
carbon 3 of the cis-enediolate. The hydron that was 
originally removed by the other carboxy group 
from carbon 3 to form the cis-enediolate is added 
to the 3-oxido oxygen of the cis-enediolate, either 
before or while the hydron is being added to carbon 3 
on the opposite face of the cis-enediolate, to complete 
the epimerization.1268,1270 
 In the crystallographic molecular model of the 
complex between ∂-psicose 3-epimerase from 
Ruminiclostridium cellulolyticum (61% identity; 
0 gap percent) and ∂-psicose, the unliganded oxygen 
of the carboxy group of Glutamate 150 is 0.28 nm 
from carbon 3, well within van der Waals contact, 
and 0.27 nm from the oxygen of the 3-hydroxy 
group of ∂-psicose, the length of a hydrogen bond. 
In the complex of the enzyme with ∂-fructose, the 
oxygen of the carboxy group of Glutamate 244 is 
0.29 nm from carbon 3 and 0.31 nm from the oxy-
gen of the 3-hydroxy group of ∂-fructose.1272 The 
carboxy group of Glutamate 150 hydronates carbon 3 
of the cis-enediolate to form ∂-psicose, and the 
carboxy group of Glutamate 244 hydronates carbon 3 
of the cis-enediolate to form ∂-fructose, so these 
distances are consistent with, and seem to compel, 
the conclusion that each glutamate transfers a 
hydron between oxygen and carbon. ∂-Tagatose 
3-epimerase from Pseudomonas cichorii (39% iden-
tity; 0.4 gap percent) has the same disposition of 
Mn2+ and the carboxy groups of Glutamates 152 and 
246 in the crystallographic molecular models of 
complexes with ∂-fructose and ∂-tagatose, respec-
tively.1268 
 Each of the two carboxy groups in these epimer-
ases is an example of a carboxy group that dedicates 
one of its oxygens to act as a ligand to a metallic 
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dication but uses its other oxygen for Brønsted acid–
base catalysis. The metallic dication affects the pKa 
for each carboxy group but also pins down one oxygen 
in each carboxy group so that the other oxygen on 
the respective carboxy group can pivot back and 
forth between carbon 3 and the oxygen on carbon 3 
of the cis-enediolate. 
 Gem-enediolates can be stabilized by metallic 
dications. For example, the gem-enediolate that is 
the intermediate1273 in the dehydration catalyzed 
by phosphopyruvate hydratase (Equation 4-128) 
from S. cerevisiae is produced by removal of the 
hydron from carbon 2 of 2-phospho-∂-glycerate by 
Lysine 345 (Figure 4-43) and is stabilized by two 
Mg2+ and a hydrogen bond with the amino group of 
Lysine 396 (4-171)544 

 

The gem-enediolate that is an intermediate in the 
racemization catalyzed by the related enzyme, 
mandelate racemase (Equation 4-126) is stabilized 
by only one Mg2+ but also by a hydrogen bond with 
the ammonio group of a lysine after being hydronated 
by a carboxy group (4-172).212 In each instance, 
the substrates, before removal of the hydron from 
carbon to produce the gem-enediolate, are bidentate 
ligands to each Mg2+. The gem-enediolate formed 
during the elimination of dimethyl sulfide from 
3-dimethylsulfoniopropionate in the active site of 
dimethylpropiothetin dethiomethylase from P. ubique 
is a also a bidentate ligand at its two carboxy oxygens 
to the prosthetic Ni2+ in the active site.1218 In pectate 
lyase 10 from Cellvibrio japonicus, however, which 
catalyzes an elimination analogous to that catalyzed 
by chondroitin AC lyase (Equation 4-358 and Fig-
ure 4-44), the gem-enediolate intermediate is a 
monodentate ligand to a Ca2+ through only one of 
its two carboxylato oxyanions; the other oxyanion 
is an acceptor for a hydrogen bond from the amido 
oxygen of the polypeptide, and both carboxylato 
oxygens form a canonical pair of hydrogen bonds 
with the w-nitrogens of the guanidinio group of an 
arginine.1050 The gem-enediolate that is an inter-
mediate in the elimination catalyzed by guluronate-
specific alginate lyase from P. chathamensis is also 

a monodentate ligand to a prosthetic Ca2+ in the 
active site.974 
 Metallic dications are also used to polarize a car-
bonyl (Figure 4-55D) to which an enolate692,975,1168,1274 
or a hydride1275,1276 is to be added, to make the 
carbonyl more electrophilic. For example, the Mg2+ 
in malate synthase, in addition to the guanidinio 
group of Arginine 338 (4-155), polarizes the carbonyl 
of oxalate to which the enolate of acetyl-SCoA is 
added (Equation 4-272). In the active site of 
3-deoxy-7-phosphoheptulonate synthase from S. cere-
visiae, which catalyzes addition of the enolate of 
pyruvate to ∂-erythrose 4-phosphate 

                (4-435) 

the carbonyl oxygen of ∂-erythrose 4-phosphate is 
a ligand to a metallic dication, which is probably 
Zn2+ in the native enzyme,1277-1279 and the metallic 
dication polarizes the carbonyl, increasing its electro-
philicity.1274 In the active site of equine alcohol 
dehydrogenase (Equation 4-158), a Zn2+, which is 
coordinated by two sulfanyl groups and an imidaz-
olyl group, polarizes the carbonyl in a substrate, 
increasing its electrophilicity for the hydride trans-
ferred from NADH.1275,1276 In the active site of the 
unrelated alcohol dehydrogenase from Zymomonas 
mobilis, the same function is performed by an Fe2+ 
that is tetracoordinated by three imidazolyl groups 
from three histidines and the oxygen of the carboxy 
group of an aspartate and that becomes penta-
coordinated in the complex with substrates.1280 
 Unlike enolates in which an oxyanion stabilized 
by a metallic dication begins the reaction and ends 
the reaction as a carbonyl oxygen, in most instances 
in which a metallic dication polarizes a carbonyl 
for nucleophilic addition, the oxygen of the carbonyl 
becomes a hydroxy group, and there is usually a 
catalytic Brønsted acid in a hydrogen bond to the 
carbonyl oxygen to provide the necessary hydron. 
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In 3-deoxy-7-phosphoheptulonate synthase (Equa-
tion 4-435) from S. cerevisiae, it is the ammonio 
group of a lysine;1274 in isocitrate lyase (Equa-
tion 4-310) from M. tuberculosis, it is the 4-hydroxy-
phenyl group of a tyrosine;692 and in equine alcohol 
dehydrogenase, the hydroxy group of a serine relays 
a hydron ultimately from the imidazolium of a histi-
dine.1276 
 In the reverse of each of these reactions, by 
microscopic reversibility, the substrate with a hydroxy 
group is the reactant, and the oxygen of the hydroxy 
group is a ligand to the metallic dication. The Lewis 
acid lowers the pKa for the hydroxy group (Table 4-2) 
so that the hydron can be removed more readily by 
the now-catalytic Brønsted base to produce an 
oxyanion that pushes out the leaving nucleophile, 
the enolate or the hydride, far more effectively than 
a lone pair of electrons on a hydroxy group. For 
example, pH-rate profiles of enzymatic activity 
indicate that there is a catalytic acid in the binary 
complex between NAD+ and equine alcohol dehydro-
genase with an apparent pKa of 7.6; this acid has 
been assigned1281 to the molecule of water bound 
to the prosthetic Zn2+ in the active site. Presumably, 
after the molecule of water has been replaced by 
the hydroxy group of the reactant to form the ternary 
Michaelis complex, the pKa for that hydroxy group 
in the alcohol is also shifted into the same range by 
the Zn2+ to which it is a ligand. Upon dissociation 
of the hydron from this hydroxy group, the result-
ing oxyanion provides push to the hydride being 
transferred. There is a synthetic model compound 
containing a Zn2+ that is able to lower the pKa for a 
secondary alcohol and accelerate its oxidation to 
the corresponding ketone by stabilizing the alkoxide 
so that it can push out the hydride.1282 In solution, 
in another nonenzymatic reaction, metallic dications 
catalyze the decomposition of hemiaminals to alde-
hydes (reverse of reaction in Figure 1-7) by coordi-
nating to their hydroxy groups, promoting 
dissociation of a hydron, and increasing the push 
that pushes out the amine.1283 
 In most cases, a carbonyl participating in an 
enzymatic reaction is hydronated during a nucleo-
philic addition to improve the electrophilicity of its 
carbon rather than becoming a ligand to a metallic 
dication. An even more common hydronation per-
formed by an active site is one that improves the 
ability of a leaving group. Consequently, it is not 
surprising that a metallic dication can act as a Lewis 
acid to improve the ability of one of its ligands to 
act as a leaving group. For example, Zn2+ accelerates 

the nonenzymatic hydrolysis of N-acetylimidazole 
by coordinating with its peripheral nitrogen 

 

to make the imidazolyl group a better leaving 
group.1284 Although Mg2+ is a much weaker Lewis 
acid than the hydron (Table 4-2), the effect of its 
complexation of a phospho group is similar to the 
enhancement of the ability of a phosphate to act as 
a leaving group that would result from hydrona-
tion.1285 For example, at high concentration (0.1 M), 
Mg2+ enhances the nonenzymatic solvolysis of 
geranyl diphosphate, which proceeds through disso-
ciation of the diphospho group that produces the 
allyl carbenium ion 

                (4-436) 

From a consideration of dissociation constants for 
the complexes between geranyl diphosphate and 
Mg2+, it could be concluded that the form of gera-
nyl diphosphate showing enhanced reactivity had 
two Mg2+ bound as Lewis acids to the departing 
diphosphate. 
 Such catalysis at the leaving group is observed 
in enzymatic reactions as well. In the nucleophilic 
substitution catalyzed by xanthine phosphoribosyl-
transferase from E. coli, a Mg2+ coordinating the 
leaving oxygen (4-127) improves its ability to leave;870 
in DNA b-glucosyltransferase from T4 bacteriophage, 
a Mg2+ coordinating the leaving oxygen of UDP3–

improves its ability to leave;1286 and in methionine 
adenosyltransferase from E. coli, two Mg2+ coordi-
nating the triphosphate of ATP4- improve the ability 
of triphosphate to leave.1287 
 A hydroxy or alkoxy group on a substrate can 
become a ligand to a metallic dication, and the 
metallic dication enhances the ability of the hydroxy 
or alkoxy group to leave without the usual require-
ment for its oxygen to be hydronated by a Brønsted 
acid. For example, in the crystallographic molecular 
model (Figure 3-52)1054 of the enzymatically active 
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complex between isocitrate and porcine aconitate 
hydratase (previously Equation 3-423) 

   
                (4-437) 

the 2-hydroxy group, which is to leave in the elimi-
nation producing cis-aconitate, occupies one of the 
three open coordination sites on the hexacoordinate 
Fe2+ that is situated at the labile site in the tetranuclear 
[4Fe-4S] iron–sulfur cluster.789 In the crystallographic 
molecular model789 of the complex between citrate 
and an inactive mutant of bovine aconitate hydratase 
(98% identity; 0 gap percent), in which Serine 642 
has been changed to alanine, the 3-hydroxy group, 
which is to leave in the elimination also producing 
cis-aconitate, occupies the same open coordination 
site on the hexacoordinate Fe2+. 
 Iron dication acts as a Lewis acid in the reac-
tions catalyzed by aconitate hydratase,1288 maleate 
hydratase,1289 fumarate hydratase A,1290-1292 dihydroxy-
acid dehydratase,1293,1294 and ¬-serine ammonia-
lyase.1295 These five enzymes catalyze the hydration 
of 3-carboxymethyl-(Z)-butenedioic acid (cis-aconi-
tate), (Z)-butenedioic acid (maleate), (E)-butenedioic 
acid (fumarate), 2-hydroxy-3-methylbutenoic acid 
(the enol of 3-methyl-2-oxobutanoate), and 2-amino-
propenoic acid (the enamine of pyruvate), respec-
tively. Each enzyme has a tetranuclear [4Fe-4S] iron–
sulfur cluster in its active site. Each hydration proceeds 
by a mechanism that differs from the others only in 
the identity of the functional groups on the two ends 
of the carbon–carbon double bond. 

 The active site of aconitate hydratase (Fig-
ure 3-52) is a paradigm of the active site in each 
hydratase. Because, however, each carbon in the 
double bond of cis-aconitate is adjacent to a carboxy 
group that can become a gem-enediolate, the active 
site of aconitate hydratase (Equation 4-437) unlike 
the other enzymes in the family, adds the hydroxy 
group to cis-aconitate at one or the other of the 
carbons in the double bond, rather than at the only 
carbon adjacent to a carboxy group, and therefore 
produces two products, citrate and isocitrate.  
 During the elimination that converts isocitrate 
to cis-aconitate, a hydron is removed from carbon 3 
of isocitrate to form the gem-enediolate at the 
3-carboxy group; and during the elimination that 
converts citrate to cis-aconitate, a hydron is removed 
from carbon 2 of citrate to form the gem-enediolate 
at the 1-carboxy group. In each instance, the hydroxy 
group of the substrate that is a ligand to Fe2+ then 
leaves the gem-enediolate to complete the elimina-
tion of water from citrate or isocitrate, respectively, 
that in each case produces cis-aconitate. The hydrox-
ide leaves as ferrous hydroxide, Fe2+·OH-, instead 
of the usual situation in which it would leave as 
water, HOH, after being hydronated by a catalytic 
acid. The resulting hydroxide on Fe2+ participates 
in the respective reverse directions during the 
hydrations of cis-aconitate producing isocitrate 
and citrate, respectively (Equation 4-437). The Fe2+ 
lowers the pKa for the conjugate acid of the hydroxide 
(Table 4-2) to around 10 so that it can remain 
unhydronated after it leaves and so that it can add 
nucleophilically to cis-aconitate to produce the 
gem-enediolate during the conversion of citrate to 
isocitrate and during the conversion of isocitrate to 
citrate. In order for this lowering of the pKa for the 
hydroxy group to occur, the other molecule of wa-
ter that is also a ligand to the iron (Figure 3-52) 
cannot also be a hydroxide. In fact, if it were, it 
could not fulfill its role in the dehydration, which is 
to relay the acidity of Aspartate 165 or Histidine 167 
to hydronate the carboxy group that becomes the 
gem-enediolate in one of the two eliminations cata-
lyzed by the enzyme. 
 4-Hydroxy-3-methylbut-2-en-1-yl diphosphate 
reductase from E. coli, like aconitate hydratase, has 
a tetranuclear [4Fe-4S] iron–sulfur cluster in which 
one iron ion is missing the sulfanyl group of a cysteine 
that would normally be its ligand. This tetranuclear 
[4Fe-4S] iron–sulfur cluster is also prone to losing 
its unliganded Fe2+. In a crystallographic molecular 
model of the native enzyme with its active site occu-
pied by the substrate (E)-4-hydroxy-3-methylbut-
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2-en-1-yl diphosphate,1296 which presumably repre-
sents the Michaelis complex, the 4-hydroxy group of 
(E)-4-hydroxy-3-methylbut-2-en-1-yl diphosphate 
is a ligand to this Fe2+ in the intact [4Fe-4S] iron–
sulfur cluster. If the reaction then parallels that of 
aconitate hydratase, the 4-hydroxy group would 
become the hydroxide in Fe2+OH-, leaving behind 
an allyl carbenium ion, a logical intermediate in the 
reaction. In this case, however, unlike in aconitate 
hydratase, two electrons would then be transferred, 
one at a time, from two reduced ferredoxins, 
through the the prosthetic [4Fe-4S] iron–sulfur 
cluster, to the allyl carbenium ion to produce an 
intermediate allyl radical and then isopentenyl 
diphosphate or dimethylallyl diphosphate, the 
products produced in a 5:1 ratio by the enzyme. An 
alternative, but more complicated, mechanism has 
been proposed on the basis of crystallographic 
molecular models of the substrate (E)-4-hydroxy-
3-methyl-but-2-en-1-yl diphosphate occupying in 
turn the active sites of three site-directed mutants, 
rather than the native enzyme, each the mutant of 
one of the three side chains that form a composite 
acid responsible for hydronating the 4-hydroxy 
group as it is leaving. In these molecular models, 
the 4-hydroxy group has swung away from the Fe2+ 
and forms hydrogen bonds with the peripheral 
phospho group of diphosphate and Glutamate 126. 
In this alternative mechanism, Glutamate 126 hydro-
nates the 4-hydroxy group to catalyze its departure, 
and the [4Fe-4S] iron–sulfur cluster acts simply as a 
relay of the two electrons required for the reduction 
catalyzed by the enzyme.1297 
 The dehydrations and hydrations catalyzed by 
aconitate hydratase during the conversions of citrate 
to isocitrate and isocitrate to citrate (Equation 4-437) 
are particularly apt illustrations of the fact that 
when a metallic dication improves the ability of a 
hydroxy group to leave so that it leaves as the metallic 
hydroxide, the metallic hydroxide is the nucleo-
phile in the reverse of such a dissociation. A metallic 
dication decreases the pKa for a molecule of water 
that is coordinated to it (Table 4-2) and facilitates 
removal of one of its hydrons by a Brønsted base or 
simply by dissociation of the hydron into the solution. 
Dissociation of the hydron from a molecule of water 
that is a ligand to the metallic dication produces a 
metallic hydroxide. There are many enzymes in 
which such metallic hydroxides are used in hydra-
tions and hydrolyses. 
 Carbonic anhydrase (Equation 4-83) is a metallo-
enzyme that uses Zn2+ in its active site to catalyze 
the hydration of carbon dioxide to produce bicar-

bonate. In the crystallographic molecular model of 
the active site of human carbonic anhydrase 1 occu-
pied by bicarbonate (Figure 4-55A), the Zn2+ is fixed 
in position by three imidazolyl groups positioned 
by the active site in orientations that together promote 
tetrahedral coordination. A fourth position, one 
unoccupied sp3 orbital formed from the 4s and 4p 
atomic orbitals of the metallic dication, is occupied 
by one oxyanion of the bicarbonate. In the unoccu-
pied active site of human carbonic anhydrase 1, the 
fourth coordinate position is occupied by a molecule 
of water.1298 In the active site of the closely related 
human carbonic anhydrase 2 (60% identity; 0.0 gap 
percent), the pKa for this molecule of water1299-1301 
is 6.8, and Zn2+·OH- rather than Zn2+·OH2 is the 
catalytically active species. 
 Because one oxyanion of bicarbonate is a ligand 
in the inner sphere to the Zn2+ in carbonic anhydrase 
(Figure 4-55A), during the hydration, by micro-
scopic reversibility, the hydroxide anion on Zn2+ 
must add nucleophilically to CO2 to produce 
HOCO2

- 

          (4-438) 

The CO2 occupies a hydrophobic pocket in the active 
site of human carbonic anhydrase 2, immediately 
adjacent to the metallic hydroxide, before the nucleo-
philic addition occurs.1299 One of the oxygens in 
CO2 is in an oxyanion hole formed from a fixed 
molecule of water in the active site and the amido 
nitrogen–hydrogen of a peptide bond.1302 A molecule 
of water from solution exchanges at the Zn2+ with 
bicarbonate as it vacates the active site. One hydron 
on this molecule of water entering form solution 
then dissociates into a hydron wire1303 that connects 
it to the solution to form Zn2+·OH-, prepared for the 
next turnover. 
 In most instances, a metallic hydroxide in an 
active site is used for hydrolysis. For example, in 
the active site of murine cytidine deaminase (Fig-
ure 3-36), the hydroxide on Zn2+ adds nucleophil-
ically to the carbon of the N-carbamoylamidine in 
cytidine to produce a tetrahedral intermediate 
from which ammonia is the leaving group in the 
hydrolysis of cytidine to uridine.1178,1304 The carbox-
ylato group of Glutamate 67 removes the hydron 
from the water on Zn2+ to produce Zn2+·OH-. The 
resulting carboxy group shuttles the hydron to the 
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nitrogen that will leave from the tetrahedral inter-
mediate and then removes the hydron on the hydroxy 
group of the tetrahedral intermediate, which is acidic 
because it is still a ligand to the Zn2+, to improve 
the push of oxygen in ejecting the ammonia. When 
the homologous1178 glutamate in cytidine deaminase 
from E. coli was mutated to alanine,199 the catalytic 
constant of the enzyme decreased by a factor of 
108. The enzyme dCTP deaminase from M. janna-
schii, which is completely unrelated but neverthe-
less catalyzes the same reaction, has no metallic 
dication in its active site, but it does use the carboxy 
group of a glutamate to hydronate the leaving 
ammonia.1305 Adenine deaminase from E. coli, how-
ever, which catalyzes the homologous reaction on 
the N-carbamoylamidine in adenine, has a pros-
thetic diferric cluster in its active site that uses a 
dimetallic m-hydroxide as the nucleophile.1306 
 Histone deacetylase 10 from D. rerio hydrolyzes 
acetyl groups from lysines in histones, which are 
proteins involved in assembling chromatin. A mole-
cule of water that is a ligand to the prosthetic Zn2+ 
in the active site is the nucleophile in the nucleo-
philic substitution catalyzed by the enzyme. Upon 
association with the active site, the acyl oxygen of 
the acetyl group on a substrate associates with an 
open site on Zn2+, and the 4-hydroxy group of Tyro-
sine 307 also forms a hydrogen bond to the acyl 
oxygen. Together Zn2+ and the 4-hydroxy group with-
draw electron density from the acyl carbon, making 
it more electrophilic, and the 4-hydroxyphenyl 
group hydronates the oxygen as the tetrahedral 
intermediate forms by addition of the adjacent 
hydroxide. The imidazolyl group of Histidine 136 
removes a hydron from the water either before or 
during its addition to the acyl carbon of the acetyl 
group, and the imidazolio group of Histidine 137 
adds a hydron to the amino group in the resulting 
tetrahedral intermediate to permit the nitrogen of 
the 6-amino group of lysine in the reactant to leave. 
In the crystallographic molecular model of the 
active site of a mutant in which Tyrosine 307 was 
mutated to phenylalanine, an unhydrolyzed N-acetyl-
ated substrate occupies the active site because 
there is no catalytic acid to hydronate the acyl 
oxygen as the tetrahedral intermediate forms. In 
this analogue of the Michaelis complex, the 
t nitrogen of Histidine 137 is pointed at the amido 
nitrogen that it would normally hydronate, at a 
distance of 0.37 nm and in the proper orientation 
for hydronation. In the crystallographic molecular 
model of the active site of a mutant in which Histi-
dine 137 was mutated to alanine, the active site is 

occupied by the tetrahedral intermediate itself be-
cause there is no imidazolyl group to hydronate the 
leaving nitrogen, an inescapable requirement.137 
This molecular model is one of the few instances in 
which the actual tetrahedral intermediate in the 
nucleophilic substitution of an acyl derivative has 
been observed. 
 Thermolysin (Figure 3-42) is the paradigm of a 
metalloendopeptidase that uses a metallic hydrox-
ide to hydrolyze a peptide bond. In the unoccupied 
active site of thermolysin, the molecule of water that 
occupies the fourth position on the tetrahedrally 
coordinated Zn2+ participates in a hydrogen bond 
with the carboxylato group of Glutamate 143.1181,1182 
The carboxylato group of Glutamate 143 is responsible 
for removing the acidic hydron from the molecule 
of water on the prosthetic Zn2+ to produce Zn2+·OH-, 
which is the nucleophile in the hydrolysis, and its 
carboxy group is now responsible for adding the 
hydron to the departing nitrogen1307 

 (4-439) 

This mechanism allows Zn2+ as well as the imidazo-
lium of Histidine 231 (Figure 3-42) to polarize the 
carbon–oxygen double bond of the amido group to 
increase the electrophilicity of the acyl carbon. The 
mechanism has the disadvantage of increasing the 
occupancy of Zn2+, which should increase the pKa 
for the molecule of water and make it more difficult for 
the carboxylato group to remove the hydron,1308,1309 
but it has the advantage of increasing the nucleo-
philicity of the resulting zinc hydroxide. 
 Peptide deformylase from E. coli uses Fe2+·OH– 
instead of Zn2+·OH- in its active site (4-158)1149 to 
catalyze hydrolysis of an amino-terminal formyl 
group on a polypeptide (Equation 4-425). The enzyme 
also uses the carboxylato group of a glutamate to 
remove a hydron from a molecule of water on Fe2+ 
to produce Fe2+·OH- and to then hydronate the 
leaving amino group (see Equation 4-439).121 
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 The mechanism for hydrolysis of a carboxy-
terminal peptide bond in the active site of the zinc 
metalloenzyme bovine carboxypeptidase A (Equa-
tion 4-172) is also almost the same as that used by 
thermolysin. The hydron is removed from a mole-
cule of water on Zn2+ by the carboxylato group of 
Glutamate 270, the same carboxylato group labeled by 
N-bromoacetyl-N-methyl-¬-phenylalanine (Equa-
tion 4-312), but the carboxylato group does not 
seem to be properly oriented to hydronate the leaving 
group.259 In the active site of GTP cyclohydrolase I 
from E. coli, which hydrolyzes the cyclic amidine in 
the imidazolyl ring of the guanine in MgGTP2-, the 
hydron is removed from the molecule of water on 
Zn2+ by Histidine 112 while Histidine 179 hydronates 
the leaving group.1174 
 A metallic dication in an active site can also be 
used as a Lewis acid to lower the pKa for an alcohol 
or thiol to ease its dehydronation, just as it is able 
to lower the pKa of a molecule of water. For exam-
ple, in the active site of catechol O-methyltrans-
ferase from R. norvegicus, the two ortho hydroxy 
groups of a catechol such as 4-(2-aminoethyl)-
benzene-1,2-diol are both ligands to a Mg2+ that 
lowers the pKa of the hydroxy group that is to be 
methylated by S-adenosyl-¬-methionine, so that it 
is unhydronated and nucleophilic at the start of the 
reaction.1310 The Zn2+ in the active site of protein 
farnesyltransferase (Equation 4-245) from S. cere-
visiae lowers by 3 units the pKa of the sulfanyl 
group of cysteine in a protein that is a substrate to 
which the farnesyl group is transferred during the 
enzymatic reaction.1165 When the Zn2+ in protein 
farnesyltransferase from R. norvegicus is replaced 
with Cd2+, a pKa of 6.0 in the pH-rate profile for the 
enzyme decreases by 1.0 unit, as expected for replace-
ment of Zn2+ by the softer metal.1311 Consequently, 
the zinc(II) thiolate is the nucleophile in the enzy-
matic reaction, and the role of Zn2+ is to lower the 
pKa for the sulfanyl group in the substrate into the 
physiological range. 
 Usually, because of the Brønsted relation, 
when the pKa for the conjugate acid of a nucleo-
phile is decreased, its nucleophilicity also decreases. 
There are indications that this decrease in nucleo-
philicity can be minimized by coordination with a 
metallic dication. In dimethyl sulfoxide as a solvent, 
the rate of nonenzymatic methyl transfer from 
trimethyl phosphate, (CH3O)3P=O, to the sulfido 
group of a thiolate in Zn(SC6H5)4

2- is equal to the 
rate for the same methyl transfer to -SC6H5, but it is 
more than 100 times faster than methyl transfer to 
HSC6H5.1312 Consequently, at least in this instance, 

Zn2+ lowers the pKa for the sulfanyl group without 
affecting its nucleophilicity proportionally. When a 
hydron is added to a sulfido group, however, it has 
a dramatic effect on the nucleophilicity of sulfur. In 
solution, Zn2+·OH- in a synthetic, pentacoordinat-
ed complex is almost as effective as free OH- at hy-
drolyzing a strained lactam and only 100 times less 
effective at hydrolyzing an ester,1309 even though 
the pKa for Zn2+·OH2 in the complex is 8 units lower 
than that of H2O the conjugate acid of OH-. Both 
observations suggest that use of a metallic dication 
in the active site of an enzyme could be a general 
strategy for lowering the pKa for one of its ligands 
toward the physiological range of pH without at the 
same time dramatically decreasing the nucleophilicity 
of the ligand after it has been dehydronated.1313 
 Upon associating with the active site of 5-methyl-
tetrahydropteroyltriglutamate—homocysteine 
S-methyltransferase from Candida albicans,1314 the 
sulfanyl group of the substrate ¬-homocysteine 
becomes a ligand on the prosthetic Zn2+, and in the 
complex at neutral pH, the sulfido group is unhy-
dronated.1313 The concerted nucleophilic substitution 
at the 5-methyl group in 5-methyltetrahydropteroyltri-
¬-glutamate by the sulfido group of ¬-homocysteine 
is a difficult one because the leaving group, nitrogen 5 
of tetrahydropteroyltri-¬-glutamate, is an anilino 
nitrogen. Consequently, the sulfido group has to 
retain as much of its nucleophilicity as possible 
even though the Zn2+ has lowered its pKa sufficiently 
to ensure that the sulfanyl group is the sulfido 
group, its conjugate base, at neutral pH. 
 m-Hydroxides bridging two metallic dications 
in enzymatic active sites (Figure 4-55E,F), such as 
the one in the active site of adenine deaminase 
from E. coli, are also used in hydrolyses.1315-1317 For 
example, in the active site of creatininase 

     (4-440)  

from P. putida, a m-hydroxide bridging1318 two Zn2+ 
adds nucleophilically to the acyl carbon of the 
(N-acyl-N¢-alkyl)guanidino group in creatinine while 
the acyl oxygen on that carbon is a ligand to one of 
the Zn2+ to increase the electrophilicity of the carbonyl 
carbon. Acting as a Brønsted acid, a molecule of 
water on the same Zn2+ that coordinates the acyl 
oxygen hydronates the leaving nitrogen.1319 In this 
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instance, the dinuclear cluster seems to do every-
thing: provide the nucleophile, polarize the carbonyl, 
and hydronate the leaving group. In the active site 
of human glutamate carboxypeptidase II, an enzyme 
that hydrolyzes a peptide bond, the nucleophile in 
the hydrolysis that adds to the acyl carbon is a 
m-hydroxide bridging two Zn2+. The carboxy group 
of Glutamate 424 that forms a hydrogen bond with 
this hydroxide at one of its oxygens hydronates the 
leaving amino nitrogen in the tetrahedral interme-
diate with the hydron on its other oxygen.1320 
 The main purpose of the two metallic dications 
in one of these dinuclear clusters is to lower the pKa 
for a molecule of water bridging the two dications 
even more than if it were a ligand to only one dication, 
so that it is a m-hydroxide sitting between them at 
physiological pH rather than a m-molecule of water. 
For example, a synthetic mononuclear complex of 
Zn2+, in which one ligand to the metallic dication is 
the hydroxy group of an aliphatic alcohol, can be 
induced to dimerize. In the dimer, the same hydroxy 
group ends up as a ligand to both Zn2+. At pH 6.0, 
the m-hydroxy group that sits between the two Zn2+ 
in the dimer is the unhydronated m-alkoxide; but at 
pH 9.1, the m-hydroxy group in the mononuclear 
complex of Zn2+ is still hydronated.1321 Conse-
quently, the m-hydroxy group between the two Zn2+ 
must have a pKa less than 6 while the same hydroxy 
group on the lone Zn2+, which has the same coor-
dination as each of the two Zn2+ in the dimer, must 
have a pKa greater than 9. The pKa for a molecule of 
the m-water bridging the two Zn2+ in the active site 
of aryldialkylphosphatase1322 (Figure 4-55E) is 5.8, 
so at pH 7, it will be a m-hydroxide bridging the 
metals. 
 In nonenzymatic examples, even though values 
of pKa for their conjugate acids, m-molecules of water, 
are low, the bridging m-hydroxides in synthetic di-
nuclear metallic hydroxides are competent nucleo-
philes. A synthetic dinuclear cluster of two Ni2+ 
bridged by a m-hydroxide is able to hydrolyze urea,1323 
as does (Ni2+)2·OH- in urease (Figure 4-54). A syn-
thetic dinuclear cluster1324 of two Ni2+ bridged by a 
m-hydroxide and a synthetic dinuclear cluster1325 of 
two Zn2+ bridged by a m-hydroxide are both able to 
hydrolyze amides, as does (Zn2+)2·OH- in b-lactam-
ase1315,1316 or (Zn2+)2·OH- in leucyl aminopeptidase 
(Figure 4-55G).1160 A synthetic dinuclear cluster of 
two Co2+ bridged by a m-hydroxide is able to hydrolyze 
a guanidino group,1326 as does (Mn2+)2·OH- in the 
active site of arginase.1327 
 In the active site of urease (Equation 4-426)1328 
from S. pasteurii, which catalyzes a nucleophilic 

substitution at a carbonato carbon, there is a dinu-
clear cluster1329 of two Ni2+. When the active site is 
occupied by phosphorodiamidate 4-174 

 

an analogue of tetrahedral intermediate 4-175 in 
the enzymatic reaction, one oxygen of the phosphoro-
diamidate bridges the two Ni2+ (Figure 4-54).1160 In 
the unoccupied enzyme, there is a m-hydroxide 
bridging the two Ni2+ at the same location as the 
bridging oxygen of the phosphorodiamidate. From 
these observations, it can be concluded that the 
bridging hydroxide is the nucleophile that adds to 
the acyl carbon of the urea 

     (4-441) 

Because two ligand positions, one on each of the 
two Ni2+ in the active site, are occupied by the other 
oxygen and one nitrogen of phosphorodiamidate 
4-174, respectively (Figure 4-54), it can be con-
cluded that one nitrogen in tetrahedral intermedi-
ate 4-175 when it is in the active site is a ligand to 
one Ni2+, and the oxygen from urea is a ligand to 
the other Ni2+. Each position for a ligand is occupied 
by a molecule of water in the unoccupied active site. 
Upon entering the active site, the urea exchanges 
with these two molecules of water. The two lone 
pairs of s electrons that are ligands to the Ni2+ in 
tetrahedral intermediate 4-175 are p electrons in 
the urea in the Michaelis complex (Equation 4-441). 
As these p electrons become s electrons in the tran-
sition state, the strength of their ligation to the 
metal increases dramatically, stabilizing the transi-
tion state and promoting catalysis. 
 The carboxylato group of Aspartate 362 dehy-
dronates the m-hydroxy group bridging the two Ni2+ 
in tetrahedral intermediate 4-175 (Equation 4-441) 
to give the resulting m-oxido group the ability, along 
with the other oxyanion, to push out the leaving 
group. The ammonia that is the leaving group from 
the tetrahedral intermediate in urease can only leave 
if its nitrogen in tetrahedral intermediate 4-175 is 
hydronated. If the nitrogen that leaves as ammonia 
is the one that is a ligand to one of the Ni2+ (Figure 
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4-54), the carboxylato group of Aspartate 362 that 
has just dehydronated the m-hydroxy group bridg-
ing the two Ni2+ in the tetrahedral intermediate 
(Equation 4-441) would then pivot on the ligation 
of its other oxygen to that Ni2+ and hydronate the 
nitrogen so that it can leave as ammonia. In this 
case, the carboxy group would dedicate one of its 
oxygens to act as a ligand to the nickel and the other 
oxygen to act as a catalytic acid–base, just as the 
carboxy groups do in the active site of ∂-psicose 
3-epimerase (Equation 4-434). If, however, the 
ammonia that is the leaving group from the tetra-
hedral intermediate is the one that is forming a 
hydrogen bond with the imidazolyl group of Histi-
dine 322 (Figure 4-54), then the imidazolyl group 
provides the hydron necessary to make the nitrogen 
a leaving group.1330 
 In the active site of dihydroorotase 

  
                (4-442) 

from E. coli, which, unlike urease, catalyzes a nucleo-
philic substitution at an acyl carbon rather than a 
carbonato carbon, a m-hydroxide bridging two Zn2+ 
adds nucleophilically to carbon 4, the acyl carbon 
of the (N-acyl-N-alkyl)urea in dihydroorotate, just 
as (Ni2+)2·OH- does to urea in urease (Equation 
4-441). The acyl oxygen of carbon 4 is a ligand to 
one of the two Zn2+ in the cluster, which serves to 
stabilize the oxyanion in the tetrahedral intermediate, 
just as one of the Ni2+ does in urease. The carboxylato 
group of Aspartate 250 is a ligand to the other Zn2+. 
It dehydronates the resulting hydroxy group of the 
tetrahedral intermediate, just as Aspartate 362 in 
urease does (Figure 4-54), and then the carboxylato 
group pivots around its ligation to Zn2+ and hydro-
nates the nitrogen that is a ligand to this same Zn2+ 
in the dinuclear cluster and that leaves as the 
ureido group,1331 just as the carboxylato group of 
Aspartate 362 in the active site of urease might do 
(Figure 4-54). 
 Human arginase catalyzes a nucleophilic substi-
tution at a carbonato carbon, as does urease, but in 
arginase the carbonato carbon is part of a guani-
dinio group 

       
                (4-443) 

A m-hydroxide bridging1332,1333 two Mn2+ adds nucleo-
philically to the guanidinio carbon while one periph-
eral nitrogen in the guanidinio group is a ligand to 
one of the Mn2+. The imidazolyl group of Histidine 141 
then hydronates the leaving amino group in the tet-
rahedral intermediate to give ¬-ornithine,1334-1336 
just as the imidazolyl group of Histidine 322 in the 
active site of urease might do (Figure 4-54). 
 The ambiguity in assigning the leaving nitrogen 
in urease again illustrates the value of stereochemical 
information, which is necessarily lacking in this 
case. The uncertainty results from the fact that there 
are two equivalent nitrogens in tetrahedral inter-
mediate 4-175, either of which could represent the 
leaving group in the actual reaction. In the cases of 
dihydroorotase and arginase, as well as creatinase 
(4-128), the catalytic acids were identified when a 
substrate or an analogue of an intermediate was 
bound in the active site and the leaving group or 
the atom representing the leaving group could be 
unambiguously identified. 
 An uncertainty similar to that for urease exists 
for the complex (Figure 4-55G) between bovine leucyl 
aminopeptidase and 1-amino-3-methylpropylphos-
phonic acid (4-176) 

 

which is an analogue of tetrahedral intermediate 
4-177 in the hydrolysis of a peptide bond to an amino-
terminal leucine catalyzed by the enzyme. The 
phosphono group has two oxygens that are ligands 
to the two Zn2+, respectively; either the one to the 
right or the one to the left in drawing 4-176 could 
represent the leaving amine.1172 The oxygen on the 
right, however, is more likely the representative 
because the ammonio group of Lysine 262 forms a 
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hydrogen bond to it (Figure 4-55G), perhaps identi-
fying that lysine as the acid that must hydronate the 
a-amino group before it can leave. In the crystallo-
graphic molecular model of the complex between 
methionyl aminopeptidase from E. coli, which has 
a dinuclear cluster of two Fe2+ in its active site, and 
1-amino-3-(methylsulfanyl)propylphosphonic acid 
(the 3-methylsulfanyl analogue of 4-176), two 
oxygens of this analogue of the tetrahedral inter-
mediate, either of which may represent the leaving 
amine, accept hydrogen bonds from the imidazolyl 
groups of Histidine 79 and 178, respectively, either 
of which could be the unavoidable catalytic acid 
that hydronates the actual leaving amino group.1242 
 The enzymatic reaction catalyzed by 3,4-dihy-
droxy-2-butanone-4-phosphate synthase 

  
                (4-444) 

from M. jannaschii is centered on the 3-hydroxy 
group of the ∂-ribulose 5-phosphate that is its 
substrate. On one side of the 3-hydroxy group, the 
reaction involves a 1,2-hydride migration to the 
carbonyl group of the reactant, analogous to that 
performed by xylose isomerase (Equation 4-432), 
or an isomerization analogous to that performed by 
triose-phosphate isomerase that involves an enolate 
(Equation 4-55), followed by an elimination that 
exploits the newly formed carbonyl at carbon 3 or the 
enolate itself. On the other side of the 3-hydroxy 
group that has now become a carbonyl, a 1,2-phos-
phomethide migration then occurs, analogous to a 
1,2-methyl migration, followed by a retro-Claisen 
dissociation during which a metallic hydroxide 
adds to a carbonyl group.1337 Consequently, it is 
one of the most unusual heterolytic reactions cata-
lyzed by an enzyme, and a captivating puzzle to 
solve (Problem 4-48). 
 During the steps in the reaction, the oxygen on 
carbon 3 of ∂-ribulose 5-phosphate is required to 
be a hydroxy group, the oxyanion of an enolate, 
and the oxygen of a carbonyl group at various stages 
in the mechanism. In order to accommodate these 
various roles, this oxygen is coordinated by two 
Mg2+. One Mg2+ is additionally coordinated by the 
2-carbonyl group of ∂-ribulose 5-phosphate, and 
the other Mg2+ is additionally coordinated by the 
4-hydroxy group of ∂-ribulose 5-phosphate882,1338 

 

The 3-hydroxy group of ∂-ribulose 5-phosphate 
bridges the two Mg2+, so it is formally equivalent to 
a m-molecule of water or a m-hydroxy group bridging 
the metallic dications in the usual dinuclear cluster 
and almost, but not quite, as acidic as a typical 
bridging oxygen (Table 4-2). The purpose of the 
two Mg2+ is to lower the pKa for the hydroxy group 
as well as to stabilize the oxyanion of the enolate. 
 In addition to the two Mg2+ that are acting as 
the usual Lewis acids, two molecules of water form 
hydrogen bonds to the central 3-hydroxy group. One 
molecule of water also participates in a hydrogen 
bond with Aspartate 30, and the other molecule of 
water also participates in hydrogen bonds with 
Glutamates 28 and 185. Consequently, the central 
3-hydroxy group, in addition to its covalent bond to 
carbon 3, is surrounded by a crowd of four ligands: 
two Mg2+ and two oxygens from the molecules of 
water. The molecules of water act as Brønsted acids 
to give and take hydrons from the oxygen on carbon 3 
of ∂-ribulose 5-phosphate while it assumes its differ-
ent roles as the reaction proceeds through its several 
steps. This enzymatic reaction in turn provides, in 
each of its steps (Problem 4-48), a paradigm of one 
of several of the roles played by metallic dications 
as Lewis acids. 
 In most cases, as in those that have just been 
discussed, the two metallic dications in a dinuclear 
cluster in an active site are of the same metal, but 
several active sites have two different metallic dicat-
ions in their dinuclear clusters. For example, in the 
active site of enamidase from E. barkeri, which hydro-
lyzes the amido group in 6-oxo-1,4,5,6-tetrahydro-
nicotinate, the dinuclear cluster consists of one Fe2+ 
and one Zn2+, bridged by a m-hydroxide.1339  
 
 In addition to acting as Lewis acids, metallic 
dications or dinuclear clusters can catalyze reactions 
by approximating a nucleophile and the electro-
phile to which it is to add in a nucleophilic substi-
tution at carbon. For example, formate, a substrate 
for peptide deformylase (Equation 4-425), is a 
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bidendate ligand to Fe2+ in the crystallographic 
molecular model of the active site (4-158). This 
fact implies that Fe2+ not only lowers the pKa for 
the molecule of water that is one of its ligands but 
also coordinates the acyl oxygen of the formyl group 
on an N-formylated polypeptide, the substrate in 
the hydrolytic direction, and consequently approx-
imates the hydroxide to the formyl carbon to which 
it adds during the hydrolysis. 
 The Zn2+ in thermolysin can be either tetra-
coordinate (4-162) or pentacoordinate (4-165) in 
crystallographic molecular models of different com-
plexes between inhibitors and the enzyme. This fact 
suggests that the acyl oxygen of the peptide bond in 
the normal reactant for the enzyme associates as a 
monodentate, fifth ligand to Zn2+, pushing to one 
side that molecule of water, which remains as a ligand 
to Zn2+ while still forming a hydrogen bond with 
the carboxy group rather than leaving Zn2+ as it 
would in a dissociative exchange. The hydroxide on 
Zn2+ in the tautomer of the pentacoordinate complex 
would then attack nucleophilically the acyl carbon 
of the peptide bond that is also coordinated to Zn2+ 
through its acyl oxygen 

  
                (4-445) 

In this way, Zn2+ approximates the hydroxide and 
the acyl carbon of the peptide bond. 
 Metallic hydroxides are also effective in the 
nonenzymatic hydrolyses of substrates. The non-
enzymatic hydrolysis of N-acylbenzimidazole 4-179, 
in which the acyl group is designed to chelate Zn2+, 
proceeds through nucleophilic addition of zinc 
hydroxide to the acyl group, which is also coordinated 
by the Zn2+. In this instance, Zn2+ approximates the 
nucleophile and electrophile as well as coordinating 
the two oxygens of the tetrahedral intermediate1340 

                (4-446) 

 In both enzymatic and nonenzymatic nucleo-
philic substitutions at an acyl group taking place on 
a metallic dication, addition of the nucleophile—
in the previous three instances a hydroxide on the 
metallic dication—to the acyl carbon, the oxygen of 
which is also a ligand to the dication, produces a 
four-membered metallocycle (zinc, oxygen, carbon, 
oxygen; see Equation 4-446). In the active site of 
thermolysin, this metallocycle, unlike the five-
membered metallocycle in the complex between 
the active site and hydroxamate 4-165, would be 
strained. In the crystallographic molecular model 
of the complex between thermolysin and phos-
phonamidate 4-180  

 

just such a four-membered metallocycle is formed 
(4-181).1184 In the normal reaction, however, this 
metallocycle containing a pentacoordinate Zn2+ 
should break at the weakest bond, that between the 
hydroxy group of the tetrahedral intermediate and 
Zn2+, to generate the tetracoordinate complex repre-
sented in Figure 3-42. 
 The Zn2+ in the active site of bovine carboxy-
peptidase A (Equation 4-172), just as does the Zn2+ 
in thermolysin, coordinates both the hydroxide that 
adds to the acyl carbon of the peptide bond and the 
acyl oxygen; and, in this way, it approximates the 
nucleophile and the electrophile. The Zn2+ in carboxy-
pepidase A forms a metallocycle, analogous to that 
formed by Zn2+ in the active site of thermolysin 
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(4-181), with a phospho analogue of the tetrahedral 
intermediate in its enzymatic reaction. 
 The hydrolysis catalyzed by urease (Equation 
4-441) illustrates the fact that because a dinuclear 
cluster has coordination sites on two metallic dicat-
ions instead of just one, it provides more opportunities 
for catalysis by approximation. In the Michaelis 
complex between the active site of urease and urea, 
one Ni2+ coordinates the carbonato oxygen and the 
other Ni2+ coordinates one ureido nitrogen. This 
dinuclear coordination approximates the nucleo-
philic m-hydroxide and the electrophilic carbonato 
carbon in the correct orientation for nucleophilic 
addition. In tetrahedral intermediate 4-175, there 
are two metallocycles—composed of nickel, oxygen, 
carbon, oxygen and nickel, oxygen, carbon, nitrogen—
rather than just one as in the active site of thermo-
lysin, which has only one metallic dication. In the 
active sites of creatininase1319 (Equation 4-440), 
dihydroorotase1331 (Equation 4-442), arginase1335 
(Equation 4-443), leucyl aminopeptidase1172 (4-176), 
and methionyl aminopeptidase,1242 however, although 
they contain dinuclear clusters of dimetallic dications, 
only one dimetallic dication (rather than both) 
approximates the electrophile and the nucleophile 
by coordinating the respective acyl oxygens and the 
bridging m-hydroxide. Creatininase, dihydroorotase, 
leucyl aminopeptidase, and methionyl amino-
peptidase hydrolyze acyl derivatives rather than 
carbonato derivatives, so there are fewer opportu-
nities for coordination. 
 
 Metallic dications are also used as Lewis acids 
in nucleophilic substitutions at phosphorus. Most 
nucleophilic substitution at phosphorus, unlike that 
catalyzed by pancreatic ribonuclease (Figure 4-46), 
rely on catalysis by metallic dications. For example, 
pyruvate kinase (Equation 4-275 and Figure 4-52) 
has two prosthetic Mg2+ in its active site when it is 
occupied by reactants in the productive Michaelis 
complex. The unliganded enzyme binds one Mg2+ 
from solution at the active site, and the second 
Mg2+ arrives complexed with ATP4- or ADP3-.1341 
This fact was shown by using, in place of MgATP2-, 
a Cr3+ complex of ATP, which is a stable covalent 
complex almost completely inert to exchange (Ta-
ble 4-5). The enzyme transferred the g-phospho 
group from CrATP- to an analogue of enolpyruvate 
but only when Mg2+ was also present to occupy the 
site on the free enzyme for the second, uncom-
plexed metallic dication. 
 Both Mg2+ involved in the normal reaction cata-
lyzed by pyruvate kinase (Equation 4-275), the one 

bound to free enzyme and the one brought in by 
MgATP2-, have been located in maps of electron 
density derived from crystals of the enzyme in 
which the active site is occupied by substrates and 
inhibitors.581,1342,1343 In the complex between the 
enzyme and Mg2+, oxalate, and MgATP2-, one oxygen 
of the phospho group that is transferred, as well as 
the oxygen of oxalate that represents the enol oxygen 
of the enol of pyruvate, are both ligands to the Mg2+ 
that is not brought in on MgATP2- (Figure 4-52). In 
the complex1343 between the enzyme and pyruvate 
and Mg2+, the carbonyl oxygen of pyruvate that was 
or that becomes the enol oxygen of phosphoenol-
pyruvate is a ligand to this same Mg2+ at the same 
position. Consequently, the role of this prosthetic 
Mg2+ that is not brought in on MgATP2- is to act as 
a Lewis acid to improve the ability of the enol oxygen 
to leave phosphorus during transfer of the phospho 
group from phosphoenolpyruvate to MgADP-. The 
intermediate in the reaction is probably monomeric 
metaphosphate, so this Mg2+, by also coordinating 
one phospho oxygen, ensures that the phospho 
group on phosphoenolpyruvate is dianionic, as is 
required to form monomeric metaphosphate, as 
well as to provide push to the dissociation 

    (4-447) 

In the active site of phosphoenolpyruvate carboxy-
kinase, which catalyzes a reaction similar to that 
catalyzed by pyruvate kinase, one Mg2+ enters the 
active site on MgATP2-, but Mn2+ rather than Mg2+ 
acts as the Lewis acid for the oxygen of the enolate 
of pyruvate.1232 
 In the reverse reaction catalyzed by pyruvate 
kinase (Equation 4-275), the role of the Mg2+ that is 
not brought into the active site on MgATP2- is to 
stabilize the enolate and prevent its hydronation 
so that its oxyanion can act as a nucleophile on 
phosphorus, albeit a phosphorus probably in mono-
meric metaphosphate. A similar role is played by 
the Mg2+ that is not brought into the active site on 
the nucleoside triphosphate in DNA-directed DNA 
polymerase b from R. norvegicus,1344 DNA-directed 
DNA polymerase encoded by the genome of 
T7 bacteriophage,1345,1346 and DNA-directed DNA 
polymerase encoded by the genome of hepatitis C 
virus.1347 These Mg2+ coordinate the respective 
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3A-hydroxy groups that add to the a-phospho group 
of the next deoxynucleoside triphosphate to elongate 
the DNA. In each instance, this catalytic Mg2+ lowers 
the pKa for the hydroxy group so that it can be 
dehydronated and act as a nucleophile at the 
a phosphorus 

                (4-448) 

where 3A-OH is the 3A-hydroxy group at the end of 
the strand of DNA being elongated and dNTP is the 
deoxynucleoside triphosphate that is being added. 
In RNA-directed DNA polymerase from human 
immunodeficiency virus, this catalytic Mg2+ is 
loosely bound to the active site (Kd = 4 mM) and 
only associates after the magnesium nucleoside 
triphosphate has associated,1348 so it is not a pros-
thetic Mg2+. 
 In the case of the two Mg2+ in the active site of 
UDP-N-acetylglucosamine diphosphorylase 

               (4-449) 

from M. tuberculosis, when it is occupied by magnesi-
um diphosphate2- and MgUDP-N-acetyl-a-∂-glucos-
amine, it seems that neither Mg2+ fulfills a catalytic 
function other than entering the active site on the 
two substrates.1349 The Mg2+ that enters on diphos-
phate leaves on MgUTP2-, in which it is coordinated 
as the usual enantiomer at the Mg2+ on a triphos-
phate. The Mg2+ that enters on MgUDP-N-acetyl-
a-∂-glucosamine ends up on the phospho group of 
N-acetyl-a-∂-glucosamine 1-phosphate and probably 
leaves on its own from the active site. Neither Mg2+ 
is coordinated by the two oxygens between which 
the phospho group is transferred; rather, each is 
coordinated by equatorial oxygens in the phospho-
rane or monomeric metaphosphate that is the inter-

mediate in the nucleophilic substitution at phos-
phorus. 
 It is tempting to assign a role for the Mg2+ on 
nucleoside triphosphates that enter the active sites 
of the many enzymes like pyruvate kinase (Fig-
ure 4-52), the DNA-directed DNA polymerases, and 
on both substrates of UDP-N-acetylglucosamine 
diphosphorylase. In solution, addition of Mg2+ to 
an alkyl diphosphate, as opposed to a phosphodi-
phosphate, significantly enhances the ability of the 
diphosphate to act as a leaving group in a nonen-
zymatic nucleophilic substitution at the carbon to 
which it is attached.1350 This enhancement results 
from the decrease in negative charge in the leaving 
group when it is magnesium diphosphate rather than 
diphosphate. The same enhancement, however, is 
not observed for nonenzymatic phosphorylations 
effected by H2ATP2-, which is a model for all nucleo-
side triphosphates. Most of the reactions in which 
magnesium nucleoside triphosphates engage are 
phosphorylations, and in these phosphorylations 
the magnesium nucleoside diphosphate is the leaving 
group. As has been mentioned, the major form1122 
of nucleoside triphosphates in cytoplasm, is MgATP2-, 
and the Mg2+ probably enters the active site of an 
enzyme for which a nucleoside triphosphate is a 
substrate automatically rather than purposefully. 
In most instances of such a Mg2+ bound to oligo-
phospho groups in a substrate, the dication ends 
up coordinated to one or two equatorial oxygens in 
the phosphorane or monomeric metaphosphate 
that is the intermediate in the nucleophilic substi-
tution at phosphorus, and this coordination may 
enhance catalysis, albeit at the periphery. The argu-
ment for a mechanistic purpose for these Mg2+ 
could extend, but probably should not, to assigning 
that purpose as the reason that cellular free concen-
trations of Mg2+ are so high. 
 Regardless of the role played by a Mg2+ brought 
into the active site on a nucleoside triphosphate or 
a nucleoside diphosphate, the Mg2+ or other metallic 
dication that is not brought in by MgATP2- can be 
thought of as acting alone as a catalyst: stabilizing 
the phosphorane or monomeric metaphosphate 
that is an intermediate in the reaction, stabilizing 
the nucleophilic oxyanion in one direction, and 
stabilizing the leaving group in the other direction. 
 There are, however, a number of instances in 
which two metallic dications, neither of which is 
brought in by a substrate and both of which are 
bound as prosthetic groups in the active site in the 
absence of substrates,1351-1354 act in concert to 
catalyze a nucleophilic substitution at phosphorus. 
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For example, in the active site of aryldialkylphos-
phatase (Figure 4-55E), which hydrolyzes triesters 
of phosphoric acid, the m-hydroxide bridging two 
Zn2+ is the nucleophile that adds to the phosphorus 
of the triester. In the Michaelis complex, the single, 
unarylated and unalkylated phospho oxygen on the 
phosphotriester is a ligand to one of the Zn2+, which 
withdraws electron density from phosphorus and 
makes it more electrophilic. The conjugate acid of 
the unliganded oxygen in the carboxy group of 
Aspartate 301 that is a monodentate ligand to the 
other Zn2+ is in van der Waals contact (0.39 nm) 
with the methyl group of diisopropyl methylphos-
phonate, which is an analogue of a phosphotriester 
and occupies the active site in the crystallographic 
molecular model.1166,1354 This carboxy group hydro-
nates the leaving group that, in a substrate, would 
sit in the location of the methyl group. This carboxy 
group also forms a hydrogen bond with the 
m-hydroxide in the unoccupied active site,1354 so it 
is responsible for removing a hydron from the 
m-hydroxide during the nucleophilic addition to 
phosphorus that forms the phosphorane. The 
dimetallic cluster and the carboxy group of Gluta-
mate 407 in the active site of aryldialkylphosphatase 
from Sphingobium also seem to be exclusively respon-
sible for the nucleophilic substitution at phosphorus 
catalyzed by the enzyme. Therefore, the pKa of 7.9, 
below which the specificity constant for the aryl dialkyl 
substrate paraoxon decreases, has been assigned to 
the hydron in the hydrogen bond between this 
carboxy group and the m-hydroxide.1355 
 Two of the four Mg2+ in the active site of inor-
ganic diphosphatase 

 
                (4-450) 

from E. coli when it is occupied by diphosphate are 
brought in with the diphosphate, but the other two 
are metallic dications present in the active site before 
the substrate binds.1356 There is a m-hydroxide 
bridging these latter two Mg2+. This bridging hydrox-
ide is the nucleophile that adds to the one phos-
phorus from which the other phospho group leaves 
during the hydrolysis catalyzed by the enzyme.1357-1359 
Aspartate 117 in inorganic diphosphatase from S. cere-
visiae removes the hydron from this hydroxide as it 
adds to the electrophilic phosphorus1358 

    
               (4-451) 

 There are other enzymes that use a m-hydroxide 
bridging two metallic dications to hydrolyze phospho-
esters1360-1362 by a mechanism in which two oxygens 
on the phosphoester are ligands, one to each metallic 
dication, as in the active site of inorganic diphos-
phatase (Equation 4-451). There is even an inorganic 
diphosphatase in which a m-hydroxide bridging 
three metallic dications acts as the nucleophile in 
hydrolysis of diphosphate.1363 In the active site of 
histidinol-phosphatase from Lactococcus lactis, which 
hydrolyzes the monoester ¬-histidinol phosphate, 
the nucleophile is a m-hydroxide bridging two Zn2+, 
and a third Zn2+, not coordinated by the hydroxide, 
has the leaving oxygen of ¬-histidinol as a ligand 
and, as a Lewis acid, enhances its ability to leave 
from the phosphorane that forms upon nucleo-
philic addition of the hydroxide to the phospho 
group.1364 In the active site of the enzyme from 
Vibrio cholerae, which is responsible for hydrolysis 
of the phosphodiester at the 3¢-hydroxy group of 
adenylate in 3¢,3¢-cyclic guanosine monophosphate-
adenosine monophosphate, there is a m-hydroxide 
bridging two Fe2+.1365,1366 When either one or both 
Fe2+ are adventitiously oxidized to Fe3+, the enzyme 
loses its catalytic activity, perhaps because exchange 
is so much faster at the dication than the trication. 
A nonenzymatic, synthetic dinuclear (Co2+)2·OH– 
has been shown to hydrolyze a phosphodiester1367 
by nucleophilic addition of the m-hydroxide to 
phosphorus in a complex in which one nonbridging 
oxygen is the ligand to one Co2+ and the other is a 
ligand to the other Co2+. In most cases, however, 
the mechanism of nucleophilic substitution at 
phosphorus catalyzed enzymatically by a dinuclear 
metallic cluster is the same as that catalyzed by 
alkaline phosphatase. 
 Alkaline phosphatase (Equation 4-284) from 
E. coli hydrolyzes a phosphomonoester by transfer-
ring the phospho group to Serine 102 
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                (4-452) 

and then transferring it to a molecule of water that 
enters and replaces the leaving alcohol after it disso-
ciates.1368 When alkaline phosphatase is hydrolyzing 
arylphosphomonoesters, in which the leaving groups 
are acidic (pKa £ 10), the transition state has consid-
erable dissociative character,1369 a fact suggesting 
the intermediate is more like monomeric meta-
phosphate than a phosphorane. It seems likely, 
however, that when alkylphosphomonoesters are 
hydrolyzed by the enzyme, the intermediate is 
closer to a phosphorane because the leaving 
groups are poor. In any case, vanadate (Table 3-7) 
forms an analogue (see 4-124) for the two phospho-
ranes of Serine 102 or the two monomeric meta-
phosphates that are the respective intermediates in 
the two consecutive nucleophilic substitutions at 
phosphorus. 
 The crystallographic molecular model of the 
vanadyl complex with the active site (Figure 4-56)1370 
demonstrates that one of the equatorial oxygens of 
each phosphorane or monomeric metaphosphate 
in the normal reaction (phosphorus in place of 
vanadium) ends up bridging the two Zn2+ in the 
active site, rather than the oxygen of either the 
hydroxide or one of the two alkoxides that are 
substrates for the enzyme. The oxygen of the hydroxy 
group of Serine 102 is successively a nucleophile 
and a leaving group, the oxygen of the hydroxy 
group of the alcohol is successively a leaving group 
(Equation 4-452) and a nucleophile, and the hydroxy 
group of the molecule of water replacing the hydroxy 
group of the alcohol is successively a nucleophile 
and a leaving group. At one time or another, all 
three of these oxygens are ligands to one or the 
other Zn2+, but never both at the same time, as the 
reaction progresses through the two phosphoranes 
or the two monomeric metaphosphates, with overall 
retention of configuration (Equation 4-285).591 
 

 
 The m-oxygen between the two Zn2+ is one of 
the equatorial oxygens in each of the two phospho-
ranes or two monomeric metaphosphates that are 
intermediates in the overall reaction. The two Zn2+ 
may well stabilize the negative charge that builds 
up on the equatorial oxygen in the phosphorane or 
monomeric metaphosphate,1371 but the role of the 
two Zn2+ in the rigid dinuclear cluster may instead be 
entirely that of both approximating and orienting 
reactants during the respective formations of the 
two phosphoranes or two monomeric metaphos-
phates.107,1370,1372,1373 
 One Zn2+ (the seryl Zn2+) is also coordinated to 
the nucleophilic oxygen while the other Zn2+ (the 
aquo Zn2+) is coordinated to the leaving oxygen in 
the first step of the reaction, and they switch roles 
in the second step. The seryl Zn2+ lowers the pKa for 
the hydroxy group of Serine 102, one of its constant 
ligands, so that the hydroxy group is unhydronated 
and nucleophilic. The seryl Zn2+ then improves the 
ability of the oxygen of Serine 102 to leave in the 
next nucleophilic substitution at phosphorus. The 
aquo Zn2+ improves the ability of the hydroxy group 
of the alcohol, one of its exchangeable ligands, to 
leave. The aquo Zn2+ then lowers the pKa for the 
molecule of water that replaces the alcohol so that 
it dissociates a hydron to become an unhydronated 
Zn2+OH-. There is also a Mg2+ in the active site that 
is coordinated by a carboxylato group, a hydroxy 
group, and four molecules of water. One of the 
molecules of water on this Mg2+ acts as the donor 
of a hydrogen bond to one of the other equatorial 
oxygens in the two consecutive phosphoranes or 
monomeric metaphosphates, relaying the Lewis 
acidity of Mg2+. 
 The exchanges necessary for association of 
substrates with the prosthetic Mg2+ in the active 
site of pyruvate kinase are prevented when one water 
on the prosthetic Mg2+ dissociates its hydron and 
becomes a hydroxide.1250,1251 Although Zn2+ ex-
changes its ligands more rapidly than Mg2+ (Table 4-5), 
this fact suggests that an alkoxide anion sitting as 
an inner-sphere ligand on a Zn2+, rather than 
Mg2+, such as the alkoxide that has left the phos-
phorane or monomeric metaphosphate in the first 
step of the reaction catalyzed by alkaline phosphatase 
(Equation 4-452 and Figure 4-56), also cannot disso-
ciate rapidly from the aquo Zn2+, and hence leave 
the active site efficiently as a product, until it is hydro-
nated by a Brønsted acid. The most likely catalytic 
acid is the molecule of water 0.38 nm from the axial 
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Figure 4-56: Stereodrawing134 of the crystallographic molecular 
model of the active site of alkaline phosphatase from E. coli 
occupied by two Zn2+, a Mg2+, and a vanadyl ester (3-63) of 
Serine 102, an analogue of the phosphorane that is an inter-
mediate in the enzymatic reaction.1370 Black atoms are carbons, 
white atoms are oxygens, and small gray atoms are nitrogens. 
The smaller dark gray spheres are two zinc ions surrounded by 
their ligands, and the larger dark gray sphere is a magnesium 
ion surrounded by its ligands. The enzyme was purified from 
cytoplasm of E. coli that had been infected with a plasmid en-
coding the gene for the enzyme that overexpressed the protein 
and crystallized. The crystals were soaked in a solution containing 
1 mM ZnCl2, 10 mM MgCl2, and 100 mM NH4VO3 and submitted 
to X-ray diffraction in that solution. Electron density for two Zn2+, 

a Mg2+, and a vanadyl ester of Serine 102 could be observed in 
each active site in the dimer that occupied the asymmetric 
unit. The molecular model of the vanadyl ester with its five 
oxygens is in the center of the figure. One of the two Zn2+ has 
as four of its ligands the imidazolyl groups of Histidines 331 
and 412, an oxygen from the carboxylato group of Aspartate 327, 
and one of the oxygens of the vanadyl ester. The other Zn2+ has 
as four of its ligands the imidazolyl group of Histidine 370, the 
carboxy groups of Aspartates 51 and 369, and the esterified 
oxygen of Serine 102. One of the oxygens of the vanadyl group 
is between the two Zn2+, as a ligand to each of them. The Mg2+ 
has retained four molecules of water as ligands and is held in 
the active site by ligation to one of the oxygens of the carboxy 
group of Aspartate 51 and the hydroxy group of Threonine 155. 
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oxygen of the vanadate, which represents the leaving 
alkoxide in the normal reaction. This molecule of 
water can form a hydrogen bond (0.26 nm) with the 
ammonio group of Lysine 238, or it can interact 
with another molecule of water that bridges the gap 
but is unresolved in the map of electron density. In 
either case, a hydron is relayed from Lysine 328 to 
the alkoxide, converting it to an alcohol that can 
readily dissociate from the aquo Zn2+. 
 The alkoxide of Serine 102, however, which is 
the nucleophile that adds initially to the phosphoester 
to form the first phosphorane (Equation 4-452) or 
monomeric metaphosphate, is never required to 
leave the active site and could remain a metallic 
alkoxide even after it leaves the second phosphorane 
or monomeric metaphosphate in the later step of 
the enzymatic reaction. When it is a ligand to the 
seryl Zn2+, the oxyanion of Serine 102 is surrounded 
by an oxygen in the carboxylato group of Aspar-
tate 51 (0.38 nm) and a molecule of water (0.35 nm) 
that are both ligands on the Mg2+ that is also in the 
active site (Figure 4-56). When the oxyanion of Ser-
ine 102 swings away from the seryl Zn2+, it forms a 
hydrogen bond (0.32 nm) to the hydroxy group of 
Threonine 155 that is also a ligand to Mg2+.1374 
Because a hydroxy group or a molecule of water on 
Mg2+ is a weaker acid than a hydroxy group on Zn2+ 
(Table 4-2) neither the molecule of water nor the 
hydroxy group of Threonine 155, which are both 
permanent ligands to Mg2+, can hydronate the 
hydroxy group of Serine 102 as long as it is a ligand 
to the seryl Zn2+. These neighbors, which form a 
cup surrounding the oxyanion of Serine 102, ensure 
that the hydroxy group on Serine 102 remains the 
unhydronated, nucleophilic oxyanion when it is 
bound to the seryl Zn2+. It is possible that this con-
stellation is responsible for the values for pKa of 7.4 
and 7.3 in the pH-rate profiles for the enzyme below 
which its catalytic constant and specificity constant 
kphs for a phospho substrate (phs), respectively, 
decrease.1375 If so, these two values for pKa, identical 
within the error of measurement, both represent 
hydronation of the oxyanion of Serine 102 as the 
pH is lowered and both would be the pKa for its 
conjugate acid. 
 There are also enzymes1376-1382 that use two Mg2+ 
or two Mn2+ in the same way that alkaline phos-
phatase uses its two Zn2+ to coordinate dinuclearly 
an equatorial oxygen in the phosphorane or mono-
meric metaphosphate (Figure 4-56) and to increase 
the electrophilicity of phosphorus in the respective 
phosphoesters, as well as to anchor the oxygens of  

the nucleophiles and leaving groups to Zn2+ to lower 
the values of pKa for the nucleophilic oxygens and 
to improve, in turn, the leaving groups (Equa-
tion 4-452). In a nonenzymatic instance of catalysis 
by a dinuclear complex of two Zn2+, the hydron disso-
ciates from a hydroxy group on one Zn2+ and the 
resulting zinc alkoxide adds to the phosphorus of a 
phosphodiester that is tightly bound to the two 
Zn2+ by the two nonbridging oxygens as the first 
step in a nucleophilic substitution.1383 
 In most reactions in which a metallic dication 
is used by an active site to catalyze a nucleophilic 
substitution at phosphorus, the metallic dication also 
catalyzes the nucleophilic addition by approxi-
mating the two reactants. This approximation is 
achieved by coordination of the reactants to the 
metallic dication or dications. Examples are approx-
imation of the enolate oxygen and the g-phospho 
group of MgATP2- by the prosthetic Mg2+ in the active 
site of pyruvate kinase (Equation 4-447 and Figure 
4-52); approximation of the 3A-hydroxy group and 
the a-phospho group of MgdNTP2- by the pros-
thetic Mg2+ in the active site of DNA-directed DNA 
polymerase (Equation 4-448); approximation of 
the bridging m-hydroxide and the phosphorus in 
diphosphate by coordination of two phospho oxygens 
by the dinuclear cluster of Mg2+ in the active site of 
inorganic diphosphatase (Equation 4-451); and 
both approximation of the oxido group of Serine 102 
and the phospho group and approximation of the 
nucleophilic molecule of water or an alcohol and 
the phospho group in the active site of alkaline 
phosphatase (Equation 4-452). The ability of the 
Mg2+ in Mg2+(H2O)5OH- to approximate the respective 
phospho group and hydroxide by coordinating one 
oxygen of the phospho group has been proposed in 
part as an explanation for the effective catalysis 
exhibited by Mg2+ for the hydrolyses of phospho-
pyridiniums1384 and phosphodiesters.1385 
 In the active site of glutamine synthetase (pre-
viously Equation 3-405) 

  
                (4-453) 

from S. typhimurium, a prosthetic Mg2+ coordinates 
both the g-carboxy oxygen of ¬-glutamate, which is 
the nucleophile, and one nonbridging oxygen of the 
g-phospho group of MgATP2-, which is the electro- 
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phile,1386 during transfer of the phospho group 
from MgATP2- to the g-carboxy group. Since the 
carboxylato group of ¬-glutamate in the Michaelis 
complex with the active site requires no assistance 
to remain unhydronated and its nucleophilicity can 
be decreased only by being a ligand to Mg2+, the 
role of Mg2+ in this case must be mainly that of 
approximating the nucleophilic oxygen and the 
phosphorus of the phospho group by having both 
the carboxylato group and the phospho group as 
inner-sphere ligands. 
 In all these complexes, the metallocycle or 
each of the two metallocycles that approximates 
the nucleophilic oxygen and phosphorus of the 
phospho group has four atoms: the metallic dication, 
the nucleophilic oxygen, the phosphorus, and its 
oxyanion that is a ligand to the metallic dication 
(Equations 4-447, 4-448, 4-451, and 4-452). In the 
nucleophilic substitution at phosphorus catalyzed 
by dTMP kinase 

  
               (4-454) 

from M. tuberculosis, however, the metallocycle that 
brings the two phospho groups together has six atoms 
in its ring1387,1388 

                (4-455) 

 In nucleophilic additions both to an electro-
philic carbon and to an electrophilic phosphorus in 
which metallic dications approximate nucleophile 
and electrophile, the electrophilic carbon and the 
electrophilic phosphorus are not themselves direct 
ligands to the respective metallic dications. The 
nucleophilic addition occurs at an electrophilic 
position one atom removed from the metallic dicat-
ion, and an oxygen attached to either the electro-
philic carbon or the electrophilic phosphorus is the 
inner-sphere ligand. There are, however, many 
nonenzymatic examples of inner-sphere additions 
in organometallic compounds. A Ni2+ in the active 
site of CO-methylating acetyl-CoA synthase cata-
lyzes such an inner-sphere addition between an 
electrophilic carbon and the carbon of a nucleo-
philic methyl group and between an electrophilic 

carbon and the sulfur of a nucleophilic sulfido 
group. In each case, both the nucleophile and the 
electrophile are direct ligands to the metallic dication. 
 
 CO-Methylating acetyl-CoA synthase is a 
metalloenzyme responsible for fixing carbon 
monoxide in the form of acetyl-SCoA  

               (4-456) 

The cobalt corrinoids are located within large 
(1520 aa) homodimeric a2b2 heterotetramers.1389,1390 
Each heterotetrameric protein contains two identical 
sites, each of which is occupied by one cobalt corri-
noid. As such, they are rather elaborate methyl-
carrier proteins that supply the methyl group to 
CO-methylating acetyl-CoA synthase. Because the 
carbon and the oxygen of the acyl group in the acetyl 
group of acetyl-SCoA are derived from carbon mon-
oxide itself,1391 the enzyme simply stitches together 
a formal carbanide ion, a molecule of carbon monox-
ide, and a sulfido group, without changing them in 
the process other than forming bonds between 
them. Although there would be a two-electron oxida-
tion were this actually what is occurring, there is no 
net oxidation–reduction in the complete reaction 
because the methyl-Co(III) corrinoid becomes a 
Co(I) corrinoid. Nevertheless, the cobalt corrinoid 
is acting neither as an oxidant nor as a reductant; 
rather, it is a leaving group in the forward reaction 
and a nucleophile in the reverse reaction, while the 
sulfido group is a nucleophile in the forward reaction 
and a leaving group in the reverse reaction. All these 
roles balance in the overall reaction. 
 In the active site of CO-methylating acetyl-CoA 
synthase, there is a dinuclear cluster of nickel 
ions.1207,1392 One of these clusters is found in the 
crystallographic molecular model of the active site 
of monomeric (732 aa) CO-methylating acetyl-CoA 
synthase from Carboxydothermus hydrogenofor-
mans 
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One nickel ion in this cluster is electronically cou-
pled to a normal [4Fe-4S] iron–sulfur 
cluster1393,1394 by the sulfanyl group of a cysteine, 
which is a ligand in the inner spheres of both this 
nickel ion and one iron ion in the cluster. This cen-
tral nickel ion is also electronically coupled to the 
peripheral nickel ion in the cluster by the sulfanyl 
groups of two other cysteines, each of which is a 
ligand in the inner spheres of both nickel ions in 
the dinuclear cluster.1207,1392 The peripheral nickel 
ion is also gripped tightly by two amido groups, one 
from the carboxy-terminal cysteine and one from 
the glycine between the two cysteines. Because 
they are obviously ligands to a nickel ion (bond 
lengths of 0.190 and 0.188 nm), because both ami-
do groups and the nickel are in the same plane, and 
because the nitrogen–hydrogen of the amido group 
carboxy-terminal to the carboxy-terminal cysteine 
is pointed at the nitrogen of the amido group of 
glycine, each of the two nitrogens must be the un-
hydronated, anionic conjugate base of the respec-
tive amido group. Consequently, the peripheral 
nickel ion is coordinated by two strongly basic lig-
ands and enfolded by the polypeptide in a five-
membered metallocycle. 
 The central nickel ion that is electronically 
coupled to both the [4Fe-4S] iron–sulfur cluster 
and the other nickel ion is coordinated much less 
tightly by the sulfanyl groups of the three cysteines 
performing the electronic coupling. During the pu-
rification of CO-methylating acetyl-CoA synthase, 
this latter, unenfolded nickel ion can dissociate, 
much as the Fe2+ in aconitate hydratase can, and 
be replaced adventitiously by Zn2+ or 
Cu2+.1207,1395,1396 These substitutions decrease sig-
nificantly or eliminate the catalytic activity of the 
enzyme because the trisulfido-dinickel cluster is 
the active species.1207,1392,1397 

 The first step in the enzymatic reaction of 
CO-methylating acetyl-CoA synthase1398 is thought1399 
to be either association of carbon monoxide with 
Ni+, to give a complex in which carbon monoxide is 
an inner-sphere ligand,1400-1402 or concerted nucleo-
philic substitution of a nucleophilic Ni+ in the cluster 
for the cobalt cation in methyl-Co(III) corrinoid, 
in which the leaving group is the nucleophilic 
Co(I) corrinoid1403-1405 

  
                (4-457) 

If the carbonylation is the first step in the reaction, 
the methylation is the second, and vice versa. If the 
carbonylation is the first step, then the Ni+ that partic-
ipates in the nucleophilic substitution (Equation 
4-457) has carbon monoxide as its fourth ligand in 
addition to the three sulfido groups. 
 The Ni+ that is carbonylated and then methylated 
or methylated and then carbonylated is the central 
nickel ion, which shares the sulfanyl group of cysteine 
with the [4Fe-4S] iron–sulfur cluster (4-182) and is 
prone to dissociation and replacement with other 
metallic dications.1405 In the resting enzyme, this 
nickel ion is Ni2+. Transfer of an electron from the 
[4Fe-4S] iron–sulfur cluster in the entire complex 
4-182, preceding or concurrently with association of 
carbon monoxide, or association of the protein con-
taining the methyl-Co(III) corrinoid, which also has 
a [4Fe-4S] iron–sulfur cluster that can provide the 
necessary electron,1406 promotes reduction of the 
central Ni2+ in the trisulfido-dinickel cluster to Ni+, 
which is the participant in either the coordination 
of carbon monoxide or the nucleophilic substitution. 
This Ni+ can also be produced in the active site of the 
enzyme from Moorella thermoacetica by reduction 
with titanium(III) citrate.1394 
 Whether association of carbon monoxide with 
Ni+ is the first or second step in the reaction of CO-
methylating acetyl-CoA synthetase, carbon monoxide 
arrives at the active site either directly from the solu-
tion—in those enzymes that are independent pro-
teins such as the one in R. rubrum—or by passing 
through a tunnel from the active site of anaerobic 
carbon monoxide dehydrogenase—in those enzymes 
(Figure 3-69) that are found in multienzymatic 
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complexes, such as those in M. thermoacetica and 
M. barkeri. CO-Methylating acetyl-CoA synthase 
from C. hydrogenoformans can function either as 
an independent protein or in complex with carbon 
monoxide dehydrogenase.1392 At the end of the 
tunnel in CO-methylating acetyl-CoA synthase from 
M. thermoacetica, immediately adjacent to the two 
nickel ions in the cluster, there is a cavity that can 
be occupied by one xenon atom and that is the 
proper size for a carbon monoxide.1407 When the 
cavity is expanded by mutating a phenylalanine in its 
wall to alanine, the activity of the enzyme decreases 
by a factor of 10 and the cluster becomes more flex-
ible.1408 These facts suggest a steric requirement for 
the active site to hold carbon monoxide firmly during 
its association with the cluster. 
 Before CO-methylating acetyl-CoA synthase 
from M. thermoacetica has been methylated by 
methyl-Co(III) corrinoid, it is possible to form a 
complex in which one iron ion in the [4Fe-4S] 
iron–sulfur cluster (see 4-182), presumably the one 
closest to the labile nickel ion, has been coordinated 
by carbon monoxide.1409,1410 Some kinetic studies 
are consistent with this carbonmonoxy iron inter-
mediate being a precursor to the acyl carbon and 
acyl oxygen in the product acetyl-SCoA1411 while 
also being consistent with either methylation of the 
nickel ion or carbonylation of the iron ion being the 
first step in the normal enzymatic reaction.1412 The 
proposal is that before it can add to the methyl-
nickel(II), carbon monoxide must first become a 
ligand to the iron ion and then be transferred. The 
situation is complicated by the fact that carbon 
monoxide inhibits the enzymatic reaction,1413 and 
there are other kinetic results consistent with a 
requirement that the methylation precedes produc-
tive association of the carbon monoxide destined 
to become the carbon and oxygen of the acyl group 
of acetyl-SCoA.1398 
 Nucleophilic substitution of Ni+ for the Co(I) cor-
rinoid (Equation 4-457), regardless of whether or 
not a carbon monoxide is associated with the Ni+ as 
a fourth ligand, is a concerted in-line transfer of the 
methyl group1414 between cobalt and nickel with 
inversion of configuration at the methyl group. 
Although the methyl group in methyl-Co(III) corrinoid 
bears a formal negative elementary charge because 
carbon is more electronegative than cobalt, this 
designation is a formal one and the methyl group 
on cobalt is actually electrophilic. The nucleophilic 
substitution requires that the nickel ion be at least 
as reduced as Ni+, which is nucleophilic. The leaving 
group is the Co+ in Co(I) corrinoid, which is itself 

(as is the case with all leaving groups) a nucleo-
phile, but less of a nucleophile than Ni+. Methyl 
transfer from Co+ to Ni+ (Equation 4-457) in the 
active site of the enzyme from M. thermoacetica is 
rapidly reversible1415 and has an equilibrium constant 
of 2.3. 
 During the nucleophilic substitution, preceding 
it, or immediately following it, an electron is trans-
ferred to nickel, so the final adduct is methylnickel(II), 
which is diamagnetic.1405,1415,1416 The order in which 
the two steps, methylation and transfer of this other 
electron to Ni+, occur is not clear. The single nickel 
atom in a model compound, in which the nickel is Ni0, 
readily reacts nucleophilically with a methyl-Co(III) 
corrinoid, and the product is directly methyl-
nickel(II).1417 This result suggests that the second 
electron could be transferred to Ni+ before the nucleo-
philic substitution occurs to make it Ni0, which 
would be even more nucleophilic. This proposal 
would explain the fact that paramagnetic methyl-
nickel(III), which would be the product of the nucleo-
philic substitution in which Ni+ is the nucleophile 
(Equation 4-457), has never been observed during 
the enzymatic reaction.1399 The Ni+, however, in 
the reduced state of a mutant of azurin in which 
the native copper cation has been replaced with a 
nickel ion does react with CH3I to form an adduct, 
but again methylnickel(III) was not observed. It 
was believed that the reductant present in the solu-
tion to maintain the reduced state of Ni+-azurin 
immediately reduced methylnickel(III) as it was 
formed to diamagnetic methylnickel(II). In this 
instance, the reductant present was not able to 
reduce Ni+-azurin to Ni0-azurin before the CH3I 
was added to the solution, so the nickel in 
Ni+-azurin must have been the nucleophile. 
 Regardless of whether carbonylation of nickel 
or methylation of nickel is the first step, after both 
have occurred, the product is a pentacoordinate 
Ni2+ with three sulfido groups, a formal methide 
ion, and carbon monoxide as the five ligands.1418 
This complex then undergoes formally a nucleo-
philic addition of the methide ion as the nucleo-
phile to carbon monoxide as the electrophile 

(4-458) 
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philic addition that takes place in the inner sphere 
of the metallic dication. This inner-sphere nucleo-
philic addition produces an acetylnickel(II).1405 
 There is a synthetic model reaction that repli-
cates this methylation of carbon monoxide. A Ni2+, 
coordinated with a ligand that provides three sulfides 
and a tertiary amine, was methylated with Grignard 
reagent 

  
               (4-459) 

This methylation involves the transfer of the formal 
equivalent of a methide ion from a hard metal, 
Mg2+, to a soft metal, Ni2+, and as such it is not a 
model for the first step in the enzymatic reaction. 
The methylated Ni2+ that is the product, however, 
is equivalent to the methylnickel(II) produced in 
the enzymatic reaction. When the synthetic methyl-
nickel(II) is mixed with carbon monoxide, an 
acetylnickel(II) is produced1419 

  
                (4-460) 

Methylnickel(II) 4-183 and acetylnickel(II) 4-184 
have both been crystallized, and the crystallographic 
molecular models verify their structures.1420 A similar 
CO insertion produces an acylnickel(II) from a 
synthetic alkylnickel(II) in a model compound in 
which the nickel ion is coordinated by the two sulfido 
groups of a bisthiolate and a phosphine and in which 
the alkyl group is larger than a methyl group.1421 
 In the final chemical step in the mechanism, 
the acetylnickel(II) intermediate in the enzymatic 

reaction is subjected to a nucleophilic substitution 
that forms acetyl-SCoA.1405 In this final nucleo-
philic substitution, the sulfido group of coenzyme A 
is the nucleophile and Ni0 is the leaving group. 
Because Ni0, a strong nucleophile, can be considered 
equivalent to an alkoxide, the acetylnickel(II) inter-
mediate is analogous to an acetyl ester, so it could 
be the case that there is a tetrahedral intermediate 
in the reaction, with the oxyanion of the tetrahedral 
intermediate expelling Ni0. When synthetic acetyl-
nickel(II) 4-184 is mixed with phenylmethanethiol, a 
high yield (75%) of the corresponding acetyl thioester 
is obtained.1419,1420 Because there seems to be little 
room for the phenylmethanethiolate to coordinate 
with the nickel before the acetyl group is transferred 
to it, it may be the case that, in this particular model 
system, the sulfido group of the thiolate adds directly 
to the acyl carbon that is a ligand to Ni2+, forming a 
tetrahedral intermediate. 
 In another synthetic model system, however, 
in which the nickel ion is coordinated at only two 
sites by a bispyridine, an acetylnickel(II) can be 
formed by adding an equivalent of carbon monoxide 
to a square planar complex in which the other two 
sites are occupied by a methide and a thiolate. A 
crystallographic molecular model verifies the direct 
coordination of both the acetyl group and the thiolate 
in this product. Upon addition of excess carbon 
monoxide, a strong ligand for Ni2+, the immediately 
adjacent sulfanyl group on the nickel ion adds in 
the inner sphere to the acetyl group to produce the 
acetyl thioester, which is released from the Ni2+ as 
two carbon monoxides associate with it.1422 
 This model reaction suggests that the -SCoA 
may first coordinate to Ni2+ in the acetylnickel(II) 
intermediate in the enzymatic reaction, which has 
open sites for ligands, before adding to the acetyl 
group to produce acetyl-SCoA, the product of the 
overall enzymatic reaction (Equation 4-456). If the 
sulfur of the sulfido group does become a ligand to 
Ni2+, this does not happen until the acetylnickel(II) 
intermediate has formed because HSCoA is the last 
reactant to associate with the enzyme and does so only 
after the acetylnickel(II) intermediate is present.1412 
If this intramolecular addition is the mechanism of 
the enzymatic reaction, rather than a normal nucleo-
philic substitution in which the nucleophile adds 
directly to the acyl carbon of the acyl derivative, 
then there are two steps in the overall mechanism 
in which a nucleophilic substitution between a 
nucleophile and an electrophile that are both ligands 
to Ni2+ occurs in the inner sphere. The difficulty 
with this proposal is that if the sulfido group of 
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coenzyme A adds to the acetyl group while both are 
ligands to the Ni2+, then what is to prevent a sulfido 
group from one of the cysteines that also coordinate 
the Ni2+ from adding to the acetyl group, which 
would be counterproductive? In fact, in another 
synthetic model system, where the Ni2+ has a bis-
thiolate and a phosphine as ligands, one sulfido 
group of the bisthiolate also becomes acetylated 
upon addition of carbon monoxide,1421 just as the 
sulfido group that is a substrate in the other model 
compound does. Somehow the active site has to 
prevent this unfortunate side reaction. 
 The steps in the reaction catalyzed by CO-methyl-
ating acetyl-CoA synthase from M. thermoacetica 
between the methylated intermediate and the final 
product, acetyl-SCoA, are rapidly reversible. When 
the enzyme is mixed with [1-14C]acetyl-SCoA and 
[12C]carbon monoxide, [14C]carbon monoxide is 
formed continuously1423 at a maximum rate of 
440 min-1 at pH 6.0 and 55 ªC.1424 
 In the model reaction in which acetylnickel(II) 
4-184 is mixed with phenylmethanethiol to pro-
duce the acetyl thioester, the nickel ends up as Ni0 
and precipitates from the solution as nickel metal, 
which would certainly be counterproductive in the 
enzymatic reaction. In order to precipitate as nickel 
metal, however, the atoms of nickel must be able to 
collide with each other in solution, which is precluded 
by the fact that the nickel atoms in the enzymatic 
reaction are individually buried in active sites in 
proteins. This protection is similar to the long-term 
protection that an active site can provide to the 
sulfenic acid of a cysteine. Sulfenic acids do not 
exist in free solution because they immediately 
disproportionate to a thiol and a sulfinic acid, a 
disproportionation that is precluded when they are 
located in an active site. Because Ni0 would be 
protected by the surroundings of the active site, it 
could be the case that Ni0 is stable and able to par-
ticipate as the nucleophile in the next round of the 
reaction with the next molecule of methyl-Co(III) 
corrinoid (see Equation 4-457) and produce me-
thylnickel(II) directly. In this case, no source of 
electrons would be needed to sustain successive 
turnovers. 
 Another possibility, however, is that the [4Fe-4S] 
iron–sulfur cluster in cluster 4-182, perhaps in 
concert with the peripheral nickel ion, instantaneously 
removes an electron from Ni0 to return it to Ni+, 
which then participates in the next round of the 
reaction. This electron would then be returned to 
the Ni3+ in methylnickel(III) during its formation or 
immediately after it is formed by the nucleophilic 

substitution (Equation 4-457). If these transfers of 
an electron are the actual sequence of events, the 
purpose of the other participants in the complete 
cluster would be to poise the central nickel ion by 
transferring an electron back and forth so that it is 
either Ni+ or methylnickel(II) or acetylnickel(II) while 
the enzyme is turning over. 
 
 A few enzymes have metallic trications as Lewis 
acid catalysts in their active sites. For example, in 
the dinuclear1425 cluster in the active site of purple 
acid phosphatase, one position is occupied by Zn2+, 
Fe2+, or Mn2+ depending on the species from which 
the enzyme is purified,1426-1430 but the other position 
is always occupied by Fe3+.1431,1432 Even though all 
these enzymes have Fe3+ in their active sites, all that 
is required for catalysis is a metallic trication that 
can occupy the available coordination because 
Ga3+ can substitute effectively for Fe3+.1238 
 There are at least two problems with using a 
metallic trication as a Lewis acid. First, the conjugate 
acid of an alkoxide or hydroxide that is a ligand to a 
metallic trication has such a low pKa (Table 4-2) that 
it is a weak Brønsted base and a weak nucleophile. 
It is also difficult to hydronate so that it can be used 
as a Brønsted acid or so that it can leave the metallic 
trication as an alcohol or a molecule of water. Second, 
the exchange rates of even a neutral molecule of 
water at a metallic trication are so slow (Table 4-5) 
that association of a reactant with or dissociation of 
a product from the inner sphere of the trication 
would limit rates of catalysis. These difficulties illus-
trate the advantages of metallic dications for catalysis. 
 In the active site of alkaline phosphatase PhoX 
from Pseudomonas fluorescens, an oxide bridges 
two Fe3+ and a Ca2+. In a crystallographic molecular 
model1433 of a complex between the enzyme and 
b,g-methylene ATP4-, which is a nonhydrolyzable 
analogue of the substrate ATP4-, two nonbridging 
oxygens of the g-phosphono group are ligands to 
the two Fe3+, and the third nonbridging oxygen is a 
ligand to the Ca2+. The hydroxide is directed toward 
phosphorus and oriented for an in-line addition 
directly opposite the methylene group that represents 
the leaving group. The two Fe3+ are high-spin, but it 
is not clear how the two nonbridging oxygens are 
able to exchange into their inner spheres rapidly 
enough and how the phosphate that is the product of 
the hydrolysis, which would have three of its oxygens 
as ligands to the two Fe3+, is able to dissociate rapidly 
enough to sustain catalysis. That the iron ions must 
be Fe3+ for catalysis to occur is demonstrated by 
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the fact that reduction of both to Fe2+ inactivates 
the enzyme.1433 
 Nitrile hydratase 

      (4-461) 

has either Co3+ or Fe3+ in its active site depending 
on the species from which the enzyme is purified.1434 
The enzymes with the different metallic trications, 
however, are very similar (40% identity; 1.0 gap 
percent), so they must have the same catalytic 
mechanism. The metallic trications in each unoccu-
pied active site have the same ligands 

 

which are the sulfanyl group of a cysteine; two 
unhydronated, negative amido nitrogens from the 
peptide backbone; a cysteinyl sulfinate (-SO2

-); 
and a cysteinyl sulfenate (-SO-).1435-1439 The last 
ligand is an example of a sulfenate that is protected 
from disproportionation by being in the active site of 
an enzyme. The pKa for a sulfinic acid is around 3 
while that of a sulfenic acid is around 12, but the 
cysteinyl sulfenate has a hydrogen bond to the 
guanidinio group of an arginine, which should lower 
its pKa. 
 The following mechanism has been proposed1440 
for the hydration catalyzed by the enzymes with Fe3+ 
in their active sites 

                (4-462) 

and by extension those with Co3+ in their active sites. 
The nitrogen of the nitrile would associate with the 
metallic trication, and the oxyanion of the sulfenate 
would add nucleophilically to the carbon of the nitrile. 
A hydroxide would then perform a nucleophilic 
substitution at sulfur with the amido oxygen as the 
leaving group while the amido nitrogen is hydronated 
by a catalytic acid. The nucleophilic substitution at 
sulfur is analogous to the nucleophilic substitution 
of one sulfido group for another in a disulfide. 
  There are a number of observations consistent 
with this mechanism. Intermediate 4-186 has been 
observed in a crystallographic molecular model1440 
of the complex between 2,2-dimethylpropanenitrile, 
a hindered analogue of the substrate, and the active 
site of a mutant of the ferric nitrile hydratase from 
Rhodococcus erythropolis in which the arginine that 
forms the hydrogen bond to sulfenate has been 
mutated to lysine, decreasing the turnover of the 
enzyme by a factor of 500. Both 1-butaneboronic 
acid and phenylboronic acid form adducts1441 with 
the oxygen of sulfenate in the active site of cobaltic 
nitrile hydratase from P. thermophila. In these 
adducts, the boronate is trigonal and isosteric with 
the amido group in intermediate 4-186, and the 
only oxygen from boronic acid that remains is a 
ligand to the Co3+, as is the nitrogen in the proposed 
intermediate. When cobaltic nitrile hydratase from 
Streptomyces rimosus, which has been preequili-
brated in H2

16O, is mixed with the nitrile toyocamycin 
(a natural substrate) in H2

18O, the hydrated product 
from the first turnover contains oxygen-16 in the 
amide, but products from the next turnovers contain 
oxygen-18. During the first turnover, the enzyme 
itself covalently incorporates one oxygen-18, but it 
incorporates no further oxygen-18 in later turn-
overs.1442 When iron nitrile hydratase from Rhodo-
coccus hoagii was mixed rapidly with 2-methylprop-
2-enenitrile, an intermediate appears with a rate 
constant of 60 mM-1 s-1 and a visible absorption 
spectrum that has been assigned as that of a complex 
between nitrile and Fe3+ in the active site.1443  
 The problem with the proposed mechanism is 
rate constants and equilibrium constants. The Fe3+ 
in ferric nitrile hydratase is in the low-spin 
state.1444 Ferric iron in its low-spin state and Co3+ 
are usually almost inert to ligand exchange, and 
since there is only one open site on the prosthetic 
metallic complexes in the several active sites, that 
exchange would have to be dissociative. The crystal-
lographic molecular model in which intermediate 
4-186 occupied the open position on Fe3+ was 
from a crystal in which each lone open site on Fe3+ 
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was occupied by a molecule of nitric oxide, and a 
molecule of 2,2-dimethylpropanenitrile occupied a 
nearby site in the outer sphere.1440 Nitric oxide then 
dissociated photolytically and vacated the active 
site almost immediately. Nevertheless, it took the 
nitrile more than 25 min (0.001 s-1) at 20 ªC to 
move 1 nm from the site in the outer sphere to the 
open site on Fe3+. A synthetic complex of Fe3+ coor-
dinated by three amino nitrogens and two sulfanyl 
groups, which is similar to the coordination in the 
active site of ferric nitrile hydratase, is able to asso-
ciate with nitriles such as acetonitrile (Kd = 33 M at 
2 ªC; kex = 105 s-1 at 2 ªC) and forms an octahedral 
complex with thiocyanate that could be crystal-
lized.1445 Most synthetic model compounds, however, 
with either Fe3+ or Co3+ that have similar ligands, 
do not associate with nitriles.1446-1449 There is a 
synthetic complex of Co3+ that is coordinated by 
three amino nitrogens, an imino nitrogen, and the 
sulfido group of a thiolate and that was synthesized 
with a nitrile at the sixth position.1450 When the com-
plex is mixed with hydroxide, the nitrile is hydrated 
with a rate constant of 3 M-1 s-1. The rate, however, 
for exchange of the nitrile at Co3+ is 0.01 s-1 at 7 ªC. 
The amide on Co3+ that is the product of nucleo-
philic addition of hydroxide to the nitrile is inert to 
exchange. 
  It is unclear how nitrile hydratase can acceler-
ate the exchanges at the single open site on either 
Fe3+ or Co3+, which are required for the mechanism 
of Equation 4-462, to accommodate rate constants 
for the turnover of the various enzymes. Such consid-
erations have led to the proposition that the metallic 
trication, if it is involved in catalysis, must provide 
a Brønsted acid–base in a reaction at its outer 
sphere.1437,1447 
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Problem 4-38: Write a mechanism for the complete 
reaction catalyzed by 4-hydroxy-2-oxoheptanedioate 
aldolase that uses Mg2+ (4-166) as a Lewis acid in 
the active site. 
 
Problem 4-39: Write a mechanism for the complete 
reaction catalyzed by isocitrate dehydrogenase 
(NADP+) that uses Mg2+ (4-167) as a Lewis acid in 
the active site. 
 
Problem 4-40: Write a mechanism for the complete 
reaction catalyzed by fumarylacetoacetase (Equa-
tion 4-362) that uses Ca2+ (4-168) as a Lewis acid 
in the active site. 
 
Problem 4-41: Write a mechanism for the complete 
reaction catalyzed by fructose-bisphosphate aldolase 
(Equation 4-210) that uses Zn2+ (4-170) as a Lewis 
acid in the active site. 
 
Problem 4-42: Write a mechanism for the complete 
reaction catalyzed by lactoylglutathione lyase (Equa-
tion 4-431) that uses Zn2+ (Figure 4-55C) as a Lewis 
acid in the active site. 
 
Problem 4-43: Write a mechanism for the complete 
reaction catalyzed by malate synthase (Equation 
4-271) that uses Mg2+ (4-155) as a Lewis acid in the 
active site. 
 
Problem 4-44: Write a mechanism for the com-
plete reaction catalyzed by peptide deformylase 
(Equation 4-425) that uses Fe2+ (4-158) as a Lewis 
acid in the active site. 
 



Metalloenzymes 
 

1343 

Problem 4-45: Write a mechanism for the complete 
reaction catalyzed by alkaline phosphatase (Equa-
tion 4-452) that incorporates the two respective 
phosphoranes. Include the two Zn2+ in each suc-
cessive structure. 
 
Problem 4-46: The following is a direct quotation 
from reference 1022. 
 

 Staphylococcal nuclease [micrococcal nuclease] 
catalyzes the hydrolysis of both DNA and RNA at 
the 5A position of the phosphodiester bond yield-
ing a free 5A-hydroxyl group and a 3A-phosphate 
monoester. The pH optimum is between 8.6 and 
10.3 and varies inversely with the Ca2+ concentra-
tion, but at any pH rather high levels of Ca2+, typ-
ically 0.01 M, are required for optimal activity. 
With minor exceptions, which will be discussed 
later, Ca2+ is required for activity with all sub-
strates and cannot be replaced with other ions, 
although Ca2+ and a number of other ions do 
promote the binding of various inhibitors. The 
5A-p-nitrophenyl esters of pdT and pdTp are the 
simplest known good substrates for the nuclease. 
Both these esters are hydrolized [sic] at essentially 
the same rate via P–O bond cleavage of the 5A–C–O–P 
bond, but the pdTp-based ester has a Km showing 
almost two orders of magnitude tighter binding 
to enzyme. Both the 5A-methyl ester of pdT and 
thymidine 5A-fluorophosphate are poor substrates. 
With these simple substrates, the products of 
enzyme-catalyzed reaction are exclusively p-nitro-
phenyl phosphate and dT or dTp for the first two 
and methylphosphate or fluorophosphate plus dT 
for the second two …, a striking and significant 
contrast to the products of a nonenzymatic hydrol-
ysis of these compounds where p-nitrophenol, 
fluoride ion, or at least some methanol along with 
pdT or pdTp would result. Simple diesters of 
phosphate are not substrates, so this enzyme is 
indeed a nuclease and not a general phospho-
diesterase. For a series of dinucleotides, dNapdNb, 
as substrates, there is a distinct order of prefer-
ence (dT > dA >> dC >> dG) for the base in the 
b-nucleotide position, but little base specificity in 
the a-position. The presence of a terminal 
3A-phosphate results in a better substrate than the 
plain dinucleotide; a terminal 5A phosphate results 
in a poorer substrate. In the presence of Ca2+, or a 
wide variety of other metallic dications, pA, pdA, 
and pdT are good inhibitors (Ki @ 10-5); pdTp is 
the best known inhibitor (Ki @ 10-7). The binding 
of the nucleoside 5A-monophosphates involves a 

single Ca2+ ion; the binding of pdTp and of DNA 
and RNA appears to involve two. Nucleosides 
themselves and nucleoside 2A- or 3A-monophos-
phates are not inhibitory. Mapping studies of the 
active site region with oligonucleotides having a 
terminal 5A phosphate (pdT)n, show maximum 
binding when n = 3, suggesting the presence of a 
third, probably ionic, binding site in addition to 
those for the 5A- and 3A-phosphates of pdTp. Studies 
of the interactions among the inhibitors, the simple 
substrates, DNA, and RNA strongly imply a single, 
common binding and hydrolytic site on the nu-
clease, although, as noted elsewhere, there are 
differences between DNA and RNA as substrates 
that may indicate different hydrolytic mechanisms. 

 
 In the abbreviation used for mononucleotides, 
a p before the capital letter, such as pdT, stands for 
a phosphate attached to the 5¢-hydroxy group of 
the ribose; a p after, such as dTp, stands for a phos-
phate attached to the 3A-hydroxy group. The d stands 
for 2A-deoxyribose in a 2A-deoxyribonucleotide. The 
capital letters stand for the various nucleosides. 
 The point of the preceding brief, but fairly 
comprehensive, review of the enzymological prop-
erties of micrococcal nuclease is to establish that 
the crystal structure of the nuclease–pdTp–Ca2+ 
complex should resemble fairly closely that of the 
actual enzymatically active complex of micrococcal 
nuclease, a substrate for the enzyme, and Ca2+. 
Because a diester will have a single negative elemen-
tary charge on the phosphate when it is associated 
with the hydrolytic site and pdTp has two negative 
elementary charges on its 5A phosphate, some differ-
ence is, of course, to be expected. 
 
 (A) Write the mechanism for hydrolysis of the 

5A-(4-nitrophenyl) ester of pdTp, as it would 
occur during a nonenzymatic reaction that 
produces 4-nitrophenol and pdTp. Draw 
your intermediates, for example a phospho-
rane, with proper stereochemistry. 

 (B) Why is 4-nitrophenol rather than 4-nitro-
phenyl phosphate the product of the nonen-
zymatic reaction? 

 (C) Write the mechanism for hydrolysis of the 
5A-(4-nitrophenyl) ester of pdTp as it would 
occur under catalysis by micrococcal nuclease, 
which produces 4-nitrophenyl phosphate 
and dTp. Draw your intermediates with 
proper stereochemistry, and include catalytic 
acids, HA(+), or catalytic bases, ”B(-), where 
appropriate. 
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 Crystals of the complex between micrococcal 
nuclease, Ca2+, and pdTp were submitted to diffrac-
tion, and a map of electron density from a data set 
with minimum Bragg spacing of 0.17 nm was ob-
tained. A molecular model built from the sequence 
of the protein, the Ca2+, and the known structure of 
the inhibitor were placed into the map. The stereo-
drawing of the active site 
 

 

 
has been derived from the final refined molecular 
model.1021 
 
 (D) The various side chains, inhibitor, and pros-

thetic groups in the stereodrawing are not 
identified. Make a copy of one side of the 
drawing. Expand the scale so that you have 
plenty of room, and clearly identify with labels 
each side chain, the inhibitor, and the pros-
thetic groups. On each hydrogen bond indi-
cated in the figure, draw a hydron next to the 
donor for that hydrogen bond. Attach a 4-nitro-
phenyl group to the appropriate oxygen. 

 (E) What are the smaller detached, open spheres 
in the crystallographic molecular model? 

 (F) Which is the most likely molecule of water 
for the role of the nucleophile in hydrolysis 
of 5A-(4-nitrophenyl)pdTp? Write a mechanism 
for the hydrolysis that uses this molecule of 
water. What are the catalytic acid–bases acti-
vating the molecule of water? 

 (G) Why is 4-nitrophenyl phosphate rather than 
4-nitrophenol the product of the enzymatic 
reaction? Invoke two rules of phosphate 
chemistry in your explanation. What must the 
active site be preventing the phosphorane 
from undergoing that would enable the best 
leaving group? Decide which would be the 

best leaving group by looking up values for 
pKa. 

 (H) What is the identity of the catalytic acid that 
hydronates the leaving group in the mecha-
nism that you presented in part C? Why is 
this choice peculiar? 

 
Problem 4-47: 3,4-Dihydroxy-2-butanone-4-phos-
phate synthase is a metalloenzyme that catalyzes 
the conversion of ∂-ribulose 5-phosphate to 
3,4-dihydroxybutan-2-one-4-phosphate and formate. 

 

 (A) Write a mechanism for the multistep trans-
formation catalyzed by the unmutated enzyme 
that involves an isomerization proceeding by 
a 1,2-hydride migration as occurs in xylose 
isomerase (Equation 4-432), followed by 
removal of a hydron a to a carbonyl to produce 
an enolate, a b elimination, a hydronation, a 
1,2-phosphomethide migration analogous to 
a 1,2-methyl migration, and a retro-Claisen 
condensation.1337 (Hint: Write the mecha-
nism in reverse first.) 

 (B) Write an alternative mechanism that lacks 
the isomerization and 1,2-hydride migration 
steps but includes the remaining five steps in 
part A. (Hint: As in part A, write the mechanism 
in reverse first.) 

 
 There is a crystallographic molecular model of 
a complex of ∂-ribulose 5-phosphate with a mutant 
of the enzyme from M. jannaschii in which Histi-
dine 147 has been replaced by serine and in which 
one of the two Mg2+ normally in the active site has 
been replaced with Zn2+ and the other Mg2+ has 
been replaced by Ca2+ to produce an inactive en-
zyme. ∂-Ribulose 5-phosphate coordinates Ca2+ 
with its 2-oxo and 3-hydroxy groups, and it coordi-
nates Zn2+ with its 3-hydroxy and 4-hydroxy 
groups.882 Recall that, in the unmutated active 
enzyme, Ca2+ and Zn2+ are replaced by two Mg2+ 
(4-178). 
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 In the following drawing 

 

of a portion of the active site in this crystallograph-
ic molecular model, the carbons of ∂-ribulose 
5-phosphate are numbered. The 1-hydroxy group 
of ∂-ribulose 5-phosphate forms a hydrogen bond 
(0.31 nm) with the sulfanyl group of Cysteine 55. 
The distance (0.34 nm) between carbon 1 and an 
oxygen in the carboxy group of Glutamate 185 is 
within van der Waals contact (0.38 nm). The oxygen 
of the 2-carbonyl group of ∂-ribulose 5-phosphate 
is coordinated to Ca2+ (see 4-178) and participates 
in a hydrogen bond (0.27 nm) with water W3 that in 
turn forms a hydrogen bond (0.29 nm) with water 
W4 that in turn is in contact with the bulk solution. 
The distance (0.35 nm) between carbon 2 and the 
same oxygen in the carboxy group of Gluta-
mate 185 is within van der Waals contact (0.38 nm). 
The 3-hydroxy group of ∂-ribulose 5-phosphate is 
coordinated to Ca2+ and Zn2+ (see 4-178) and 
forms hydrogen bonds (0.31 and 0.27 nm) with 
both waters W1 and W2, which in turn form hydrogen 
bonds with carboxy groups of two glutamates and 
an aspartate (see 4-178). The distance (0.32 nm) 
between carbon 3 and water W2 is within van der 
Waals contact (0.38 nm). The distance (0.35 nm) 
between carbon 3 and the same oxygen in the 
carboxy group of Glutamate 185 is within van der 
Waals contact (0.38 nm). The 4-hydroxy group of 
∂-ribulose 5-phosphate is coordinated to the Zn2+ 
and forms a hydrogen bond (0.24 nm) with the 
carboxy group of Aspartate 30 and a hydrogen 
bond (0.30 nm) with water W1 that is also coordi-
nated to that Zn2+. The distance (0.39 nm) between 
carbon 4 and water W1 is at van der Waals contact 

(0.38 nm). Nitrogen t of Histidine 147 (missing in 
the drawing because it is the mutated amino acid) 
forms a hydrogen bond (≥0.29 nm) in a crystallo-
graphic molecular model of the unmutated enzyme 
with the oxygen of the carboxy group of Glutamate 
185 that is in contact with carbons 1, 2, and 3 of 
∂-ribulose 5-phosphate. 
 
 (C) Referring to the drawing from the crystallo-

graphic molecular model of the occupied 
active site in the mutant enzyme, the num-
bered side chains it contains, and the contacts 
just described between them and the ∂-ribu-
lose 5-phosphate, identify the catalytic acid–
base that performs the removal or addition 
of a hydron in each step of your two mecha-
nisms whenever a hydron must be removed 
or added to an oxygen or a carbon. 

 (D) Which metallic hydroxide is the nucleophile 
in the retro-Claisen condensation? 

 (E) Why does the active site enforce the rotational 
isomer between carbons 3 and 4 observed in 
the drawing? 

 (F) Why does the active site enforce the rotational 
isomer between carbons 4 and 5 observed in 
the drawing? 

 
 In a 1,2-phosphomethide migration, the carbon 
migrating carries with it the two electrons in the 
bond, so formally it bears a negative elementary 
charge that is stabilized by conjugation to phos-
phorus. It migrates across the plane of a vicinal 
dicarbonyl. The carbon from which the phospho-
methide leaves becomes a carbonyl, and the oxygen 
on the carbon to which it adds becomes a hydroxy 
group. 

 

 (G) Discuss the several ways in which the active 
site encourages the 1,2-phosphomethide mi-
gration both sterically and electronically. 

	

Asp 30

Cys 55

Glu 185

1

2

3

4 5

W1

W2

W3

W4 Ca2+

Zn2+

Arg 25

Arg 161

His 164
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Chapter 5 

Intermediates in Enzymatic Reactions 

Almost all chemical reactions catalyzed by enzymes 
pass through two or more transition states and one 
or more intermediates after the complete set of 
substrates has been assembled in the active site. An 
intermediate in the mechanism of any chemical 
reaction can be distinguished from a transition state 
in that mechanism by the length of time it exists. A 
transition state lasts only as long as is necessary to 
pass over a maximum in the reaction coordinate 
(Figure 3-25). Because the movement over such a 
maximum resembles only half the stroke of an intra-
molecular vibration, the time required to pass over 
the top is less than the time required for a complete 
intramolecular vibration (<10-12 s). Because the 
movement through the transition state is over a 
maximum of potential energy, a transition state 
does not have a finite lifetime. An intermediate in a 
reaction is an arrangement of atoms in the mechanism 
of a chemical reaction that has a lifetime longer 
than the time required for the intramolecular and 
intermolecular vibrations among those atoms to 
become established and that is formed from the 
reactants and reacts further to give the products. 
For any arrangement of atoms to persist for this length 
of time, the connections holding them together must 
be full covalent bonds or fully established noncova-
lent interactions, not partial bonds in the process of 
forming and unforming as is the case in a transition 
state. In this sense, an intermediate in any reaction 
must itself be either one molecule or the noncovalent 
complex of two or more molecules, even though 
the one molecule or these several noncovalently 
associated molecules together may be of higher en-
ergy than either reactants or products of the overall 
reaction. 
 Because intermediates have finite lifetimes, an 
intermediate in any reaction must have a potential 
energy that is less than the potential energy of the 
transition state immediately preceding it on the 
reaction coordinate leading from reactants and less 
than the potential energy of the transition state 
immediately following it on the reaction coordinate 
proceeding toward products. In other words, the 
constellation of atoms defining an intermediate is  
 

always an arrangement that occupies a potential 
well on the reaction coordinate (Figure 5-1). If the 
potential energy of an intermediate were not such a 
local minimum on the reaction coordinate, the inter-
mediate would not have a finite lifetime. 
 Two examples of specific reactions will serve to 
illustrate the distinction between transition states 
and intermediates. An example of a reaction that 
proceeds without an intermediate is the transfer of 
the methyl group from the sulfur of S-adenosyl-
¬-methionine to the nitrogen of glycine in the 
concerted nucleophilic substitution catalyzed by 
glycine N-methyltransferase (Equation 1-19) after 
reactants have been gathered in the active site (see 
Figure 3-34). This reaction passes through a single 
transition state in which the past bond to the methyl 
carbon is being broken as the future bond to the 
methyl carbon is being formed. An example of a reac-
tion in which there are intermediates is hydrolysis 
of an amide (Figure 1-10). In this reaction, the tetra-
hedral intermediate formed must exist for a period 
of time sufficient for hydronation of the nitrogen 
that is on the leaving group to occur. Otherwise, the 
leaving group would be an amide anion, which is 
17 orders of magnitude more basic than the hydroxide 
anion that attacked the acyl carbon or 35 orders of 
magnitude more basic than the molecule of water 
that attacked the acyl carbon. The nitrogen of the 
amide cannot be hydronated before the nucleo-
philic addition occurs because it is not basic. Further-
more, if water was the initial nucleophile rather 
than hydroxide anion, as in the acid-catalyzed hydrol-
ysis of an amide, the tetrahedral intermediate must 
also exist long enough for the hydron to be removed 
from the cationic oxygen that was derived from the 
oxygen in water. Each hydronation and dehydronation 
produces a new tetrahedral intermediate of unique 
structure, each a molecule in its own right, and 
each hydronation or dehydronation itself passes 
through a transition state, even though the respective 
free energies of activation for each transition state 
may be only slightly greater than the chemical poten-
tials of the respective tetrahedral intermediates. 
 
 
 



 
 

1421 

 

 
 
Figure 5-1: Diagrammatic representation of a reaction coordi-
nate between reactant (A) and product (Z) that passes through 
three transition states (‡1, ‡2, and ‡3) and two intermediates (I1 
and I2). Potential energies are presented as a function of dis-
tance along the reaction coordinate.  
 
 An alternative to the existence of the tetrahedral 
intermediate in hydrolysis of an amide, in which an 
intermediate would not be involved, would be a 
concerted nucleophilic substitution at the acyl carbon 
of the amide 

                (5-1) 

For various reasons, such a reaction, although it does 
not immediately seem unreasonable, would have a 
significantly higher standard free energy of activation 
than the standard free energies of activation for 
formation of a tetrahedral intermediate, its tautomer-
izations, and its decomposition. Consequently, the 
chemical reaction in solution proceeds through the 
tetrahedral intermediates and their accompanying 
transition states rather than through only the one 
transition state. 
 An enzymatic reaction involves intermediates 
for the same reason that a nonenzymatic reaction 
does. The reaction coordinate, passing through a 
series of successive intermediates, encounters a se-
ries of standard free energies of activation that are 
all smaller than the standard free energy of activa-
tion for even the least endergonic of the alternative 
reaction coordinates that have only one transition 
state. It should not be thought that in this way the 
enzyme divides up the larger free energy of activa-
tion associated with the one step. Rather, it happens 
that there is an alternative, but independent, reaction 
coordinate passing through the intermediates, and 
this reaction coordinate has transition states that 

are all lower in free energy of activation than that 
for any of the reaction coordinates with only a single 
transition state. This conclusion follows from the 
fact that the mechanism with intermediates is the 
one actually observed. 
 In reactions that occur in solution, an intermedi-
ate is usually described as if it were a single molecule—
for example, a tetrahedral intermediate in hydrolysis 
of an amide. This description may be reasonable in 
other solvents; but in water, an intermediate in the 
mechanism for the usual reaction, in addition to a 
layer of hydration, has molecules of water or general 
acid–bases or both noncovalently bound to it 
through hydrogen bonds. These bound molecules 
are usually essential participants in the intermediate 
both structurally and energetically. For this reason, 
an intermediate in an enzymatic reaction can be 
viewed as a simpler structure than the analogous 
intermediate in a nonenzymatic, aqueous reaction 
because much or all of the layer of hydration, some 
or all of the necessary molecules of water, and all 
the molecules of general acid–bases have been 
replaced by the surrounding, well-structured protein, 
well-oriented donors and acceptors of hydrogen 
bonds, and catalytic acid–bases, respectively, from 
within the folded polypeptide and its associated 
prosthetic groups. An intermediate in an enzymatic 
reaction is the complex between the catalytic func-
tional groups in the active site and a particular 
covalent arrangement of the atoms that had com-
posed together the reactants that precede the inter-
mediate and that will compose together the 
products that follow the intermediate in the enzy-
matic reaction. As is the case for the fully hydrated 
complex in aqueous solution, an intermediate in an 
enzymatic reaction is the entire complex between 
the rearranged atoms of the reactants and the protein 
surrounding the active site, as well as any adjacent 
fixed or unfixed molecules of water. To simplify 
matters, however, the intermediate in an enzymatic 
reaction is often discussed as if it were only the 
molecule or molecules formed from the atoms of 
reactants or products, and the active site itself is often 
not explicitly mentioned even though it is inescapably 
a participant. 
 The intermediates encountered in enzymatic 
reactions can be divided into two classes. On the 
one hand, an enzymatic reaction can pass through 
the same series of intermediates that the same 
chemical reaction would pass through in the same 
aqueous solution in the absence of enzyme. This 
situation is the basis for the paradigm of the enzyme 
associating with a transition state or an intermediate 
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of high energy in the reaction more tightly than the 
reactants. An example of such a reaction is hydrolysis 
of a peptide bond catalyzed by an aspartic endo-
peptidase, in which the carboxylato group of an 
aspartate removes a hydron from a molecule of 
water either before or as it attacks the acyl carbon 
of the amide to form the tetrahedral intermediate, 
and the carboxy group of the same aspartic acid 
hydronates the nitrogen of the tetrahedral inter-
mediate to produce the leaving group (Equation 
4-376). These two steps in hydrolysis of an amide 
would occur in solution under catalysis by acetate 
and acetic acid. On the other hand, because the active 
site of an enzyme resembles an aqueous solution 
only remotely, unique intermediates, which do not 
participate in the uncatalyzed reaction, may partici-
pate in the enzymatically catalyzed reaction. For 
example, although the serine endopeptidases in the 
family represented by trypsin and chymotrypsin 
catalyze a reaction identical to that catalyzed by an 
aspartic endopeptidase, these enzymes use a serine 
in the active site as the initial nucleophile to produce 
an ester between the enzyme and the acyl carbon 
of the original amide, and then the internal ester is 
hydrolyzed by water (Figure 3-6).1,2 Both formation 
of the acyl enzyme and its hydrolysis must pass 
through the respective tetrahedral intermediates. It 
is not immediately obvious, however, that the reac-
tion catalyzed by a serine endopeptidase can be 
described by the rule that an enzyme associates 
with a transition state that would normally exist in 
solution more tightly than it associates with the 
reactants. Why the seryl intermediate was chosen 
by natural selection to catalyze a reaction that other 
enzymes perform without one is, for obvious reasons, 
unknown. 
 The serine endopeptidases use an amino acid 
in the active site to form an intermediate unique to 
their enzymatic reactions relative to the mechanism of 
the reaction in solution, but adenosylhomocysteinase 

  (5-2) 

uses a prosthetic group in the active site to form an 
intermediate unique to its enzymatic reaction. The 
reaction catalyzed by the enzyme is formally a nucleo-
philic substitution at a primary carbon. In solution, 
it would probably be concerted, but it would be a 
difficult reaction because the sulfido anion is a 
poor leaving group and hydronating the sulfide to 
cause the sulfanyl group to be the leaving group is 
difficult. 
 The following results, however, are consistent 
with a mechanism for the enzymatic reaction (Fig-
ure 5-2) in which 3¢-oxo-4¢,5¢-dehydroadenosine is 
the central intermediate.3,4 The enzyme contains 
NAD+ bound tightly as a prosthetic group to its active 
site. When S-adenosyl-¬-homocysteine (5-1) is 
added to bovine adenosylhomocysteinase, NADH 
is transiently formed. When the reaction is run in 
2H2O, deuterium appears at carbon 4¢ in the unreacted 
S-adenosyl-¬-homocysteine. The hydrolysis of 
[4¢-2H]-S-adenosyl-¬-homocysteine by the enzyme 
displays a deuterium kinetic isotope effect of 1.5. 
4¢,5¢-Dehydroadenosine is oxidized by the enzyme 
and converted into adenosine. A crystallographic 
molecular model of the intermediate 3¢-deoxy-
3¢-oxoadenosine occupying the active site of adenosyl-
homocysteinase from Mycobacterium tuberculosis 
(56% identity; 0.8 gap percent) with the prosthetic 
NAD+—oxidant next to oxidant to prevent any reac-
tion from occurring—places carbon 3¢ of 3¢-deoxy-
3¢-oxoadenosine immediately adjacent (0.39 nm) to 
carbon 4 of the nicotinamide and in the proper orien-
tation to be reduced were the NAD+ an NADH.4 
 If a mechanism in which 3¢-oxo-4¢,5¢-dehydro-
adenosine is the central intermediate applies to 
adenosylhomocysteinase, the nucleophilic substi-
tution occurs indirectly rather than directly, by an 
elimination–addition b to a carbonyl, a reaction in 
which thiols readily participate. This mechanism is 
reminiscent of the mechanism of cystathionine 
g-synthase, in which a substitution of a succinyl 
group by the sulfanyl group of ¬-cysteine was accom-
plished by an even more complicated elimination–
addition involving formation of the 1-carboxyprop-
2-enimine of pyridoxal 5¢-phosphate. In the case of 
adenosylhomocysteinase, the fact that the enzyme 
can catalyze hydrogen exchange at carbon 4¢ of 
5¢-deoxyadenosine is consistent with the enzymatic 
reaction proceeding through the two respective 
enolates as intermediates in the elimination and 
addition, respectively, as shown, and this enzymatic 
reaction has at least five unique intermediates. Both 
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Figure 5-2: Mechanism proposed for adenosylhomocysteinase.3,4 
While a lysine removes a hydron from the 3¢-hydroxy group, the 
prosthetic NAD+ removes a hydride from carbon 3¢ of adenosyl-
¬-homocysteine (Ad = adenosyl) to produce a 3¢-deoxy-3¢-oxo-
ribosyl group that now has an acidic hydron at carbon 4¢, which 
is then removed by an aspartate. Elimination from the result-
ing enolate of the sulfur of the homocysteinyl group, which is 
hydronated by a histidine, breaks the carbon–sulfur bond and 

produces 4¢,5¢-didehydro-3¢,5¢-dideoxy-3¢-oxoadenosine as the 
central intermediate in the enzymatic reaction. After a molecule 
of water replaces the ¬-homocysteine, this a,b-unsaturated 
carbonyl compound is hydrated across the double bond, and the 
resulting ketone is reduced by hydride transfer from the NADH 
to produce adenosine as the other product of the enzymatic 
reaction. 

 
 
the enzymatic reaction catalyzed by pyridoxine 
5¢-phosphate synthase (Figure 4-47) and that cata-
lyzed by urocanate hydratase (Figure 4-49) also 
pass through at least five intermediates. 
 In the discussion so far, as it has proceeded in 
the earlier chapters, a number of intermediates in 
enzymatic reactions have been encountered. Together 
they have represented in turn different classes of 
intermediates. These classes can be distinguished 
by what is added or what is subtracted from the 
reactant or reactants to produce the intermediate. 
 A covalent intermediate is an intermediate in 
an enzymatic reaction in which the enzyme itself  

 
 
and the other atoms participating in the intermediate 
are covalently attached to each other. A covalent 
intermediate results when a functional group on 
the side chain of an amino acid in the active site or 
a functional group on a prosthetic group covalently 
attached to the active site is added to one reactant 
or to the product of the covalent association of two 
or more reactants. Often a portion of one of the 
original reactants departs as a leaving group as the 
covalent intermediate is formed. Examples of cova-
lent intermediates are the acylseryl intermediates 
in serine endopeptidases (Figure 3-6) and acetyl- 
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cholinesterase (Equation 3-385), the acylcysteinyl 
intermediate in hydroxymethylglutaryl-CoA synthase 
(Equation 4-361), the phosphoaspartyl intermediate 
in the phosphatase encoded by the BT3141 gene of 
Bacteroides thetaiotaomicron (Figure 3-43), the 
phosphoseryl intermediates in phosphoglycerate 
mutase (Equation 3-421) and alkaline phosphatase 
(Equation 4-452), the phosphohistidinyl intermediates 
in pyruvate, phosphate dikinase (Equations 3-501 
and 3-502), the adenylyl intermediate in sulfate 
adenylyltransferase (ADP) (Equation 3-161), and 
the lysylimines in fructose-bisphosphate aldolase 
(Figure 4-36 and Equations 4-304, 4-368, and 
4-405) and 2-dehydro-3-deoxyphosphogluconate 
aldolase (Equation 4-325). 
 A covalent prosthetic intermediate is an in-
termediate in an enzymatic reaction in which the 
other atoms participating in the intermediate that are 
derived from the reactants are covalently attached 
to a prosthetic group that is itself covalently or 
noncovalently attached to the active site. In this 
class of intermediates, there is no covalent linkage 
formed between the substrate and the protein it-
self, only with the prosthetic group, which may or 
may not be covalently attached to the enzyme. Co-
valent prosthetic intermediates have already been 
discussed in detail in Chapters 1 and 2. 
 A diamagnetic, noncovalent intermediate is any 
intermediate in an enzymatic reaction that forms 
within the active site, that is noncovalently associ-
ated with the active site, and in which all electrons 
are paired in atomic and molecular orbitals. Examples 
of diamagnetic, noncovalent intermediates are the 
ketones produced by the prosthetic NAD+ in 
UDP-glucose-4-epimerase (Equation 4-130) and 
adenosylhomocysteinase (Figure 5-2); the tetra-
hedral intermediates in aspartate—ammonia ligase 
(3-75), thermolysin (Figure 3-42 and Equa-
tion 4-445), glutamine synthetase (3-98), chlor-
amphenicol O-acetyltransferase (4-132), endo-
thiapepsin (Equation 4-376), urease (4-175), and 
leucyl aminopeptidase (4-177); the tetrahedral 
carbonyl adduct in the active site of fumarylaceto-
acetase (Equation 4-362); the tetrahedral adduct in 
the active site of 3-phosphoshikimate 1-carboxy-
vinyltransferase (3-81 and Equation 4-414); the 
phosphorane in the active site of ribonuclease 
(4-123); and the carboxylated enolate in the active 
site of ribulose-bisphosphate carboxylase (Equa-
tion 3-424 and Figure 3-53). 

 Diamagnetic, noncovalent intermediates are 
independent molecules,* but because they are often 
unstable, they are usually bound tightly in the active 
site. For example, 3¢-oxo-4¢,5¢-dehydroadenosine 
(Figure 5-2) is held so tightly in the active site of 
adenosylhomocysteinase by noncovalent forces 
that it cannot escape into the solution. If 3¢-oxo-
4¢,5¢-dehydroadenosine were to escape from the 
active site, the enzyme would be left in its reduced 
inactive form, incapable of reaction with the next 
homocysteinyladenosine, and 3¢-oxo-4¢,5¢-dehydro-
adenosine would readily form Michael adducts 
with proteins in the cytoplasm. Both of these conse-
quences would be unfortunate. 
 In the case of phosphoglucomutase (a-∂-glu-
cose-1,6-bisphosphate-dependent) 

  
                (5-3) 

however, dissociation of the diamagnetic, noncovalent 
intermediate, a-∂-glucose 1,6-bisphosphate, which 
does occur slowly, inactivates the enzyme but is 
not otherwise harmful. Nevertheless, a sufficient 
concentration of a-∂-glucose 1,6-bisphosphate must 
always be present in the cytoplasm so that it can 
reassociate with the enzyme and continuously reacti-
vate it. Consequently, another enzyme, glucose-
1,6-bisphosphate synthase, is required to maintain 
proper levels of this escaped intermediate. Its only 
purpose is to service phosphoglucomutase. 
 In spite of the fact that it has provided the 
name for the enzyme and in spite of the fact that it 
is often included in the equation for the reaction 
(Equation 4-437), cis-aconitate, which is released 
into solution from the active site of aconitate hydra-
tase, is not a product of the reaction but a diamag-
netic, noncovalent intermediate that has escaped. 
Little if anything in the metabolism of a cell is 
produced from cis-aconitate, so its release from the 
active site is fortuitous rather than purposeful. Because 
cis-aconitate is unreactive and because the enzyme 
is not inactivated by its dissociation, its escape is 
harmless, and it is readily re-bound by the active 
site and converted into citrate or isocitrate. It is 
possible that some metabolites for which purposes 
have been found were once escaped intermediates. 
                                     
*Diamagnetic, noncovalent intermediates are often ionic at the 
site of reaction, but since most biochemical molecules are ions, 
it would be meaningless to separate them into the categories of 
nonionic, diamagnetic, noncovalent intermediates and ionic, 
diamagnetic, noncovalent intermediates. 

-∂-glucose 1-phosphate  1
                                          ∂-glucose 6-phosphate

a
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 There are several classes of diamagnetic, non-
covalent intermediates that are usually distin-
guished because of the special properties of their 
members. 
 A carbanionic intermediate is a diamagnetic, 
noncovalent intermediate that forms in an active 
site when a hydron or another electrophile dissociates 
heterolytically from a carbon in a reactant—usually a 
carbon adjacent to a carbonyl, imino, or acyl group—
and that dissociation produces a carbanion or that 
forms when a nucleophile associates hetereolyti-
cally with a carbon in a reactant—usually a carbon 
conjugated to a carbonyl, imino, or acyl carbon—
and that association produces a carbanion. Examples 
are the enolates and their conjugate acids in the 
active sites of 3-deoxy-8-phosphooctulonate synthase 
(4-51), ¬-fuconate dehydratase (Equation 4-268), 
malate synthase (Equation 4-272), pyruvate kinase 
(Equation 4-276), phosphoenolpyruvate carboxy-
kinase (Equation 4-419), 4-hydroxy-2-oxoheptane-
dioate aldolase (4-166), isocitrate dehydrogenase 
(4-167), and fumarylacetoacetase (4-168); the cis-
enediolates in the active sites of triose-phosphate 
isomerase (Equations 4-46 and 4-55), fructose-
bisphosphate aldolase (4-170), and ∂-psicose 
3-epimerase (Equation 4-434); the gem-enediolates 
in the active sites of isocitrate lyase (Equation 
4-310), chondroitin AC lyase (Figure 4-44), phospho-
pyruvate hydratase (4-171), and mandelate racemase 
(4-172); and the a,b-unsaturated enolates in the 
active sites of 4-chlorobenzoyl-CoA dehalogenase 
(3-110), steroid D-isomerase (Equation 4-416), and 
2-hydroxymuconate tautomerase (4-53). It has al-
ready been noted that an enzyme may or may not 
stabilize an enolate by hydronating its oxyanion 
during or after its formation. 
 A carbocationic intermediate is a diamagnetic, 
noncovalent intermediate that forms in an active 
site when a leaving group dissociates heterolytically 
from a carbon in a reactant and that dissociation 
produces a carbocation or that forms when a hydron 
or another electrophile associates heterolytically with 
carbon in a reactant and that addition produces a 
carbocation. Examples are the carbenium ion in 
the active site of 3-deoxy-8-phosphooctulosonate 
synthase (3-96); the carbocationic intermediate in 
the electrophilic aromatic substitution catalyzed by 
tryptophan synthase (4-122); the oxocarbenium ions 
in the active sites of lysozyme (3-26), hypoxanthine 
phosphoribosyltransferase (3-91), and other glyco-
sidases (Equation 4-400); and the carbenium ions 
that are intermediates in terpenoid synthesis (Fig-
ures 3-48 and 3-50 and Equation 3-368). 

 A radical intermediate is a paramagnetic non-
covalent intermediate that possesses an unpaired 
electron and that forms in an active site when a hydro-
gen atom is abstracted from a reactant, when an 
electron is added or subtracted from a reactant, or 
when a reactant dissociates homolytically. Because 
they are so different from diamagnetic, noncovalent 
intermediates, radical intermediates can be treated 
separately. They are tightly held in an active site, 
unable to escape during their usually short lifetimes. 
Far fewer enzymes have radical intermediates than 
diamagnetic, noncovalent intermediates, but because 
of their unique peculiarities, these enzymes have 
received much attention. Examples that have been 
previously discussed are the radical intermediates 
in the active sites of enzymes that use cobalamin as 
a prosthetic group (2-182 and Equations 2-369 
through 2-373) and the radical intermediates in 
certain monooxygenases (2-95). 

Chemical and Crystallographic Identification 
of Covalent Intermediates  

 If a covalent intermediate between an amino 
acid in the active site and a portion of a reactant or 
portions of two reactants is formed during the 
overall enzymatic reaction, the enzyme itself is 
transiently and covalently modified during its 
normal reaction. Chemical identification of this 
modification often involves the isolation of a peptide 
from the enzyme bearing the modification, as was 
the case for identification of an amino acid modi-
fied by an active-site label. Chemical identification 
of the modification can be used as evidence for 
involvement of the covalent intermediate in the 
enzymatic reaction. For example, when chymotryp-
sin catalyzes hydrolysis of 4-nitrophenyl acetate, the 
fast step in the overall reaction is formation of an 
intermediate O-acetylserine, which is the esterolytic 
homologue of the intermediate O-peptidylserine in 
the endopeptidolytic hydrolysis of a peptide bond 
normally catalyzed by the enzyme (Figure 3-6). The 
intermediate O-acetylserine accumulates because 
its hydrolysis, which is the second step in the ester-
olysis, is slow. When 4-nitrophenyl [14C]acetate was 
used as a substrate, [14C]acetyl-enzyme was 
formed, and the acetyl group was shown to be in-
corporated as an ester of Serine 195 by isolation of 
the acetylated peptide, GDS(acetyl)-GGPL,1 where 
(acetyl) indicates modification of the serine. 
4-Methylbenzenesulfonyl chloride inactivates 
chymotrypsin5 by tosylating the same serine, and a 
crystallographic molecular model of the modified 
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enzyme could be obtained.6 Crystallographic mo-
lecular models for the normal intermediate 
O-acylserine of other serine endopeptidases, such 
as those of trypsin7,8 and pancreatic elastase,9 have 
been reported. 
 
 Covalent acyl intermediates in enzymatic 
nucleophilic substitutions are common. For example, 
in b-lactamase, an enzyme that catalyzes the hydroly-
sis of a strained cyclic amide rather than a linear 
amide, the intermediate O-acylserine in the enzy-
matic reaction was identified spectrophotometri-
cally by its characteristic stretching frequency in 
the infrared at 1753 cm-1 for the carbon–oxygen 
double bond of the seryl ester. The intermediate 
was trapped by using a reactant that produces an 
intermediate O-acylserine that, like the intermediate 
O-acetylserine in chymotrypsin, is hydrolyzed 
much more slowly than it is formed.10 The exist-
ence of this particular intermediate O-acylserine 
was also verified crystallographically.11 
 Crystallographic molecular models of serine 
endopeptidases complexed with inhibitors that are 
designed to react with the respective nucleophilic 
serines and form analogues of the covalent tetra-
hedral intermediates leading to and from the cova-
lent intermediate O-acylserine have also been 
reported,8,12-14 as well as a crystallographic molecular 
model of the actual tetrahedral intermediate pro-
duced during hydrolysis of a reactant for pancreatic 
elastase.15 These latter results verify the complete 
mechanism of hydrolysis for serine endopeptidases 
(Figure 3-6). They also identify, in each case, the 
imidazolyl group of the homologous histidine that 
removes a hydron from the hydroxy group of serine, 
swings over to hydronate the leaving amino group, 
unhydronates the water that replaces that leaving 
amino group and that will hydrolyze the intermediate 
O-acylserine, and then swings back to hydronate 
the leaving hydroxy group of the serine. When the 
nucleophilic serine in the active site of subtilisin, 
another serine endopeptidase, is mutated to alanine, 
the value for k0 Km

-1 decreases 3 ¥ 106-fold.16 All 
these results confirm the existence and importance 
of a covalent O-acylseryl intermediate in the reaction 
catalyzed by the various serine endopeptidases. 
 There are esterases that also proceed through 
intermediate O-acylserines during the hydrolyses 
of the particular esters that they catalyze. In the case 
of carboxylesterase from Geobacillus stearothermo-
philus, a covalent tetrahedral intermediate on the 
serine, again implicating a single imidazolyl group 

as the only catalytic acid–base, has been observed 
crystallographically.17 
 Intermediate O-acylserines, however, are often 
so transient that they cannot be identified either 
chemically or crystallographically. A method has 
been developed to incorporate 2,3-diaminopropionate 
in place of serine in an active site, in this way replacing 
a hydroxy group at a particular position with an 
amino group. The acyl intermediate that is formed in 
the resulting enzymatic reaction is an amide rather 
than an ester and is much more stable.18 
 2,6-Dioxo-6-phenylhexa-3-enoate hydrolase 
from Paraburkholderia xenovorans performs a retro-
Claisen condensation on 2,6-dioxo-6-phenylhexa-
3-enoate 

 
                (5-4) 

with benzoic acid and 2-oxopent-4-enoate, the 
more stable tautomer of the conjugate acid of the 
2-oxidopenta-2,4-dienoate shown in the equation, 
as the two products. The thiohemiketal, homologous 
to the proposed hemiketal 5-2 between Serine 112 
and 2,6-dioxo-6-phenylhexa-3-enoate in the normal 
enzymatic mechanism (Equation 5-4), has been 
observed in a crystallographic molecular model of a 
mutant in which Serine 112 was replaced by cyste-
ine.19 In this model, the bond between carbons 5 
and 6 is parallel to the p molecular orbital system of 
the a,b-unsaturated carbonyl group from carbon 2 
to carbon 4, as expected if the p molecular orbital 
system withdraws electron density from this carbon–
carbon bond during the retro-Claisen condensation. 
Intermediate benzoylserine 5-3 could be isolated 
in a peptic peptide purified from a digest of 
2,6-dioxo-6-phenylhexa-3-enoate hydrolase mixed 
with 2,6-dioxo-6-phenylhexa-3-enoate. The modi-
fied Serine 112 was identified by mass spectrometry 
of the modified peptide. The same benzoylserine 
could be observed in the active site in a crystallo-
graphic molecular model of a mutant of the enzyme 
in which Histidine 265 had been mutated to glutamine 
to decrease the rate of hydrolysis of benzoylserine.20 
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 2,6-Dioxo-6-phenylhexa-3-enoate hydrolase 
also catalyzes hydrolysis and methanolysis of 4-nitro-
phenyl benzoate with a catalytic constant identical, 
within experimental error, to the rate at which it 
catalyzes the retro-Claisen condensation, and the 
ratios of the products methyl benzoate and benzoic 
acid in mixtures of methanol in water for both reac-
tions are the same. These latter results suggest that 
benzoylserine 5-3 is a common intermediate in 
both reactions and that hydrolysis of benzoylserine 
is the rate-limiting step, not the retro-Claisen conden-
sation.21 Using benzoylserine 5-3 as an intermediate 
in the reaction avoids the necessity for the less stable 
gem-dienolate as an intermediate. Esters are also 
the most common reactants chosen in nonenzymatic 
Claisen condensations for the same reason. 
 S-Acylcysteines are also intermediates in hy-
drolyses catalyzed by enzymes. The intermediate 
S-acylcysteine in the endopeptidolytic hydrolysis 
catalyzed by papain was trapped by using the reactant 
methyl benzoylcarbamothioate, a methyl ester that 
produces an intermediate cysteinyl benzoylcarbamo-
thioate 

 

Again, intermediate 5-4 is formed on the active site 
more rapidly than it is hydrolyzed. Formation of this 
dithioester was demonstrated by its characteristic 
absorbance at 313 nm.22 The cysteine that was thio-
acylated was later identified by modifying it with 
several chloromethyl ketones and identifying the 
products crystallographically.23 
 The homologous glutaminase domains24 at-
tached to various carbon–nitrogen ligases hydrolyze 
¬-glutamine to provide the ammonia for the subse-
quent ligation. During hydrolysis, an S-(g-¬-glutamyl)-
cysteine is formed as a covalent intermediate 

      
                (5-5) 

which is then hydrolyzed. A significant amount of 
this intermediate is present at steady state during 
catalysis by asparagine synthase (glutamine-hydro-
lysing) from Escherichia coli,25 and the cysteine that 
is acylated is the same one modified by 6-diazo-
5-oxo-¬-2-aminohexanoic acid, which produced a 
covalent modification that could be identified crystal-
lographically.26 Intermediate S-(g-¬-glutamyl)cysteines 
(5-5) have been observed crystallographically in 
the active sites of some of these enzymes.27,28 
 There are a number of acyltransferases that 
transfer an acyl group from one reactant to another. 
Usually a covalent acylenzyme holds the acyl group. 
For example, glutamate N-acetyltransferase transfers 
an acetyl group from Na-acetyl-¬-ornithine to 
¬-glutamate to produce Na-acetyl-¬-glutamate. 
When the enzyme from Streptomyces clavuligerus is 
mixed with only Na-acetyl-¬-glutamate, it becomes 
acetylated,29 and the acetylated peptide TLLTFFAT-
DAR is identified in a tryptic digest of the acetylated 
enzyme. A crystallographic molecular model of the 
acetylated enzyme identified Threonine 181, which 
is the amino-terminal threonine in this peptide, as 
the site of the acetylation (5-6)30 

 

Consequently, it is inferred that during the overall 
acetyl transfer catalyzed by the enzyme, either 
Na-acetyl-¬-ornithine or Na-acetyl-¬-glutamate 
associates with the enzyme, the acetyl group is 
transferred to the threonine, and ¬-ornithine or 
¬-glutamate dissociates. When ¬-glutamate or 
¬-ornithine, respectively, associates and the acetyl 
group is transferred from O-acetylthreonine to its 
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a-amino group, the net reaction is accomplished. 
The fact that glutamate N-acetyltransferase from 
G. stearothermophilus (38% identity; 1.5 gap per-
cent) displays steady-state kinetics in which 

        (5-6) 

when Na-acetyl-¬-ornithine and ¬-glutamate are 
reactants is consistent with a ping-pong mechanism 
(compare Equation 3-148) in which ¬-ornithine 
dissociates as a product before ¬-glutamate can 
associate as a reactant.31 In a crystallographic molec-
ular model of glutamate N-acetyltransferase from 
M. tuberculosis (31% identity; 1.7 gap percent), the 
active site seems to be designed to associate with 
either ¬-ornithine or ¬-glutamate in turn.32 
 There are acyltransferases that transfer an acetyl 
group between coenzyme A and the hydroxy group 
of ¬-homoserine, parking the acetyl group on the 
hydroxy group of a serine.33-36 There are also acyl-
transferases that transfer a succinyl group between 
coenzyme A and the hydroxy group of ¬-homoserine, 
parking the succinyl group on the sulfanyl group of 
a cysteine as an S-succinylcysteine (5-7).37-39 In 
addition, there are acyltranferases that transfer a 
g-glutamyl group between the amino group of 
¬-cysteinylglycine and the a-amino groups of other 
amino acids or peptides, parking the g-glutamyl 
group on the hydroxy group of a threonine.40,41 
 
 Covalent intermediates of derivatives of carbonic 
acid are also formed during enzymatic reactions. 
For example, addition of the sulfanyl group of a 
cysteine to the hypoxanthinyl group in inosine 
5¢-phosphate when it is bound in the active site of 
IMP dehydrogenase42-45 

  
                (5-7) 

produces a tetrahedral covalent intermediate in the 
N-acyl-N¢-alkylformamidine portion of the hypo-
xanthinyl group, a derivative of formic acid. Instead 
of one of the two nitrogens being expelled from the 
tetrahedral intermediate to form an acyl derivative, 
a hydride is expelled as a leaving group while being 

transferred to NAD+. This expulsion of the hydride 
oxidizes the tetrahedral intermediate, which was an 
acyl derivative of formic acid, to an S-alanyl-
N-acyl-N¢-alkylthiourea (Equation 5-7), a deriva-
tive of carbonic acid that is the covalent intermediate 
in the reaction catalyzed by the enzyme. A peptide 
containing the covalent intermediate formed from 
[8-14C]inosine 5¢-phosphate was isolated from a 
digest of the enzyme from Tritrichomonas foetus that 
had been mixed with [8-14C]inosine 5¢-phosphate 
and NAD+. Sequencing of the peptide showed that 
Cysteine 319 was the participant in the covalent inter-
mediate.43 The S-alanyl-N-acyl-N¢-alkylthiourea 
(Equation 5-7) has also been observed crystallo-
graphically in the active site of IMP dehydrogenase 
from Cricetulus griseus.45 In the enzymatic reac-
tion, the S-alanyl-N-acyl-N¢-alkylthiourea is then 
hydrolyzed to the N-acyl-N¢-alkylurea in xanthosine 
5¢-phosphate, which is the final product in the direc-
tion written, and this hydrolysis also regenerates the 
cysteine. 
 Arginine deiminase from Pseudomonas aeru-
ginosa 

 
                (5-8) 

incorporates ¬-[1-14C]-¬-arginine covalently during 
its hydrolysis of ¬-arginine to ¬-citrulline; and when 
Cysteine 405 is mutated to serine, the enzyme no 
longer catalyzes the hydrolysis and no longer incor-
porates [1-14C]-¬-arginine.46 A crystallographic 
molecular model has defined this intermediate as47 

 

 In the case of porcine glycine amidinotransferase 

  
                (5-9) 
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mixing the enzyme with the amidino donor, [guani-
dinio-14C]-¬-arginine, in the absence of the acceptor, 
glycine, produces a covalent intermediate in which 
Cysteine 37048 is amidinated (5-9) 

 

The S-[14C]amidinocysteine (5-9; asterisk indicates 
carbon-14) in the [14C]amidino enzyme cyclizes 
during acid hydrolysis of the protein to 2-amino-
4-carboxy-[2-14C]-4,5-dihydro-1,3-thiazole (5-10), 
a product that provided the initial identification of 
the intermediate.49 
 
 Esters of the carboxy groups on aspartates and 
glutamates in active sites are used as covalent inter-
mediates in enzymatic nucleophilic substitutions. 
For example, in each active site of the related en-
zymes50,51 epoxide hydrolase, haloalkane dehalo-
genase, and haloacid dehalogenase, there is an 
aspartate the carboxylato group of which performs 
a nucleophilic substitution on the electrophilic 
epoxide, haloalkane, or haloacid, respectively52-54 

        
                  (5-10) 

   
                  (5-11) 

and the resulting covalent b-aspartyl ester is then 
hydrolyzed at its acyl carbon 

  
                  (5-12) 

There is chemical evidence for this mechanism. 
Oxygen-18 from [18O]H2O is incorporated during 
the reaction into the aspartate in the active site of 
haloalkane dehalogenase from Xanthobacter auto-
trophicus. The [b-18O]aspartate was isolated in a 
chymotryptic peptide to identify the particular aspar-
tate that was labeled.55 During the first turnover of 
epoxide hydrolase from Rattus norvegicus in [18O]H2O, 
no oxygen is incorporated into the product alcohol, 
but once the aspartate becomes isotopically labeled, 
it is incorporated into the product during later 
turnovers.50 The crystallographic evidence for this 
mechanism is observation of the respective 
b-aspartyl esters (Equations 5-12) formed from the 
usual substrates in the active sites of haloalkane 
dehalogenase from X. autotrophicus52 and haloacid 
dehalogenase from Burkholderia cepacia.56 
 Many, if not most, of the glycosyltransferases 
that retain the configuration of the glycosidic linkage 
in their product glycosides, as well as glycosidases 
that retain the configuration of the glycosidic linkage 
they hydrolyze, are thought to use mechanisms 
that pass through covalent glycosyl intermediates, 
which are b-aspartyl esters or g-glutamyl esters 
formed between the respective glycosidic carbons 
and the carboxy groups of aspartates or glutamates 
in the active sites. For the overall nucleophilic sub-
stitution, a decision must be made: either a covalent 
glycosyl intermediate between two consecutive 
nucleophilic substitutions or an intermediate oxo-
carbenium ion and a single dissociative nucleo-
philic substitution. 
 An example of an active site that performs two 
successive nucleophilic substitutions with a covalent 
glycosyl intermediate is 4-a-glucanotransferase. 
The role of this enzyme is to transfer a maltotriose 
from the 4-hydroxy group of a ∂-glucose in a poly-
saccharide to the 4-hydroxy group of another 
∂-glucose at the nonreducing end of another poly-
saccharide. The covalent glycosyl intermediate in 
the active site of 4-a-glucanotransferase from 
Oryctolagus cuniculus can be trapped, in the absence 
of an acceptor, with the covalent maltotriosyl inter-
mediate57 
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in its active site. When an acceptor is added, the 
enzyme transfers the maltotriosyl group to that accep-
tor in its normal reaction, but in the absence of 
acceptor, the maltotriosyl enzyme is stable. The 
glycosylated enzyme was digested with pepsin, and 
a peptide glycosylated on Aspartate 549 of the intact 
protein was isolated to identify the site of the modi-
fication.58 Likewise, in the absence of an acceptor, 
cyclomaltodextrin glucanotransferase from Niallia 
circulans can be glycosylated with a 4-deoxymalto-
triosyl group, and the resulting covalent glycosyl 
intermediate on Aspartate 229 can be observed 
crystallographically.59 
 Both 4-a-glucanotransferase and cyclomalto-
dextrin glucanotransferase are examples of glyco-
syltransferases in which the monosaccharide or 
oligosaccharide is transferred between a donor and 
an acceptor that are similar in structure—in these 
two examples, the nonreducing ends of polysaccha-
rides. In such cases, the acceptor can associate with 
the same subsite as the donor, and the donor and 
acceptor can change places while the covalent inter-
mediate holds on to the monosaccharide or oligo-
saccharide being transferred. There are, however, 
glycosyltransferases for which the donor and acceptor 
are structurally unrelated, so this strategy cannot 
be applied. 
 Just such an enzyme provides an example of 
an active site that performs a glycosyl transfer with 
an oxocarbenium ion as an intermediate. Lipopoly-
saccharide 4-a-galactosyltransferase from Neisseria 
meningitidis transfers the a anomer of ∂-galactose 
from UDP-a-∂-galactose to the 4-hydroxy group of 
a ∂-galactosyl group in an elongating lipopolysaccha-
ride with retention of configuration at ∂-galactose. 
The UDP in the UDP-a-∂-galactose from which the 
a-∂-galactosyl group is transferred and the lipopoly-
saccharide to which it is transferred are so dissimi-
lar that there is no way they could occupy the same 
subsite in turn. Consequently, the active site of the 
enzyme binds both substrates simultaneously. In a 
crystallographic molecular model of the active site 
occupied by UDP-a-∂-2-deoxy-2-fluoro-∂-galactose 
and 4-deoxylactose, in which the 4-hydroxy group 

of the ∂-galactose, which would normally be the 
acceptor, is missing, carbon 4 of the ∂-galactosyl 
group in 4-deoxylactose is only 0.32 nm from carbon 1 
of the a-∂-galactosyl group in UDP-a-∂-2-deoxy-
2-fluoro-∂-galactose,60 not enough room to accom-
modate the missing 4-hydroxy group to which car-
bon 1 would normally be transferred. Even though 
the oxygen of the carbamoyl group of Glutamine 189, 
which is only 0.35 nm from carbon 1, has been 
proposed as a nucleophile that could form a covalent 
intermediate, in this glycosyltransferase, neither 
the carbamoyl nitrogen nor the carbamoyl oxygen 
is nucleophilic. Consequently, the a-∂-galactosyl 
group is transferred directly to the 4-hydroxy group, 
with retention of configuration and probably without 
the intermediacy of a covalent intermediate. The 
intermediate in the dissociative nucleophilic substi-
tution is probably an oxocarbenium ion.61 
 The issue in situations in which donor and 
acceptor are not simultaneously associated with an 
active site is whether or not an oxocarbenium ion 
can be an intermediate that lives long enough for 
the donor to leave and the acceptor to associate. An 
oxocarbenium ion in solution has a short half life 
(10-12 s).62 Unless it is stabilized significantly by the 
enzyme both electronically, by providing a signifi-
cant negative electric field such as that created by 
an adjacent carboxylato or carbamoyl group, and 
sterically, by preventing any nucleophile other than 
the intended one to approach it, including an adjacent 
carboxylato group, it would not exist long enough 
for the nonreducing monosaccharide to leave and 
be replaced by the intended nucleophile.63 Both 
means of stabilization, however, are within the 
abilities of an active site, and it would not be un-
reasonable for the lifetime of the oxocarbenium ion 
to be extended long enough for the leaving hydroxy 
group of the donor to be replaced by the hydroxy 
group of the acceptor. 
 In contradistinction, for many if not all of the 
glycosidases that proceed by retention of configu-
ration, including lysozyme,64 it has been proposed 
that the usually present carboxylato group from an 
aspartate or glutamate, located on the opposite face 
of the glycosidic linkage from which the leaving 
group departs, adds to the oxocarbenium ion as the 
leaving group is departing to form an ester65-67 
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An ester is so stable that it can exist for as long as is 
necessary for the nucleophile intended to be the 
acceptor to arrive. After the nucleophile associates, 
the ester would then participate in a nucleophilic 
substitution as the glycosidic carbon during or im-
mediately after the departure of the carboxylato 
group, which is a competent leaving group, from 
the glycosidic carbon. This proposal, however, 
would seem to require that, as is usually the case, a 
catalytic acid form a hydrogen bond with the ester 
oxygen of the carboxy group in the acyl intermediate 
to improve the ability of the carboxy group to leave 
during its dissociation from the intermediate. The 
presence of such a catalytic acid has not been men-
tioned, and in the active sites of many glycosidases 
that proceed with retention of configuration it 
seems not to be present. In the active site of lyso-
zyme, there is none. Another drawback of this pro-
posal is that the ester it requires has been observed 
only with unnatural substrates.  
 In the case of retaining glycosidases, as opposed 
to retaining glycosyltransferases, the nucleophile is 
water. In most of these enzymatic reactions, formation 
of the glycosyl intermediate, if it exists, is slower 
than its hydrolysis,68 so even at equilibrium, little of 
the covalent intermediate should be present. One 
way to trap an intermediate is to discover a mutant 
in which hydrolysis of that intermediate is slow.69 
When Histidine 205 in cellulose 1,4-b-cellobiosidase 
from Cellulomonas fimi, a glycosidase that hydro-
lyzes cellobiose units from the nonreducing end of 
cellulose, is mutated to asparagine and Glutamate 127 
to alanine, a covalent cellobiosyl intermediate at 
the carboxy group of Glutamate 233 can be trapped 
and observed crystallographically.70 
 Another way to stabilize a covalent glycosyl inter-
mediate might be to use a reactant in which a fluoro 
group has been synthetically introduced at the carbon 
next to the glycosidic carbon that participates in 
hydrolysis. For example, cellulase from Acetivibrio 
thermocellus71 releases consecutively the cellobioses 
4-(b-∂-glucosido)-∂-glucose from cellulose. When 
this enzyme is mixed with dinitrophenyl [3H]fluoro-
cellobioside 5-13 

 

a [3H]fluorocellobiosyl derivative 5-14 of Gluta-
mate 280 forms. This covalent intermediate can be 
isolated in a peptic peptide, which identifies the 
site of modification.72 Fluorocellobioside 5-13 has 
also been used to form the homologous derivative 
(see 5-14) with Glutamate 233 in the active site of 
cellulose 1,4-b-cellobiosidase from C. fimi, and a 
crystallographic molecular model of the modified 
active site has been reported.73 
 Covalent fluoroglycosyl derivatives of this 
type have been prepared from many glycosidases 
and characterized kinetically,74,75 chemically,76-80 
and crystallographically.75,81-86 The problem with 
these results is that the fluoroglycosides used to 
modify the carboxy groups in the active sites of these 
glycosidases are so different chemically from their 
usual substrates that they may simply be labeling 
the active site rather than producing an adduct 
homologous to an actual intermediate in the normal 
enzymatic reaction. For example, if the actual inter-
mediate in one of these reactions were a glycosyloxo-
carbenium ion, a noncovalent intermediate, rather 
than a glycosylcarboxy group, a covalent intermediate, 
the fluoro substitution would destabilize that inter-
mediate so drastically as to prevent its formation, 
and the increase in electrophilicity of a carbonyl 
carbon in the reagent would turn it into an active-
site label. For example, when 2-acetamido-2-deoxy-
∂-glucopyranosyl-(b1,4)-2-deoxy-2-fluoro-b-∂-gluco-
pyranosyl fluoride was used to modify lysozyme, 
Aspartate 52 was modified by the glycoside,64 but 
formation of a covalent glycosyl intermediate in the 
normal enzymatic reaction appears to be sterically 
precluded,87 and the carboxylato group of Aspar-
tate 52 probably serves as an anion to stabilize an 
oxocarbenium ion. 
 Carboxylic anhydrides of the carboxy groups of 
glutamates and aspartates are covalent intermedi-
ates for the common mechanism of the various 
CoA-transferases88 
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                  (5-13) 

In the case of porcine 3-oxoacid CoA-transferase, 
chemical evidence for the existence of a 
g-glutamyl-SCoA thioester at a glutamate in the 
protein, which participates in the mechanism of 
the enzymatic reaction as a covalent intermediate, 
has been presented.89 A covalent g-glutamyl-SCoA 
thioester in the active site of this enzyme90 and the 
one in the active site of acetate CoA-transferase 
from E. coli have been observed crystallographically.91 
In the case of formyl CoA-transferase from Oxalo-
bacter formigenes, both a covalent b-aspartyl-SCoA 
intermediate and a covalent b-aspartyl formyl 
anhydride have been observed crystallographically.92 
All these results are consistent with a general 
mechanism for coenzyme A transfer that includes a 
g-glutamyl-SCoA 

                  (5-14) 

or a b-aspartyl-SCoA as a covalent intermediate, 
formation of either of which proceeds through the 
respective g-glutamyl anhydride or b-aspartyl an-
hydride, also a covalent intermediate. 
 
 Because a hydron a  to a thioester is signifi-
cantly more acidic than a hydron a  to an ester 
(Figure 1-23), covalent S-acylcysteinyl intermedi-
ates are often used as precursors to the respective 
a-enolates. An example is the intermediate in the 
reaction catalyzed by hydroxymethylglutaryl-CoA 
synthase, which catalyzes an aldol condensation 
(previously Equation 4-361) 

   
                 (5-15) 

In the case of this enzyme, the covalent [1-13C]acetyl-
cysteinyl intermediate was first detected in a nuclear 
magnetic resonance spectrum of the enzyme from 
Gallus gallus that had been mixed with 
[1-13C]acetyl-SCoA in the absence of the cosubstrate 
acetoacetyl-SCoA,93 before it was observed crystal-
lographically in the enzyme from Staphylococcus 
aureus (28 % identity; 3.1 gap percent).94 Aceto-
acetyl-SCoA itself is produced by acetyl-CoA 
C-acetyltransferase, an enzyme that transfers an 
acetyl group from acetyl-SCoA to the sulfanyl of a 
cysteine and then adds the enolate of this acetyl 
group to a second acetyl-SCoA to produce aceto-
acetyl-SCoA in a Claisen condensation. A crystallo-
graphic molecular model of acetylated acetyl-CoA 
C-acetyltransferase from Zoogloea ramigera in a 
complex with acetyl-SCoA identifies acetylated 
Cysteine 89. In this complex, the a-carbon of the 
acetyl-SCoA, which becomes the enolate during the 
reaction, is immediately adjacent to the acyl carbon 
of the acetylcysteine, which is the electrophilic carbon 
in this Claisen condensation.95 
 Citrate (pro-3S)-lyase (see Problem 4-23) also 
catalyzes an aldol condensation 

      (5-16) 
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Following purification, the enzyme from Klebsiella 
aerogenes slowly loses activity in a process hastened 
by addition of citrate and Mg2+ or addition of hydrox-
ylamine.96 The inactive enzyme can be reactivated 
by exposure to acetic anhydride96 or acetyl-SCoA.97 
During reactivation, the enzyme becomes acetylated 
on the sulfanyl group of the 4A-phosphopantetheinyl 
group 

 

in a molecule of coenzyme A covalently bound to a 
serine as a prosthetic group to the protein. This 
prosthetic coenzyme A is attached through a 
(b1,2)-glycosidic linkage between the 2A-hydroxy 
group on its ribosyl group and carbon 1 of a 
5-phosphoribosyl group, which in turn is bound 
through its 5-phospho group in a phosphodiester 
to a serine of the polypeptide.98 Only the enzyme 
acetylated on the sulfanyl group of this prosthetic 
coenzyme A is active as citrate lyase. 
 The enzyme lacking the covalently bound acetyl 
group, however, will carry out reactions in which it 
uses either extraneously added acetyl-SCoA or 
citryl-SCoA as if they were covalently bound to the 
protein.99 Presumably this occurs because the extra-
neous acetyl-SCoA or citryl-SCoA displaces the 
covalently bound coenzyme A, which is only distantly 
tethered to the enzyme, from the active site. From 
products of these reactions of the unattached acyl-
coenzymes A, it could be inferred that the normal 
enzymatic reaction proceeds through a covalent 
citryl intermediate in the sequence 

 
                  (5-17) 

                  (5-18) 

where E-CoASH is the prosthetic coenzyme A cova-
lently attached to the enzyme. The advantage of 
forming the citryl thioester in Equation 5-17 is 
obvious because the carbon–carbon bond cleaved 
or formed during the retro-Claisen or Claisen conden-
sation, respectively (Equation 5-18 in the respective 
direction), is weakened considerably (Figure 1-23). 

 In both the fatty-acid synthase system and cit-
rate (pro-3S)-lyase, active sites that have covalently 
bound 4A-phosphopantetheinyl groups (5-15), the 
respective sulfanyl groups are used to provide the 
intermediate thioesters for the respective Claisen 
condensations. That this might be only marginally 
advantageous is suggested by the fact that isocitrate 
lyase, which also catalyzes a similar aldol conden-
sation 

     (5-19) 

proceeds without forming any thioesters.100 In this 
instance, a gem-enediolate must be formed from 
the unesterified carboxy group of the isocitrate that 
is adjacent to the carbon–carbon bond to be 
cleaved. In the active site of isocitrate lyase from 
M. tuberculosis occupied by isocitrate, the incipient 
gem-enediolate is firmly hydronated by the carboxy 
group of a glutamate during the cleavage of that 
carbon–carbon bond. The two peripheral nitrogen–
hydrogen bonds of the guanidinio group of an argi-
nine and an amido nitrogen–hydrogen from the 
polypeptide form an oxyanion hole for the other 
oxygen. These groups, as well as the carbamoyl 
group of an asparagine, stabilize the gem-enediol, 
4,4-dihydroxy-3-butenoate, that is the noncovalent 
intermediate in the reaction as its monoanionic 
gem-enediolate101 

 
                  (5-20) 

The hydroxy group of the isocitrate, which is a ligand 
to a Mg2+, is dehydronated by a tyrosinate as the 
bond cleaves. Carbon 2 of the gem-enediolate is 
then hydronated by the hydroxy group of a serine 
(0.29 nm) that relays, through a molecule of water, 
a hydron from a histidine.102 As with the endopep-
tidases, these two different examples of aldol conden-
sations illustrate the fact that different strategies 
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involving different intermediates are often used by 
enzymes to catalyze the same reaction. 
 The fatty-acid synthase system (see Equations 
3-492 through 3-499) 

      
                  (5-21) 

is a multienzymatic complex, within which the active 
site of 3-oxoacyl-[acyl-carrier-protein] synthase 
catalyzes the Claisen condensation (see Equation 
3-495) 

  
                  (5-22) 

that initiates the synthesis of a fatty acid. The malonyl 
group is a thioester of a 4A-phosphopantetheinyl 
group (HS-pant; 5-15) covalently attached directly 
(rather than indirectly) through its 4A-phospho 
group in a phosphodiester to a serine located in the 
acyl-carrier domain of the multienzymatic complex, 
which is a homologue of the independent acyl-
carrier proteins found in the cytoplasm of prokaryotes 
and plants.103 The serine to which the 4A-phospho-
pantetheinyl group is attached was identified by 
isolating a [14C]palmitoyl-4A-phosphopantetheinyl 
peptide from the fatty-acid synthase system from 
Saccharomyces cerevisiae that had been mixed with 
[14C]palmitoyl-SCoA.104 The acetyl group with 
which the enol is condensed during the first round 
in the synthesis of a fatty acid is also bound as a 
thioester, but it is bound to the sulfanyl group of a 
cysteine in the active site of 3-oxoacyl-[acyl-carrier-
protein] synthase. 

 Both the acetyl group and the malonyl group, 
the enolate of which is the eventual nucleophile, 
arrive initially at the respective active sites of [acyl-
carrier-protein] S-acetyltransferase (see Equation 
3-492) 

        
                  (5-23) 

and [acyl-carrier-protein] S-malonyltransferase (see 
Equation 3-493) 

    
                  (5-24) 

in the fatty-acid synthase system as thioesters of 
coenzyme A. Again, HS-pant indicates a 4A-phospho-
pantetheinyl group in the same acyl-carrier domain. 
 The transfer of the two groups to their respective 
locations for subsequent condensation within the 
active site of 3-oxoacyl-[acyl-carrier-protein] synthase 
(Equation 5-22) is not direct; the two groups pass 
through a sequence of other covalent intermediates, 
each formed by a nucleophilic substitution of one 
heteroatom for another heteroatom at an acyl 
group. In the fatty-acid synthase system from 
S. cerevisiae, the acetyl group of acetyl-SCoA is 
transferred first to a serine to form an O-acetyl-
serine105 in the active site of [acyl-carrier-protein] 
S-acetyltransferase (Equation 5-23), then to the 
sulfanyl group of the 4A-phosphopantetheinyl 
group in the acyl-carrier-protein domain to form a 
thioester again, and then from that sulfanyl group 
to the sulfanyl group of the cysteine in the active 
site of 3-oxoacyl-[acyl-carrier-protein] synthase to 
situate it for the Claisen condensation. The malonyl 
group of malonyl-SCoA is transferred first to a serine 
to form an O-malonylserine106 in the active site of 
[acyl-carrier-protein] S-malonyltransferase (Equa-
tion 5-24) and then to the sulfanyl group of the 
4A-phosphopantetheinyl group in the same acyl-
carrier domain to form the necessary thioester that 
becomes the enolate within the active site of 
3-oxoacyl-[acyl-carrier-protein] synthase that is the 
nucleophile in the Claisen condensation. 
 The two respective serines that pass on the acetyl 
group and the malonyl group to the sulfanyl group 
of the 4A-phosphopantetheinyl group in [acyl-
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carrier-protein] S-acetyltransferase and [acyl-
carrier-protein] S-malonyltransferase were identi-
fied by alkylating all accessible sulfanyl groups in 
the fatty-acid synthase system to prevent subsequent 
transfers, forming the esters with [14C]acetyl-SCoA 
or [14C]malonyl-SCoA, and isolating and sequencing 
the two unique peptides containing the respective 
esters.105,106 The cysteine that holds the acetyl 
group during the condensation in the active site of 
3-oxoacyl-[acyl-carrier-protein] synthase (Equa-
tion 5-22) was identified by its high reactivity to 
iodoacetamide and by subsequent isolation of the 
peptide modified by [14C]iodoacetamide.107 
 The sequence of events just described, howev-
er, has one drawback. If a malonyl group arrives 
first, its occupation of the sulfanyl group of the 
4A-phosphopantetheinyl group on the sole acyl-
carrier domain would block the transfer of the ace-
tyl group to the sulfanyl group of the cysteine in the 
active site of 3-oxoacyl-[acyl-carrier-protein] synthase. 
For this reason, the presence of free coenzyme A is 
an absolute requirement for synthesis of a fatty acid 
by the fatty-acid synthase system. In its absence, 
the multienzymatic complex rapidly becomes occu-
pied by malonyl groups, which cannot be removed 
because the reverse reaction is blocked, and the acetyl 
groups cannot be transferred onto the active site.108 
Consequently, the reversibility of the malonyl 
transfer and the presence of coenzyme A, the malonyl 
acceptor, permits the proper order of transfer to 
occur. 

 
 Thiohemiacetals are covalent intermediates 
in enzymatic oxidation–reductions. In such oxida-
tion–reductions, thiohemiacetals are precursors to 
thioesters. For example, during the oxidation of 
aldehydes, S-(1-hydroxyalkyl)cysteines (5-16) are 
formed in an active site 

  
                  (5-25) 

and their existence is inferred from the chemical or 
crystallographic identification of the more stable 
S-acylcysteine (5-17). In the oxidation–reduction 
(previously Equation 4-349) 

    
                  (5-26) 

catalyzed by glyceraldehyde-3-phosphate dehydro-
genase (phosphorylating), a 3-phospho-∂-glyceroyl 
thioester109 is phosphorylyzed to produce 3-phospho-
∂-glyceroyl phosphate 

 

                  (5-27) 

Acetylphosphate acetylates Cysteine 149 of the 
enzyme from O. cuniculus and is reduced by the 
enzyme to acetaldehyde, a reaction homologous to 
the normal reduction of 3-phospho-∂-glyceroyl 
phosphate (reverse of Equation 5-26).110,111 The 
peptide acetylated with [1-14C]acetylphosphate was 
purified and sequenced to identify Cysteine 149 as 
the site of the modification. A crystallographic 
molecular model of the authentic 3-phospho-
∂-glyceroyl thioester intermediate (5-18) for 
glyceraldehyde-3-phosphate dehydrogenase (phos-
phorylating) from G. stearothermophilus (54 % iden-
tity; 1.2 gap percent) demonstrated the existence of 
the thioacylation and identified the cysteine homol-
ogous to Cysteine 149 in the enzyme from O. cunicu-
lus as the site of acylation.109 In the case of aspartate-
semialdehyde dehydrogenase from E. coli, an enzyme 
homologous to glyceraldehyde-3-phosphate dehydro-
genase (phosphorylating),112 the b-aspartyl thioester 
of the homologous cysteine has also been observed 
crystallographically.113 
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 In reduction of the cyano group of 7-cyano-
7-deazaguanine by preQ1 synthase from Bacillus 
subtilis, a thioimidate is formed as a covalent inter-
mediate by nucleophilic addition of the sulfido 
group of Cysteine 55 to the cyano group 

          (5-28) 

The thioimidate is then reduced by NADPH to the 
thiohemiaminal in the usual addition of a hydride 
to its imino group. The resulting thiohemiaminal 
then dissociates from the sulfur of Cysteine 55 to 
give the imine, which is reduced to the amine by a 
second NADPH. The intermediate thioimidate 
(Equation 5-28) has been observed in a crystallo-
graphic molecular model of the enzyme that was 
crystallized in the presence of 7-cyano-7-deaza-
guanine but in the absence of NADPH.114 The hydron 
required for the nucleophilic addition to avoid an 
anionic nitrogen is provided by Aspartate 62, which 
forms a hydrogen bond (0.31 nm) with the nitrogen 
of the thioimidate in the crystallographic molecular 
model. When reduction of 7-cyano-7-deazaguanine 
is being catalyzed by a mutant of preQ1 synthase 
from E. coli (26% identity; 1.9 gap percent), the 
intermediate imine that results from reduction of the 
thioimidate and dissociation of the sulfido group 
from the thiohemiaminal and that is a noncovalent 
intermediate in the normal reaction is released into 
the solution, and the aldehyde that is the product 
of its hydrolysis could be identified by nuclear 
magnetic resonance spectroscopy.115 
 The active site of UDP-glucose dehydrogenase 

  
                  (5-29) 

catalyzes two successive oxidations of carbon 6 of 
the glucosyl group in UDP-a-∂-glucose. The first 
oxidation turns UDP-a-∂-glucose into the aldehyde 
UDP-a-6-oxo-6-deoxy-∂-glucose. The sulfanyl 
group of a cysteine in the active site then forms a 
thiohemiacetal with the carbonyl at carbon 6, 
which is oxidized to the thioester at carbon 6 of the 
glucuronyl group by the second NAD+. The thioester 
is then hydrolyzed to give UDP-a-∂-glucuronate. 
The nucleophilic cysteine that forms the thiohemi-
acetal and the subsequent thioester in the active 
site of UDP-glucose dehydrogenase from Strepto-
coccus pyogenes was mutated to serine so that the 
seryl ester of UDP-a-∂-glucuronic acid—rather 
than the cysteinyl ester, which was unstable—
could be isolated in a peptic peptide from the 
UDP-a-∂-glucuronyl enzyme.116 The actual thio-
hemiacetal has also been observed crystallographically 
in a mutant of human UDP-glucose dehydrogenase, 
lacking its carboxy-terminal 27 amino acids, in which 
Glutamate 161 was mutated to glutamine to decrease 
the rate at which the thiohemiacetal of UDP-a-6-oxo-
6-deoxy-∂-glucose was oxidized to the thioester.117 
The intermediate thiohemiacetal of this mutant was 
also identified by mass spectrometry. The intact 
mutant enzymes—both unoccupied and containing 
the covalent intermediate thiohemiacetal in the active 
site—were in turn submitted to electrospray ioniza-
tion mass spectrometry. The molecular mass of the 
unoccupied mutant was 52,019.3 Da, and the molec-
ular mass of the covalent intermediate of the mutant 
enzyme was 52,581.6 Da. The molecular mass of 
UDP-a-6-oxo-6-deoxy-∂-glucose, the intermediate 
aldehyde, is 564.3 Da, which should be equal to the 
increase in molecular mass upon formation of the 
hemiacetal. 
 What happens to the structure of a protein such 
as UDP-glucose dehydrogenase upon atomization 
in the gas phase of the mass spectrometer is unknown. 
The fact that the molecular mass of the unmodified 
protein observed in the mass spectrometer was 
52,019.3 Da, together with the fact that the molecular 
mass of the protein calculated from its sequence of 
amino acids is 52,019.6 Da, confirms that all the 
water associated with the native protein definitely 
does dissociate in the vacuum. It has always been 
assumed that other noncovalently associated ligands, 
including inorganic ions, dissociate in the vacuum 
as well, which also seems to be confirmed in this 
case. That UDP-glucose dehydrogenase in the gas 
phase is dehydrated and unliganded also suggests 
that it no longer assumes its native tertiary structure 
because if it did, buried molecules of water and 
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buried adventitious ions would probably remain. 
The fact that the molecular mass observed for the 
covalent thiohemiacetal is within the molecular 
mass of two hydrons of that expected seems to 
confirm that the covalent intermediate is the actual 
vaporized molecule being detected by the spectrom-
eter. It also demonstrates that the thiohemiacetal, 
which would rapidly hydrolyze were the molecule 
of protein to unfold while still in an aqueous solution, 
nevertheless does not hydrolyze upon atomization 
in the electrospray.  
 
 Phosphate esters, phosphoanhydrides, or phos-
phoramidates of amino acids are covalent inter-
mediates in the active sites of enzymes that 
perform nucleophilic substitutions at phosphorus. 
These are usually formed by a nucleophilic substi-
tution of the bridging oxygen in a phosphoric ester 

     
                  (5-30) 

 or the bridging oxygen in a phosphoanhydride 

     
                  (5-31) 

by a nucleophile, 9N(-)-, in the active site to form a 
phosphorylated intermediate. Examples of such 
phosphorylated intermediates are Ob-phosphoserine 
(5-19), Ob-phosphoaspartate (5-20), Og-phospho-
glutamate, S-phosphocysteine (5-21) Nt-phospho-
histidine, or Np-phosphohistidine (5-22) 

 

 One advantage of such a phosphorylated in-
termediate is that the same catalytic groups in the 
active site that are used to activate the phospho 
donor by acid-base catalysis can serve to activate 
the phospho acceptor in an identical, but reciprocal, 
manner. For example, in the reaction catalyzed by 
nucleoside-diphosphate kinase (previously Equa-
tion 4-286) 

   
                  (5-32) 

in which X and Y represent different nitrogenous 
bases, the oxygens acting as phosphate donor and 
phosphate acceptor are chemically identical because 
both are the most distal oxygens in a nucleoside di-
phosphate. As a result, the enzymatic reaction can 
proceed through a phosphorylated intermediate,118 
formed by transfer of a phosphate from a nucleoside 
triphosphate to an amino acid in the active site to 
produce its nucleoside diphosphate and unformed 
by transfer of the phosphate to the other nucleo-
side diphosphate to produce the other nucleoside 
triphosphate. By remaining in the active site as the 
phosphorylated intermediate, the free energy of 
hydrolysis of the phosphoanhydride of the nucleo-
side triphosphate can be retained to facilitate 
transfer to the acceptor. 
 Because nucleoside-diphosphate kinase is only 
marginally selective as to the nucleotide, it must 
recognize mainly the complex between magnesium 
and the triphosphate (see Figure 4-52) and carbons 
3¢ through 5¢ of the ribose or deoxyribose. This in-
tuition is validated in crystallographic molecular 
models119,120 of the enzyme from Dictyostelium dis-
coideum in complexes with MgADP- and MgTDP-. 
The ribose rings and the Mg(H2O)4 diphospho 
groups in the two complexes are caught firmly in a 
web of hydrogen bonds deep in the active site. The 
web is formed from the same donors and acceptors, 
which donate and accept at the same locations in 
the substrates. The adenine and thymine bases, 
however, are near the opening of the active site 
with their p systems stacked against the p system of 
the same phenylalanine, but they participate in no 
hydrogen bonds with the enzyme that might dis-
tinguish between them. 
 If the mechanism for nucleoside-diphosphate 
kinase is the one just described, then the donor of 
the phospho group must dissociate from the active 
site as MgXDP-, an irreversible step during measure-
ment of the initial rate for the enzymatic reaction, 
before the acceptor is bound as MgYDP-. This 
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sequence of events is consistent with the fact that 
steady-state kinetics of the enzymatic reaction display 
the behavior of Equation 5-6, which is that expected 
for a ping-pong mechanism.121 The steady-state ki-
netics are chemical evidence consistent with a 
phosphorylated intermediate. 
 In the reaction catalyzed by alkaline phosphatase 
(previously Equation 4-452) 

      
                  (5-33) 

the various donors of the phospho group that can 
be substrates for the enzyme and the water that is 
the usual acceptor may not resemble each other at 
first glance, but they are all alcohols. The crystallo-
graphic molecular model suggests that only the 
phospho ester itself forms contacts with the active 
site to be activated by catalytic acids and bases.122 
For this reason, the enzyme has a broad specificity 
for phosphate monoesters, and it is not surprising 
that there is a phosphorylated intermediate in this 
enzymatic reaction. The fact that the reaction pro-
ceeds with retention of configuration at phosphorus 
is consistent with the existence of a phosphorylated 
intermediate.123  
 Demonstration of the existence of phosphory-
lated intermediates in enzymatic reactions usually 
begins with the observation that [32P]phosphate is 
transferred from the substrate that is a phospho 
donor in the reaction to the enzyme itself to form a 
covalently [32P]phosphorylated protein. The phos-
phoamino acid formed in this transfer can some-
times be identified directly by hydrolyzing the 
modified protein and isolating the covalently modi-
fied amino acid. For example, succinate-CoA ligase 
(ADP-forming) from E. coli proceeds through a 
phosphorylated intermediate,124 and the [32P]phos-
phate incorporated during this reaction into the 
bovine enzyme was isolated as Nt-phospho-
¬-histidine after alkaline hydrolysis or enzymatic 
digestion of the protein.125 The phosphorylated 
intermediate in the reaction catalyzed by nucleoside-
diphosphate kinases (Equation 5-32) from both Bos 

taurus and S. cerevisiae has been identified in the 
same way as Np-phospho-¬-histidine (5-22).118,126 
In these two instances, the phosphorylation occurred 
exclusively at the t nitrogen and the p nitrogen, 
respectively, as would be expected from the regio-
selectivity usually displayed by active sites. 
  The phosphorylated protein formed as an inter-
mediate in the reaction catalyzed by alkaline phos-
phatase from E. coli has been digested with pepsin 
at low pH, to prevent alkaline hydrolysis, and an 
analysis of the resulting peptides showed that the 
phosphate is covalently attached to Serine 102, the 
first serine in the sequence TGKPDYVTDSAASA.127 
When Serine 102 is mutated to alanine, the enzymatic 
activity decreases by a factor of 100,000.128 
 The phosphorylated intermediate in the enzy-
matic reaction catalyzed by P-type Ca2+ transporter 
129 from O. cuniculus has been identified indirectly 
as Og-phosphoaspartate (5-20) by reducing it to 
[3H]homoserine with sodium [3H]borohydride 

  
                  (5-34) 

and isolating the [3H]homoserine produced upon 
hydrolysis of the polypeptide in acid.130 
 The phosphorylated intermediate in the enzy-
matic reaction catalyzed by enzyme II of the phospho-
transferase system from E. coli has been identified 
as an S-phosphocysteine (5-21) both by isolation 
of the phosphopeptide and by analysis with nuclear 
magnetic resonance spectroscopy.131 

 Phosphorylated intermediates have also been 
observed crystallographically. For example, Nt-phos-
phohistidine in the active site of succinate-CoA ligase 
(ADP-forming) from E. coli,132 Np-phosphohistidine 
(5-22) in the active sites of the nucleoside-
diphosphate kinases from D. discoideum and Dro-
sophila melanogaster,133 Nt-phosphohistidine in 
phospholipase D from Streptomyces,134 Nt-phospho-
histidine in fructose-2,6-bisphosphate 2-phosphatase 
from R. norvegicus,135 and Nt-phosphohistidine in 
human bisphosphoglycerate mutase136 have all 
been captured crystallographically. The Ob-phospho-
seryl intermediate (5-19) in alkaline phosphatase 
from E. coli has been observed in the active site of a 
crystallographic molecular model of a mutant in 
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which Histidine 331 has been mutated to glutamine 
to decrease the rate of its dephosphorylation.137 
The Og-phosphoaspartyl intermediate in histidinol-
phosphatase from E. coli has been observed crys-
tallographically in the active site of the enzyme in 
which Ca2+ replaces the required Mg2+ to decrease 
its rate of dephosphorylation.138 The S-phospho-
cysteinyl intermediate139 in human protein-tyrosine-
phosphatase has been observed crystallographically 
in a mutant in which Glutamine 262 has been 
mutated to alanine to decrease the rate of its 
dephosphorylation.140 
 Bisphosphoglycerate mutase catalyzes the 
transfer of the 1-phospho group of 3-phospho-
∂-glyceroyl phosphate to its 2-hydroxy group 

      (5-35) 

The phosphorylated intermediate in the reaction is 
an Nt-phosphohistidine. Either substrate, 3-phospho-
∂-glyceroyl phosphate or 2,3-diphospho-∂-glycerate, 
can phosphorylate the imidazolyl group.141 Within 
the active site, the 3-phospho group of the inter-
mediate 3-phospho-∂-glycerate that results from 
either nucleophilic substitution is anchored firmly 
in a cup of seven donors of hydrogen bonds.136 The 
carboxyhydroxymethyl group of the 3-phospho-
∂-glycerate can pivot around this anchor along the 
bond between carbons 2 and 3 (as in Equation 
5-35) so that the phospho group can be transferred 
from the Nt-phosphohistidine to the carboxy group 
or the hydroxy group to complete the reaction. 
 Phosphoglucomutase (a-∂-glucose-1,6-bisphos-
phate-dependent) catalyzes the transfer of the 
1-phospho group of a-∂-glucose 1-phosphate to its 
6-hydroxy group142 

 
                  (5-36) 

The phosphorylated intermediate (E-OPO3
2-) is an 

Ob-phosphoserine (5-19) in the active site, which is 
roughly isoergonic with the phospho groups on 
carbons 1 and 6. The same phosphorylated enzyme143 
acts on the two monophospho substrates, turning 
each into the intermediate, a-∂-glucose 1,6-bisphos-
phate, by transferring its phospho group to either 
the unphosphorylated 6-hydroxy group of a-∂-glucose 
1-phosphate or the unphosphorylated 1-hydroxy 
group of ∂-glucose 6-phosphate, respectively.144 
The intermediate a-∂-glucose 1,6-bisphosphate, 
although occasionally dissociating, usually flips 
over (around the axis indicated in Equation 5-36) 
while enclosed tightly within the active site, and 
then it transfers the other phospho group back to 
the enzyme, after which the respective monophospho 
product dissociates.145 
 b-Phosphoglucomutase catalyzes the transfer 
of the 1-phospho group of b-∂-glucose-1-phosphate 
to its 6-hydroxy group, rather than the 1-phospho 
group of a-∂-glucose 1-phosphate, as was the case 
with phosphoglucomutase (a-∂-glucose-1,6-bisphos-
phate-dependent). The phosphorylated intermediate 
in this instance is an Og-phosphoaspartate even 
though there seems to be little difference in the enzy-
matic reaction catalyzed by it and the one catalyzed 
by phosphoglucomutase (a-∂-glucose-1,6-bisphos-
phate-dependent). b-∂-Glucose 1,6-bisphosphate is 
produced from either b-∂-glucose 1-phosphate or 
∂-glucose 6-bisphosphate by the phosphorylated 
enzyme, but because the active site is open to the 
solution,146 the b-∂-glucose 1,6-bisphosphate usually 
dissociates completely and rebinds in the opposite 
orientation rather than flipping over in the active 
site to transfer the other phosphate back to the 
enzyme to complete the reaction.147  
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 In the case of phosphoglucomutase (a-∂-glucose-
1,6-bisphosphate-dependent), the intermediate 
a-∂-glucose 1,6-bisphosphate slowly dissociates 
from the active site as the reaction progresses, 
inactivating the enzyme, so a reliable concentration 
of a-∂-glucose 1,6-bisphosphate in the solution is 
maintained by glucose-1,6-bisphosphate synthase. 
Because b-∂-glucose 1,6-bisphosphate normally 
dissociates from the active site of b-phosphogluco-
mutase, the enzyme itself maintains an equilibrium 
concentration of the intermediate in the solution. 
 The Nt-phosphohistidinyl intermediate in equine 
bisphosphoglycerate mutase was identified by iso-
lating a tryptic [32P]phosphorylated peptide.148 The 
Ob-phosphoseryl intermediate149 in phosphogluco-
mutase from O. cuniculus was identified by isolating 
a [32P]phosphorylated peptide from a partial acid 
hydrolysis of the enzyme.150 The Og-phosphoaspartyl 
intermediate in b-phosphoglucomutase from Lacto-
coccus lactis was observed in a crystallographic 
molecular model of the enzyme.146 
 As was noted earlier, the stereochemistry of an 
enzymatic reaction can also be consistent with the 
existence of a covalent phosphorylated intermedi-
ate.151 If the overall enzymatic reaction is observed 
to proceed with inversion of configuration at the 
phosphorus that is transferred, this observation is 
consistent with direct in-line transfer between 
donor and acceptor without the involvement of a 
phosphorylated intermediate. If the overall reaction 
is observed to proceed with retention of configuration 
at phosphorus, this is consistent with two successive 
phosphotransfers both taking place with inversion, 
one from donor to enzyme and the other from enzyme 
to acceptor. 
 There are also phosphorylated intermediates 
formed from substituted phospho groups. A phos-
phorylated intermediate152 in the reaction catalyzed 
by pyruvate, phosphate dikinase from Clostridium 
symbiosum (previously Equation 3-500) 

                  (5-37) 

 
 
 
 
 
 
 

is an Nt-diphosphohistidine (5-23)153,154 

 

The phosphorylated intermediate in UDP-glucose—
hexose-1-phosphate uridylyltransferase 

 
                  (5-38) 

from E. coli is an Nt-uridylylhistidine (5-24), the 
existence of which was confirmed crystallograph-
ically155 after the modified histidine had been iden-
tified chemically.156,157 There is an Nt-adenylylhisti-
dinyl intermediate, which was identified crystallo-
graphically, in the reaction catalyzed by ADP-glucose 
phosphorylase from Arabidopsis thaliana.158 The 
existence of the guanylylhistidinyl intermediate in 
the reaction catalyzed by GDP-¬-galactose phos-
phorylase from A. thaliana159 was inferred from 
electrospray ionization mass spectrometry. In this 
case, the observed molecular mass of the enzyme 
increased from 53,107 Da to 53,451 Da upon for-
mation of the intermediate, a difference (345 Da) 
that is within a hydron of the molecular mass of 
guanosine monophosphate minus the molecular 
mass of a molecule of water. 
 When a type I topoisomerase cleaves one of 
the two strands of double-helical DNA to permit 
supercoiling to be relieved, the 3A-phospho group 
on the 5A end produced by the cleavage remains as a 
covalent O4-(3A-phosphopolynucleotidyl)tyrosinyl 
intermediate160 
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which has been isolated in a peptide containing the 
modified tyrosine from topoisomerase I from 
S. cerevisiae161 and observed crystallographically in 
a complex between DNA and the active site of human 
topoisomerase I.162 This covalent intermediate pre-
serves the free energy of the phospho ester that was 
in the DNA so that the 3A-phospho group can be 
rejoined to the 5A-hydroxy group on the 3A fragment 
to reconstruct the intact DNA after the supercoiling 
has been relaxed. 
 Type II topoisomerase relieves or promotes 
supercoiling by breaking the two strands of the 
DNA simultaneously, leaving the two broken 
strands as O4-(3A-phosphopolynucleotidyl)tyrosinyl 
intermediates. The enzyme from S. cerevisiae is an 
a2 homodimer, so each strand that has been broken 
ends up with its 5A end covalently attached to one 
of the two Tyrosines 782 from the two subunits. 
The O4-(3A-phosphopolynucleotidyl)tyrosinyl in-
termediate has been isolated on a peptide derived 
from trypsin digestion of topoisomerase II from 
S. cerevisiae,163 and it has also been observed in a 
crystallographic molecular model of a complex of 
topoisomerase II from S. cerevisiae and DNA.164 
The two sites of single-strand cleavages on oppo-
site strands of the DNA are immediately adjacent to 
the crystallographic twofold rotational axis of 
symmetry in the a2 homodimer so that there are 
only four base pairs in the DNA between them.165 
After both covalent intermediates are formed to 
create the two nearby breaks, there is a conforma-
tional change in the protein that dissociates the inter-
face in the a2 homodimer at which the cleavage has 
occurred, separating the two ends of the broken 
DNA and creating a space between them large 
enough for a portion of the intact, double-helical DNA 
distant from the site of cleavage to pass through the 
vacancy.166-168 The two strands are then rejoined, 
again taking advantage of the fact that the covalent 
intermediate has preserved the free energy of the 
phospho ester. 

 In the recombinases, there are also covalent 
phosphotyrosyl intermediates that conserve the 
free energy of the cleaved phosphodiester after 
each strand of DNA is severed, but they are formed 
with phospho groups on the 3A ends of the strands 
rather than the 5A ends.169 
 
 Lysyliminiums are covalent intermediates in 
enzymatic aldol condensations, Claisen condensa-
tions, dehydrations,170 and decarboxylations. 
Covalent ester, thioester, and phosphorylated inter-
mediates are usually stable enough to be identified 
directly, but lysyliminiums are covalent intermediates 
that must be trapped by chemical conversion to a 
stable species. Lysyliminiums are usually trapped 
by reduction. For example, tritium is incorporated 
into 2-dehydro-3-deoxyphosphogluconate aldolase 
from Pseudomonas fluorescens upon reduction of 
the intermediate lysyliminium of pyruvate171 with 
Na[3H]BH4 (previously Equation 4-325) 

  
                  (5-39) 

 Acetoacetate decarboxylase catalyzes the ex-
change of one electrophile for another, carbon 
dioxide for a hydron, at an acidic carbon172 

             (5-40) 

When [3-14C]acetoacetate was mixed with the enzyme 
from Clostridium acetobutylicum in the presence 
of NaBH4, radioactivity was incorporated into the 
protein in a reduction analogous to that of the inter-
mediate in 2-dehydro-3-deoxyphosphogluconate 
aldolase (Equation 5-39). The radioactively modified 
acetoacetate decarboxylase was digested with trypsin, 
and the radioactive peptide ELSAYPK([14C]iso-
propyl)K, in which the radioactive modification was 
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N6-[14C]isopropyllysine, was isolated and sequen-
ced.173 From this observation, it was concluded that 
the covalent intermediate trapped by reduction with 
sodium borohydride was the lysyliminium between 
Lysine 115 and acetone 

  
                  (5-41) 

This conclusion is consistent with a mechanism in 
which the lysyliminium of acetoacetate is formed 
in the active site to expedite the decarboxylation 

         (5-42) 

In a crystallographic molecular model of the complex 
between the enzyme and pentane-2,4-dione, a 
homologue of acetoacetate in which the carboxy 
group that would be decarboxylated is replaced by 
a methyl group, the carbon–carbon bond homolo-
gous to the one broken in the normal reaction is 
positioned by the active site parallel to the 
p molecular orbital system of the lysyliminium.172 
The enzyme uses the p system of the iminium cation 
to withdraw electron density from the carbon–
carbon s bond (Equation 5-42). 
 Mutants of (5-formylfuran-3-yl)methyl phos-
phate synthase from Methanocaldococcus janna-
schii that decrease its overall activity, so that inter-
mediates accumulate, were mixed with its substrate, 
∂-glyceraldehyde 3-phosphate. The mixture was 
reduced with NaBH4 and digested with trypsin, and 
the resulting peptides were submitted to mass 
spectrometry. In the mass spectrum, there was a 
peptide that had the mass expected of the tryptic 
peptide containing Lysine 27 of the enzyme that 
had been covalently modified at its 6-amino group 
so that the trypsin was unable to hydrolyze the 
peptide bond at that location. The modification 
increased the mass of this peptide and fragments of 
the peptide containing Lysine 27 by 58 Da, which is 

the mass of an additional C3OH6. This increase is 
the additional mass expected for the product of reduc-
tion by borohydride of the lysyliminium resulting 
from the a,b-elimination of a phosphate from the 
lysyliminium of glyceraldehyde 3-phosphate 

         (5-43) 

These results from mass spectrometry are evidence 
for the lysyliminium being the initial covalent inter-
mediate in the enzymatic reaction.174 The lysyl-
iminium accelerates elimination of phosphate to 
form the enol, which then adds to the carbonyl of 
the glycerone phosphate that is the second sub-
strate in the reaction that eventually produces 
(5-formylfuran-3-yl)methyl phosphate. 
 Both reduction of the lysyliminium in 2-dehydro-
3-deoxyphosphogluconate aldolase (Equation 5-39) 
and reduction of the lysyliminium in acetoacetate 
decarboxylase (Equation 5-41) were based on earlier 
observations with fructose-bisphosphate aldolase 
in which a very similar lysyliminium between a lysine 
in the active site and glycerone phosphate (Figure 
4-36) had been trapped with sodium borohy-
dride.175,176 When fructose-bisphosphate aldolase 
from O. cuniculus is mixed with glycerone phosphate, 
a tautomeric equilibrium is established on the active 
site between the lysyliminium and the lysylenamine 
that are both covalent intermediates in the enzymatic 
reaction176 

                  (5-44) 

The enzyme could be denatured rapidly in acid, 
and the lysylenamine could be trapped by oxidation, 
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either with tetranitromethane177 or with ferricyanide, 
or the lysyliminium could be trapped with sodium 
cyanoborohydride.178 In this way, the equilibrium 
constant for the tautomerization within the active 
site (Keq = 3) could be ascertained. 
 Crystallographic molecular models of the lysyl-
iminium intermediates in fructose-bisphosphate 
aldolase have been presented. When crystals of the 
enzyme from O. cuniculus were suspended in 
10 mM ∂-fructose 1,6-bisphosphate for 3 min and 
then rapidly frozen, the iminium intermediate of 
∂-fructose 1,6-bisphosphate was captured at equi-
librium in the active site (Figure 5-3).179-182 The 
carbon–carbon bond weakened by the iminium is 
held by the active site so that it is parallel to its 
p system. When Lysine 146, which shuttles a hydron 
from the 4-hydroxy group of ∂-fructose 1,6-bisphos-
phate to carbon 3 of the enamine of glycerone 
phosphate, was mutated to alanine, the turnover 
number of the enzyme decreased 30,000-fold.183 
When crystals of the enzyme were suspended for 
2 min in 1 mM glycerone phosphate and then rapidly 
frozen, the lysylenamine of glycerone phosphate 
(Equation 5-44) was observed in the active site of 
the crystallographic molecular model.179 When a 
similar experiment, however, was performed with 
crystals of 2-dehydro-3-deoxyphosphogluconate 
aldolase from E. coli, an equilibrium mixture of the 
lysylhemiaminal and the lysyliminium and water 
was observed in the active site.184 
 Porphobilinogen synthase catalyzes the conden-
sation of two a-amino ketones to form a pyrrole 

    
                  (5-45) 

In the active site of the enzyme from P. aeruginosa, 
Lysines 205 and 260 are adjacent to each other,185 
and in a crystallographic molecular model of a mu-
tant in which Aspartate 139 has been changed to 
asparagine to decrease the catalytic constant of the 
enzyme, the two reactants, both 5-aminolevulinates, 
occupy these two lysines as the respective lysyl-
iminiums.186 The enamine of the lysyliminium of 
Lysine 205 condenses with the iminium carbon of 
the lysyliminium of Lysine 260, followed by addition 

of the amino group of the lysyliminium of Lysine 260 
to the lysyliminium of Lysine 205 

  
                  (5-46) 

to form the 2,4-diaminopyrrolidine in which the 
amino groups at carbons 2 and 4 are the amino 
groups of the two lysines. Two successive elimina-
tions of the amino groups of these two lysines end 
up aromatizing the pyrrolidine to the pyrrole and 
simultaneously releasing the ring from the two lysines. 
 As was the case with (5-formylfuran-3-yl)methyl 
phosphate synthase, lysyliminium 5-26 that weakens 
the carbon–phosphorus bond 

 

in the active site of phosphonoacetaldehyde hydrolase 
from Bacillus cereus has been trapped by reduction 
with [3H]NaBH4, and a tryptic peptide has been iso-
lated that contains the resulting N6-[3H]ethyllysine, 
which is the product of reduction by [3H]BH4

- of 
the N6-vinyllysine formed by dissociation of the 
monomeric metaphosphate.187 This same N-ethyl-
lysine has also been observed crystallographically.188 
Both lysyliminium 5-27, which weakens the carbon–
carbon bond in 2-deoxy-∂-ribose 5-phosphate in 
the active site of deoxyribose-phosphate aldolase 
from E. coli, and the hemiaminal that precedes lysyl-
iminium 5-27 in the mechanism of the reaction 
have been observed crystallographically.189 
 Lysyliminium 5-28,190 which results from the 
nucleophilic substitution of the amino group of a 
lysine in the active site of 3-dehydroquinate dehy-
dratase for the carbonyl oxygen at carbon 3 of the 
substrate 3-dehydroquinate, weakens the adjacent 
carbon–hydrogen bond so that it can be removed as a 
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Figure 5-3: Stereodrawing181 of a crystallographic molecular 
model of the active site of fructose-bisphosphate aldolase from 
O. cuniculus occupied by ∂-fructose 1,6-bisphosphate.179 
Black atoms are carbons, white atoms are oxygens, small gray 
atoms are nitrogens, and large dark gray atoms are atoms of 
phosphorus. Crystals of fructose-bisphosphate aldolase from 
O. cuniculus, which had been expressed in E. coli, were soaked 
for 3 min in a solution containing 10 mM ∂-fructose 1,6-bisphos-
phate and then quickly frozen. In the map of electron density, 
there was a feature that could unambiguously be accounted for 
as the iminium adduct between a molecule of ∂-fructose 
1,6-bisphosphate and the 6-amino group of Lysine 229. The 
bond between carbons 3 and 4 of ∂-fructose 1,6-bisphosphate  

in this adduct is held by the active site so that it is parallel to 
the p system of the iminium cation that is withdrawing its electron 
density. The 3-hydroxy and 4-hydroxy groups of ∂-fructose 
1,6-bisphosphate form a network of hydrogen bonds with the 
side chains of Aspartate 33, Lysine 146, and Glutamate 187. 
During the reaction, the 6-amino group of Lysine 146 removes 
the hydron from the 4-hydroxy group as it becomes the carbonyl 
of glyceraldehyde 3-phosphate while the bond between carbons 3 
and 4 is broken. Lysine 146 then pivots about the bond between 
its g  and d carbons to align its now 6-ammonio group to hydro-
nate carbon 3 of the enamine that eventually becomes glycerone 
phosphate. The enzymatic reaction proceeds with retention of 
configuration at carbon 3 of ∂-fructose 1,6-bisphosphate.182 
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hydron to initiate the dehydration of 3-dehydro-
quinate. Evidence for the existence of lysyliminium 
5-28 was provided by mass spectrometry. 
3-Dehydroquinate dehydratase from E. coli was 
mixed with the reactant 3-dehydroquinate and 
then immediately injected into an electrospray 
mass spectrometer. A component with a mass of 
27,618 mass units, which is 151 mass units greater 
than the observed mass of the unliganded enzyme 
(27,467 mass units), was detected in the mass spec-
trum.191 This increase is within two hydrons of the 
mass expected for the lysyliminium of the product 
of dehydration, 3-dehydroshikimate (molar mass 
171 g mol-1). When the lysyliminium forms, the 
other product is a molecule of water (molar mass 
18 g mol-1) containing the oxygen of the original 
carbonyl group of 3-dehydroshikimate. The lysyl-
iminium with the lysine before the dehydration has 
been observed in the active site of a crystallographic 
molecular model of 3-dehydroquinate dehydratase 
from Salmonella enterica in a complex with the 
substrate 3-dehydroquinate, and the lysyliminium 
with the lysine in the active site following the dehy-
dration has been observed in the crystallographic 
molecular model of 3-dehydroquinate dehydratase 
from Clostridioides difficile in a complex with 
3-dehydroshikimate.192 In the crystallographic 
molecular models of the complexes between the 
active site of 3-dehydroquinate dehydratase from 
E. coli and either quinate or shikimate,193 the ana-
logues of the respective substrates that have hydroxy 
groups at carbon 3, rather than carbonyl groups at 
which addition of the amino group of the lysine 
would occur, the distances between the respective 
carbons 3 and the amino groups of the same lysines 
in each model are each only 0.36 nm. 
 Mass spectrometry was also used to identify a 
covalent intermediate in the nucleophilic substitution 
catalyzed by aminodeoxychorismate synthase from 
E. coli (52,984 mass units) When the enzyme was 
mixed with the substrate chorismate (225 g mol-1) 
in the absence of ¬-glutamine, the source of the 
ammonia in the nucleophilic substitution of an 
amino group for a hydroxy group catalyzed by the 
enzyme, a new peak of 53,192 mass units was observed 
in the mass spectrum of the enzyme,194 consistent 
with the existence of the covalent intermediate 
formed between chorismate and Lysine 274 in the 
active site 

   
                  (5-47) 

Nucleophilic addition of ammonia to carbon 4 of 
this adduct from which a molecule of water has just 
left would give, in reverse, 4-amino-4-deoxychoris-
mate, the normal product in this enzymatic reaction.  
 The central covalent intermediate in the en-
zymatic reaction catalyzed by DNA-formamido-
pyrimidine glycosylase, which has been observed 
crystallographically within the active site of the 
enzyme from Thermus thermophilus,195 is a prolyl-
iminium formed with the amino-terminal proline 
of the protein 

 

where Bn+1 and Bn-1 are the bases in the DNA on the 
deoxyriboses that precede and follow the deoxyribose 
at which the enzyme cleaves the strand of DNA, 
and the carbons in that deoxyribose are numbered.* 
The advantage of a prolyliminium is that it does not 
need to retain a hydron to be cationic and hence 
more electrophilic. This intermediate then partici-
pates in a b-elimination of the 5¢-phospho group at 
carbon 3, followed by a d-elimination of the 
3¢-phospho group at carbon 5. The two eliminations 
cleave the strand of DNA, and they leave clean 5¢ 
and 3¢ phosphorylated ends. The other product is 
the prolylimine of 2,4-hydroxypenta-2,4-dienal. 

 
                                     
*The central deoxyribose ring has been opened at the glycosidic 
carbon during the formation of the imine. 
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 Addition of the sulfido group of a cysteine to 
the b  carbon in an a ,b-unsaturated carbonyl or 
acyl derivative produces in one step a covalently 
bound enolate. A covalent intermediate, 2-(cysteinyl)-
butanedioate (5-30), is formed between Cyste-
ine 76 and maleate 

      
                  (5-48) 

in the active site of maleate isomerase 

        (5-49) 

from Nocardia farcinica. The initial step in formation 
of adduct 5-30 is the direct formation of the 
gem-enediolate at the carbon adjacent to the one to 
which the sulfido group adds. The gem-enediolate 
would then be hydronated on the a carbon either 
during or after its formation. The resulting 2-(cysteinyl)-
butanedioate (5-30), an unprecedented intermediate, 
was discovered in the crystallographic map of electron 
density (Figure 5-4)196 for a mutant of the enzyme 
in which Cysteine 194, a catalytic acid in the enzy-
matic reaction, was converted to an alanine and 
that had been crystallized in a solution of 50 mM 
maleate. It is formed in a Michael addition of the 
sulfanyl group of Cysteine 76 to one or the other of 
the a,b-unsaturated carboxylic acids that are sub-
strates for the enzyme. The purpose of the adduct is 
to break the double bond in either maleate or 
fumarate and permit a rotation about the now single 
bond (indicated by the arrow in covalent interme-
diate 5-30). Consequently, when the sulfanyl group 
of the cysteine leaves in a retro-Michael addition, 
either maleate [(Z)-but-2-enedioate] or fumarate 
[(E)-but-2-enedioate] is produced on the active site. 
In the Michael adduct observed in the crystallo-
graphic molecular model (Figure 5-4), the dihedral 
angle along the central carbon–carbon bond is almost 
exactly halfway between the dihedral angle for the 
Z-configuration and the one for the E-configuration 
of the respective substrates. 

 Thymidylate synthase is responsible for providing 
the methyl group on thymidine (previously Equa-
tion 3-535) 

   
                  (5-50) 

where dUMP is 2¢-deoxyuridine 5¢-monophosphate 
and dTMP is thymidine 5¢-monophosphate. During 
this reaction, the methylene carbon of 5,10-methyl-
enetetrahydrofolate, an electrophile, becomes the 
methyl group of dTMP, in a substitution for the 
hydron at carbon 5 of the uracil in dUMP, which is 
also an electrophile. Thymidylate synthase is an 
excellent example of the array of chemical trans-
formations that an active site can apply consecu-
tively to the same covalent intermediate and the 
evidence that can be assembled to validate such a 
multistep mechanism. Support for the existence of 
each of the several covalent intermediates in the 
reaction has been provided either chemically or 
crystallographically or by both procedures. 
 Thymidylate synthase is covalently inactivat-
ed197,198 by 2¢-deoxy-5-fluorouridine 5¢-mono-
phosphate in a reaction involving nucleophilic 
addition of the sulfido group of a cysteine in the 
active site of the enzyme to carbon 6 in the 
a,b-unsaturated N-carbamoylcarbamoyl group of 
2¢-deoxy-5-fluorouridine 5¢-monophosphate199 

                  (5-51) 

 

N

O

O
N

H

O O–

H

O–

O

O–
H

H

H

N

O

O
N

S

H

H

““: H 

+

1)
O

OH
H

O–

S

5  – 30

COO–

COO–

H

H COO–

H

H
1

–OOC

5,10-methylenetetrahydrofolate  +  dUMP  1
                                            dTMP  +  7,8-dihydrofolate

S

HO N

O

N

O
O

O–
P
O

O–
O

N
N

O

FH

H
H

“
:

“)
H

”O ”

H

O
O

N
NH

O

S “
:

”O ”

H
H

5  – 32
F

H

Æ

H 

+

NN

HO

OO–
P
O

O–
O H

H

O

N
NH

O
F

“
:

”O ”H :)

1
5  – 31

O–
P
O

O–
O

O
H

S

HO N

O

NH
H

H 

+



Chemical and Crystallographic Identification of Covalent Intermediates 
 

1447 

 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 5-4: Crystallographic molecular model of the active site 
of maleate isomerase from N. farcinica occupied by the cova-
lent intermediate that results from nucleophilic addition of the 
sulfanyl group of Cysteine 76.196 An almost completely inactive 
mutant of the enzyme, in which Cysteine 194 had been mutated 
to alanine, was crystallized from a solution containing 50 mM 
maleate. In the resulting map of electron density, there was a 
feature immediately adjacent to the sulfanyl group of Cysteine 76 
that was consistent with the nucleophilic adduct of that sulfanyl 
group with the carbon–carbon double bond of maleate. Because 
the 4-carboxy group of the adduct was held in the active site in 
the same plane as the bond between carbons 2 and 3, the ad- 

duct could have been the gem-enediolate or the hydronated 
gem-enediolate. A model of S-[(2R)-succinyl]cysteine was in-
serted into the map of electron density in place of Cysteine 76, and 
the resulting crystallographic molecular model was submitted 
to refinement. As the refinement converged, the succinyl group 
and the side chain of Cysteine 76 were removed from the model, 
and the final rounds of refinement were performed to produce 
the omit map of electron density drawn in the figure. The omit 
map of electron density is superposed on the refined structure 
from which the succinate and the side chain were not removed. 
Reprinted with permission from reference 196. Copyright 2010 
American Chemical Society. https://doi.org/10.1021/ja1053576 
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The cysteine that forms covalently bound enolate 
5-31, Cysteine 198 in the enzyme from Lactobacillus 
casei, was identified by isolating and sequencing a 
cyanogen bromide fragment from a sample of the 
enzyme that had been covalently modified by 
2A-deoxy-[2-14C]-5-fluorouridine 5¢-monophos-
phate.200 In the process of digestion and isolation 
of the peptide, enolate 5-31 is hydronated and 
stabilized as adduct 5-32, which is the product of a 
Michael addition of the sulfanyl group of the cysteine 
to the a,b-unsaturated acyl group in the substrate. 
It is assumed that, during the normal reaction, the 
same cysteine also adds in the same manner to 
carbon 6 of the natural reactant, dUMP, to produce 
the homologous enolate (5-31 with H in place of F) 
of the homologous N-carbamoylamide. The normal 
reaction, however, immediately proceeds to com-
pletion for two reasons: first, there is not a fluorine 
at carbon 5 in dUMP strongly withdrawing electron 
density, as there is in enolate 5-31, and second, in 
the 2¢-deoxyuridine 5¢-monophosphate there is not a 
fluorine taking the place of the hydrogen on carbon 5, 
which is removed as a hydron in the later steps of 
the reaction. 
 The advantage of this nucleophilic addition in 
the normal reaction is to turn carbon 5 in the uracil 
in one step into the carbanionic carbon of an eno-
late. This enolate is the conjugate base of an 
N-carbamoylamide (see Equation 5-51). That for-
mation of the covalent intermediate leads to a 
dramatic increase in the basicity of carbon 5 has 
been demonstrated in a model system by noting 
the appearance of hydrogen exchange at carbon 5 
of uridine upon addition of thiols201 

 
                  (5-52) 

as would be expected for the a-position of saturated 
N-carbamoylamide 5-33. 

 The enolate of the normal substrate, dUMP, 
has been observed in several crystallographic molec-
ular models of the active site of thymidylate synthase 
from E. coli (60% identity; 0.4 gap percent) in which 
either inactive analogues of 5,10-methylenetetra-
hydrofolate are also occupying the active site or the 
enzyme had been mutated to decrease its catalytic 
constant.202-204 
 On the basis of all these observations, it can be 
concluded that addition of the cysteine to carbon 6 
of dUMP produces the respective enolate (5-31 with 
H in place of F or Equation 5-52 with deoxyribose 
in place of ribose) in the active site as the first cova-
lent intermediate in the normal mechanism. 
 In crystallographic molecular models, this eno-
late, formed by addition of the sulfanyl group of the 
homologous Cysteine 146 to dUMP in the active 
site of the enzyme from E. coli, is stabilized in an 
oxyanion hole formed by an amido nitrogen–
hydrogen of the side chain of Asparagine 177 and a 
molecule of water relaying the acidity of Glutamic 
Acid 58.202-208 When the homologous asparagine in 
the enzyme from L. casei is mutated to serine,199 
the rate constant k0 (Km,dUMP)-1 (Km,mTHF)-1 for the 
enzyme, where mTHF is 5,10-methylenetetrahydro-
folate, decreases by a factor of 4000, and when the 
homologous glutamate in the enzyme from L . casei 
is mutated to alanine, the rate constant k0 (Km,dUMP)-1 
(Km,mTHF)-1 decreases by a factor of 106. The exchange 
of tritium at carbon 5 of dUMP, however, relative to 
the rate of thymidylate synthesis increases by a fac-
tor of 20.209 This last observation suggests that the 
enzymatic reaction has been blocked because the 
enolate is not properly stabilized so that it cannot 
rapidly participate in the next step of the reaction 
and so that the resulting N-carbamoylamide (5-32 
with H replacing F or 5-33 with deoxyribose in 
place of ribose) can participate only in hydrogen 
exchange (Equation 5-52). Consistent with this 
explanation is the fact that one of the main effects 
of mutation of the glutamate is a decrease in the 
rate of the nucleophilic addition of this enolate that 
occurs in the next step of the enzymatic reaction.210 
 In the crystallographic map of electron den-
sity208,211 for the complex formed between thymidylate 
synthase of E. coli and 2¢-deoxy-5-fluorouridine 
5¢-monophosphate and 5,10-methylenetetrahydro-
folate, both the covalent bond formed between 
Cysteine 146 from the active site and carbon 6 of 
5-fluorouracil (5-31) and a new covalent bond 
between the methylene carbon of N5-methylene-
tetrahydrofolate (previously 1-82) 
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and carbon 5 of 5-fluorouracil are observed 

 

This second covalent intermediate is formed by 
nucleophilic addition of enolate 5-31 to the electro-
philic methylene carbon in N5-methylenetetrahydro-
folate 

                  (5-53) 

which is formed from 5,10-methylenetetrahydrofolate 
by the usual dissociation of nitrogen 10. This crystal-
lographic molecular model of the unnatural inter-
mediate 5-35 verifies the capacity of the normal 
covalent, intermediate enolate (5-31 with H in place 
of F) formed from the cysteine and 2A-deoxyuridine 
5A-monophosphate to function as an enolate, as 
well as the ability of that enolate in the active site to 
add to the 5-methyleneiminium in N5-methylene-
tetrahydrofolate to form adduct 5-36 (Figure 5-5) 
during the normal enzymatic reaction. If anything, 
the substitution of that hydrogen with a fluorine 

should hinder this nucleophilic addition because of 
the electron withdrawal from the enolate caused by 
fluorine, yet it does not. 
 A covalent, intermediate enolate, analogous to 
enolate 5-31, the first covalent intermediate of the 
reaction catalyzed by thymidylate synthase, forms 
between a cytosine in DNA and a cysteine in the 
active site of DNA (cytosine-5-)-methyltransferase 
from Haemophilus parahaemolyticus.212 In this 
case, however, the covalent, intermediate enolate is 
methylated in a concerted nucleophilic substitution 
at carbanionic carbon 5 of this adduct of cytosine 
by S-adenosyl-¬-methionine 

   
                  (5-54) 

rather than indirectly by 5,10-methylenetetrahydro-
folate. This reaction illustrates the nucleophilicity 
of the intermediate enolate. 
 An analogous enolate is also formed between 
carbon 6 in a uracil in tRNA and a cysteine in the 
active site of methylenetetrahydrofolate—tRNA-
(uracil54-C5)-methyltransferase [NAD(P)H-oxidizing] 
from B. subtilis. The ultimate source of the methyl 
group in this case is N5-methylenetetrahydrofolate, 
but the methylene at carbon 5 of N5-methylene-
tetrahydrofolate is first transferred to nitrogen 5 of 
the prosthetic flavin in the active site of the enzyme, 
a transfer of a methylene group from one anilino 
nitrogen to another, where it ends up as a methylene 
group between nitrogen 5 of the flavin and the sulfanyl 
group of a cysteine in the active site, before being 
transferred to carbon 5 of the uracil in the tRNA.213 
 The fourth covalent intermediate* in the normal 
reaction of thymidylate synthase is the exocyclic 
methylene at carbon 5 of the original uracil in 
dUMP (5-38), which is formed by an elimination 
(Figure 5-5) in the first step of which the hydrogen on 
  

                                     
*This intermediate, the fourth, is presented before the third 
because its existence, which has been proven, is evidence for the 
existence of 5-37, the third intermediate. 
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Figure 5-5: Final steps in the mechanism of the reaction cata-
lyzed by thymidylate synthase. The ternary complex 5-36 
formed from Cysteine 146, 2¢-deoxyuridine 5¢-phosphate, and 
5,10-methylenetetrahydrofolate is dehydronated at carbon 5 of 
the former uracil, which is adjacent to the carbamoyl group at 
carbon 4, and nitrogen 5 of the tetrahydrofolate is hydronated 
to produce enolate 5-37. This tautomerization producing eno-
late 5-37 sets up the elimination that produces exocyclic olefin 
5-38 of the uracil. A hydride is transferred from tetrahydro-
folate to this exocyclic olefin to produce the enolate, which 

then undergoes a elimination of cysteine in a step producing 
the 5-methyluracil (thymine) in the product, thymidine 
5¢-phosphate. There are two side reactions along the main 
path. First, thioether 5-37 may dissociate in a retro-Michael 
addition into the thiolate and adduct 5-39, but that would 
decrease dramatically the elimination of the tetrahydrofolate 
from adduct 5-39 because the enolate would be lost. Second, 
a,b-unsaturated ketone 5-38 can be trapped with 2-sulfanyl-
ethanol. 
 

 
 
 
carbon 5 is removed as a hydron by the 4-hydroxy-
phenyl group of Tyrosine 94 (see 5-35). In the crys-
tallographic molecular models208,211 of the ternary 
complex 5-35 formed between Cysteine 146 in 
the active site of thymidylate synthase from E. coli 
and 2¢-deoxy-5-fluorouridine 5¢-phosphate and 
N5-methylenetetrahydrofolate, the complex has the 
stereochemistry expected for the immediate prod-
uct of addition of the enolate (Equation 5-53).* The 
                                     
*The carbon–sulfur bond (0.216 nm rather than 0.19 nm) is 
stretched in the crystallographic molecular model of adduct 
5-35, perhaps because of a steric effect resulting from the fact 
that the hydroxy group of Tyrosine 94 is pushing up on the fluorine 
(van der Waals radius of 0.15 nm) of 5-35 (0.32 nm). This steric 
effect is probably much less in the actual intermediate in which 
there is a hydron (van der Waals radius of 0.115 nm) rather than a 
fluorine on carbon 5, so in the actual intermediate in the active 
site, the carbon–sulfur bond could well be unstretched. 

 
 
 
bond just formed between the methylene carbon 
and carbon 5 of the uracil in dUMP is parallel to the 
p system of the acyl group at carbon 4 of the uracil, 
and the new carbon–carbon bond is antiperiplanar 
to the lone pair of electrons on nitrogen 5 of tetra-
hydrofolate. For removal of the hydron, however, 
from carbon 5 by the 4-hydroxyphenyl group of 
Tyrosine 94 that initiates the elimination leading to 
the exocyclic methylene (Figure 5-5), the bond to 
the hydrogen on carbon 5 of the original uracil (the 
bond to the fluorine in 5-35) must be parallel to 
the p system of the acyl group at carbon 4 of the 
intermediate.211 This orientation can be achieved 
in the boat conformation of the ring of the original 
uracil (compare the conformation of the ring of the 
original uracil at carbon 5 in 5-35 with its confor-
mation in 5-36). Following removal of the hydron 
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on carbon 5 by Tyrosine 194, the bond to nitrogen 5 of 
tetrahydrofolate, which is now parallel to the p system 
of enolate 5-37, which is the third covalent inter-
mediate in the reaction, is broken in the elimina-
tion* to give the exocyclic methylene in 5-38. 
 Aside from these electronic considerations, the 
intermediacy of enolate 5-37, which has not been 
observed crystallographically, is also consistent 
with the known stereochemistry of the reaction. 
(6R,11S)-[11-3H,11-2H]-5,10-Methylenetetrahydro-
folate produces (5S)-[5-3H,5-2H]thymidine mono-
phosphate.214,215 Because (6R,11S)-[11-3H,11-2H]-
5,10-methylenetetrahydrofolate has the 11S con-
formation, when the 5-methyleneiminium cation is 
formed from (6R,11S)-[11-3H,11-2H]-5,10-methylene-
tetrahydrofolate, it will be the Z isomer215 

 
                  (5-55) 

This isomer would produce (Equation 5-53) adduct 
5-36 with the noted stereochemistry (Figure 5-5).211 
Upon isomerization, elimination, and direct intra-
molecular hydride transfer216,217 from carbon 6 of 
tetrahydrofolate, which must occur from above in 
orientation 5-38, the (S)-[3H,2H]methyl group would 
be generated. 
 Further evidence for existence of covalent inter-
mediate 5-37 has been provided by chemical synthe-
sis. In intermediate enolate 5-37, the sulfur of the 
sulfanyl group of the cysteine in the active site is 
situated in an electronically equivalent location to 
nitrogen 5 of tetrahydrofolate because the bond 
between the original carbon 6 of the uracil in 
dUMP and this sulfur is parallel to the p molecular 
orbital system of the enolate, as is the bond between 
the exocyclic methylene and nitrogen 5 of tetrahydro-
folate. Consequently, it would be surprising if the 

                                     
*Nitrogen 5 of tetrahydrofolate must be hydronated in the usual 
inescapable requirement before the elimination can occur. The 
closest acid (0.41 nm) in the crystallographic molecular model208 
of adduct 5-35 is another molecule of water forming a hydrogen 
bond to the carboxy group of Glutamate 58 of the enzyme from 
E. coli, and this water could relay the acidity of Glutamate 58 to 
nitrogen 5. 

sulfur were not also prone to elimination, just as is 
nitrogen 5 of tetrahydrofolate, to give intermediate 
5-39. Intermediate 5-39 is no longer a covalent 
intermediate, and it should be able to leave and enter 
the active site from the solution. In fact, intermedi-
ate 5-39 has been synthesized and shown to be a 
kinetically competent precursor to 5,10-methylene-
tetrahydrofolate and dUMP and to tetrahydrofolate 
and dTMP.218 Intermediate 5-39 has a catalytic 
constant that is twice that for the reactants 
5,10-methylenetetrahydrofolate and dUMP.  
 When thymidylate synthase from E. coli is in 
the process of catalyzing the methylation of dUMP, 
the reaction is quenched with hydrochloric acid, 
and the quenched solution is submitted to chroma-
tography, intermediate 5-39 is one product of the 
quench.219 It has been proposed that intermediate 
5-39 is an actual intermediate in the overall reac-
tion, formed by elimination of the sulfido group 
and a hydron from intermediate 5-36, and that the 
readdition of the sulfido group to carbon 6 in inter-
mediate 5-39, coincident with dissociation of the 
anilino nitrogen of tetrahydrofolate, then gives inter-
mediate 5-38. Elimination of the sulfido group of 
the cysteine, however, from covalent intermediate 
5-36, which is a retro-Michael addition, would require 
that intermediate 5-37 be formed in any case, so 
the advantage of forming noncovalent intermediate 
intermediate 5-39 is far from obvious. In addition, 
the fact that synthetic intermediate 5-39 is able to 
enter and presumably escape from the active site 
with ease, while covalent intermediate 5-37 cannot, 
seems to mitigate against this proposal. 
 During the elimination from intermediate 5-36 
that produces covalent intermediate 5-38 (Fig-
ure 5-5), an elimination which has the enolate 5-37 
as an intermediate, the hydron on carbon 5 of what 
was the uracil in dUMP, because it is acidic as a 
result of addition of the sulfido group to the uracil, 
can be removed by Tyrosine 94 of the enzyme from 
E. coli.205,207,208 When the homologous tyrosine, 
Tyrosine 146, in the enzyme from L. casei is mutated 
to phenylalanine, the rate constant k0 (Km,dUMP)-1 
(Km,mTHF)-1 decreases by a factor of 10,000. When it 
is replaced by 2-fluorotyrosine, 3-fluorotyrosine, or 
3,5-difluorotyrosine, the pKa observed in the 
pH-rate profile for the steady-state Michaelis constant 
Km,mTHF for 5,10-methylenetetrahydrofolate decreased 
proportionally to the decrease in pKa for the respective 
fluorotyrosine.220 
 The product of the elimination in the mechanism 
of thymidylate synthase described in the first two 
steps of Figure 5-5 is the covalent intermediate 
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2A-deoxy-6-cysteinyl-5-methyleneuridine 5A-mono-
phosphate (5-38). The exocyclic methylene in the 
2A-deoxy-6-cysteinyl-5-methyleneuridine is in a 
carbon–carbon double bond a,b to an acyl carbon 
and should be susceptible to nucleophilic additions. 
In fact, intermediate 5-38 has been trapped in a 
Michael addition with 2-sulfanylethanol (Figure 5-5) 
in a mutant of the enzyme from E. coli in which 
Tryptophan 82 has been mutated to tyrosine to 
decrease the rate of steps that follow its formation 
in the mechanism of the enzyme. The resulting 
product of this nucleophilic addition was isolated 
and identified by nuclear magnetic resonance 
spectroscopy and mass spectrometry.221 
 The final step in the reaction catalyzed by 
thymidylate synthase is the transfer of a hydride 
from carbon 6 of the coenzyme tetrahydrofolate to 
the 5-methylene group of intermediate 5-38 (Fig-
ure 5-5). This transfer is concerted with the leaving 
of sulfur in the sulfanyl group of cysteine in the 
active site222 to give thymidine 5¢-monophosphate, 
the final product of the methylation. This reduc-
tion is required because the original carbon in 
5,10-methylenetetrahydrofolate is at the carbonyl 
oxidation state and the methyl group in thymidine 
5¢-monophosphate is the vinylogous N-methylurea. 
In the active site of methylenetetrahydrofolate—
tRNA-(uracil54-C5)-methyltransferase [NAD(P)H-
oxidizing] from B. subtilis, the reduced flavin that 
transferred the methylene group to carbon 5 of the 
uracil provides the hydride.213 There is a significant 
kinetic isotope effect for transfer of the hydride in 
the active site of thymidylate synthase.223,224 This 
kinetic isotope effect is independent of tempera-
ture,222 which distinguishes it from the kinetic isotope 
effect for removal of the hydron by Tyrosine 94 in 
the elimination that produces intermediate 
5-38.225 The fact that the decrease in Michaelis 
constant Km,mTHF for 5,10-methylenetetrahydrofolate 
as the pH is lowered has been assigned to the pKa 
of Tyrosine 94, the fact that there is a kinetic isotope 
effect for removal of the hydron from carbon 5 by 
Tyrosine 94, and the fact that there is a kinetic iso-
tope effect for transfer of the hydride all suggest 
that the rate-limiting step in the enzymatic reaction 
is transfer of the hydride but that removal of the 
hydron from carbon 5 is significantly rate-affecting. 
 Addition of a hydride, formally a nucleophile, 
to intermediate 5-38 is analogous to addition of a 
hydroxide ion, actually a nucleophile, to 2A-deoxy-
6-cysteinyl-2-methylenecytosine, the homologous 
covalent intermediate in the reaction catalyzed by 
deoxycytidylate 5-hydroxymethyltransferase226 

 
                  (5-56) 

encoded by the genome of Enterobacteria phage 
T4. In this latter instance, addition of the hydroxide 
instead of a hydride, which is also analogous to the 
nucleophilic addition of 2-sulfanylethanol to inter-
mediate 5-38 (Figure 5-5), produces the hydroxy-
methyl group in the product 5-hydroxymethyl-
deoxycytidylate (5-40) rather than a methyl group. 
 In the latter steps of the reaction catalyzed by 
thymidylate synthase (Figure 5-5), following nucleo-
philic addition of carbon 5 of the enolate that is the 
first covalent intermediate to the methyleneiminium 
cation of N5-methylenetetrahydrofolate, the contin-
ued necessity for the covalent intermediate between 
the uracil in dUMP and the cysteine is evident. This 
adduct continues to permit carbons 4 and 5 to act 
as an acyl carbon and a carbon a to an acyl carbon, 
respectively, so that the necessary enolates and 
a,b-unsaturated acyl compounds can be formed. 
Such chemistry at the position a to an acyl carbon 
would not be possible if the double bond between 
carbons 5 and 6 of the uracil were intact because 
the hydron on that carbon is orthogonal to the 
p molecular orbital system of the acyl group at 
carbon 4 and hence, unreactive. 
 There is no cysteine in the active site of the 
unrelated thymidylate synthase (FAD) from Entero-
bacteria phage T4 that can participate in a nucleo-
philic addition to carbon 5 of the uracil in dUMP,227 
even though it catalyzes the same reaction. Thymi-
dylate synthase (FAD), as its name implies, is a flavo-
enzyme with a prosthetic flavin adenine dinucleotide 
in its active site, which must be in its reduced form 
before the methylation can proceed.228 Even 
though there is no cysteine in the active site, there are 
several results that are consistent with formation of 
an enolate at oxygen 4, carbon 4, and carbon 5, as 
occurs in the active site of thymidylate synthase. 
The reduced enzyme catalyzes exchange of the hydron 
at carbon 5 of dUMP with deuterons in 2H2O in the 
absence of 5,10-methylenetetrahydrofolate, as 
would be expected if the active site is able to create 
the enolate.229 If the enzymatic reaction is quenched 
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while it is proceeding, 2¢-deoxy-5-hydroxymethyl-
uridine 5¢-monophosphate can be isolated,230 which 
is the product expected from addition of water to 
the a,b-unsaturated acyl intermediate homologous 
to intermediate 5-38 (Figure 5-5), as occurs in the 
active site of deoxycytidylate 5-hydroxymethyl-
transferase (Equation 5-56). These observations 
have led to the proposal that the reduced flavin 
reversibly adds a hydride to carbon 6 of dUMP to 
produce directly the enolate as the first step in the 
reaction, which would accomplish the same function 
as the nucleophilic addition of the sulfanyl group of 
the cysteine in the active site of thymidylate syn-
thase.229 Consistent with this explanation is the fact 
that, in the crystallographic molecular model of the 
complex between the oxidized enzyme and dUMP, 
the dUMP stacks upon the isoalloxazine of the flavin, 
and carbon 6 of the dUMP sits directly on top of 
nitrogen 5 of the flavin,227 which would be poised 
to transfer a hydride if it were reduced flavin. The 
stacking of the two rings against each other is reminis-
cent of the complexes between NAD+ and reduced 
flavin in active sites in which the NAD+ is reduced 
by flavin. 
 
 There are several enzymes that have mixed 
disulfides between cysteines in their active sites 
and sulfanyl groups in their respective substrates 
as covalent intermediates in their reactions. For 
example, in the active site of human glutathione-
disulfide reductase, reduced flavin reduces a disul-
fide between Cysteines 58 and 63 (Figure 2-11). 
The sulfido group of Cysteine 58 then engages in 
thiol–disulfide exchange with the disulfide in gluta-
thione disulfide (see Equation 2-136) 

 
                  (5-57) 

to produce one reduced glutathione and a mixed 
disulfide (5-41) between Cysteine 58 and the other 
molecule of glutathione. This mixed disulfide has 
been observed crystallographically.231 A second 
thiol–disulfide exchange with the sulfido group of 
Cysteine 63 then produces the second molecule of 
reduced glutathione and regenerates the disulfide 
between Cysteines 58 and 63 awaiting reduction in 
the next round. 
 A thiol–disulfide exchange is a nucleophilic 
substitution at sulfur. Nucleophilic substitutions at 
sulfur also occur in active sites with leaving groups 
other than a sulfanyl group. For example, in the re-
action catalyzed by 2-oxopropyl-CoM reductase 
(carboxylating), an enolate is the leaving group in a 
nucleophilic substitution 

  
                  (5-58) 

that produces a mixed disulfide between a cysteine 
in the active site and 2-sulfanylethanesulfonate 
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(coenzyme M), which is one product of the reaction 
in the direction written. This covalent intermediate 
has also been observed crystallographically in the 
active site of 2-oxopropyl-CoM reductase (carboxy-
lating) from X. autotrophicus.232 The sulfido group 
of a second cysteine in the active site then releases 
the 2-sulfanylethanesulfonate in a thiol–disulfide 
exchange (see Equation 5-57). The enolate of acetone 
that is the leaving group in the nucleophilic substi-
tution is carboxylated with carbon dioxide within 
the active site to produce acetoacetate, the other 
product of the enzymatic reaction in the direction 
written. 
 Mixed disulfides between hydrogen sulfide and 
cysteines form in the active sites of sulfurtransferases. 
For example, in 3-mercaptopyruvate sulfurtrans-
ferase from E. coli, a hydrogen sulfide is transferred 
from 3-sulfanylpyruvate to Cysteine 237 in the active 
site of the enzyme 

     
                  (5-59) 

with the enolate of pyruvate as the leaving group. 
The resulting cysteine persulfide has been observed 
crystallographically.233,234 The first persulfide of this 
type was observed in the crystallographic molecular 
model of thiosulfate sulfurtransferase (rhoda-
nese).235,236 Sulfenic acids (RS-OH) are oxygen ana-
logues of these persulfides, and they are covalent 
intermediates in the active sites of peroxidases.237,238 
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Problem 5-1: Homoserine O-acetyltransferase 
from Haemophilus influenzae 

 

displays the following steady-state kinetics.33 
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Reciprocals (minutes millimole-1 milligram) of the initial rates 
plotted against the reciprocals (millimolar-1) of the initial con-
centrations of reactants for the enzymatic reaction catalyzed by 
homoserine O-acetyltransferase from H. influenzae. (A) Varying 
concentrations of ¬-homoserine at constant concentrations of 
acetyl-SCoA, in descending order, of 0.042, 0.056, 0.083, 0.143, 
and 0.33 mM. (B) Varying concentrations of O-acetyl-
¬-homoserine at constant concentrations of coenzyme A, in 
descending order, of 0.20, 0.25, 0.33, and 0.50 mM. 
 
When the enzyme (0.28 mM) was mixed with [3H]ace-
tyl-SCoA (0.40 mM) for various times and then 
mixed with 25% trichloroacetic acid to denature 
and precipitate the protein, and the precipitate was 
then collected, washed, and submitted to scintillation 
counting, the following results were observed. 

 

Covalent incorporation of tritium into homoserine O-acetyl-
transferase. The incorporation of radioactivity into the precipitated 
protein is expressed in terms of moles (mole of active sites)-1. 
 

When Serine 163 in the enzyme from Schizosaccha-
romyces pombe was mutated to alanine, no acetyla-
tion of the protein occurred.34 
 
 (A) Write a mechanism for the transacetylation. 

Include arbitrary but suitable side chains 
from amino acids in the active site in your 
mechanism.  

 (B) What feature of your mechanism is consistent 
with the steady-state kinetics?  

 (C) What feature of your mechanism is consistent 
with the acetylation of the enzyme?  

 (D) What feature of your mechanism is consistent 
with the results of the mutation? 

 

Problem 5-2: Aspartate-semialdehyde dehydrogenase 
catalyzes the reaction 

 

Write a mechanism for the reaction involving a 
covalent intermediate at a cysteine. 

 

Problem 5-3: Methanol in water reacts about 
100-fold more rapidly with the acyl intermediate in 
the reaction catalyzed by chymotrypsin (Figure 3-6) 
than does water itself. 
 
 (A) If this is the case, explain why the catalytic 

constant k0 for the combined hydrolysis and 
methanolysis of 4-nitrophenyl acetate by 
chymotrypsin is markedly increased in 
methanol–water solutions, but that for 
N-acetyl-¬-tryptophan amide is unchanged 
from the value in water alone. 

 (B) Estimate the value of the catalytic constant 
k0 for the combined hydrolysis and methan-
olysis of 4-nitrophenyl acetate in 1 M methanol 
in water relative to k0 in water alone and the 
fraction of the product that would be methyl 
acetate. 

 

Problem 5-4: When pseudouridylate synthase 

 

from E. coli was crystallized from a solution of ∂-ribose 
5¢-phosphate and uracil, the covalent intermediate 
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was observed in the map of electron density in its 
active site.239 Write a mechanism for the reaction 
catalyzed by the enzyme that involves this covalent 
intermediate. Hint: Find the correct enolate in uracil. 
 
 
 

Problem 5-5: UDP-Glucose—hexose-1-phosphate 
uridylyltransferase catalyzes the reaction 

 

 (A) Suppose that the reaction proceeded through 
the two ternary complexes 

      

  and draw the structure of the pentavalent 
intermediate at phosphorus that would have 
to be bound tightly by the active site. Indicate 
the entering oxygen and the leaving oxygen. 

 The following results have been observed.240 

 

 

 

Distribution of (3) A280 (protein), (2) A260 (nucleotides), (ò) radio-
activity (counts per minute milliliter-1), and (Í) catalytic activity 
(micromoles minute-1 milliliter-1) following chromatography 
of several mixtures. (A) The mixture of reactants contained initially 
8 nmol of active sites for UDP-glucose—hexose-1-phosphate 
uridylyltransferase from E. coli and 32 nmol of [uracil-5,6-3H2] 
UDP-∂-glucose (specific radioactivity 2.0 ¥ 107 cpm mmol-1) in 
0.2 mL of 50 mM ¬-cysteine and 5 mM potassium phosphate, 
pH 7.5. After 5 min at room temperature, the solution was passed 

thorough a column (1 ¥ 41 cm) of Sephadex G-25 equilibrated 
and eluted with the same buffer at 4 ªC. Fractions of approxi-
mately 1 mL were collected at intervals of 5 min. (B) The mixture 
of reactants was identical with that of Panel A except that the 
tritiated UDP-∂-glucose was replaced with 34 nmol of 
UDP-[U-14C]-∂-glucose (specific radioactivity 5.8 ¥ 106 cpm 
mmol-1). (C) The mixture of reactants was identical with that of 
Panel A except that it also contained 32 nmol of ∂-glucose 
1-phosphate. 240 
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Distribution of radioactivity upon chromatography of two mix-
tures of reactants. The complete mixture of reactants contained 
initially 32 nmol of [uracil-5,6-3H2]UDP-∂-glucose (6.3 ¥ 105 
cpm), 36 nmol of UDP-∂-galactose, and UDP-glucose—
hexose-1-phosphate uridylyltransferase (0.56 micromolar 
minute-1) in 25 mL of buffer consisting of 0.5 mM ¬-cysteine 
and 5 mM potassium phosphate, pH 7.5. After 25 min at 25 ªC, 
half of the solution was subjected to descending paper chro-
matography for 92 h with ethanol–methyl ethyl ketone–0.5 M 
morpholinium tetraborate, pH 8.6 (7:2:3), as the mobile phase. 
The upper panel is the control without enzyme, and the lower 
is the complete mixture of reactants.240 
 
 
 (B) On the basis of these results, write a mechanism 

for the enzymatic reaction involving a covalent 
uridylyl-enzyme intermediate. 

 (C) On the basis of the mechanism you wrote in 
part B, explain the uridylyl exchange observed 
in Figure B. 

 (D) Draw the complete structure of the covalent 
uridylyl intermediate formed between a portion 
of the substrate and a histidine in the active 
site of the enzyme.156 

 (E) The overall enzymatic reaction proceeds with 
retention of configuration of phosphorus.151 
To which of the two phosphorus atoms in a 
uridylyl substrate must this statement refer? 

 (F) Draw a structure of UDP-∂-glucose and indi-
cate the phosphorus with an arrow. Show 
how this observation rules out a mechanism 
in which this phosphorus is transferred directly 
in a ternary complex as in part A and is con-
sistent with formation of the covalent inter-
mediate you drew in part C. Show this by 
drawing structures of the intermediates in 
the key steps. 

 (G) Explain why the mechanism of part B that 
passes through a covalent intermediate is 
more economical than the mechanism of part A 
that passes through a ternary complex. 

 (H) Consider the amino acids in the active site 
that must form hydrogen bonds to the 
UDP monosaccharides and those that activate 
the phosphate for transfer. Which can be 
called upon to perform twice the work? 

 
Problem 5-6: Nucleoside-diphosphate kinase cata-
lyzes Equation 5-32. When MgATP2- is used as the 
phosphate donor (MgXTP2-) and MgdGDP- as the 
phosphate acceptor (MgYDP-) in the enzymatic 
reaction, the following kinetic behavior is observed. 

 

Plot of the reciprocal [minutes (change in A340)-1] of the initial 
rate for the enzymatic assay, which is coupled to oxidation of 
NADH, against the reciprocal (millimolar-1) of the concentration 
of MgdGDP- for human nucleoside-diphosphate kinase at con-
centrations, from top to bottom, of MgATP2- of 15, 25, 50, 100, 
and 800 mM.241 
 
 (A) Write a kinetic mechanism that is consistent 

with these observations. In your mechanism, 
explicitly name substrates and products as 
MgATP2-, MgdGDP-, MgADP-, and MgdGTP2-. 
Abbreviate the enzyme as E. 

 
 When human nucleoside-diphosphate kinase 
was mixed with Mg[32P]ATP2- for 1 min at 30 ªC 
and then the mixture was added to a column of 
Sephadex G-100, the following elution profile was 
obtained. 
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Separation of [32P]nucleoside-diphosphate kinase from 
Mg[32P]ATP2- on a column of Sephadex G-100.242 Enzymatic 
activity (micromolar minute-1 milliliter-1) and radioactivity 
(counts per minute milliliter-1) are plotted as a function of the 
number of the fraction. 
 
The authors point out in the publication that nu-
cleoside-diphosphate kinase elutes from Sephadex 
G-100 at a position where the stationary phase for 
the molecular exclusion is separating proteins on 
the basis of their size. 
 
 (B) How do these results rule out the possibility 

that 32P is associated with proteins other than 
nucleoside-diphosphate kinase? 

 (C) Which phosphate of Mg[32P]ATP2- was cer-
tainly radioactive? 

 (D) Write a chemical mechanism for the reaction 
of nucleoside-diphosphate kinase that in-
corporates both your kinetic mechanism and 
an explicit explanation of the results in Fig-
ure B. 

 (E) When enzyme from fractions 40-45 from the 
Sephadex G-100 column was mixed with 
MgGDP-, what radioactive nucleotide was 
subsequently isolated from the mixture? In-
dicate precisely where the radioactive phos-
phorus resides on that nucleotide. 

 

Problem 5-7: Thiazole synthase converts 1-deoxy-
∂-xylulose 5-phosphate and 2-iminoacetate into 
2-[(2R,5Z)-2-carboxy-4-methylthiazol-5(2H)-ylidene]-
ethyl phosphate. It has been proposed that the enzy-
matic mechanism proceeds through the following 
sequence of covalent intermediates 

 

where the primary alkylamino group is the 6-amino 
group of a lysine in the active site of the enzyme 
and ThiS is a small protein that carries a sulfide as a 
monothiocarboxy group at its carboxy terminus. 
Intermediate 5 has been observed in a crystallo-
graphic molecular model.243 
 
 (A) Using the lowercase Roman numbers for each 

step, identify the type of chemical reaction 
and describe what is occurring in each step. 

 (B) Using the boldface numbers for particular 
intermediates, identify any reactants or 
products that do not appear at that point in 
the chemical equations as written. 
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 (C) Write out the mechanism of each step in detail. 
Show all removals and additions of hydrons 
and any reactants or products not shown in 
the diagram. 

 

Problem 5-8: Write a mechanism for the reaction 

 

catalyzed by DNA-formamidopyrimidine glycosyl-
ase.195 What is X? 
 
 
 
 

Chemical and Crystallographic 
Identification of Diamagnetic, 
Noncovalent Intermediates  

 There are instances in which a stable noncova-
lent intermediate is present in an active site at a 
high enough concentration to be isolated directly 
and identified chemically or crystallographically. 
In such cases, there is no need to perform chemical 
analysis of the protein. For example, poly(b-∂-mannu-
ronate) C5 epimerase from P. aeruginosa catalyzes 
the epimerization 

   (5-60) 

When the enzymatic reaction was quenched 5 s after 
the enzyme was mixed with a polymer of 34 
∂-mannurates, fragments of the polymer of various 
lengths could be isolated from the enzyme in 25% 
yield based on the concentration of active sites, and 

each fragment was shown by a colorimetric assay to 
end in a glycal of mannurate244 

 

Consequently, it was concluded that these glycals 
were noncovalent intermediates in the enzymatic 
reaction. Each is formed by an elimination at the 
respective glycosidic linkage (see Equation 4-358) 

      
                  (5-61) 

To accomplish the overall epimerization for which 
the enzyme is responsible, during the readdition of 
the 1-hydroxy group of the adjacent mannuronate 
(reverse of Equation 5-61), the hydron is added to 
carbon 5 of the glycal from the opposite face of the 
double bond from which it was removed during the 
initial elimination. In a crystallographic molecular 
model of the active site of the enzyme from Azoto-
bacter vinelandii, Tyrosine 149 is in the proper posi-
tion to remove the hydron on carbon 5 on the 
b-∂-mannuronyl group being epimerized and add 
the hydron to oxygen 1 of the leaving b-∂-mannu-
ronate, just as Tyrosine 242 does in the active site 
of chondroitin AC lyase (Figure 4-44), and Histi-
dine 154 is in the proper position to add a hydron 
to the other side of the double bond in the glycal to 
produce the a-¬-guluronyl group during the re-
addition of the hydroxy group.245 The identification 
of the intermediate led to the rather unexpected 
conclusion that the polymer is cleaved and then re-
formed to perform the epimerization, presumably 
as a way to stabilize the gem-dienolate. 
 In the case of RNA polymerase (see Figure 3-73B) 
from E. coli, samples were removed and quenched 
at various intervals from 0.5 to 150 s from reaction 
mixtures in which the synthesis of RNA under the 
control of the double-stranded DNA of the lPR 
promoter had been initiated. Each intermediate 
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segment of single-stranded RNA 3–16 bases long 
that was a noncovalent intermediate in the enzymatic 
reaction could be separated electrophoretically and 
quantified. The rates of the individual, consecutive 
steps in which an additional base was added to the 
elongating strand of RNA could be derived from 
these observations.246 
 One way to improve the chances of having meas-
urable concentrations of a noncovalent intermediate 
in the active site is to have all substrates for the 
enzyme present in the solution at their equilibrium 
ratios and at concentrations high enough to saturate 
the active sites. Under these conditions, an equilib-
rium between reactants, intermediates, and products 
is established in all active sites in the solution. 
When such an equilibrium was established in the 
active site247 of bovine glutamate dehydrogenase 
[NAD(P)+] (previously Equation 3-319) 

     
                  (5-62) 

imine 5-43 (10%) and hemiaminal 5-44 (60%) 

  
                  (5-63) 

identified spectrophotometrically in the ultraviolet 
range, were present in the active site at equilibrium.248 
 Noncovalent intermediates sometimes accumu-
late in an active site when one reactant is omitted 
from the solution. For example, when an electron 
acceptor, which normally would be oxidized electron-
transfer flavoprotein, is omitted from an anaerobic 
solution of the oxidized flavoenzyme human glu-
taryl-CoA dehydrogenase (ETF), glutaconyl-SCoA 

(5-45) accumulated (25%) in the active site249 as a 
noncovalent intermediate250 

                  (5-64) 

where HFlox is the oxidized prosthetic flavin and 
H3Flred is the reduced prosthetic flavin. The gluta-
conyl-SCoA present in the active site as a noncova-
lent intermediate was identified by high-pressure 
liquid chromatography and mass spectrometry after 
inactivation and precipitation of the protein. 
 The mixed anhydride 5-46 

 

could be isolated from the active site of 4-chloro-
benzoate—CoA ligase from Pseudomonas when the 
enzyme was mixed with 4-chlorobenzoate and 
MgATP2- in the absence of its third reactant, coen-
zyme A. It was identified by nuclear magnetic reso-
nance spectroscopy.251 This observation is consistent 
with the transfer of an adenylyl group from MgATP2– 
to the carboxy group of 4-chlorobenzoate to form 
mixed anhydride 5-46 with diphosphate as the 
leaving group. This nucleophilic substitution at 
phosphorus activates the carboxy group for a nucleo-
philic substitution of the sulfanyl group of coen-
zyme A for the adenylyl group in the intermediate 
to form the product 4-chlorobenzoate-SCoA. 
 In the case of squalene synthase from S. cere-
visiae, the noncovalent intermediate, (+)-presqualene 
diphosphate (5-47),252-255 is formed in an initial 
step from two molecules of (2E,6E)-farnesyl diphos-
phate 
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                  (5-65) 

upon dissociation of diphosphate from one of them 
to form the allyl carbenium ion, which adds to the 
carbon–carbon double bond of the other to form 
the cyclopropane. Then, following dissociation of 
the second diphosphate and a sequence of carbo-
cationic rearrangements (previously Equation 3-368) 

 
                  (5-66) 

the final carbenium ion (5-49) is reduced by a 
hydride from NADPH to the final product squalene 
(5-48). In the absence of NADPH, the steps in the 
enzymatic mechanism beyond (+)-presqualene 
diphosphate (5-47) are blocked, and (+)-presqualene 
diphosphate slowly dissociates as a stable compound 
from the active site.256 Under normal circumstances, 
sufficient NADPH is available to prevent the release 

of the intermediate. In this instance, the intermediate 
in the enzymatic reaction was sufficiently complex 
that total organic synthesis was required to define 
its structure unambiguously.253,254 
 If a noncovalent intermediate in an enzymatic 
reaction is too unstable to isolate, other approaches 
are applied. For example, mixed anhydrides of two 
carboxylic acids that are substrates for the enzyme 
are noncovalent intermediates in acyl exchanges, 
and these mixed anhydrides are too unstable to 
isolate. During each turnover, citrate (pro-3S)-lyase 
accomplishes the exchange of a citryl group for the 
initial acetyl group in the thioester of the prosthetic 
coenzyme A in the active site (Equation 5-17).257 
The most likely noncovalent intermediate in this 
partial reaction is a mixed anhydride formed between 
citrate and acetate258 

     
                  (5-67) 

The sulfido group of the prosthetic coenzyme A (as 
shown), or the sulfido group of a cysteine known to 
be located nearby in the active site,259 then adds to 
the acyl carbon of the citryl group in the mixed 
anhydride intermediate to complete the substitution 
of the citryl group for the acetyl group and give the 
acetate that is one product of the enzymatic retro- 
Claisen condensation. In reverse, the sulfido group 
would add to the acyl carbon of the acetyl group in 
the mixed anhydride to re-form the acetyl interme-
diate. The existence of this mixed anhydride as an 
intermediate was demonstrated by the fact that 
oxygen-18 in the carboxy group of citrate is trans-
ferred to the acetate that is the product during a 
single turnover of the enzyme.  
 Another approach to identification is to trap 
an unstable noncovalent intermediate by a chemical 
reaction that produces a stable derivative of it. Car-
bamoyl-phosphate synthase (glutamine-hydro-lysing) 
catalyzes three separate reactions (previously 
Equations 3-531 to 3-533) 

  
                  (5-68) 
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                  (5-69) 

   
                  (5-70) 

in three separate active sites connected by two 
tunnels. The phosphocarbonate 5-52, formed as a 
noncovalent intermediate at the active site in the 
enzyme from E. coli that is responsible for producing 
carbamate (Equation 5-69) 

    (5-71) 

  (5-72) 

can be trapped by mixing a solution of the enzyme, 
MgATP2-, and bicarbonate with diazomethane260 

  
                  (5-73) 

The resulting trimethyl phosphocarbonate is a stable 
compound, unlike the phosphocarbonate itself, 
because it has no oxyanions to provide push. 
 Noncovalent intermediates in enzymatic reac-
tions are often identified crystallographically.261 
For example, when a crystal of dethiobiotin synthase 
from E. coli 

 
                  (5-74) 

was soaked with MgATP2- and 7,8-diaminonona-
noate (5-53) for 1 h and then NaHCO3

2- was added 
to the solution for 80 s before the crystal was frozen, 
carbamic phosphoanhydride 5-54, an analogue of 
carbamoyl phosphate, was observed occupying the 
active site of the enzyme in the map of electron 
density for this crystal.262 This noncovalent inter-
mediate had already been isolated from enzyme 
dissolved in solution that was mixed with these 
same reactants for 100 s at pH 7.5 and then acidified 
to pH 4.263 
 The observation of a potential intermediate in 
a map of electron density can be deceptive. The active 
site of quinolinate synthase264 

 
                  (5-75) 

contains a tetranuclear [4Fe-4S] iron–sulfur cluster 
with an open site265 on one of the Fe2+, as does 
aconitate hydratase. Two distinct crystallographic 
maps of electron density for crystals of quinolinate 
synthase from Thermotoga maritima and Pyrococ-
cus horikoshii, respectively, have been reported, 
each of which is consistent with a different non-
covalent intermediate 
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Because of the two carboxylato groups, the two maps 
of electron density of the potential intermediates 
are distinct enough that they cannot both be of the 
same noncovalent intermediate. In the condensation 
catalyzed by the enzyme, a carbon–carbon bond 
and a nitrogen–carbon bond are formed between 
the two reactants. In intermediate 5-55, the carbon–
carbon bond has formed266,267 and in intermediate 
5-56 the nitrogen–carbon bond has formed,268 so 
at least one of them cannot be a normal intermediate 
in the enzymatic reaction. There are two different 
chemically defensible mechanisms that can include 
the respective intermediate and convert glycerone 
phosphate and iminosuccinate into quinolinate, so 
a decision cannot be made by appeal to mechanism. 
The active site forms a complex with glycerone 
phosphate266,269 in which the hydroxy group and 
the carbonyl oxygen are ligands to the Fe2+, which 
would lead to 5-55 in which this ligation is retained. 
The active site, however, also forms a complex with 
iminosuccinate in which the 4-carboxy group is a 
ligand to the Fe2+, which is more similar to the liga-
tion in 5-56, and it also forms a complex with the 
nitrogen and the 3-carboxy group of quinoli-
nate.266,269,270 In its favor, dicarboxylic acid 5-55 
associates with the active site with the two oxygens 
that will eventually leave during the production of 
quinolinate as ligands to the Fe2+, which would be 
consistent with the role of such tetranuclear 
[4Fe-4S] iron–sulfur clusters in other dehydrations. 
 
 If the equilibrium in the active site is such 
that insignificant concentrations of a noncovalent 
intermediate accumulate or can be caused to accu-
mulate, other strategies must be applied. One of 
these strategies is to use an analogue of one substrate 
as an alternative reactant that is mistaken by the 
enzyme for the actual substrate and from which the 
usual intermediate is formed; but the intermediate 
formed from the analogue is stable. For example, 
germacrene A is a noncovalent intermediate in the 
reaction catalyzed by aristolochene synthase (Fig-
ure 3-48) from (2E,6E)-farnesyl diphosphate. It is 

never present, however, in sufficient quantities to 
be isolated. When the enzyme from Aspergillus 
terreus was mixed with (7R)-6,7-dihydrofarnesyl 
diphosphate, which is (2E,6E)-farnesyl diphosphate 
reduced at the 6,7 carbon–carbon double bond, the 
resulting analogue, 1,2-dihydrogermacrene 

 

accumulated in the active site at 1.3% of the rate of the 
normal reaction and was identified by gas chroma-
tography and mass spectrometry.271 1,2-Dihydro-
germacrene 5-57 lacks the 1,2-double bond present 
in germacrene that is needed to complete the enzy-
matic reaction. 
 In the enzymatic reaction catalyzed by phospho-
gluconate dehydrogenase (NADP+-dependent, decar-
boxylating), 6-phospho-∂-ribo-3-hexulosonate (5-58) 
is the central, noncovalent intermediate formed in 
the active site272 from the substrate, 6-phospho-
∂-gluconate, during the oxidative decarboxylation 

 
                  (5-76) 

producing ∂-ribulose 5-phosphate. It had not been 
trapped chemically, in part because the rate of the 
initial dehydrogenation that produces it is slower 
than the rate of the subsequent decarboxylation of 
the 3-oxo carboxylic acid that eliminates it, so little 
of the intermediate can accumulate on the active 
site during the normal reaction.273 Fortuitously, it 
was discovered that an analogue of the substrate, 
2-deoxy-6-phospho-∂-gluconate, is converted by  

O

N

OO

O–O N

O
O–

O–O

O

O H

H
H

H

O
H

Fe2+Fe2+

–O H

H

H

H

5 – 55                   5 – 56

H

CH3
CH3

H
H

H

CH3

H

5 – 57

OH
H

O H

N

N
O N

O
H

HH
NH
H

O–

H
O

O

H
H

O

H

H

H

(
N

H

O
O

O H
O–

H
H

H

H

N
HH

HO

N
O

H
HN

H

O
O

H
H

H

N
HH

O HH “

H

(

O
C
O

Lys 208

CH2OPO3
2–

H CH2OPO3
2–

O
H

H 5 – 58

1

CH2OPO3
2–

O
H

H

1



Intermediates in Enzymatic Reactions 
 

1464 

 
 
Figure 5-6: Kinetics of formation of 2-deoxy-6-phospho-
∂-ribo-3-hexulosonate and NADPH in the unnatural reaction 
catalyzed by phosphogluconate dehydrogenase (NADP+-depen-
dent, decarboxylating).273 To the reaction mixture at 20 ªC (final 
volume of 1 mL buffered at pH 8.0) were added 1.0 mmol of 
2-deoxy-6-phospho-∂-gluconate, 1.2 mmol of NADP+, and 0.68 
unit of phosphogluconate dehydrogenase. (3) The increases in 
the concentration of NADPH (nanomoles milliliter-1) were 
followed as a function of the respective intervals (minutes) by 
the absorbance of the solution at 340 nm. (Í) The concentra-
tions of 2-deoxy-6-phospho-∂-ribo-3-hexulosonate (nano-
moles milliliter-1) were assessed at intervals (minutes) by 
withdrawing samples and forming a formazan derivative from the 
b-oxo carboxylic acid by reaction with diazotized 4-nitroaniline. 
 
 
 
phosphogluconate dehydrogenase (NADP+-depen-
dent, decarboxylating) from Cyberlindnera jadinii 
into 2-deoxy-6-phospho-∂-ribo-3-hexulosonate 

 

Unlike the natural intermediate, which remains 
tightly bound in the active site, the rate at which 
2-deoxy-6-phospho-∂-ribo-3-hexulosonate disso-
ciates from the active site is almost the same as the 
rate at which it is decarboxylated while on the active 
site. Consequently, 2-deoxy-6-phospho-∂-ribo-
3-hexulosonate appears in the solution as the reaction 
progresses (Figure 5-6).273 This 2-deoxy-6-phospho-
∂-ribo-3-hexulosonate is eventually re-bound at 
the active site and decarboxylated to 2-deoxy-
∂-ribulose 5-phosphate, another observation con-
sistent with 6-phospho-∂-ribo-3-hexulosonic acid 

(5-58) being the normal intermediate. Simply by 
replacing the hydroxy group at carbon 2 with a 
hydrogen, an analogue of an otherwise undetectable 
intermediate was produced and even released into 
the solution in significant yield by the enzyme. 
 As with phosphogluconate dehydrogenase 
(NADP+-dependent, decarboxylating), an alternative 
reactant has been used with glutamine synthetase 
(previously Equation 4-453) 

  
                  (5-77) 

to identify an intermediate in the enzymatic reac-
tion. When the enzyme from E. coli is mixed with 
¬-glutamate and MgATP2- in the absence of ammonia, 
a large change in fluorescence of the protein occurs 
that is consistent with formation of an intermediate.274 
If this intermediate sits in the active site for any 
length of time in the absence of ammonia, 5-carboxy-
2-pyrrolidone is formed by cyclization of an acti-
vated ¬-glutamate 

   
                  (5-78) 

where X is a good leaving group, presumably phos-
phate. Attempts to isolate directly the expected 
intermediate, 5-phospho-¬-glutamate, usually have 
been unsuccessful, owing to the spontaneous for-
mation of 5-carboxy-2-pyrrolidone in solution after 
denaturation of the enzyme. cis-1-Amino-1,3-dicar-
boxycyclohexane, however, is a reactant for glutamine 
synthetase that resembles ¬-glutamate275 but can-
not cyclize as ¬-glutamate can. When cis-1-amino-
1,3-dicarboxycyclohexane is incubated with ovine 
glutamine synthetase, in the absence of ammonia, 
the analogous acyl phosphate is formed, and it can 
be isolated and identified chemically276 

  
                  (5-79) 
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These results demonstrate the ability of the enzyme 
to form an acyl phosphate at the proper position in 
a reactant. 
 If an alternative reactant is used, the interme-
diate formed by the enzyme can also be unstable 
but nevertheless disintegrate in such a way as to 
implicate the existence of a particular intermediate. 
For example, bovine adenosylhomocysteinase, in 
addition to catalyzing its normal reaction (Equa-
tion 5-2), also catalyzes the unnatural oxidative 
elimination of adenine from 2¢-deoxyadenosine 

      
                  (5-80) 

concomitant with reduction of the prosthetic NAD+ 
to NADH.277 This elimination is consistent with the 
initial formation of 2¢-deoxy-3¢-oxoadenosine during 
a reaction analogous to the first step in the normal 
enzymatic reaction (Figure 5-2). 
 Another strategy is to mutate the enzyme to 
block the enzymatic reaction in such a way that a 
noncovalent intermediate will accumulate. For exam-
ple, when Phenylalanine 337 in 4-hydroxyphenyl-
pyruvate dioxygenase 

  (5-81) 

from Streptomyces avermitilis was mutated to iso-
leucine, the enzyme still converted 4-hydroxyphenyl-
pyruvate into homogentisate but also produced 
oxepinone 5-60278 

    
                  (5-82) 

which is the product expected from the rapid, non-
enzymatic rearrangement of benzene oxide 5-61 
believed to be the noncovalent intermediate in the 
normal enzymatic reaction. 
 A noncovalent intermediate can also be accu-
mulated in an active site for crystallographic obser-
vation by decreasing the rate of the enzymatic 
reaction in such a way that the steps following 
formation of the intermediate are inhibited. When 
crystals of the aspartic endopeptidase HIV-1 retro-
pepsin from human immunodeficiency virus type 1 
were soaked in a solution of the peptide AETFYVDGAA 
at pH 2.5, a pH at which the enzyme has little enzy-
matic activity, the tetrahedral intermediate in the 
enzymatic reaction (previously Equation 4-376) 

   
                  (5-83) 

could be observed occupying the active site in the 
resulting map of electron density.279 The tetrahedral 
intermediate for hydrolysis of the peptide NLLTQI 
was observed crystallographically in the active site 
of the same enzyme in which Isoleucine 54 had 
been mutated to valine to decrease enzymatic activ-
ity.280 
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 Isocitrate dehydrogenase (NADP+) catalyzes the 
oxidative decarboxylation of isocitrate 

   
                  (5-84) 

by passing through the noncovalent intermediate 
oxalosuccinate (5-62), an a-oxo acid. A mutant of 
the enzyme from E. coli in which Lysine 230 was 
changed to methionine was shown to be inhibited 
in the decarboxylation step of the mechanism.281 
When crystals of the mutant enzyme were soaked 
in 0.5 M isocitrate, 0.5 M Mg2+, and 0.5 M NADP+ 
for 60 s and then submitted to diffraction, electron 
density corresponding to oxalosuccinate was observed 
in the active site of the resulting crystallographic 
molecular model.282 In the map of electron density, 
the carbon–carbon bond to the carboxylato group 
that dissociates as CO2 is held parallel to the 
p molecular orbital system of the carbonyl by the 
active site, as one might expect. 
 
 Another approach to its chemical identification 
is to synthesize a noncovalent intermediate, if it is 
stable enough to be synthesized, and show that the 
synthetic compound is converted by the enzyme 
into its usual substrates. For example, enol ether 
5-63 is an intermediate in the addition–elimination 
catalyzed by anthranilate synthase 

   
                  (5-85) 

It is stable enough to be synthesized chemically,283 
and when it was mixed with NH4

+ and anthranilate 
synthase from Serratia marcescens, the enzyme 
could convert the synthetic compound to anthranilate 
in an elimination that displayed a limiting rate of 

600 nmol min-1 mg-1 and a Michaelis constant for 
chorismate of 0.1 mM. The corresponding rate 
constants for chorismate at saturating NH4

+ were 
500 nmol min-1 mg-1 and 0.1 mM. These observa-
tions demonstrated that the synthetic intermedi-
ate is kinetically competent. Furthermore, when a 
mutant of the enzyme from S. enterica, in which 
Histidine 398 had been changed to methionine to 
decrease the rate of the elimination in the second 
step of the enzymatic reaction (Equation 5-85), was 
mixed with chorismate for 3 h, enol ether 5-63 
could be isolated from the solution,284 and at 0 ªC, 
the wild-type enzyme produces enol ether 5-63 
and releases a portion of it into the solution.285 
 Unsaturated enol 5-64 (see Equations 4-416 
and 4-417) 

                  (5-86) 

that is the intermediate in the reaction catalyzed by 
steroid D-isomerase has been synthesized.286 The 
enzyme from Comamonas testosteroni converts the 
synthetic intermediate (Int) to a mixture of the two 
steroids that are substrates for the enzyme with a 
specificity constant, kInt, of 230 mM-1 s-1 which is 
indistinguishable from the specificity constant, kD5, 
of 210 mM-1 s-1 for the conversion of androst-
5-ene-3,17-dione (D5) to androst-4-ene-3,17-dione. 
Again, the synthetic intermediate is kinetically 
competent. 
 In many instances, however, a synthetic com-
pound that is identical to an actual noncovalent 
intermediate is not kinetically competent when 
added to the enzyme and the remainder of the sub-
strates required for enzymatic activity. One reason 
for this failure is that, to protect the normally 
formed intermediate from hydrolysis, dissociation, 
or another alteration that would occur in a partially 
aqueous environment, the active site of the enzyme 
closes around the substrates to shield them almost 
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completely from the solution before the intermedi-
ate is formed. Another reason is that, to prevent its 
undesired rearrangement or decomposition, the 
intermediate, after it is formed, is tightly circum-
scribed by the active site. In such instances, it can 
be difficult for the intermediate, when it is present 
in the solution, necessarily without a complete set 
of reactants, to effect the same rearrangements of 
the active site that occur in the normal sequence of 
events when a complete set of reactants binds to 
the active site. 
 Formate—tetrahydrofolate ligase 

                  (5-87) 

has formyl phosphate as an intermediate in its reac-
tion 

         
                  (5-88) 

Formyl phosphate is unstable and is rapidly hydro-
lyzed in solution at neutral pH. Presumably this 
unstable intermediate is protected from counter-
productive hydrolysis by the active site. Electron 
density for formyl phosphate and MgADP- has 
been observed in the active site of the enzyme from 
Moorella thermoacetica crystallized in the presence 
of MgATP2- and formate but in the absence of tetra-
hydrofolate.287 In the absence of tetrahydrofolate, 
the enzyme from Clostridium cylindrosporum 
slowly releases formyl phosphate, formed at its 
active site, into the solution.288 These observations 
are evidence that formyl phosphate is a genuine 
noncovalent intermediate. 
 When synthetic formyl phosphate, however, is 
mixed with the enzyme in the presence of MgADP– 
and tetrahydrofolate, both 10-formyltetrahydrofolate  
 

(Equation 5-87 in the forward direction) and 
MgATP2- (Equation 5-87 in the reverse direction) 
are produced, but the catalytic constants k0 for the 
respective rates of their production from formyl 
phosphate were only 3% and 1% of the catalytic 
constants for their rates of production from the 
usual substrates for the enzyme.289 Carbamoyl 
phosphate 

 

resembles formyl phosphate and is mistaken by the 
enzyme for formyl phosphate. The enzyme catalyzes 
phosphotransfer from carbamoyl phosphate to 
MgADP- to form MgATP2- (the reverse of Equation 
5-88), consistent with the role of formyl phosphate 
as an intermediate in the enzymatic reaction,290 
but again the rate of the unnatural reaction is only 
about 1% that of the reaction of HOPO3

2- and 
10-formyltetrahydrofolate with MgADP- to form 
MgATP2-.  
 The purpose for producing formyl phosphate 
as an intermediate is to activate the carboxy group 
by providing an excellent leaving group. This activa-
tion permits formate to form the anilide in a nucleo-
philic substitution with a poor nucleophile 

    (5-89) 

The nucleophile is a poor one (pKa = -1.25) because 
the pair of electrons on the exocyclic nitrogen of 
the anilino group is withdrawn into the p system of 
the phenyl group. This delocalization positions the 
pair of electrons in a molecular orbital perpendicular 
to the plane of the phenyl ring rather than residing 
in an sp3 atomic orbital on the nitrogen as it would 
in an amino group. 
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 Analogues for intermediates of high energy 
can be used as evidence for the existence of that 
intermediate in an enzymatic reaction. It has already 
been noted that analogues for intermediates of high 
energy (Table 3-7) are often competitive inhibitors 
with high affinity for the active sites of enzymes, 
and several examples of such analogues have already 
been presented and discussed at length. The earlier 
discussion focused on these inhibitors as evidence 
for the proposal that the active sites of enzymes are 
constructed to bind intermediates of high energy 
tightly and thereby lower the free energy required 
to produce these intermediates at the active site. 
Another view of such observations is that if a particular 
compound has been designed to mimic a postulated 
intermediate in a proposed mechanism for the enzy-
matic reaction, the fact that it binds tightly to the 
active site is evidence for the existence of that inter-
mediate. For example, the inhibition of bovine 
adenosine deaminase by (6S)-6-hydroxy-1,6-dihydro-
purine ribonucleoside (5-66) 

 

with competitive inhibition constant of 0.2 pM, is 
strong evidence that the noncovalent intermediate 
in the enzymatic reaction (see Figure 3-36) is tetra-
hedral intermediate 5-67.291-293 
 2-Carboxy-∂-arabinitol 1,5-bisphosphate (5-68) 

 

is an inhibitor of ribulose-bisphosphate carboxylase 
from Spinacia oleracea with a dissociation constant 
around 0.2 pM.294,295 This observation is one fact 
providing evidence for the existence of 2-carboxy-
3-oxo-∂-arabinitol 1,5-bisphosphate (5-69) as the 
noncovalent intermediate296 preceding the retro-
Claisen condensation catalyzed by ribulose-
bisphosphate carboxylase (previously Equation 
4-173) 

 
                  (5-90) 

that produces two molecules of 3-phospho-
∂-glycerate. Intermediate 5-69 is formed from 
∂-ribulose 1,5-bisphosphate at the active site by an 
isomerization analogous to the one catalyzed by 
triose-phosphate isomerase, followed by a nucleo-
philic addition of the resulting cis-enediolate to 
carbon dioxide. When the enzyme from S. oleracea 
was mixed with CO2 and ∂-ribulose 1,5-bisphos-
phate and then denatured with acid after 0.3 s and 
the resulting solution was reduced immediately 
with NaBH4, both 2-carboxy-∂-arabinitol 1,5-bisphos-
phate (5-68) and 4-carboxy-∂-arabinitol 1,5-bisphos-
phate, the two products expected from nonstereo-
specific reduction of intermediate 5-69 at the central 
carbonyl group, were identified as products in 7% 
yield relative to the concentration of active sites.297 
The reduction produces the diastereomeric mix-
ture because it occurs nonstereospecifically after 
intermediate 5-69 has been ejected from the active 
site by acidic denaturation, so the fact that both 
diastereomers are present is evidence for the exist-
ence of the noncovalent intermediate. There are 
crystallographic molecular models of analogue 
5-68 of the noncovalent intermediate, in the active 
sites of ribulose-bisphosphate carboxylases from 
S. oleracea (Figure 3-53),298,299 Rhodospirillum 
rubrum,300 and Synechococcus.301 
 Analogue 5-68 is a far more potent inhibitor 
(Kd = 0.2 pM) of the enzyme than its epimer 2-carboxy-
∂-ribitol 1,5-bisphosphate (Kd = 1 mM).294,302 Both 
inhibitors have the same stereochemistry at carbons 3 
and 4 as ∂-ribulose 1,5-bisphosphate. The only dif-
ference between them is the stereochemistry at 
carbon 2, and the large difference in their dissocia-
tion constants, as well as the stereochemistry of the 
products of reduction of the ejected intermediate, 
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identifies the stereochemistry of the nucleophilic 
addition of the cis-enediolate to CO2 (Equa-
tion 5-90) during the enzymatic reaction. 
 The fact that (R)-difluoromethylketal phos-
phate 5-70 

 

is a competitive inhibitor with a high affinity 
(Ki = 4 nM)303 for the active site of 3-phospho-
shikimate 1-carboxyvinyltransferase (see Equation 
4-321; previously Problem 4-26) 

       
                  (5-91) 

from Petunia hybrida has been presented as evi-
dence that (S)-methylketal phosphate 5-71* is an 
intermediate in the reaction catalyzed by the enzyme 
(previously Equation 4-414) 

                                     
*The two fluorines invert the stereochemical designation. 

                  (5-92) 

(S)-Methylketal phosphate 5-71 has been synthe-
sized; and when it was mixed with the enzyme, it 
was converted to a 3:1:1 mixture of the substrates 
5-O-(1-carboxyvinyl)-3-phosphoshikimate (product 
of Equation 5-91) and phosphoenolpyruvate and 
3-phosphoshikimate (reactants in Equation 5-91), 
as expected for a noncovalent intermediate in the 
reaction.304 
 The facts that (S)-difluoromethylketal phosphate 
is a weaker competitive inhibitor (Ki = 75 nm)303 
and that (R)-methylketal phosphate is not converted 
to substrates by the enzyme304 verify the stereo-
chemistry of the actual intermediate in the enzymatic 
reaction. 
 There is a crystallographic molecular model of 
(R)-difluoromethylketal phosphate 5-70 occupying 
the active site of 3-phosphoshikimate 1-carboxy-
vinyltransferase from E. coli,305 and noncovalent 
intermediate 5-71 has been observed crystallo-
graphically in the active site of an inactive mutant 
of the enzyme from E. coli—in which the catalytic 
acid, Aspartate 313, had been changed to alanine—
when it was crystallized in the presence of 3-phospho-
shikimate and phosphoenolpyruvate,306 When the 
enzyme from Streptococcus pneumoniae was crystal-
lized from a solution containing 3-phosphoshikimate 
and (Z)-3-fluorophosphoenolpyruvate, electron 
density for the monofluoromethylketal phosphate 
analogue of 5-70 was found in the active site of the 
enzyme.307 
 When 3-phosphoshikimate 1-carboxyvinyltrans-
ferase from E. coli was mixed at high concentration 
with an equimolar amount of shikimate 3-phosphate 
and 2 mM phosphoenolpyruvate and 5 mM phos-
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phate, an equilibrium was established on the active 
site in which intermediate 5–71 comprised 30% of 
the several bound reactants308 and from which, upon 
alkaline denaturation of the protein, ketal phos-
phate 5-71 could be isolated and identified by 
nuclear magnetic resonance spectroscopy.309 When 
a solution (450 mL) containing 12 mM shikimate 
3-phosphate and a 3.4 mM concentration of active 
sites for 3-phosphoshikimate 1-carboxyvinyltrans-
ferase from E. coli was mixed with a solution (21 mL) 
containing 267 mM [2-13C]phosphoenolpyruvate 
(final concentration 12.5 mM) or a solution (450 mL) 
containing 4 mM shikimate 3-phosphate and a 
1.1 mM concentration of active sites was mixed 
with a solution (8 mL) containing 244 mM [3-13C]phos-
phoenolpyruvate (final concentration 4.3 mM), 
additional absorptions appeared in the nuclear 
magnetic resonance spectra that were assigned to 
the respective carbons-13 in intermediate 5-71, 
bound at equilibrium in the respective active 
sites.310 
 When ketal phosphate 5-71, isolated from the 
active site of 3-phosphoshikimate 1-carboxyvinyl-
transferase from E. coli by alkaline denaturation, 
was mixed with fresh enzyme, it was converted to 
substrates at a rate (120 s-1)311 close to the rate 
(420 s-1) at which the intermediate was calculated 
to decompose to substrates of the enzymatic reac-
tion.308 
 From all these observations, it has been con-
cluded that the first step of the reaction catalyzed 
by 3-phosphoshikimate 1-carboxyvinyltransferase 
(Equation 5-91) is nucleophilic addition of the 
5-hydroxy group of 3-phosphoshikimate to carbon 2 
of phosphoenolpyruvate to produce ketal phos-
phate 5-71. This rather unusual nucleophilic addition, 
which is not stabilized in any usual manner, appears 
to be an inescapable conclusion. The concerted 
addition of a hydron to carbon 3 of phosphoenol-
pyruvate during nucleophilic addition of the 
5-hydroxy group or the initial hydronation of carbon 3 
to produce a carbenium ion at carbon 2 must be 
required to avoid formation of a primary carbanion 
at carbon 3, which would result from unassisted 
addition of the 5-oxido group of the conjugate base 
of 3-phosphoshikimate. 
 The fact that a minor side product of the en-
zymatic reaction is ketal 5-72 

        
                  (5-93) 

suggests that phosphate leaves from intermediate 
5-71 to produce oxocarbenium ion 5-73 as an 
intermediate before a hydron is removed from the 
methyl group to form the desired product.312,313 It 
is possible, however, that ketal 5-72 is the result of 
an intramolecular concerted nucleophilic substitu-
tion at the tertiary carbon of intermediate 5-71. 
 The related enzyme314 UDP-N-acetylglucosamine 
1-carboxyvinyltransferase (20% identity; 2.6 gap per-
cent) catalyzes addition of the 3-hydroxy group of 
UDP-N-acetylglucosamine to phosphoenolpyruvate 
and the subsequent elimination of phosphate. 
Chemical and crystallographic evidence has been 
presented for an intermediate in this enzymatic 
reaction that is analogous to methylketal phosphate 
5-71.315-317 
 
 Noncovalent intermediates are also formed 
by substrate-assisted catalysis. Enzymes such as 
chymotrypsin (Figure 3-6), 4-a-glucanotransferase 
(5-11), cellulase (5-14), and alkaline phosphatase 
(Equation 5-33) have covalent intermediates in 
their enzymatic reactions. Each of these covalent 
intermediates is formed by a nucleophilic substitu-
tion in which the electrophile is an atom in a sub-
strate and the nucleophile is a heteroatom in the 
side chain of an amino acid in the active site. In 
other instances, however, the nucleophile used in 
analogous enzymatic reactions is a functional group 
in the substrate itself rather than in the enzyme, 
such as the 2¢-hydroxy group on the substrate for 
ribonuclease (Figure 4-46). A noncovalent intermedi-
ate, such as 2A,3A-cyclic phosphate in the cleavage of 
RNA by ribonuclease, results from this intramolecular 
substrate-assisted catalysis. 
 b-N-Acetylhexosaminidase catalyzes hydrolysis 
of an N-acetylgalactosamine or N-acetylglucosamine 
from the nonreducing end of an oligosaccharide. 
The fact that thiazoline 5-74318 
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                     (5-94) 

is a competitive inhibitor (Ki = 70 nM) of the human 
enzyme319 is evidence that b-N-acetylhexosamin-
idase catalyzes its reaction by intramolecular con-
certed nucleophilic substitution of the hydroxy 
group of the adjacent saccharide at the reducing 
end of N-acetylgalactosamine or N-acetylglucos-
amine by the acyl oxygen of its N-acetyl group 
(Equation 5-94) with oxazoline 5-75 as a noncovalent 
intermediate. 
 In crystallographic molecular models of thia-
zoline 5-74 in the active sites of isoenzymes of 
human b-N-acetylhexosaminidase and a bacterial 
homologue, the carboxy groups homologous to 
that of Aspartate 233 in the human A isoenzyme 
form hydrogen bonds to the respective imino nitro-
gens of the inhibitor.320-322 These facts identify that 
carboxy group as the one performing two roles. 
First, it acts as the catalytic base required to remove 
the hydron from the 2-imino nitrogen of the sub-
strate (pKa = 17) to increase sufficiently the nucleo-
philicity of the acyl oxygen in the nucleophilic 
substitution. Second, it acts as a catalytic acid (right 
side of Equation 5-94) to hydronate the imino nitro-
gen to make the oxygen a better leaving group in 
the second concerted nucleophilic substitution of 
the hydroxy group of a molecule of water for the acyl 
oxygen of the acetyl group to complete the hydrolysis. 
 Protein O-GlcNAcase from B. thetaiotaomicron 
is an enzyme that hydrolyzes an N-acetylglucosamine 
from a serine in a glycoprotein by substrate-
assisted catalysis through the same oxazoline 
(5-75) as the one formed in the active site of 
b-N-acetylhexosaminidase.319 When Aspartate 242, 
the aspartate that acts as a catalytic base and then a 
catalytic acid at the imino group of N-acetylglucos-
amine in the active site of this enzyme, is mutated 
to asparagine, oxazoline 5-75 can be seen in the 
map of electron density for the active site computed 
from the diffraction of a crystal of the enzyme that 
had been mixed with an N-acetylglucoside with a 
good leaving group.323 The fact that oxazoline 5-75 

is observed in the active site in the mutant but not 
in the wild type implies that the importance of 
hydronation of its nitrogen to create a leaving group 
capable enough to participate in a nucleophilic 
substitution that breaks the oxazoline, which 
should be quite stable, is significantly greater than 
the need to dehydronate the imino group during 
formation of the oxazoline. 
 Phosphoinositide phospholipase C hydrolyzes 
the phosphodiester in 1-phosphatidyl-1∂-myo-ino-
sitol.324 The enzyme from B. cereus converts 
1-phosphatidyl-1∂-myo-inositol (5-76) to 1,2-diacyl-
sn-glycerol and 1∂-myo-inositol 1,2-cyclic phos-
phate (5-77), which are both released from the active 
site, and then the enzyme slowly hydrolyzes the 
1∂-myo-inositol 1,2-cyclic phosphate to 1∂-myo-ino-
sitol 1-phosphate 

     
                  (5-95) 

This behavior is analogous to the reaction cata-
lyzed by ribonuclease (previously Equation 4-364) 
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      (5-96) 

Bovine phosphoinositide phospholipase C, however, 
produces 90% 1∂-myo-inositol 1-phosphate and 
10% 1∂-myo-inositol 1,2-cyclic phosphate, and it 
does not hydrolyze the 1∂-myo-inositol 1,2-cyclic 
phosphate once it has been released into the solu-
tion.325 Electron density for the inhibitor 1∂-myo-ino-
sitol-2-methylene-1,2-cyclic phosphonate (5-78), a 
stable analogue of 1∂-myo-inositol 1,2-cyclic phos-
phate, has been located in the active site of a crys-
tallographic molecular model of phosphoinositide 
phospholipase C from R. norvegicus.324 All these 
results suggest that, in the active site of the enzyme 
from mammals such as B. taurus and R. norvegicus, 
1∂-myo-inositol 1,2-cyclic phosphate (5-77) is a 
noncovalent intermediate in the enzymatic reaction 
that remains bound in the active site and that is 
converted, almost exclusively, into 1∂-myo-inositol 
1-phosphate, the major product of the enzymatic 
reaction (Equation 5-95). 
 
 Ketones or ketimines transiently formed from 
alcohols or amines, respectively, are noncovalent 
intermediates in a number of enzymatic reactions. 
In most of these instances, a prosthetic NAD+, tightly 
bound at the active site, oxidizes a secondary alcohol 
or internal primary amine that is the reactant to 
produce the respective ketone or ketimine as an inter-
mediate. This intermediate then undergoes a trans-
formation, and the resulting, transformed ketone or 
ketimine is then reduced by NADH to a secondary 
alcohol or primary amine on the same carbon on 
which it was in the reactant. In the process, the 
prosthetic NAD+ is regenerated. For example, in the 
active site of ADP-glyceromanno-heptose 6-epimerase 

 
                  (5-97) 

the prosthetic NAD+ removes the hydride from the 
secondary alcohol at carbon 6 of the b-¬-glycero-
manno-heptosyl group, oxidizing it to the ketone, 
and then the prosthetic NADH reduces the ketone 
by adding a hydride to the face opposite from the 
one from which the hydride was removed.326 The 
ketone formed by the oxidation leaks slowly from 
the active site, while ADP-glyceromanno-heptose 
6-epimerase from E. coli is turning over, and the 
ketone can be trapped with phenylhydrazine.327 In 
the active site of the enzyme, however, there seems 
to be enough room for the ketone at carbon 6 to flip 
over as a result of rotation about the bond between 
carbons 5 and 6, dragging along the hydroxymethyl 
group, and the ketone then can be reduced from 
the other face to complete the epimerization most 
of the time before the intermediate ketone can escape 
from the active site.328,329 
 In the active site of UDP-glucose 4-epimerase 
(previously Equation 3-422)330 

 
                  (5-98) 

the tightly bound NAD+ oxidizes UDP-∂-galactose 
to UDP-4-oxo-∂-glucopyranoside 
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UDP-4-Oxoglucopyranoside 5-79 pivots in the 
active site,331 and then the NADH reduces it to 
UDP-∂-glucose. 
 There are several observations consistent with the 
existence of UDP-4-oxoglucopyranoside 5-79 as a 
noncovalent intermediate in the enzymatic reaction. 
When either UDP-∂-glucose or UDP-∂-galactose is 
mixed with the enzyme from E. coli, a portion of 
the bound NAD+ is reduced to NADH.332 When 
TDP-4-oxo-6-deoxy-∂-glucose is mixed with enzyme, 
the prosthetic group of which has been reduced to 
NADH, TDP-4-oxo-6-deoxy-∂-glucose is reduced 
to a mixture of TDP-6-deoxy-∂-glucose and 
TDP-6-deoxy-∂-galactose.333 When high concen-
trations of the enzyme are mixed with UDP-∂-galac-
tose and Na[3H]BH4 is subsequently added, the inter-
mediate UDP-4-oxo-∂-hexose 5-79 can be trapped 
as a mixture of UDP-[4-3H]-∂-glucose and 
UDP-[4-3H]-∂-galactose.334,335 Crystallographic 
molecular models of the NADH form of the enzyme 
from E. coli in a mismatched, inactive complex with 
UDP-∂-glucose336 and in a mismatched, inactive 
complex with UDP-∂-galactose331 define the flip 
that the intermediate UDP-4-oxo-∂-hexose 5-79 
performs (Equation 5-98). This conformational 
change is the only transformation the intermediate 
undergoes between the oxidation and the subsequent 
reduction, as is the conformational change on a 
much smaller scale in the epimerization catalyzed 
by ADP-glyceromanno-heptose 6-epimerase (Equa-
tion 5-97). 
 A related enzyme (25% identify, 2.7 gap per cent), 
CDP-paratose 2-epimerase from Yersinia pseudo-
tuberculosis, catalyzes the epimerization of 
CDP-∂-paratose (CDP-3,6-dideoxy-∂-glucose) at 
carbon 2 instead of carbon 4. It does so, however, 
by oxidizing carbon 4 to the ketone, as might be 
expected from its similarity, but then performing a 
retroaldol condensation between carbons 2 and 3 
followed by an aldol condensation, after the aldehyde 
at carbon 2 has flipped over, to produce the other 
epimer at carbon 2.337 Oxidation to the ketone 
permits the retroaldol and aldol condensations to 
occur. 
 The reaction catalyzed by CDP-paratose 
2-epimerase illustrates the fact that the production 
of a ketone as an intermediate by a prosthetic 
NAD+ opens up all the chemistry available to a 
carbonyl group, such as the acidity of its a carbon, 
elimination from its b carbon, nucleophilic addi-
tion, aldol and retroaldol condensations, and Claisen 
and retro-Claisen condensations. For example, 
adenosylhomocysteinase exploits the acidity of the 

a carbon of the ketone produced as an intermediate 
in its enzymatic mechanism to set up elimination 
of a poor leaving group (Figure 5-2). 
 6-Phospho-b-glucosidase from T. maritima338 
uses a similar b-elimination 

    
                  (5-99) 

in which a molecule of water substitutes in reverse 
for the hydroxy group on the alcohol that is the 
leaving group. This mechanism is an alternative to 
the usual mechanisms for hydrolysis of a glycoside. 
The chemical evidence for this alternative mecha-
nism includes a requirement for catalytic amounts 
of NAD+ (1 mM) for catalysis; the appearance of 
deuterium at carbon 2 of the product when the 
reaction is run in D2O; the ability of the enzyme to 
exchange a deuterium for a hydrogen at carbon 2 of 
1,5-anhydroglucitol 6-phosphate, an analogue of 
the product ∂-glucose 6-phosphate; and a kinetic 
isotope effect for the substrate 4-nitrophenyl 
6-phospho-b-∂-[3-2H]glucoside.339 None of these 
observations would result from the usual mecha-
nisms for hydrolyzing glycosides in which the leaving 
group is hydronated, and a covalent intermediate 
with a carboxylato group from the active site at 
carbon 1 may or may not form. 
 Ornithine cyclodeaminase, which catalyzes a 
formal nucleophilic substitution of an amino group 
for ammonia at the a carbon of ¬-ornithine, proceeds 
through nucleophilic substitution at an iminium 
ion 
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                (5-100) 

The enzyme contains a tightly bound, prosthetic 
NAD+. Upon addition of ¬-ornithine to ornithine 
cyclodeaminase from Clostridium sporogenes, a 
portion of the NAD+ is reduced to NADH.340 In the 
crystallographic molecular model of the mismatched 
complex between the enzyme from Pseudomonas 
putida and NADH and ¬-ornithine, carbon 2 of 
¬-ornithine and carbon 4 of nicotinamide are in the 
proper orientation for transfer of a hydride, and 
they are only 0.38 nm apart.341 In the reaction cata-
lyzed by the enzyme, the d nitrogen of ¬-ornithine 
is retained in ¬-proline.340 All these results are con-
sistent with formation of 3,4-dihydro-2H-pyrrole-
5-carboxylic acid (5-80) as a noncovalent interme-
diate in the enzymatic reaction (Equation 5-100) by 
nucleophilic addition to the intermediate imine. In 
this reaction, a hydride is removed from and returned 
to the same carbon with the same stereochemistry, 
so the only role of the oxidation is to produce the 
imine and exploit its capabilities. 
 The 2-dehydro-1∂-myo-inositol 3-phosphate 
(5-81), produced as a noncovalent intermediate in 
the conversion of ∂-glucose 6-phosphate to 
1∂-myo-inositol 3-phosphate catalyzed by inositol-
3-phosphate synthase (see Equation 4-179) 

  
                (5-101) 

is the product of carbon–carbon bond formation by 
an aldol condensation enabled by the initial oxida-
tion of ∂-glucose 6-phosphate at carbon 5 by the 
prosthetic NAD+. Noncovalent intermediate 5-81 
can be trapped nonstereospecifically342 from the 
active site of the enzyme from R. norvegicus with 
NaB3H4 before it can be reduced stereospecifically 
in the normal reaction to 1∂-myo-inositol 
3-phosphate by the prosthetic NADH 

  
                (5-102) 

that is the product of the initial oxidation of 
∂-glucose 6-phosphate (Equation 5-101). The lack 
of stereospecificity in the reaction with NaB3H4 
demonstrates that it was noncovalent intermediate 
5-81 that was reduced because, as usual, the product 
of the enzymatic reduction is stereospecific. 
 2-Dehydro-1∂-myo-inositol 3-phosphate (5-81) 
has been synthesized. It is a competitive inhibitor 
(Ki = 4 mM) of the enzyme from S. cerevisiae when 
the prosthetic group is NAD+, but it is converted to 
the product of the enzymatic reaction, 1∂-myo-ino-
sitol 3-phosphate, when the prosthetic group in the 
active site is NADH.343 When crystals of the enzyme 
from Archaeoglobus fulgidus are mixed with the 
substrate ∂-glucose 6-phosphate and NAD+ and 
heated at 80 ªC for 15 min in the absence of Mg2+, 
electron density corresponding to NADH and the 
ketone 5-dehydro-∂-glucose 6-phosphate (5-82) 
could be observed in the active site of the enzyme.344 
In this instance, the absence of Mg2+, a cofactor for 
the enzyme, prevents the aldol condensation from 
occurring. In the crystallographic molecular model, 
carbon 4 of nicotinamide and carbonyl carbon 5 of 
5-dehydro-∂-glucose 6-phosphate are in the proper 
orientation for hydride transfer, and they are only 
0.35 nm apart, so the ketone and NADH must repre-
sent the more favored participants in that particular 
equilibrium. 
 Instead of using NAD+ to oxidize an alcohol or 
amine to a ketone or ketimine, respectively, phospho-
pantothenoylcysteine decarboxylase uses a prosthetic 
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flavin mononucleotide345 to oxidize a thiol to a thio-
aldehyde346 

  
                (5-103) 

The 1-carboxythioaldehyde is easily decarboxylated, 
in contrast to the thiol. A hydron then replaces the 
carboxy group, and the decarboxylated thioaldehyde 
is reduced back to the thiol to produce pantotheine 
4A-phosphate. One piece of evidence for this mech-
anism is that the analogue of the substrate with a 
cyclopropyl group at carbon 2 of the cysteinyl 
group is an active-site label for human phospho-
pantothenoylcysteine decarboxylase. This ability 
requires that the thiol be oxidized to the thioalde-
hyde to make the cyclopropyl group an effective 
electrophile.347 
 Lactate racemase from Lactiplantibacillus 
plantarum equilibrates (S)-lactate and (R)-lactate. 
The active site contains a prosthetic Ni2+ that is 
coordinated by a derivative of nicotinamide mono-
nucleotide. One ligand to the Ni2+ is carbon 4 of the 
nicotinamide ring.348 The nicotinamide is still reduced 
by a hydride, and it seems as though the nickel is 
simply a rather complex substitute for the usual 
hydrogen atom at carbon 4 of nicotinamide 

  
                (5-104) 

The active site racemizes lactate by using the deriv-
ative of nicotinamide mononucleotide to remove a 
hydride to form pyruvate as an intermediate and 
then add the hydride to the opposite side of the 
carbonyl carbon in the pyruvate. Pyruvate (in a 
constant ratio of greater than 0.30 mole fraction 
relative to competent active sites) has been isolated 
upon quenching a solution in which (S)-lactate and 
(R)-lactate were being equilibrated.348 As might be 
expected, regardless of the mechanism of racemi-
zation, a deuterium kinetic isotope effect (2.2) was 
observed for the racemization of either (S)-[2-2H]lac-
tate or (R)-[2-2H]lactate.  
 
 Enamines, enols, and enolates, the conjugate 
bases of enols, are common noncovalent heterolytic 
intermediates in enzymatic reactions. 

          
                 (5-105) 

This widespread behavior has already been discussed 
from a mechanistic standpoint. Several strategies 
have been used to provide chemical evidence for 
their existence. 
 In some instances, the enol that is the inter-
mediate can be synthesized. For example, enolpyru-
vate, the enol of pyruvate, is unstable in solution 
relative to the ketone (Figure 1-23) 
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                  (5-106) 

but the enol can be generated rapidly by treatment 
of phosphoenolpyruvate with alkaline phosphatase349 
or by fluorolysis of 2-[(trimethylsilyl)oxy]propenoic 
acid trimethylsilyl ester350 

 
                  (5-107) 

The lifetime of enolpyruvate (4 min at pH 6.4 and 
20 ªC) is long enough that it can be examined as an 
intermediate in an enzymatic reaction. 
 The biotinyl enzyme methylmalonyl-CoA 
carboxytransferase 

 
                (5-108) 

transfers a carboxy group from (S)-methylmal-
onyl-SCoA to pyruvate by using a prosthetic biotinyl 
group as the carrier between the active site respon-
sible for decarboxylating (S)-methylmalonyl-SCoA 
and the active site responsible for carboxylating 
pyruvate, and vice versa. When methylmalonyl-CoA 
carboxytransferase from Propionibacterium freuden-
reichii is present in a solution made from 2H2O, in 
which either (Z)-[3-3H]enolpyruvate or (E)-[3-3H]enol-
pyruvate is then generated rapidly, the enzyme cata-
lyzes the stereospecific conversion of the respective 
enolpyruvate to [3-3H,3-2H]pyruvate by deutero-
nating its 2-Si face in a reaction requiring the pres-
ence of (S)-methylmalonyl-SCoA, which itself does 
not participate in the deuteronation.351 This ability 
of the enzyme to accept enolpyruvate as a reactant 
and stereospecifically add a deuteron is consistent 
with the participation of enolpyruvate as an inter-
mediate in the enzymatic reaction occurring at the 

active site in the enzyme responsible for carboxy-
lating the pyruvate* 

  
                (5-109) 

Crystallographic molecular models of the same active 
site, occupied in turn by pyruvate and oxaloacetate, 
suggest that the carboxy group is transferred from 
the biotinyl group to the amino group of Lysine 184 
to produce an N6-carboxylysine, which becomes a 
ligand to a prosthetic Zn2+, before the carboxy 
group is transferred to the enolpyruvate.352 
 A related (31% identity; 1.5 gap percent) enzyme, 
pyruvate carboxylase from Rhizobium etli, performs 
the same carboxylation in an almost identical active 
site. Crystallographic molecular models of two active 
sites, one occupied by pyruvate and the other by 
biotin, suggest that the anionic conjugate base of 
the nitrogen in the ureylene of the biotin, the same 
one from which the carboxy group was just trans-
ferred to Lysine 184, provides the base that removes 
the hydron from pyruvate to form the enolate of 
enolpyruvate.353 Its basicity is relayed through a 
threonine that is at the same location in the active 
sites of both pyruvate carboxylase and methyl-
malonyl-CoA carboxytransferase. There is also an 
N6-carboxylysine at the same location in the active 
site of pyruvate carboxylase from R. etli as that occu-
pied by the one in methylmalonyl-CoA carboxy-
transferase. 

                                     
*The mechanism, as written, does not involve a deuterium, but 
if it were proceeding in 2H2O with phosphoenolpyruvate as the 
reactant, deuterium would be added stereospecifically to 
phosphoenolpyruvate by reversal of the first step because there 
would be a deuterium in the active site on threonine.  
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Figure 5-7: Intermediates in the reaction catalyzed by 
kynureninase. (A) Steps in the mechanism. (i) The external 
pyridoximine of ¬-kynurenine is formed from an internal pyridox-
imine of the prosthetic pyridoxal 5¢-phosphate by transimination 
(Figure 2-2), and the imine of pyridoxamine 5¢-phosphate and 
2,4-dioxo-4-(o-aminophenyl)butanoic acid is then produced 
by tautomerization (Equations 2-4 and 2-21). (ii) A molecule 
of water then adds nucleophilically to the former carbonyl of 
¬-kynurenine, and a hydron is removed from the resulting hydro-
nated hydroxy group to yield the tetrahedral intermediate. (iii) 
N-Pyridoxylenamine 5-83 then leaves from the tetrahedral 
intermediate to produce anthranilate. (iv) Upon hydronation 

of the methylene carbon of N-pyridoxylenamine 5-83 (not 
shown), the imine of pyridoxamine 5¢-phosphate and pyruvate 
is produced; the external imine of pyridoxal 5¢-phosphate and 
¬-alanine is then formed  by the usual tautomerization; and 
¬-alanine is released by transimination. (B) N-Pyridoxylen-
amine 5-83 can be trapped by its addition to the carbonyl of 
benzaldehyde added to the solution to produce the secondary 
alcohol. 2-Amino-4-hydroxy-4-phenylbutanate is released 
from the adduct by transimination. The production of 2-amino-
4-hydroxy-4-phenylbutanate is a signature of the intermediacy 
of N-pyridoxylenamine 5-83 in the enzymatic reaction. 
 

 
 When phosphoenolpyruvate carboxylase from 
Zea mays, which is neither a biotinyl enzyme nor 
related to biotinyl carboxylases, is reconstituted with 
unphysiological, prosthetic metallic cations such as 
Ni2+ and Co2+ that stabilize the intermediate 
enolpyruvate and decrease the rate of carboxylation, 
enolpyruvate leaks out of the active site and can be 
trapped as pyruvate.354 

 
 Enamines and enolates are electron-rich nucleo-
philes, and when one is an intermediate in an enzy-
matic reaction, it can be trapped by an electrophile. 
For example, N-pyridoxylenamine 5-83, formed 
from ¬-kynurenine following the dissociation of 
anthranilate during the retro-Claisen condensation 
catalyzed by kynureninase (Figure 5-7) from Pseudo-
monas marginalis, can be trapped with benzalde-
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hyde355 before it is converted to ¬-alanine, the other 
usual product of the enzymatic reaction, and the 
prosthetic pyridoxal 5¢-phosphate. The enolpyruvate 
that is an intermediate in the reaction catalyzed by 
pyruvate kinase (Figure 4-52) could be trapped as 
bromopyruvate in 2-30% yield, based on the con-
centration of active sites, when the enzyme from 
O. cuniculus is rapidly mixed with 2 M HClO4 satu-
rated with Br2, a strong electrophile.356 Pyruvate 
itself is not brominated under the same conditions. 
 Because they are electron-rich, intermediate 
enolates and enamines in enzymatic reactions have 
also been identified by their susceptibility to oxida-
tion. It has already been noted that the electron-
rich 1,2-enaminol produced between fructose-
bisphosphate aldolase and glycerone phosphate 
(Figure 4-36) can be oxidized to the imino aldehyde 
(Equation 5-44) with FeIII(CN)6

3- as well as other 
oxidants.357 Reduction of tetranitromethane in the 
presence of phosphogluconate dehydrogenase 
(NADP+-dependent, decarboxylating) from S. cere-
visiae, ribulose 5-phosphate, and NADPH is 
thought to represent oxidation of the electron-rich 
cis-enediolate that is an intermediate in the reaction 
catalyzed by the enzyme (Equation 5-76)357,358 

 

                (5-110) 

In these oxidations, the reagents used are one-electron 
oxidants that must remove electrons one at a time 
from the electron-rich enols or enamines. 
 If an analogue of a reactant is synthesized to 
incorporate a good leaving group, such as a halogen 
on the b carbon in the enolate formed as an inter-
mediate in the reaction, and if the active site will 
recognize the analogue as a reactant, then when 
the enolate forms, the leaving group next to the 
carbanionic a carbon will leave in a b-elimination 

       (5-111) 

The product of this elimination will identify the 
carbanionic carbon of the enol. Porcine propionyl-CoA 

carboxylase* converts 3-fluoropropionyl-SCoA to 
acrylyl-SCoA359 

      
                (5-112) 

a product that arises from elimination of fluoride 
from an intermediate enolate.360 In the absence of 
a good leaving group, the conjugate base of the 
substrate propionyl-SCoA, which is the interme-
diate enolate in the normal reaction catalyzed by 
the enzyme, is carboxylated by carbon dioxide that 
has been released from the N-carboxybiotin bound 
at the active site as a prosthetic group 

    
                (5-113) 

As was the case with the active site responsible for 
carboxylating pyruvate in methylmalonyl-CoA 
carboxytransferase (Equation 5-109), following 
dissociation of carbon dioxide, the anionic nitrogen 
from which carbon dioxide has just dissociated in 
the conjugate base of the biotinyl group performs 
the role of the catalytic base that removes the hydron 
                                     
*Three different enzymes, methylmalonyl-CoA carboxytrans-
ferase, propionyl-CoA carboxylase, and pyruvate carboxylase, 
contain domains that are related to each other. The domains 
responsible for the same reaction—carboxylating propio-
nyl-SCoA and decarboxylating methylmalonyl-SCoA—within 
methylmalonyl-CoA carboxytransferase from P. freudenreichii 
and porcine propionyl-CoA carboxylase are closely related 
(52% identity; 1.0 gap percent); less so are the domains in porcine 
pyruvate carboxylase and methylmalonyl-CoA carboxytrans-
ferase from P. freudenreichii responsible for carboxylating and 
decarboxylating pyruvate (31% identity; 1.4 gap percent). Both 
propionyl-CoA carboxylase and pyruvate carboxylase contain a 
domain responsible for carboxylating biotin (44% identity; 0.9 gap 
percent), a domain that does not exist in methylmalonyl-CoA 
carboxytransferase because it is not required to. These three 
enzymes are examples of subunit swapping and domain 
swapping. 
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from carbon during formation of the enolate 
(Equation 5-112), but in this instance it seems to 
remove the hydron directly rather than indirectly.360 
 In some instances, placing a group capable of 
electron withdrawal on its carbanionic a carbon, 
rather than the b carbon, stabilizes an enolate, and 
this stabilization of the enolate is evidence for its 
existence as a noncovalent intermediate. For example, 
1-deoxy-∂-xylulose-5-phosphate reductoisomerase 
from E. coli catalyzes an isomerization361 

     
                (5-114) 

that requires the enolate of 2-hydroxypropanal as 
an intermediate in an aldol condensation that pro-
duces 2-C-methyl-∂-erythritol 4-phosphate. The 
enolate of 2-hydroxypropanal in turn is derived 
from carbons 1 through 3 of 1-deoxy-∂-xylulose 
5-phosphate in a retroaldol condensation. When 
1-fluoro-1-deoxy-∂-xylulose 5-phosphate is used as 
a reactant, which places a fluoromethyl group on 
the a carbon of the enolate of 2-hydroxypropanal 
in place of its methyl group, the rate of this isomeri-
zation increases. This increase in rate was presented 
as evidence that the enolate of 2-hydroxypropanal, 
which would be stabilized by the fluoromethyl 
group on its carbanionic a carbon, is an intermediate 
in the reaction.362 
 The inhibition of an enzyme by an analogue 
of an enolate thought to be an intermediate in the 
reaction (3-53, 3-55, 3-57, 3-59, and 3-61 in 
Table 3-7) is often cited as evidence of its existence. 
For example, enzymatic addition–eliminations that 
occur adjacent to carboxylato groups, as in the case 
of phosphopyruvate hydratase (previously Equa-
tion 4-128 and see Figures 3-35 and 4-43) 

          
                (5-115) 

have been observed uniformly to proceed through 
the intermediate gem-enediolates363  

         (5-116) 

that are the tautomers of the carboxylates rather 
than through intermediate carbocations. A simple 
demonstration of this generalization is that these 
enzymes are strongly and competitively inhibited 
by the conjugate bases of nitro analogues of the 
respective enolates 

         (5-117) 

For example, the intermediate gem-enediolate 

  
                (5-118) 

formed during the dehydration of (S)-malate and 
the hydration of fumarate catalyzed by fumarate 
hydratase (previously Equation 4-226 and see Fig-
ure 4-27)364 

  
                (5-119) 

can be mimicked by the conjugate base of 3-nitro-
2-hydroxypropionate (5-84).365 The conjugate base 
of 3-nitro-2-hydroxypropionate is a competitive 
inhibitor of porcine fumarate hydratase with a disso-
ciation constant (Ki) 10,000 times smaller than the 
dissociation constant (Kd,succ) for succinate (succ), 
also a simple competitive inhibitor of the enzyme, 
and 1000 times smaller than the Michaelis constant 
(Km,mal) for (S)-malate (mal) as a reactant. 
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 Similarly, the conjugate base of 2-amino-
3-nitropropionate is a potent competitive inhibitor 
(KmAsp Ki

-1 = 200) of aspartate ammonia-lyase from 
Clostridium budayi;365 the conjugate base of 
(3-hydroxy-2-nitropropyl)phosphonate is a potent 
competitive inhibitor (Km,PGA Ki

-1 = 1000) of phospho-
pyruvate hydratase from S. cerevisiae;363 and the 
conjugate base of 2-hydroxy-3-nitro-1,2-propane-
dicarboxylate is a potent competitive inhibitor 
(Km,cit Ki

-1 = 3000) with respect to citrate (cit) for 
bovine aconitate hydratase.366 
 
 Although carbocationic intermediates are com-
mon in organic reactions under acidic conditions, 
they are usually encountered in enzymatic reactions 
only in glycosyl transfer and the biosynthesis of 
polyisoprenoids.367 In a glycosyl transfer reaction, 
carbocationic intermediates are stabilized as oxo-
carbenium ions 

 

Carbocationic intermediates involved in polyiso-
prenoid biosynthesis usually begin as allylic carbe-
nium ions 

 

 b-Galactosidase is a retaining glycosyltrans-
ferase that displays little specificity for the alcohols 
between which the galactosyl group is transferred 

   
                (5-120)  

When the enzyme processed any one of a series of 
b-galactosides in a solution of 0.25 M methanol in 
water, the products were methyl b-galactoside, 
arising from transfer to methanol (R2 = CH3), and 
∂-galactose, arising from transfer to water (R2 = H), 
in a molar ratio of 2:1, even though the ratio of 
methanol to water in the solution was 1:220.368 The 
molar ratio between the two products remained 2:1 
within the experimental error of the measurements 
when the catalytic constant k0 of the enzyme was 
varied over a 50-fold range by choosing a set of 
reactants that differed in the properties of the leaving 
group, HOR1 (Table 5-1).368 The most reasonable 
explanation for this observation is that either acceptor, 
water or methanol, reacts with the galactosyl group 
only after the leaving group has departed from the 
active site. The production of an oxocarbenium ion 
as an intermediate in the reaction 

           
                (5-121) 

would explain these observations, as would a cova-
lent galactosyl-enzyme intermediate.81 In either 
case, the acceptor, methanol or water, would be re-
acting with the same intermediate left behind by 
the departing alcohol, regardless of the particular 
galactoside used to produce that intermediate. 
 This observation with b-galactosidase again 
raises the question of whether retaining glycosyl-

Table 5-1: Ratio of Products for the Solvol-
ysis of â-Galactosides by â-Galactosidase3 6 8  

 â-galactoside   limiting ratea 

   (mmol min-1  mg -1 ) 
ratio of 

productsb 

2 -nitrophenyl 3 6 0  1 .9 7  ± 0 .0 5  

3 -nitrophenyl 3 2 7  1 .9 6  ± 0 .1 3  

3 -chlorophenyl 1 8 0  2 .0 8  ± 0 .2 4  

4 -nitrophenyl 6 9  1 .9 9  ± 0 .0 5  

phenyl 4 0  1 .9 4  ± 0 .2 0  

4 -methoxyphenyl 3 3  2 .1 4  ± 0 .1 3  

4 -chlorophenyl 7 .5  2 .0 2  ± 0 .1 6  

4 -bromophenyl 7 .0  2 .0 3  ± 0 .0 8  

aLimiting rate in the absence of methanol. All reactions were 
run at 2 5  ªC at pH 7 .5 . bRatio of methyl â-∂-galactoside to 
∂-galactose for reactions run in 0 .2 5  M methanol. 
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transferases such as b-galactosidase have an oxo-
carbenium ion or an ester as an intermediate 

 

It has already been mentioned, for example, that 
there is significant controversy over whether there 
is an oxocarbenium ion as a stabilized noncovalent 
intermediate or a ester as a covalent intermediate 
in the nucleophilic substitutions catalyzed by lyso-
zyme (Figure 3-27).64 The extreme instability of an 
oxocarbenium ion in aqueous solution369 is a point 
often mentioned in favor of the ester as a covalent 
intermediate. It is, however, also a point in favor of 
a stabilized oxocarbenium ion. The advantage of 
such a oxocarbenium ion as an intermediate is the 
fact that it would be far more reactive than ester 
5-88. Most glycosyltransferases display behavior 
consistent with an almost fully dissociative nucleo-
philic substitution.367 Formation of a covalent inter-
mediate can have only a small advantageous effect 
on the departure of the alcohol that is the leaving 
group while forming the covalent intermediate 
from a dramatically reactive intermediate that is 
formed anyway in the enzymatic reaction would be 
significantly disadvantageous for catalysis. In almost 
every glycosyltransferase, the rate of dissociation of 
the alcohol from the reactant is much slower than 
formation of the glycoside from the intermediate 
that is left behind during that dissociation. This almost 
universal observation would be consistent with an 
intermediate that is far more reactive than an ester. 
 In the active sites of retaining glycosyltransfer-
ases, there is almost always the carboxylato group 
of a glutamate or aspartate adjacent to the carbonyl 
carbon that becomes the oxocarbenium ion (bottom 
carboxylato group in Equation 5-121). Consequently, 
the question becomes whether the carboxylato 
group stabilizes an oxocarbenium ion by the effect 
of its electric field or captures it by forming a cova-
lent bond with the carbonyl carbon in a dissociative 
nucleophilic substitution. These alternatives differ 
sterically. Unless the active site is constructed in 
such a way that the carboxylato oxygen is sterically 
prevented from forming a covalent bond with the 
oxocarbenium ion, it will almost certainly do so. 
 During intramolecular catalysis of the hydrolysis 
of an enol ether or 4-nitrophenyl riboside by carboxy-

lato groups, oxocarbenium ions are intermediates 
in the absence of an adjacent carboxylato group. 
Results from observations of such reactions have 
reached different conclusions about the possibility 
of electrostatic stabilization of an oxocarbenium ion. 
In both cases, a rigid superstructure was designed 
that held the carboxylato group near the carbon on 
which the oxocarbenium ion develops but not 
close enough to form an unstrained ester with the 
carbon. In both instances, there was no evidence 
indicating that the adjacent carboxylato group was 
catalyzing the reaction nucleophilically by adding 
to the carbon to form an ester as a covalent inter-
mediate in the reaction. In the case of intramolecular 
catalysis of the 4-nitrophenyl riboside, the carboxy-
lato group was held rigidly by the superstructure at 
a distance and orientation that stringently precluded 
formation of an ester. The acceleration of hydrolysis 
of the enol ether by the nearby carboxylato group 
was 20-fold, but it was attributed to intramolecular 
acid catalysis in which the carboxy group added a 
hydron to the a carbon of the enol ether rather 
than to electrostatic catalysis.370 The acceleration 
of hydrolysis of the 4-nitrophenyl riboside was 
900-fold relative to the same superstructure in 
which the carboxylato group was replaced by a 
hydrogen, and it was proposed that at least a portion 
of this acceleration could be attributed to electro-
static catalysis.371 A problem with these observa-
tions is that both hydrolyses were followed in 
aqueous solution, a situation in which electrostatic 
interactions are minimized by the high relative 
permittivity of the solvent. In the active site of an 
enzyme, however, the relative permittivity is much 
less, a fact that would increase the effectiveness of 
electrostatic catalysis. 
 
 Chemical evidence to support the existence of 
oxocarbenium ions in the mechanisms of glycosyl-
transferases has been presented. For example, in 
the reaction catalyzed by glycogen phosphorylase, 
a retaining glycosyltransferase 

   
                 (5-122) 

the phosphate could act as the enforced acceptor 
for an oxocarbenium ion 
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                (5-123) 

from the same side to which the leaving group in 
the reaction dissociates. 2,6-Anhydro-1-deoxy-
∂-gluco-hept-1-enitol (5-89) and phosphate are 
converted to 1-deoxy-a-∂-gluco-heptulose 2-phos-
phate by phosphorylase from O. cuniculus in an 
addition in which the planar carbon–carbon double 
bond seems to be mistaken for the planar oxo-
carbenium ion372,373 

    
                (5-124) 

The existence of this reaction is consistent with the 
existence of oxocarbenium ion in the normal reaction. 
 5-Deoxy-5-amino-∂-glucose (5-90, nojirimy-
cin) 

 

is an antibiotic produced by Streptomyces that is a 
potent competitive inhibitor of glucosidases374,375 
at concentrations of 1-10 mM. It is thought that the 
ability of nojirimycin to inhibit glucosidases results 
from its resemblance to the oxocarbenium ion 
5-91 that is the common intermediate in these 
reactions. 1,5-Dideoxy-5-aminoglucopyranose, a 
stable cyclic amine, also inhibits glucosidases376 at 
concentrations of 1-10 mM, and it has been used as 
an analogue of an oxocarbenium ion in crystallo-
graphic studies of the active sites of glucosidases.377 
Cyclic amines that mimic the oxocarbenium ions 
that would be intermediates in other glycosidases 
have also been synthesized and shown to be potent 
inhibitors.378 

 Fluoro derivatives of substrates for glycosidases 
have also been synthesized. If a fluoro group occupies 
a position adjacent to the carbon of an oxocarbenium 
ion that is an intermediate in an enzymatic reaction, 
its ability to withdraw electron density strongly 
should destabilize that intermediate. For example, the 
fact that GDP-2-deoxy-2-fluoro-b-¬-fucose is a revers-
ible, competitive inhibitor of the substrate GDP-b-¬-
fucose for human glycoprotein 3-a-¬-fucosyltrans-
ferase, with an inhibition constant of 4 mM, rather 
than being a substrate itself, suggests that an oxo-
carbenium ion, which should be destabilized by the 
adjacent fluorine, is an intermediate in this inverting 
glycosyltransferase379 

  
                (5-125) 

 Values of the steady-state rate constants 
k0 (KmUDPX)-1 for UDP-a-∂-galactofuranose, UDP-
a-∂-3-deoxy-3-fluorogalactofuranose, and UDP-
a-∂-2-deoxy-2-fluorogalactofuranose (where UDPX 
is the respective UDP monosaccharide) in the reaction 
catalyzed by UDP-galactopyranose mutase from 
E. coli are 1200, 6.6, and 0.51 nM-1 s-1, respectively. 
As the 3-hydroxy group is replaced by a fluorine 
and then the substitution is made closer to the glyco-
sidic carbon of the galactofuranose, the rate of the 
enzymatic reaction decreases. This trend is consistent 
with the existence of an oxocarbenium ion as a 
carbocationic intermediate in the enzymatic reac-
tion.380 
 Although all these results have been interpreted 
as evidence for the existence of oxocarbenium ions 
as noncovalent carbocationic intermediates in these 
glycosyltransferases and the mutase, they are also 
consistent with the existence of an expanded tran-
sition state with oxocarbenium character in which 
the acceptor, in inverting glycosyltransferases, or 
the carboxylato group of an aspartate or glutamate, 
in retaining glycosyltransferases, is adding as the 
leaving group is departing. 
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 Carbocationic intermediates are definitely 
produced in the active sites of enzymes catalyzing 
the biosynthesis of polyisoprenoids. For example, 
an initial enzyme in all these biosynthetic pathways 
is (2E,6E)-farnesyl diphosphate synthase381-383 

    
               (5-126) 

The reaction can be formulated as a dissociative 
nucleophilic substitution (see Figure 1-26) resembling 
that for the nonenzymatic cationic polymerization 
of alkenes at low pH. In this mechanism, a tertiary 
allylic carbenium ion is formed in the first step by 
dissociation of diphosphate, a good leaving group, 
from geranyl diphosphate 

   
                (5-127) 

which is an allylic diphosphate. Because the diphos-
phate in geranyl diphosphate is on a primary carbon 
and because addition of the alkene proceeds with 
inversion of configuration at the allylic carbon 
bearing the diphosphate, it was also possible that a 
concerted nucleophilic substitution with inversion 
of configuration could occur at the allylic carbon 
rather than a dissociative nucleophilic substitution 
with an allylic carbenium ion as an intermediate.384 
 A decision has been made between these two 
possibilities by replacing one methyl group of 
dimethylallyl diphosphate, which is also a sub-
strate for the enzyme in place of geranyl diphos-
phate, with a trifluoromethyl group.385 In model 
studies, it was shown that such a replacement 
would increase the rate of a concerted nucleophilic 

substitution by a factor of 10 but would decrease 
the rate of a dissociative nucleophilic substitution 
with an allylic carbenium ion as an intermediate by 
a factor of 106 because of the difficulty of forming 
the carbenium ion next to an electron-withdrawing 
substituent 

  

                (5-128) 

In the reaction catalyzed by porcine (2E,6E)-farnesyl 
diphosphate synthase, (trifluoromethyl)methylallyl 
diphosphate, although it is a competitive inhibitor, 
shows no reaction (k0,CF3 < 10-6k0,CH3). These results 
rule out a concerted nucleophilic substitution and 
are consistent with the existence of an allylic carbeni-
um ion in the normal reaction. 
 A series of other fluorinated derivatives of 
geranyl diphosphate were also synthesized, and it 
was shown that the rate constants for their nonen-
zymatic solvolysis at low pH, a reaction definitely 
proceeding by dissociative nucleophilic substitution 
with an allyl carbenium ion as an intermediate, 
correlated closely with the catalytic constants, k0, 
of the same compounds as reactants in the reaction 
catalyzed by (2E,6E)-farnesyl diphosphate synthase 
from G. gallus. These results also support the exist-
ence of an allyl carbenium ion as a carbocationic 
intermediate in this enzymatic reaction.386 
 The other carbocationic intermediate in the 
reaction catalyzed by (2E,6E)-farnesyl diphosphate 
synthase is the tertiary carbenium ion formed upon 
addition of the initial allylic carbenium ion to the 
carbon–carbon double bond (see Figure 1-26). A 
hydron is removed from this other carbenium ion 
to yield the other double bond in the product. Evi-
dence for the existence of this other carbocationic 
intermediate was obtained similarly by showing 
that 2,2-difluoroisopentenyl diphosphate was not 
utilized as an acceptor in the enzymatic reaction, 
even when it was incubated for a period of 3 days 
with the enzyme and geranyl diphosphate serving 
as the donor of the initially formed carbenium 
ion.387 Again, fluorination prevented the reaction 
from occurring by hindering formation of the tertiary 
carbenium ion on the acceptor. 
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Figure 5-8: Intermediates in the reaction converting 
(3S)-2,3-epoxy-2,3-dihydrosqualene (5-94) into lanosterol 
(5-102) catalyzed by lanosterol synthase.392,393 Each dissociation, 
ring closure, and 1,2-migration of s bonds, hydrogens, and 
methyl groups that consecutively form the ten intermediate 
carbenium ions is numbered in bold. Seven of the intermediate 
carbenium ions (5-95 through 5-101) are drawn. The undrawn 
carbenium ions are those produced by 1,2-migrations numbered 
5, 9, and 10. 
 
 
 
 (+)-Presqualene diphosphate (5-47) is con-
verted by squalene synthase to squalene (5-48 in 
Equation 5-65) through two cyclopropyl carbenium 
ions 5-50 and 5-51 (Equation 5-66). One set of 
observations consistent with their existence as carbo-
cationic intermediates is the fact that analogues 
5-92 and 5-93 

 

in which a primary ammonio group and a tertiary 
ammonio group respectively replaces the carbo-
cationic carbon, are effective inhibitors of squalene 
synthase from S. cerevisiae.388 Another observation 
consistent with the role of carbenium ion 5-51 as 
an intermediate is that when an inert analogue of 
NADPH is added to a solution containing the enzyme 
from S. cerevisiae and farnesyl diphosphate, so that 
the final carbenium ion 5-49 cannot be reduced to 
squalene, the tertiary alcohol arising from addition 
of water to carbenium ion 5-51 was produced by 
the enzyme in 17% yield.389,390 In the absence of 
NADPH, the enzyme converts (+)-presqualene 
diphosphate into a mixture of alcohols, which are 
products of addition of water to carbenium ion 
5-49, and a carbenium ion, which is the product of 
the immediate rearrangement of carbenium ion 
5-50.390,391 
 Lanosterol synthase produces lanosterol 
(5-102), the precursor to cholesterol, by cyclizing 
(3S)-2,3-epoxy-2,3-dihydrosqualene (5-94). The 
cyclization and rearrangement passes through ten 
carbenium ions (Figure 5-8).392-394 Chemical evi-
dence supports the existence of most of these carbo-
cationic intermediates in the enzymatic reaction. 
When Histidine 234 in lanosterol synthase from 
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S. cerevisiae is mutated to each of the other 19 amino 
acids, one at a time, the various mutants of the en-
zyme produce, from (S)-2,3-epoxy-2,3-dihydro-
squalene, in addition to lanosterol, steroids that result 
from the loss of a hydron adjacent to each of the 
carbenium ions 5-96, 5-98, 5-99, and 5-101.395,396 
When the electrophilicity of carbenium ion 5-99 is 
decreased dramatically by mutating the substrate 
synthetically to (20E)-20,21-dehydro-2,3-epoxy-
2,3-dihydrosqualene, which places a double bond 
allylic to the carbocation, further rearrangement 
ceases at this point because of the stability of the 
allylic carbenium ion, and the alcohol resulting 
from addition of water to this allylic carbenium ion is 
produced by lanosterol synthase from S. cerevisiae 
rather than lanosterol.397 When carbon 20 of 
(S)-2,3-epoxy-2,3-dihydrosqualene is replaced with 
an oxygen, the resulting oxocarbenium ion, homolo-
gous to carbenium ion 5-99, loses an allyl carbenium 
ion in the active site398 

  
                (5-129) 

and the production of the ketone by the enzyme 
from S. cerevisiae is evidence for the existence of 
carbenium ion 5-99.399 In the same enzymatic 
reaction, a minor product that results from a direct 
rearrangement of the carbenium ion arising from 
the (S)-2,3-epoxy-2,3-dihydro-20-oxasqualene that is 
analogous to carbenium ion 5-98 is also isolated.400 
This minor product has a cyclopentyl ring at the 
same location as the unexpanded cyclopentyl ring 
in carbenium ion 5-98. The rearrangement of the 
carbenium ions in the active site probably pauses 
at carbenium ion 5-98 and its analogues because 
the next step turns a tertiary carbenium ion into a 
secondary carbenium ion. 
 Analogues of (3S)-2,3-epoxy-2,3-dihydrosqualene 
(5-94) in which a sulfur replaces either a carbon or 
a carbon and its attached methyl group have also 
been synthesized. Analogues, in which carbons 6, 
10, 18, and 19 (see Figure 5-8) are replaced by sulfur 
and the double bonds in which they participate are 
not present, are potent inhibitors of lanosterol syn-
thase from Candida albicans and R. norvegicus.401-403 
During the rearrangements of these analogues, fol-

lowing the normal sequence (Figure 5-8), these 
inhibitors place sulfur in a sulfide immediately 
adjacent to and four atoms away from the carbo-
cationic carbon in carbenium ions 5-95, 5-96, ring 
expanded 5-98, and 5-98 itself, respectively. The 
sulfur can add to the respective carbenium ion 
nucleophilically to produce a five-membered ring 
containing a sulfonium cation 

 
                (5-130) 

which is far more stable than a carbenium ion404 and 
prevents any further rearrangement. The cationic 
sulfonium observed in each case also ends up at 
the same location as a carbenium ion in the normal 
sequence of rearrangements, so in this case, the active 
site itself produces the positive charge at a location 
in which it normally would stabilize a positively 
charged carbenium ion, just as the ammonio inhib-
itors of squalene synthase (5-92 and 5-93) do 
without the assistance of the active site. Because 
the active site of the enzyme creates the cation, 
these sulfides are mechanism-based inhibitors. 
Substitutions at carbons 5, 8, and 13 of (3S)-2,3-epoxy-
2,3-dihydrosqualene, positions that are sterically 
prevented from adding nucleophilically (Equation 
5-130) to any of the carbocationic carbons in the 
sequence (see Figure 5-8), produced weak inhibi-
tors of the enzyme.401,405 Analogues of carbenium 
ions 5-95, 5-96, and 5-97, in which a nitrogen has 
been replaced by the carbocationic carbon to produce 
the ammonium cation, are also strong inhibitors of 
lanosterol cyclase from R. norvegicus.406 
 As has already been discussed, linear head-to-
tail polyisoprenoids with an allylic diphosphate at one 
end, such as geranyl diphosphate, (2E,6E)-farnesyl 
diphosphate (Equation 5-126), and geranylgeranyl 
diphosphate, are susceptible to a vast array of cycliza-
tions that produce monoterpenes, sesquiterpenes, and 
diterpenes, respectively. For example, (+)-a-pinene 
synthase from Salvia officinalis407 produces (+)-a-pin-
ene, (+)-limonene, and (+)-camphene from geranyl 
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diphosphate. The same active site produces all these 
products408,409 and all three can be explained as 
arising from the same carbocationic intermediate 
5-103 

  
                (5-131) 

which in turn can be derived from the carbocationic 
intermediate produced during dissociation of geranyl 
diphosphate 

  
                (5-132) 

Therefore, the identity of the products is consistent 
with a particular sequence of carbocationic inter-
mediates in the enzymatic reaction. A sulfonium 
cation in an analogue of the intermediate was 
chemically synthesized409 as a mimic of the com-
mon carbocationic intermediate (Equation 5-131). 
Sulfonium cation 5-104 in the presence of diphos-
phate is a good inhibitor (Ki = 1 mM) of (+)-a-pinene 
synthase, consistent with the involvement of carbo-
cationic intermediate 5-103 in the enzymatic reaction. 
 Each of the thousands of monoterpenoids, 
sesquiterpenoids, and diterpenoids that are pro-
duced naturally arise from enzymatic cyclizations 
such as the ones catalyzed by (+)-a-pinene synthase 
(Equations 5-131 and 5-132) and 5-epiaristolochene 
synthase (Figure 3-50). The same strategies for 
identifying the carbocationic intermediates that 
were used for dimethylallyltranstransferase, squalene 
synthase, lanosterol synthase, and (+)-a-pinene 
synthase have been used to validate the existence 

of particular carbocationic intermediates in these 
enzymatic reactions. A fluorine atom can be placed 
on a carbon or immediately adjacent to a carbon 
that should be a carbocation in the proposed inter-
mediate, and the fluoro analogue is shown to be an 
inhibitor rather than a substrate for the enzyme.410 
Mutants of the enzyme are discovered that produce 
from the natural reactant unnatural products that 
arise directly from one or the other of the postulated 
carbocationic intermediates in the enzymatic 
mechanism.411-414 The natural reactant for the 
enzyme can be mutated synthetically to produce 
an unnatural reactant that causes the rearrange-
ment to be blocked at one of its steps so that the 
enzyme produces unnatural products arising from 
one or the other of the postulated carbocationic 
intermediates.415-417 Analogues of the postulated 
carbocationic intermediates in which an ammonio 
nitrogen replaces the cationic carbon can be synthe-
sized and shown to inhibit the enzymatic reac-
tion.407,418 
 
 Similar strategies are used to provide evidence 
for carbocationic intermediates in the few enzymes 
other than glycosyltransferases and polyisoprenoid 
synthases that have them. For example, diphospho-
mevalonate decarboxylase419 

                  (5-133) 

from S. cerevisiae catalyzes elimination of the nucleo-
phile, phosphate, and the electrophile, CO2, from 
(3R)-3-hydroxy-3-(fluoromethyl)-5-diphosphopentan-
oate, a fluorinated derivative of the normal reactant, 
that has been phosphorylated at its 3-hydroxy group 
within the active site by MgATP2- to form the 
noncovalent intermediate, (3R)-3-phospho-3-(fluoro-
methyl)-5-diphosphopentanoate, at a rate 2500-fold 
slower than the rate for elimination from the usual 
noncovalent intermediate, (3R)-3-phospho-3-methyl-
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5-diphosphopentanoate (5-105). This observation 
is consistent with the existence of tertiary carbo-
cationic intermediate 5-106 in the enzymatic elim-
ination, formed by dissociation from the (3R)-3-phos-
pho-3-methyl-5-diphosphopentanoate of phosphate, 
which is a good leaving group from a tertiary carbon. 
The resulting carbocationic intermediate at carbon 3 
would precede the step in which CO2 dissociates 
from carbon 2.420 The elimination catalyzed by 
diphosphomevalonate decarboxylase is peculiar 
because it cannot involve removal of an electrophile 
such as carbon dioxide or a hydron a to a carbonyl 
group or acyl group, as almost all biochemical 
eliminations do. An initial departure of carbon di-
oxide during the elimination, rather than the phos-
phate, would produce a primary carbanion with no 
obvious means of stabilization. 
 It has already been noted that (S)-methylketal 
phosphate 5-71 is a noncovalent intermediate in 
the enzymatic reaction catalyzed by 3-phospho-
shikimate 1-carboxyvinyltransferase (Equation 5-91) 
and that oxocarbenium ion 5-73 is probably an 
intermediate in the elimination that forms the 
1-carboxyvinyl group. UDP-N-Acetylglucosamine 
1-carboxyvinyltransferase also adds phosphoenol-
pyruvate to a hydroxy group, the 3-hydroxy group 
of UDP-N-acetyl-a-∂-glucosamine. The fact that 
(Z)-3-fluorophosphoenolpyruvate is a substrate for 
the enzyme from E. coli with a catalytic constant, 
k0, 10,000 times slower than that for phosphoenol-
pyruvate,421 is consistent with the existence of an 
oxocarbenium ion as an intermediate either preceding 
or following the (S)-methylketal phosphate in this 
enzymatic reaction, or both.  
 Thiamine phosphate synthase422 

 
                (5-134) 

catalyzes the nucleophilic substitution at the 
5-diphosphooxymethyl group of 4-amino-2-methyl-

5-(diphosphooxymethyl)pyrimidine of the nitrogen 
in 4-methyl-5-(2-phosphooxyethyl)thiazole for di-
phosphate. Thiamine phosphate synthase from 
B. subtilis catalyzes its nucleophilic substitution 16 
times faster when the 2-methyl group on 4-amino-
2-methyl-5-(diphosphooxymethyl)pyrimidine is 
replaced by a methoxy group and 1300 times more 
slowly when it is replaced by a trifluoromethyl 
group.423 These differences in rate are almost the 
same as the differences in rate for hydrolysis of 
2-chloro-2-(4-methylphenyl)propane when the 
4-methyl group in this alkyl chloride undergoes the 
same substitutions, and this latter reaction is defi-
nitely a dissociative nucleophilic substitution with 
a carbenium ion as an intermediate. These observa-
tions are consistent with an enzymatic mechanism 
in which 4-amino-2-methyl-5-(diphosphooxymethyl)-
pyrimidine dissociates to give diphosphate and the 
carbenium ion 5-107 

 
                (5-135) 

which is stabilized by resonance and to which the 
nitrogen of the thiazole then adds. In this instance, 
the reaction is a dissociative nucleophilic substitution. 
 Crystals of thiamine-phosphate diphosphory-
lase from B. subtilis, in which Serine 130 had been 
mutated to alanine, were soaked in solutions of the 
alternative substrate 2-[(2R,5Z)-2-carboxy-4-methyl-
thiazol-5(2H)-ylidene]ethyl phosphate and either 
the cosubstrate 4-amino-2-methyl-5-(diphospho-
oxymethyl)pyrimidine or the much slower cosub-
strate 4-amino-2-(trifluoromethyl)-5-(diphosphooxy-
methyl)pyrimidine. In the crystallographic molecular 
models from these crystals, electron density for 
separate molecules of diphosphate and the respective 
intermediate carbenium ion was observed in addition 
to that for 2-[(2R,5Z)-2-carboxy-4-methylthiazol-
5(2H)-ylidene]ethyl phosphate.424 In both of these 
complexes and in complexes with only the intact, 
unaccompanied substrate 4-amino-2-methyl-
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5-(diphosphooxymethyl)pyrimidine, there is a 
hydrogen bond between a peripheral oxygen of the 
diphosphate and the 4-imino or 4-amino group of 
the carbenium ion or the substrate, respectively 
(Equation 5-135). It is probably the case that the 
carbenium ion is stabilized in the complexes in 
which it appears, either during its formation or after 
its formation, by hydron transfer within this hydrogen 
bond to produce the neutral noncovalent interme-
diate 5-108, which may also be a transient inter-
mediate in the normal reaction. 
 (S)-2-Hydroxypropylphosphonic acid epoxidase 
catalyzes a 1,2-phosphonomigration when the 
unnatural substrate (R)-2-hydroxypropylphosphonic 
acid is a reactant. That the migration occurs to an 
adjacent carbenium ion is consistent with the facts 
that when the secondary carbon to which the 
phosphono group migrates is adjacent to a methoxy 
group or an additional methyl group, groups that 
stabilize a carbenium ion, the migration occurs, but 
when the secondary carbon to which the migration 
would occur is adjacent to a trifluoro methyl group, 
it does not.425 
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Problem 5-9: The following reaction is catalyzed 
by ATP citrate synthase: 

 

On the basis of the following data,426-428 write a 
detailed mechanism for the reaction. Give explana-
tions for all the observations. Identify each of your 
explanations with the letter of its observation.  
 
 (A) When Mg[8-14C]ATP2- is incubated with the 

enzyme in the presence of MgCl2, no radio-
activity is associated with the protein that is 
chromatographically isolated by molecular 
exclusion. 

 (B) When Mg[g-32P]ATP2- is incubated with the 
enzyme in the presence of MgCl2, radioactivity 
is associated with the isolated protein. When 
this radioactive protein is incubated with 
[1,5-14C2]citrate in the presence of HSCoA but 
in the absence of MgCl2, [14C]oxaloacetate is 
formed and all the radioactivity is released 
from the enzyme. 

 (C) When the enzyme is incubated with MgATP2– 
and HO32PO3

2-, in the presence of MgCl2, no 
radioactivity is found in the enzyme or in 
MgATP2-. When the enzyme is incubated 
with MgATP2- and Mg[8-14C]ADP- in the 
presence of MgCl2, no radioactivity is found 
in the enzyme, but MgATP2- becomes radio-
active. 

 (D) When citryl 1-phosphate is incubated with 
the enzyme in the presence of HSCoA, oxalo-
acetate and acetyl-SCoA are formed. 

 (E) When citryl 1-phosphate and HSCoA are 
incubated without the enzyme, nothing 
happens. 

 

Problem 5-10: b-Galactosidase catalyzes the reaction 
of Equation 5-120. The enzyme acts only on the 
b-anomer of a galactoside and releases only the 
b-anomer of the product. It cares little, however, 
what R1 and R2 are.  
 
 (A) Write a mechanism for this reaction, as it 

would occur in the active site, that is consistent 
with these observations. Position catalytic 
side chains to explain both the stringency in 
the stereochemistry of the reaction at carbon 
1 and the carelessness in recognizing R. Use 

HSCoA + citrate + MgATP 
2– 1  

  MgADP 
– + HOPO3

2– + oxaloacetate + acetyl-SCoA
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specific amino acid side chains of your 
choice for catalysis. 

 (B) The chemical mechanism you have written in 
part A has the following kinetic mechanism. 

 

  Write out the complete equation for initial 
rate for the enzymatic reaction for this kinetic 
mechanism. 

 (C) Take the limit 

 

  and write an expression for the catalytic con-
stant, k0, that contains only rate constants 
(ki) in the kinetic mechanism of part B. 

 
 (D) Refer to your molecular mechanism for 

b-galactosidase, and determine which rate 
constant in the kinetic mechanism would be 
most affected by changes in R. 

 (E) Consider the following table of relative cata-
lytic constants, where k0,R is the catalytic 
constant for the b-galactoside with the tabu-
lated functional group and k0,2-nitro is the cata-
lytic constant for 2-nitrophenyl b-galactoside. 
The various R groups are listed in order of 
increasing ability to leave.368,429,430 

 

R k0,R (k0,2-nitro)-1 

methyl 0.06 
4-bromophenyl 0.02 
4-chlorophenyl 0.02 
4-methoxyphenyl 0.1 
phenyl 0.1 
4-nitrophenyl 0.2 
3-chlorophenyl 0.5 
3-nitrophenyl 0.9 
2-nitrophenyl 1.0 
2,5-dinitrophenyl 1.1 
3,5-dinitrophenyl 1.1 
2,4-dinitrophenyl 1.3 

 (F) Explain, in terms of the expression you derived 
in part C, why k0,R (k0,2-nitro)-1 increases as R 
becomes a better leaving group and then 
levels off, showing no further increase. 

 

Problem 5-11: Deoxyhypusine synthase catalyzes 
the reaction 

 

where lysyl side chain is a lysyl side chain in the 
protein translation initiation factor 4D. The enzyme 
has a prosthetic NAD+ in its active site. When the 
enzyme from R. norvegicus was mixed with spermi-
dine in the absence of translation initiation factor 4D, 
and hence the lysyl side chain, 1-pyrroline and 
propane-1,3-diamine were isolated from the active 
site.431 
 
 (A) What intermediate is formed during the enzy-

matic reaction? 
 (B) Write a complete mechanism for the reaction. 

 

Problem 5-12: Riboflavin synthase catalyzes the 
reaction 

 

Note that the two reactants are both the same 
molecule, 6,7-dimethyl-8-(1-∂-ribityl)lumazine. The 
reaction, formally, is the transfer of a 2-butenyl 
group from two nitrogens to two carbons. That the 
two molecules of 6,7-dimethyl-8-(1-∂-ribityl)lumazine 
are joined in the noted opposite orientations, one 
up and the other down, has been demonstrated by 
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 determining the stereochemistry of the product 
formed from 6-deuteriomethyl-7-methyl-8-(1-∂-ribi-
tyl)lumazine.432 
 It has been shown that the hydrogens on the 
7-methyl group of the lumazine are acidic 
(pKa = 9.8)433 and susceptible to exchange with 
deuterium under basic conditions in the absence of 
the enzyme. 
 
 (A) Write a mechanism for this exchange of pro-

tium for deuterium with an enolate as an 
intermediate. 

 
 When one of the two 6,7-dimethyl-9-(1-ribityl)-
lumazines associates with riboflavin synthase from 
E. coli, this enolate is formed in its subsite in the active 
site.433 The following are two portions of a crystal-
lographic molecular model of the enzyme from 
S. pombe in complex with 6-carboxyethyl-7-oxo-
8-(1-∂-ribityl)lumazine, an unreactive analogue of 
6,7-dimethyl-8-(1-∂-ribityl)lumazine.434 

 

 

The two drawings are of the two subsites that com-
prise the active site, one for each of the two 
6,7-dimethyl-8-(1-ribityl)lumazines that are sub-
strates for the enzyme and each of which is occupied 
by a molecule of 6-carboxyethyl-7-oxo-8-(1-∂-ribityl)-
lumazine. 
 
 (B) Make a list numbered 1 to 13 that identifies 

each donor and acceptor of a hydrogen bond 
and the side chains of amino acids num-
bered in the two drawings. 

 (C) Write a mechanism for the binding of the 
molecule of 6,7-dimethyl-8-(1-∂-ribityl)luma-
zine that becomes the enolate in the active 
site. Draw explicitly the functional groups in 
the crystallographic molecular model of the 
active site responsible for creating and stabi-
lizing the enolate. 

 
This enolate is the first intermediate in the enzymatic 
reaction. 
 Pentacyclic intermediate 1 is produced by a 
mutant of riboflavin synthase from E. coli. 

 

When it is mixed with the native, unmutated enzyme, 
it is converted to riboflavin at a rate that is much 
greater than the rate at which two molecules of 
6,7-dimethyl-8-(1-∂-ribityl)lumazine are converted 
to riboflavin,435 a fact consistent with it also being 
an intermediate in the enzymatic reaction. There is 
a tautomer of the enolate, dienamine 2, that is nucleo-
philic at the two requisite carbons. 

 

 
 (D) Write a mechanism for formation of dien-

amine 2 from the enolate in the active site of 
the enzyme using the functional groups 
observed in the crystallographic molecular 
model. 
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 (E) Write a mechanism436 in which dienamine 2 
reacts twice, as two different nucleophiles, with 
6,7-dimethyl-8-(1-∂-ribityl)lumazine to form 
pentacyclic intermediate 1. Which nucleo-
philic addition has to precede the other? 

 (F) Write a mechanism in which dienamine 2 
participates in a cycloaddition with 6,7-di-
methyl-8-(1-∂-ribityl)lumazine to form penta-
cyclic intermediate 1 in a single step. 

 (G) Explain why one of these two mechanisms 
seems more likely given the functional 
groups available in the active site. 

 (H) Write a mechanism to convert pentacyclic 
intermediate 1 into the products observed in 
the enzymatic reaction using the catalytic 
groups found in the active site, labeling each 
with its name and number. 

 (I) What essential catalytic group for one of these 
latter steps seems to be missing? 

 
 
 

Chemical and Crystallographic 
Identification of Radical Intermediates  

 There are instances in which an intermediate 
or a sequence of intermediates in an enzymatic 
reaction are radicals. The chemistry of almost all 
enzymatic reactions is heterolytic because it is 
based on hydron transfers performed by acid–
bases in the active site, which are themselves 
heterolytic. Far fewer and far less fundamental 
instances of enyzmatic reactions with radical inter-
mediates have been described. There are a few 
prosthetic groups, in particular flavins, hemes, and 
coenzyme B12, and a few enzymes lacking such 
prosthetic groups that engage in homolytic chemis-
try.437 The reason for the relative rarity of homolytic 
mechanisms is the difficulty of catalyzing formation 
of radical intermediates* and their ability to partic-
ipate in random hydrogen abstraction.438 
 Any organic radical can be formally defined as 
the product of a hydrogen abstraction. Consequently, 
a radical is energetically defined by the bond disso-
ciation energy (BDE; kilojoules mole-1),† which is 
the enthalpy required to break the bond homolytically 

                                     
*As the majority of this discussion has emphasized, it is acid–
base chemistry that provides the ability to catalyze heterolytic 
reactions. Nothing equivalent to such catalysis is available for 
homolytic reactions, except for the prosthetic groups. 
†http://aquila.tversu.ru/LIB/Book/ComprehensiveHClBE.pdf 

between a hydrogen and the rest of the particular 
molecule to form a radical, regardless of whether or 
not that radical was formed by the abstraction of a 
hydrogen.439,440 The more energy that is required to 
break a bond between the radical and a hydrogen, 
the more energetic is the radical. A radical with a 
larger bond dissociation energy will abstract a hydro-
gen from another molecule in a favorable reaction that 
produces a radical of lower bond dissociation energy. 
 An example of a radical involved in several 
enzymatic reactions is the tyrosyl radical. A tyrosyl 
radical can be formed nonenzymatically upon 
X-irradiation of a crystal of tyrosine hydrochloride. 
This radical has the resonance hybrids 

 

with spin densities in the solid state of 0.2-0.3 on 
the oxygen and carbons 1, 3, and 5, respectively,441 
as predicted by the resonance structures. It can be 
thought of as the product of dissociation of an electron 
(E0 = 850 mV) from the p system of the 4-oxido-
phenyl anion 442 

         (5-136) 

or the product of hydrogen abstraction (BDE = 
380 kJ mol-1) from the oxygen of the 4-hydroxy-
phenyl group439 

           (5-137) 

O–H

O

O

O–H

O

O

O–H

O

O

““.

+H3N+H3N+H3N

.

““ ““

.´ ´
6

5
4

3

2 1

5  –109

O–H

O

O

O–H

O

O

““

+H3N+H3N

.

““
:

)

1 +   e 

–

O–H

O

OH
“

+H3N

:

R·  +                 1                  +   RH

O–H

O

O

““.

+H3N



Intermediates in Enzymatic Reactions 
 

1492 

Regardless of the mechanism of its formation, a 
tyrosyl radical is capable of hydrogen abstraction at 
its oxygen (reverse of Equation 5-137) from a donor 
(RH in Equation 5-137) with the same or a smaller 
bond dissociation energy. 
 In marked contrast to acid–base chemistry, 
any hydrogen in a protein or in a substrate is suscep-
tible to hydrogen abstraction to form a radical of 
the protein or substrate itself. The hydrogenated 
form of any radical is the functional group produced 
when that radical abstracts a hydrogen from another 
location. The products of this hydrogen abstraction 
are a new radical on the atom from which the hydro-
gen has been abstracted and a new s covalent bond 
between the hydrogen and the atom on which the 
unpaired electron was previously located. If the 
hydrogenated form of a particular radical formed 
as an intermediate in an enzymatic reaction has a 
bond dissociation energy greater than those of 
hydrogens that necessarily surround it in the active 
site, the radical will uncontrollably abstract one of 
these hydrogens—for example, the tertiary hydrogen 
in a leucine or isoleucine (BDE = 390 kJ mol-1)—
and produce a radical that would spread over the 
structure of the protein by successive hydrogen 
abstractions or electron transfers. 
 Enzymatic active sites, however, can be con-
structed so as to surround radicals with hydrogens 
that are difficult to abstract, such as a hydrogen of 
water (BDE = 497 kJ mol-1), phenyl hydrogens 
(BDE = 470 kJ mol-1), or hydrogens in hydroxy 
groups (BDE = 440 kJ mol-1). The almost unavoidable 
nature of hydrogen abstraction may explain why 
most radical intermediates that participate in enzy-
matic reactions, such as the tyrosine radical 
(BDE = 380 kJ mol-1), have low values for the bond 
dissociation energies of their hydrogenated forms, 
with the notable exceptions of the primary 5A-deoxy-
5A-adenosyl radical (BDE = 420 kJ mol-1) and the 
alkyl radicals thought to be involved in the reactions 
catalyzed by hemes P-450, which are quite reac-
tive.443 In these latter two instances, the reactive 
radicals generated during the enzymatic reaction 
are either surrounded by molecules of water or are 
generated immediately adjacent to the hydrogen 
that is to be abstracted.438 
 The eclectic collection of radicals generated in 
the mechanisms of enzymes that use a prosthetic 
adenosylcobalamin; a metallic prosthetic group 
and molecular oxygen; a prosthetic flavin and mo-
lecular oxygen; or a metallic prosthetic group, a 
prosthetic flavin, and molecular oxygen in concert 
have already been discussed in detail. There are 

three main strategies that enzymes use to generate 
radical intermediates without the assistance of any 
of these previously described prosthetic groups. These 
three strategies differ in the source of the initial 
radical that initiates a sequence of radical interme-
diates in the respective mechanism. 
 First, there are enzymes that generate a 5A-deoxy-
5A-adenosyl radical by catalyzing, with a reduced 
prosthetic [4Fe-4S] iron–sulfur cluster, the homo-
lytic dissociation* of the appropriate carbon–sulfur 
bond in S-adenosyl-¬-methionine444-448 

 
                (5-138) 

The [4Fe-4S] iron–sulfur cluster and the ¬-methi-
onine operate as the integrated complex 5-110 in 
which three lone pairs of electrons from the sulfur, 
the carboxy oxyanion, and the amino group of the 
¬-methionine are ligands to an iron ion in the cluster. 
This complex either dissociates homolytically from 
the 5¢-deoxyadenosyl group during association of 
the sulfur with the iron ion or, in reverse, associates 
homolytically with the 5A-deoxy-5A-adenosyl radical. 
Meanwhile, the iron ion adds the other electron to 
the sulfur or removes the other electron from the 
sulfur of the sulfide in the ¬-methioninyl group, 
respectively. The 5A-deoxy-5A-adenosyl radical 
produced by this dissociation is identical to the 
5A-deoxy-5A-adenosyl radical produced by homolytic 
dissociation of the carbon–cobalt bond in adenosyl-
cobalamin, but it is surrounded by a different environ-
ment. 
 Second, there are enzymes that contain, at 
particular locations within their folded polypep-
tides, a stable glycyl radical (5-112)449,450 

                                     
*In the absence of assistance from the [4Fe-4S] iron–sulfur 
cluster, the bond dissociation energy of the carbon–sulfur 
bond in S-adenosyl-¬-methionine is around 300 kJ mol-1. 
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formally the product of abstraction of a hydrogen 
from a particular glycine within the sequence of the 
protein located in the active site. This glycyl radical 
has the noted distribution of unpaired spin in the 
highest occupied molecular orbital (HOMO). 
 Third, there are enzymes that contain,451 with-
in their folded polypeptides, a stable tyrosyl radical 
(5-109 and 5-113). 
 
 The homologous enzymes ribonucleoside-
diphosphate reductase and ribonucleoside-
triphosphate reductase, in their various guises, use 
all three of these strategies as well as adenosyl-
cobalamin to produce the radical initiating the 
common reaction. Hence, the respective individuals 
in this family of enzymes are excellent paradigms 
for all these strategies. Ribonucleoside-diphosphate 
reductase (R = -PO3

2-) and ribonucleoside-triphos-
phate reductase (R = -PO3PO3

3-) are two enzymes 
that catalyze the same oxidation–reduction 

       
                (5-139) 

where X can be uracil, cytosine, adenine, or guanine, 
and R is either a phosphate or a diphosphate, respec-
tively, none of which participate. In almost all cases, 
the two electrons are supplied stoichiometrically by 
two adjacent cysteines in the small electron carrier 
thioredoxin452,453 

 
                (5-140) 

that end up as a cystine at the end of the reaction. 
Because these two enzymes, ribonucleoside-diphos-
phate reductase and ribonucleoside-triphosphate 
reductase, share a common ancestor454,455 and a 
common mechanism, they are each usually given 
the common unofficial name ribonucleotide reduc-
tase. 
 Reduction of carbon 2A in the ribose would be 
difficult to perform heterolytically because neither 
the hydron on carbon 1A nor the hydron on carbon 3A 
is acidic, which would permit a b elimination followed 
by reduction of the resulting carbon–carbon bond, 
nor is the hydroxy group on carbon 2A a reasonable 
leaving group, so natural selection has discovered a 
homolytic solution. There are several types of ribo-
nucleotide reductases, all of which use the same 
homolytic mechanism. These types differ depending 
on the strategy they use to generate the initial radical 
intermediate in their respective mechanisms. 
 In one class of ribonucleotide reductases—some 
members of which are ribonucleoside-triphosphate 
reductases and some ribonucleoside-diphosphate 
reductases and which are found in bacteria and a 
few eukaryotic microorganisms—each active site 
uses adenosylcobalamin in the usual manner to 
generate the initial radical intermediate in the 
sequence of intermediates. The adenosylcobalamin, 
however, is not a firmly attached prosthetic group 
and must be present in solution at saturating concen-
trations for maximum enzymatic activity.456 That 
the active sites in this class are able to dissociate 
the carbon–cobalt bond to form a 5A-deoxy-
5A-adenosyl radical follows from the fact that stere-
ochemically labeled (5A-R)-[5A-2H]adenosylcobal-
amin is racemized by an inactive mutant of ribonu-
cleoside-triphosphate reductase from Lactobacillus 
leichmannii in which an adjacent catalytic cysteine 
in the active site has been converted to serine.457 
The equilibrium constant for dissociation of the 
carbon–cobalt bond in the active site of the same 
enzyme has been measured spectroscopically458 to 
be 0.2. 
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Figure 5-9: Electron paramagnetic resonance spectra of the 
glycyl radical in anaerobic ribonucleoside-triphosphate reductase 
encoded by Enterobacteria phage T4.460 A plasmid encoding 
the gene from Enterobacteria phage T4 for anaerobic ribonucleo-
side-triphosphate reductase was replicated anaerobically in 
E. coli. The plasmid permitted significant overexpression so 
that the final concentration of glycyl radicals in a cytoplasmic 
extract of the bacteria was 7 mM. Frozen cytoplasmic extracts 
from the bacteria were used for measurement of electron para-
magnetic resonance spectra at 77 K. (A) Spectrum of an extract 
from overexpressing bacterial cells grown on normal medium 
supplemented with 50 mM unlabeled glycine. (B) Spectrum of an 
extract from overexpressing bacterial cells grown on normal medi-
um supplemented with 50 mM [2-13C]glycine. (C) Spectrum B 
after subtraction of 20% spectrum A to correct for the fact that, 
in the end, only 80% of the glycine in the enzyme had carbon-13 
at its a carbon. (D) Spectrum of an extract from overexpressing 
bacterial cells grown on normal medium supplemented with 
50 mM [2,2-2H2]glycine. (E) Spectrum D after subtraction of 
50% spectrum A to correct for the fact that, in the end, only 
50% of the hydrogens on the a carbons of the glycines in the 
enzyme were deuterium. When Glycine 580 in the enzyme was 
mutated to alanine, or when the plasmid responsible for over-
production of ribonucleoside-diphosphate reductase was omit-
ted, none of these absorptions were observed in the respective 
extracts. Vertical lines indicate the center of each absorption at 
its g value.  
 
 
 
 

 In the next class—the ribonucleoside-triphos-
phate reductases found in obligate anaerobic bacteria 
and facultative anaerobic bacteria under anaerobic 
conditions—each active site uses an oxygen-
sensitive* glycyl radical located stably on a particu-
lar glycine459 in the enzyme. The glycyl radical is 
identified by an absorption in an electron para-
magnetic resonance spectrum of the enzyme (Fig-
ure 5-9).460 In the spectrum of a cytoplasmic 
extract containing the anaerobic ribonucleoside-
triphosphate reductase encoded by Enterobacteria 
phage T4, the absorption of the glycyl radical is a 
doublet (arrows in Figure 5-9A) because it is split by 
the nucleus of the single protium on the a carbon 
of the glycine on which the radical is concentrated 
(5-112). When the bacteria are grown on medium 
supplemented with [2-13C]glycine, the absorption 
becomes a complex multiplet (Figure 5-9C) because 
it is split by the nuclei of both the hydrogen and the 
carbon-13 on which it is concentrated. When the 
bacteria are grown on medium supplemented with 
[2,2-2H2]glycine, the absorption becomes a singlet 
(Figure 5-9E) because it is not split by either the 
nucleus of the deuterium on the carbon on which it 
is concentrated or the nucleus of the carbon-12 on 
which it is concentrated.† The particular glycine, 
Glycine 580, that is the radical in the ribonucleoside-
triphosphate reductase encoded by Enterobacteria 
phage T4 has been identified by site-directed muta-
tion.460 When Glycine 580 is replaced by alanine, 
electron paramagnetic resonance spectra of the 
cytoplasmic extracts from bacteria carrying the 
plasmid with the mutant do not have the absorp-
tion due to the radical. The glycyl radical in the 
enzyme is produced by a 5A-deoxy-5A-adenosyl 
radical that in turn is formed by the homolytic 
dissociation of S-adenosyl-¬-methionine catalyzed 
by a [4Fe-4S] iron–sulfur cluster (Equation 
5-138).461,462 This 5A-deoxy-5A-adenosyl radical is 
produced in another protein, anaerobic ribonucleo-
side-triphosphate reductase-activating protein, that 
binds tightly to the cognate anaerobic ribonucleoside-
triphosphate reductase to effect formation of the 
glycyl radical.463 
  

                                     
*The glycyl radical, as is the case with most aliphatic radicals is 
susceptible to the addition of triplet molecular oxygen. 
† Recall that electron paramagnetic resonance spectra are pre-
sented as the first derivative of the actual absorption, so the 
trace in Figure 5-9E is the first derivative of the peak of a singlet 
and the trace in Figure 5-9A is the first derivative of the peak of 
a doublet. 
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Figure 5-10: Electron paramagnetic resonance spectra of the 
tyrosyl radical in ribonucleoside-diphosphate reductase.465 A 
strain of the bacterium E. coli that overproduces its own ribonu-
cleoside-diphosphate reductase was used for these experiments. 
In this overproducing strain, about 3% of the cytoplasmic protein 
is the enzyme. Frozen suspensions of intact bacteria were used 
for measurement of electron paramagnetic resonance spectra 
at 77 K. Spectra are shown for cells grown on undeuterated 
¬-tyrosine (- - -), for cells grown on [3,5-2H2]-¬-tyrosine 
(-  · -  · -), and for cells grown on [2,6-2H2]-¬-tyrosine (—–). 
Vertical lines indicate the center of each absorption at its g value. 
When Tyrosine 122 in the enzyme being overexpressed was 
mutated to phenylalanine, or when the plasmid responsible for 
overproduction of ribonucleoside-diphosphate reductase was 
omitted, none of these absorptions were observed.464 
 
 
 
 
 The most widely distributed class of ribonu-
cleotide reductases is that of the ribonucleoside-
diphosphate reductases found in eukaryotes and 
most aerobic bacteria. Each member of this class 
uses a stable tyrosyl radical (5-109 and 5-113) to 
generate the initial radical intermediate in the 
enzymatic mechanism. These enzymes require two 
proteins for enzymatic activity. One protein, R1, 
contains the active site for the reduction; the other, 
R2, contains the tyrosyl radical. 
 Protein R2 can thought of as a radical-carrier 
protein, serving a role homologous to biotin carboxyl-
carrier protein, acyl-carrier protein, or a small protein 
serving as an electron-transferring coenzyme, but it 
seems to fulfill this role only with protein R1, rather 
than being more promiscuous. The polypeptide 
that comprises protein R2 from Homo sapiens is 
351 amino acids long, that from A. thaliana (60% 
identity; 0.8 gap percent) is 341 amino acids long, 
that from S. cerevisiae (43% identity; 0.8 gap percent) 
is 345 amino acids long, and that from E. coli (21% 
identity; 1.8 gap percent) is 375 amino acids long. 
Tyrosine 122 of protein R2 from E. coli has been 
identified by site-directed mutation as the stable 

tyrosyl radical.464 Its unpaired spin can be detected 
by electron paramagnetic resonance spectroscopy 
(Figure 5-10).464,465 That the unpaired spin is on a 
tyrosine can be demonstrated by replacing specific 
hydrogens on the tyrosines in protein R2 with 
deuteriums and observing changes in the spectra. 
From electron–nuclear double resonance spectra of 
this radical in protein R2 from E. coli, it has been 
calculated466,467 that carbons 3 and 5 of the 
4-hydroxyphenyl group each bear a spin density of 
0.25; carbon 1, a tertiary carbon, bears a spin density 
of 0.4; and the oxygen bears a spin density of 0.3 
while carbons 2, 4, and 6 bear negligible spin density 
(5-113). When cells of E. coli are grown on 
[2,6-2H2]-¬-tyrosine, there is negligible alteration of 
the absorption of the radical, but when the cells are 
grown on [3,5-2H2]-¬-tyrosine, the absorption of 
the radical becomes a doublet (Figure 5-10). These 
facts are consistent with a radical producing the 
absorption being located on a tyrosine and its 
resonance structures. When Tyrosine 122 in the 
enzyme is mutated to phenylalanine, the absorption 
is no longer observed.464 
 Immediately adjacent to this tyrosyl radical in 
the crystallographic molecular model of protein R2 
from E. coli468 is a diferric cluster with a m-oxo 
bridge and ligation similar to that of the dinuclear 
cluster in diferric methane monooxygenase (soluble) 
(Figure 2-57I). The distance between the 4-oxido-
phenyl oxygen and the nearest iron is 0.35 nm, and 
the tyrosyl radical is magnetically coupled to the 
dinuclear iron center.469 In terms of electron exchange, 
the equilibrium, heavily in favor of the tyrosyl radical, 
would be 

  
                (5-141) 

The high-valent species Fe3+(O2-)Fe4+ is responsible 
for formation of the tyrosyl radical by establishing 
this equilibrium.470,471 There are versions of ribonu-
cleoside-diphosphate reductases in this class that 
contain a homologous dimanganic, m-oxo cluster472-475 
rather than a diferric, m-oxo cluster, and there are 
versions in which the tyrosine has been replaced by 
natural selection with phenylalanine, and the unpaired 
electron responsible for initiating catalysis remains 
located in a dinuclear Fe3+(O2-)Mn4+ cluster.476-478 
 

.Fe3+(O2–)Fe3+ +  O

Fe3+(O2–)Fe4+ +  –O

1
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Figure 5-11: Electron paramagnetic resonance spectra of the 
sulfenyl radical in adenosylcobalamin-dependent ribonucleoside-
triphosphate reductase.479 A solution of 520 mM purified adeno-
sylcobalamin-dependent ribonucleoside-triphosphate reductase 
from L. leichmannii, 50 mM thioredoxin, 3 mM thoredoxin reduc-
tase, and 1.7 mM NADPH was mixed with a solution of 400 mM 
adenosylcobalamin. Each solution also contained 1 mM dGTP4– 
and 0.1 M sodium dimethylglutarate, pH 7.3. After 175 ms, the 
mixture was injected into isopentane at -140 ªC and then 
submitted to electron paramagnetic resonance spectroscopy at 
100 K. (Upper trace) Unlabeled adenosylcobalamin-dependent 
ribonucleoside-triphosphate reductase. (Lower trace) Adenosyl-
cobalamin-dependent ribonucleoside-triphosphate in which 
the cysteines were replaced with [b,b-2H2]cysteine. The asterisk 
indicates an absorption arising from a contaminant in the 
preparation. Reprinted with permission from reference 479. 
Copyright 1996 American Association for the Advancement of 
Science. https://doi.org/10.1126/science.271.5248.477 
 
 
 
 
 
 
 The reaction that initiates the homolytic reduc-
tion catalyzed by a ribonucleotide reductase is the 
production of the sulfenyl radical of a particular 
cysteine in the active site of the enzyme. An inter-
mediate in the reaction catalyzed by the adenosyl-
cobalamin-dependent ribonucleoside-triphosphate 
reductase from L. leichmannii, trapped 175 ms after 
mixing of the enzyme with adenosylcobalamin and 
dGTP4-, has the electron paramagnetic resonance 
spectrum (Figure 5-11) of a sulfenyl radical.479 
When the cysteines in the enzyme are replaced 
with [b,b-2H2]cysteines, the spectrum of this radical 
is altered, consistent with it being located on sulfur 
of a cysteine. This sulfenyl radical is electronically 
coupled to the cob(II)alamin that results from homol-
ysis of the carbon–cobalt bond.480 At the same time 
that the radical is formed, cob(II)alamin and 
5A-deoxyadenosine are also formed481,482 

 
                (5-142) 

The former is followed by its absorbance at 525 nm; 
the latter, by chromatographic identification. The 
sulfanyl group (BDE = 370) of the cysteine that 
becomes the sulfenyl radical has been identified as 
Cysteine 408 in the enzyme from L. leichmannii by 
site-directed mutation.481 Electron paramagnetic 
absorptions from a transient sulfenyl radical483 and 
a stable sulfenyl radical484 in mutants of protein R1 
of ribonucleoside-diphosphate reductase from 
E. coli and Mus musculus have also been observed. 
 The 5A-deoxy-5A-adenosyl radical that is transi-
ently formed during the reaction of Equation 5-142 
must abstract a hydrogen from an acidic position 
because tritium is washed out of [5A-3H]adenosyl-
cobalamin, ending up as 3H2O, at a rate about as 
fast as the turnover of the enzyme.456 This fact is 
consistent with the conclusion that a 5A-deoxy-
5A-adenosyl radical, produced by homolytic disso-
ciation of the carbon–cobalt bond of adenosyl-
cobalamin in the active site of the ribonucleoside-
triphosphate reductase of L. leichmannii, abstracts 
a hydrogen directly from the sulfanyl group of Cyste-
ine 408. If this abstraction (Equation 5-142) reverses 
several times, eventually the tritium will end up on the 
sulfanyl group and then exchange into the solution. 
 In the crystallographic molecular model of the 
complex between ribonucleoside-diphosphate reduc-
tase from T. maritima and adenosylcobalamin, 
thymidine triphosphate, and guanosine diphosphate, 
the ribosyl group of adenosylcobalamin immediately 
flanks the sulfanyl group of Cysteine 322, which 
becomes the sulfenyl radical in this structurally 
homologous enzyme. The 5A-carbon of the adenosyl 
group in adenosylcobalamin is only 0.65 nm from 
the sulfur of the sulfanyl group,482 and there is 
nothing in the active site to prevent it from reaching 
the sulfanyl group so that it can abstract the hydrogen 
atom directly once the carbon–cobalt bond disso-
ciates. Nor are there any other nearby hydrogens 
that the 5A-deoxy-5A-adenosyl radical can abstract 
on its way to the sulfanyl group, except those on 
the molecules of water in the vacancy. 
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 There is a crystallographic molecular model of a 
mutant of the anaerobic ribonucleoside-triphosphate 
reductase from Enterobacteria phage T4 in which 
Glycine 580, which harbors the stable radical in this 
enzyme, has been changed to alanine. The distance 
between the a carbon of that alanine, on which the 
glycyl radical resides in the native enzyme, and the 
sulfanyl group of Cysteine 290, from which a hydrogen 
is abstracted by the glycyl radical, is 0.55 nm.485,486 
In this instance, unlike that of ribonucleoside-
diphosphate reductase from T. maritima, in the 
active site of which the 5A-carbon of the 5A-deoxy-
5A-adenosyl radical is free to swing from the cobalt 
to the sulfanyl group, both the sulfanyl group and 
the glycine, which is in the polypeptide backbone 
itself, are rigidly fixed. Consequently, there seems to 
be no way they can come any closer to each other, 
and the distance between them is too great for direct 
hydrogen abstraction. The oxygen of the 4-hydroxy 
group of Tyrosine 581, however, is only 0.35 nm 
from the sulfur of the sulfanyl group of Cysteine 
290, well within van der Waals contact (0.44 nm). 
The plane of the 4-hydroxyphenyl group is almost 
perpendicular to the line between its oxygen and 
the sulfur, the proper orientation for hydrogen 
abstraction by a 4-oxyphenyl radical (5-113). The 
stable glycyl radical on Glycine 580, which already 
has significant spin density (0.05-0.10) on the 
a-amino group of Tyrosine 581,449,450 can receive 
an electron from the 4-oxido group on the anionic 
conjugate base of Tyrosine 581 by short-range, 
through-bond electron transfer, and the 4-hydroxy-
phenyl radical that results can then abstract the 
hydrogen atom directly from the sulfanyl group of 
Cysteine 290 

 
                (5-143) 

Both the 4-hydroxyphenyl group of a different tyro-
sine, Tyrosine 507, and the guanidinio group of 
Arginine 577 are close enough to form an oxyanion 
hole for the 1,2-diaminoenolate that forms on 
Glycine 580 when the electron is transferred from 
Tyrosine 581. 
 
 Neither direct hydrogen abstraction nor direct, 
short-range electron transfer between their stable 
tyrosyl radicals and the sulfanyl groups of the cata-
lytic cysteines in their active sites, however, can 
occur in the ribonucleoside-diphosphate reductases 
of aerobic bacteria and eukaryotes. In these enzymes, 
there is a stable tyrosyl radical that provides the 
hole for an electron, but the tyrosyl radical and the 
cysteine in the active site are on separate proteins, 
R1 and R2. Because both the sulfanyl group in the 
active site and the tyrosyl radical are buried in their 
respective proteins, the closest approach that they 
could ever make to each other is 2.5 nm.487 In fact, 
there are measurements by electron paramagnetic 
resonance spectroscopy which suggest that the dis-
tance in the productive complex of ribonucleoside-
diphosphate reductase from E. coli is actually around 
3.5 nm.488,489 It follows that the tyrosyl radical in 
protein R2 cannot directly abstract the hydrogen from 
the sulfanyl group in the active site on protein R1. 
Consequently, the sulfenyl radical (BDE = 370 kJ mol-1) 
formed in the active site is the result of long-range 
electron transfer over a significant distance from the 
sulfanyl group to the tyrosyl radical (BDE = 380 kJ mol-1) 
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to produce the required sulfenyl radical and the 
4-oxidophenyl group. 
 This electron transfer occurs by hopping between 
identified relay stations. There are two tyrosines, 
Tyrosines 730 and 731, in the catalytic R1 protein 
from E. coli. These two tyrosines, which are homol-
ogous to Tyrosines 741 and 742 in the active site of 
R1 protein from S. cerevisiae (Figure 5-12),490,491 
are adjacent to the sulfido group of Cysteine 439, 
which is homologous to Cysteine 443 in the active 
site of S. cerevisiae and which is the sulfido group 
that becomes the sulfenyl radical in the active site 
at which the reduction occurs.483 Tyrosines 730 and 
731 are on the path of the electron transfer. When 
they are replaced, in turn, by 3-aminotyrosines, 
and the respective mutant R1 proteins are mixed 
with R2 protein, an unpaired electron, on its way to 
the hole in the tyrosyl radical in protein R2, appears 
on the respective 3-aminotyrosine.492 In a system 
in which an artificial one-electron oxidant, rhenium 
bipyridine, replaces protein R2 in the ribonucleoside-
diphosphate reductase from E. coli, electron transfer 
from the sulfanyl group of the cysteine in the active 
site to the photochemical oxidant cannot occur 
when either Tyrosine 741 or Tyrosine 742 in protein 
R1 is mutated to phenylalanine.493 
 When Tyrosine 356 in protein R2 of E. coli is 
replaced by tyrosines that have been variously substi-
tuted at their 4-hydroxyphenyl groups, the ribonu-
cleoside-diphosphate reductase activity decreases 
abruptly when the reduction potential of the sub-
stituted 4-hydroxyphenyl group becomes 0.1 V 
(10 kJ mol-1) more positive than that for the unsubsti-
tuted tyrosine. When that 4-hydroxyphenyl group 
is replaced by a 3,4-dihydroxy group, an unpaired 
electron builds up on it.494 When rhenium bipyridine 
is attached covalently to Cysteine 355 in protein R2, 
an electron can be removed directly from Tyrosine 
356 photochemically. Reduction of CDP3- by a 
complex of this modified R2 protein and native 
R1 protein can be driven by light.495 These observa-
tions are evidence that Tyrosine 356 in protein R2 is 
also one of the relay stations between which the 
electron hops on the path for electron transfer.496 
 No stable complex between the native R1 a2 di-
mer and the native R2 b2 dimer of any ribonucleo-
tide reductase that requires these two proteins for 
activity has ever been directly observed or crystal-
lized. Attempts to reveal, by quantitative crosslinking, 
a complex between proteins R1 and R2 from E. coli 
while that complex is catalyzing the reaction failed 

to observe any crosslinked product.* This failure 
suggests that the complex, which must form at 
some point in the catalytic cycle, is transient—
lasting only long enough for the electron to be 
transferred, catalysis to occur, and the electron to 
be returned—so that most of the time the two proteins 
are independent of each other. Measurements of 
the formation of a complex at short times, immedi-
ately after R2 b2 dimer and reduced R1 a2 dimer 
from E. coli are mixed together at varying ratios, are 
consistent with a rate of association between the 
two proteins of 160 mM s-1 and a rate of dissocia-
tion of 75 s-1 at these initial times. These results re-
quire that the dissociation constant for the complex 
when protein R1 is reduced should be 0.4 mM. It 
was also concluded, however, that during steady-
state turnover, the rate-limiting step of the enzymatic 
reaction is reduction of the cystine in the active site 
(2 s-1), which follows dissociation of the complex 
between R2 b2 dimer and R1 a2 dimer. This reduc-
tion, which is the last step in the mechanism, must 
be completed before the two proteins can again 
form a complex,497 so most of the time, the two are 
not associated with each other, in agreement with 
the results of quantitative crosslinking. 
 A stable complex, however, can be formed 
between native R2 b2 dimer and an R1 a2 dimer 
from E. coli in which Tyrosine 730 has been mutated 
to 3-aminotyrosine.498 What seems to be the same 
complex can also be formed from a native R1 a2 dimer 
and a mutant of R2 b2 dimer in which Glutamate 52 
has been mutated to glutamine and Tyrosine 122 
has been mutated to 2,3,5-trifluorotyrosine.499 The 
existence of these two complexes suggests that 
when the electron being transferred is trapped on 
one of the relay stations, so that it cannot complete 
its passage in either direction, the complex between 
the two proteins cannot dissociate as it does at the 
end of each complete turnover. 
 Electron micrographic images (80,386) of the 
complex between the native R1 a2 dimer and the 
mutant of R2 b2 dimer from E. coli embedded in 
amorphous ice were submitted to image recon-
struction to obtain a map of scattering density into 
which the previously reported crystallographic 
molecular models of the R1 a2 dimer and the 
R2 b2 dimer could be inserted. Following refine-
ment, a complete molecular model of the complex 
was produced.499  
 

                                     
*Smith, S. and Kyte, J., personal communication. 
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Figure 5-12: Stereodrawing181 of the crystallographic molecular 
model490 of the active site of ribonucleoside-diphosphate reduc-
tase from S. cerevisiae occupied by the substrate ADP3-. Black 
atoms are carbons, white atoms are oxygens, small gray atoms 
are nitrogens, large light gray atoms are sulfurs, and large dark 
gray atoms are atoms of phosphorus. The small white sphere is 
a water. The protein was overexpressed in E. coli and purified 
by passing the cellular extract over a solid phase to which a 
heptapeptide with the carboxy-terminal sequence of the R2 pro-
tein from S. cerevisiae had been covalently attached.491 The puri-
fied catalytic R1 protein was crystallized, and the crystals were 
soaked in a solution containing 20 mM ADP3-, 20 mM 2¢-deoxy-
guanosine 5¢-triphosphate, and 10 mM MgCl2. Reflections to 
Bragg spacing of 0.26 nm were then collected. In the resulting 

map of electron density, there was a feature in the active site 
into which a molecule of ADP3- (black bonds) could be inserted 
unambiguously. The ribose of ADP3- is held firmly in the active 
site by hydrogen bonds to Asparagine 246, Glutamate 430, Cys-
teine 218, a fixed molecule of water, and the amido oxygen of a 
peptide bond. The sulfanyl group of Cysteine 428 is 0.33 nm 
from the 3¢ carbon of the ribose, and the 3¢ hydrogen is almost 
on a line of centers between sulfur and carbon. In the active site, 
there are two tyrosines adjacent to each other in the sequence 
of amino acids, Tyrosines 741 and 742 (upper left-hand corner). 
The oxygen of Tyrosine 741 is 0.34 nm from the sulfur of Cyste-
ine 428 and almost perfectly aligned to remove the hydrogen from 
that sulfur.  
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 This complex between the native R1 a2 dimer 
and the mutant R2 b2 dimer is asymmetric. The 
main reason for the asymmetry of the complex is 
that the twofold rotational axes of symmetry for the 
R1 a2 dimer and the R2 b2 dimer are far from collinear. 
Collinearity is a requirement of rotational symmetry 
in a complex between two dimers.487 Furthermore, 
association of the face on the surface of an R2 b2 dimer 
with the face on the surface of one of the two 
R1 a subunits to form the specific interface holding 
the complex together sterically blocks the symmet-
rically situated face on the other R1 a subunit; 
therefore, only one of the two symmetricaly identical 
faces on the R1 a2 dimer can be occupied by an 
R2 b2 dimer at the same time. Consequently, in the 
complex between an R1 a2 dimer and an R2 b2 dimer, 
only one of the two active sites on the R1 a2 dimer 
can be coupled to a path for electron transfer. The 
asymmetry of this complex and the consequent steric 
exclusion of a second R2 b2 dimer, if the molecular 
model represents the catalytically competent complex 
between an R1 a2 dimer and an R2 b2 dimer, may 
explain the fact that only half the active sites and 
half the tyrosyl radicals in a given solution of the 
enzyme can be involved in catalysis at the same 
time.500-502 
 In the molecular model from the reconstruc-
tion,499 there is an extensive interface between one 
R1 a subunit and faces on both R2 b subunits in the 
R2 b2 dimer, but the interface between the other 
a subunit and a b subunit is almost nonexistent 
(there is a loop in the other R1 a subunit at the tip 
of which four amino acids make contact with an 
R2 b subunit). Consequently, only one active site 
for the reduction on the R1 a2 dimer is linked to 
one of the two tyrosyl radicals on the R2 b2 dimer. 
Within the molecular model from the reconstruction, 
this tyrosine and the sulfido group of Cysteine 439 
in the active site for the reduction are linked by a 
chain of relay stations among which the electron 
can hop during its transfer. Side chains of Trypto-
phan b48, Tyrosine b356, Tyrosine a731, and Tyro-
sine a730 comprise this chain. The path on these 
relay stations from the sulfido group in the active 
site on the associated R1 a subunit and the radical 
at the nearest Tyrosine b122 is 3.5 nm long, in agree-
ment with the electron paramagnetic resonance 
spectra.488 The distance in the molecular model 
between Tryptophan b48 and Tyrosine b356 is 1.2 nm, 
and the distance between Tyrosine b356 and Tyro-
sine a731 is 0.8 nm. The sum of these two distances 
in the catalytically competent complex has been 

estimated to be 2.5 nm by pulsed electron–electron 
double resonance spectroscopy.489 Tyrosine b356, 
through which the electron is transferred, is within 
the extensive interface between its b subunit and 
the competent a subunit, and the 20 amino acids 
between it and the carboxy terminus of its polypep-
tide are also in the interface. A synthetic heptapep-
tide with the sequence (FTLDADF) of the carboxy-
terminal segment of murine protein R2 inhibits enzy-
matic activity, an observation from which it was 
concluded that this sequence is involved in asso-
ciation of the two proteins,491 and this conclusion 
agrees with the molecular model. All these observa-
tions suggest that the complex observed in the elec-
tron micrographs is the catalytically competent 
complex between the R1 a2 dimer and the 
R2 b2 dimer, in which the electron is transferred 
from the sulfanyl group of Cysteine a439 to the 
4-oxidophenyl radical on Tyrosine b122 over a dis-
tance of 3.5 nm. 
 As was discussed earlier in Chapter 2, the net 
transfer of the electron by hopping among these 
side chains that comprise the relay is accomplished 
in a sequence of steps. An electron is transferred 
from the indolyl group of Tryptophan b48 to the 
hole in the 4-oxyphenyl radical in Tyrosine b122 to 
produce an indolyl radical in Tryptophan b48; an 
electron is transferred from the 4-hydroxyphenyl 
group of Tyrosine b356 to the hole in the indolyl 
radical in Tryptophan b48 to produce a 4-oxyphenyl 
radical in Tyrosine b356; an electron is transferred 
from the 4-hydroxyphenyl group of Tyrosine a731 
to the hole in the 4-oxyphenyl radical in Tyro-
sine b356 to produce a 4-oxyphenyl radical in Tyro-
sine a731; and an electron is transferred from the 
4-hydroxyphenyl group of Tyrosine a730 to the 
hole in the 4-oxyphenyl radical in Tyrosine a731 to 
produce a 4-oxyphenyl radical in Tyrosine a730. 
The 4-oxyphenyl radical in Tyrosine a730 then 
abstracts a hydrogen from the sulfanyl group of 
Cysteine a439 or an electron from the sulfido group 
of Cysteine a439 to produce the sulfenyl radical. As 
before, it is obvious that although long-range electron 
transfer seems to imply that the same electron is 
transferred from one location to the other, this is 
never the case in any situation, even when hopping 
does not occur. In fact, in the net transfer of an 
electron between each relay station in ribonucleo-
side-diphosphate reductase on a path of covalent 
bonds or through space, the same electron that leaves 
one station is not the same electron that arrives at 
the next.  
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 When an electron is transferred from an indolyl 
group, that group becomes an indolyl radical cation. 
It follows that dehydronation of the indolyl nitrogen 
during the transfer, so that the product is a neutral 
indolyl radical, should assist in the transfer. When 
an electron is transferred to a neutral, dehydronated 
indolyl radical, it becomes the anionic conjugate 
base of an indolyl group (pKa = 17), so hydronation 
of the nitrogen during the transfer will definitely 
assist in the transfer. In protein R2 from E. coli, the 
nitrogen of the indolyl group of Tryptophan b48 
participates in a hydrogen bond (0.30 nm) with the 
carboxylato group of Aspartate b237, which can 
remove and then add back a hydron as required, as 
the indolyl group gives up and takes up an electron.468 
 When an electron is transferred from a neutral 
4-hydroxyphenyl group, that group becomes a 
4-hydroxyphenyl radical cation, so dehydronation 
of its oxygen during the transfer should assist in the 
transfer. When, however, an electron is transferred 
from an anionic 4-oxidophenyl group, it becomes a 
neutral 4-oxyphenyl radical, so hydronation of its 
oxygen during the transfer could be undesirable. 
When an electron is transferred to a 4-oxyphenyl 
radical, it becomes a 4-oxidophenyl group (pKa = 9.8), 
so hydronation of its oxygen during the transfer 
might assist in the transfer. When the electron arrives 
at the 4-oxyphenyl radical on Tyrosine b122 in the 
active site of ribonucleoside-diphosphate reduc-
tase from E. coli, the resulting 4-oxido group can be 
hydronated by a hydron on one oxygen of the carboxy 
group of Aspartic Acid b84,468,503 which is nearby 
(0.34 nm) and in the proper orientation to transfer 
a hydron to a s lone pair of electrons on the oxido 
group. The 4-hydroxy group on Tyrosine b356 in 
the R2 protein is exposed to the solution and could 
take up a hydron from and give away a hydron to 
the solution. The planes of the two adjacent tyrosines 
in the active site in an R1 a subunit, Tyrosines a731 
and a730, are roughly parallel to each other in most 
crystallographic molecular models, and in the image 
reconstruction of the complex between protein R1 
and protein R2, they are stacked upon each other,499 
probably to facilitate electron transfer. In all cases, 
their respective oxygens are too far apart (0.35 nm) to 
form a hydrogen bond, and their disposition, espe-
cially when they are stacked upon each other, prevents 
them from attaining the proper orientation for a 
hydrogen bond,504 which is usually if not always a 
requirement of hydron transfer.* The 4-hydroxy 
                                     
*It is sterically difficult if not impossible for a hydron to be trans-
ferred between two tyrosines that are immediately adjacent to 
each other in a polypeptide. 

group of Tyrosine a731 in the active site, however, 
does participate in a hydrogen bond with the carboxy 
group of Glutamate a623.499 
 The 4-oxido group of Tyrosine a730 and the 
sulfanyl group of Cysteine a439 in protein R1 of 
ribonucleoside-diphosphate reductase from E. coli 
are in van der Waals contact (0.35 nm) in the resting 
state of the enzyme. Consequently, they cannot 
both be the negatively charged conjugate bases, 
and there must be a hydron on one of them. When 
the electron is removed from Tyrosine a730 by the 
hole in the 4-oxyphenyl radical of Tyrosine a731, 
the product of the one-electron oxidation must be a 
neutral, hydronated 4-hydroxy group and a neutral 
cysteinyl radical. The plane of the 4-hydroxyphenyl 
group of Tyrosine a741 in the enzyme from S. cere-
visiae (Figure 5-12), homologous to Tyrosine a730 
in the enzyme from E. coli, is normal to the line 
connecting its 4-hydroxy group to the sulfanyl 
group of Cysteine a428, homologous to Cyste-
ine a439 in E. coli, and the oxygen and sulfur are in 
van der Waals contact (0.34 nm). This orientation 
and this intimate contact are as they should be if 
the 4-oxyphenyl radical (5-113) of Tyrosine a741 
abstracts the hydrogen from the sulfanyl group of 
Cysteine a428, or if an electron from the sulfido 
group of Cysteine a428 is transferred in concert with 
the transfer of an electron from the 4-hydroxyphenyl 
group of Tyrosine a741 to the 4-oxyphenyl radical of 
Tyrosine a742. Both situations produce the sulfenyl 
radical and the 4-hydroxyphenyl group. 
 Ribonucleoside-diphosphate reductase from 
Chlamydia trachomatis is a homologue (22% identity; 
1.7 gap percent) of ribonucleoside-diphosphate 
reductase from E. coli in which the tyrosine bearing 
the radical in protein R2 has mutated over time to a 
phenylalanine and the unpaired electron resides in 
a dinuclear Fe3+(O2-)Mn4+ cluster. In this ribonu-
cleoside-diphosphate reductase, a tryptophan in 
the vicinity of the dinuclear Fe3+(O2-)Mn4+ cluster 
assumes the role of the missing tyrosine in the 
chain of relay stations between which the electron 
hops,505 even though the electron does not reside in 
its indolyl group at rest as it does in the 4-hydroxy-
phenyl group of Tyrosine 122 in protein R2 from 
E. coli. Other than the substitution of this trypto-
phan, the relay stations in the electron transfer in 
proteins R1 and R2 in this enzyme are on tyrosines 
and a tryptophan in homologous positions in the 
two polypeptides. Significant differences are observed 
in the absorptions in the electron paramagnetic 
resonance spectra of mutants of the enzyme from 
C. trachomatis in which each tyrosine is mutated in 
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turn when each mutant is in the normal reaction 
mixture for enzymatic activity. These differences 
indicate that each mutation in turn obstructs the 
transfer of the electron, causing it to assume different 
distributions over the chain of relay stations.506 
 In protein R2 from Flavobacterium johnsoniae, 
the tyrosine homologous to Tyrosine 122 in protein 
R2 from E. coli is present, but it is not a radical. The 
unpaired electron remains in the Mn3+(O2-)Mn4+ 
cluster adjacent to the tyrosine, presumably because 
the equilibrium analogous to Equation 5-141, with 
manganese ions replacing the two iron ions, favors 
the dinuclear cluster.475 
 Transfer of an electron from the sulfido or sul-
fanyl group on the cysteine in the catalytic site on 
protein R1 to the tyrosyl radical in protein R2 to 
create the sulfenyl radical initiates reduction of the 
nucleoside triphosphate. At the end of the catalytic 
reaction in the active site, the sulfenyl radical is 
regenerated. It was possible that it could then remain 
there and participate in subsequent turnovers. By 
using a mutant of ribonucleoside-diphosphate reduc-
tase from E. coli, however, in which Tyrosine 122 in 
protein R2 has been replaced with 2,3,5-trifluoro-
tyrosine to decrease the rate of electron transfer so 
that its kinetics could be examined, it has been shown 
that, at the end of each turnover, the electron is 
transferred from Tyrosine 122 back to the sulfenyl 
radical in the active site of protein R1.507 These 
observations are consistent with the conclusion 
that the complex between proteins R1 and R2 that 
is required for enzymatic activity exists only from 
the time the electron is transferred from the cata-
lytic site until the time that it has returned. 
 Crystallographic molecular models of the active 
sites of R1 proteins, in the absence of the respective 
R2 proteins and their tyrosyl radicals and occupied 
by ribonucleoside diphosphates (Figure 5-12) have 
been reported,490,504 as have crystallographic molec-
ular models of an adenosylcobalamin-dependent 
ribonucleotide reductase in the absence of thio-
redoxin and occupied by ribonucleotides and, in one 
case, a ribonucleotide and adenosylcobalamin.482,508 
In each case, the catalytic groups are homologous 
and similarly aligned.  
 
 There is a common mechanism for the ribo-
nucleotide reductases that is consistent with this 
arrangement of the catalytic groups around the 
ribonucleotides in these molecular models and with 
the available chemical evidence. This common 
mechanism (Figure 5-13)509 can be described for 
the ribonucleoside-diphosphate reductase from 

S. cerevisiae operating on ADP3- (Figure 5-12). The 
sulfenyl radical (BDE = 370 kJ mol-1) at Cysteine 428, 
homologous to each sulfenyl radical formed in the var-
ious ways, abstracts the hydrogen (BDE = 380 kJ mol-1) 
from carbon 3A of ADP3- (0.33 nm). The resulting 
a-hydroxyalkyl radical (5-114) at carbon 3A is sta-
bilized by the captodative effect engendered by 
electron donation from a lone pair of electrons on 
the adjacent 3A-hydroxy group. This lone pair of 
electrons is held parallel to the developing radical on 
carbon 3A by hydrogen bonds between the hydroxy 
group and Asparagine 426 and Glutamate 430. 
Abstraction of the hydrogen from carbon 3A permits 
the conjugation of that same lone pair of electrons 
with the two electrons in the carbon–oxygen bond 
of the 2A-hydroxy group, a conjugation that was 
prevented by the hydrogen on carbon 3A. As a result 
of the creation of this conjugation, the lone pair of 
electrons on the 3A-hydroxy group can push. The 
ribosyl group then undergoes a precedented, acid-
catalyzed510,511 elimination of water from carbon 2A. 
During this elimination, the sulfanyl group of Cyste-
ine 218, as the required acid catalyst, hydronates 
the leaving oxygen (0.34 nm) while the 3A-hydroxy 
group, which is becoming a carbonyl oxygen, hydro-
nates the sulfido group of Cysteine 218 (0.33 nm). 
The elimination produces an oxallylic radical with 
three electrons in two p molecular orbitals (5-115) 
and a sulfanyl group at Cysteine 218. In the highest 
occupied molecular orbital (drawn in Figure 5-13), 
the spin density is concentrated almost exclusively 
on carbon 2A and the oxygen on carbon 3A. Carbon 2A 
of the oxallylic radical (BDE = 400 kJ mol-1) abstracts 
the hydrogen (BDE = 370 kJ mol-1) from the sulfanyl 
group of Cysteine 218 to produce ketone 5-116.* 
The resulting sulfenyl radical then adds to the sulfanyl 
group of Cysteine 443 to form the disulfide radical 
anion.512,513 The a carbons of Cysteines 218 and 443 
are 0.51 nm apart, on the shorter end but within the 
range of 0.45–0.7 nm for that distance in typical di-
sulfides in proteins.514 The carboxy group of Glu-
tamate 430 then hydronates the carbonyl oxygen of 
ketone 5-116 while the electron in the disulfide 
radical anion (electron affinity = 9 kJ mol-1)515 is 
transferred to the carbonyl group (electron affinity = 
95 kJ mol-1)516 at carbon 3A. The resulting a-hydroxy-
alkyl radical (5-117) at carbon 3A (BDE = 380 kJ mol-1), 
 

                                     
*Cysteine 218 illustrates the unique properties of a sulfanyl group 
in such a reaction. The hydron that its thiolate removes from the 
3A-hydroxy group is the hydrogen atom abstracted by carbon 2A 
of the oxallylic radical. Thus a hydron on a sulfanyl group becomes 
a hydrogen atom. 
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Figure 5-13: A mechanism for ribonucleoside-diphosphate 
reductase or ribonucleotide-triphosphate reductase involving 
radical intermediates. The mechanism is drawn as if it were 
occurring in the active site of ribonucleoside-diphosphate 
reductase from S. cerevisiae. A hydrogen is abstracted from the 
3¢-carbon of the ribosyl group by the sulfenyl radical of Cyste-
ine 428 to produce the radical 5-114, and the 2¢-hydroxy group 
of the ribose is hydronated by a composite acid consisting of 
Cysteine 218, the 3¢-hydroxy group of the ribose, and Gluta-
mate 430 to initiate the production of the neutral oxallylic 
radical 5-115. The highest occupied molecular orbital (HOMO) 
of oxallylic radical 5-115 is drawn. It is occupied by the unpaired 
electron. The complete p molecular orbital system of the oxallylic 
radical contains three electrons. Formation of this oxallylic 
radical proceeds by elimination of water and dehydronation of 
the 3¢-hydroxy group so that two electrons can enter the p molec-
ular orbital system of the oxallylic radical. The oxallylic radical 
abstracts hydrogen from the sulfanyl group of Cysteine 218 to 
form ketone 5-116, and the resulting sulfenyl radical of Cyste-
ine 218 forms a cystinyl radical anion with the sulfanylate anion 
of Cysteine 443. An electron is transferred from the cystinyl 
radical anion to carbon 3¢ of ketone 5-116 to produce the radical 
at carbon 3¢ of the ribose (5-117). This radical abstracts the 
hydrogen from the sulfanyl group of Cysteine 428 to regenerate 
the original radical at the active site and the 2¢-deoxyribosyl 
group. 
 
 
 
which differs from a-hydroxyalkyl radical 5-114 
only by the hydrogen that has replaced the hydroxy 
group at carbon 2A, abstracts the hydrogen (BDE = 
370 kJ mol-1) from the sulfanyl group of Cysteine 428, 
the reverse of the first step in the mechanism, to 
complete reduction of the substrate. The resulting 
sulfenyl radical is then converted into a sulfanyl 
group or a sulfido group by the electron transfer 
that formed it in the first place. At the end of the 
reaction, ADP3- has been reduced to deoxyADP3-, 
and the two cysteines, Cysteines 218 and 443, have 
been oxidized to a cystine, and everything else is as 
it was. 
 This mechanism and the orientation of the 
catalytic groups in the active site are consistent 
with the retention of configuration for replacement 
of the hydroxy group by a tritium observed at 
carbon 2A.517 There are also a number of other 
observations that support this mechanism.* 
 When Cysteine 225 in ribonucleotide diphos-
phate reductase from E. coli (homologous to Cyste-
ine 218 in the enzyme from S. cerevisiae) is mutated 
to serine and the mutant is mixed with protein R2 
and [3A-3H]UDP3-, the ribosyl of UDP3- slowly 
decomposes, releasing its uracil, and tritium is 
released as 3H2O at the same rate as the tyrosyl radical 
 
                                     
*While reading the following observations, you should be referring 
to your copy of the stereodrawing of Figure 5-12, as well as Figure 
5-13. 

 
 

 
 in protein R2 is lost.518 Presumably, the abstraction 
of the hydrogen from carbon 3A by the sulfenyl rad-
ical of Cysteine 439 (homologous to Cysteine 428 in 
the enzyme from S. cerevisiae) and the electron 
transfer to Tyrosine 122 in protein R2 from E. coli 
from Cysteine 439 reaches equilibrium because the 
reaction cannot proceed further in the absence of 
Cysteine 225. As the oxallylic radical 5-115 slowly 
decomposes, the 4-oxidophenyl ion of Tyrosine 122 
in protein R2 cannot be reoxidized to the tyrosyl 
radical, and the triton stalled on Cysteine 439 ex-
changes with water. 
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 When [3¢-3H]UDP3- is used as a reactant in the 
reaction catalyzed by ribonucleoside-diphosphate 
reductase from E. coli, a primary kinetic isotope effect 
(Tk = 3)509 is observed, consistent with breaking of 
the bond between carbon 3A and its hydrogen. 
While most of the tritium remains on carbon 3A in 
the product [3A-3H]-2¢-deoxyuridine diphosphate, 
about 1% is lost to solvent,519 a result consistent 
with a slow loss resulting from isotopic exchange at 
the sulfanyl group of Cysteine 439 (homologous to 
Cysteine 428 in the enzyme from S. cerevisiae). If 
the accepted mechanism is correct, the latter obser-
vation suggests that either the [3H]sulfanyl group 
resulting from hydrogen abstraction from carbon 3¢ 
is shielded by the active site from exchange or the 
lifetime of the [3H]sulfanyl group is so short that 
very little exchange can occur or both of these pos-
sibilities combined. 
 2¢-Chloro-2¢-deoxycytidine diphosphate520 and 
2¢-chloro-2¢-deoxyuridine diphosphate520,521 are 
converted by ribonucleoside-diphosphate reductase 
from E. coli to the respective ketones, 2¢,3¢-dideoxy-
3¢-oxocytidine diphosphate and 2¢,3¢-dideoxy-
3¢-oxouridine diphosphate 

   
                (5-144) 

These ketones are the respective noncovalent inter-
mediate ketones 5-116 in the proposed mechanism 
(Figure 5-13). If [3¢-3H]-2¢-chloro-2¢-deoxyuridine 
diphosphate is used as a reactant, the tritium is 
transferred522 intramolecularly to carbon 2¢. Both 
observations are consistent with radical-assisted 
dehydrohalogenation* 

                                     
*From here on, when a radical intermediate is drawn in orbital 
notation, only the highest occupied molecular orbital (HOMO) 
of that intermediate will be represented, with the appropriate 
nodes, to indicate the locations of the unpaired spin. Because 
spin densities in the highest occupied molecular orbital of the 
respective intermediates are almost always unknown, a single 
dot, representing an unpaired electron will be placed in one of 
the lobes of the orbital either over a carbon, which is the atom 
that probably has the highest spin density (see 5-112 and 
5-113), or over a heteroatom, if spin density over that hetero-
atom is the focus of the reaction. 

                (5-145) 

In this explanation for the observations, the same 
oxallylic radical 5-115 is formed as during the normal 
reaction (Figure 5-13), and there is no unequivocal 
explanation for why it must be quenched by abstract-
ing a hydrogen from Cysteine 439 (homologous to 
Cysteine 428 from S. cerevisiae) to form ketone 5-116 
rather than abstracting a hydrogen from Cysteine 225 
(homologous to Cysteine 218 from S. cerevisiae) as 
usual and continuing on the normal path. For the 
dehydrohalogenation of these 2¢-chloro-2¢-deoxy-
nucleotides to occur, the enzyme must be in its 
reduced, dithiol form even though the reaction is 
formally a dehydrohalogenation and not a reduc-
tion, so it is not that Cysteine 225 is sequestered in 
the disulfide with Cysteine 462 (homologous to 
Cysteine 443 from S. cerevisiae) and unreactive. The 
only difference between the normal reactants and 
the homologous chlorides is the leaving group. 
Unlike a hydroxy group, a chloro group does not 
require hydronation before it leaves, and it is also 
far more difficult to hydronate the chlorine atom in 
an alkyl chloride than it is to hydronate the hydroxy 
group in an alcohol.523 If the active site is occluded 
so that hydrons cannot leave or enter over the life-
time of the intermediates, which would be consistent 
with the lack of tritium exchange when [3¢-3H]UDP3– 
is used as a reactant, then the sulfanyl group 
(pKa = -7 for RSH2

+) on Cysteine 225 (homologous 
to Cysteine 218 from S. cerevisiae) would be sharing 
a hydron with the oxo group (pKa = -7 for R2COH+) 
at carbon 3A that was the 3A-hydroxy group. The 
sulfanyl group, however, would be unable to lose 
simultaneously the hydron it already had at the 
beginning of the reaction by hydronating the chloride 
ion, and this double hydronation of sulfur, producing 
the conjugate acid of the sulfanyl group, would pre-
vent it from donating a hydrogen atom to carbon 2A 
(Figure 5-13). In this case, Cysteine 439 (homolo-
gous to Cysteine 428 from S. cerevisiae) would step 
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in to do so. If this is the case, the dehydrohalogena-
tion of the chlorides catalyzed by the enzyme is 
consistent with the sulfanyl group of Cysteine 225 
(homologous to Cysteine 218 from S. cerevisiae) being 
required to remove the hydron from the 3A-hydroxy 
group as well as adding a hydron to the 2A-hydroxy 
group during the elimination that produces the 
oxallylic radical, which its location in the occupied 
active site suggests that it must do (Figure 5-12). 
 The same dehydrohalogenation as that cata-
lyzed by ribonucleoside-diphosphate reductase 
from E. coli (Equation 5-144) is also catalyzed by 
adenosylcobalamin-dependent ribonucleoside-
triphosphate reductase from L. leichmannii.524 This 
additional, unusual observation demonstrates that 
the fundamental mechanisms of the reactions cata-
lyzed by ribonucleoside-diphosphate reductases 
and by ribonucleoside-triphosphate reductases are 
the same. 
 A result similar to the dehydrohalogenation is 
observed when 2A-C-methyladenosine diphosphate 
is used as a reactant with adenosylcobalamin-
dependent ribonucleoside-diphosphate reductase 
from Corynebacterium nephridii. In this case, the 
methyl group on carbon 2A seems to hinder the 
abstraction of a hydrogen from carbon 2A by the 
sulfanyl group on the Si face of the oxallylic radical 
(the one homologous to Cysteine 218 in the enzyme 
from S. cerevisiae). As a result, about 35% of the 
time, carbon 2A in the oxallylic radical abstracts the 
hydrogen from the cysteine (the one homologous 
to Cysteine 428 in the enzyme from S. cerevisiae) on 
the Re face rather than the Si face. This steric hin-
drance aborts the reaction and leads to production 
of the 2A-C-methyl version of ketone 5-116.525 
 When proteins R1 and R2 from E. coli are 
mixed with 2A-azido-2A-deoxyuridine 5A-phosphate, 
the tyrosyl radical on protein R2 is reduced to the 
tyrosinate, and sulfenamido radical 5-118 

   
                (5-146) 

is formed at the active site.526-528 It has been proposed 
that the nucleophilic sulfenamido radical anion 
5-119 of Cysteine 225 (homologous to Cysteine 218 
from S. cerevisiae) adds to ketone 5-116 formed by 
the normal mechanism (Figure 5-13) to form the 
identified product. The sulfenamido radical anion 
5-119 would be formed from the azide anion that 
leaves rather than water from carbon 2A as the oxallylic 
radical 5-115 is formed. 
 When Glutamate 441 in protein R1 of ribonucleo-
side-diphosphate reductase from E. coli (homolo-
gous to Glutamate 430 in the enzyme from S. cere-
visiae) is mutated to glutamine and the mutant is 
mixed with protein R2 and cytidine 5A-diphosphate, 
a portion of the tyrosyl radical is lost and a new 
radical appears with the electron paramagnetic 
resonance spectrum of a disulfide radical anion.529 
Because the carboxy group of Glutamate 441 is 
unavailable to hydronate the carbonyl oxygen of 
ketone 5-116 (Figure 5-13), carbon 3A is not electro-
positive enough to accept the electron from the disul-
fide radical anion, and the reaction is arrested at 
this step. 
 Finally, the disulfide between Cysteines 225 
and 462 in protein R1 from E. coli (homologous to 
Cysteines 218 and 443 in the enzyme from S. cere-
visiae) has been shown to be kinetically competent 
because it forms at a rate faster than the normal 
turnover of the enzyme when fully reduced 
R1 protein, R2 protein, and cytidine diphosphate 
are mixed in the absence of thioredoxin.500 
 This disulfide in the active site of ribonucleoside-
diphosphate reductase from E. coli, at the end of 
the reduction, is reduced by thiol–disulfide exchange 
(see Equation 5-57) with Cysteines 754 and 759 in 
protein R1 (homologous to Cysteines 731 and 736 
in the enzyme from S. cerevisiae). The homologous 
cysteines, Cysteines 731 and 736, in the adenosyl-
cobalamin-dependent ribonucleoside-triphosphate 
reductase of L. leichmannii are also responsible for 
reducing the homologous disulfide in its active 
site.518,530-532 The resulting, respective cystine of 
these two distal cysteines is reduced by thiol–
disulfide exchange with the two cysteines in reduced 
thioredoxin.533 
 Model studies of these reductions of ribonu-
cleotides are also consistent with the proposed 
mechanism (Figure 5-13).534,535 For example, when 
a radical is generated at carbon 3A of 2A-acetyl-
6-(N-benzoyl)adenosine by replacing its 3A-hydrogen 
synthetically with a phenylselenol ester and the 
phenylselenol ester is submitted to photolysis, the 
homologue of oxallylic radical 5-115 is formed, but 
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this conversion occurs only when a base, playing 
the role of Cysteine 218 (Figure 5-12), is present. 
This oxallylic radical subsequently participates in 
hydrogen abstraction to form ketone 5-116.536 The 
analogous radical at carbon 3 of 3-methoxytetra-
hydrofuran can be produced by intramolecular 
abstraction of hydrogen 3 by a sulfenyl radical.537 
 Although several ribonucleoside-triphosphate 
reductases that initiate their catalytic reactions 
with a stable glycyl radical (Equation 5-143) can 
use thioredoxin453 or other reductants538 as the ulti-
mate source of reducing equivalents, the anaerobic 
ribonucleoside-triphosphate reductases (formate), 
which also use a glycyl radical to initiate their reac-
tions, use formate 

         (5-147) 

as the ultimate reductant.539 Anaerobic ribonucleo-
side-triphosphate reductases (formate) lack the 
peripheral cysteines to oxidize the thioredoxin that 
serves as the reductant in the other ribonucleotide 
reductases, and they also may lack a sulfanyl group 
that plays the role of Cysteine 443 in the active site 
of protein R1 from S. cerevisiae (Figure 5-12). In the 
crystallographic molecular model of the unoccupied 
active site of anaerobic ribonucleoside-triphosphate 
reductase (formate) from Enterobacteria phage T4, 
there is a cysteine near the cysteine that becomes 
the sulfenyl radical, but its sulfur is 0.94 nm away 
from the sulfur of the sulfenyl radical,486 which 
seems too far away to form a cystine. If this is the 
case, the formate may enter the reaction at an ear-
lier stage than formation of an unavailable disulfide 
radical anion between two cysteines.540 In the ab-
sence of formate and the presence of CTP4-, however, 
an absorbance in an electron paramagnetic resonance 
spectrum of the closely related (68% identity; 2 gap 
per cent) anaerobic ribonucleoside-triphosphate 
reductase (formate) from E. coli is observed that 
has been identified as a thiosulfuranyl radical, 
which in this instance would be a disulfide radical 
between the sulfur of a cysteine and the sulfur of a 
methionine. In the enzyme from E. coli, a methio-
nine does replace the nearby cysteine in the active 
site of the enzyme from Enterobacteria phage T4, 
so observation of the thiosulfuranyl radical suggests 
that a disulfide radical anion, either between the 
two cysteines or between the cysteine and the 
methionine, is also an intermediate in the reaction 
catalyzed by the anaerobic ribonucleoside-
triphosphate reductases (formate). Formation of 

this radical in the active site of the enzyme from 
E. coli has been shown to be kinetically competent 
to be an intermediate in the reaction.541 If it is an 
intermediate, the formate may not become in-
volved at an earlier stage in the reaction. 
 The bond dissociation energy for the hydrogen 
of formic acid is 404 kJ mol-1, which seems too 
large for its abstraction by a sulfenyl radical 
(BDE = 370 kJ mol-1) but perhaps not too large for 
its abstraction by a disulfide radical anion or thio-
sulfuranyl radical, which would regenerate the two 
cysteines or a cysteine and a methionine. The carbon 
dioxide radical anion that results from abstraction 
of the hydrogen from formate is a strong one-electron 
reductant (electron affinity = -60 kJ mol-1),542 so it 
could as easily reduce ketone 5-116 to a-hydroxyalkyl 
radical 5-117.540 If a disulfide radical anion is not 
an intermediate in the reaction, carbon 2A of oxallylic 
radical 5-115 (BDE = 400 kJ mol-1) could abstract 
the hydrogen from formate, and then the carbon 
dioxide radical anion could reduce ketone 5-116 to 
a-hydroxyalkyl radical 5-117. In this case, the only 
role for the cysteine in these active sites that is 
homologous to Cysteine 218 in the active site of the 
enzyme from S. cerevisiae would be as a catalytic 
acid–base. 
 
 In the few other instances in which a tyrosyl or 
glycyl radical is an intermediate in an enzymatic 
mechanism, the radical is usually transient rather 
than permanent, and it usually abstracts a hydrogen 
from the substrate directly. For example, in the active 
site of prostaglandin-endoperoxide synthase543 

  
                 (5-148) 

a tyrosine is oxidized to a tyrosyl radical during each 
turnover of the enzyme. This tyrosyl radical has 
been identified in ovine prostaglandin-endoperoxide 
synthase by its characteristic electron paramagnetic 
resonance spectrum.544,545 It is a transient interme-
diate in the enzymatic reaction, and it is followed in 
the sequence of steps by a pentadienyl radical, also 
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identified by its electron paramagnetic resonance 
spectrum, that results from abstraction of the 
pro-S hydrogen from carbon 13 (Equation 5-148) 
of (5Z,8Z,11Z,14Z)-icosa-5,8,11,14-tetraenoate 
(arachidonate, 5-120).546 Carbon 13 sits between 
two carbon–carbon double bonds. In crystallographic 
molecular models of the complexes of the ovine 
enzyme547 or the murine enzyme543,548 with arachi-
donate, the 4-hydroxyphenyl group of Tyro-
sine 385, which becomes the transient radical,549 is 
immediately adjacent (0.30 nm) to carbon 13 of 
arachidonate, well within van der Waals contact 
(0.44 nm) and in the proper orientation to remove 
the pro-S hydrogen. Consequently, it must be the 
case that the tyrosyl radical (BDE = 380 kJ mol-1) 
abstracts a hydrogen directly from carbon 13 
(BDE = 320 kJ mol-1) to produce the pentadienyl 
radical encompassing carbons 11-15 of arachi-
donate.437 
 The oxidant that produces the tyrosyl radical in 
prostaglandin-endoperoxide synthase is a ferric heme. 
This heme is converted first to an oxoiron(IV) 
porphyrin· + that has an electron paramagnetic reso-
nance spectrum closely resembling that of the 
oxoiron(IV) porphyrin· + of peroxidase from Armo-
racia rusticana.550 The porphyrin· + immediately 
removes an electron from Tyrosine 385 to produce 
a hydroxyiron(IV) tyrosyl· + that has an electron 
paramagnetic resonance spectrum closely resem-
bling that of the hydroxyiron(IV) tryptophanyl· + 
from cytochrome-c peroxidase. One edge of the 
heme in the murine enzyme is cradled in the segment 
of polypeptide that Tyrosine 385 and Histidine 386 
comprise. One of the pyrroles in this edge of the 
heme is in van der Waals contact with the imidaz-
olyl group of Histidine 386 (0.37 nm), and one of its 
vinyl groups is in van der Waals contact with the 
4-hydroxyphenyl group of Tyrosine 385 (0.37 nm).543 
These two contacts provide two possible paths for 
the electron between the tyrosine and the porphyrin· +. 
 In the mechanism of galactose oxidase, a tran-
sient tyrosyl radical abstracts a hydrogen directly from 
the carbon of a primary alcohol (BDE = 390 kJ mol-1) 
in a substrate 551,552 to form a radical at that location 
that is stabilized captodatively. In the decarboxylation 
catalyzed by hydrogen peroxide-dependent heme 
synthase from G. stearothermophilus, a tyrosyl radi-
cal, formed by electron transfer to the oxoiron(IV) 
porphyrin· + of the reactant Fe-coproporphyrin III, 
abstracts a hydrogen from carbon 1 on a 2-carboxy-
ethyl group on the porphyrin to produce what 
should be a stable radical because it is conjugated 
to the oxoiron(IV) in the coproheme.553 The electron 

in the radical is immediately withdrawn into oxo-
iron(IV), leaving a carbenium ion that becomes a 
carbon–carbon double bond by decarboxylation at 
the adjacent former carbon 2 of the 2-carboxyethyl 
group on Fe-coproporphyrin III. 
 There is a group of enzymes,554-557 all distantly 
related to anaerobic ribonucleoside-triphosphate 
reductase (formate) and consequently to each oth-
er,565-567 in each of which a stable glycyl radical is 
formed by a [4Fe-4S] iron–sulfur cluster and 
S-adenosyl-¬-methionine.558-564 In each of these 
enzymes, other than anaerobic ribonucleoside-
triphosphate reductase of Enterobacteria phage T4, 
a sulfenyl radical produced directly by the glycyl 
radical is the first intermediate in the reaction. For 
example, in the active site of formate C-acetyltrans-
ferase 

  
                (5-149) 

from E. coli, the sulfanyl group of Cysteine 419 (the 
structural homologue of Cysteine 290 in anaerobic 
ribonucleoside-triphosphate reductase of Entero-
bacteria phage T4)566 is only 0.31 nm from the amido 
oxygen of Glycine 734,568 the glycine on which the 
stable radical (5-112) is located.556 This amido 
oxygen is in the proper orientation566 to abstract 
directly the hydrogen atom from the sulfanyl group 

   
                  (5-150) 

to form the 1,2-diaminoenol and the sulfenyl radical. 
The radical at Cysteine 419 is then transferred to 
Cysteine 418, probably by hydrogen abstraction. An 
absorption from one or the other of these cysteinyl 
radicals can be observed in an electron paramag-
netic resonance spectrum of the enzyme inactivated 
by 3-sulfanylpyruvate.569,570 From a crystallographic 
molecular model of the active site of the enzyme 
occupied by oxamate,566 it has been proposed that 
the radical of Cysteine 418 adds nucleophilically to 
the carbonyl of pyruvate (0.33 nm away) to create 
the radical of a thiohemiacetal that decomposes to 
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S-acetylcysteine and a formate radical. The formate 
radical then abstracts the hydrogen from the sulfanyl 
group of Cysteine 418. Transfer of the acetyl group on 
Cysteine 418 to coenzyme A completes the reaction.  
 In the reaction catalyzed by benzylsuccinate 
synthase from Thauera aromatica, however, the 
cysteinyl radical itself, formed by abstraction of the 
hydrogen by the stable glycyl radical from Cysteine 
493, abstracts a hydrogen from the methyl group in 
the reactant toluene to form the delocalized phenyl-
methylenyl radical, which has a benzylic p molecular 
orbital system. This intermediate radical partici-
pates in a radical addition at its methylene group to 
the carbon–carbon double bond of fumarate, the 
other reactant. The resulting benzylsuccinyl radical 
then abstracts the hydrogen from the sulfanyl 
group of Cysteine 493 to complete the reaction.555 
In a crystallographic molecular model of the active 
site occupied by toluene and fumarate, the methyl 
carbon of toluene is 0.39 nm from the sulfanyl 
group, and the carbon of fumarate to which the 
phenylmethyl radical adds is 0.34 nm from the methyl 
carbon of toluene,571 both distances at or within 
the respective van der Waals contact. 
 In a crystallographic molecular model of the 
active site of 4-hydroxyphenylacetate decarboxylase 
from Clostridium scatologenes occupied by the 
reactant (4-hydroxyphenyl)acetate, the sulfanyl 
group of Cysteine 503, the cysteine from which a 
hydrogen is abstracted by the stable glycyl radical, 
forms a hydrogen bond with the carboxy group of 
(4-hydroxyphenyl)acetate.572 A sulfenyl radical at 
Cysteine 503 (BDE = 370 kJ mol-1), however, should 
be unable to abstract a hydrogen from a carboxy 
group (BDE = 470 kJ mol-1). It has been proposed 
instead572,573 that the cysteinyl radical removes an 
electron from the carboxylato group of (4-hydroxy-
phenyl)acetate, rather than abstracting a hydrogen. 
This abstraction forms the acyloxy radical. Acyloxy 
radicals are unstable species that immediately de-
carboxylate, regardless of the carbon radical that 
results. In this instance, however, the decarboxyla-
tion leaves behind a stable, delocalized (4-hydroxy-
phenyl)methyl radical (BDE = 375 kJ mol-1). The 
(4-hydroxyphenyl)methyl radical then abstracts the 
hydrogen from the sulfanyl group of Cysteine 503 
(BDE = 370 kJ mol-1), the sulfido group of which 
was hydronated by Glutamate 505, to regenerate 
the cysteinyl radical and in the process form 4-methyl-
phenol, the other product of the enzymatic reaction. 
 
 A significant number574 of enzymes use 
5A-deoxy-5A-adenosyl radicals directly as interme-

diates. The 5A-deoxy-5A-adenosyl radicals in the 
active sites of this superfamily of enzymes are pro-
duced by homolytic dissociation of complex 5-111* 

 
                (5-138) 

which is formed from S-adenosyl-¬-methionine 
and a [4Fe-4S] iron–sulfur cluster, rather than the 
homolytic dissociation of the carbon–cobalt bond in 
a prosthetic adenosylcobalamin. In almost all575,576 
enzymatic reactions in which a 5A-deoxy-5A-adenosyl 
radical is produced by the homolytic dissociation 
of complex 5-111, S-adenosyl-¬-methionine is a 
reactant, and ¬-methionine and 5A-deoxyadenosine 
are products, as in the oxidation catalyzed by 2-deoxy-
scyllo-inosamine dehydrogenase (AdoMet-depen-
dent)577 

 
                (5-151) 

 In these enzymatic reactions, the first step is 
association of S-adenosyl-¬-methionine with the 
prosthetic, catalytic [4Fe-4S] iron–sulfur cluster 
in the active site.578 During this association, both 
the a-amino group and the a-carboxy group of 
S-adenosyl-¬-methionine become ligands to the 
one iron ion in the [4Fe-4S] iron–sulfur cluster that 
is not coordinated by a cysteine from the protein 
and that consequently has open sites for coordination. 
The conclusion that these two functional groups 
become ligands to this iron ion was reached by 
electron–nuclear double resonance spectroscopy579 

                                     
*The enzymes that use a 5A-deoxyadenosyl radical produced by 
the homolytic dissociation of complex 5-111 are often referred 
to as S-adenosyl-¬-methionine-dependent radical enzymes or 
radical AdoMet enzymes. 
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and crystallography.447,561,580-582 In this initial complex, 
exemplified by the initial complex in the active site 
of lysine 2,3-aminomutase from Clostridium sub-
terminale447 

 

the sulfur of S-adenosyl-¬-methionine ends up only 
0.29-0.35 nm from the same iron ion to which the 
a-amino and a-carboxy groups are ligands, and 
spectroscopic measurements identify the sulfur as 
a ligand to that iron ion following homolytic disso-
ciation of the sulfur–carbon bond (Equation 5-138; 
5-110)583 During each turnover of one of these 
enzymes, the resulting ¬-methionine dissociates 
from complex 5-110 and leaves the active site as a 
product, as does 5A-deoxyadenosine, while the 
catalytic [4Fe-4S] iron–sulfur cluster, which is a 
prosthetic group covalently bound through the 
three cysteines, as is the case for all [4Fe-4S] iron–
sulfur clusters, remains. 
 Because it must provide an electron to the sulfur 
that dissociates from the deoxyadenosyl group to 
give the sulfide as the product, the catalytic 
[4Fe-4S] iron–sulfur cluster must be in the reduced 
state, [(Fe2+)3(Fe3+)(2-S)4(-S-)3]2-, for the reductive 
homolytic dissociation of complex 5-111 to occur.584 
In solution under cyclic voltammetry, S-adenosyl-
¬-methionine displays an irreversible biochemical 
reduction potential of -1.4 V during successive 
sweeps of electrode potential between –0.6 and –1.7 V. 
When the voltage of the electrode is maintained 
at -1.5 V, 5A-deoxyadenosine (the product of abstrac-
tion of a hydrogen from a solute by a 5A-deoxy-
5A-adenosyl radical) and 8,5A-cycloadenosine (the 
product of the intramolecular cyclization of a 
5A-deoxy-5A-adenosyl radical) accumulate at a linear 
rate in the solution.585 The accumulation of these 
products occurs only if the electrode is poised at a 
voltage less than -1.4 V, and the rate of accumula-

tion increases linearly as the voltage of the poise is 
lowered to -2.8 V. These observations are con-
sistent with a reductive homolytic dissociation of 
S-adenosyl-¬-methionine producing 5A-deoxy-
5A-adenosyl radical, as normally occurs in the active 
sites of the enzymes of this family. 
 Standard biochemical reduction potentials, how-
ever, of the catalytic [4Fe-4S] iron–sulfur clusters in 
the enzymes that use complex 5-111 to produce a 
5A-deoxy-5A-adenosyl radical are all in the range585 
from -0.45 to -0.55 V. Formation of complex 
5-111, however, may shift the required reduction 
potential significantly. Instantaneous abstraction 
of the immediately adjacent hydrogen438 on the 
reactant bound in the active site could also shift a 
significantly unfavorable equilibrium for dissocia-
tion of complex 5-111 to form the 5A-deoxy-
5A-adenosyl radical at these greater reduction poten-
tials into the favorable range by mass action. 
 The intermediate 5A-deoxy-5A-adenosyl radical 
assumed to exist in these enzymatic reactions has 
been produced in the active site of [formate-
C-acetyltransferase]-activating enzyme from E. coli 
at 12 K by photolytically driven electron transfer 
from the catalytic [4Fe-4S] iron–sulfur cluster to 
force dissociation of the carbon–sulfur bond. The 
resulting 5A-deoxy-5A-adenosyl radical has been 
characterized by electron paramagnetic resonance 
and electron–nuclear double resonance spectroscopy 
using isotopic substitution in its ribosyl group. The 
radical is in a p orbital on carbon 5A and is rotated 
out of the plane of the ribose ring by 40ª to take 
advantage of the captodative effect provided by an 
unconjugated lone pair of electrons on the oxygen 
of the ribosyl ring. 
 In all other instances in which it is an interme-
diate, however, the existence of intermediate 
5A-deoxy-5A-adenosyl radical has only been inferred 
from the fact that the product of these enzymatic 
reactions is 5A-deoxyadenosine, the fact that the 
deuterium on the reactant that does not remain in 
the product ends up on the methyl group of 
5A-deoxyadenosine, the fact that the hydrogen 
removed from the reactant is usually not acidic, the 
fact that the bond dissociation energies of carbon–
sulfur bonds are fairly small, and the fact that a 
[4Fe-4S] iron–sulfur cluster usually provides electrons 
one at a time, which is what is needed to further 
weaken the carbon–sulfur bond in S-adenosyl-
¬-methionine. 
 The sulfur of the sulfonium in S-adenosyl-
¬-methionine in complex 5-111 has two secondary 
aliphatic carbons and a primary aliphatic carbon 
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attached to it. In the enzymes that use a 5A-deoxy-
5A-adenosyl radical as an intermediate, the bond 
between the adenosyl group and the sulfur dissoci-
ates homolytically, but the other two carbon–
sulfur bonds are also susceptible to homolytic 
dissociation. In the active site of 2-(3-amino-
3-carboxypropyl)histidine synthase from P. hori-
koshii, in which the ligation of the iron ion in the 
catalytic [4Fe-4S] iron–sulfur cluster586 in complex 
5-111 is almost identical to that in the active site of 
lysine 2,3-aminomutase from C. subterminale, the 
carbon–sulfur bond to the (S)-3-amino-3-carboxy-
propyl group of S-adenosyl-¬-methionine (8 o'clock 
position of the sulfur atom in 5-111), rather than 
the carbon–sulfur bond to the 5A-deoxyadenosyl 
group (10 o'clock position of the sulfur atom in 
5-111), dissociates homolytically to produce the 
(S)-3-amino-3-carboxy-1-propyl radical, which 
then adds to carbon 2 of the imidazolyl group of a 
histidine in translation elongation factor 2. An absorp-
tion in the electron paramagnetic resonance spectrum 
of the enzyme when it is mixed with S-adenosyl-
¬-methionine has been assigned to this radical on 
the basis of changes in the spectrum upon isotopic 
substitutions.587 
 Complex 5-111 can also dissociate homolytically 
at the sulfur–carbon bond to the methyl group, 
even though a primary methyl radical is significantly 
less stable. The methyl radical has been observed in 
the active site of (FeFe) hydrogenase maturation 
factor HydG, the enzyme responsible for producing, 
from ¬-tyrosine, the carbon monoxide and cyanide 
found in the [FeFe] hydrogenase of C. acetobuty-
licum. It was produced at 12 K by photolytically 
driven electron transfer from the catalytic [4Fe-4S] 
iron–sulfur cluster to force dissociation of the carbon–
sulfur bond.588 The methyl radical was identified by 
its electron paramagnetic resonance spectrum, which 
was consistent with the conclusion that it was rapidly 
rotating within the active site, as one might expect. 
When the decarboxylated analogue of S-adenosyl-
¬-methionine, S-adenosyl-S-methyl-3-sulfanyl-
1-propylamine, is used as a reactant for 2-(3-amino-
3-carboxypropyl)histidine synthase from P. hori-
koshii rather than S-adenosyl-¬-methionine, the 
carbon–sulfur bond to the S-methyl group dissoci-
ates homolytically, and that methyl group ends up 
on a sulfide adjacent to the catalytic iron ion in the 
[4Fe-4S] iron–sulfur cluster.586 In the active site of 
the carbide synthase NifB from Methanothrix 
thermoacetophila, the methyl group that eventually 
becomes the mononuclear carbide in the center of 
the [Mo-7Fe-9S-C] cluster in dinitrogenase during 

its normal reaction is the methyl group of S-adenosyl-
¬-methionine in complex 5-111. Rather than to a 
sulfide in the catalytic [4Fe-4S] iron–sulfur cluster, 
this methyl group is transferred to a sulfide in an-
other [4Fe-4S] iron–sulfur cluster, which is one of 
the two [4Fe-4S] iron–sulfur clusters that are reac-
tants for the enzyme and that eventually become 
the [Mo-7Fe-9S-C] cluster.589 
 In most reactions in which a 5A-deoxy-5A-aden-
osyl radical is produced by homolytic dissociation 
of complex 5-111, the 5A-deoxy-5A-adenosyl radical 
abstracts a hydrogen directly from a reactant. For 
example, in the dehydrogenation catalyzed by 
2-deoxy-scyllo-inosamine dehydrogenase (AdoMet-
dependent), the 5A-deoxy-5A-adenosyl radical pro-
duced by homolytic dissociation of complex 5-111 
abstracts the hydrogen on carbon 3 in the reactant 
2-deoxy-scyllo-inosamine577 

 
                (5-152) 

The intermediate radical of 2-deoxy-scyllo-inos-
amine is then oxidized by the transfer of one elec-
tron to give the ketone, 2,3-dideoxy-3-oxo-scyllo-
inosamine, which is the product of the reaction. As 
was observed in this instance,577 in most cases, the fact 
that the 5A-deoxy-5A-adenosyl radical has abstracted 
a hydrogen from one reactant for an enzyme in this 
superfamily and the identity of the hydrogen abstract-
ed is established by synthetically or biosynthetically 
deuterating that hydrogen and showing that the 
deuterium ends up on the 5A-deoxyadenosine that 
is the product of the reaction.590-599 Because the 
deuterium ends up on a methyl group in 5A-deoxy-
adenosine, it is not susceptible to exchange. 
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 The radical produced by abstracting a hydrogen 
adjacent to any hydroxy group, as occurs in the reac-
tion of ribonucleotide reductase or 2-deoxy-scyllo-
inosamine dehydrogenase (AdoMet-dependent), is 
30 kJ mol-1 more stable than the one produced by 
abstracting a hydrogen from the analogue in which 
the hydroxy group is replaced by a hydrogen.440 
This stability arises from a captodative effect.600 In 
both ribonucleotide reductase and 2-deoxy-scyllo-
inosamine dehydrogenase (AdoMet-dependent), the 
captodative effect that stabilizes the radical results 
from electron exchange between the unpaired elec-
tron and electrons in a lone pair on a hydroxy 
group. For this captodative effect to occur, the lone 
pair must be parallel to the p molecular orbital system 
of the radical, as it is in the active site of ribonucleo-
tide reductase (Figure 5-12). The radical produced 
by abstracting a hydrogen adjacent to an amino 
group is 40 kJ mol-1 more stable than the one pro-
duced by abstracting a hydrogen from the analogue 
in which the amino group is replaced by a hydrogen, 
and the stabilization provided by a sulfanyl group is 
of the same order of magnitude. 
 In enzymatic dehydrogenations analogous to that 
catalyzed by 2-deoxy-scyllo-inosamine dehydrogenase 
(AdoMet-dependent), a 5A-deoxy-5A-adenosyl radi-
cal, produced from the adenosyl group by homolytic 
dissociation of complex 5-111, abstracts a hydrogen 
from a carbon bearing a primary hydroxy group,601 
a secondary amino group,602 or a primary sulfanyl 
group,603 each of which can stabilize the resulting 
radical captodatively. When the reactant is a second-
ary amine or primary thiol, the product resulting 
from subsequent removal of the unpaired electron 
is an imine or thioaldehyde, usually hydrolyzed to a 
ketone or aldehyde, respectively, to complete the 
oxidation. In these instances the products are the 
same as when the hydrogen is abstracted next to a 
hydroxy group. 
 Mycofactocin radical SAM maturase from Mycoli-
cibacterium smegmatis.604,605 uses a 5A-deoxy-5A-aden-
osyl radical produced by homolytic dissociation of 
complex 5-111 to abstract a hydrogen from the 
b-carbon of a tyrosine at the carboxyterminus of a 
short peptide (31aa). In this instance, the unpaired 
electron in the intermediate radical (5-121) is delocal-
ized in a benzylic p  molecular orbital system 

 

over its 4-hydroxyphenyl group and stabilized fur-
ther by a captodative effect of a lone pair of elec-
trons on the 4-hydroxy group. 
 There is a corollary to the captodative effect in 
situations in which there is an extended p molecular 
orbital system, as in the case of mycofactocin radical 
SAM maturase. When an unpaired electron is delocal-
ized in such a way that there is a lobe in the highest 
occupied molecular orbital of the p molecular orbital 
system, as identified by resonance structures, on a 
carbon next to a heteroatom with a lone pair of 
electrons that can exchange with that unpaired 
electron, the spin density at that carbon will be 
increased by the interaction, as indicated by placing 
the unpaired electron at that carbon. This electron 
exchange increases the stability of the delocalized 
radical and lowers its potential to abstract a hydrogen 
from its surroundings, a fact that would be advan-
tagous in a crowded active site. When, however, there 
is a node in the highest occupied molecular orbital 
next to a heteroatom, there is no possibility of elec-
tron exchange with the unpaired electron. 
 In the tyrosyl radical 

 

there is a different type of stabilization. The p molec-
ular orbital system in this radical is also benzylic, 
and there is a node on the carbon adjacent to the 
exocyclic oxygen, but there is a lobe on oxygen in 
the highest occupied molecular orbital system be-
cause a hydrogen has been formally abstracted 
from this oxygen. The increase in spin density in 
this lobe is not due to the lone pairs of electrons on 
the oxygen because they are orthogonal to the 
p molecular orbital system; it is due to the fact that 
the oxygen, as is the case with a nitrogen, is more 
electronegative than carbon. The electronegativity 
of oxygen increases the spin density on oxygen. 
 As has already been discussed, the significant 
reactivity of the primary radical on carbon 5A of the 
5A-deoxy-5A-adenosyl radical presents a challenge. 
The active site in an enzyme in the superfamily 
guards against unfortunate, unintentional abstrac-
tions of hydrogens in the vicinity that could result 
from such a reactive primary radical in at least two 
ways. 
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 First, the 5A-deoxy-5A-adenosyl radical is usually 
generated immediately adjacent to the hydrogen 
that is to be abstracted. When S-3A,4A-anhydro-
adenosyl-¬-methionine is used as a reactant for 
lysine 2,3-aminomutase from C. subterminale, the 
complex between this analogue of S-adenosyl-
¬-methionine and the catalytic [4Fe-4S] iron–sulfur 
cluster dissociates in the active site to produce an 
allylic analogue of the 5A-deoxy-5A-adenosyl radical 

     
                (5-153) 

in which the unpaired electron is delocalized over 
carbons 3A, 4A, and 5A. This allylic 5A-deoxy-
3A,4A-anhydroadenosyl radical is much less reactive 
(BDE = 370 kJ mol-1) than the primary radical in the 
5A-deoxy-5A-adenosyl radical and is unable to abstract 
a hydrogen efficiently from carbon 3 of ¬-lysine, the 
reactant in this enzymatic reaction, when it is formed 
from S-3A,4A-anhydroadenosyl-¬-methionine. As a 
result, the allylic radical accumulates in the active 
site when the enzyme is in a reaction mixture for 
the enzymatic reaction, and its absorption in an 
electron paramagnetic resonance spectrum can be 
observed and definitively identified.606 
 Electron–nuclear double resonance spectra of 
¬-lysines in which various atoms have been isotop-
ically substituted provide estimates of the distances 
between a radical on carbon 5¢ and both carbons 2 
and 3 of ¬-lysine within the complex between the 
active site of lysine 2,3-aminomutase from C. subter-
minale and a 5A-deoxy-3A,4A-anhydroadenosyl radical 
and ¬-lysine.438 The measured distance between 
carbon 5A of the allylic radical and the hydrogen on 
carbon 3 of the ¬-lysines in the respective complexes, 
the hydrogen that ends up on the product 5A-deoxy-
adenosine, is 0.2 nm, well within van der Waals 
contact (0.29 nm). The measured distance between 

carbon 5A of the allylic radical and carbon 2 of 
¬-lysine in the complex, the carbon to which the 
hydrogen is transferred, is 0.3 nm, also within van 
der Waals contact (0.40 nm). From these measure-
ments, it could be concluded that in the case of the 
active site of lysine 2,3-aminomutase—and presum-
ably in many, if not most, of the other active sites of 
enzymes that share this mechanism—the 5A-deoxy-
5A-adenosyl radical is generated during turnover of 
the enzyme at a location so close to the hydrogen it 
is supposed to abstract that there is no opportunity 
for it to abstract a hydrogen from any other loca-
tion in the active site, which it could easily do. This 
intimacy guarantees the proper outcome for the 
enzymatic reaction. 
 Second, if the reactant is not present in the active 
site of the enzyme when the 5A-deoxy-5A-adenosyl 
radical is generated, it can add to the catalytic iron 
ion in the catalytic [4Fe-4S] iron–sulfur cluster to 
produce a organometallic product with an iron–
carbon bond between this iron ion and carbon 5A. 
This adduct has been observed in electron–nuclear 
double resonance spectra of intermediates in several 
of the enzymes in this family.607 This organometallic 
complex is analogous to an adenosylcobalamin. It 
is a way to store the 5A-deoxy-5A-adenosyl radical 
safely while retaining its reactivity. [4Fe-4S] Iron–
sulfur clusters in which one of the iron ions is alkyl-
ated with a benzyl group or an n-octyl group have 
been synthesized.608 The iron–carbon bond in each 
synthetic complex dissociates readily to give the 
benzyl radical or the n-octyl radical, results that 
demonstrate the ability of such a complex to pre-
serve the reactivity of the radical. It is also possible 
that this adenosyliron could be an obligate inter-
mediate in the creation of the 5A-deoxy-5A-adenosyl 
radical,607 but this possibility seems unrealistic 
considering the distance between carbon 5A and the 
iron in complex 5-111. 
 Most of the intermediate radicals that are formed 
in the active sites of enzymes that share this mech-
anism to initiate their reactions are either localized 
on a carbon adjacent to a heteroatom with a lone 
pair of electrons that can participate in a captodative 
effect or are in the highest occupied molecular orbital 
of a p molecular orbital system that has a lobe or 
lobes adjacent to one or more heteroatoms with 
lone pairs of electrons that can participate in a capto-
dative effect. Consequently, it may be the case that 
these are the intermediate radicals that are produced 
in the active site simply because they are the most 
stable alternatives. In other words, the 5A-deoxy-
5A-adenosyl radical and the subsequent radicals 
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may be sterically able to abstract more than one 
hydrogen atom on the reactant in their immediate 
vicinity, as in the case of lysine 2,3-aminomutase, 
but the hydrogen each of them abstracts is the one 
that produces the more stable subsequent radical. 
If so, this discrimination follows the rule governing 
the regiochemistry of a nonenzymatic radical chain 
reaction. It is possible that the particular products 
of these various enzymatic reactions first appeared 
adventitiously solely because the intermediates 
were the most stable before a use was found for 
those products. 
 Abstraction of a hydrogen by the 5A-deoxy-
5A-adenosyl radical from a substrate usually produces 
a radical intermediate of significant lifetime at the 
carbon from which it is removed. This longevity 
was demonstrated by synthesizing an analogue of 
the substrate for sporulation killing factor maturation 
protein SkfB from B. subtilis in which a cyclopropyl 
group was added to the carbon from which hydrogen 
is abstracted. The product of the reaction was not 
the usual crosslink produced by the enzyme but an 
ethylmethylene group at that carbon, resulting 
from the opening of the cyclopropyl ring.609 This 
result is consistent with abstraction of a hydrogen 
from that carbon, producing a radical that has a 
lifetime long enough (>10 ns) to permit the cyclo-
propyl ring to open. 
 Following dissociation of the 5A-deoxy-5A-aden-
osyl radical from complex 5-111, the catalytic 
[4Fe-4S] iron–sulfur cluster in complex 5-110 ends 
up in the oxidized state, [(Fe2+)2(Fe3+)2(2-S)4(-S-)3]-. 
Consequently, it is available to accept an electron 
from an intermediate radical in a one-electron oxi-
dation. Most, but not all,610-612 of the enzymes that 
share this mechanism, however, also have at least 
one auxiliary iron–sulfur cluster in addition to the 
catalytic [4Fe-4S] iron–sulfur cluster, so the oxidant 
in these reactions is often ambiguous. In some in-
stances, an auxiliary cluster may accept the electron 
from the intermediate radical and transfer it to the 
oxidized catalytic [4Fe-4S] iron–sulfur cluster of 
complex 5-110. 
 In 2-deoxy-scyllo-inosamine dehydrogenase 
(AdoMet-dependent) (Equation 5-152), there is an 
auxiliary [4Fe-4S] iron–sulfur cluster in addition to 
the catalytic [4Fe-4S] iron–sulfur cluster.613 In a 
crystallographic molecular model of the enzyme 
occupied by 2,3-dideoxy-3-oxo-scyllo-inosamine, 
carbon 3, at which the hydrogenation–dehydrogen-
ation occurs (Equation 5-152), is almost equidistant 
from the two [4Fe-4S] iron–sulfur clusters.580 The 
phenyl ring of Phenylalanine 188, however, is almost 

normal to a line between one of the sulfides in the 
auxiliary [4Fe-4S] iron–sulfur cluster and carbon 3. 
A carbon in the phenyl ring is 0.4 nm from carbon 1 
of 2,3-dideoxy-3-oxo-scyllo-inosamine, and another 
is 0.5 nm from the sulfide. The phenyl ring could 
serve as an intermediate relay station for electron 
transfer from the radical at carbon 1 to the oxidized 
auxiliary [4Fe-4S] iron–sulfur cluster. The low bio-
chemical reduction potential (-765 mV) of the aux-
iliary [4Fe-4S] iron–sulfur cluster, however, suggests 
that it is not a competent oxidant. 
 In a crystallographic molecular model of a dehy-
drogenase from Streptoalloteichus tenebrarius, which 
performs an identical dehydrogenation at carbon 4 
of a terminal 2-deoxy-2-amino-∂-glucosyl group in 
an oligosaccharide and which contains only the 
catalytic [4Fe-4S] iron–sulfur cluster, the 4-hydroxy-
phenyl group of Tyrosine 216 sits between the cata-
lytic [4Fe-4S] iron–sulfur cluster and carbon 4 of a 
2-deoxy-2-amino-∂-glucosyl group that occupies 
the active site and forms a hydrogen bond to the 
hydroxy group on carbon 3. It has been proposed 
that this tyrosine transfers the electron from the 
intermediate radical at carbon 3 of 2-deoxy-scyllo-
inosamine (see Equation 5-152) to the oxidized 
catalytic [4Fe-4S] iron–sulfur cluster.614 
 There is also a subfamily of enzymes each of 
which uses a 5A-deoxy-5A-adenosyl radical generated 
by the homolytic dissociation of complex 5-111 
and each of which contains a cobalamin. In the 
crystallographic molecular model of the complex 
between S-adenosyl-¬-methionine and OxsB protein 
from Priestia megaterium,581 a member of this sub-
family, the prosthetic cobalamin in the active site is 
in contact with the catalytic [4Fe-4S] iron–sulfur 
cluster, which is the only iron–sulfur cluster in the 
enzyme, but the cobalt in the cobalamin is too far 
away (0.75 nm) from carbon 5A of S-adenosyl-
¬-methionine in complex 5-111 for carbon 5A to ev-
er become a ligand to the cobalt. In this case, the 
cobalamin serves the same role as an auxiliary iron–
sulfur cluster acting as the acceptor of an electron 
and then being rereduced. 
 There are also reactions catalyzed by active 
sites that share this mechanism in which an inter-
mediate radical is reduced by accepting an electron 
rather than being oxidized by losing an electron. 
Because the catalytic [4Fe-4S] iron–sulfur cluster is 
oxidized during the generation of the 5A-deoxy-
5A-adenosyl radical, it cannot provide the necessary 
electron. Consequently, in these cases an auxiliary 
iron–sulfur cluster in the active site or nearby is 
usually able to donate the necessary electron and in 
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turn is rereduced by one of the usual small electron 
carriers present in the cytoplasm. This auxiliary 
iron–sulfur cluster can also be involved in reduc-
tion of the oxidized catalytic [4Fe-4S] iron–sulfur 
cluster in complex 5-110. 
 In the epimerization catalyzed by neomycin C 
epimerase from Streptomyces fradiae 

  
                (5-154) 

the 5A-deoxy-5A-adenosyl radical abstracts the 
hydrogen from carbon 5 of the 2,6-diamino-
2,6-dideoxy-∂-glucosyl group to produce a planar 
tertiary radical, stabilized by a lone pair on the adja-
cent oxygen. The tertiary radical, on its opposite 
face, then abstracts a hydrogen from the sulfanyl 
group of Cysteine 249 to achieve the epimerization. 
A signal from the intermediate tertiary radical has 
been observed in the electron paramagnetic reso-
nance spectrum of the enzyme in which Cysteine 249 
has been mutated to alanine when the mutant is 
mixed with reactant. This result is consistent with 
this cysteine being the source of the hydrogen 
abstracted by the initial radical. The resulting sulfenyl 
radical at Cysteine 249 and the oxidized catalytic 
[4Fe-4S] iron–sulfur cluster in complex 5-110 are 
then reduced back to the sulfanyl group and the 
reduced catalytic [4Fe-4S] iron–sulfur cluster by 
respective one-electron transfers from an auxiliary 
[4Fe-4S] iron–sulfur cluster within the active site.597 
These transfers provide in turn the two electrons 
needed for the overall reaction. The auxiliary [4Fe-4S] 
iron–sulfur cluster is reduced in two one-electron 
steps by small electron carriers in the cytoplasm. 
The two electrons are required because the 
S-adenosyl-¬-methionine becomes 5A-deoxy-
adenosine and ¬-methionine. An epimerase in an 
uncharacterized bacterial symbiont in the sponge 
Theonella swinhoei uses the same mechanism to 
epimerize ¬-valine to ∂-valine in a peptide that is a 
precursor to polytheonamide A.615 
    

 The rather remarkable diversity (Figure 5-14) 
of the reactions catalyzed within the family of 
enzymes that initiate their respective reactions by 
homolytic dissociation of complex 5-111 illustrates 
the variety of homolytic transformations that active 
sites are able to perform and the control over regio-
chemistry they are able to exert. This regiospecificity, 
in particular, is a further demonstration of the steric 
control possible in an active site, reminiscent of the 
stereochemical control in the terpene cyclases. 
 Mycofactocin radical SAM maturase (Figure 
5-14A) abstracts a hydrogen from a tyrosine at the 
carboxy terminus of mycofactocin precursor peptide 
during the synthesis of mycofactocin.604,605 The 
resulting intermediate 4-hydroxybenzylic radical 
(5-122) is then oxidized by the transfer of an electron 
to one of the three [4Fe-4S] iron-sulfur clusters in 
the enzyme to produce the intermediate 1-carboxy-
methylene-2,5-cyclohexadien-4-one, which is a 
ketone at carbon 4 of the former 4-hydroxyphenyl 
group. This intermediate, which is a vinylogous 
b-oxo acid, then decarboxylates. 
 In biotin synthase 

  
                (5-155) 

which is a sulfurtransferase, two S-adenosyl-¬-methi-
onines are reactants, and they are converted in 
succession to two 5A-deoxyadenosines and two 
¬-methionines that leave the active site as products 
during each turnover.590 In the active site of biotin 
synthase, there is a single catalytic [4Fe-4S] iron–
sulfur cluster that generates these two 5A-deoxy-
5A-adenosyl radicals in succession by consecutive 
homolytic dissociations of complex 5-111. The two 
reduced [2Fe-2S] ferredoxins that are reactants for 
the enzyme each provide an electron that is needed 
to rereduce complex 5-110 after each of the two 
rounds of hydrogen abstraction. An auxiliary 
[2Fe-2S] iron–sulfur cluster, which does not act as 
a donor or acceptor of an electron from an inter-
mediate radical, is the source of the necessary sulfide 
ion. 
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Figure 5-14: Reactions catalyzed by enzymes that use as an 
intermediate a 5A-deoxy-5A-adenosyl radical produced by the 
homolytic dissociation of complex 5-111. (A) Mycofactocin 
radical SAM maturase. (B) Biotin synthase. (C) PqqA Peptide 
cyclase. (D) GTP 3¢,8-Cyclase. (E) Thiazole methyltransferase. 

(F) 23S rRNA (Adenine2503-C2)-methyltransferase. (G) tRNA 
4-Demethylwyosine synthase (AdoMet-dependent). (H) 3-Methyl-
2-indolic acid synthase. (I) (FeFe) Hydrogenase maturation 
factor HydG. (J) 2-Iminoacetate synthase.  
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 The first 5A-deoxy-5A-adenosyl radical generated 
in the active site of biotin synthase by homolytic 
dissociation of complex 5-111616 abstracts a hydrogen 
from carbon 9 of dethiobiotin (Figure 5-14B),590,617 
and the resulting dethiobiotin radical 5-123 then 
inserts into a sulfide in the auxiliary [2Fe-2S] iron–
sulfur cluster616,618,619 that is immediately adjacent 
to it.612 The conjugate base of the 9-sulfanyldethio-
biotin (5-124) that is formed as an intermediate in 
this first half of the overall reaction remains as a 
ligand through its sulfur to one or both of the iron 
ions in the auxiliary [2Fe-2S] iron–sulfur cluster, 
and an absorption in an electron paramagnetic 
resonance spectrum has been assigned to this 
complex on the basis of changes that occur on iso-
topic substitutions.620 9-Sulfanyldethiobiotin has 
been isolated from a reaction mixture containing 
biotin synthase from E. coli and identified chemi-
cally.621 In the second half of the overall reaction, a 
second 5A-deoxy-5A-adenosyl radical, produced in 
the same way at the same catalytic [4Fe-4S] iron–
sulfur cluster, abstracts a hydrogen from carbon 6 
of the intermediate 9-sulfanyldethiobiotin, and the 
resulting radical inserts into the same sulfur, in a 
sequence of steps similar to the first, to produce bi-
otin 

 

That each hydrogen is abstracted by the respective 
5A-deoxy-5A-adenosyl radical follows from the fact 
that deuterium on carbon 9 and tritium on carbon 6 
of dethiobiotin end up in 5A-deoxyadenosine pro-
duced in the reaction catalyzed by biotin synthase 
from E. coli.590 The auxiliary [2Fe-2S] iron–sulfur 
cluster is reassembled after each turnover by an 
assembly system that uses a sulfur atom on a sulfur-
carrier protein, which becomes a sulfide in the 
reassembled auxiliary cluster. 
 Lipoyl synthase also catalyzes two successive 
radical additions to sulfides. The first 5A-deoxy-
5A-adenosyl radical generated in the active site of 
lipoyl synthase by homolytic dissociation of com-
plex 5-111 abstracts a hydrogen from carbon 6 of 

an octanoyl group in an amide with the 6-amino 
group of a lysine in a protein that is a substrate for 
the enzyme. The resulting secondary alkyl radical at 
carbon 6 then inserts into a sulfide in an auxiliary 
[4Fe-4S] iron–sulfur cluster that is immediately 
adjacent to it. The sulfide becomes a sulfido group 
on carbon 6 of the octanoyl group. In a crystallo-
graphic molecular model between a peptide con-
taining this 6-sulfidooctanoyl group and lipoyl 
synthase from E. coli,622 the sulfido group remains 
a ligand to three iron ions in the auxiliary [4Fe-4S] 
iron–sulfur cluster.623 In a second round, a second 
5A-deoxy-5A-adenosyl radical generated in the active 
site by homolytic dissociation of a subsequent 
complex 5-111 at the same catalytic [4Fe-4S] iron–
sulfur cluster abstracts a hydrogen from carbon 8 of 
the 6-sulfanyloctanoyl group. The resulting primary 
radical inserts into a sulfide across the face of the 
auxiliary [4Fe-4S] iron–sulfur cluster in which the 
first sulfide was located to form a sulfido group on 
carbon 8. The N6-(dihydrolipoyl)lysine 

 

in the peptide or protein that is a substrate for the 
enzyme then dissociates from the auxiliary 
[4Fe-4S] iron–sulfur cluster as the nominal product 
of the reaction, leaving two vacancies where the 
two sulfides once were. The auxiliary [4Fe-4S] 
iron–sulfur cluster has to be regenerated before the 
next turnover can occur. 
 In addition to the dehydrogenases, the epimer-
ases, and sulfurtransferases that have already been 
discussed, there are enzymes that use 5A-deoxy-
5A-adenosyl radicals generated by homolytic disso-
ciation of complexes 5-111 to initiate numerous 
posttranslational crosslinkings within peptides; alkyl-
ations and methylations of purines; alkylations and 
methylations by radical additions; and oxidative 
decarboxylations. There are also lyases that use 
¬-tyrosine and ¬-tryptophan as substrates. These 
disparate outcomes result from an initial abstraction 
of a hydrogen by a 5A-deoxy-5A-adenosyl radical. 
Nevertheless, it seems again as if the various out-
comes may well have been adventitious because 
the products of many of these enzymatic reactions 
are of only isolated utility, unlike the product of 
lipoyl synthase, which is present in all organisms, 
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and the product of biotin synthase, which is present 
in bacteria and plants. 
 There are a number of posttranslational cross-
links that enzymes from prokaryotes perform on 
short peptides to produce natural products by using 
a 5A-deoxy-5A-adenosyl radical generated by homolytic 
dissociation of complex 5-111.604,624-631 For example, 
PqqA peptide cyclase from Methylorubrum extor-
quens catalyzes formation of a crosslink between 
Glutamate 16 and Tyrosine 20 (Figure 5-14C) in 
PqqA, a peptide 29 amino acids long, as the first 
step in the biosynthesis of pyrroloquinoline quinone 
(5-127)632 

 

In the mechanism of this enzyme, an intermediate 
radical is formed by radical aromatic addition of 
the initial intermediate radical at the g carbon of 
Glutamate 16 to carbon 3 of the 4-hydroxyphenyl 
group of Tyrosine 20. The unpaired electron in the 
resulting intermediate radical in the radical aromatic 
addition is delocalized over five carbons of the former 
4-hydroxyphenyl group in the highest occupied 
molecular orbital of a pentadienyl p molecular orbital 
system that has a lobe adjacent to the original 
4-hydroxy group. This delocalized intermediate 
radical is oxidized by one electron, which is removed 
either by the oxidized catalytic [4Fe-4S] iron–sulfur 
cluster or one of the two auxiliary iron–sulfur clus-
ters, a [4Fe-4S] iron–sulfur cluster and a [2Fe-2S] 
iron–sulfur cluster,632 also in the enzyme. Following 
removal of a hydron from the resulting cyclopen-
tadienyl carbenium ion or removal of a hydron 
during the transfer of the electron, the crosslinked 
product is formed. 
 A homologous (20% identity; 1.4 gap percent)632 
enzyme from streptococci, KxxxW cyclic peptide 
radical SAM maturase, forms a similar crosslink 
between Lysine 15 and Tryptophan 19 in a peptide 
29 amino acids long by an analogous mechanism 
as the first step in the biosynthesis of streptide, a 
cyclic peptide secreted by the bacteria. Addition of 
the initial intermediate radical, located on the 
b-carbon of Lysine 15, to carbon 7 of Tryptophan 19 
also produces an intermediate radical with an un-

paired electron delocalized in the highest occupied 
molecular orbital of a pentadienyl p molecular orbital 
system that has a lobe adjacent to the nitrogen of 
the indolyl group. The fact that enzymatic activity 
is lost when one of the two auxiliary [4Fe-4S] iron–
sulfur clusters in this enzyme,633 the one homologous 
to the lone auxiliary [4Fe-4S] iron–sulfur cluster in 
PqqA peptide cyclase, is removed by site-directed 
mutation suggests that this auxiliary [4Fe-4S] iron–
sulfur cluster is the one-electron oxidant of this 
delocalized radical627 rather than the catalytic 
[4Fe-4S] iron–sulfur cluster. 
 GTP 3A,8-Cyclase from S. aureus catalyzes the 
intramolecular radical addition of carbon 3A in the 
ribosyl group of GTP4- to carbon 8 of GTP4- (Figure 
5-14D). The 5A-deoxy-5A-adenosyl radical generated 
in the active site abstracts the hydrogen from carbon 3A 
and the resulting initial radical, adjacent to the 
3A-hydroxy group, adds to carbon 8 to produce an 
intermediate radical with an unpaired electron de-
localized in the highest occupied molecular orbital 
of an allyl p molecular orbital system that has a 
lobe adjacent to nitrogen 3 of the former guanine. 
Oxidation of this intermediate radical by one-
electron transfer and the loss of a hydron produces 
tetracyclic product 5-128. There is an auxiliary 
[4Fe-4S] iron–sulfur cluster in the active site, and it 
has been shown by electron paramagnetic reso-
nance spectroscopy634 and crystallography635 that 
the N-acylguanidino group of the guanine associ-
ates with this cluster in a coordination with nitrogen 1 
and its 2-amino group as ligands to an iron ion. 
Because the electron to be transferred in the one-
electron oxidation is in the guanine, this auxiliary 
[4Fe-4S] iron–sulfur cluster may be the acceptor in 
this oxidation. The tetracyclic product 5-128 of 
these steps in the enzymatic reaction is actually an 
intermediate in the overall reaction, which produces 
pyranopterin monophosphate, a precusor to molyb-
dopterin, so this enzyme is found in all organisms. 
Tetracyclic intermediate 5-128 has been isolated 
and identified by mass spectrometry from reaction 
mixtures of enzyme and substrates.636 
 So far, in the various reactions in which 5A-deoxy-
5A-adenosyl radicals produced by homolytic disso-
ciation of complex 5-111, 5A-deoxy-adenosine and 
¬-methionine are products of the overall reaction. 
In the condensation catalyzed by viperin, an enzyme 
in animals that has antiviral activity, 5A-deoxy-
adenosine is incorporated into one of the products. 
The 5A-deoxy-5A-adenosyl radical produced in the 
active site, instead of abstracting a hydrogen to give 
a radical of one of the reactants which then adds to 
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an unsaturated carbon, adds directly to the periph-
eral carbon in the carbon–carbon bond of isopen-
tenyl diphosphate to give a tertiary radical at the 
distal carbon. The tertiary radical is then reduced 
by an electron and a hydron to give the unsaturated 
alkane. The product of the condensation is 5A-deoxy-
5A-(4-diphospho-2-methylbutyl)adenosine.637 
 A number of enzymes that share this common 
mechanism catalyze methylations. The methyl group 
is usually derived from a second molecule of 
S-adenosyl-¬-methionine, either directly or indi-
rectly. For example, thiazole methyltransferase 
(Figure 5-14E) uses the second S-adenosyl-
¬-methionine directly as the source of the methyl 
group. The 5A-deoxy-5A-adenosyl radical initially 
abstracts a hydrogen from the methyl group of the 
second S-adenosyl-¬-methionine, and the resulting 
S-methylene radical 5-129, captodatively stabi-
lized by a lone pair of electrons on the sulfonium 
sulfur, participates in a radical aromatic addition at 
carbon 5 of a thiazolyl group. This radical aromatic 
addition produces an intermediate radical with an 
unpaired electron delocalized over the highest oc-
cupied molecular orbital of an allyl p molecular or-
bital system that has a lobe adjacent to the sulfur of 
the thiazolyl group and a node on the nitrogen of 
the thiazolyl group. Elimination of an acidic hydron 
and ¬-methionine, which is an excellent leaving 
group, from the sulfonium ion, leads to an even 
more stable intermediate, radical 5-130, in which 
the unpaired electron is in the highest occupied 
molecular orbital of a pentadienyl p molecular orbital 
system. Radical 5-130 is reduced by one electron, 
concerted with the transfer of a hydron to the distal 
carbon of its exocyclic carbon–carbon bond. The 
product of this reduction and hydronation is the 
methylated thiazolyl group. It has been shown, by 
using deuterated reactants and the enzyme from 
Thermobispora bispora, that the hydrogen ab-
stracted from the methyl group of the second 
S-adenosyl-¬-methionine ends up on 5A-deoxy-
adenosine and the hydrogen on carbon 5 of the 
thiazolyl group ends up on the final methyl group 
(Figure 5-14E).592 
 An enzyme in Streptomyces actuosus transfers a 
methylene radical from the same initial S-methylene 
radical 5-129 of S-adenosyl-¬-methionine595 to 
carbon 4 of an indolyl group by radical aromatic 
addition to produce an intermediate radical with 
an exocyclic double bond, analogous to intermedi-
ate radical 5-130. Transfer of the methylene occurs 
through an intermediate formed by addition of 
S-methylene radical 5-129 to carbon 4 of the indolyl 

group to form a chemically identified adduct in 
which the methylene group bridges the indolyl and 
S-adenosylhomocysteinyl groups.638 The adduct then 
undergoes heterolytic elimination of the hydrogen 
that was on carbon 4 as a hydron and S-adenosyl-
¬-homocysteine, again an excellent leaving group 
from the sulfonium that is the adduct, to produce 
the 4-methyleneindolyl radical. This intermediate 
radical is oxidized by the transfer of one electron, 
and the resulting electrophilic exocyclic carbon on 
the 4-methylene group, on the antiaromatic 
4-methyleneindole, then reacts with a nucleophilic 
carboxylato group to give the aromatic adduct 

             
                (5-156) 

 23S rRNA (Adenine2503-C2)-methyltransferase 
(Figure 5-14F) from E. coli uses the other 
S-adenosyl-¬-methionine indirectly as the source 
of the methyl group in the methylation that it cata-
lyzes. Cysteine 355 in the active site is methylated611 
by an S-adenosyl-¬-methionine in complex 5-111 
with the catalytic [4Fe-4S] iron–sulfur cluster. This 
initial methylation of the cysteine is an example of 
complex 5-111 dissociating at the methyl group 
rather than at the 5A-deoxyadenosyl group. The 
resulting S-adenosyl-¬-homocysteine dissociates 
from complex with the catalytic [4Fe-4S] iron–
sulfur cluster and is replaced by a second 
S-adenosyl-¬-methionine. The resulting second 
complex 5-111,639 dissociates homolytically at the 
5A-deoxy-5A-adenosyl group to give the 5A-deoxy-
5A-adenosyl radical necessary to abstract a hydrogen 
from the methyl group on Cysteine 355. The enzyme 
contains only this one iron–sulfur cluster,640 so it is 
required to do double duty.  
 The intermediate S-methylene radical on Cys-
teine 355 then participates in a radical addition to 
carbon 2 of Adenine 2503 in 23S rRNA to form inter-
mediate radical 5-131 with an unpaired electron 
delocalized in the highest occupied molecular orbital 
of a 3-vinylpentadienyl p molecular orbital system 
that has lobes over nitrogens 1 and 3 of adenine 
that stabilize the radical by their electronegativity. 
Intermediate radical 5-131 within the active site of 
the native enzyme has been observed by electron 
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paramagnetic resonance spectroscopy.641 This radical 
has also been observed crystallographically640 and 
by electron paramagnetic resonance spectroscopy642 
in the active site of a mutant of the enzyme in 
which Cysteine 118, the base that removes the hydron 
from carbon 2 during its oxidation, has been mutated 
to alanine. These latter observations suggest that re-
moval of the hydron must be concerted with the 
one-electron oxidation. Intermediate radical 5-131 
is then oxidized by the transfer of one electron—
concerted with removal of a hydron—to the oxi-
dized catalytic [4Fe-4S] iron–sulfur cluster in com-
plex 5-110, which is the only iron–sulfur cluster in 
the enzyme,611 to produce covalent intermediate 
5-132. A peptide containing covalent intermediate 
5-132 was isolated from a tryptic digest of the same 
mutant, and its structure was defined by collision-
induced dissociation in a mass spectrometer.643 
 The sulfido group of Cysteine 105 then partici-
pates641 in a nucleophilic substitution at the sulfur 
of Cysteine 355 that produces a cystine and a non-
covalent intermediate in which the adenine has 
gained an exocyclic methylene group. The carbon 
of this methylene group is in an enamine and can 
be easily hydronated. Results from reactions with 
deuterated substrates are consistent with the conclu-
sion that the exocyclic methylene group is deuter-
onated by the same deuteron that was removed 
from carbon 2 of intermediate radical 5-131. The 
product of the reaction591 is 2-methyladenine2503.  
 In the active site of an enzyme in Cystobacter 
that methylates the methyl group in a 3-methoxy 
group on a 4-aminobenzoyl thioester, the methyl 
group is transferred from the other S-adenosyl-
¬-methionine to a cob(I)alamin rather than the sulfido 
group of a cysteine.644 Cob(I)alamin is the nucleo-
phile in the usual concerted nucleophilic substitu-
tion that forms methylcob(III)alamin rather than 
adenosylcob(III)alamin. Methylcob(III)alamin then 
provides the equivalent of a methyl radical that colli-
gates with a methylene radical on the methoxy 
group formed by abstraction of a hydrogen from 
the methyl group by the 5A-deoxy-5A-adenosyl 
radical to produce a carboxyethyl group. The resulting 
cob(II)alamin is eventually reduced by one electron 
to regenerate cob(I)alamin. 
 The 5A-deoxy-5A-adenosyl radical generated by 
homolytic dissociation of complex 5-111 in the 
active site of tRNA 4-demethylwyosine synthase 
(AdoMet-dependent) from M. jannaschii (Figure 
5-14G) abstracts a hydrogen atom from the methyl 
group of 1-methylguanine594 at position 37 in 
transfer RNAPhe. This intermediate radical adjacent 

to nitrogen 1 of guanine then adds to carbon 2 of 
an imine of pyruvate, which spectroscopic studies 
indicate is a bidentate ligand to a open iron ion on 
an auxiliary [4Fe-4S] iron–sulfur cluster,645,646 to 
give the intermediate radical on the iminium nitro-
gen. One-electron oxidation of this intermediate 
radical, coupled to its decarboxylation, produces 
the imine of 1-(acetylmethyl)guanine, a precusor to 
4-demethylwyosine. Consistent with this mecha-
nism, it has been shown that all the hydrogens on 
the methyl group of pyruvate remain on the methyl 
group in the product.594 The extreme exclusivity of 
23S rRNA (adenine2503-C2)-methyltransferase and 
tRNA 4-demethylwyosine synthase (AdoMet-
dependent) are examples of the boutique character 
of many of the reactions catalyzed by enzymes in 
this family. 
  Several lyases of ¬-tryptophan and ¬-tyrosine 
use a 5A-deoxy-5A-adenosyl radical generated by 
homolytic dissociation of complex 5-111 to rear-
range or decompose these amino acids and in the 
process provide unusual products for particular 
purposes. For example, 3-methyl-2-indolic acid 
synthase (Figure 5-14H) decomposes the entire 
aminocarboxymethyl group of ¬-tryptophan while 
transferring the carboxy group to carbon 2 of the 
indolyl group to produce 3-methyl-2-indolic acid, 
which is incorporated into the antibiotic nosihep-
tide. (FeFe) hydrogenase maturation factor HydG 
(Figure 5-14I) decomposes the entire aminocarboxy-
methyl group of ¬-tyrosine, turning it into carbon 
monoxide647 and hydrogen cyanide,648 which are 
then incorporated into the prosthetic iron cluster 
(previously 2-137) 

 

of ferredoxin hydrogenase.649 These decompositions 
are reminiscent of the decomposition of the amino-
carboxymethyl group of the serine that replaces 
Cysteine 225 (homologous to Cysteine 218 in the 
enzyme from S. cerevisiae; Figure 5-13) in a mutant 
of ribonucleoside-diphosphate reductase from E. coli 
when it is mixed with a nucleoside diphosphate.650 
In this instance, it is assumed that a radical is 
formed on the serine that then decomposes. 
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2-Iminoacetate synthase (Figure 5-14J), however, 
simply dissociates the aminocarboxymethyl group 
of ¬-tyrosine and converts it into 2-iminoacetate,651 
the useful product of the reaction, which becomes 
carbon 2 and nitrogen 3 of thiamine diphosphate 

 

 The 5A-deoxy-5A-adenosyl radical generated in 
the active site of 3-methyl-2-indolic acid synthase 
from S. actuosus initiates the reaction (Figure 
5-14H) by abstracting a hydrogen from the 
a-amino group of ¬-tryptophan. This conclusion 
follows from several facts. First, a hydrogen abstracted 
and ending up in the 5A-deoxyadenosine that is the 
product of the enzymatic oxidation is on a hetero-
atom in ¬-tryptophan that exchanges with deuter-
ons when 2H2O is used as the solvent.652 Second, 
when analogues of ¬-tryptophan in which the only 
exchangeable hydrogens are on the a-amino nitrogen 
are used in the enzymatic oxidation, deuterons 
from solvent are again incorporated into 5A-deoxy-
adenosine.653-655 Third, a hydrogen on the amino 
group of ¬-tryptophan is only 0.33 nm from carbon 5A 
of 5A-deoxyadenosine in a crystallographic molecular 
model of the active site occupied by this reactant 
and this product of the enzymatic oxidation.610 
 In the next step, a carboxy radical dissociates 
from the a carbon and adds to carbon 2 of the indolyl 
group.656 This conclusion follows in part from the 
fact that the carbon of the a-carboxy group of 
¬-tryptophan in the crystallographic molecular 
model is only 0.34 nm from carbon 2 of the indolyl 
group. The result of this radical aromatic addition 
is radical 5-135, an intermediate radical with an 
unpaired electron delocalized in the highest occu-
pied molecular orbital of a heptatrienyl p molecular 
orbital system that has a lobe adjacent to the nitrogen 
of the former indolyl group. An absorption in the 
electron paramagnetic resonance spectrum taken 
while the enzyme was catalyzing its reaction has 
been identified as radical 5-135 on the basis of 
both its pattern of splitting and changes in its 
shape when various atoms in the ¬-tryptophan 
used as a reactant were replaced with deuterium, 
nitrogen 15, and carbon 13, respectively.657 In radical 
5-135, the aminocarboxymethyl group of ¬-trypto-
phan has become an imine, a conclusion consistent 

with the fact that when ¬-tryptophan thiocarboxylate 
is used as a reactant, the product of the enzymatic 
reaction is (1H-indol-3-yl)-3-propanal. This aldehyde 
is the product expected if the thiocarboxy radical 
that dissociates from the initial intermediate radical, 
which results from the abstraction of a hydrogen 
from the a-amino group of the ¬-tryptophan thio-
carboxylate, is too weak or decomposes too rapidly 
to participate in intramolecular radical aromatic 
addition to carbon 2. In this case, the reaction goes 
no further than the production of 3-(2-iminoethyl)-
indole (5-136), which dissociates from the active 
site and hydrolyzes to (1H-indol-3-yl)-3-propanal.655 
 In the normal reaction, radical 5-135 is then 
oxidized by one electron. Since the enzyme con-
tains only the catalytic iron–sulfur cluster complex 
5-110,610 it must be the one-electron oxidant in 
this step. The penultimate step is dissociation of an 
electrophile, dihydrogen cyanide, from the vinylo-
gous iminium ion. In the crystallographic molecular 
model of the active site occupied by ¬-tryptophan, 
the carbon–carbon bond between the a and 
b carbons, which will be the bond broken in this 
penultimate step, is parallel to the p molecular orbital 
system of the indolyl group in the active site,610 as it 
should be. The final step is a tautomerization initi-
ated by removal of a hydron from an acidic carbon 
a to a carboxy group. 
 Both (FeFe) hydrogenase maturation factor HydG 
(Figure 5-14I) from C. acetobutylicum (21% identity; 
3 gap percent) and 2-iminoacetate synthase (Figure 
5-14J) from E. coli (22% identity; 3.4 gap percent) 
are homologues of 3-methyl-2-indolic acid syn-
thase from S. actuosus, and both are even closer 
homologues (27% identity; 1.9 gap percent) of each 
other. One product of the reaction catalyzed by 
(FeFe) hydrogenase maturation factor HydG is hydro-
gen cyanide, which is also a product of 3-methyl-
2-indolic acid synthase.658 The 5A-deoxy-5A-adenosyl 
radical generated by homolytic dissociation of 
complex 5-111 in the active site of this latter enzyme 
initiates its reaction by abstracting a hydrogen atom 
from the amino group of ¬-tyrosine.659 These facts 
imply that the mechanisms of these three enzymes 
should be similar and that each amino acid that is a 
reactant is positioned in the respective active site in 
the same orientation. 
 Because the product in each case651 is 4-methyl-
phenol—unlike the reaction catalyzed by 3-methyl-
2-indolic acid synthase, which is electron neutral 
(Figure 5-14H)—the reactions catalyzed by (FeFe) 
hydrogenase maturation factor HydG and 2-imino-
acetate synthase each require two electrons from 
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small electron carriers. An absorption in the electron 
paramagnetic resonance spectrum taken while 
(FeFe) hydrogenase maturation factor HydG was 
catalyzing its reaction660 has been identified as the 
radical of 4-methylphenol (5-137; Figure 5-14I) on 
the basis of both its pattern of splitting and changes 
in its shape when 3-hydroxy-¬-phenylalanine replaces 
¬-tyrosine. This radical of 4-methylphenol is an 
intermediate radical with an unpaired electron 
delocalized in the highest occupied molecular orbital 
of a benzyl p molecular orbital system that has a 
lobe adjacent to the oxygen of the hydroxy group 
(5-122). Consequently, one of the two electrons 
required by the reaction catalyzed by this enzyme 
reduces the radical of 4-methylphenol and the other 
rereduces the catalytic [4Fe-4S] iron–sulfur cluster. 
(FeFe) Hydrogenase maturation factor HydG from 
C. acetobutylicum has an auxiliary [4Fe-4S] iron–
sulfur cluster that may be able to shuttle these two 
electrons to these intermediates.661 2-Iminoacetate 
synthase from E. coli, however, does not have the 
same auxiliary [4Fe-4S] iron–sulfur cluster. Never-
theless, two reduced flavodoxins are able to provide 
the required two electrons, one at a time, to this 
latter enzyme,662 presumably through the catalytic 
[4Fe-4S] iron–sulfur cluster. 
 There seems to be no reasonable heterolytic way 
to break the bond between the a and b carbons of the 
¬-tyrosine that is a substrate in these two tyrosine 
lyases as there was in the reaction catalyzed by the 
tryptophan lyase, 3-methyl-2-indolic acid synthase. 
There are, however, homolytic possibilities. For 
(FeFe) hydrogenase maturation factor HydG, the 
homolytic dissociation 

       
                (5-157) 

would break the carbon–carbon bond and give 
both the observed radical of 4-methylphenol and 
hydrogen cyanide, one product of the reaction. The 
initial radical in this enzymatic reaction is formed 
by abstraction of a hydrogen from a heteroatom, 
presumably—by analogy with the reaction cata-
lyzed by 3-methyl-2-indolic acid synthase—a hy-
drogen on the a-amino group of the ¬-tyrosine that 
is a reactant, because a deuterium is abstracted by 
the 5A-deoxy-5A-adenosyl radical when the reaction is 

run in 2H2O.659 Following formation of this initial 
radical, nothing is known about the later steps, but 
an intermediate radical formed in the reaction 
could easily abstract a hydrogen from the nitrogen 
(BDE = 360 kJ mol-1) of 4-(2-iminoethyl)phenol, the 
homologue of 3-(2-iminoethyl)indole (5-136), to 
give its radical. For 2-iminoacetate synthase, the 
homolytic dissociation 

 
                (5-158) 

would break the carbon–carbon bond and give 
both the radical of 4-methylphenol and 2-imino-
acetate, one product of the reaction. 
 Lysine 2,3-aminomutase uses a 5A-deoxy-
5A-adenosyl radical produced by homolytic dissoci-
ation of complex 5-111 to initiate a migration663 

   
               (5-159) 

homologous to those performed by mutases 

                 (5-160) 

that use a 5A-deoxy-5A-adenosyl radical produced by 
homolytic dissociation of a prosthetic adenosyl-
cobalamin. In the reaction catalyzed by lysine 
2,3-aminomutase, X is the external pyridoximine of 
the ¬-lysine, the reactant, and the external pyridox-
imine of the (3S)-3,6-diaminohexanoate, the product, 
just as in the reaction catalyzed by the active site of 
b-lysine 5,6-aminomutase (Table 2-3), in which 
there is a prosthetic adenosylcobalamin. 
 The difference between lysine 2,3-aminomutase 
and the other enzymes that use a 5A-deoxy-
5A-adenosyl radical produced by homolytic dissoci-
ation of complex 5-111 and that have been discussed 
so far is that S-adenosyl-¬-methionine is not a reac-
tant in the overall reaction, nor are ¬-methionine 
and 5A-deoxyadenosine products. Undissociated 
complex 5-111 is a prosthetic group covalently 
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bound to the active site through three cysteines, 
and it is re-formed by reassociation of the 5A-deoxy-
5A-adenosyl radical that is regenerated during every 
turnover by the reverse of Equation 5-138 with the 
methionyl [4Fe-4S] iron–sulfur cluster, just as adeno-
sylcobalamin is re-formed after each turnover by 
reassociation of the 5A-deoxy-5A-adenosyl radical 
that is regenerated during every turnover with 
cob(II)alamin. Nevertheless, S-adenosyl-¬-methio-
nine must be present in the solution for efficient 
enzymatic turnover to occur,664 presumably because 
it is not bound to the active site tightly enough and 
slowly dissociates from complex 5-111. 
 The 5A-deoxy-5A-adenosyl radical produced in the 
active site of lysine 2,3-aminomutase abstracts a hydro-
gen from carbon 2 of the reactant (3S)-3,6-diamino-
hexanoate to produce the radical at that location. 
The external pyridoximine of the amino group at 
carbon 3 of the radical665 migrates to the site of the 
radical at carbon 2, leaving behind a radical at 
carbon 3, which then abstracts a hydrogen from 
5A-deoxyadenosine to regenerate the 5A-deoxy-
5A-adenosyl radical, which reassociates with com-
plex 5-110 to re-form complex 5-111. The absorp-
tion of the former intermediate, the radical of 
(3S)-3,6-diaminohexanoate at carbon 2, has been 
observed in an electron paramagnetic resonance 
spectrum of a reaction mixture,666 and isotopic 
substitutions identify it as the source of the absorp-
tion.667 This radical was shown to be kinetically 
competent to be an intermediate in the enzymatic 
reaction.668 The absorption of the latter radical, the 
one at carbon 3, has been observed in an electron 
paramagnetic resonance spectrum of a reaction 
mixture of the enzyme and either the alternative 
reactant 4-thialysine, the sulfur of which stabilizes 
the radical at carbon 3,669 or the alternative reac-
tant trans-4,5-dehydro-¬-lysine,670 which gives an 
allylic radical at carbons 3, 4, and 5. There is a non-
enzymatic radical reaction, initiated by forming a 
radical on a carbon immediately adjacent to a carbon 
the amino group of which is in a benzylimine, that 
mimics the migration of the external pyridoximine of 
the amino group of either ¬-lysine or (3S)-3,6-diamino-
hexanoate between the two adjacent carbons.671 
 Propanediol dehydratase from Klebsiella oxy-
toca, unlike a propanediol dehydratase that requires 
adenosylcobalamin as a prosthetic group (Table 2-3), 
uses a 5A-deoxy-5A-adenosyl radical produced by 
homolytic dissociation of complex 5-111. As in the 
case of lysine 2,3-aminomutase, S-adenosyl-¬-methio-
nine is not a reactant in the overall reaction, nor 
are ¬-methionine and 5A-deoxyadenosine products. 

Unlike the reaction catalyzed by lysine 2,3-amino-
mutase, however, the reaction catalyzed by propane-
diol dehydratase from K. oxytoca does not involve a 
migration because when the hydroxy group on 
carbon 2 is labeled with oxygen-18, none of the 
oxygen-18 ends up in the product.672 
 Spore photoproduct lyase, as does lysine 
2,3-aminomutase, uses a 5A-deoxy-5A-adenosyl radical 
produced by homolytic dissociation of complex 
5-111; but when the enzyme is turning over at lim-
iting rate, the 5A-deoxy-5A-adenosyl radical is regen-
erated at the end of each turnover673 rather than 
complex 5-111. Complex 5-110, however, is present 
in the active site, presumably to capture the 
5A-deoxy-5A-adenosyl radical when turnover is not 
proceeding at a rapid enough pace. As with lysine 
2,3-aminomutase, even though S-adenosyl-¬-methio-
nine is not a reactant in the overall reaction, it must 
be present in the solution. 
 
 There are several enzymes that use a [4Fe-4S] 
iron–sulfur cluster alone to produce a radical or a 
carbanion on a substrate. For example, there is a 
[4Fe-4S] iron–sulfur cluster in the active site of 
(R)-2-hydroxyisocaproyl-CoA dehydratase  

      
                (5-161) 

from C. difficile.674 In this elimination, the hydrogen 
involved is not on a carbon a to either a carbonyl or 
an acyl group, so it cannot be removed as a hydron 
before the hydroxy group leaves; and the hydroxy 
group cannot leave first because it is a to the electro-
positive carbon of a thioacyl group. Natural selection 
has solved these problems by performing the reaction 
homolytically. The only iron ion in the [4Fe-4S] 
iron–sulfur cluster that lacks a cysteine as a ligand 
associates with the acyl oxygen of the substrate.674 
The reduced [4Fe-4S] iron–sulfur cluster then donates 
an electron to the acyl group while the acyl oxygen 
is hydronated by Glutamic Acid 55 to produce a 
radical on carbon 1 (5-138)  
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                (5-162) 

 The electron that is donated to produce radical 
5-138 has to be one of quite low biochemical reduc-
tion potential (<-600 mV), and there is another pro-
tein, (R)-2-hydroxyisocaproyl-CoA dehydratase 
activator, that provides this electron of low potential 
to the catalytic [4Fe-4S] iron–sulfur cluster. Remark-
ably, it is structurally unrelated but functionally related 
to dinitrogenase reductase.675 As with dinitrogenase 
reductase, (R)-2-hydroxyisocaproyl-CoA dehydratase 
activator is a homodimer with only one [4Fe-4S] 
iron–sulfur cluster, and it lowers dramatically the 
reduction potential of this [4Fe-4S] iron–sulfur 
cluster676 by hydrolyzing MgATP2-. 
 Radical 5-138 conjugates the lone pair of elec-
trons on the oxygen of the former acyl group with 
the carbon–oxygen bond of the hydroxy group on 
carbon 2, just as such a conjugation is established 
in the active site of ribonucleotide reductase (Fig-
ure 5-13). While Glutamate 55 dehydronates the 
former acyl oxygen of radical 5-138, the hydroxy 
group, following its hydronation, leaves as a mole-
cule of water to form the oxallylic radical 5-139 
(see second step in Figure 5-13). While the acyl ox-
ygen is again hydronated, oxallylic radical 5-139 
dissociates a hydron to become the allylic radical 
5-140, the electron paramagnetic resonance spec-
trum of which has been observed in the active site 
of the enzyme.677 While the acyl oxygen is again 
dehydronated, the unpaired electron in the highest 
occupied molecular orbital of the allylic radical is 
then transferred back to the oxidized [4Fe-4S] 
iron–sulfur cluster, still attached to the acyl oxygen, 
to produce the product. 
 There are several enzymes that can use a 
[4Fe-4S] iron–sulfur cluster to produce carbanionic 
intermediates that are neither enolates or enamines 
in reactants that have neither a carbonyl, nor an 
imine, nor a derivative of a carboxylic acid. As do 

the catalytic [4Fe-4S] iron–sulfur clusters discussed 
so far, the [4Fe-4S] iron–sulfur clusters in the active 
sites of these enzymes have an iron ion that is not 
coordinated by a sulfido group from a cysteine and 
is open to coordination by substrates. 
 In the active site of 4-hydroxy-3-methylbut-
2-en-1-yl diphosphate reductase from E. coli, the 
open site on the reduced [4Fe-4S] iron–sulfur cluster 
forms a p adduct with a carbon–carbon double 
bond in the reactant (E)-4-hydroxy-3-methylbut-
2-en-1-yl diphosphate adjacent to carbon 4 that 
has the hydroxy group. After the [4Fe-4S] iron–
sulfur cluster is further reduced by one electron, the 
hydroxy group is hydronated by Glutamic Acid 126 
in the active site and dissociates heterolytically 
from carbon 4 as a molecule of water while two 
electrons flow from the overreduced [4Fe-4S] iron–
sulfur cluster onto the 4-hydroxy-3-methylbut-2-en-
1-yl diphosphate to produce an intermediate allylic 
carbanion, coordinated to the iron ion in the now-
oxidized [4Fe-4S] iron–sulfur cluster. The allylic 
carbanion is hydronated at one end or the other to 
produce either isopentenyl diphosphate or dimethyl-
allyl diphosphate, the two products of the reac-
tion.678,679 An absorption in electron paramagnetic 
resonance spectra has been assigned to an un-
paired electron within the [4Fe-4S] iron–sulfur 
cluster in the p adduct of the overreduced [4Fe-4S] 
iron–sulfur cluster in the active site of a mutant in 
which Glutamate 126 was converted to alanine or 
glutamine to prevent hydronation of the hydroxy 
group.680,681 Another absorption in electron para-
magnetic resonance spectra has been assigned to 
the unpaired electron in the [4Fe-4S] iron–sulfur in 
the complex between the allyl carbanion and the 
oxidized [4Fe-4S] iron–sulfur in the active site of 
the unmutated enzyme.681 Finally, there is a crystal-
lographic molecular model of the p adduct between 
4-fluoro-3-methylbut-2-en-1-yl diphosphate and 
the [4Fe-4S] iron–sulfur cluster in the active site of 
the enzyme.679 
 In the active site of (E)-4-hydroxy-3-methyl-
but-2-enyl-diphosphate synthase (flavodoxin), which 
produces the reactant for 4-hydroxy-3-methylbut-
2-en-1-yl diphosphate reductase, the conjugate base 
of the 3-hydroxy group on the reactant 2-C-methyl-
∂-erythritol 2,4-cyclodiphosphate becomes a ligand 
to the open site on the reduced [4Fe-4S] iron–sulfur 
cluster. The diphosphate dissociates from carbon 2 
of 2-C-methyl-∂-erythritol 2,4-cyclodiphosphate to 
form a tertiary carbenium ion stabilized by intra-
molecular electron transfer from the reduced 
[4Fe-4S] iron–sulfur cluster. An electron is then 
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transferred from a flavodoxin in the solution while 
two electrons are transferred to the carbenium ion 
to produce the tertiary carbanion stabilized by 
intramolecular electron transfer and perhaps direct 
coordination to the iron ion in the now-oxidized 
[4Fe-4S] iron–sulfur cluster group. This intermediate 
has an unpaired electron, which resides mainly on 
the oxidized [4Fe-4S] iron–sulfur cluster, and has 
an absorption in an electron paramagnetic reso-
nance spectrum.682,683 Following reduction of the 
oxidized [4Fe-4S] iron–sulfur cluster by one electron, 
the oxygen of the former 3-hydroxy group dissoci-
ates from the carbanionic intermediate while the 
two electrons in the carbanion push in to produce 
the carbon–carbon double bond in the product, 
(E)-4-hydroxy-3-methylbut-2-enyl-diphosphate. The 
2-C-methyl-∂-erythritol 2,4-cyclodiphosphate coor-
dinated to the iron ion,684 the carbenium ion stabi-
lized by the reduced [4Fe-4S] iron–sulfur cluster, 
the carbanion stabilized by the oxidized [4Fe-4S] 
iron–sulfur cluster, and the hydroxide that leaves 
coordinated to the iron ion adjacent to the product 
(E)-4-hydroxy-3-methylbut-2-enyl-diphosphate have 
all been observed in crystallographic molecular 
models of the active site of (E)-4-hydroxy-3-methyl-
but-2-enyl-diphosphate synthase (flavodoxin) from 
T. thermophilus.683 
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Problem 5-13: Write a complete mechanism for the 
reaction catalyzed by prostaglandin-endoperoxide 
synthase (Equation 5-148). The mechanism should 
include reductions and oxidations of both the 

heme and the complex between the heme and 
molecular oxygen, formation of the tyrosyl radical, 
abstraction of a hydrogen by the tyrosyl radical, 
and formation of the two rings with an allylic carbo-
cation as an intermediate. Abbreviate the heme as a 
parallelogram as usual (see Chapter 2). 

 

Problem 5-14: An enzyme from Streptomyces vene-
zuelae catalyzes the reaction602 

 

where TDP3- is a thymidine diphospho group. The 
enzyme contains a [4Fe-4S] iron–sulfur cluster as a 
prosthetic group. 
 
 (A) Write a complete mechanism for the reac-

tion. Note the oxidation state of the [4Fe-4S] 
iron–sulfur cluster at each step. 

 (B) Write a complete mechanism for the follow-
ing reaction 

 

  catalyzed by the same enzyme. 

 (C) If the second reaction were carried out in 
2H2O, what should be the products? Why is 
this question ambiguous? 

 

Problem 5-15: Based on the description given in the 
text, draw a detailed mechanism for the reaction 
catalyzed by 4-hydroxy-3-methylbut-2-en-1-yl diphos-
phate reductase681 and a detailed mechanism for 
the reaction catalyzed by (E)-4-hydroxy-3-methyl-
but-2-enyl-diphosphate synthase (flavodoxin).683 
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Secondary Kinetic Isotope Effects 

 The kinetic isotope effects discussed in Chapter 4 
were for isotopic substitutions in which an atom in 
a bond that is broken during an enzymatic reaction is 
replaced with a heavier isotope of the same element. 
The resulting decrease in the rate of the enzymatic 
reaction is used to give either an indication of the 
extent to which that bond is broken in the transition 
state for the step in which it is broken or, in a less 
sophisticated sense, simply to provide evidence that 
the bond in question is broken in a rate-affecting 
step in the enzymatic mechanism. These are primary 
kinetic isotope effects. Kinetic isotope effects also 
can be observed when the isotopic substitution oc-
curs at another atom that is attached covalently to 
an atom participating in the breaking of a bond, 
other than the two atoms between which the bond 
is broken. For example, when the hydrogen on the 
anomeric carbon in a-∂-glucopyranosyl 4A-bromo-
isoquinolinium (5-141) 

  
                (5-163) 

is replaced with a deuterium, the rate constant for 
the uncatalyzed hydrolysis of the glucopyranoside 
at 80 ªC decreases, and the deuterium kinetic isotope 
effect, Dkhyd,* is 1.19 ± 0.01.685 Such changes in rate 
constant are secondary kinetic isotope effects, and 
they provide information about how the neighboring 
bond is being broken in the transition state. 
 
 A secondary kinetic isotope effect is a kinetic 
isotope effect in which the isotopic substitution 
occurs at another atom that is attached covalently 
to an atom participating in the breaking of a bond, 
other than the two atoms between which the bond 
is broken. A secondary kinetic isotope is a reporter 
of a change in the zero-point energies of vibrational 
modes in which the atom to be substituted partici-

                                     
*As before (Equation 4-176), Dki = kiH kiD-1. 

pates between ground state and transition state as 
the ground state of the molecule is turned into the 
transition state during the reaction involving disso-
ciation of the neighboring bond. A change in zero-
point energy, E0,j, of vibrational mode j in which 
the atom that will be substituted participates will 
change the frequency of the absorption of infrared 
light by that vibrational mode j, nj, as the transition 
state is approached, even though that change in 
absorption cannot be measured as the reaction 
coordinate is traversed. As before (Equations 4-211, 
4-212, and 4-214) 

            (5-164) 

and 

           (5-165) 

where h is Planck’s constant, fj is the force constant 
for vibrational mode j, and mj is the reduced mass 

              (5-166) 

of the o atoms participating in vibrational mode j. 
 If the force constant, fj, for vibrational mode j 
is determined only by the function for the potential 
energy of vibrational mode j and unaffected by the 
change in isotope and if, during a reaction in which 
a molecule participates, the frequency of the quantum 
of light absorbed by vibrational mode j in the molecule 
containing the unsubstituted, lighter atom changes 
when the ground state is transformed into the transi-
tion state, then it follows that the change in frequency 

      (5-167) 

where ‡fj is the force constant for vibrational mode j 
in the transition state and fj,gs is the force constant 
for vibrational mode j in the ground state. In either 
the ground state or the transition state, the differ-
ence between the zero-point energy for vibrational 
mode j for the heavy isotope and the zero-point 
energy for vibrational mode j for the light isotope 
(previously Equation 4-213) 
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  (5-168) 

It follows from all these considerations that the differ-
ence in the differences in zero-point energy between 
ground state and transition state when the lighter 
isotope is replaced by the heavier 

    
                (5-169) 

Because mj,h is greater than mj,l, it follows that the 
change in the difference in zero-point energy between 
ground state and transition state, DD‡E0,ie,j, for a 
particular vibrational mode j in which the atom to 
be substituted participates will have a sign opposite 
to the difference in zero-point energies between 
transition state and ground state for vibrational mode j 
in the unsubstituted molecule containing the lighter 
isotope (Equation 5-169). 
 Consider the sums of the zero-point energies 
for those vibrational modes in which the atom to 
be substituted participates. If the sum in the transi-
tion state for the unsubstituted molecule is less 
than the sum in the ground state, so that the difference 
in the two sums between the two states is a negative 
number, then DD‡E0,ie,j will be a positive number; it 
will take more energy for the molecule substituted 
with the heavier isotope to reach the transition 
state than it does for the unsubstituted molecule; 
and a kinetic isotope effect greater than 1, a normal 
kinetic isotope effect, will be observed. Contrariwise, 
if the sum in the transition state for the unsubstituted 
molecule is greater than the sum in the ground 
state, so that the difference in the two sums between 
the two states is a positive number, then DD‡E0,ie,j 
will be a negative number; it will take less energy 
for the molecule substituted with the heavier isotope 
to reach the transition state than for the unsubstituted 
molecule; and a kinetic isotope effect less than 1, 
an inverse kinetic isotope effect, will be observed. 
For example, the secondary deuterium kinetic isotope 
effect on the rate of hydrolysis of a-∂-glucopyranosyl 

4A-bromoisoquinolinium ion is a normal kinetic 
isotope effect of 1.19. This fact means that the sum 
of the zero-point energies for the vibrational modes 
in which the hydrogen that is to be substituted 
participates decreases as the transition state is 
approached, and DD‡E0,ie,j has a positive value. If 
this is so, then D‡nj,l must have a negative value 
since mj,h is greater than mj,l. Consequently, at least 
one of the infrared vibrational absorptions must 
decrease significantly in frequency in the transition 
state relative to the ground state (Equation 5-169). 
 
 An a-secondary kinetic isotope effect is a sec-
ondary kinetic isotope effect in which the isotopic 
substitution occurs at an atom bonded directly to 
one atom in a bond being broken during the reaction. 
The secondary kinetic isotope effect on hydrolysis 
of a-∂-glucopyranosyl 4A-bromoisoquinolinium is an 
example of an a-secondary kinetic isotope effect. 
In the case of an a-secondary kinetic isotope effect 
from a carbon–hydrogen bond, the difference in zero-
point energies, DE0,ie,j, on arrival at the transition 
state (Equation 5-168) is usually believed to result 
from a change in the hybridization of the carbon 
atom to which the hydrogen is attached.686 In the 
case of hydrolysis of a-∂-glucopyranosyl 4A-bromo-
isoquinolinium ion, the uninvolved carbon–hydrogen 
bond has become a reporter of the change in hybridi-
zation. 
 The absorptions of infrared light by stretching 
vibrations of carbon–hydrogen bonds on sp3 carbons 
in hydrocarbons (2850-3000 cm-1) are not significantly 
different from the absorptions of those on sp2 carbons 
(2950–3100 cm-1),687 and the absorptions of infrared 
light by in-plane bending vibrations for carbon–
hydrogen bonds on sp2 carbons (1250-1450 cm-1) 
are not significantly different from the absorptions 
of those on sp3 carbons (1350-1500 cm-1). The absorp-
tions of infrared light by the out-of-plane bending 
vibrations, however, for carbon–hydrogen bonds on 
sp2 carbons in hydrocarbons occur at considerably 
lower frequencies (650-1000 cm-1), and these out-
of-plane vibrational modes are unique to sp2 carbons. 
This lower frequency of absorption results from the 
lack of steric hindrance and a decrease in electron 
repulsion above and below the plane of an 
sp2 carbon relative to an sp3 carbon. 
 The frequency at which an out-of-plane bending 
mode for a carbon–hydrogen bond on an sp2 carbon 
absorbs infrared light is less than the frequency at 
which the bending modes on an sp3 carbon absorb 
infrared light. Consequently, when an sp3 carbon is 
becoming an sp2 carbon in a transition state, the 
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zero-point energy is decreasing as the transition 
state is approached. In addition, the zero-point energy 
for that particular bending vibration is smaller in 
the transition state than in the ground state. As a 
result, the difference in energy between the transition 
state and the ground state is more positive for the 
deuterated molecule than the protiated molecule 
(Equations 5-168 and 5-169), and the rate of the 
reaction should decrease when a hydrogen is replaced 
by a deuterium. When a carbon to which a hydrogen 
is bound changes from sp3 hybridization in the 
ground state in the direction of sp2 hybridization 
in the transition state, the a-secondary kinetic 
deuterium isotope effect will be normal. A normal 
a-secondary kinetic deuterium isotope effect is 
usually taken to mean that the sp3 carbon on which 
the hydrogen is located has become more like an 
sp2 carbon in the transition state. 
 In theory, if it is assumed that the change in 
absorption frequency for the bending vibrational 
mode that becomes the out-of-plane vibration 
when an sp3 carbon is converted to an sp2 carbon is 
500-600 cm-1, then the change in the difference in 
zero-point energy producing the a-secondary deuter-
ium kinetic isotope effect should be between 800 and 
960 J mol-1 (Equation 5-169). When this difference 
is inserted into the Arrhenius equation (previously 
Equation 4-216) 

              
                (5-170) 

The result is an a-secondary deuterium kinetic isotope 
effect of 1.4–1.5. The usual a-secondary deuterium 
kinetic isotope effect on the rate constant for reac-
tion i, aDki, when reaction i is thought to involve, or 
proven to involve, a change from an sp3 carbon in 
the direction of an sp2 carbon in its transition 
state686 is normal, but the observed values are usually 
between 1.0 and 1.2. An sp3 carbon seldom if ever 
becomes a fully hybridized sp2 carbon in the transition 
state, and even if it were to become fully rehybridized, 
a transition state is quite different from a simple 
ground state in which a carbon has sp2 hybridization. 
Changes in the zero-point energies of other vibra-
tional modes—in particular the small increases in 
the frequencies of stretching vibration and in-plane 
bending vibrations of the carbon–hydrogen bond—
also contribute to the magnitude of the maximum 
value to be expected for an a-secondary deuterium 
kinetic isotope effect as an sp3 carbon is becoming 

an sp2 carbon. When an sp2 carbon in the ground 
state is becoming an sp3 carbon in the transition 
state of a reaction, the a-secondary deuterium kinetic 
isotope effect is inverse, with observed values between 
0.83 and 1.0. 
 Because the reaction has a normal a-secondary 
deuterium kinetic isotope of 1.19 ± 0.01, it was pro-
posed that the transition state for the uncatalyzed 
hydrolysis of a-∂-glucopyranosyl 4A-bromoisoquin-
olinium (Equation 5-163) resembles an oxocarbe-
nium ion, in which the carbon has vibrational energy 
levels resembling those on an sp2 carbon, and that 
the 4A-bromoisoquinoline has almost completely 
left the carbon, while the molecule of water has not 
yet significantly added (5-142). If the leaving group 
is still associated with the oxocarbenium ion, the 
reaction would be a concerted nucleophilic substitu-
tion with a single expanded transition state proceed-
ing with inversion of configuration at the anomeric 
carbon. If the leaving group has completely departed 
from the oxocarbenium ion, the oxocarbenium ion 
would be an intermediate in a dissociative nucleo-
philic substitution, and the reaction would proceed 
with racemization at the anomeric carbon.688 
 The distinction between concerted and dissocia-
tive nucleophilic substitution in the mechanism of 
such a reaction in solution is significant. In the active 
site of an enzyme, however, it is usually insignificant. 
For example, uracil-DNA glycosylase from E. coli689 
catalyzes the nucleophilic substitution of the uridinyl 
group in the trinucleotide 5A-phosphodeoxyuridyl-
deoxyadenosyl-3A,5A-dideoxyguanosine (UAG) by a 
molecule of water after the uracil has been hydro-
nated on oxygen 2 

   
                (5-171) 

The reaction proceeds with inversion of configuration 
at the glycosidic carbon. The a-secondary deuterium 
kinetic isotope effect, however, on the specificity 
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constant,aDkUAG, for the enzymatic reaction when 
the protium on the glycosidic carbon is replaced 
with deuterium is 1.20 ± 0.02.690 This result is con-
sistent with a transition state that contains almost 
an oxocarbenium ion from which the leaving group 
has almost completely departed and to which the 
molecule of water may or may not already be adding. 
Consequently, this kinetic isotope effect is consistent 
with a concerted nucleophilic substitution with a 
single, expanded transition state (5-143) in which 
the carbon is planar, with vibrational energy levels 
resembling those of an sp2 carbon, or a dissociative 
nucleophilic substitution with an oxocarbenium ion 
as an intermediate. On the active site of the enzyme, 
however, where the molecule of water is held in 
position adjacent to the glycosidic carbon directly 
opposite the leaving group,690 the difference between 
these two possibilities is inconsequential. For most 
glycosidases and glycosyltransferases that have been 
examined, the a-secondary kinetic isotope effects 
are normal and fall between 1.07 and 1.20.690,691 
This fact suggestis that most if not all glycosidases 
and glycosyltransferases have mechanisms that pass 
through transition states resembling oxocarbenium 
ions or that actual oxocarbenium ions are interme-
diates in the nucleophilic substitutions. 
 The catalytic constant for the elimination cata-
lyzed by exo-(1Æ4)-a-∂-glucan lyase 

    
                (5-172) 

from Gracilariopsis lemaneiformis has a large normal 
a-secondary deuterium kinetic isotope effect of 
1.19 ± 0.02 and a Brønsted coefficient for the leaving 
group of 0.32. From these values, it was concluded 
that the transition state for the first step in the reaction 
resembles an oxocarbenium ion and involves consid-
erable hydron donation to the leaving group.692 
 In the case of soluble epoxide hydrolase from 
Glycine max 

       
                (5-173) 

which has a covalent acyl intermediate at Aspar-
tate 126 in the active site,693,694 the specificity constant 
for 9,10-epoxystearic acid (eps) for the enzymatic 
reaction has an a-secondary tritium kinetic isotope 
effect,aTkeps, of 1.30 ± 0.06 when the enzyme is hydro-
lyzing (R,S)-[9,10-3H2]-9,10-epoxystearic acid.694 
This result suggests two possibilities. First, a secondary 
carbocationic intermediate (5-144) may precede 
the covalent acyl intermediate (5-145). Second, 
there may be a single transition state for the nucleo-
philic substitution, in which the bond to the leaving 
hydroxy group is mostly broken and the bond to 
the carboxy group of Aspartate 126 has only begun 
to form, and the carbon is planar, with vibrational 
energy levels resembling those of an sp2 carbon. In 
this situation, in which a carbenium ion and the 
nucleophile would be held in place, the difference 
between these two possibilities is again inconse-
quential. 
 The primary deuterium and tritium kinetic 
isotope effect for the catalytic and specificity constants 
for thymidylate synthase (Equation 5-50) from 
E. coli for [6-2H]-5,10-methylenetetrahydrofolate 
and [6-3H]- 5,10-methylenetetrahydrofolate, respec-
tively, where the isotopic substitution is at the hydride 
on carbon 6 of the tetrahydrofolate that is trans-
ferred to the methylene at carbon 5 of the thiolyl 
adduct of deoxyuridine 5¢-monophosphate in the 
last step of the proposed mechanism (Figure 5-5), 
demonstrate that hydride transfer is the rate-
limiting step in the reaction and that hydride transfer 
is kinetically irreversible when 5,10-methylenetetra-
hydrofolate and deoxyuridine 5¢-monophosphate 
are reactants.223,224 There is, however, an a-secondary 
tritium kinetic isotope effect of 1.104 ± 0.004 on the 
specificity constant,aTkdUMP, for deoxyuridine 
5¢-monophosphate (dUMP) when the hydrogen on 
carbon 6 of deoxyuridine 5¢-monophosphate is 
replaced with tritium.222 This hydrogen is on the 
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carbon from which the sulfanyl sulfur of the cysteine 
that forms the covalent adduct leaves in the last 
step of the mechanism. If this sulfur were to leave 
in a separate step, which would have to be after the 
transfer of the hydride from carbon 6 of tetrahydro-
folate, there could not be an a-secondary kinetic 
isotope effect because the transfer of the hydride 
between carbon 6 of tetrahydrofolate and the 
methylene at carbon 5 of the thiolyl adduct of deoxy-
uridine 5¢-monophosphate is the rate-limiting step 
in the reaction, and by definition, no step following 
the rate-limiting step can affect the kinetics of the 
reaction. Consequently, hydride transfer and the 
leaving of the sulfanyl group of cysteine from carbon 6 
of the thiolyl adduct must be concerted (as shown 
in Figure 5-5).222 The fact that the a-secondary 
kinetic isotope effect is greater than 1 is consistent 
with a change in hybridization at the carbon that 
becomes carbon 6 of thymidine 5¢-monophosphate 
from sp3 to sp2, as expected.  
 An inverse a-secondary deuterium or tritium 
kinetic isotope effect is consistent with the conversion 
of an sp2 carbon into an sp3 carbon in the transition 
state for the reaction. For example, dihydropyrimi-
dine dehydrogenase (NADP+) is a flavoenzyme that 
reduces the carbon–carbon double bond in uracil 
through transfer of the hydride on nitrogen 5 of flavin 
to carbon 6 of the uracil695  

  
                     (5-174) 

When the hydrogen at carbon 5 on uracil is replaced 
with tritium, the a-secondary tritium kinetic isotope 
effect on the specificity constant for uracil of porcine 
dihydropyrimidine dehydrogenase (NADP+)696 is 
inverse, with a value of 0.90 ± 0.03. This result indi-
cates that carbon 5 is converted from the sp2 carbon 
in the ground state in the direction of an sp3 carbon 
in the transition state and is consistent with hydro-
nation of carbon 5 occurring in the rate-limiting 
step in the reaction, which may or may not be con-
certed with transfer of the hydride. If transfer of the 
hydride precedes hydronation of the carbon, the 
enolate of the N-carbamoylcarbamoyl group in uracil, 
in which carbon 5 remains hybridized sp2, would 
be an intermediate in the reduction. 

 An inverse a-secondary deuterium kinetic isotope 
effect is also observed for a fully concerted nucleo-
philic substitution that has a transition state in 
which the bond to the leaving group is mostly intact 
while the bond to the nucleophile has been mostly 
established so that there is a pentavalent transition 
state. In the confines of the pentavalent carbon, 
what were ground-state energies for vibrational 
modes become more positive because steric effects 
and electron repulsion increase in the transition 
state relative to the ground state. For example, in 
the concerted nucleophilic substitution at a primary 
methyl carbon catalyzed by cyclopropane-fatty-acyl-
phospholipid synthase from E. coli 

 
                  (5-175) 

in which a carbon–carbon double bond, as a nucleo-
phile, attacks the electrophilic methyl group on 
S-adenosyl-¬-methionine. The fact that the a-second-
ary deuterium kinetic isotope effect on the catalytic 
constant, aDk0, for [methyl-2H3]-S-adenosyl-¬-methi-
onine is 0.87 ± 0.08 is consistent with a concerted 
nucleophilic substitution,697 as one might expect 
for a nucleophilic substitution at a methyl group. 
Even though the nucleophile is a poor one and the 
leaving group is a good one, a dissociative nucleo-
philic substitution would require a methyl carbenium 
ion.  
 Because the a-secondary deuterium or tritium 
kinetic isotope effect on a concerted nucleophilic 
substitution is always inverse, the significant normal 
a-secondary deuterium and tritium kinetic isotope 
effects observed for the glycosidases and epoxide 
hydrolase, and any other enzymatic reaction, must 
result from either a dissociative nucleophilic substitu-
tion or a nucleophilic substitution with a transition 
state that is so expanded that the usual constraints 
on the out-of-plane vibrational energies in the transi-
tion state for a concerted nucleophilic substitution 
do not occur. Consequently, the normal a-secondary 
deuterium and tritium kinetic isotope effects observed 
in these situations are definitive. 
 Another example of an inverse a-secondary triti-
um kinetic isotope effect is encountered in the reaction 
catalyzed by methylaspartate mutase (previously 
Equation 2-360) 
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                (5-176) 

from Clostridium sp. When [5A-3H]-5A-adenosylcobal-
amin, in which the tritium is upon the carbon that 
dissociates from cobalt (previously Equation 2-362) 

      
                (5-177) 

was incorporated into the enzyme as a prosthetic 
group, an a-secondary tritium kinetic isotope effect 
on the catalytic constant, aTk0, of 0.76 ± 0.02 was 
observed.698 This inverse effect, however, cannot 
be the result of a transition state in which there is 
concerted formation of a radical on the threo-
3-methyl-¬-aspartate proceeding through a penta-
valent transition state in which the cobalt is leaving 
and the hydrogen being abstracted from threo-
3-methyl-¬-aspartate is entering carbon 5A. Such a 
transition state cannot occur because in the crystal-
lographic molecular model of a complex between 
methylaspartate mutase from Clostridium cochlearium 
and cobalamin, 5A-deoxyadenosine, and ¬-glutamate, 
the cobalt from which the 5A-deoxy-5A-adenosyl 
radical leaves is 0.7 nm from the g carbon of the 
glutamate from which a hydrogen is abstracted.699 
It follows that, as might be expected, the rate-
limiting step in the reaction is abstraction of hydrogen 
from threo-3-methyl-¬-aspartate (Equation 5-176), 
a step in which an sp2 radical at carbon 5A becomes 
an sp3 carbon. 
 a-Secondary kinetic isotope effects are also 
observed when an atom of carbon, nitrogen, or 
oxygen adjacent to one atom in the bond that is 
being broken is replaced with another of its isotopes. 
For example, the normal a-secondary carbon-13 
kinetic isotope effect on the specificity constant, 
a13kmgp, for hydrolysis of methyl [2-13C]-a-∂-gluco-

pyranoside (mgp) by a-glucosidase from S. cerevisiae 
of 1.01 ± 0.004. This value is consistent with a transi-
tion state resembling an oxocarbenium ion.700 
 An a-secondary oxygen-18 kinetic isotope effect 
indicates a change in bond order to oxygen in the 
transition state. If a double bond between oxygen 
and the adjacent atom is partially or entirely broken 
in the transition state, the a-secondary oxygen-18 
kinetic isotope effect will be normal; if a double 
bond between oxygen and the adjacent atom is 
partially or entirely formed, the effect will be inverse. 
For example, the first step in the nucleophilic substitu-
tion of an alcohol, 3-phosphoshikimate, by phosphate 
catalyzed by 3-phosphoshikimate 1-carboxyvinyl-
transferase (Equations 5-91 and 5-92) 

     
                (5-178) 

from E. coli is thought to be hydronation of carbon 3 
of the carboxyvinyl group to form an oxocarbenium 
ion at carbon 2. Because this hydronation is a rather 
difficult one, this first step should be rate-limiting 
for the nucleophilic substitution. The enzyme also 
catalyzes the hydrolysis of 5-O-(1-carboxyvinyl)-
3-phosphoshikimate, in a nucleophilic substitution 
in which a molecule of water is the nucleophile instead 
of phosphate, a nucleophilic substitution with a 
much more favorable equilibrium constant than that 
for the phosphorolysis. The inverse a-secondary 
oxygen-18 kinetic isotope effect for the oxygen on 
carbon 2 of the carboxyvinyl group is 0.986 ± 0.008. 
This value is consistent with a transition state that 
resembles an oxocarbenium ion, with a carbon–
oxygen double bond at carbon 2 resulting from 
hydronation of carbon 3, where there was a carbon–
oxygen single bond in the ground state. The inverse 
secondary oxygen-18 kinetic isotope effect for the 
two oxygens of the carboxy group at carbon 1 is 
0.979 ± 0.006. This value is also consistent with 
such a carbocationic transition state, in which the 
positive charge on carbon 2 draws electron density 
from the oxygens onto carbon 1, increasing the bond 
order of those oxygens. There is also an inverse 
a-secondary deuterium kinetic isotope effect of 
0.990 ± 0.001 for the two hydrogens on carbon 3. 
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This value is consistent with a conversion of this 
carbon from sp2 to sp3 in the transition state701 as a 
result of its hydronation. 
 An a-secondary oxygen-18 kinetic isotope effect 
can be observed when one or both of the nonbridging 
oxygen-16 atoms on phosphorus in the reactant for 
a nucleophilic substitution at phosphorus are 
replaced by oxygen-18. It is usually assumed that 
such an a-secondary oxygen-18 kinetic isotope 
effect arises when the bonds between these oxygens 
and phosphorus change from double to single 
bonds or vice versa.702 The theoretically calculated, 
normal a-secondary oxygen-18 kinetic isotope effect 
when a P=O double bond becomes a P-O single 
bond should be 1.04. The a-secondary oxygen-18 
kinetic isotope effect for the uncatalyzed alkaline 
hydrolysis of O,O-diethyl-O-(4-carbamoylphenyl)phos-
phate is 1.025 ± 0.002.703 This normal a-secondary 
oxygen-18 kinetic isotope effect is evidence for the 
conclusion that, in this nucleophilic substitution at 
phosphorus, the transition state is associative and 
resembles a phosphorane 

       
                (5-179) 

This phosphorane, in which the bonds are fully 
formed, is probably an intermediate in the reaction 
because the nucleophile is a strong one and the 
leaving group (pKa @ 8.6) is a poor one. If the transition 
state resembles this intermediate phosphorane, the 
phosphorus–oxygen double bond in the phospho 
group has been almost completely converted to a 
phosphorus–oxygen single bond, and a normal kinetic 
isotope of this magnitude is to be expected. In con-
trast, the normal a-secondary oxygen-18 kinetic 
isotope effect on the specificity constant, a18knbp, 
for the transfer of a 3-nitrobenzyl phosphate from 
3-nitrobenzyl triphosphate (nbp) to kanamycin by 
gentamicin 2¢¢-nucleotidyltransferase from S. aureus 
is 1.0033 ± 0.0004. This much smaller value has been 
interpreted to indicate that the bond order of phos-
phorus decreases partially in a slightly associative 
transition state resembling an expanded phospho-
rane.704 

 A dissociative nucleophilic substitution at 
phosphorus with a transition state that resembles 
monomeric metaphosphate should have an inverse 
a-secondary oxygen-18 kinetic isotope effect because 
monomeric metaphosphate has two phosphorus–
oxygen double bonds while a phospho group has 
only one. The a-secondary oxygen-18 kinetic isotope 
effect for the specificity constant for MgATP2- in 
the nucleophilic substitution catalyzed by hexokinase 
from S. cerevisiae is 0.996 ± 0.002. This value has 
been presented as evidence for a partially dissociative 
transition state in the enzymatic reaction.705 
  Conclusions from a-secondary oxygen-18 kinetic 
isotope effects for nucleophilic substitutions at 
phosphorus involving phosphomonoesters, however, 
are complicated by questions of whether the 
monoanion or the dianion is the reactant and 
whether or not a nonbridging oxygen is being hydro-
nated or dehydronated in the transition state.702 As 
a result, they are often uninformative. 
 
 A b-secondary kinetic isotope effect is a sec-
ondary kinetic isotope effect in which the isotopic 
substitution occurs at an atom bonded to an atom 
that, in turn, is bonded to an atom in the bond being 
broken during a reaction. For example, when the two 
hydrogens on carbon 3 of UMP-N-acetylneurami-
nate (Uran, 5-146) 

  
                  (5-180) 

are replaced with deuteriums, the specificity constant 
kUran for transfer of the sialyl group to the 6-hydroxy 
group of N-acetyllactosamine catalyzed by b-galac-
toside a-2,6-sialyltransferase from R. norvegicus 
decreases. This normal, double b-secondary deuter-
ium kinetic isotope effect, bDkCan, is 1.22 ± 0.01,706 
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close to the value (1.28 ± 0.01) for the uncatalyzed 
hydrolysis of [3,3-2H2]-CMP-N-acetylneuraminidate, 
in which the alcohol to which the sialyl group is 
transferred is water. A normal b-secondary deuterium 
isotope effect of this magnitude suggests that, in 
the transition state, the carbon–hydrogen bond 
that is to be isotopically substituted has become 
hyperconjugated to an adjacent carbenium ion, such 
as the oxocarbenium ion 5-147, that is developing 
in the transition state. This hyperconjugation in 
the transition state weakens the carbon–hydrogen 
bond that is to be isotopically substituted. This 
weakening of the bond decreases the zero-point 
energy of the carbon–hydrogen stretching vibration 
in the transition state, which produces a normal 
b-secondary deuterium kinetic isotope effect 
(Equation 5-169). Again, the kinetic isotope effect is 
reporting this decrease in the zero-point energy of 
the stretching vibration as ground state becomes 
transition state. 
 The product following the transition state in 
the active site of this inverting glycosyltransferase 
could be oxocarbenium ion 5-147 as a carbo-
cationic intermediate (Equation 5-180), or the 
bond to the 6-hydroxy group of the N-acetyl-
lactosamine could be starting to form as the bond 
to the phospho leaving group is almost completely 
broken. Again, however, the difference between these 
alternatives, in the case of the enzymatic reaction, 
is slight. 
 That the establishment of hyperconjugation 
can be the explanation for a normal b-secondary 
deuterium kinetic isotope effect is consistent with 
the kinetic isotope effects observed707 with exo-a-sial-
idase from Vibrio cholerae, which hydrolyzes a periph-
eral a-sialyl group from an oligosaccharide 

(5-181) 

The b-secondary deuterium kinetic isotope effect 
for the axial hydrogen on carbon 3, the s bond of 
which is parallel to the developing oxocarbenium 

ion and properly positioned for hyperconjugation, 
is 1.043 ± 0.002. The b-secondary deuterium kinetic 
isotope effect for the equatorial hydrogen on carbon 3, 
however, which is not parallel in the ground state 
but is approaching an orientation equivalent to 
that of the axial hydrogen in the transition state but 
not quite there, is only 1.034 ± 0.002. 
 The b-secondary deuterium kinetic isotope effect, 
bDkhyd, for the uncatalyzed hydrolysis of a-∂-gluco-
pyranosyl 4A-bromoisoquinolinium (5-141), produced 
by replacement of the protium on carbon 2 of the 
glucosyl group by a deuterium, is 1.09 ± 0.01.685 
This value is also consistent with a dissociative 
transition state that resembles an oxocarbenium ion 
(Equation 5-163). The b-secondary deuterium kinetic 
isotope effect for the same replacement on the cata-
lytic constant, bDk0, for hydrolysis of a-∂-gluco-
pyranosyl isoquinolinium by a-glucosidase from 
S. cerevisiae is 1.11 ± 0.01. This value suggests that 
the transition state for the enzymatic reaction 
closely resembles that for the uncatalyzed reaction. 
 Inverse b-secondary kinetic isotope effects 
are also observed. For example, there is an inverse 
b-secondary deuterium kinetic isotope effect on the 
catalytic constant, bDk0, of 0.81 ± 0.02 for hydrolysis 
by b-lactamase from S. aureus at pH 6.0 of a 
3-carboxyphenyl ester in which the two protiums 
on the a carbon of the carboxylic acid in the ester 
are replaced with deuteriums. This value suggests 
that, at least in this instance, the rate-limiting step 
in the mechanism is nucleophilic addition of the 
hydroxy group of Serine 70 in the active site708 to the 
acyl carbon of the 3-carboxyphenyl ester or addition 
of water to the acyl carbon of the seryl ester. In either 
instance, the sp2 carbon that is hyperconjugated in 
the ground state to these two a-hydrogens is con-
verted in the transition state to a carbon resembling 
the sp3 carbon of the tetrahedral intermediate that 
cannot hyperconjugate.709 
 Peptidylprolyl isomerase catalyzes isomerization 
of a cis-prolyl peptide bond to a trans-prolyl peptide 
bond 

  
                (5-182) 

Because an amide is planar,710 the hybridization of 
the nitrogen in a peptide bond in which proline 
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participates is sp2. The lowest unoccupied í* anti-
bonding orbital of the carbon–hydrogen bond on 
the a carbon adjacent to that nitrogen, which is 
parallel to the p molecular orbital system of the amide, 
can engage in hyperconjugation with the lobe on 
nitrogen in the highest occupied p molecular orbital 
of the amide. The inverse b-secondary deuterium 
kinetic isotope on the catalytic constant of human 
peptidylprolyl isomerase is 0.86 ± 0.08 when all seven 
hydrogens in the proline in a peptide substrate are 
changed to deuteriums. This value is consistent 
with a decrease in this hyperconjugation in the 
transition state.711 It was concluded that, in the 
transition state, the nitrogen rehybridizes from sp2 
toward sp3 in such a way that the now developing 
s lone pair of electrons on the nitrogen can no 
longer participate in this hyperconjugation. 
 The more interesting kinetic isotope effect, 
however, is the normal a-secondary deuterium 
kinetic isotope of 1.6 ± 0.2 observed on the catalytic 
constant when the three hydrogens in the serine on 
the amino-terminal side of the proline (Equation 
5-182) are changed to deuterium. In an amide, the 
p molecular orbital system has a node over the acyl 
carbon in its lowest unoccupied molecular orbital 
so that carbon cannot participate in hyperconjugation 
with the carbon–hydrogen bond of the a carbon of 
the serine. If in the transition state, however, the 
nitrogen in the amide can no longer conjugate with 
the carbon–oxygen double bond, then the amide 
becomes a carbonyl group that has a lobe of its 
lowest unoccupied molecular orbital over a partially 
positive carbon and that can participate in hyper-
conjugation with the carbon–hydrogen bond on the 
a carbon if the serine. The loss of the p molecular 
orbital system of the amide in the transition state 
that is reported by both of these secondary kinetic 
isotope effects could result from its hydronation 
(pKa = -6). A more likely explanation, however, is a 
steric effect that twists the two carbons of the pro-
line to which the nitrogen in the amide is attached, 
turning the nitrogen and forcing it to lose its conju-
gation with the carbon–oxygen double bond even 
though it is not hydronated. If it is, however, twisted 
out of conjugation by a steric effect, then the nitrogen 
becomes equivalent to an amino nitrogen, which is 
far more basic, so twisting and hydronation could 
function in concert. 
 The intrinsic primary and secondary kinetic 
isotope effects arising from several single isotopic 
substitutions in the same reactant can be combined 
to obtain a fuller definition of the transition state 
for a particular step in an enzymatic reaction. Orotate 

phosphoribosyltransferase (previously Equation 
3-227) 

 
                  (5-183) 

transfers a 5-phospho-∂-ribosyl group between 
orotate and magnesium diphosphate. The rate-
limiting step of the reaction becomes this nucleo-
philic substitution at carbon 1 of the ribosyl group 
if a slow substrate such as phosphonoacetic acid 
(an analogue of diphosphate) or orotidine (which is 
dephosphorylated orotidine 5A-phosphate) is used 
in kinetic studies. In this way, intrinsic isotopic effects 
can be measured directly. When various isotopic 
substitutes of orotidine 5A-phosphate were used as 
reactants in transfer of the 5-phospho-∂-ribosyl 
group from orotate to phosphonoacetic acid cata-
lyzed by human orotate phosphoribosyltransferase, 
the intrinsic kinetic isotope effects for the step in 
the enzymatic mechanism in which the carbon–
nitrogen bond is broken were712 

 

where the observed kinetic isotope effects are the 
numbers connected with the atom that was substi-
tuted with a heavier isotope. Each kinetic isotope 
effect is for a single isotopic substitution of tritium 
for protium, carbon-14 for carbon-12, or nitrogen-15 
for nitrogen-14. Values for kinetic isotope effects 
that are identical or almost identical within exper-
imental error to these values had been observed 
earlier for orotate phosphoribosyltransferase from 
S. enterica713 and subsequently for human orotate 
phosphoribosyltransferase with orotidine and magne-
sium diphosphate as substrates.714 
 Nitrogen-15 and carbon-14 primary kinetic 
isotope effects for the reaction catalyzed by orotate 
phosphoribosyltransferase are consistent with signifi-
cant dissociation of the carbon–nitrogen bond in the 
transition state. The sizable normal a-secondary 
tritium kinetic isotope effect for the hydrogen at 
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carbon 1A is consistent with a rehybridization of 
carbon 1 from sp3 to sp2. The normal b-secondary 
tritium kinetic isotope effect for the hydrogen at 
carbon 2A is consistent with the establishment of 
hyperconjugation with a developing oxocarbenium 
ion. The inverse g-secondary tritium kinetic isotope 
effect for the hydrogen at carbon 4A is consistent 
with a decrease of hyperconjugation between the 
í* antibonding orbital of the 4A carbon–hydrogen 
bond and a lone pair of electrons on the 4A-oxygen 
in the furanosyl ring, as an incipient carbenium ion 
at carbon 1A draws electron density away from the 
4A-oxygen into an oxocarbenium ion. This inverse 
g-secondary kinetic isotope effect at the hydrogen 
on a carbon adjacent to the oxygen in a furanosyl 
or pyranosyl ring has been observed for another 
ribosyltransferase715 and has also been observed 
for the uncatalyzed hydrolysis of both methyl 
a-glucopyranoside and methyl b-glucopyranoside 
in strong acid.716 The normal d-secondary tritium 
kinetic isotope effect at carbon 5A is consistent with 
a change in the conformation of this exocyclic carbon 
as a transition state resembling an oxocarbenium 
ion is achieved. 
 All kinetic isotope effects for human orotate 
phosphoribosyltransferase (5-148) are those expected 
from calculations for a transition state in which 
the bond between the nitrogen and the anomeric 
carbon (0.15 nm in the ground state) is almost com-
pletely broken (0.28 nm); the bond to the phospho 
oxygen (0.14 nm in the ground state) is beginning 
to form (0.22 nm); and the 5A-phosphoribosyl group 
is similar if not identical to an oxocarbenium ion.712,714 
In the case of orotate phosphoribosyltransferase from 
S. enterica (25% identity; 2.2 gap percent), rather 
than the human enzyme, the kinetic isotope effects 
observed for the reaction of orotidine 5A-phosphate 
and diphosphate were consistent with a calculated 
transition state in which the distance between the 
leaving nitrogen and the anomeric carbon is only 
0.19 nm while that between the phospho oxygen 
and the anomeric carbon is 0.38 nm, even though 
the respective kinetic isotope effects were either 
identical or almost identical within experimental 
error to those for the human enzyme (5-148).713 
For human nicotinamide phosphoribosyltransferase, 
however, in which nicotinamide replaces orotate 
and nicotinamide ∂-ribonucleotide replaces orotidine 
5A-phosphate, these two calculated distances are 
0.23 and 0.26 nm, which are much closer to those 
for human orotate phosphoribosyltransferase even 

though four of the six kinetic isotope effects, although 
in the same direction, are different in magnitude.717 
In the case of purine nucleosidase 

   
                (5-184) 

from Crithidia fasciculata, the observed kinetic isotope 
effects were consistent with a calculated transition 
state in which the distance between the leaving 
nitrogen and the anomeric carbon is 0.20 nm while 
that between the entering oxygen of the water is 
0.30 nm, even though, again, the respective kinetic 
isotope effects were similar in direction and magni-
tude to those (5-148) for human orotate phospho-
ribosyltransferase.715 All these results suggest that 
calculations of dimensions in a transition state are 
quite sensitive to the exact values for the individual 
kinetic isotope effects. Nevertheless, in these instances, 
in which the nucleophilic substitutions all occur at 
carbon 1 of a ribosyl group, the kinetic isotope effects 
are consistent with the respective transition states 
resembling an oxocarbenium ion with nucleophile 
approaching but only weakly bonded and a leaving 
group well dissociated and only weakly bonded. 
 Alcohol dehydrogenase removes the pro-R 
hydrogen from benzyl alcohol (bna) during its oxida-
tion to benzaldehyde. When the pro-S hydrogen is 
replaced with tritium, the a-secondary tritium 
kinetic isotope effect for the specificity constant of 
alcohol dehydrogenase from S. cerevisiae, which is 
the ratio between the specificity constants, kbna, for 
oxidation of benzyl alcohol and [1(S)-3H]benzyl 
alcohol,718-720 is 1.30 ± 0.02. This tritium kinetic iso-
tope effect is normal, as would be expected for a 
transition state in which a carbon is changing from 
sp3 to sp2 hybridization. When the enzyme removes 
a deuterium rather than a hydrogen, however, from 
[1(S)-3H,1(R)-2H]benzyl alcohol, the a-secondary 
tritium kinetic isotope effect718 decreases to 
1.18 ± 0.03. The numerical values for these two 
a-secondary tritium kinetic isotope effects have 
been cited as evidence for a particular theoretical 
explanation of hydrogen tunneling in this particular 
reaction. In this instance, the rate-limiting step in 
the enzymatic reaction is transfer of the hydride, so 
these two kinetic isotope effects are thought to be 
intrinsic. Formally, however, the latter measurement 
is that for a double kinetic isotope effect, in which a 
 

 
 

 

a purine nucleoside  +  H2O  1
                                             a purine base  +  ∂-ribose
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kinetic isotope effect decreases when a second 
heavy isotope is incorporated into a substrate. 
Double kinetic isotope effects are usually evidence 
for the existence of two rate-affecting steps in the 
kinetic mechanism of an enzymatic reaction. 
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Problem 5-16: When the hydrogen on carbon 3 of 
1-deoxy-∂-xylulose 5-phosphate is replaced by 
deuterium, the deuterium kinetic isotope effect on 
the catalytic constant, Dk0, for 1-deoxy-∂-xylulose-
5-phosphate reductoisomerase (Equation 5-114) 
from E. coli is 1.04 ± 0.02. When the hydrogen on 
carbon 4 is replaced by deuterium, it is 1.11 ± 0.02.721 
 
 (A) Write a mechanism for the reaction cata-

lyzed by 1-deoxy-∂-xylulose-5-phosphate 
reductioisomerase consistent with these kinetic 
isotope effects.  

 
 ¬-Ribulose-5-phosphate 4-epimerase from E. coli, 
which does not contain a nicotinamide-adenine dinu-
cleotide as a prosthetic group, catalyzes the reaction 

 

When carbon 3 of ¬-ribulose-5-phosphate (r5p) is 
replaced with carbon-13, the kinetic isotope effect 
on the specificity constant, 13kr5p, is 1.025 ± 0.001, 
and when carbon 4 is replaced by carbon-13, it is 
1.021 ± 0.001. When the protium on carbon 3 is 
replaced by deuterium, the kinetic isotope effect, 
Dkr5p, is 1.03 ± 0.01, and when the protium on carbon 4 
is replaced by deuterium, it is 1.14 ± 0.01 at pH 5.5.722 
 

 (B) Write a mechanism for ¬-ribulose-5-phosphate 
4-epimerase consistent with these kinetic 
isotope effects.  

 

Problem 5-17: When [b,b-2H2]-¬-tryptophan is used 
as a reactant for tryptophanase (Equation 2-14), 
there is a kinetic isotope effect of 1.17 ± 0.03.723 
With what intermediate in the enzymatic reaction 
is this consistent? 

 

Double Kinetic Isotope Effects 

If one remembers that association of a hydron is 
formation of a bond and dissociation of a hydron is 
breaking of a bond, it follows that in almost every 
enzymatically catalyzed reaction more than one 
bond is formed or broken. If each of these bonds is 
formed or broken in a different kinetic step, then 
intermediates are necessarily produced during the 
reaction. If two or more bonds are formed or broken 
in the same step through a single transition state, 
then these formations or breakings are concerted, 
and fewer or perhaps no intermediates are involved 
in the mechanism. Therefore, the order in which or 
simultaneity with which specific bonds are made or 
broken can define the chemical structures and the 
number of intermediates in a particular enzymatic 
reaction. 
 To review, if a particular bond in reactant A is 
broken during a particular step i in the kinetic 
mechanism of an enzymatic reaction and an atom 
participating in that bond is changed to a heavier 
isotope, step i will experience an intrinsic primary 
kinetic isotope effect, and the microscopic rate 
constants for that step, both forward and reverse, 
will decrease. The influence of the intrinsic primary 
kinetic isotope effect for step i on a steady-state 
rate constant for the overall enzymatic reaction is 
determined by the extent to which that step is a 
rate-affecting step in the overall kinetic mechanism. 
For example, for a primary deuterium kinetic isotope 
effect resulting from the substitution of a hydrogen 
in reactant A with a deuterium on the specificity 
constant for reactant A (previously Equation 4-199) 

       (5-185) 

¬-ribulose 5-phosphate  1
                                       ∂-xylulose 5-phosphate

Dk A  ?             =  
k AH

k AD

Dki  +  c f  +  c r ( 
DK eqi )
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where Dki is the intrinsic primary deuterium isotope 
effect on step i, cf is the commitment forward, cr is 
the commitment in reverse, and DKeqi is the equilib-
rium isotope effect for step i. This equation determines 
whether or not the step in which the intrinsic primary 
kinetic isotope effect is exerted has an effect on the 
specificity constant significant enough to be meas-
ured. 
 Malate dehydrogenase (oxaloacetate-decarboxy-
lating) (NADP+)724 catalyzes an oxidative decarboxy-
lation (previously Equation 4-208) 

   
                (5-186) 

In the direction written, the bond between carbon 2 
of malate and its hydrogen is necessarily broken 
when it is removed as a hydride, and the bond 
between carbons 4 and 3 of malate is necessarily 
broken as carbon dioxide dissociates. Both a primary 
deuterium kinetic isotope effect and a primary 
carbon-13 kinetic isotope effect are observed on 
the steady-state kinetics725 of the overall reaction 
catalyzed by the enzyme from G. gallus, resulting 
from substitutions of the hydrogen on carbon 2 and 
carbon 4 itself, respectively. 
 
 A double kinetic isotope effect is the change in 
a primary kinetic isotope effect associated with the 
overall enzymatic reaction brought about by substi-
tuting a heavier isotope at another position in the 
molecule at which another bond is formed or broken. 
For example, in the case of malate dehydrogenase 
(oxaloacetate-decarboxylating) (NADP+), a double 
kinetic isotope effect would be either a change in 
the overall primary carbon-13 kinetic isotope effect 
at carbon 4 of malate on a steady-state rate constant 
brought about by substituting a deuterium at carbon 2 
or a change in the overall primary deuterium kinetic 
isotope effect at carbon 2 of malate on a steady-
state rate constant brought about by substituting a 
carbon-13 at carbon 4. Because, however, heavy 
atom kinetic isotope effects are so small, it is tech-
nically difficult or impossible to detect the small 
change in a deuterium kinetic isotope effect produced 
by the substitution of a heavy atom with a heavier 
isotope, such as carbon-13 for carbon-12. Only the 
effect of substituting a deuterium for a hydrogen 
on a deuterium, tritium, carbon-13, nitrogen-15, or 
oxygen-18 primary kinetic isotope effect, or even a 
secondary tritium kinetic isotope effect,696,718 usually 
can be measured with sufficient precision. 

 A double kinetic isotope effect can be used to 
determine whether, in a particular enzymatic reaction, 
breakings of two different bonds occur in two 
separate steps or take place in one step and are 
concerted.725 For example, based on the fact that 
2-oxo carboxylic acids readily decarboxylate under 
catalysis by a metallic cation and the fact that there 
is a Mn2+ cation at the appropriate location in the 
active site,726 a possible mechanism for the oxidative 
decarboxylation catalyzed by malate dehydrogenase 
(oxaloacetate-decarboxylating) (NADP+) involves 
two steps 

   
                  (5-187) 

with oxaloacetate as an intermediate. If each of the 
two bonds is broken in a separate step, the substi-
tution of hydrogen with deuterium at carbon 2 will 
decrease the rate only of the step involving hydride 
transfer, causing it to become more rate-affecting 
at the expense of the other steps in the reaction. 
Consequently, the primary carbon-13 kinetic isotope 
effect on the overall reaction would have to decrease 
in magnitude because the step in which this bond 
is broken has become less rate-affecting. It is also 
possible, however, that the two bond breakings, 
carbon–hydrogen and carbon–carbon, are concerted 
and occur in the same step. If the reaction were 
concerted and both bonds were broken in the same 
step, the substitution of hydrogen with deuterium 
at carbon 2 would decrease the rate of this single 
step, causing it to become more rate-affecting in 
the overall reaction, and the primary carbon-13 
kinetic isotope effect on the overall reaction would 
have to increase in magnitude. Such an argument can 
apply to any two bond breakings or bond formations 
in any enzymatic reaction. 
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 This intuition can be verified mathematically.725,727 
The primary carbon-13 kinetic isotope effect on the 
specificity constant for [4-13C]-(S)-malate (mal), 
when it is a reactant in the oxidative decarboxylation 
catalyzed by malate dehydrogenase (oxaloacetate-
decarboxylating)(NADP+) (Equation 5-185) 

        
                (5-188) 

where the rate constants kmal,12 and kmal,13 are the 
specificity constants for malate for the reaction run 
with unsubstituted [4-12C]-(S)-malate and with 
[4-13C]-(S)-malate, respectively; 13ki is the intrinsic 
primary carbon-13 kinetic isotope effect on the 
forward rate constant for step i, the step in which 
the bond to carbon 4 is broken; cf and cr are the 
commitments forward and in reverse, respectively; 
and 13Keqi is the carbon-13 equilibrium isotope 
effect on step i. Suppose that the kinetic mechanism 
for the reaction is (previously Equation 4-192) 

 
                (5-189) 

where reactants A and B are NADP+ and (S)-malate, 
respectively; products X and Y are either carbon 
dioxide and pyruvate or pyruvate and carbon dioxide, 
respectively; and product Z is NADPH.728 If the step 
in which the hydride is transferred between carbon 2 
and NADP+ (step 3) precedes the step in which the 
bond between carbons 3 and 4 is broken (step 4), the 
more chemically reasonable order, then when [B]0 > 0, 
the commitment forward (see Equation 4-197) 

        
                (5-190) 

where k4,12 is the forward rate constant for step 4 
when the carbon is carbon-12. The commitment 
forward will increase because k-3 decreases when 
deuterium replaces protium. If the step in which 
the hydrogen is transferred between carbon 2 and 
NADP+ (step 4) follows the step in which the carbon–
carbon bond is broken during the decarboxylation 

(step 3), then the commitment in reverse (see Equa-
tion 4-198) 

        
                (5-191) 

The commitment in reverse will increase because 
k4 decreases when deuterium replaces protium. 
Neither 13ki nor 13Keqi will be affected significantly in 
either case when a hydrogen on carbon is changed 
to a deuterium because the b-secondary kinetic 
isotope effect should be insignificant. Therefore, 
because 13ki > 1, the observed kinetic isotope effect 
on the specificity constant, 13kmal, will be less when 
deuterium is on carbon 2 than when protium is on 
carbon 2, regardless of whether the step in which 
the hydrogen is removed precedes or follows the 
step in which the carbon–carbon bond breaks. 
 If the step in which the hydrogen is transferred 
between carbon 2 and NADP+ is the same step in 
which the carbon–carbon bond is broken, then cf 
(Equation 5-190) decreases because ki, the rate 
constant for step i in which the carbon–carbon bond 
is broken, decreases when the hydrogen is replaced by 
deuterium. Therefore, because 13ki > 1, the observed 
kinetic isotope effect increases when transfer of the 
hydrogen between carbon 2 and NADP+ occurs in 
the same transition state in which the carbon–
carbon bond is breaking. 
 Whether the actual change in a carbon-13 kinetic 
isotope effect is large enough to be observed will 
depend on the respective magnitudes of the commit-
ments themselves as well as the changes that occur 
in them. For example, if both cf and cr are small so 
that the carbon-13 kinetic isotope effect on the 
specificity constant is the intrinsic kinetic isotope 
effect, there will be a negligible effect of substitut-
ing the deuterium for the protium; and if either 
commitment is large, there will also be a negligible 
effect. In the former case, however, there will be 
only a small primary deuterium kinetic isotope effect 
on the specificity constant, and in the latter case, 
there will not be a significant primary carbon-13 
kinetic isotope effect on the specificity constant. If 
both deuterium and carbon-13 kinetic isotope effects 
are observed, then there is a good chance that they 
will interact with each other. 
 What this explanation emphasizes is that the 
double kinetic isotope effect arising from substitut-
ing the second atom with a heavier isotope is not 
exerted on the intrinsic kinetic isotope effect itself 
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for breaking the bond in which the first atom partici-
pates. Rather, the effect of substituting the second 
atom with a heavier isotope results from the effect 
that the intrinsic kinetic isotope effect for the second 
atom has on the primary kinetic isotopic effect for 
the substitution of the first atom on the specificity 
constants or the catalytic constant, or both of them, 
for the overall reaction. In other words, it is an effect 
on the steady-state rate constants. A double kinetic 
isotope effect is observed because specificity 
constants and catalytic constants are usually 
composite macroscopic rate constants, often quite 
complicated ones, determined by several or many 
microscopic rate constants, and an intrinsic kinetic 
isotope effect is exerted on only two microscopic 
rate constants. 
 The foregoing mathematical development is 
not unique to carbon-13–deuterium double kinetic 
isotope effects and can be applied to the double 
kinetic isotope effect between deuterium and any 
other isotopic substitution. 
 For malate dehydrogenase (oxaloacetate-
decarboxylating) (NADP+) from G. gallus at pH 8.0 
and 25 ªC, the carbon-13 kinetic isotope effect, 
13kmal, on the specificity constant for malate (mal) 
is 1.0302 ± 0.0005.725 If the hydrogen at carbon 2 is 
changed to a deuterium, this carbon-13 kinetic isotope 
effect decreases to 1.0250 ± 0.0007. Therefore, the 
bond between carbon 2 and hydrogen is broken in 
a different step in the kinetic mechanism than that 
in which the bond between carbons 4 and 3 is broken. 
There must be two steps and an intermediate. When 
3-acetylpyridine adenine dinucleotide phosphate, 
however, is used as a reactant in place of nicotin-
amide adenine dinucleotide phosphate, the catalytic 
constant increases twofold and the specificity constant 
for 3-acetylpyridine adenine dinucleotide phos-
phate increases threefold. The fact that the primary 
carbon-13 kinetic isotope effect on the specificity 
constant for substituting carbon 4 now increases 
from 1.0056 ± 0.0005 to 1.0087 ± 0.0007 when a 
deuterium replaces a hydrogen at carbon 2 indicates 
that the reaction has become concerted, with removal 
of the hydride coinciding with breaking of the carbon–
carbon bond, and that oxaloacetate can no longer 
be an intermediate.729  
 Only when the microscopic rate constants for 
each of the two steps altered by the respective iso-
topic substitutions are by themselves rate-affecting 
will a double kinetic isotope effect be observed. 
Unless the single concerted step or each of the two 
steps involving breaking and formation of the two 
bonds is rate-affecting, a shift in the relative impor-

tance of the rate-affecting steps cannot occur. 
Consequently, each isotopic substitution alone 
must produce a primary kinetic isotope effect on a 
steady-state rate constant, and to be reassured of 
the interpretations of the results of these experi-
ments, both single kinetic isotope effects must be 
observed. In the case of malate dehydrogenase 
(oxaloacetate-decarboxylating) (NADP+), the primary 
deuterium kinetic isotope effect, Dkmal, on the speci-
ficity constant for malate is 1.47, and as already 
mentioned, the primary carbon-13 kinetic isotope 
effect, 13kmal, is 1.302.725 In this case, the primary 
deuterium kinetic isotope effect is not that much 
different from 1, which suggests, as required by all 
the foregoing development, that while it is rate-
affecting, transfer of the hydride from (S)-malate to 
NADP+ is not rate-limiting. 
 If breakings or formings of the two bonds, respec-
tively, are not concerted and if the equilibrium isotope 
effects for the two steps in a mechanism in which 
their intrinsic kinetic isotope effects are exerted are 
sufficiently different from each other, then it is also 
possible to determine which step precedes the other. 
In this situation, because cr is multiplied by the 
equilibrium isotope effect in Equation 5-188 and cf 
is not, different relations will exist among the various 
observed kinetic isotope effects, depending on which 
step comes first.725 For example, malate dehydro-
genase (oxaloacetate-decarboxylating) (NADP+) has 
a deuterium equilibrium isotope effect730 of 1.18. In 
other words, the equilibrium constant for the reaction 
when hydride is transferred between oxaloacetate 
and NADP+ is 1.18 times greater, in favor of oxalo-
acetate and NADPH, than the equilibrium constant 
when deuteride is transferred between oxaloacetate 
and NADP+ (Equation 5-187). Taken together, this 
value for the deuterium equilibrium isotope effect 
and values for the carbon-13 equilibrium isotope 
effect, deuterium kinetic isotope effect, carbon-13 
kinetic isotope effect, and carbon-13 kinetic isotope 
effect after substitution of deuterium at carbon 2 
are consistent only with a kinetic mechanism in 
which hydride transfer precedes decarboxylation.725 
Therefore, oxaloacetate must be an intermediate in 
the enzymatic reaction, the conclusion which always 
made the most chemical sense. 
 Phosphogluconate dehydrogenase (NADP+-
dependent, decarboxylating) catalyzes formally the 
same reaction (compare Equations 5-76 and 
5-187) as does malate dehydrogenase (oxaloacetate-
decarboxylating) (NADP+). The carbon-13 kinetic 
isotope effect for carbon-13 substitution at carbon 
1 of 6-phospho-∂-gluconate on the specificity con-
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stant, k6pg, for 6-phospho-∂-gluconate (6pg) for the 
enzyme from S. cerevisiae is 1.0096 ± 0.0006. When 
the hydrogen on carbon 3 of 6-phospho-∂-gluconate 
is replaced with deuterium, the carbon-13 kinetic 
isotope effect on the specificity constant decreases 
to 1.0081 ± 0.0002. Therefore, hydride transfer from 
carbon 3 and decarboxylation of carbon 1 are not 
concerted.731 Similar results were obtained with the 
ovine enzyme and the enzyme from C. jadinii.732 In 
the enzyme from S. cerevisiae, the magnitudes of the 
various kinetic isotope effects are together consistent 
with a kinetic mechanism in which hydride transfer 
precedes decarboxylation and in which 3-oxo-
6-phospho-∂-gluconate is the b-oxo acid that is the 
intermediate in the enzymatic reaction (Equation 
5-76). 
 Prephenate dehydrogenase also catalyzes a reac-
tion in which a hydride transfer and a decarboxylation 
occur. The reaction can be written with a reasonable 
divinylketone (5-149), a vinylogous b-oxo acid, as 
an intermediate 

  
                (5-192) 

The divinyl ketone resembles the intermediate in the 
electrophilic aromatic substitution of a phenol at its 
carbon 4 

       (5-193) 

and explains the role of the imidazolyl group of a 
histidine that forms a hydrogen bond to the hydroxy 
group of the substrate 4-hydroxyphenylpyruvate in 
the active site.733 It has also been shown734 that the 
related nonenzymatic, acid-catalyzed 1,4-elimination 
of water and carbon dioxide from prephenate passes 
through a carbocationic intermediate 

 
                  (5-194) 

even though that intermediate is even less stable than 
divinyl ketone 5-149. 
 Nevertheless, when the hydrogen on carbon 4 
of the alternative reactant for prephenate dehydro-
genase, 3-(cis-1-carboxy-4-hydroxy-2,5-cyclohexa-
dien-1-yl)propanoic acid (chp) 

 
                (5-195) 

is replaced with a deuterium, the carbon-13 kinetic 
isotope effect on the specificity constant, kchp, for 
[13C]carboxy substitution at carbon 1 increases 
from 1.0033 ± 0.0008 to 1.0103 ± 0.0013.734 This 
unmistakable, statistically significant increase is 
consistent only with a concerted mechanism for 
prephenate dehydrogenase in which hydride transfer 
and decarboxylation occur in the same transition 
state. This mechanism is different from the one 
expected (Equation 5-192), and intermediate 5-149 
must not be formed. Therefore, the s bond between 
carbon 1 and the carboxylato group that is forming 
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carbon dioxide must provide antarafacial push to 
the hydride leaving the 3-(cis-1-carboxy-4-hydroxy-
2,5-cyclohexadien-1-yl)propanoic acid from carbon 4, 
in addition to the push provided by the 4-hydroxy 
group, in a concerted reaction with no intermediate 

   
                (5-196) 

 The double kinetic isotope effects discussed so far 
have been for situations in which a primary kinetic 
isotope effect increases or decreases when another 
atom is changed to a heavier isotope. It is also possible 
that no change occurs in the kinetic isotope effect 
upon isotopic substitution at the other position 
even though individual kinetic isotope effects are 
observed for isotopic substitution at each position 
independently. Formate dehydrogenase (previously 
Equation 4-171) 

       (5-197) 

from S. cerevisiae displays both a primary carbon-13 
kinetic isotope effect (1.0413 ± 0.0006) for [13C]formate 
and a primary deuterium kinetic isotope effect 
(2.85 ± 0.04) for [2H]formate on the specificity con-
stant, kfm, for formate (fm) when the pyridine alde-
hyde derivative of NAD+, 3-formylpyridine adenine 
dinucleotide, is used as the other reactant.735 When 
the two deuterated formates, [12C,2H]formate and 
[13C,2H]formate, are used as reactants, the carbon-13 
kinetic isotope effect is identical (1.414 ± 0.0001) to 
that for the hydronated formates. In this instance, 
the bond involving the deuterium is the same bond 
as that involving carbon-13—namely, the carbon–
hydrogen bond of formate—so these results can 
say nothing about intermediates in the reaction. 
They do, however, speak to the issue of the rate-
limiting step in the enzymatic reaction. If any steps 
other than hydride transfer contributed to the rate 

constant kfm—in other words, if the commitments 
cf and cr in the equivalent of Equation 5-188 were 
other than nearly zero—then the carbon-13 kinetic 
isotope effect would have to increase when deuterium 
replaces hydrogen. Only if hydride transfer is the 
rate-limiting step in the enzymatic reaction and if 
all steps preceding it are so much faster that they 
do not contribute to the value for kfm will the slowing 
of this step by substituting deuterium for hydrogen 
have no effect on the observed carbon-13 kinetic 
isotope effect. Because no effect was seen, it could be 
concluded736 that both the deuterium and carbon-13 
kinetic isotope effects were the intrinsic isotope effects 
for the step in which the carbon–hydrogen bond 
was broken heterolytically. From these intrinsic 
kinetic isotope effects, arguments could be made 
concerning the structure of the transition state for 
the step in which hydride transfer occurs at the active 
site.735 
 Even though they rely only on kinetic isotope 
effects on steady-state rate constants, double kinetic 
isotope effects, again because they provide additional 
independent equations, can be used in concert 
with other results to estimate intrinsic kinetic isotope 
effects. For example, intrinsic kinetic isotope effects 
for malate dehydrogenase (oxaloacetate-decarboxy-
lating) (NADP+) could be calculated from carbon-13–
deuterium double kinetic isotope effects and tritium, 
deuterium, and carbon-13 primary kinetic isotope 
effects on the steady-state rate constants.725 For 
carbon–hydrogen bond cleavage during hydride 
transfer, the intrinsic primary deuterium kinetic 
isotope effect, Dk, was estimated to be 5.6 ± 0.5. For 
carbon–carbon bond cleavage during decarboxylation, 
the intrinsic primary carbon-13 kinetic isotope effect, 
13k, was estimated to be 1.05 ± 0.01. These values 
were confirmed by later intermediate partitioning 
experiments.737 They define, in the absence of tunnel-
ing, a transition state for hydride transfer in which 
the bond to malate is almost entirely broken and a 
transition state in which the bond to the carbon 
that becomes carbon dioxide is also almost entirely 
broken. 
 So far, only double kinetic isotope effects for 
the substitution of hydrogen with deuterium on a 
primary carbon-13 kinetic isotope effect have been 
described. If two bonds broken or formed during 
an enzymatic reaction involve hydrogen, but the 
hydrogens are on different atoms, a deuterium–
deuterium double kinetic isotope effect for substi-
tution of the other protium with deuterium on a 
primary deuterium kinetic isotope effect may be 
observed.738 For example, in the reaction catalyzed 
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by the flavoenzyme dihydroorotate dehydrogenase 
(fumarate), the prosthetic flavin mononucleotide is 
oxidized by fumarate, and the oxidized flavin mono-
nucleotide then oxidizes dihydroorotate by removing 
two hydrogens (previously Equation 4-177) 

   
                (5-198) 

The latter reaction, in isolation, can be followed 
spectrophotometrically by monitoring the decrease 
in A475 of the flavin after oxidized enzyme is rapidly 
mixed with a saturating concentration of dihydro-
orotate in the absence of fumarate. The primary 
deuterium kinetic isotope effect on the catalytic 
constant for this reduction of the oxidized enzyme 
from L. lactis for substitution of the two hydrogens 
at carbon 5 with deuterium is 1.83 ± 0.04. When this 
same substitution is made when there is deuterium 
rather than hydrogen at carbon 6, the primary deuter-
ium kinetic isotope effect is 1.95 ± 0.12. The primary 
deuterium kinetic isotope effect on this same rate 
constant for substitution of the hydrogen on carbon 6 
with deuterium is 2.21 ± 0.04. If this same substitution 
is made when there are two deuteriums in place of 
protiums on carbon 5, the primary kinetic isotope 
effect is 2.35 ± 0.16.739 The facts that, within the 
margin of error, neither primary kinetic isotope effect 
was affected by the other substitution, but that in 
both cases the primary kinetic isotope effects increase, 
are consistent with three conclusions: both hydrogens 
are removed in the same transition state; the com-
mitments forward and reverse from this step are 
negligible within the error of the measurements; 
and concerted removal of the hydrogens is the rate-
limiting step in the reaction. 
 
 It is also possible to measure the double kinetic 
isotope effect of a solvent deuterium kinetic isotope 
effect on a primary deuterium kinetic isotope effect 
and vice versa. For example, isocitrate dehydro-
genase (NADP+) 

   
                (5-199) 

from M. tuberculosis catalyzes a reaction analogous 
to that catalyzed by malate dehydrogenase (oxalo-
acetate-decarboxylating) (NADP+) (Equations 5-186 
and 5-187), in which a reduction by nicotinamide 
and a decarboxylation occur. When isocitrate and 
[2-2H]isocitrate are used as reactants in H2O, the 
primary deuterium kinetic isotope effect on the cata-
lytic constant is 1.3 ± 0.1, and the primary deuterium 
kinetic isotope effect on the specificity constant for 
isocitrate is 1.5 ± 0.2. In 2H2O, these primary kinetic 
isotope effects decrease to 1.2 ± 0.1 and 1.0 ± 0.3, 
respectively. When unsubstituted isocitrate is used 
as a reactant, the solvent deuterium kinetic isotope 
effect on the catalytic constant is 3.0 ± 0.2, and the 
solvent deuterium kinetic isotope effect on the 
specificity constant for isocitrate is 1.5 ± 0.3. When 
[2-2H]isocitrate is used as a reactant, these solvent 
deuterium kinetic isotope effects decrease to 1.7 ± 0.2 
and 1.0 ± 0.2, respectively. 
 The fact that both primary deuterium kinetic 
isotope effects decrease when H2O is changed to 
2H2O and the fact that both solvent deuterium kinetic 
isotope effects decrease when isocitrate is changed 
to [2-2H]isocitrate740 are consistent with transfer of 
the hydride from carbon 2 of isocitrate to NADP+ 
occurring in a step separate from hydron transfer 
from or to a catalytic acid–base. The manganese 
complex of isocitrate is the reactant, and as a result, 
removal of the hydron from the hydroxy group 
should be so rapid as to not be rate-affecting and 
probably concerted with transfer of the hydride. 
Consequently, the only reasonable transfer of a 
hydron that could produce the solvent deuterium 
kinetic isotope effects is transfer from a catalytic 
acid in the active site, which has been identified 
crystallographically741 as Tyrosine 142, to carbon 3 
of the enolate (Equation 5-199). Hydronation of 
carbon is always a slow reaction. 
 The deuterium kinetic isotope effect for hydride 
transfer from [4(R)-2H]NADH to pyruvate by human 
¬-lactate dehydrogenase, however, increases from 

N

N

O

O COO–H

HH N

N

O

O

HH H

H H
COO–

+  flavinox +  flavinred

1
43

2

1

6

5

O

H H

O

H HH

COO– COO–

COO– COO–

COO– COO–

NADP+ NADP2H

CO2
H  

+

11

1
NADPH NADPH

CO2

H  

+H  

+

H  

+

H  

+ H  

+

O

O

”

”

”Mn2+

O

O

““

““
Mn2+

”

H
)

O

O

O

““

““
Mn2+

)

)
O

O

O

““

““
Mn2+

)

)
2H



Double Kinetic Isotope Effects 
 

1543 

2.64 ± 0.02 to 2.74 ± 0.04 when the solvent is changed 
from H2O to 2H2O. The solvent deuterium kinetic 
isotope effect increases from 2.51 ± 0.02 to 2.61 ± 0.04 
when NADH is changed to [4(R)-2H]NADH. These 
increases in the two kinetic isotope effects are consis-
tent with concerted transfer of the hydride and a 
hydron in the same step in the kinetic mechanism 
of the enzyme.742 
 The pyridoximine of 2-aminoacrylate (see 
Equation 2-13) 

 

absorbs strongly at 340 nm. It is possible to follow 
formation of the pyridoximine of 2-aminoacrylate on 
the active site of tryptophanase (see Equation 2-14) 

     
                (5-200) 

from E. coli by following the increase in A345 after 
rapid mixing of the enzyme and a saturating con-
centration of ¬-tryptophan. The solvent deuterium 
kinetic isotope effect on the rate constant for forma-
tion of this intermediate is 1.8 ± 0.1. The primary 
kinetic isotope kinetic effect on the same rate constant 
when [a-3H]-¬-tryptophan is used as a reactant 
increases from 3.0 ± 0.3 to 4.3 ± 0.2 when the water 
used as the solvent for the reaction is replaced with 
deuterium oxide.723 This result suggests that, in the 
same transition state in which the hydron is removed 
from the a carbon of the external pyridoximine of 
¬-tryptophan, another exchangeable hydron on a 
catalytic acid in the active site is being transferred 
to this same intermediate in the enzymatic reaction. 
The most likely candidate for this acid is the carboxy 
group of Aspartic Acid 227, which forms a hydrogen 
bond to the pyrimidino nitrogen of pyridoxal 
phosphate in the active site.743 This carboxy group 
would be hydronating the pyrimidino nitrogen as 
the a-hydron is being removed from the external 
pyridoximine to give the quinonoid intermediate 
derived from ¬-tryptophan (see Equation 2-4) 

        
                (5-201) 

 Unfortunately, the rates of most of the steps in an 
enzymatic reaction, even steps involving conforma-
tional changes of the protein, are decreased when 
water is replaced by deuterium oxide, so no unam-
biguous conclusions, even the conclusion that a 
dissociable hydron on a catalytic base is not transfer-
red in the step exhibiting the primary kinetic isotope 
effect, can be reached from the observation that a 
primary kinetic isotope effect decreases when water 
is replaced by deuterium oxide.744,745 
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Problem 5-18: The catalytic constant k0 for mandelate 
racemase from P. putida for [a-1H]-(R)-mandelate 
in H2O is 370 ± 20 s-1; for [a-2H]-(R)-mandelate in 
H2O, it is 120 ± 10 s-1; for [a-1H]-(R)-mandelate in 
D2O, it is 170 ± 10 s-1; and for [a-2H]-(R)-mandelate 
in D2O, it is 80 ± 10 s-1.746 
 
 (A) Calculate the primary deuterium kinetic isotope 

effect on the catalytic constant, Dk0, for the 
enzymatic reaction in H2O. 
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 (B) Calculate the primary deuterium kinetic isotope 

effect on the catalytic constant, Dk0, for the 
enzymatic reaction in D2O. 

 (C) What do these results suggest about the 
enzymatic reaction? Why is this suggestion 
ambiguous? 

 

Isotopic Exchange  

Isotopic exchange is the exchange of one isotope 
of an atom in a reactant for a different isotope of 
that atom catalyzed by the active site of an enzyme. 
The exchanged isotope then appears in the solution 
in the reactant or a product of the enzymatic reaction. 
A simple example of isotopic exchange is that ob-
served when glycerone phosphate, in the absence 
of ∂-glyceraldehyde 3-phosphate, is mixed with 
fructose-bisphosphate aldolase (Figure 4-36) from 
O. cuniculus in tritiated water (3H2O).747 When the 
specific radioactivity of the water was 9800 cpm 
(mmol of hydrogen)-1, the specific radioactivity of 
glycerone phosphate in the solution monotonically 
increased from 0 to 9800 cpm (mmol of glycerone 
phosphate)-1, after which only a slow nonenzymatic 
increase in its specific radioactivity was seen. Because 
no glyceraldehyde 3-phosphate was added, no fruc-
tose 1,6-bisphosphate was produced. The enzyme, 
however, was able to transform one reactant in the 
absence of the other by exchanging a tritium for a 
protium. This situation is an example of hydrogen 
isotopic exchange, which is the exchange of one iso-
tope of hydrogen—protium, deuterium, or tritium—
for a different isotope of hydrogen, catalyzed by the 
active site of an enzyme. Usually, the protium, deuter-
ium, or tritium in the reactant or an intermediate 
produced from the reactant is at an acidic position 
and is removed as a hydron—a proton, deuteron, 
or triton—by a catalytic base in the active site from 
the reactant or intermediate, replaced on the resulting 
catalytic conjugate acid by a hydron of the other 
isotope in a series of acid–base reactions, and then 
returned as the other isotope—a triton, deuteron, 
or proton—to the reactant or intermediate. 
 A simple example of oxygen isotopic exchange 
is encountered in the reaction catalyzed by deoxy-
cytidylate 5-hydroxymethyltransferase (Equation 
5-56) from Enterobacteria phage T4 

                (5-202) 

In the penultimate step of the reaction, a hydroxide 
anion, or a molecule of water from which a hydron 
is being removed in concert by a catalytic base, adds 
as a nucleophile to the methylene of the intermediate 
homologous to intermediate 5-38 for the reaction 
catalyzed by thymidylate synthase (Figure 5-5) 

 
                (5-203) 

rather than a hydride from 5,6,7,8-tetrahydrofolate. 
In the absence of 5,6,7,8-tetrahydrofolate, deoxycyti-
dylate 5-hydroxymethyltransferase catalyzes the 
isotopic exchange of oxygen-16 in the hydroxy group 
of the substrate 5-hydroxymethylcytidine 5A-mono-
phosphate (5-151) for oxygen-18 in H2

18O (Equa-
tion 5-202), which was followed in mass spectra by 
the transformation of [5-16O]-5-hydroxymethyl-
cytidine 5A-monophosphate into [5-18O]-5-hydroxy-
methylcytidine 5A-monophosphate.748  
 Oxygen isotopic exchange is the exchange of 
one isotope of oxygen—oxygen-16, oxygen-17, or 
oxygen-18—for a different isotope of oxygen cata-
lyzed by the active site of an enzyme. Usually, oxy-
gen isotopic exchange involves molecules of water. 
The oxygen-16, oxygen-17, or oxygen-18 in the 
reactant or an intermediate produced from the 
reactant leaves as a hydroxide that is being hydro-
nated as it leaves by a catalytic acid in the active 
site. The resulting molecule of water is replaced by a 
molecule of water containing an oxygen of the other 
isotope, and then that exchanged molecule of water 
returns as a nucleophile to the reactant or interme-
diate in the reverse of the original elimination. 
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 With both hydrogen isotopic exchange and 
oxygen isotopic exchange, there is significant ambi-
guity about the origin of the hydron or the molecule 
of water with the different isotope that ultimately 
registers the respective isotopic exchange. Originally, 
it was thought that active sites would be accessible 
enough to the solution that any hydron removed 
from the substrate by a catalytic base or any molecule 
of water that was a leaving group in the active site 
would exchange almost immediately with a hydron 
or a molecule of water in solution.749 How this might 
occur at the molecular level seemed to draw little 
attention. As more and more crystallographic molec-
ular models of enzymatic active sites became avail-
able, it became apparent that the catalytic acid–
bases and molecules of water in the active site were 
often, if not usually, occluded from contact with the 
solvent, especially in active sites that closed around 
their substrates. There were also situations where a 
substrate or the intermediates themselves sat between 
the catalytic acid–base or the molecule of water and 
the solvent, preventing exchange with the solvent. 
 For a hydrogen isotopic exchange at an acidic 
position in a reactant, there is a catalytic acid–base 
in the active site that removes a proton, deuteron, 
or triton from—or adds a proton, deuteron, or triton 
to—the reactant or an intermediate produced from 
that reactant. For example, a catalytic acid–base 
removes a hydron from the lysyl imine of glycerone 
phosphate in the active site of fructose-bisphosphate 
aldolase, and the glycerone phosphate, into which 
a tritium from 3H2O is exchanged,747 is the reactant 
that ultimately registers this isotopic exchange. The 
catalytic acid–bases performing these hydrogen 
isotopic exchanges have almost always been identi-
fied in crystallographic molecular models, so the 
actual molecular events leading to the particular 
hydrogen isotopic exchange being followed can be 
surmised. For example, there is a crystallographic 
molecular model179 of the active site of fructose-
bisphosphate aldolase from O. cuniculus occupied 
by the imine between Lysine 229 and the carbonyl 
of glycerone phosphate from which a hydron is 
removed or to which a hydron is added. In this 
model, the catalytic base that removes the pro-S 
hydrogen from carbon 3 of glycerone phosphate to 
produce the enamine during the normal enzymatic 
reaction has been identified as either a molecule of 
water relaying the basicity of the carboxylato group 
of Glutamate 187 

   
                (5-204) 

or the compound base formed by the carboxylato 
group of Glutamate 187 and the 4-hydroxyphenyl 
group of Tyrosine 363. The hydroxy group on the 
4-hydroxyphenyl group displaces the molecule of 
water as Tyrosine 363 swings into the active site, in 
a conformational change reminiscent of the swoop 
of Tyrosine 248 into the active site of bovine car-
boxypeptidase A.  
 The molecule of water that may relay the basicity 
of Glutamate 187 is part of an extensive cluster of 
hydrogen bonds in which both oxygens in the carboxy-
lato group of Glutamate 187, another molecule of 
water, both oxygens in the carboxy group of Gluta-
mate 189, the 6-amino group of Lysine 146, the 
3-hydroxy group of glycerone phosphate, both 
oxygens of the carboxy group of Aspartate 33, yet 
another molecule of water, an oxygen on the phospho 
group of glycerone phosphate, and a guanidinio 
nitrogen of Arginine 303 are participants. Within 
this cluster there are 11 hydrogen bonds and, 
therefore, at least 11 tritons when the enzyme is 
dissolved in 3H2O. These tritons comprise a reservoir 
of tritons available for isotopic exchange. Once the 
hydron is removed from carbon 3 of glycerone 
phosphate, if the molecule of water removes it, 
there is a high probability that the hydron will be 
rapidly replaced by a triton in the reservoir. When 
Tyrosine 363 swings into the active site, its hydroxy 
group is surrounded by two molecules of water 
with four tritons and its hydroxy group brings in a 
triton. If its hydroxy group removes the hydron by 
relaying the basicity of Glutamate 187, there will be 
at least five tritons available to rapidly exchange 
with the hydron. In fact, if Tyrosine 363 actually 
does swing in and out of the active site, isotopic ex-
change of the hydron with a triton in the solution 
would be inescapable. Consequently, whether the 
molecule of water or the 4-hydroxyphenyl group 
relays the basicity of Glutamate 187, the hydron 
that was removed will usually exchange with a triton 
in the active site, which in the back reaction will be 
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added to glycerone phosphate to accomplish the 
hydrogen isotopic exchange. 
 These considerations illustrate the fact that, in 
many if not most cases of hydrogen isotopic exchange 
at an acidic position, there are more than enough 
hydrons, deuterons, or tritons, depending on the 
design of the experiment, within the active site itself. 
There is no need for the proton, deuteron, or triton 
exchanging to enter and leave the active site from 
the solution, although such an isotopic exchange 
with hydrons in the solvent may indeed be in-
volved. This consideration simply is a corollary to 
the fact that active sites occupied by substrates are 
usually rich in hydrogen bonds, in each of which 
there must be a hydron. 
 When an active site is occluded from the solution 
by a conformational change that occurs after all reac-
tants have associated and when the occlusion persists 
for the entire duration of the chemical steps in its 
mechanism, hydrogen isotopic exchange can still 
occur while the reactants are occluded. For example, 
when either glycerone phosphate or ∂-glyceraldehyde 
3-phosphate associates with the active site of triose-
phosphate isomerase (previously Equation 3-384) 

          (5-205) 

a lid closes over the active site, occluding it from 
the solution (Figure 3-58). Even so, the enzyme from 
G. gallus in 3H2O catalyzes the isotopic exchange of 
the hydron at carbon 3 of glycerone phosphate for a 
triton at early times during the approach to equilib-
rium before the back reaction becomes established.750 
When triose-phosphate isomerase from O. cunic-
ulus or S. cerevisiae is equilibrated in 3H2O in the 
absence of glycerone phosphate and then diluted 
rapidly into a large volume of 1H2O containing a 
saturating concentration of glycerone phosphate, 
the observed amount of tritium incorporated into 
glycerone phosphate by hydrogen isotopic exchange 
can be explained only if the equivalent of one triton 
(in the case of the enzyme from O. cuniculus) or 
2-3 tritons (in the case of the enzyme from 
S. cerevisiae) trapped in the respective occluded active 
site are able to exchange with the hydron removed 
by the catalytic base.751 These tritons, in the active 
site before the dilution, must be trapped in the active 

site during association of glycerone phosphate and 
the subsequent closing of the lid because the solution 
is mainly 1H2O. If isotopic exchange of the hydron 
on glutamate were occurring only with the hydrons in 
this solution of 1H2O, then no hydrogen isotopic 
exchange would be observed. The difference between 
the enzymes from the different species in the number 
of tritons trapped in the active site that are able to 
exchange with the hydron is not due to a difference 
in the catalytic groups in the respective active sites 
because they are all the same (52% identity; 0.4 gap 
percent); it is due to a difference in how many tritons 
exchange for hydrons before the respective active 
site closes around glycerone phosphate. It follows 
that, in the situation in which the solvent is contin-
uously 3H2O, more tritons capable of exchanging 
with a hydron on carbon 3 of glycerone phosphate 
are occluded within the active site upon closing of 
the lid than when the solvent has been rapidly 
changed from 3H2O to 1H2O before the occlusion 
begins. 
 Crystallographic observations (Figure 3-37) 
and active-site labeling752 have shown that the cat-
alytic base that removes the hydron from carbon 3 
of glycerone phosphate in the active site of triose-
phosphate isomerase is the carboxylato group of a 
glutamate. The tritons trapped in an occluded active 
site and available internally for isotopic exchange 
with the hydron removed from carbon 3 of glycerone 
phosphate by the carboxylato group are probably 
located on the fixed molecule of water that forms a 
hydrogen bond to the other oxygen of the carboxy 
group (0.27 nm), on the p nitrogen of the imidazolyl 
group in van der Waals contact (0.38 nm) with that 
molecule of water, and on the oxygen on carbon 2 
of glycerone phosphate. This last oxygen is in van 
der Waals contact (0.35 nm) with the oxygen on the 
carboxy group that removed the hydron and which 
becomes a tritoxy group during the reaction by being 
tritonated on the 6-amino group of the lysine that 
is in a hydrogen bond (0.27 nm) with it (Figure 
3-37).753,754 
 In an oxygen isotopic exchange, a molecule of 
water is the leaving group from the reactant in one 
direction and the nucleophile in the other direction. 
This molecule of water can also be identified in a 
crystallographic molecular model. For example, the 
molecule of water that leaves and returns in the 
elimination–addition catalyzed by deoxycytidylate 
5-hydroxymethyltransferase from Enterobacteria 
phage T4 (Equation 5-203) has been identified in 
the crystallographic model of a complex between 
5,6,7,8-tetrahydrofolate and 2¢-deoxycytidine 
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5¢-monophosphate, in which the methylene that is 
normally transferred in the enzymatic reaction is 
missing.755 This molecule of water is found on the 
periphery of a hydrogen-bonded cluster of six 
molecules of water fixed in the active site. The five 
molecules of H2

18O that are not the leaving group 
are available to rapidly change places with it and 
then be incorporated into 5-hydroxymethylcytidine 
5A-monophosphate. There are always fewer fixed 
molecules of water occupying an active site in which 
substrates are undergoing their transformation than 
there are hydrons in hydrogen bonds; nevertheless, 
because water is the solvent in which a protein has 
evolved, there are usually some. There may, however, 
be situations in which the active site is so dehydrated 
that there are no molecules of water within it that 
can exchange with the molecule of water that is a 
leaving group. It is even less likely that an active 
site would be so bereft of hydrons that there would 
be no hydrons within it that were derived from the 
solvent and that are available to exchange with a 
hydron removed from a substrate. 
 
 There are several ways in which isotopic ex-
changes are observed. They differ in how the solu-
tion in which they are observed is prepared, which 
reactants are used, and how the isotopic exchange 
is monitored. 
 Isotopic exchange in the absence of one or 
more reactants is exemplified by the hydrogen iso-
topic exchange observed for glycerone phosphate 
catalyzed by fructose-bisphosphate aldolase and the 
oxygen isotopic exchange observed for 5-hydroxy-
methylcytidine 5A-monophosphate catalyzed by 
deoxycytidylate 5-hydroxymethyltransferase (Equa-
tion 5-202). If an intermediate in the enzymatic 
reaction can be formed in the absence of the missing 
reactant or reactants and if the intermediate has 
lost one or more of the atoms present in the added 
reactant, then isotopic exchange of those atoms in 
that reactant may be observed.  
 All observed properties for hydrogen isotopic 
exchange in glycerone phosphate catalyzed by 
fructose-bisphosphate aldolase are consistent with 
the existence of an intermediate in the enzymatic 
reaction and consistent with the mechanism (Fig-
ure 4-36) in which an intermediate enamine is 
formed stereospecifically at the active site and the 
reaction can proceed no further because the electro-
phile to which the enamine would normally add, 
glyceraldehyde 3-phosphate, has been omitted. 
Even though there are four acidic hydrogens on the 
iminium adduct, two on carbon 3 and two on carbon 1 

(Equation 5-204), the final specific radioactivity 
of glycerone phosphate at equilibrium was not 
39,000 cpm mmol-1 when the specific activity of the 
water was 9800 cpm (mmol of hydrogen)-1 because 
only one of the four acidic hydrons, the pro-S hydro-
gen on carbon 3, is removed and replaced with a triton 
by the molecule of water or the 4-hydroxyphenyl 
group in the active site. When the enzymatic reaction 
comes to equilibrium, the specific radioactivity of that 
one hydrogen, and hence that of glycerone phosphate 
itself, must be equivalent to the specific radioactivity 
of a hydrogen in the water. The slow increase in 
specific radioactivity of glycerone phosphate results 
from nonenzymatic isotopic exchange of the other 
three acidic hydrons. 
 The fact that, in the absence of 5,6,7,8-tetrahydro-
folate, deoxycytidylate 5-hydroxymethyltransferase 
catalyzes oxygen isotopic exchange at the hydroxy 
group of the reactant 5-hydroxymethylcytidine 
5A-monophosphate (Equation 5-202)748 is evidence 
for the reversible addition of hydroxide anion or a 
molecule of water to the methylene group in the 
intermediate in the enzymatic mechanism (Equa-
tion 5-203), as well as the existence of the interme-
diate itself. The oxygen isotopic exchange arises from 
association of [5-16O]-5-hydroxymethylcytidine 
5A-monophosphate with the active site, dehydration 
to produce the intermediate, isotopic exchange of 
the molecule of H2

16O that was the leaving group 
for a molecule of H2

18O, conversion of the interme-
diate to [5-18O]-5-hydroxymethylcytidine 5A-mono-
phosphate, and dissociation of [5-18O]-5-hydroxy-
methylcytidine 5A-monophosphate into the solution. 
In this oxygen isotopic exchange, the reactant added 
is 5-hydroxymethylcytidine 5A-monophosphate, and 
the reactant omitted is 5,6,7,8-tetrahydrofolate. 
When 5-deazatetrahydrofolate, an inactive ana-
logue of 5,6,7,8-tetrahydrofolate, is added to the 
reaction, oxygen isotopic exchange increases 26-fold, 
a fact that can be explained if 5-deazatetrahydro-
folate produces an induced fit of the active site that 
aligns the catalytic groups more effectively. 
 Isotopic exchange into an analogue of a reactant 
that is incapable of participating in the complete 
enzymatic reaction resembles the strategy for isotopic 
exchange in the absence of one or more reactants 
because the use of the analogue prevents the reaction 
from proceeding beyond a particular step in the 
kinetic mechanism, as does the omission of one 
reactant. For example, 3-dehydroquinate synthase 
catalyzes a reaction in which a ketone is formed so 
that an elimination can occur756 
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                (5-206) 

The enzyme requires only catalytic amounts of 
NAD+ (KmNAD = 1 mM)757 since NAD+ is not a stoichio-
metric participant in the overall reaction and is 
regenerated in the last step of the mechanism. 
Chemical evidence for the requirement for inter-
mediate ketone 5-152 is that the carbacyclic phos-
phonate 5-154 

 

which is an analogue of the substrate 3-deoxy-
∂-arabino-hept-2-ulosonate 7-phosphate, is oxi-
dized to the corresponding ketone by the enzyme 
from E. coli at its carbon 4, which is in the analo-
gous position to carbon 5 of the normal substrate. 
Isotopic evidence for removal of the hydron from 
carbon 6 of ketone 5-152 prior to the elimination is 
that that the enzyme in 2H2O catalyzes hydrogen 
isotopic exchange at carbon 6 of phosphonate 5-155, 
which is also an analogue of 3-deoxy-∂-arabino-
hept-2-ulosonate 7-phosphate.758 Analogue 5-155 
is the phosphonate rather than the phosphate, so 
the forward reaction is blocked at the step in which 
elimination of phosphate would normally occur 
because the phospho oxygen has been replaced 
with a carbon, and there is no competition in the 
 

forward direction with the reversal of the reaction 
following removal of the hydron. Consequently, 
hydrogen isotopic exchange supports the conclusion 
that elimination of phosphate must take place in a 
step following removal of the hydron from carbon 6. 
 In the crystallographic molecular model of 
the active site of dehydroquinate synthase from 
Aspergillus nidulans (Equation 5-206) occupied by 
carbacyclic phosphonate 5-154, the hydron on its 
carbon 5 is immediately adjacent (0.32 nm) to an 
oxygen on the phosphono group.759 The other two 
oxygens of the phosphono group have the 
6-ammonio groups of Lysine 152 and Lysine 356, 
respectively, as ligands. Most likely the hydrogen 
isotopic exchange in analogue 5-155 occurs by 
exchange of the hydron on the phosphono group in 
the analogue of intermediate enolate 5-153, which 
has just been removed from intermediate 5-152, 
for one of the six deuterons on these two lysines. 
 Isotopic exchange at initial rate is the isotopic 
exchange observed at an atom in one reactant when 
all the reactants and none of the products are present 
and the reaction is proceeding only in one direction. 
For example, urocanate hydratase (Figures 4-49 and 
4-50) has a tightly bound, prosthetic NAD+ at its 
active site, and the ultimate product of the reaction 
has been formally oxidized to an oxo group at carbon 5 
of its imidazolyl group 

     
                (5-207) 

while being formally reduced at other carbons in 
the reactant. These facts raised the possibility that 
the hydrogen at carbon 5 was removed by this 
prosthetic NAD+ as a hydride during the reaction. 
[5-1H]Urocanate was mixed with the enzyme from 
P. putida in 2H2O. At various times, the reaction was 
stopped, and the concentrations of [5-1H]urocanate 
and [5-2H]urocanate were determined (Figure 
5-15).760 Although urocanate was continuously 
disappearing, [5-2H]urocanate was being produced 
by hydrogen isotopic exchange of the hydron for a 
deuteron at a rate significantly in excess of the rate 
of the overall reaction, and it accumulated before it 
was in turn converted to product. 
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 Because the hydrogens at carbon 4 of the nicotin-
amide in NADH are not acidic, the existence of this 
rapid hydrogen isotopic exchange is consistent with 
the proposed mechanism for the reaction (first 
two steps in Figure 4-49) in which the hydrogen at 
carbon 5 of urocanate becomes acidic during the 
reaction and is removed as a hydron by the carbox-
ylato group of Aspartate 443 (Figure 4-50). The 
oxygen in this carboxylato group that removes the 
hydron is also in a hydrogen bond within a chain of 
molecules of water leading out of the active site, 
and the deuteron leaves the active site and enters 
this chain, to be replaced by a hydron already in 
the chain.761 In this instance, the hydron removed 
is formally exchanging with a deuteron in the solu-
tion, but the isotopic exchange at Aspartic Acid 443 
probably involves a deuteron already in the active 
site on a fixed molecule of water. 
 Positional isotopic exchange is the intramo-
lecular exchange of one atom in a substrate with 
another atom, of the same element but a different 
isotope, in such a way that the product of the isotopic 
exchange is chemically identical to the reactant except 
that the two isotopes within the molecule have been 
interchanged. The interchange of the isotopically 
different atoms within the same molecule registers 
the fact that a reaction has occurred even though no 
otherwise apparent chemical change has taken place. 
For example, when MgATP2- containing oxygen-18 
in the bridging position between the b and g phos-
phorus atoms, as well as the other three positions 
on the g phosphorus, was mixed with ¬-glutamate 
and ovine glutamine synthetase (previously Equa-
tion 3-405) 

  
                (5-208) 

or glutamine synthetase from E. coli, in the absence 
of ammonia, the 18O was found762 to exchange to a 
nonbridging position on the b-phosphate of the 
MgATP2- 

   
                (5-209) 

 

 
 
Figure 5-15: Isotopic exchange of hydrogen at carbon 5 of 
urocanate during the reaction catalyzed by urocanate hydra-
tase from P. putida.760 The reaction mixture (3 mL) contained 
4 mM urocanate in 2H2O (99.9% deuterium) at p2H 7.5 and 
25 ªC. The reaction was initiated with 0.4 mg of urocanate hy-
dratase. The total concentration of urocanate (millimolar) was 
followed by its absorbance at 317 nm (Í). Samples were re-
moved at various intervals, quickly frozen, and lyophilized. 
The fraction of the remaining urocanate that had incorporated 
one deuterium at carbon 5 was assessed by gas chromatog-
raphy followed by mass spectrometry. That the deuterium 
substitution was at carbon 5 was confirmed by nuclear magnetic 
resonance spectroscopy. From the fraction of urocanate that 
was deuterated and the total concentration of urocanate, the 
millimolar concentrations of [5-2H]urocanate (2) and [5-1H]uro-
canate (3) could be calculated. These concentrations are plotted 
as a function of the respective intervals (minutes). 
 
 
even though no other isotopic exchanges could be 
observed. 
 Three steps provide the explanation for this 
positional oxygen isotopic exchange. First, in the 
active site,763 the g-phosphate is transferred to the 
oxygen of ¬-glutamate to form ¬-g-glutamyl phos-
phate. Second, the b-phosphate of MgADP-, tightly 
held in the active site at other positions in its struc-
ture, rotates about the oxygen–phosphorus bond to 
interchange the oxygen-18 and an oxygen-16 

   
                (5-210) 
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Third, the phospho group is transferred back from the 
¬-glutamate to this oxygen-16 of the rotationally 
isomerized MgADP-. This positional oxygen isotopic 
exchange can occur because the reaction cannot 
proceed beyond the complex of the active site with 
MgADP- and ¬-g-glutamyl phosphate because no 
ammonia was added to the solution. When ammonia 
was added to permit the reaction to proceed forward, 
the rate of the positional oxygen isotopic exchange 
was diminished. In the absence of ammonia, the 
initial rate for the positional oxygen isotopic exchange 
was equal to the initial rate for the complete enzy-
matic reaction in the presence of ammonia, and 
this equality demonstrated the kinetic competence 
of the positional exchange. All these results are 
consistent with the existence of ¬-g-glutamyl phos-
phate as an intermediate in the enzymatic reaction. 
 Intermediate isotopic exchange is hydrogen 
isotopic exchange or oxygen isotopic exchange 
observed at a position in one product as the reaction 
is proceeding in one direction, but the exchanged 
isotope is not an atom that would have been incorpo-
rated into the product from a stoichiometric hydron 
or a stoichiometric molecule of water during the 
normal course of the reaction.764,765 Intermediate 
isotopic exchange can detect the reversibility of 
intermediate steps that occur after association of 
the reactant with the active site. During intermediate 
isotopic exchange, one reactant enters the active 
site. Isotopic exchange occurs while that reactant is 
reversibly converted to an intermediate, while an 
intermediate in the reaction is reversibly converted 
into another intermediate, or while the last interme-
diate is converted reversibly into product; and the 
product leaves the active site bearing the exchanged 
isotope. For example, intermediate hydrogen isotopic 
exchange could be observed in the reaction catalyzed 
by porcine citrate (Si)-synthase (see Equation 4-224) 

  
                (5-211) 

When [2H3]acetyl-SCoA was used as a reactant in 
1H2O, 0.35 atom of protium was incorporated at 
carbon 2 of the [2-2H]citrate produced.766 This super-
stoichiometric incorporation of protium was the 
result of hydrogen isotopic exchange at that carbon 
in an intermediate in the reaction. Furthermore, 
when [18O]acetyl-SCoA was used as a reactant in 
H2

16O, 0.26 atom of oxygen-16 beyond the one oxy-
gen-16 stoichiometrically incorporated was found 
in the carboxylato group of citrate derived from the 
thioester of the citryl-SCoA that is the intermediate 
in this reaction 

 
                (5-212) 

 In the active site of citrate (Si)-synthase, the 
enolate of acetyl-SCoA is formed, and it adds in an 
aldol condensation to the carbonyl of oxaloacetate. 
The resulting citryl-SCoA is then hydrolyzed in the 
next step in the reaction. The intermediate hydrogen 
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isotopic exchange (Equation 5-211) during the 
reaction catalyzed by porcine citrate (Si)-synthase 
occurs because the step in which the enolate of 
acetyl-SCoA is formed, before formation of the 
carbon–carbon bond in its nucleophilic addition to 
the carbonyl, is reversible. This step reverses after 
the deuteron on the carboxy group of Aspartic Acid 
375 in the active site,767 which removed the deuteron 
from [2H3]acetyl-SCoA, is exchanged for a proton, 
probably a proton on a nearby (0.27 nm)768-770 
molecule of water fixed in the active site. The enolate 
is protonated, once and sometimes twice, before 
citryl-SCoA is formed from that molecule of 
[2H3]acetyl-SCoA and then is turned into citrate 
and released as a product. The isotopic exchange of 
two or even three deuterons does not have to occur in 
consecutive steps while a molecule of acetyl-SCoA is 
bound in an active site. The singly labeled acetyl-SCoA 
can dissociate and then reassociate with a different 
active site between each exchange. 
 The intermediate oxygen isotopic exchange 
(Equation 5-212) occurs because the step during 
which [1-18O]citryl-SCoA is hydrolyzed by H2

16O to 
[1-18O,1-16O]citrate, the major product, reverses after 
the carboxylato group of [1-18O,1-16O]citrate flips 
over in the active site. This reversal of the hydrolysis 
forms [1-16O]citryl-SCoA, which is then hydrolyzed 
by another molecule of H2

16O, but it must occur 
before citrate and HSCoA can be released as products. 
The molecule of H2

16O that is responsible for the 
both the first and the second hydrolysis of citryl-SCoA 
forms a hydrogen bond (0.32 nm) with a second 
molecule of H2

16O within the active site.770 This 
second molecule of water, after exchanging with the 
molecule of H2

18O that dissociates during the reversal 
of the hydrolysis that forms [1-16O]citryl-SCoA, could 
easily be responsible for all 26% of intermediate oxy-
gen isotopic exchange that is observed. The fact that 
intermediate oxygen isotopic exchange is observed 
requires that hydrolysis of a thioester, which is 
exergonic in solution (-18 kJ mol-1, Table 1-3) is 
nevertheless reversible in the active site. 
 For intermediate isotopic exchange to be ob-
served, the atom in either the reactant or product 
on which the atom is being exchanged must be 
bound to more than one of the type of atom that is 
being substituted. In most cases, at least one of those 
equivalent atoms being substituted is a stoichio-
metric participant in the reaction. For example, 
the carbon atom on which the deuteriums were 
exchanged for protiums in the case of citrate 
(Si)-synthase has three equivalent hydrons on the 
methyl group in the reactant, and one of them is a 

silent stoichiometric product of the reaction. The 
carboxy carbon of the product, citrate, has two 
equivalent oxygens, one of which comes from the 
water that is a designated stoichiometric reactant 
and is therefore also silent. The distinction between 
isotopic exchange at initial rate and intermediate 
isotopic exchange is that the isotopic exchange that 
occurs into the intermediate is registered in the 
product rather than in the reactant. The interme-
diate isotopic exchanges of hydrogen and oxygen 
that occur with citrate (Si)-synthase, however, could 
also have been registered in the reactant acetyl-SCoA 
at initial rate if acetyl-SCoA is produced in the back 
reaction from the respective isotopically exchanged 
intermediate and dissociates from the enzyme at a 
great enough rate. 
 Isotopic exchange at equilibrium is the isotopic 
exchange within one reactant that is observed 
when all reactants and products of the enzymatic 
reaction are present in the solution at concentrations 
that satisfy the equation for the equilibrium constant. 
If the absolute molar concentrations of reactants 
and products present in solution are such that their 
ratio is equal to the equilibrium constant, the reaction 
does not cease; rather, the rate at which reactants 
are converted to products will simply be equal to 
the rate at which products are converted to reactants. 
This balance of rapid conversions is an important 
feature of the state of equilibrium that is often not 
stressed sufficiently, so the mistaken impression is 
often left that a reaction at equilibrium is quiescent. 
Actually, it is often at equilibrium that the most is 
happening. When appropriate isotopes are used, the 
rates of these otherwise hidden reactions contrib-
uting to this active interconversion of reactants and 
products can be determined. 
 For the reaction catalyzed by phosphopyruvate 
hydratase 

      
                  (5-213) 

the equilibrium constant between pH 6 and 8 is  

        
                (5-214) 
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Equilibrium concentrations of phosphoenolpyruvate 
(0.11 M) and 2-phospho-∂-[2-2H]glycerate (0.018 M), 
as well as a trace amount of 2-phospho-∂-[1-14C]glyc-
erate, dissolved in H2

18O (isotopic labels in Equation 
5-213), were mixed with phosphopyruvate hydratase 
from O. cuniculus. The trace amount of 2-phospho-
∂-[1-14C]glycerate provided a radioactive label for 
2-phospho-∂-glycerate without diluting the 2-phos-
pho-∂-[2-2H]glycerate. A trace amount of 2-phospho-
∂-[2-3H]glycerate was also added to the first solu-
tion so that the exchange of protium for tritium in 
∂-glycerate could be followed simultaneously. In 
this mixture, several isotopic exchanges could be 
monitored as a function of time.749 
 Because the concentrations of phosphoenolpyru-
vate and 2-phospho-∂-glycerate remained constant, 
appearance of phospho[1-14C]enolpyruvate in the 
solution is the result of a carbon isotopic exchange 
at equilibrium 

   
                (5-215) 

This carbon isotopic exchange at equilibrium is accom-
plished in six steps: association of phospho[1-12C]enol-
pyruvate with the active site; its conversion to 
2-phospho-∂-[1-12C]glycerate; dissociation of this 
product; association of 2-phospho-∂-[1-14C]glyc-
erate with the active site; its conversion to phospho-
[1-14C]enolpyruvate; and dissociation of this product. 
The same exchange can be accomplished by asso-
ciation of 2-phospho-∂-[1-14C]glycerate with the 
active site; its conversion to phospho[1-14C]enol-
pyruvate; dissociation of this product; association 
of phospho[1-12C]enolpyruvate with the active site; 
its conversion to 2-phospho-∂-[1-12C]glycerate; 
and dissociation of this product. 
 In contrast to hydrogen isotopic exchange involv-
ing hydrons or oxygen isotopic exchange involving 
molecules of water, in the case of the carbon iso-
topic exchange observed with phosphopyruvate 
hydratase, there is no ambiguity about the source 
of the exchanged isotope—it must be a molecule of 
2-phospho-∂-[1-14C]glycerate or a molecule of 
phospho[1-12C]enolpyruvate from the solution. This 
certainty results from the fact that the carbon is an 
integral part of the substrates and remains in the 
intermediates as other transformations—removal 
of a hydron and dissociation of the leaving hydroxy 

group—occur at other locations. The carbon in this 
instance has to associate with the active site as a 
part of the reactant, remain in the body of the mol-
ecule as it is transformed into product, and then 
dissociate from the active site in the product. In 
other words, this isotopic exchange monitors the 
complete reaction. This sequence of events is a 
consequence of the fact that carbon-14 is neither in 
a hydron nor in a molecule of water, both of which 
are ubiquitous. 
 The appearance of oxygen-18 in 2-phospho-
∂-[3-18O]glycerate is a direct measure of the oxygen 
isotopic exchange 

   
                (5-216) 

This oxygen isotopic exchange at equilibrium is 
accomplished in five steps: association of 2-phospho-
∂-[3-16O]glycerate with the active site; breaking of 
the carbon–oxygen bond in 2-phospho-∂-[3-16O]glyc-
erate on the active site to produce a molecule of 
H2

16O and an intermediate bound in the active site; 
isotopic exchange of that molecule of H2

16O for a 
molecule of H2

18O; insertion of that molecule of 
H2

18O back into the intermediate still bound in the 
active site; and dissociation of 2-phospho-
∂-[3-18O]glycerate from the active site. 
 There is a molecule of water, which must be 
H2

18O in the case where oxygen isotopic exchange 
is observed, in van der Waals contact (0.36 nm) with 
the 3-hydroxy group of 2-phospho-∂-glycerate in 
the complex between this substrate and the active 
site and in a hydrogen bond (0.26 nm) with the other 
oxygen of the carboxy group of Glutamic Acid 211 
that hydronates the leaving group (Figure 4-43).155 
This H2

18O could change places with the H2
16O that 

is the leaving group in the elimination catalyzed by 
the enzyme and could be responsible for some of 
the oxygen isotopic exchange that is observed, but 
there is probably some isotopic exchange of H2

16O 
with H2

18O in the solvent as well. 
 The appearance of 3H2

18O is a direct measure 
of the hydrogen isotopic exchange  

  
                (5-217) 

phospho[1-12C]enolpyruvate  +
            2-phospho-∂-[1-14C]glycerate  1
                        2-phospho-∂-[1-12C]glycerate  +
                                      phospho[1-14C]enolpyruvate

2-phospho-∂-[3-16O]glycerate  +  H2
18O  1

                  H2
16O  +  2-phospho-∂-[3-18O]glycerate

2-phospho-∂-[2-3H]glycerate  +  1H2
18O  1

                    3H2
18O  +  2-phospho-∂-[2-1H]glycerate
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This hydrogen isotopic exchange at equilibrium is 
accomplished in five steps: association of 2-phospho-
∂-[2-3H]glycerate with the active site; removal of the 
triton from carbon 2 of 2-phospho-∂-[2-3H]glycerate 
by the amino group of Lysine 345 (Figure 4-43); rota-
tion of the ammonio group; addition of one of its two 
protons, or one of the two protons on the molecule 
of water on the Mg2+ to which the ammonio group 
is hydrogen-bonded, to carbon 2; and dissociation 
of 2-phospho-∂-[2-1H]glycerate. 
 The appearance of 2H2

18O is a direct measure 
of the hydrogen isotopic exchange  

  
                (5-218) 

 Site-directed mutation of the enzyme can reveal 
or accentuate an isotopic exchange. The enzyme 
dTDP-glucose 4,6-dehydratase catalyzes a reaction 

 
                (5-219) 

similar to the one catalyzed by 3-dehydroquinate 
synthase (Equation 5-206), with the exception that 
NADH reduces the methylene group in the inter-
mediate a,b-unsaturated ketone by adding a hydride 
to carbon 6 rather than adding a hydride to the 
carbonyl at carbon 4 to complete the reaction. The 
carboxy group of Aspartic Acid 135 in the active site 
of the enzyme from E. coli is responsible for hydro-
nating the leaving hydroxy group at carbon 6.771 In 
a mutant of the enzyme, in which Aspartate 135 is 
replaced by alanine, the catalytic constant is decreased 
by a factor of 220. Unlike the wild-type enzyme, the 
mutant catalyzes hydrogen isotopic exchange of a 
deuteron at carbon 5 of dTDP-∂-glucose for a 
hydron.772 The mutation has decreased elimination 
of the hydroxy group significantly so that removal of 
the hydron is able to reverse. 
 Just as in the case of site-directed mutation, 
using an alternative reactant, equivalent to mutating 
the normal reactant, can reveal an isotopic exchange 
catalyzed by an enzyme. For example, when 4-fluoro-

¬-tryptophan (k0 Km,FTrp
-1 = 5 mM-1 s-1) is used as a 

reactant in the reaction catalyzed by N1-(1,1-dimethyl-
allyl)tryptophan synthase 
 

                (5-220) 

from Salinispora arenicola, a positional oxygen 
isotopic exchange at initial rate for the bridging 
oxygen-18 between the diphospho group and 
carbon 1 of the dimethylallyl diphosphate into a 
nonbridging position is observed even though this 
exchange is not observed when the natural reactant, 
¬-tryptophan (k0 Km,Trp

-1 = 26 mM-1 s-1), is used.773 
This observation is evidence for the existence of a 
dimethylallyl carbenium ion as an intermediate in 
the enzymatic reaction (see Figure 1-26). Fluorination 
increases the pKa of the indolyl nitrogen and slows 
its dehydronation sufficiently that dissociation of 
the diphosphate from the dimethylallyl diphosphate 
to form dimethylallyl carbenium ion is able to reverse. 
 
 Crystallographic molecular models provide 
explanations for situations in which hydrogen iso-
topic exchange is not observed when it is expected. 
Whenever an example of hydrogen isotopic exchange 
was discussed in the foregoing definitions of the 
various types of isotopic exchange, the reservoir of 
hydrons in the respective crystallographic molecular 
model of the enzyme being discussed that is con-
nected directly to the catalytic acid–base performing 
hydrogen isotopic exchange was described. The 
hydrons in these reservoirs are able to provide the 
hydrons that exchange with the one that the catalytic 
acid–base has removed from the reactant or inter-
mediate, whether or not the active site is completely 
sequestered from the solution. Since such reservoirs 
should be common, it is actually situations in 
which hydrogen isotopic exchange is not observed 
that are unexpected, not situations in which it is. 
For example, fumarate hydratase (Equation 5-119) 
catalyzes a hydration homologous to that catalyzed 
by phosphopyruvate hydratase (Equation 5-213). 
There is ample, convincing evidence that dehydra-
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tion of (S)-malate in the active site of this enzyme 
proceeds with initial removal of the hydron from 
carbon 3 to produce a gem-enediolate (Equation 
5-118).365 Hydrogen isotopic exchange, however, of 
tritium at carbon 3 of (2S,3R)-[3-3H]malate with a 
hydron, catalyzed by porcine fumarate hydratase in 
1H2O, is slower than isotopic exchange of carbon-14 
in [1-14C]fumarate into (S)-malate at equilibrium, 
even though isotopic exchange of the hydroxy 
group in unlabeled (S)-malate with oxygen-18 in 
H2

18O at equilibrium is more rapid than isotopic 
exchange of the carbon-14 in [1-14C]fumarate into 
(S)-malate.774 
 These observations require that the triton re-
moved from carbon 3 of (2S,3R)-[3-3H]malate can-
not exchange with any of the hydrons in the active 
site and also must dissociate from and reassociate 
with the active site more slowly than the product 
fumarate. That this counterintuitive conclusion is 
correct follows from the fact that porcine fumarate 
hydratase is able to transfer tritium from (2S,3R)-
[1,4-14C2,3-3H]malate to unlabeled [1,4-12C2]fuma-
rate.775 This capability requires that the product 
[1,4-14C2]fumarate must be able to dissociate from 
the enzyme and be replaced by unlabeled fumarate 
before the triton that was removed from 
(2S,3R)-[1,4-14C2,3-3H]malate can dissociate from 
the active site. That this conclusion is correct also 
follows from the fact that the enzyme is able to 
transfer deuterium from (2S,3R)-[3-2H]malate to 
1,2-dicarboxyethyne, an analogue of fumarate, to 
produce [3-2H]-2-hydroxyfumarate.776 Nevertheless, 
the fact that the rate of dissociation of the tritium 
removed from (2S,3R)-[3-3H]malate from the active 
site is accelerated by certain general bases added to 
the solution demonstrates that it is located on a 
catalytic acid–base.775 
 In the active site of porcine fumarate hydra-
tase, tritium is removed from (2S,3R)-[3-3H]malate 
by the oxido group of Serine C318 (Figure 4-27). 
This oxido group is in an oxyanion hole formed by 
two hydronated amido groups from the polypeptide 
backbone. The role of this oxyanion hole is to lower 
the pKa of the hydroxy group so that its conjugate 
base, an oxido group, is present upon association 
of substrate and can remove the triton. Presumably, 
the protons on the amido groups do not participate 
in hydrogen isotopic exchange with the now-
hydroxy group of Serine C318 because, to do so, 
one of them (pKa = 17) would have to protonate the 
hydroxy group (pKa = -3), which would be difficult, 
if not impossible, in the time available. Why the 
hydroxy group on the serine does not exchange with 

hydrons in the solution while fumarate dissociates 
and reassociates nevertheless remains puzzling. 
 Mandelate racemase (previously Equation 4-126) 

 
                (5-221) 

provides the clearest example of the effect that the 
identity of the catalytic acid–base and hydrogen 
bonds in which it participates has on an observed 
hydrogen isotopic exchange. In this instance, because 
the enzyme has only one reactant and one product, 
one reactant cannot be omitted to observe hydrogen 
isotopic exchange. Consequently, it was followed at 
initial rate before significant concentrations of product 
accumulated. When mandelate racemase from P. pu-
tida is catalyzing the epimerization of (S)-mandelate 
in 2H2O* 

    
                (5-222) 

deuterium appears on the a carbon of the reactant, 
(S)-mandelate, as well as in the product, (R)-man-
delate.777 This observation has been presented as 
evidence that the enzyme proceeds through an 
intermediate gem-enediolate formed by direct 
removal of a hydron from the a carbon by a catalytic 
base in the active site. The observation that the 
enzyme catalyzes elimination of HBr from racemic 
4-(bromomethyl)mandelate778 

                                     
*Equal quantities of both (S)-mandelate and (R)-mandelate are 
produced, regardless of which enantiomer is the reactant, because 
the equilibrium constant for the epimerization must be 1. 

(

”
:

1

(S)-mandelate                           (R)-mandelate

COO–

N

N N

O OH

H
COO–HH

H
H

H

H

:N NH ”
(

HN
H

H

Lys 166

His 297

O O
COO––OOC

H HO
COO–

H
1H 2H 2H

2H2O1 +

2H2O             2H1HO                       2H1HO



Isotopic Exchange 
 

1555 

   
                (5-223) 

is also consistent with the participation of the 
gem-enediolate in the normal reaction. 
 While mandelate racemase catalyzes the hydro-
gen isotopic exchange (4%) of protium at the 
a carbon of (S)-mandelate for deuterium in 2H2O 
(Equation 5-222) during early stages (<5%) of the 
approach to equilibrium, no measurable hydrogen 
isotopic exchange (£0.4%) is observed at the a carbon 
of (R)-mandelate when it is the reactant over the 
same extent of the approach to equilibrium.779 One 
explanation for this difference between the two 
enantiomers is that there are two bases involved in 
the mechanism, one that removes the hydron from 
(S)-mandelate and another that removes the hydron 
from (R)-mandelate. If there were only one base, 
after it had removed a hydron from either enan-
tiomer of mandelate, there would be the same 
gem-enediolate and the same conjugate acid. That 
acid should then participate in hydrogen isotopic 
exchange at the same initial rate in both cases, not 
just in the case of (S)-mandelate. 
 The bases in the active site of mandelate 
racemase from P. putida that remove the hydrons 
from (S)-mandelate and (R)-mandelate have been 
unambiguously assigned crystallographically as 
Lysine 166 and Histidine 297, respectively (Equa-
tion 5-221).780,781 The 6-amino group of Lysine 166 
has only two deuteriums on it whenever the active 
site associates with (S)-mandelate because it is the 
catalytic base. In addition, however, Lysine 166 is a 
participant in a cluster of hydrogen bonds in which the 
two oxygens of the carboxy group of Glutamate 221, 
a molecule of water, the hydroxy group of Serine 139, 
the 6-amino group of Lysine 164, and the 4-hydroxy 
group of Tyrosine 137 are participants. There are 
six hydrogen bonds in this cluster and, conse-
quently, at least six deuterons. In any reversal of 
formation of the intermediate gem-dienolate from 
(S)-mandelate at the active site, deuterium would 
almost always be incorporated into the resulting 
(S)-mandelate, as is observed. 

 The t nitrogen of the imidazolyl group of His-
tidine 297 removes the hydron from (R)-mandelate, 
and the p nitrogen–hydrogen of its imidazolyl group 
forms a hydrogen bond (0.28 nm) with an oxygen of 
the carboxy group of Aspartate 270. This hydrogen 
bond is responsible for holding the imidazolyl 
group in the proper orientation. In this distal hydrogen 
bond, there must be a deuteron, but the imidazolyl 
group of Histidine 297 would have to flip over to 
bring that deuteron into the vicinity of carbon 2 of 
the enolate. If it were to flip over, however, the ni-
trogen–deuterium bond of the p nitrogen would be 
in a completely different orientation and location, 
relative to the carbanionic carbon of the enolate, 
than the nitrogen–hydrogen bond of the t nitrogen  

        
                (5-224) 

and it would be difficult, if not impossible, for the 
deuteron on the p nitrogen to deuteronate that 
carbon. Consequently, hydrogen isotopic exchange 
into (R)-mandelate should be significantly slower 
than that into (S)-mandelate, as is observed. This 
instance is an educational example of the fact that the 
two nitrogens in the imidazolyl group of a histidine 
are not symmetrically arrayed, as well as an illus-
tration of the fact that hydrogens exchanged in 
most hydrogen isotopic exchanges are already 
within the active site. 
 
 Hydrogen isotopic exchange is usually taken 
as evidence that a hydrogen is removed from the 
substrate as a hydron. For example, GDP-mannose 
3,5-epimerase, which contains a prosthetic NAD+ 
in its active site,782 is able to interconvert GDP-
¬-galactose and GDP-∂-mannose, a reaction requir-
ing a double epimerization* 

                                     
*Upon double epimerization, the more stable configuration of 
the ring changes due to the shift of the two substituents from 
equatorial to axial in the initial configuration.  
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                (5-225) 

one at carbon 3 and one at carbon 5. Neither posi-
tion in either substrate is acidic. When the reaction, 
however, is carried out with the enzyme from 
Auxenochlorella pyrenoidosa in 3H2O, tritium is 
incorporated into both GDP-¬-galactose and 
GDP-∂-mannose at both carbons 3 and 5.783 The 
existence of these hydrogen isotopic exchanges 
suggests a mechanism in which GDP-4-oxo-
4-dehydro-¬-galactose (5-156) is formed from 
GDP-¬-galactose and GDP-4-oxo-4-dehydro-∂-man-
nose (5-157) is formed from GDP-∂-mannose. The 
two adjacent epimerizations occur through the two 
respective enolates at carbon 3 and the two respective 
enolates at carbon 5 

      
                (5-226) 

formed by removals of hydrons from the respective 
carbons a to the respective oxo group. Because the 
percentage of tritium incorporated into the two 
substrates at carbon 3 was the same as that incorpo-
rated into carbon 5, the hydrogen isotopic exchange 
provides no indication of a preferential order for 
the double epimerizations, forward and reverse. On 
the path to the left, the hydron on carbon 3 of 

5-156 is removed first and the hydron on carbon 5 
of 5-157 is removed first. On the path to the right, 
the hydron on carbon 5 of 5-156 is removed first 
and the hydron on carbon 3 of 5-157 is removed 
first. One product at equilibrium, however, when 
the reaction is catalyzed by GDP-mannose 
3,5-epimerase from A. thaliana (72% identity; 
0.5 gap percent), is GDP-¬-gulose, the monosac-
charide that is the product of reduction of 
GDP-4-oxo-4-dehydro-¬-gulose (5-158).784 This 
observation suggests that, at least in the case of this 
species, the left path in Equation 5-226 predomi-
nates. 
 The existence of hydrogen isotopic exchange, 
however, does not necessarily demonstrate that a 
hydrogen was initially removed as a hydron. During 
the reaction catalyzed by the flavoenzyme gluta-
ryl-CoA dehydrogenase (ETF) (Equation 5-64) from 
P. fluorescens with glutarylpantetheine as the reactant 
in 2H2O, hydrogen isotopic exchange of protium for 
deuterium at carbon 3 of glutarylpantetheine is 
observed.785 The first step in this reaction is removal 
of a hydron from carbon 2 of the reactant to produce 
the enolate with its oxyanion sitting in an oxyanion 
hole.249 The enolate is then oxidized to the olefin by 
flavin 

 
                (5-227) 

During this second step, the hydrogen on carbon 3 
is probably transferred to nitrogen 5 of the oxidized 
flavin (HFlox) as a hydride. On nitrogen 5 of the flavin, 
the hydride becomes acidic and susceptible to isotopic 
exchange, probably with the deuterons on the 
deuteroxy group of Threonine 172 that forms a 
hydrogen bond with nitrogen 5 (0.28 nm) or the 
molecule of 2H2O that is in a hydrogen bond 
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(0.24 nm) with that deuteroxy group.249 This example 
illustrates a feature peculiar to flavin, which is the 
ability to convert a hydride into a hydron. 
 
 Isotopic exchange in the absence of one or 
more reactants, isotopic exchange into an analogue 
of a reactant, isotopic exchange at initial rate, 
positional isotopic exchange, and intermediate 
isotopic exchange usually provide information 
about the existence of intermediates in the enzy-
matic reaction. The isotopic exchanges observed 
with fructose-bisphosphate aldolase, deoxycytidylate 
5-hydroxymethyltransferase, 3-dehydroquinate 
synthase, urocanate hydratase, glutamine synthetase, 
and citrate (Si)-synthase are examples of this ability. 
 In the absence of the appropriate transfer RNA 
but the presence of the appropriate amino acid, 
amino acid—tRNA ligases catalyze phosphorus 
isotopic exchange786 

  
                (5-228) 

It was the existence of this phosphorus isotopic 
exchange in the absence of a reactant in leucine—
tRNA ligase from E. coli that led to the identification 
of the amino acid adenylates787 that are the central 
intermediates in these fundamental enzymatic 
nucleophilic substitutions. 
 Pyruvate carboxylase catalyzes the carboxylation 
of pyruvate (previously Equation 1-144) 

  
                (5-229) 

Consistent with the existence of N-carboxybiotin 
as the central intermediate in this carboxylation 
(Figure 1-29), both the enzyme from G. gallus788 
and the enzyme from R. norvegicus789 catalyze the 
carbon isotopic exchange 

(5-230) 

that requires addition of bicarbonate788,789 but pro-
ceeds in the absence of pyruvate. Unfortunately, 
this carbon isotopic exchange in the absence of 
pyruvate is eliminated by removal of biotin from 

the active site,790 so it could not be determined if 
the exchange results from reversal of the first step 
in the phosphorylation of bicarbonate by MgATP2- 

  
                (5-231) 

a result that would provide evidence for carboxyphos-
phate as an intermediate. In the absence of HCO3

-, 
MgATP2-, MgADP-, and HOPO3

2-, the enzyme cata-
lyzes the carbon isotopic exchange 

  
                (5-232) 

that results from reversible formation of the inter-
mediate, N-carboxybiotin 

    
                (5-233) 

The design of these experiments was based on 
similar isotopic exchanges that had been observed 
with porcine propionyl-CoA carboxylase791 and 
methylcrotonyl-CoA carboxylase from Mycobacte-
rium and Achromobacter.792 
 Pyruvate, phosphate dikinase from P. freuden-
reichii catalyzes the phosphorylation of phosphate 
by the g-phospho group of MgATP2- and then the 
phosphorylation of pyruvate by the b-phospho 
group of MgATP2- (previously Equation 3-500) 

 
                (5-234) 

The enzyme catalyzes the carbon isotopic exchange793 

    
                (5-235) 

in the absence of all four of the other substrates. It 
catalyzes the phosphorus isotopic exchange 

Mg[32P]OPO3PO3
2–  +  Mg[31P]ATP 

2–  1
                         Mg[32P]ATP 

2–  +  Mg[31P]OPO3PO3
2–

pyruvate  +  HOCO2
–  +  MgATP 

2–  1
            HOPO3

2–  +  MgADP 
–  +  H 

+  +  oxaloacetate

Mg[12C]ATP 
2– +  Mg[14C]ADP 

–  1
                         Mg[12C]ADP 

– +  Mg[14C]ATP 
2–

E·MgATP 
2–·HCO3

–·biotin  1
      E·MgADP 

–·HOPO3CO2
2–·biotin  1  

            E·MgADP 
–·HOPO3

2–·N-carboxybiotin  +  H+

[3-14C]pyruvate  +  [3-12C]oxaloacetate  1
                    [3-14C]oxaloacetate  +  [3-12C]pyruvate

E·oxaloacetate·biotin  1
                               E·pyruvate·N-carboxybiotin

MgATP 
2– +  HOPO3

2– +  pyruvate  1  2 H+ +
   AMP 

2– +  MgOPO3PO3
2– +  phosphoenol pyruvate

Mg[12C]ATP 
2– +  [14C]AMP 

2–   1
                              [12C]AMP 

2– +  Mg[14C]ATP 
2–
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                (5-236) 

in the presence of MgATP2- but the absence of the 
three other substrates. It catalyzes the carbon iso-
topic exchange 

   
                (5-237) 

in the absence of all four of the other substrates. 
 A kinetic mechanism794,795 that is consistent 
with all these isotopic exchanges in the absence 
of one or more substrates has been proposed that 
involves a diphosphorylated intermediate796 

      
                (5-238) 

as the first chemical step in the direction written 
(Equation 5-234). This first step by itself explains 
the carbon isotopic exchange of Equation 5-235. 
The covalent intermediate E-PO3PO3Mg- is a diphos-
phoimidazolyl group154,797 on Histidine 453 (previ-
ously Equation 3-503) 

 
                (5-239) 

The diphosphorylated covalent intermediate first 
phosphorylates phosphate (see Equation 3-502) 

  
                (5-240) 

to produce magnesium diphosphate. This second 
step explains the phosphorus isotopic exchange of 
Equation 5-236 and its requirement for MgATP2-, 
which is necessary to produce the diphosphoimid-
azolyl group. The resulting phosphoimidazolyl inter-

mediate, E-PO3
2-, then phosphorylates the enolate 

of pyruvate (see Equation 3-501) 

      
                (5-241) 

This third step by itself explains the carbon isotopic 
exchange of Equation 5-237, and the fact that it 
occurs in the absence of any other substrates. 
 Pyruvate, phosphate dikinase from Clostridium 
symbiosum (Equation 5-234) also catalyzes the posi-
tional oxygen isotopic exchange of oxygen-18 from the 
ab-bridging position in Mg[ab-18O,b,b-18O2]ATP2- to 
a nonbridging position on the a-phospho group. 
This positional oxygen isotopic exchange794 produces 
Mg[a-18O, b,b-18O2]ATP2-. Its existence is also con-
sistent with the involvement of a covalent diphospho 
intermediate. The fact that this positional oxygen 
isotopic exchange is almost completely dependent 
on the presence of HOPO3

2- suggests that the active 
site in this species must close around both 
MgATP2- and HOPO3

2– before the covalent diphospho 
intermediate can form (Equation 5-238). The same 
positional isotopic exchange within MgATP2- is 
observed during the reaction catalyzed by glutamine 
kinase 

     
                (5-242) 

from Campylobacter jejuni, which also has a diphos-
phoimidazolyl group as a covalent intermediate.798 
The diphosphoimidazolyl intermediate phosphory-
lates a molecule of water to produce phosphate, and 
the resulting phosphoimidazolyl group phosphory-
lates the nitrogen of the carbamoyl group of ¬-gluta-
mine rather than the oxygen of enolpyruvate. 
 Orotidine-5A-phosphate decarboxylase catalyzes 
the exchange of carbon dioxide, a Lewis acid, for a 
hydron, a Brønsted acid799 

[32P]HOPO3
2– +  Mg[31P]OPO3PO3

2–  1
                         Mg[32P]OPO3PO3

2– +  [31P]HOPO3
2–

[14C]pyruvate + phospho[12C]enol pyruvate 1
           phospho[14C]enol pyruvate  +  [12C]pyruvate

EH  +  MgATP 
2–  1

                            E-PO3PO3
3–·Mg2+ +  H+ +  AMP 

2–

1 Mg2+
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”
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E-PO3PO3
3–·Mg2+  +  HOPO3

2–  1  
                                      E-PO3

2– +  MgOPO3PO3
2– +  H+

E-PO3
2– +  pyruvate  1

                              EH  +  phosphoenol pyruvate

MgATP 
2– +  ¬-glutamine  +  H2O  1

                   N 
5-phospho-¬-glutamine +  Mg 

2+

                                      +  HOPO3
2– +  AMP 

2–  +  2 H+
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The strongest evidence for the existence of carban-
ionic intermediate 5-159 is that, in 2H2O and in 
the absence of CO2, the enzyme from S. cerevisiae 
catalyzes hydrogen isotopic exchange800 of a deu-
teron for the hydron on carbon 6 of UMP2-. The 
catalytic base in the active site of the enzyme from 
Methanothermobacter thermoautotrophicus that is 
responsible for removing the hydron from carbon 6 
of UMP during this hydrogen isotopic exchange is 
Lysine 72.801,802 The 6-amino group of Lysine 72 is 
in a hydrogen-bonded cluster in which the two 
oxygens of the carboxy group of Aspartate 70, the 
two oxygens of the carboxy group of Aspartate 75, 
the amino group of Lysine 42, and the two hydroxy 
groups on the ribosyl group of orotidine 5A-phos-
phate are participants. There are five hydrogen 
bonds in this cluster and, consequently at least five 
deuterons. The 6-amino group of Lysine 72 removes 
the hydron on carbon 6 of [6-1H]UMP2-, the hydron 
on the ammonio group can exchange for a deuteron 
in the cluster, and the deuteron on the ammonio 
group deuteronates carbanionic intermediate 5-159 
to form [6-2H]UMP2-. 
 Additional evidence for the existence of carban-
ionic intermediate 5-159 comes from experiments 
with orotidine-5A-phosphate decarboxylase from 
S. cerevisiae. When the complete enzymatic reaction 
is run in a 1:1 mixture of H2O to D2O, the rate at 
which a deuteron is incorporated at carbon 6 of the 
product UMP2- is equal to the rate for incorporation 
of protium, as would be expected if a base consid-
erably more basic than hydroxide were an interme-
diate in the reaction.803 A strongly basic carbanion,  
 

such as carbanionic intermediate 5-159, would not 
discriminate between removing a hydron from the 
catalytic ammonio group of the lysine and removing 
a deuteron. When the hydrogen on carbon 5 of 
UMP2- is replaced with a fluorine to give 5-fluoro-
UMP2-, the initial rate constant for hydrogen isotopic 
exchange800,804 increases from 1.2 ¥ 10-5 s-1 (0.04 h-1) 
to 0.04 s-1. This increase is consistent with the 
conclusion that the normal mechanism includes 
carbanionic intermediate 5-159, which would be 
stabilized by the electron withdrawal of the adjacent 
fluorine. Finally, when the hydrogen on carbon 5 of 
the orotyl group in 1-(b-∂-erythrofuranosyl)orotic acid 
(EO), a poor alternative reactant (kEO = 0.026 M-1 s-1), 
is replaced with a fluorine to give 1-(b-∂-erythro-
furanosyl)-5-fluoroorotic acid (FEO), the specificity 
constant (kFEO = 10 M-1 s-1) for the decarboxylation 
increases significantly.805 This result is also consistent 
with the electron withdrawal of fluorine stabilizing 
a carbanionic intermediate in the orotyl group. 
There is, however, still the difficulty that the hydrogen 
isotopic exchange is far slower than the catalytic 
constant (20 s-1 at 25 ªC) for the decarboxylation.806 
The equilibrium constant for the decarboxylation 
might provide an explanation of this disparity by 
providing estimates of the intrinsic rate constant 
for removal of the hydrogen from UMP2- during 
the carboxylation catalyzed by the enzyme. 
 The intermediate carbanion 5-159, if it exists, 
is one of the few carbanionic intermediates in an 
enzymatic reaction that is not an enolate, a fact 
that has contributed to the reluctance to accept its 
existence. The pKa of UMP at carbon 6 while it is in 
the active site of the enzyme has been estimated from 
the rate of hydrogen isotopic exchange at carbon 6 
to be less than or equal to 22.800 The pKa of the 
hydrogen on carbon 6 of UMP in solution is 34,807 
which is consistent with lack of conjugation of the 
lone pair of electrons in carbanion 5-159 with any-
thing that can withdraw its electron density in the 
unsubstituted orotyl group. Its inability to conjugate 
with anything results from the fact that the lone 
pair of electrons is orthogonal to the p molecular 
orbital system of the orotyl group. Consequently, 
the enzyme would be able to stabilize the carbani-
on by a factor of 1012 or 68 kJ mol-1, if the estimate 
is accurate. 
 Although intermediate carbanion 5-159 is a 
strong base and consequently difficult to form, it 
has been pointed out that it may be the case that 
decarboxylation produces the carbene 
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rather than the carbanion. The carbene should be 
more stable than the carbanion,808 but its formation 
would require an intersystem crossing, which may 
not be kinetically competent. Intersystem crossing 
would be required both during formation of the 
carbene and in the transformation of the carbene 
into the carbanion, either before or during the 
hydronation. If this intermediate carbene can be 
formed in the active site, it should be an oxyanion. 
The nitrogen–hydrogen bond of the amido group of 
Serine 154 in the polypeptide backbone of orotidine- 
5A-phosphate decarboxylase from S. cerevisiae forms 
a hydrogen bond (0.29 nm) with the oxygen of the 
carbonyl group in the crystallographic molecular 
model of the active site occupied by 6-hydroxy-
uridine 5A-phosphate.799 When the homologous 
amido group in orotidine-5A-phosphate decarboxylase 
from Methanothermobacter thermautotrophicus 
(24% identity; 4.4 gap percent) is chemically mutated 
to an ester oxygen,809 the value for k0 Km,OMP

-1 
decreases by a factor of 75. 
 Hydronation of the acyl oxygen at carbon 2 in 
orotidine 5A-phosphate should increase810,811 its 
rate of decarboxylation by a factor of 108. In a crys-
tallographic molecular model of the active site of 
the enzyme from M. thermautotrophicus occupied 
by 6-aza-UMP, an analogue812 of carbanionic inter-
mediate 5-159, the amido nitrogen in the carbamoyl 
group of Glutamine 185 forms a hydrogen bond 
(0.27 nm) with the acyl oxygen on carbon 2 of 
6-aza-UMP.802 This hydrogen bond could explain 
in part, but only in small part, the stabilization of 
intermediate carbanionic intermediate 5-159 by the 
active site. 
 Another contributor to the stabilization of 
carbanionic intermediate 5-159, relative to the 
substrate orotidine 5A-phosphate, is the carboxylato 
group of Aspartate 70 in orotidine-5A-phosphate 
decarboxylase from M. thermautotrophicus, which 
is immediately adjacent to the carboxylato group of  
 
 
 

orotidine 5A-phosphate when it is bound to the active 
site. The carboxylato group of the aspartate should 
destabilize orotidine 5A-monophosphate by electro-
static repulsion relative to carbanionic intermedi-
ate 5-159, in which the anion is farther away.801,813 
When the homologous aspartate, Aspartate 91, in the 
enzyme from S. cerevisiae is mutated to alanine,814 
the catalytic constant decreases by a factor of 
greater than 105, When the homologous aspartate, 
Aspartate 70, in the enzyme from M. thermauto-
trophicus is mutated to glycine, the rate constant 
k0 (KmOMP)-1 for decarboxylation of orotidine 
5A-phosphate (OMP)802 decreases by a factor of 104 
while the rate constant for isotopic exchange of the 
hydrogen on carbon 6 of 5-fluoro-UMP catalyzed 
by unmutated Lysine 72, which does not involve 
the carboxy group, is unchanged. 
 Finally, in the crystallographic molecular model815 
of a complex between orotidine-5A-phosphate decar-
boxylase from E. coli and 6-hydroxy-UMP- and the 
crystallographic molecular model802 of a complex 
between orotidine-5A-phosphate decarboxylase from 
M. thermautotrophicus and 5,6-dihydro-UMP, the 
respective uracilyl groups are surrounded by hydro-
phobic amino acids, which form a hydrophobic 
pocket similar to that found in the active sites of 
other decarboxylases.816 When these side chains 
are mutated in turn, decreases in the rate constant 
k0 (KmOMP)-1 of 10-400 are observed.817 These decreas-
es recall the observation that decarboxylation of 
2-(1A-carboxy-1A-hydroxyethyl)-3,4-dimethylthiazolium 
(previously Equation 2-54) 

  
                (5-245) 

occurs about 105 times more rapidly in ethanol 
than in water.818 The role of these hydrophobic 
amino acids in catalysis is supported by the fact 
that the rate of decarboxylation of 1-methylorotate, 
a model compound for orotidine 5A-monophosphate, 
increases 6000-fold when the decarboxylation occurs 
in tetrahydrofuran or dioxane rather than in water.819 
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 Methionine g-lyase uses pyridoxal 5A-phosphate 
as a prosthetic group to catalyze the elimination 

          
                 (5-246) 

The reaction is based on the ability of the pyridoxal 
phosphate to project a p molecular orbital system 
over the carbon skeleton of ¬-methionine until it is 
adjacent to the methylsulfanyl group and to provide 
push to the leaving group, methanethiol (see Equa-
tion 4-259)820 

       
                (5-247) 

The ultimate intermediate in elimination of the 
methanethiol is N-(5¢-phosphopyridoxyl)-1-carboxy-
prop-2-enimine (5-160). 
 The individual steps in the expansion of this 
p  molecular orbital system and the sequence of inter-
mediates could be followed by hydrogen isotopic 
exchange at initial rate. ¬-Methionine (100 mM) 
was mixed with methionine g-lyase (2.4 mM) from 
P. putida in 2H2O, and the a-hydrogen and 
b-hydrogens on the ¬-methionine in the solution 
were monitored by nuclear magnetic resonance spec-
troscopy. The initial rate at which the a-hydrogen 
of ¬-methionine was replaced by deuterium was 
more rapid than the initial rate at which one of the 
two b-hydrogens was replaced by deuterium, and 
formation of the products, 2-oxobutanoate and 
methanethiol, was much slower than both hydrogen 
isotopic exchanges (Figure 5-16).821 This hierarchy 
provides evidence for sequential formation of the 
three intermediates—the quinonoid, N-(5¢-phospho-
pyridoxyl)imine, and N-(5¢-phosphopyridoxyl)enamine 
 
     

 

 
 
Figure 5-16: Isotopic exchange of hydrogens on the a and 
b carbons of ¬-methionine, as well as loss of methanethiol during 
the overall reaction, for the enzymatic reaction catalyzed by 
methionine g-lyase from P. putida.821 A solution (0.5 mL) was 
prepared at p2H 8.6 and 28 ªC that contained 100 mM ¬-methi-
onine in 2H2O (99.8% isotopic enrichment). The reaction was 
initiated by adding 0.8 nmol of active sites of methionine 
g-lyase, and the solution was placed in a nuclear magnetic reso-
nance spectrometer. At various intervals, spectra were recorded. 
Amplitudes of the absorptions in spectra from the a-hydrogen 
(curve 5), the b-hydrogens (curve 4), the g-hydrogens (curve 3), 
and the S-methyl hydrogens (curve 2) were determined by 
integration of the respective peaks on each spectrum. The 
common logarithms of these integrals are plotted (2) as a function 
of the intervals (minutes) that had elapsed from initiation of 
the reaction to the time at which each peak was recorded. The 
two b-hydrogens exchange at different rates, and this hetero-
geneity accounts for the nonlinear behavior of their absorption. 
At various intervals, samples were withdrawn and quenched, 
and the appearance of 2-oxobutanoate was followed by reacting 
the ketone with 3-methyl-2-benzothiozolone. The disappear-
ance of ¬-methionine as a result of the enzymatic reaction was 
assumed to be equal to the difference between the concentra-
tion (millimolar) of 2-oxobutanoate (2-ob) at infinite time 
([2-ob]•) and its concentration at any particular time ([2-ob]t). 
The common logarithms of these differences (3) are plotted as 
a function of time (minutes). Because the equilibrium for the 
enzymatic reaction favors the products (methanethiol, NH4+, and 
2-oxobutanoate), the yield of 2-oxobutanoate at the completion 
of the reaction was close to 100 mM. The fact that absorptions 
from the g-hydrogens and the S-methyl hydrogens decrease at 
the same rate as the concentration of reactant indicates that 
no isotopic exchange takes place at these positions. 
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                (5-248) 

in the enzymatic reaction before elimination of 
methanethiol (Equation 5-247). The catalytic base 
that removes the hydrons from the a carbon, hydro-
nating carbon 4¢ of the 5¢-phosphopyridoxyl group, 
and the b carbon and that is responsible for the 
hydrogen isotopic exchanges is the 6-amino group 
of Lysine 211, which also forms the internal pyridox-
imine.820,822 Between removal of each hydron and 
the addition of each deuteron to the intermediates, 
the amino group of Lysine 211 is in a cluster of hy-
drogen bonds in which the 4-hydroxy group of Ty-
rosine 59, an oxygen from the phosphate of the 
pyridoxal 5A-phosphate, and the hydroxy group of 
Serine 340 are participants. This cluster has three 
hydrogen bonds and, consequently, contains at least 
three deuterons, and it is probably the immediate 
source of the deuterons incorporated by hydrogen 
isotopic exchange at initial rate into the ¬-methionine. 
 Bovine glutamate dehydrogenase [NAD(P)+] 
catalyzes a reaction with three reactants and three 
products (previously Equation 3-319)247,823 

  
                (5-249) 

The intermediate after the first two chemical steps 
should be the iminium of 2-oxoglutarate 

 
                (5-250) 

along with a molecule of water that should be able 
to participate in oxygen isotopic exchange. The 
molecule of water of the other isotope with which it 
exchanges should be able to hydrolyze the imine 
back to ammonia and 2-oxoglutarate. Enzymatically 
catalyzed oxygen isotopic exchange, however 

 
                (5-251) 

could not be observed in the absence of NADPH, 
which should be unnecessary for oxygen isotopic 
exchange.824 
 The following strategy was designed to reveal 
oxygen isotopic exchange at initial rate during a period 
in which the forward reaction dominates. The enzyme 
(250 mM in active sites) was mixed with [2-18O]-2-oxo-
glutarate (0.3 mM, 58% isotopic enrichment), NADPH 
(1.1 mM), and amounts of ammonium less than the 
concentration of active sites (<200 mM), so that when 
the reaction had reached equilibrium, most of the 
2-oxoglutarate would still remain in solution. Under 
these conditions, a rapid decrease is observed in 
[2-18O]-2-oxoglutarate over a period of less than 10 s 
(Figure 5-17) as a result of oxygen isotopic exchange 
occuring in the first two chemical steps on the active 
site (Equation 5-250) and their subsequent reversal.824 
This rapid depletion of [2-18O]-2-oxoglutarate was 
followed by the normal uncatalyzed oxygen isotopic 
exchange that takes place in solution and that results 
from nonenzymatic hydration of the ketone 
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                (5-252) 

The slow decrease in the isotopic enrichment of 
[2-18O]-2-oxoglutarate over the next 150 s is a conse-
quence of this uncatalyzed oxygen isotopic exchange 
(t1/2 = 5 min), the rate of which is defined by the 
course of oxygen isotopic exchange in the absence 
of enzyme (2). For each course in the presence of 
enzyme, the rapid decrease in [2-18O]-2-oxoglutarate 
occurs during the rapid, unresolved approach to 
equilibrium. In each course, this rapid decrease is 
revealed by extrapolation (dashed lines) of the un-
catalyzed course to zero time. The oxygen isotopic 
exchange revealed in these measurements is consis-
tent with nucleophilic substitution at the carbonyl 
groups of 2-oxoglutarate producing the iminium of 
2-oxoglutarate as an intermediate (Equation 5-250) 
prior to the reduction. 
 The enzymatically catalyzed oxygen isotopic 
exchange occurs only during the rapid approach 
to equilibrium of the enzymatic reaction. After 
equilibrium has been established, almost all the 
ammonium has been converted to glutamate, and 
the rates of the enzymatic reaction in both directions 
are much less than the rate of the forward reaction 
when ammonium was still present. Because the rate 
of oxygen isotopic exchange decreases dramatically 
as the ammonia is depleted, it could be concluded 
that the oxygen isotopic exchange observed in less 
than 10 s is isotopic exchange during the approach 
to equilibrium and is not due to reversal of the 
complete reaction. If it were due to reversal, the 
oxygen isotopic exchange would have proceeded at 
the same rapid rate after equilibrium had been 
reached, but only the uncatalyzed oxygen isotopic 
exchange (Equation 5-252) is observed at longer 
times. It was concluded that, to observe the isotopic 
exchange, NADPH had to be present to close the 
active site around the reactants, but its reduction of 
the imine was not required for the isotopic exchange 
to proceed. Because the uncatalyzed oxygen isotopic 
exchange by itself was appreciable (t1/2 = 5 min), 
large concentrations of the enzyme (250 mM) were 
used to complete the approach to equilibrium 
immediately (<1 s) so that the rapid enzymatically  
 
 

 
 
Figure 5-17: Rate of oxygen isotopic exchange from the carbonyl 
group of 2-oxoglutarate catalyzed by bovine glutamate dehydro-
genase (NADP+).824 Solutions at pH 7.6 and 25 ªC contained 
250 mM glutamate dehydrogenase (NADP+) and 1.1 mM NADPH 
and 6 mM (3), 55 mM (ò), 118 mM (Í), or 180 mM (ˆ) ammonium 
ion. As ammonium ion was always present at concentrations 
less than that of the enzyme, each molecule of enzyme on average 
could complete less than one turnover before equilibrium was 
reached. The reaction was initiated by adding [2-18O]-2-oxo-
glutarate (58% isotopic enrichment) to a final concentration of 
310 mM. Samples of the reaction mixture were withdrawn at 
intervals and quenched with an equal volume of 50% H2O2, 
which converted [2-18O]-2-oxoglutarate to [18O]succinate by 
oxidative decarboxylation, and the oxygen-18 contents of the 
succinate were determined by mass spectrometry. These values 
were used to calculate the percentages of isotopic enrichment 
in the carbonyl oxygen of [2-18O]-2-oxoglutarate (percent 18O 
content) as a function of each interval (seconds). For each set 
of data, the solid line extending from 10 to 160 s represents a 
single first-order curve fit to the loss of 18O due to uncatalyzed 
isotopic exchange. These solid lines are extrapolated to zero 
time by dashed lines to indicate the level of oxygen-18 that 
would be in 2-oxoglutarate if the enzymatically catalyzed reaction 
had reached equilibrium instantaneously following addition of 
reactant. The difference between these extrapolated values and 
the initial value of 58% isotopic enrichment is the amount of 
oxygen-18 isotopic exchange that occurred before the ammonia 
had been depleted by the enzymatic reaction. The uncatalyzed 
oxygen isotopic exchange from [2-18O]-2-oxoglutarate in the 
absence of enzyme, ammonia, and NADPH is also plotted (2). 
 
 
 
 

 
 
catalyzed isotopic exchange could be clearly distin-
guished from the slower uncatalyzed isotopic ex-
change. 
 The enzyme GMP synthase (glutamine-hydro-
lysing) catalyzes the conversion of xanthosine 
monophosphate to guanosine monophosphate 
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                (5-253) 

where R is ∂-ribos-1-yl 5¢-monophosphate. The 
enzyme uses ¬-glutamine and a glutaminase at a 
distant active site as the source of the ammonia, 
hence the notation in parenthesis within the name 
of the enzyme. Formally, the reaction is a simple 
nucleophilic substitution at a carbonate carbon in 
which the nitrogen of ammonia as a nucleophile 
replaces the oxygen on the ureido carbon 2 of xantho-
sine 5¢-monophosphate with water as the leaving 
group. That substitution, however, has quite a 
small equilibrium constant, so the enzyme couples 
it to hydrolysis of MgATP2-. When [2-18O]xanthosine 
5¢-monophosphate was used as a reactant for GMP 
synthase (glutamine-hydrolysing) from Columba 
livia, oxygen-18 was found in the phosphate of the 
AMP- formed during the reaction.825 This incorpo-
ration of isotope led to the suggestion that xantho-
sine adenylate826 is formed as an intermediate 

      
                (5-254) 

by the nucleophilic substitution at phosphorus of 
the conjugate base of xanthosine (pKa = 13.0) for 
magnesium diphosphate. This nucleophilic substi-
tution would create an activated O-adenylated 
ureido group and, in the process, couple directly 
and chemically the hydrolysis of MgATP2- to the 
nucleophilic substitution. This direct chemical 
coupling ensures that every time the nucleophilic 
substitution occurs, a molecule of MgATP2- is hydro-
lyzed. This enforcement necessarily adds the free 

energy of hydrolysis of MgATP2- to the change of 
free energy for the overall reaction. 
 The direct MgATP–diphosphate phosphorus 
isotopic exchange 

      
                (5-255) 

that might have accompanied this mechanism 
could not be detected in the absence of ammonia. 
It was possible, however, to detect a positional oxy-
gen isotopic exchange of a nonbridging oxygen into 
a bridging position 

   
                (5-256) 

that required the presence of xanthosine but not 
ammonia.827 This positional oxygen isotopic exchange 
is consistent with the existence of xanthosine aden-
ylate as an intermediate. The explanation for why 
positional oxygen isotopic exchange (Equation 5-256) 
is observed but not phosphorus isotopic exchange 
(Equation 5-255) is that the active site seems to 
remain closed to protect the xanthosine adenylate, 
prohibiting the diphosphate from leaving, a require-
ment for phosphorus isotopic exchange, until the 
guanosine monophosphate is formed after the 
ammonia has been delivered. 
 Positional oxygen isotopic exchange of a bridging 
oxygen into a nonbridging position was observed 
for the diphosphate in 4-amino-2-methyl-5-(diphos-
phooxymethyl)pyrimidine 

 
                (5-257) 

when thiamine phosphate synthase (Equation 5-134) 
from B. subtilis was mixed with 4-amino-2-methyl-
5-(diphospho[18O]oxymethyl)pyrimidine in the 
absence of the other substrate in the enzymatic 
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reaction, 4-methyl-5-(2-phosphooxyethyl)thiazole.828 
The reaction catalyzed by the enzyme is the nucleo-
philic substitution of diphosphate by the nitrogen 
of the thiazolyl group in 4-methyl-5-(2-phosphooxy-
ethyl)thiazole at a primary carbon. This positional 
oxygen isotopic exchange in the absence of the thiazo-
lyl group requires that the diphosphate dissociate 
reversibly from the carbon, which is consistent 
with it being the leaving group in a dissociative 
nucleophilic substitution (Equation 5-135) with 
2-methyl-4-imino-5-methylenepyrimidine (5-108) 
or its conjugate acid (5-107), a formal carbenium 
ion, as an intermediate. 
 Positional isotopic exchange at initial rate within 
the reactant UDP-a-∂-galactopyranose of a bridging 
oxygen-18 between the diphospho group of UDP 
and carbon 1 of galactopyranose into a nonbridging 
position during the ring contraction catalyzed by 
UDP-galactopyranose mutase 

      
                (5-258) 

from E. coli was also consistent with a dissociative 
nucleophilic substitution of the diphospho group 
for nitrogen 5 of the prosthetic flavin in the active 
site with an oxocarbenium ion as an intermediate. 
In the case of thiamine phosphate synthase, posi-
tional oxygen isotopic exchange was observed in 
the absence of 4-methyl-5-(2-phosphonooxyethyl)-
thiazole. In contrast, when nitrogen 5 of the prosthetic 
flavin, which is the nucleophile in the reaction, was 
replaced by a carbon by using 5-deazaflavin as the 
prosthetic group, the positional oxygen isotopic 
exchange no longer occurred.829 This result ruled out 
an intermediate oxocarbenium ion and a dissociative 
nucleophilic substitution, and it is consistent with 
a concerted nucleophilic substitution in which a 
covalent bond to nitrogen 5 must be forming as the 
covalent bond to the phospho oxygen is breaking. 
 Myosin ATPase hydrolyzes MgATP2- to MgADP– 
and HOPO3

2- to obtain the free energy necessary 
for contraction of muscle. On the active site of myosin 
ATPase, hydrolysis occurs without any intermediates 
by a direct in-line attack of water 

        
                (5-259) 

with inversion of configuration at phosphorus.830 
When myosin ATPase from O. cuniculus, in the 
absence of actin, hydrolyzes MgATP2- to MgADP– 
and HOPO3

2- in [18O]H2O, instead of containing 
only one atom of oxygen-18, as expected (Equation 
5-259), HOPO3

2- contains almost four atoms of 
oxygen-18.765,831 The reasons for this intermediate 
oxygen isotopic exchange at initial rate are that, on the 
active site, the equilibrium constant for hydrolysis 
of MgATP2- has been shifted dramatically in the 
direction of 1 and that the release of products from 
the active site of myosin ATPase is very slow in the 
absence of actin.832 For both reasons, hydrolysis of 
MgATP2- (Equation 5-259) reverses many times, as 
the phosphate tumbles in the active site, before the 
products depart. In this instance, because there are 
no fixed molecules of water in its vicinity833 aside 
from two molecules of water on the nearby Mg2+, 
the molecule of H2O that is a reactant probably has 
enough time to enter and leave the active site during 
these reversals while the MgATP2- remains tightly 
bound. The H2

16O leaving the active site carries 
away, one at a time and at random,834 oxygens-16 
on phosphorus; and the H2

18O entering the active 
site replaces them with oxygens-18. The existence 
of this rapid reversal of a reaction that is signifi-
cantly exergonic in solution is one demonstration 
that the standard free energy of a particular reaction 
catalyzed by an enzyme can be dramatically altered 
by the environment of the active site.  
 As actin is added to the solution, the rate of the 
overall hydrolysis increases and the magnitude of the 
intermediate oxygen isotopic exchange decreases831 
by a relation predicted for random isotopic exchange 
of all three oxygens on the g-phosphate of MgATP2– 
until high concentrations of actin are reached. At 
this point, only one atom of oxygen-18, from the 
stoichiometric H2

18O, is incorporated into the phos-
phate during the hydrolysis, and no intermediate 
oxygen isotopic exchange is observed (Figure 
5-18).835,836 This result is one illustration of the fact 
that the main effect of actin on the rate at which 
myosin ATPase hydrolyzes MgATP2- in the solution 
to MgADP- and HOPO3

2- in the solution, as op-
posed to on its active site, is to accelerate the rate at 
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which the two products dissociate from the active 
site, not an acceleration of the hydrolysis of MgATP2– 
itself on the active site. At high enough concentra-
tions of actin, products are released from the active 
site so rapidly that no reversal of hydrolysis of 
MgATP2- can occur before their dissociation. 
 Such measurements of intermediate oxygen 
isotopic exchange can also rule out the existence of 
two paths as an explanation for the decrease in 
incorporation of oxygen-18 into phosphate upon 
acceleration of a reaction in which MgATP2- is hydro-
lyzed. Bovine H+-transporting two-sector ATPase 
also catalyzes hydrolysis of MgATP2- as well as its 
synthesis from MgADP- and HOPO3

2-, the reverse 
reaction. As the rate for hydrolysis of MgATP2– 
decreases when the concentration of MgATP2- is 
lowered, the number of oxygens-18 incorporated 
into the product HOPO3

2- increases, just as when 
the concentration of actin is decreased with myosin 
ATPase. One explanation for such an observation is 
that at high concentrations of MgATP2- the reaction 
proceeds on a path in which reversal of hydrolysis 
cannot occur, while at low concentrations of 
MgATP2- the reaction proceeds on a different path 
on which complete reversal and consequently 
complete isotopic exchange occurs at the hydrolytic 
step. By determining the relative concentrations of 
the isomeric forms of HOPO3

2- with one, two, three, 
and four oxygens-18 at several different concentra-
tions of MgATP2-, the possibility that two paths 
were operating could be ruled out.837 
 
 The observed rate of a particular isotopic ex-
change is determined by a sequence of rates. If a 
reactant is registering the isotopic exchange, as in 
the case of fructose-bisphosphate aldolase, then the 
sequence of rates is the rate of association of the 
reactant in which the isotope is to be exchanged; 
the rate at which the bound reactant is transformed 
into the species responsible for the actual exchange 
of the isotope; the rate at which this species with 
the original isotope is exchanged for the same species 
but with the other isotope; the rate at which the 
species with the other isotope is modified to re-form 
the isotopically substituted reactant on the active 
site; and the rate at which that now isotopically 
exchanged reactant dissociates from the active site. 
If a product is registering the isotopic exchange, as 
in the case of citrate (Si)-synthase, then the sequence 
of rates is the rate of association of the reactant in 
which the isotope is to be exchanged; the rate at  

 
 
Figure 5-18: Effect of the concentration of actin on intermediate 
isotopic exchange of oxygen-18 for oxygen-16 into the phosphate 
produced from Mg[16O]ATP2- in [18O]H2O by subfragment 1 of 
myosin.835 Myosin was digested with chymotrypsin, and the 
large globular fragment (subfragment 1), missing the coiled 
coil of the intact protein836 but still containing the active site at 
which MgATP2- is hydrolyzed, was purified by anion-exchange 
chromatography. Solutions (3 mL) containing 1 mM MgCl2, 
0.5 mM MgATP2-, 1.75 mM phosphoenolpyruvate, and 200 mg 
of pyruvate kinase (to regenerate the Mg[16O]ATP2- as it was 
hydrolyzed) were prepared at pH 7 and 23 ªC. Various amounts 
of actin were added, and hydrolysis of  MgATP2- was initiated 
in each case by adding enough subfragment 1 to produce 80% 
hydrolysis of  MgATP2- and phosphoenolpyruvate over 2 h. 
Reaction mixtures were quenched at 2 h with perchloric acid, 
and the remaining nucleotide and protein were removed by 
adding activated charcoal and submitting the samples to centrif-
ugation. The phosphate was isolated, and oxygens in the phos-
phate were converted to gaseous carbon dioxide by reaction 
with guanidinium chloride. The isotopic composition of [18O]CO2 
was determined by mass spectrometry. From these measure-
ments, the ratios of oxygen-18 to phosphorus (oxygen-18 
phosphorus-1) in the phosphate could be calculated. These 
ratios are plotted as a function of the inverse of the concentra-
tions of actin (micromolar-1). The horizontal dashed line is 
placed at the value for oxygen-18 phosphorus-1 for the phosphate 
produced by subfragment 1 in the absence of actin. 
 
 

 
which the bound reactant is transformed into the 
species responsible for the actual exchange of the 
isotope; the rate at which this species with the original 
isotope is exchanged for the same species but with 
the other isotope; the rate at which the species with 
the other isotope is converted into the product 
associated with the active site; and the rate at which 
that product with the other isotope dissociates 
from the active site. These considerations emphasize 
that, because the isotopic exchange is registered in 
isotopically exchanged reactant or isotopically 
exchanged product, both accumulating in the solu-
tion, associations and dissociations of substrates 
with the active site are essential steps in the isotop-
ic exchange. 
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 Isotopic exchange can be described by a univer-
sal kinetic mechanism838,839 

   (5-260) 

 If isotopic exchange into a reactant is being 
observed, reactant A carries the original isotope 
and reactant A¢ carries the exchanged isotope. The 
species that accomplishes the switch of the isotopes 
is indicated as X with the original isotope or X¢ with 
the other isotope. Species X¢ may already be in the 
active site—for example, a hydron or a molecule of 
water—and simply switch places with species X, in 
which case the rate constants kex and k-ex are simple 
first-order rate constants. Species X may have to 
dissociate from the active site and species X¢ may 
have to associate with the active site, in which case 
the rate constants kex and k-ex are composite rate 
constants involving concentrations of species X 
and X¢ in solution. Species X can be a nonstoichio-
metric molecule from the solution entering and 
leaving the active site—for example, a molecule of 
water carrying hydrons or an oxygen of the other 
isotope in and out of the active site—even though a 
hydron or a molecule of water does not appear in 
the stoichiometric reaction for the enzymatic reaction. 
Species Ei can be a complex between the enzyme and 
an intermediate in the reaction from which species X 
has just dissociated and with which species X¢ asso-
ciates to accomplish the isotopic exchange. Species X, 
however, could itself be a substrate for the enzyme, 
substrate X, and its dissociation from the active site 
and subsequent association of species X¢, a molecule 
of substrate X bearing the other isotope, accom-
plishes the isotopic exchange. In this case, the rate 
constants kex and k-ex are again composite rate 
constants involving concentrations of species X and X¢ 
in solution. 
 If isotopic exchange into a product is being 
observed, product Z is the product of the reaction 
that carries the original isotope. This product may 
or may not be present in the solution, and it may or 
may not be required to associate with the active site 
for isotopic exchange to be observed. Product Z¢ is 
the product of the reaction that carries the other 
isotope. When species X itself is a stoichiometric 
product of the reaction, it carries the original isotope 

and species X¢ is the same stoichiometric product 
of the reaction that carries the other isotope. In this 
case, there is no product Z or Z¢, and product X or 
X¢ simply dissociates from the active site. Most if 
not all types of isotopic exchange can be described 
by Equation 5-260. 
 Oxygen isotopic exchange in the absence of 
5,6,7,8-tetrahydrofolate catalyzed by deoxycytidylate 
5-hydroxymethyltransferase (Equation 5-202) is an 
isotopic exchange in the absence of one or more 
reactants. In this example, reactant A is 5-hydroxy-
methylcytidine 5A-monophosphate; species X is a 
molecule of H2

16O; and species XA is a molecule of 
H2

18O. A molecule of water is formally a product of 
the reaction in the direction written, but the molecule 
of H2

18O that switches with the molecule of H2
16O 

is probably already in the active site. After 5-hydroxy-
methylcytidine 5A-monophosphate has associated 
with the active site, a molecule of H2

16O leaves the 
5-hydroxymethylcytidine 5A-monophosphate to 
produce species Ei, which is a complex between the 
active site and the methylene intermediate. The 
molecule of H2

16O is then replaced by the molecule of 
H2

18O, and isotopically substituted 5-hydroxymethyl-
cytidine 5A-monophosphate dissociates from the 
active site. Because the other reactant, 5,6,7,8-tetra-
hydrofolate, has been omitted, no stoichiometric 
products of the reaction, 5,10-methylenetetrahydro-
folate and deoxycytidylate, can be produced; the 
reaction cannot proceed beyond the methylene inter-
mediate; and the reaction is confined to the left half 
and central vertical step of Equation 5-260. 

 The hydrogen isotopic exchange catalyzed by 
3-dehydroquinate synthase (Equation 5-206) is an 
example of an isotopic exchange into an analogue of 
a reactant. In this instance, reactant A is phosphonate 
5-155; species X is a hydron removed from carbon 6 
of the ketone formed from phosphonate 5-155; 
species Ei is a complex between the active site and 
the enolate resulting from removal of the hydron 
from the ketone; and species XA is a deuteron prob-
ably already in the active site. Again, because 
phosphonate 5-155 cannot be turned into the 
product of the reaction, 3-dehydroquinate, the 
reaction is confined to the left half and central 
vertical step of Equation 5-260. 
  The hydrogen isotopic exchange catalyzed by 
urocanate hydratase (Equation 5-207) is an example 
of an isotopic exchange at initial rate. Reactant A is 
urocanate; species X is the hydron that has been 
removed from carbon 5 of the intermediate formed 
from urocanate; species Ei is a complex between 
the active site and the second intermediate result-

E1  +  A  1  Ei(I)(X)  1  E1   +  Z 
k 1i

k –1i

k i1

k  –i1

E1  +  A¢  1  Ei(I)(X¢)  1  E1   +  Z¢ 
k ¢1i

k ¢–1i
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ing from removal of the hydron from the first; and 
species XA is a deuteron, probably on a molecule of 
water already in the active site. In this instance, the 
product of the reaction, 3-(5-oxo-4,5-dihydro-
3H-imidazol-4-yl)propanoate, species Z, is accu-
mulating as the isotopic exchange into urocanate is 
proceeding. Although carbon 5 of the product 
3-(5-oxo-4,5-dihydro-3H-imidazol-4-yl)propanoate 
no longer has a hydrogen, there must be exchange 
of a deuteron into the intermediate that is then 
removed in later steps. Product ZA is the product 
that arises from the deuterated intermediate and 
product Z is the product that arises from the hydro-
nated intermediate, but products ZA and Z are indis-
tinguishable because neither bears a deuterium. 
The kinetic mechanism is the complete form of 
Equation 5-260. 
 The oxygen isotopic exchange catalyzed by glut-
amine synthetase (Equation 5-209) is an example of 
positional isotopic exchange. Reactant A is MgATP2–; 
species X is oxygen-18 on the b-phospho group of 
MgADP- with that oxygen-18 having just left and 
still directed at the phosphorus of ¬-glutamyl 
phosphate; species Ei is the complex between the 
active site and MgADP- and ¬-glutamyl phosphate; 
and species XA is the rotated [18O]-b-phospho group 
with one of its two oxygens-16 now directed at the 
phosphorus of ¬-glutamyl phosphate and about to add 
as a nucleophile. Because ammonia is not present, 
no products of the reaction—MgADP-, phosphate, 
and ¬-glutamine—can be produced, and the reaction 
is confined to the left half and central vertical step of 
Equation 5-260. 
 The oxygen isotopic exchange catalyzed by cit-
rate (Si)-synthase (Equation 5-212) is an example 
of intermediate isotopic exchange. Reactant A is 
[18O]acetyl-SCoA; reactant AA is [16O]acetyl-SCoA; 
product Z is [1-18O]citrate; product ZA is [16O7]citrate; 
species X is a molecule of H2

18O formed during rever-
sal of the hydrolysis of [1-18O]citryl-SCoA; species XA 
is a molecule of H2

16O that switches with the molecule 
of H2

18O and then hydrolyzes the [1-16O]citryl-SCoA 
formed by reversal of the hydrolysis of [1-18O]cit-
ryl-SCoA; and species Ei is the complex between the 
active site and that molecule of [1-16O]citryl-SCoA. 
In this instance, both products Z and ZA are pro-
duced, so the kinetic mechanism is Equation 5-260 
in its entirety. There is, however, another reactant, 
oxaloacetate, and another product, coenzyme A, in 
the enzymatic reaction. Consequently, regeneration 
of the form of the enzyme E1, with which acetyl-SCoA 
associates, from the form of the enzyme from which 

citrate dissociates may involve dissociation of coen-
zyme A and association of oxaloacetate. 
 The carbon isotopic exchange catalyzed by 
phosphopyruvate hydratase (Equation 5-215) is an 
example of isotopic exchange at equilibrium. Reac-
tant A is phospho[1-12C]enolpyruvate; species X is 
2-phospho-∂-[1-12C]glycerate; species XA is 2-phos-
pho-∂-[1-14C]glycerate; and reactant AA is phospho-
[1-14C]enolpyruvate. In reverse, reactant A is 2-phos-
pho-∂-[1-14C]glycerate; species X is phospho[1-14C]-
enolpyruvate; species XA is phospho[1-12C]enolpyru-
vate; and reactant AA is 2-phospho-∂-[1-12C]glycerate. 
Species Ei is simply the empty active site from 
which the respective substrates have dissociated. 
Because species X is product Z and species XA is 
product ZA, there is neither product Z nor product ZA, 
and the reaction is confined to the left half and cen-
tral vertical step of Equation 5-260. Species X must 
dissociate from the active site and be replaced by 
species XA associating with the active site from solu-
tion. 
 In the forward direction, E1 is the form of the 
enzyme that associates with reactant A, the reactant 
in which the isotopic exchange occurs or the reactant 
that is transformed into the intermediate in which 
the isotopic exchange occurs. In the reverse direction 
after the switching of the isotopes has occurred, E1 
is also the form of the enzyme from which the isotop-
ically exchanged reactant AA has just dissociated. 
The form of the enzyme Ei(X) is the one in which 
species X has just been formed. The form of the 
enzyme Ei(XA) is the one with which species XA either 
has just associated after species X has dissociated 
or in which species XA has just switched places with 
species XA if species XA is already in the active site. 
The rate constant k1i in Equation 5-260 is the forward 
composite rate constant for all steps between the two 
forms of the enzyme, E1 and Ei(X). The rate constant 
k-1i is the backward composite rate constant for all 
steps between the two forms of the enzyme, Ei(X) 
and E1, from which reactant A dissociates. The rate 
constants kA1i and kA-1i are similar to the rate constants 
just described, but they occur between the form of 
the enzyme E1 and the complex Ei(XA). The primes 
indicate that these two rate constants may be differ-
ent from the rate constants k1i and k-1i, respectively, 
because of the isotopic substitution. 
 The rate constant ki1 in Equation 5-260 is the 
forward composite rate constant for all steps between 
the two forms of the enzyme, Ei(X) and E1, with which 
reactant A associates in the next round of catalysis. 
This composite rate constant includes the steps 
between Ei(X) and the form of the enzyme from 
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which product Z dissociates and the steps between 
the form of the enzyme from which product Z disso-
ciates and E1. The steps in the latter sequence of 
steps may include dissociation of another product 
to clear the active site, a conformational change in 
the unoccupied enzyme to prepare it for association 
of reactant A, or association of another reactant 
that must precede association of reactant A, or two 
or all three of these transformations. The term k-i1 
is the backward composite rate constant for all 
steps in the mechanism between the two forms of 
the enzyme, E1 and Ei(X). This composite rate constant 
includes the steps between E1 and the form of the 
enzyme with which product Z associates and the 
steps between the form of the enzyme with which 
product Z associates and Ei(X). The steps in the 
former sequence may include dissociation of another 
reactant that clears the active site, a conformational 
change in the enzyme to prepare it for association 
of product Z, or association of another product that 
must precede association of product Z, or two or all 
three of these transformations. Again, the rate con-
stants kAi1 and kA-i1 are similar to the rate constants 
just described, but they occur between the complex 
of the enzyme with species XA and the form of the 
enzyme with which reactant A associates.  
 The rate constant kex is the rate constant for 
replacement of species X by species XA. It is usually 
a composite rate constant as well. Even in cases 
where species XA is already in the active site and 
simply switches places with species X so that kex is 
a first-order rate constant, there are probably several 
steps in this switching of places, each with its own 
intrinsic forward and reverse rate constants. In sit-
uations in which species X must dissociate into the 
solution from the active site and species XA must 
then associate with the active site, the rate constant 
kex is a composite rate constant that includes the 
intrinsic rate constants for dissociations and asso-
ciations of both species X and XA. The rate constant 
k-ex is the composite rate constant for the reverse 
reaction. 
 The initial rate for any particular isotopic ex-
change (v0,ie) can be defined by the equation 

              (5-261) 

where d[QA]/dt is the initial rate at which the other 
isotope, replacing the initial isotope, appears in the 
molecule Q into which it is being exchanged and 
which is registering the isotopic exchange. Mole-

cule Q can be either a reactant, reactant A, or a 
product, species X or product Z. For example, the 
initial rate for isotopic exchange could be the initial 
rate at which [5-2H]urocanate, reactant AA, is pro-
duced in the hydrogen isotopic exchange at initial 
rate catalyzed by urocanate hydratase (Figure 5-15) 
before the rate at which this [5-2H]urocanate is 
converted into 3-(5-oxo-4,5-dihydro-3H-imidazol-
4-yl)propanoate, product Z, is sufficient to decrease 
the rate at which [5-2H]urocanate is formed. The 
initial rate for isotopic exchange could also be the 
initial rate at which carbon-14 appears in phospho-
enolpyruvate in the isotopic exchange catalyzed by 
phosphopyruvate hydratase before enough of this 
phospho-[1-14C]enolpyruvate, reactant AA, has accu-
mulated that it is converted back to 2-phospho-
∂-[1-14C]glycerate, species X, at a rate sufficient to 
begin to decrease the rate at which 2-phospho-
∂-[1-14C]glycerate is converted to phospho-
[1-14C]enolpyruvate. The initial rate for isotopic 
exchange could also be the initial rate at which 
[16O7]citrate, product ZA, appears before [16O7]citrate 
produced by the reassociation of [1-18O]citrate, 
product Z, with the active site of citrate (Si)-synthase 
and the reversal of its hydrolysis begins to increase 
the rate of production of [16O7]citrate. 
 By defining the rate of isotopic exchange as an 
initial rate, the intention is to determine the rate of 
isotopic exchange in the absence of isotopic ex-
change resulting from any back reaction. The conver-
sion of reactant to final product through the steps 
that accomplish the complete, stoichiometric reaction 
catalyzed by the enzyme and the subsequent conver-
sion of that product back to reactant almost always 
produces isotopic exchange, which is uninformative 
and complicates measurement of the informative 
isotopic exchange. In situations in which the com-
plete, stoichiometric reaction is not permitted to 
occur, at isotopic equilibrium for whatever transfor-
mation is occurring, the rate of isotopic exchange, 
by definition, becomes zero. It follows that the initial 
rate constant for a particular isotopic exchange 
provides the most uncomplicated information. 
 The difficulty with measuring the initial rates for 
isotopic exchange, which is seldom encountered with 
measurements of the initial rates for enzymatic reac-
tions because there is no product in the solution to 
begin with, is that accurately measuring the amount 
of isotope incorporated into a molecule already 
present at significant concentration in the solution 
requires that a significant percentage of that molecule 
be converted to the form containing the exchanged 
isotope. If the system, however, is at chemical 

v0,ie  = d [QA ] 

  dt
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equilibrium, even though it is not at isotopic equi-
librium, the incorporation of the other isotope into 
the substrate registering the isotopic exchange can 
be treated as a simple approach to isotopic equi-
librium. The integrated equation for the initial rate 
of isotopic exchange at chemical equilibrium from the 
observed concentrations of the products of isotopic 
exchange measured over the entire course of the 
reaction is838,840 

        (5-262) 

where [A]t and [X]t are the total molar concentrations 
of reactant A and species X, and f is the fraction of 
isotopic exchange achieved at time t relative to the 
level of isotopic exchange achieved at isotopic 
equilibrium. It should be emphasized that Equation 
5-262 is used to determine the numerical value for 
the initial rate from a set of experimental observa-
tions in the absence of any assignment of kinetic 
mechanism.  
 The four isotopic exchanges at equilibrium 
catalyzed by phosphopyruvate hydratase—the 
appearance of phospho[1-14C]enolpyruvate (Equa-
tion 5-215), the appearance of oxygen-18 in 
2-phospho-∂-[3-18O]glycerate (Equation 5-216), 
the appearance of 3H2O (Equation 5-217), and the 
appearance of 2H2O (Equation 5-218)—behaved as 
approaches to equilibrium (Figure 5-19)749 that 
could be fit by Equation 5-262 to obtain the initial 
rate for each isotopic exchange (Table 5-2).749 In 
both of the two latter isotopic exchanges, reactant A 
is 2-phospho-∂-glycerate and species X is a hydron. 
Because the concentration of hydrons was 110 M in 
the solution 

           (5-263) 

In the case of the oxygen isotopic exchange at equi-
librium, the concentration of H2

18O was 0.7 M, so 
Equation 5-263 is approximately correct. 
 It is obvious that for observations of isotopic 
exchange at equilibrium, such as the isotopic ex-
changes observed with phosphopyruvate hydratase, 
the system is at chemical equilibrium because that 
is the design of the experiment. It is also the case, 
however, that in measurements of isotopic exchange 
in the absence of one or more reactants, isotopic 
exchange into an analogue of a substrate, positional  

 

 
 
Figure 5-19: Time courses for isotopic exchange at equilibrium 
of carbon-14, oxygen-18, deuterium, and tritium into and out 
of 2-phospho-∂-glycerate catalyzed by phosphopyruvate hydra-
tase from O. cuniculus.749 The reaction mixture contained 
18 mM 2-phospho-∂-[2-2H]glycerate (97% 2H), 25 mM MgCl2, 
traces of 2-phospho-∂-[1-14C]glycerate and 2-phospho-
∂-[2-3H]glycerate, and 110 mM phosphoenolpyruvate,  pH 6.5, 
in a total volume of 1.5 mL of 1.33 atom % H218O. The reaction 
was initiated by adding 50 mg of phosphopyruvate hydratase. 
At various intervals, samples (50 mL) were removed and 
quenched at 115 ªC for 40 s. Values for the isotopic distributions 
at equilibrium were measured at 18 h. The 2H and 3H exchanged 
into the H2O in each sample were determined by distilling the 
water. The 18O exchanged into 2-phospho-∂-glycerate was 
determined from the residue following distillation of the water. 
Carbon-14 exchanged into phosphoenolpyruvate was deter-
mined by separating the two substrates chromatographically. 
For each isotope, the values at each interval (minutes) are plot-
ted as a percentage of their values at equilibrium (18 h). The 
data were fit to the general equation for isotopic exchange at 
equilibrium,840 rate = {[A][X]/([A] + [X])}{[ln (1 - f )]/t }, where 
"rate" is the rate of the isotopic exchange, [A] and [X] are total 
molar concentrations of each of the two species exchanging 
the isotope, and f is the fraction of isotopic exchange achieved 
at time t. From these fits, the rates (millimolar minute-1) can 
be calculated for each isotopic exchange (Table 5-2). When 
one of the species that is exchanging is H2O, the factor to the 
left of the expression becomes unity. 
 
 
isotopic exchange in the absence of a reactant, and 
intermediate isotopic exchange in the absence of a 
reactant, the various steps in the truncated reaction 
come to equilibrium on the active site almost imme-
diately because in each instance, by design, the 
enzymatic reaction is not progressing to products 
and the time required to reach equilibrium is less 
than the time required to complete one round of 
catalysis. Consequently, in these situations, the system 
is at chemical equilibrium during the entire course 
of its approach to isotopic equilibrium, and Equa-
tion 5-262 can be fit to the incorporation of the 
other isotope as a function of time to determine the 
initial rate of the isotopic exchange. 
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 The isotopic exchanges at equilibrium catalyzed 
by phosphopyruvate hydratase illustrate the use of 
numerical values of the initial rates for isotopic 
exchange, rather than the simple fact that the isotopic 
exchanges occur, to draw a mechanistic conclusion. 
The initial rates for the observed tritium and deu-
terium isotopic exchanges at equilibrium catalyzed 
by phosphopyruvate hydratase were each slower 
than the initial rate for protium isotopic exchange 
would have been because of the respective primary 
kinetic isotope effects, but from the initial rates of 
tritium and deuterium isotopic exchanges, the initial 
rate for protium isotopic exchange 

    
                (5-264) 

could be calculated (previously Equations 4-205 
and 4-199) 

            (5-265) 

       (5-266) 

 The initial rate for hydrogen isotopic exchange 
of a proton for a proton at carbon 2 of 2-phospho-
∂-glycerate was faster than the initial rate for oxygen 
isotopic exchange at carbon 3 of 2-phospho-∂-glyc-
erate (Table 5-2), which was the same as the initial 
rate for carbon isotopic exchange accomplished by 
the forward and then the backward operation of 
the entire reaction. The hydrogen isotopic exchange 
of a proton for a proton (Equation 5-218) at carbon 2 
of 2-phospho-∂-glycerate does not require that a 
proton enter the active site because there are two 
protons already present on the ammonio group of 
Lysine 345 and two protons on the molecule of water 
on the Mg2+ that is in a hydrogen bond with the 
ammonio group. The oxygen isotopic exchange 
(Equation 5-216) may also involve a molecule of 
H2

18O already in the active site, but there seems to be 
only one other molecule of water nearby (Figure 4-43), 
so this isotopic exchange should be slower than a 
hydrogen isotopic exchange that has four protons 
on which to draw. The carbon isotopic exchange must 
incorporate all steps in the hydrogen and oxygen 
isotopic exchanges as well as dissociation of phos-
pho[14C]enolpyruvate, so it is strange that it should 
have the same initial rate as the oxygen isotopic 
exchange. The fact that the initial rate for oxygen 
isotopic exchange is the same as that for carbon 
isotopic exchange, however, would be consistent 
with steps in these two isotopic exchanges following 
a common rate-limiting step that obscures any dif-
ference in their respective isotopic exchanges. This 
rate-limiting step should be removal of the hydron 
from carbon, which is the most difficult chemical 
step in the reaction. 
 Both hydrogen and oxygen isotopic exchanges 
at equilibrium in the reaction catalyzed by phos-
phopyruvate hydratase start with association of 
2-phosphoglycerate. Consequently, the fact that 
the initial rate for hydrogen isotopic exchange on 
carbon 2 of 2-phospho-∂-glycerate at equilibrium 
was greater than the initial rate for oxygen isotopic 
exchange on carbon 3 at equilibrium was originally 
presented as evidence that the hydron is removed by 
a catalytic base in the active site from 2-phospho-
∂-glycerate before the hydroxy group dissociates as 
a molecule of water and that there is a gem-enediolate 
as an intermediate in the reaction.749 This conclu-
sion, drawn from the relative initial rates for the 
isotopic exchanges, although chemically reasonable, 
was based on the assumption that the isotopic ex-
changes at each step in the enzymatic reaction would 
be so rapid that they would be complete before the 
next step commenced. 

Table 5-2: Rates of Equilibrium Isotopic 
Exchange for Phosphopyruvate Hydratase74 9  

isotopic equilibriuma observed 
initial rateb 

(mM min-1 ) 

relative 
rate  

[1 4 C]PGA 1 [1 4 C]PEP 0 .6 8  1 .0  

[1 8 O]H2 O 1 [1 8 O]PGA 0 .71  1 .1  

[3 H]PGA 1 [3 H]H2 O 0 .3 4  0 .5  

[2 H]PGA 1 [2 H]H2 O 0 .6 2  0 .8  

[1 H]PGA 1 [1 H]H2 O  6 .2 c 

a2 -Phospho-∂-glycerate is abbreviated as PGA, and phospho-
enolpyruvate is abbreviated as PEP. bReaction conditions 
and measurements are given in the legend for Figure 5 -1 9 . 
cEstimated from exchange rates for 2 H and 3 H. 

2-phospho-∂-[2-1H]glycerate  +  1H2O  1
                    1H2O  +  2-phospho-∂-[2-1H]glycerate

Tk i  ?             =                    =  Dk i 
1.44

k i H

k i T

k i H   
1.44(k i D 
)

Dk B  ?             =  
k BH

k BD

Dki  +  c f  +  c r ( 
DK eqi )
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 This assumption seems to be too wishful. The rate 
of exchange (governed by the rate constant kex in 
Equation 5-260) of one isotope of a hydron for another 
isotope of a hydron should be greater than the initial 
rate for one isotope of oxygen for another isotope 
of oxygen if there are four hydrons to draw upon 
but only one molecule of water. Consequently, it 
seems reasonable that if the water were to leave 
before the hydron in the enzymatic reaction, oxygen 
isotopic exchange of H2

16O for H2
18O could still be 

slower than hydrogen isotopic exchange of a proton 
for the proton that is removed from the substrate or 
an intermediate in the reaction and exchanged for 
another hydron. Furthermore, the exchange of a 
fixed molecule of water, almost always pinned 
down by four hydrogen bonds, should be slower 
intrinsically than the exchange of a hydron. In this 
instance, however, hydrogen isotopic exchange is con-
siderably more rapid than oxygen isotopic exchange, 
a fact in favor of removal of the hydron preceding 
dissociation of the hydroxy group. 
 Nevertheless, this particular ambiguity is an 
example of the fact that, unlike simple observation 
of the existence of isotopic exchange in the absence 
of one or more reactants or into an analogue of a 
reactant, both of which are not based on any reference 
to initial rates, the relative initial rates for isotopic 
exchange do not provide unambiguous information 
for the identification of intermediates in an enzymatic 
reaction. The ambiguity arises from the details of 
the exchange of species X¢ for species X. If species X¢ 
is a hydron or molecule of water within the active 
site, its exchange for species X may be slower than 
the rates of the steps that convert intermediates into 
subsequent intermediates or into the product within 
the active site. If species X is a product in the stoichi-
ometric reaction other than a hydron or molecule 
of water, so that it must dissociate from the active 
site and a molecule of species X¢ must associate 
with the active site before isotopic exchange can 
occur, and if species X remains in the active site and 
only dissociates from the active site after product Z, 
then an isotopic exchange in which species X is a 
participant will be less rapid than an isotopic exchange 
in which product Z participates, even though species X 
is formed in a chemical step in the active site before 
the chemical step forming product Z occurs. 
 So far the kinetics of situations in which the 
system is at chemical equilibrium while measure-
ments of the initial rate for the isotopic exchange 
are made have been examined. In contrast, for 
measurements of isotopic exchange at initial rate, 
positional isotopic exchange at initial rate, and inter-

mediate isotopic exchange at initial rate, the system 
is not at chemical equilibrium, and the chemical 
concentrations of substrates and intermediates are 
constantly changing. This constant change makes 
determination of the initial rate for isotopic exchange 
more difficult. In such situations, the percentage of 
isotopic exchange at a particular time relative to 
the percentage at complete equilibration of isotope 
can be plotted as a function of the percentage of 
conversion of reactant into product relative to the 
concentration of product at complete chemical 
equilibration. The data on such a plot can then be 
fit to equations derived from the universal kinetic 
mechanism.839,841 These equations are complex 
and their form depends on the particular situation, 
so there is no common equation for all situations. 
Fitting the data to the appropriate equation for the 
particular set of measurements, however, can provide 
the initial rate for isotopic exchange. When the sys-
tem is in neither isotopic equilibrium nor chemical 
equilibrium, the fit to the data also provides infor-
mation about the partition of an intermediate back 
into reactant and forward into product. 
 Hydrogen isotopic exchange at initial rate for 
tritons from 3H2O onto carbon 2 of ∂-[2-1H]alanine 
is observed during the conversion of ∂-[2-1H]alanine 
to ¬-[2-3H]alanine catalyzed by alanine racemase 
(previously Equation 4-345) 

        (5-267) 

 of G. stearothermophilus. The intermediate in the 
reaction is quinonoid 5-161 (see Equation 2-4) 

 
                (5-268) 

The catalytic acid, (+)OH, that normally hydronates 
quinonoid intermediate 5-161 to give the product 
¬-alanine is the 4-hydroxyphenyl group of Tyrosine 
265, which should be completely tritonated 
throughout the reaction, so the product of the reaction 
is exclusively ¬-[2-3H]alanine. The catalytic base, ”N(-), 
that normally removes the hydron from ∂-alanine 
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to give quinonoid intermediate 5-161 is the 6-amino 
group of Lysine 39,842 which is also ditritonated. 
Consequently, the reactant at early intervals, before 
the back reaction is significant, is a mixture of the 
original ∂-[2-1H]alanine and the exchanged 
∂-[2-3H]alanine. The 6-amino group of Lysine 39 
that is responsible for the hydrogen isotopic ex-
change participates in a cluster of hydrogen bonds 
involving an oxygen from the carboxy group of an 
aspartate, a molecule of water, an oxygen in the 
carboxy group and the imino nitrogen in quinonoid 
intermediate 5-161, and a nitrogen in the guani-
dinio group of an arginine. This cluster contains 
five hydrogen bonds and therefore at least five 
tritons, more than enough to exchange with the 
proton removed from ∂-[2-1H]alanine by the 
6-amino group of Lysine 39 without having to go 
outside the active site. The 4-hydroxyphenyl group 
of Tyrosine 265 that removes the hydron from the 
a carbon of the external pyridoximine of ¬-alanine is 
the donor to a cluster of three molecules of water,842 
which provide ample hydrons for hydrogen isotopic 
exchange into ¬-alanine that was observed when 
¬-[2-1H]alanine rather than ∂-[2-1H]alanine was 
chosen as the reactant. 
 The percentages of hydrogen isotopic exchange 
relative to complete isotopic equilibration were plot-
ted as a function of the percentage of conversion of 
reactant into product relative to the concentration 
of product at complete chemical equilibration to 
determine the initial rates for the hydrogen isotopic 
exchanges. The initial rate for hydrogen isotopic 
exchange of tritium into the initial ∂-[2-1H]alanine 
derived from fitting the data is 0.5 times the initial 
rate for its conversion to ¬-[2-3H]alanine. For the 
reaction in reverse (Equations 5-267 and 5-268), 
the extrapolated initial rate for hydrogen isotopic 
exchange of tritium into the initial ¬-[2-1H]alanine 
is 0.33 times the initial rate for its conversion to 
∂-[2-3H]alanine.841 These results, along with steady-
state rate constants and kinetic isotope effects, 
could be used to calculate that under normal circum-
stances, when no tritium is present in the solvent, 
the initial rate at which quinonoid intermediate 5-161 
is converted to ∂-alanine free in solution is twice 
the initial rate at which quinonoid intermediate 5-161 
is converted to ¬-alanine free in solution.* 
 As was the case with alanine racemase, the initial 
rate for an isotopic exchange, when combined with 
                                     
*These rates do not violate the requirement that the equilibrium 
constant for the reaction must be 1. The rates of formation of 
the quinonoid intermediate from the two enantiomers differ 
by the correct amount to satisfy the Haldane relation. 

other kinetic observations, can provide rate con-
stants for the steps in the kinetic mechanism of an 
enzymatic reaction. For example, the initial rate for 
positional oxygen isotopic exchange of the bridging 
oxygen in MgATP2- (Equation 5-209) in the absence 
and presence of the other two reactants, coenzyme A 
and citrate; the rate at which the covalent phosphory-
lated intermediate of the enzyme is formed as a 
function of the concentration of MgATP2-; the catalytic 
constant; and the two specificity constants from 
steady-state kinetics could be used to provide experi-
mentally observed parameters within the necessary 
simultaneous equations. From these equations, the 
rate constants, both forward and reverse, and 
hence the equilibrium constants for each step in 
the kinetic mechanism proposed for the reaction 
catalyzed by human ATP citrate synthase 

 
                (5-269) 

could be calculated.843 Such calculations, however, 
are valid only if the kinetic mechanism proposed 
for the reaction is correct. Usually, however, if the 
proposed mechanism is not correct but only in-
complete, then the calculated rate constants are 
composite rate constants that combine steps that 
occur but do not appear in the proposed kinetic 
mechanism. 
 
 If measurements are confined to the relative 
initial rates for individual isotopic exchanges into 
stoichiometric substrates in the enzymatic reaction 
that are neither hydrogen nor oxygen isotopic 
exchanges, then isotopic exchange at equilibrium 
can provide information about the sequence in 
which reactants associate and products dissociate 
rather than information about the order of the 
chemical transformations that occur within the 
active site and the existence of particular interme-
diates. Such determinations provide information 
about a kinetic mechanism rather than a chemical 
mechanism. Isotopic exchanges in which neither a 
molecule of water nor a hydron carries the isotope 
exchanged always require that a stoichiometric reac-
tant participating in the isotopic exchange must 
associate with the active site and be chemically 
converted to a stoichiometric product, and this 
product must dissociate into the solution before 
the same product with a different isotope, participat-
ing in the isotopic exchange in the other direction, 

MgATP 
2– +  citrate  +  HSCoA  1

MgADP 
– +  HOPO3

2– +  acetyl-SCoA  +  oxaloacetate
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takes the place of the just-dissociated product in 
the active site. Following its association, this iso-
topically different product must be chemically 
transformed into the original reactant, albeit with a 
different isotopic signature, and that reactant must 
dissociate from the active site for the isotopic ex-
change to be accomplished. 
 Glutamine synthetase (previously Equation 4-453) 

  
                (5-270) 

catalyzes a reaction with three reactants and three 
products. On the basis of other evidence,763,844,845 
including positional isotopic exchange (Equation 
5-209),762 it has been concluded that the central 
intermediate in the reaction is ¬-g-glutamyl phos-
phate (Equation 5-210). Formation of ¬-g-glutamyl 
phosphate should require only ¬-glutamate and 
MgATP2-. In the simplest situation, MgATP2-, 
should reversibly phosphorylate an oxygen in the 
g-carboxy group of ¬-glutamate in the absence of 
ammonium ion; yet, in the presence of ¬-glutamate 
but in the absence of ammonium ion, no carbon 
isotopic exchange (<0.01% that seen in the presence 
of ammonium ion) between MgATP2- and MgADP- 

   
                (5-271) 

was observed with the enzyme from E. coli.846 This 
isotopic exchange would result from formation of a 
ternary complex of ¬-g-glutamyl phosphate 
(GluOPO3

2-), Mg[12C]ADP-, and enzyme from 
Mg[12C]ATP2- and ¬-glutamate (Glu-) 

   
                (5-272) 

dissociation of the Mg[12C]ADP- formed 

    
                (5-273) 

association of Mg[14C]ADP- with the complex of 
enzyme and glutamyl phosphate, formation of 
Mg[14C]ATP2- and ¬-glutamate in the active site, and 
dissociation of Mg[14C]ATP2- from the active site 

   
                (5-274) 

 The explanation for why no carbon isotopic 
exchange (Equation 5-271) occurs in the absence of 
ammonium while positional oxygen isotopic exchange 
(Equation 5-209) is observed is that, in the absence 
of ammonium ion, Mg[12C]ADP- cannot dissociate 
from the active site, which is a requirement for the 
carbon isotopic exchange to occur (Equation 5-273). 
The reason Mg[12C]ADP- cannot dissociate is that 
the active site closes around MgATP2-, ¬-glutamate, 
MgADP-, and ¬-g-glutamyl phosphate, preventing 
MgADP– from dissociating and exposing ¬-g-glutamyl 
phosphate to hydrolysis.763,845 When equilibrium 
concentrations of all six substrates are present, 
however, MgATP–MgADP carbon isotopic exchange 
at equilibrium (Equation 5-271) is observed. Because 
this isotopic exchange does not occur in the absence 
of ammonium ion, it must result from reversal of 
the complete reaction at equilibrium. 
 The initial rates for several of the isotopic ex-
changes at equilibrium observed with glutamine 
synthetase from E. coli are contrary to expectation. 
They present an even clearer example of the danger 
of attempting to correlate relative initial rates for 
isotopic exchange with the sequence in which cova-
lent bonds are formed or broken within the active 
site. The initial rate for the carbon isotopic exchange 
between ¬-glutamate and ¬-glutamine 

   
                (5-275) 

at equilibrium is 3.6-fold greater than the initial rate 
for the carbon isotopic exchange between MgATP2– 
and MgADP- at equilibrium (Equation 5-271).846 
The carbon isotopic exchange between ¬-glutamate 
and ¬-glutamine must represent the sum of all 
chemical steps in the reaction in which bonds are 
formed and broken because, once ¬-glutamate has 
been converted to ¬-glutamine, all chemical steps 
have been accomplished. Because ¬-g-glutamyl phos-
phate is the intermediate in the enzymatic reaction, 
MgADP- must be formed in a step in the overall 

¬-glutamate  +  NH4
+  +  MgATP 

2–  1
                MgADP 

–   +  H2OPO3
–  +  ¬-glutamine

Mg[12C]ATP 
2–  +  Mg[14C]ADP 

–   1
                            Mg[12C]ADP 

–  +  Mg[14C]ATP 
2–

E  +  Glu–  +  Mg[12C]ATP 
2–  1

                                            E·GluOPO3
2–·Mg[12C]ADP 

–

E·GluOPO3
2–·Mg[12C]ADP 

–  1
                                  E·GluOPO3

2–  +  Mg[12C]ADP 
–

E·GluOPO3
2–  +  Mg[14C]ADP 

–  1
                                            E  +  Glu–  +  Mg[14C]ATP 

2–

¬-[14 C]glutamate  +  ¬-[12 C]glutamine  1
                      ¬-[14 C]glutamine  +  ¬-[12 C]glutamate
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enzymatic reaction that precedes the step in which 
¬-glutamine is formed, yet the magnitudes of the 
initial rates for the isotopic exchanges were in the 
opposite relation. Even the initial rate for the nitrogen 
isotopic exchange 

    
                (5-276) 

at equilibrium, which requires that phosphate ion, 
a poor nucleophile, engage in a nucleophilic substi-
tution for ammonia, a poor leaving group, at the 
g-carboxy group of the ¬-glutamyl group was 
2.1-fold greater than the initial rate for the MgATP–
MgADP isotopic exchange at equilibrium, which 
only requires that MgATP2- be able to phosphory-
late a carboxylato group and then MgADP- be 
rephosphorylated by the resulting acyl phosphate 
in an almost isoergonic nucleophilic substitution at 
phosphorus. Clearly the relative initial rates for the 
various isotopic exchanges provide no information 
about the intermediate in the enzymatic reaction. 
 The ultimate product MgADP- must be formed 
within the active site of glutamine synthetase before 
¬-glutamine is formed in the direction written (Equa-
tion 5-270). Nonetheless, at equilibrium, the initial 
rates for glutamate–glutamine carbon isotopic 
exchange (Equation 5-275) and ammonium–
glutamine nitrogen isotopic exchange (Equation 
5-276) are more rapid than the initial rate for 
MgATP–MgADP carbon isotopic exchange (Equa-
tion 5-271). This fact means that either MgATP2– is 
slower to dissociate from the enzyme than ¬-glutamate 
and ammonia in the reverse direction or MgADP- is 
slower to dissociate than ¬-glutamine in the forward 
direction or both of these requirements apply or 
MgATP2- is required to associate with the active site 
before ¬-glutamate and ammonium can associate 
or ¬-glutamine must dissociate from the active site 
before MgADP- can dissociate or both of these 
requirements apply. In other words, associations 
and dissociations have a preferential order or they 
have a required order. 
 Consequently, these relative initial rates, although 
they fail to provide reliable information about the 
intermediate in the enzymatic reaction, provide 
supporting evidence for the conclusion, drawn from 
steady-state kinetic measurements in the forward 
direction of the enzymatic reaction (Equation 5-270), 
that association of reactants is ordered, and MgATP2– 
is the first reactant to add, ¬-glutamate the second, 

and ammonia the third.845,847 It follows that 
MgADP- should be the last product to dissociate 
and ¬-glutamine the penultimate product to disso-
ciate. If all these orders of association and dissociation 
are those followed by the enzymatic reaction, the 
MgATP–MgADP isotopic exchange at equilibrium 
would have to be the isotopic exchange accom-
plished by the entire enzymatic reaction in one direc-
tion and then the entire enzymatic reaction in the 
other while the glutamate–glutamine and nitrogen 
isotopic exchanges would be accomplished by 
shorter sequences of interior steps of associations 
and dissociations of ¬-glutamate, ¬-glutamine, and 
ammonia. Consequently, at the very least, isotopic 
exchanges at equilibrium provide evidence consistent 
with a preferential order for association of reactants 
and a preferential order for dissociation of products 
in the enzymatic reaction. 
 As already discussed, however, there is a distinc-
tion between a situation in which reactants associate 
with, and products dissociate from, an active site in 
a preferential order because the rate of association 
of one reactant is simply greater than that of the 
other at all concentrations of reactants examined or 
the rate of dissociation of one product is greater than 
the rate of dissociation of another, and a situation 
in which reactants are required to add to, or products 
are required to dissociate from, the active site in an 
obligatory order. For example, a second reactant 
may not be able to associate with the active site until 
the first reactant does because the first reactant 
forms a portion of the site with which the second 
associates or induces a conformational change in 
the active site required to create the site with which 
the second reactant associates. In either case, the 
site for the second reactant does not exist until the 
first reactant associates. Another example would be 
a situation in which a second product cannot disso-
ciate from the active site until the first product 
dissociates because the first product is bound in 
the active site between the second product and the 
solution and sterically prevents the second from 
dissociating or dissociation of the first induces a 
conformational change required to occur before 
the second product can dissociate. 
 Isotopic exchange at equilibrium can be used 
to draw a distinction between a preferential order, 
resulting from a simple difference in the rates of 
association with and dissociation from the active 
site, and an obligatory order in which one substrate 
must associate before its cosubstrate can and that 
same substrate must dissociate only after its cosub-
strate has dissociated.838,848 The following distinctions 

¬-[14 N]glutamine  +  [15 N]NH4
+  1

                              [14 N]NH4
+  +  ¬-[15 N]glutamine
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are one of the few ways to assess the difference 
between obligation and preference. 
 Suppose that substrates A and Z must associate 
with the active site before the active site is capable of 
associating with their respective cosubstrates, B and Y, 
and that substrates B and Y must dissociate from 
the active site before their respective cosubstrates, 
A and Z, can gain access to the solution and disso-
ciate 

   
                (5-277) 

Suppose also that one isotopic exchange at equilib-
rium can be measured between substrates B and Y, 
the proximal pair, and another isotopic exchange at 
equilibrium can be measured between substrates A 
and Z, the distal pair. When the absolute equilibri-
um concentrations of all substrates are raised in 
concert, the distal isotopic exchange between A and Z 
will increase, reach a maximum, and decrease to 
zero because the concentrations of E·A and E·Z, 
from which the respective substrates must dissociate 
for the distal isotopic exchange to occur, will begin 
to decrease and approach zero as the concentra-
tions of B and Y are increased and the complexes 
E·A·B and E·Z·Y come to account for almost all the 
enzyme in the solution. The proximal isotopic ex-
change at equilibrium between B and Y, however, 
will increase and approach a maximum asymptoti-
cally because substrate B will always be able to disso-
ciate from the complex E·A·B and substrate Y will 
always be able to dissociate from the complex E·Z·Y. 
The rates of these two dissociations are not influenced 
by the concentrations of substrates. In addition, re-
formation of complex E·A·B following dissociation 
of substrate B and re-formation of complex E·Z·Y 
following dissociation of substrate Y will be almost 
immediate because there are high concentrations 
of substrates B and Y to capture the complexes E·A 
and E·Z immediately after the respective dissociations 
and before substrates A and Z, respectively, are able 
to dissociate. 
 If there is no obligate order and substrates can 
associate at random 

   
                (5-278) 

All isotopic exchanges will increase and approach a 
maximum asymptotically, even though the rates of 
association and dissociation for one substrate are 
such that it almost always associates with the active 
site before its cosubstrate can and, because it binds 
more tightly, dissociates less readily than its cosub-
strate. In this instance, there will be a preferential 
order in which substrates associate with and disso-
ciate from the enzyme. Complexes E·A and E·B are 
not distinguished from each other by the order in 
which substrates A and B are required to associate 
with and dissociate from complex E·A·B. In addition, 
complexes E·Z and E·Y are also not distinguished 
from each other by the order in which substrates Z 
and Y are required to associate with and dissociate 
from complex E·Z·Y. 
 Because glutamate–glutamine carbon isotopic 
exchange (Equation 5-275) is catalyzed by glutamine 
synthetase (Equation 5-270) more rapidly than 
MgATP–MgADP carbon isotopic exchange (Equa-
tion 5-271), it was possible that there might be an 
obligatory order in which substrates must associate 
with and dissociate from the active site. Other kinetic 
observations847 and crystallographic observations845 
were also consistent with an obligate order of addi-
tion for substrates MgATP2- and ¬-glutamate, the 
former preceding the latter, and an obligate order for 
association of substrates MgADP- and ¬-glutamine, 
the former preceding the latter. Both isotopic ex-
changes at equilibrium, however, increased and 
approached their respective maxima asymptotically 
when the concentrations of substrates were increased 
in concert for both glutamine synthetase from 
E. coli846 and ovine glutamine synthetase.849 It follows 
that either substrate, MgATP2- or ¬-glutamate, or 
either substrate, MgADP- or ¬-glutamine, may asso-
ciate with and dissociate from the active site first. 
The microscopic rate constants for associations and 
dissociations of the nucleotides, however, are such 
that they usually associate first with the empty active 
site and usually dissociate last from a fully occupied 
active site, but they are not required to do so. 

E  +  A  +  B  1  E·A  +  B  1  E·A·B  1

                                             E·Z·Y  1  E·Z  +  Y  1  E  +  Y  +  Z

k 1

k –1

k 2

k –2

k 3

k –3
k 4

k –4

k 5

k –5

E  +  A  +  B           E·A·B  1  E·Z·Y           E  +  Y  +  Z

E·A  +  B

E·B  +  A

1 1

k1                   k 2

11
k –1    k –2

k –4                  k –5

k4      k 5

E·Z  +  Y

E·Y  +  Z

1 1

k 6                   k 7

11
k –6    k –7

k –8                  k –9

k8      k 9

k 3
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 Similar results were observed with isotopic 
exchanges at equilibrium catalyzed by bovine keto-
hexokinase850 

    
                (5-279) 

Although the initial rate for MgATP–MgADP carbon 
isotopic exchange 

     
                (5-280) 

at equilibrium is 4 times greater at saturation than 
the initial rate for fructose–fructose phosphate carbon 
isotopic exchange 

     
                (5-281) 

at equilibrium, the initial rates for both carbon isotopic 
exchanges at equilibrium approach their respective 
maxima asymptotically as concentrations of reactants 
and products are increased. Therefore, any of the 
four reactants can associate first and any of the four 
products can dissociate first, but the microscopic 
rate constants for associations or dissociations of 
the nucleotides are such that they usually associate 
after instead of before, and dissociate before instead 
of after, the monosaccharides. 
 In the case of diphosphate—fructose-6-phos-
phate 1-phosphotransferase from P. freudenreichii 

    
                (5-282) 

the initial rates for three isotopic exchanges at equilib-
rium—carbon isotopic exchange for ∂-[U-14C]fructose 
1,6-bisphosphate with ∂-[U-12C]fructose 1-phosphate, 
phosphorus isotopic exchange for [32P]phosphate 
with magnesium [31P]diphosphate, and phosphorus 
isotopic exchange for magnesium [32P]diphosphate 
with ∂-fructose [1,6-31P2]bisphosphate—increased 
in concert when each concentration of the four 
possible substrate pairs—diphosphate and phos-

phate, magnesium diphosphate and ∂-fructose 
1,6-bisphosphate, ∂-fructose 6-phosphate and 
phosphate, and ∂-fructose 6-phosphate and 
∂-fructose 1,6-bisphosphate—were increased.* The 
initial rates for each of the three isotopic exchanges 
reached the same limiting rate at saturation with 
all substrates.851 These results are evidence consis-
tent with a kinetic mechanism in which substrates 
associate with and dissociate from the active site at 
random. 
 
 Intramolecular isotopic transfer is sometimes 
observed in enzymatic reactions. For example, in 
the reaction catalyzed by steroid D-isomerase 

                (5-283) 

from C. testosteroni in 2H2O with the reactant androst-
5-ene-3,17-dione, only a small amount of deuterium 
(6-9%) is incorporated into the product androst-
4-ene-3,17-dione.852 Because the enzyme was initially 
dissolved in 2H2O and all the hydrons on any possible 
catalytic acid were immediately exchanged for deu-
terons before the reaction was initiated, the only 
source of protons in this instance is androst-5-ene-
3,17-dione itself. Because only the hydron on carbon 4 
is removed from androst-5-ene-3,17-dione, this 
observation requires that the hydron be intramolecu-
larly transferred between carbons 4 and 6 during 
the enzymatic reaction. When the reaction is cata-
lyzed by the enzyme in 1H2O with the reactant 
[4,4-2H2]androst-5-ene-3,17-dione, a deuterium on 
carbon 4 is transferred intramolecularly to carbon 6 
of the steroid that is a reactant with little isotopic 
exchange.853 Aspartate 38 in the active site of the 
enzyme performs this intramolecular transfer of a 
deuteron or hydron, respectively.854 The carboxy 
                                     
*Recall that in the equilibrium constant for the reaction, these 
four pairs appear as quotients, so increasing them in concert 
does not affect the equilibrium. 
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group of an aspartate can carry only one hydron at 
a time, and all that is needed to perform the intra-
molecular transfer from one carbon to the other is 
for the carboxy group of Aspartate 38 to rotate around 
the b carbon–g carbon bond since removal of the 
hydron from carbon 4 of androst-5-ene-3,17-dione 
and its addition to carbon 6 occurs on the same 
face of the steroid.853 The carboxy group must, 
however, also be isolated from hydrons on other 
acid–bases in the active site that could participate 
in exchange of its hydron before it has a chance to 
hydronate carbon 6 of the steroid, which must be 
relatively slow because it is a hydronation of carbon. 
 In the reaction catalyzed by glutaryl-CoA dehy-
drogenase (ETF) from P. fluorescens  

 
                  (5-284) 

where pant is a pantetheinyl group, there is no incor-
poration (<0.5%) of tritium into (E)-but-2-enoyl-
pantetheine when glutarylpantetheine is oxidized 
and decarboxylated by the enzyme in 3H2O and no 
hydrogen isotopic exchange of protium with tritium 
at carbon 2 of the unreacted glutarylpantetheine.785 
The former result requires that the hydron removed 
from carbon 2 of glutarylpantetheine by a catalytic 
base be transferred without hydrogen isotopic 
exchange to carbon 4 because the formal protide 
ion removed by the prosthetic flavin from carbon 3 
does undergo hydrogen isotopic exchange with tritons 
and therefore cannot be the source of the protium 
at carbon 4 in the product. The hydron is transferred 
between carbons 2 and 4 by the catalytic carboxy 
group of a glutamate that is located in the active site 
immediately adjacent to carbons 2 and 4 of glutaryl-
pantetheine (Equation 5-227).249 Again, all that is 
required for intramolecular isotopic transfer is for 
the carboxy group of the glutamate to be isolated 
from other hydrons and to rotate around its 
g carbon–d carbon bond. 
 The fact that there is no incorporation of tritium 
from 3H2O is consistent with a requirement that no 
hydrogen isotopic exchange of a proton on the 
carboxy group of glutamate occur with a triton. 
Human glutaryl-CoA dehydrogenase (decarboxylat-
ing), however, which is closely related (57% identity; 

0.5 gap percent), does catalyze hydrogen isotopic 
exchange of protium for deuterium at both carbon 4 
of (E)-but-2-enoyl-SCoA (kex = 10 s-1) and carbon 2 
of glutaryl-SCoA in 2H2O.855 In this enzyme with 
these substrates, the hydron on the carboxy group of 
the homologous glutamate must be able to exchange 
(kex > 10 s-1) with deuterons, either on other acid–
bases in the active site or in the solvent. The side 
chains of the amino acids surrounding the carboxy 
group of the glutamate responsible for dehydronation 
and hydronation of carbons 2 and 4 in the human 
enzyme are all hydrophobic,249 two leucines and a 
valine, but the same side chains are present at the 
homologous positions in the enzyme from P. fluo-
rescens, so there is no obvious molecular explanation 
for the difference in isotopic exchange between 
these two species of the enzyme. 
 The addition–elimination catalyzed by aconitate 
D-isomerase could have proceeded either of two 
ways856 

  
                (5-285) 

where the reactant is cis-aconitate and the product is 
trans-aconitate. The lower path would be through a 
carbenium ion as an intermediate and the upper 
through an enolate. The carbocation is not so 
appealing because the hydron would have to add 
to a carbon next to the electropositive carbon of a 
carboxy group and the resulting carbenium ion 
would also be forced to reside next to a carboxy 
group. The enolate is the more appealing possibility 
because it spreads the negative charge over seven 
atoms in its highest occupied p molecular orbital with 
lobes over the two electropositive oxygens at its two 
ends. 
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 Because, in the complete reaction, a hydron is 
added to carbon 2 and a hydron is removed from 
carbon 4, the issue again is the timing. It was ob-
served856 that during the enzymatic isomerization 
of cis-[4S-3H2]aconitate in 2H2O, the pro-S tritium 
was removed from carbon 4 of the reactant and a 
fraction of that tritium (44%) was transferred to 
carbon 2. The tritium or deuterium added to carbon 2 
occupied the S position in the product. All these 
observations are consistent with removal of a hydron 
from carbon 4 of the reactant by a base, its transfer 
across that same face of the intermediate by the 
base, and its subsequent addition to carbon 2 from 
that same face. Consequently, the intermediate should 
be the more appealing enolate (Equation 5-285). 
 Aspartate 4-decarboxylase uses a prosthetic 
pyridoxal 5A-phosphate to catalyze the reaction 

     (5-286) 

the replacement of carbon dioxide by a hydron. 
Occasionally (0.05% of the time) the enzyme from 
Alcaligenes faecalis fails to complete the normal 
reaction and the following side reaction occurs 

   
                (5-287) 

In the abortive reaction, the prosthetic group has 
become a substrate. When ¬-[2-3H]aspartate is 
used as a reactant, a significant amount of tritium 
(equivalent to 17% intramolecular transfer)857 is 
found at carbon 4A of the pyridoxamine phosphate 
formed as a result of abortive Equation 5-287. The 
existence of this intramolecular isotopic transfer 
suggests that the same base that removes the 
a-hydron from the external succinyl pyridoximine 
hydronates the 4¢-carbon of pyridoxal phosphate to 
form N-pyridoxylimine 5-164, which would be 
necessary to promote the decarboxylation (see 
Equation 2-5)858 

 
                (5-288) 

Following decarboxylation and hydronation, the 
resulting N-pyridoxylimine hydrolyzes occasionally 
before the hydron can be transferred back to the 
carbon of the imino group 

  
                (5-289) 

This hydrolysis could occur either on the active site 
or after the decarboxylated N-pyridoxylimine has 
dissociated intact from the active site. The existence 
of the intramolecular isotopic transfer, as well as 
the existence of the abortive reaction itself, provides 
evidence that N-pyridoxylimine 5-164 is an obliga-
tory intermediate in the enzymatic reaction. This 
conclusion is reasonable because quinonoid 5-163 
should be too electron-rich to promote decarboxy-
lation, a reaction that requires p electron withdrawal. 
In other words, the carbanion that would be formed 
if quinonoid 5-163 decarboxylated directly would 
have 10 p molecular orbitals—5 bonding and 5 anti-
bonding—and 12 p electrons, a circumstance that 
would require two p electrons to occupy an antibond-
ing molecular orbital or two degenerate molecular 
orbitals. 
 Methylphosphonate synthase is an oxygenase 
that converts 2-hydroxyethylphosphonate to methyl-
phosphonate by oxidizing the hydroxymethyl group 
in 2-hydroxyethylphosphonate to carbon dioxide. 
The two hydrogens on carbon 1 of 2-hydroxyethyl-
phosphonate remain in the final methyl group in 
methylphosphonate, but the active site transfers 
the pro-R hydrogen on the hydroxymethyl group in 
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2-hydroxyethylphosphonate to carbon 1 during the 
oxidation so that it ends up on the methyl group of 
methylphosphonate.859 In this instance, however, a 
catalytic base does not perform the transfer because 
there is none in the vicinity.860 It has been proposed 
that, in the process of oxidizing carbon 2, a formate 
on a prosthetic iron ion is produced and its hydrogen 
is directly transferred either as a hydrogen atom to 
a phosphonomethyl radical or, less likely, as a hydride 
to a primary phosphonomethylene carbenium ion. 
 Isotopic transfer between a substrate of the 
enzymatic reaction and the enzyme itself has also 
been observed. The mechanism of 3-oxoacid 
CoA-transferase involves formation of an anhydride 
between a glutamate at the active site90 and the 
carboxylic acids that are substrates for the enzyme 
(Equation 5-14). When [18O]succinate and aceto-
acetyl-SCoA were used as reactants for the porcine 
enzyme, the isotopic transfer 

   
                (5-290) 

into the protein itself could be detected.861 This iso-
topic transfer into the protein is consistent with the 
existence of the anhydride as an intermediate in 
the enzymatic reaction. The incorporation of one 
atom of oxygen-18 into 3-hydroxyisobutyryl-CoA 

hydrolase from P. aeruginosa during the hydrolysis 
catalyzed by the enzyme 

     
                (5-291) 

was also presented as evidence for an intermediate 
anhydride.862 
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Problem 5-19: 2-Aminohexano-6-lactam racemase 
is an enzyme that uses pyridoxal phosphate as a 
prosthetic group to catalyze the racemization of the 
lactam of lysine. 

 

When (R)-[2-1H]-2-aminohexano-6-lactam was mixed 
with the enzyme from Achromobacter obae in 2H2O, 
(R)-[2-2H]-2-aminohexano-6-lactam was formed at 
an initial rate that was 80% the initial rate at which 
(S)-2-aminohexano-6-lactam was formed.863 
 
 (A) Write a mechanism for the enzymatic reaction, 

incorporating the pyridoxal phosphate and 
catalytic acids and bases, that explains this 
hydrogen isotopic exchange at initial rate. 

 
 
(R)-[2-1H]-2-Aminohexano-6-lactam was converted 
with 2-aminohexano-6-lactam racemase to 
(S)-2-aminohexano-6-lactam in 2H2O in the presence 
of excess ¬-lysine-lactamase so that the product of the 
first reaction was immediately hydrolyzed. A signif-
icant fraction (17%) of the resulting ¬-lysine had 
protium at carbon 2. 
 (B) What does this observation suggest about the 

catalytic acid and catalytic base catalyzing 
the racemization? 

 (C) There are two reasons to suspect that one 
particular amino acid is used as a catalytic 
acid–base in this reaction.864 What is the 
amino acid and what are the two reasons? 
Use this amino acid as the catalytic base in 
your answer to part A. 

 

Problem 5-20: The reaction catalyzed by ribulose-
bisphosphate carboxylase (Equations 3-424 and 
5-90) was initiated by mixing enzyme from R. rubrum 
with ∂-ribulose 1,5-bisphosphate and CO2 in 3H2O. 
As the reaction progressed at initial rate, tritium 
appeared at carbon 3 of the ribulose 1,5-bisphosphate 
remaining in the solution.865 

 

 

 

 

 

extent of 
reaction 
    (%) 

specific radioactivity of  
remaining ribulose bisphosphate 

(cpm mmol-1 ¥ 10-5) 

21 0.9 
38 1.9 
56 3.3 
70 5.2 
82 7.4 
86 8.4 
98 17 

 

 (A) Write a mechanism demonstrating why this 
hydrogen isotopic exchange at initial rate is 
evidence for an enediol intermediate in the 
enzymatic reaction. 

 (B) The specific radioactivity of the water was 
7.0 ¥ 105 cpm (mmol of hydrogen)-1. Why does 
the specific radioactivity of the remaining 
ribulose bisphosphate exceed this value 
when the reaction has reached equilibrium 
(98% completion)? 

 

Problem 5-21: Na+/K+-Exchanging ATPase catalyzes 
the following reaction 

     

in which the subscripts i and o refer to the inside 
and the outside of a cell, respectively. This reaction 
will be referred to as overall turnover. Overall turnover 
is always measured in, and requires, the presence 
of all substrates: MgATP2-, Na+, and K+. In the cell, 
the cations are moved against their concentration 
gradients at the expense of hydrolysis of MgATP2-. 
When the cell is fragmented, the enzyme continues 
to move the cations across itself but accomplishes 
nothing even though it still hydrolyzes MgATP2-. 
Thus, it is named an adenosinetriphosphatase 
(ATPase). 
 The enzyme catalyzes several isotopic exchanges 
in the absence of certain reactants. In the presence of 
K+ and Mg2+ but the absence of Na+ and MgATP2-, 
porcine Na+/K+-exchanging ATPase catalyzes the 
following oxygen isotopic exchange.866 
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This oxygen isotopic exchange occurs at an initial 
rate greater than that of the overall turnover seen 
when Na+ and MgATP2- are added. In the presence 
of Na+ but the absence of K+, the enzyme very slowly 
catalyzes the following carbon isotopic exchange.867 

     

When the enzyme is treated with N-ethylmaleimide, 
the initial rate for this ATP-ADP carbon isotopic 
exchange increases greater than 100-fold and becomes 
3 times faster than the overall turnover was before 
the treatment. The overall turnover is eliminated by 
treatment with N-ethylmaleimide. N-Ethylmaleimide, 
however, has no effect on the HOPO3

2- 1 H2O oxygen 
isotopic exchange observed in the absence of Na+ 
and MgATP2-. When both Na+ and K+ are omitted, 
none of the isotopic exchanges occur. 
 
 (A) Write a kinetic mechanism for the overall 

reaction, involving a covalent intermediate, that 
explains both the HOPO3

2- 1 H2O oxygen 
isotopic exchange and the ATP-ADP carbon 
isotopic exchange. 

 (B) Write the steps in the overall mechanism 
that produce the Na+-dependent ATP-ADP 
carbon isotopic exchange. 

 (C) Write the steps in the overall mechanism that 
produce the K+-dependent HOPO3

2- 1 H2O 
oxygen isotopic exchange. 

 (D) Considering the initial rates for the isotopic 
exchanges when the enzyme is not treated 
with N-ethylmaleimide, decide whether the 
intermediate is a high-energy or a low-energy 
intermediate in this situation. 

 (E) Show that the effects of N-ethylmaleimide 
can be explained by adding to your mecha-
nism a step that involves a conformational 
change between two forms of the covalent 
intermediate, a high-energy form and a low-
energy form, and that is blocked by reaction 
with N-ethylmaleimide. 

 (F) Considering your mechanism and assuming 
that all biochemical phosphostransfers are 
in-line, draw the two products, with proper 
stereochemistry, that result when the following 
substrate is hydrolyzed by the enzyme in 
[17O]H2O. 

 

Oxygen-17 ends up in one product. 

 

Problem 5-22: When the reaction catalyzed by 
2-hydroxy-6-oxonona-2,4-dienedioate hydrolase 

 

from E. coli is performed in H2
18O with the reactant 

[6-16O]-(2Z,4E)-2-hydroxy-6-oxonona-2,4-diene-
1,9-dioate, [18O]succinate (95%) and doubly labeled 
[1,1-18O2]succinate (5%) are produced as products 
and oxygen isotopic exchange of oxygen-16 for 
oxygen-18 at the carbonyl group on carbon 6 of 
2-hydroxy-6-oxonona-2,4-diene-1,9-dioate is ob-
served as well.868 
 
 (A) Write a mechanism for the enzymatic reac-

tion consistent with both the intermediate 
oxygen isotopic exchange and the oxygen 
isotopic exchange into the reactant at initial 
rate. 

 (B) Write out separately the sequence of individual 
steps in the mechanism of part A that explains 
the respective oxygen isotopic exchanges. 

 

Problem 5-23: Carbamoyl-phosphate synthase 
(ammonia) catalyzes the reaction comprising just 
Equations 3-532 and 3-533 

    

   

using stoichiometric ammonia rather than ammonia 
derived from hydrolysis of ¬-glutamine. In the 
presence of HCO3

- but the absence of NH4
+, the 

[16O]HOPO3
2–  +  [18O]H2O  1 

                             [16O]H2O  +  [18O]HOPO3
2–
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enzyme from R. norvegicus catalyzes the positional 
oxygen isotopic exchange869 

 

When the enzyme is mixed with MgATP2- and 
[18O]HOCO2

- in the absence of NH4
+, it catalyzes a 

slow ATPase activity in which 1 mol of oxygen-18 
appears in HOPO3

2- for every MgATP2- hydrolyzed. 
There is a related enzyme (39% identity; 0.7 gap 
percent) in E. coli, carbamoyl-phosphate synthase 
(glutamine-hydrolysing), that catalyzes the same 
sequence of reactions and that produces the neces-
sary NH4

+ by hydrolyzing ¬-glutamine in a distant 
glutaminase domain. It also catalyzes a slow bicarbo-
nate-dependent ATPase reaction and the same 
positional oxygen isotopic exchange.870 When carbam-
oyl-phosphate synthase (glutamine-hydrolysing) is 
mixed with MgATP2- and HOCO3

- in H2
18O in the 

absence of ¬-glutamine and NH4
+, it catalyzes the 

oxygen isotopic exchange 

 

at an initial rate equal to the initial rate for the bicar-
bonate-dependent ATPase reaction.871 
 
 (A) Write a mechanism for the overall enzymatic 

reaction that is catalyzed by both enzymes 
from NH4

+, MgATP2-, and HOCO2
- and that 

contains an intermediate that can explain 
these observations. 

 (B) Why is the positional oxygen isotopic exchange 
in the enzyme from R. norvegicus inhibited 
by NH4

+? 
 (C) Why is oxygen isotopic exchange of oxygen-18 

into HC16O3
- catalyzed by the enzyme from 

E. coli eliminated in the presence of saturating 
¬-glutamine? 

 (D) If necessary, add side reactions involving 
nonstoichiometric species from your main 
linear mechanism for formation of carbamoyl 
phosphate from HOCO2

-, MgATP2-, and NH4
+ 

that explain the positional oxygen isotopic 
exchange, ATPase reaction, incorporation of 
oxygen-18 into HOPO3

2-, and oxygen isotopic 
exchange of oxygen-18 into HOCO2

-. 

Problem 5-24: UDP-N-Acetylglucosamine 2-epim-
erase (non-hydrolysing) 

 

catalyzes the following positional oxygen isotopic 
exchange872 

 

where U is uridinyl. 
 
 (A) Write a mechanism that explains both the 

epimerization and the positional oxygen iso-
topic exchange catalyzed by the enzyme. 

 (B) Write just the sequence of steps from the overall 
mechanism that explains the positional oxygen 
isotopic exchange. 

 (C) In a crystallographic molecular model of 
the active site occupied by UDP-N-acetyl-
a-∂-glucosamine,873 one of the two non-
bridging oxygens on the phospho group at-
tached directly to carbon 1 of N-acetyl-
a-∂-glucosamine forms a hydrogen bond to 
the t-nitrogen of the imidazolyl group of a 
histidine. What is the role of this histidine in 
catalysis? 

 (D) What should be the most important acid–
base catalyst in the active site? 

 

Problem 5-25: 3-Phosphoshikimate 1-carboxyvinyl-
transferase (Equation 5-178; Problem 4-26) is present 
in plants and bacteria and has been purified from 
Klebsiella pneumoniae. From here on, you should 
abbreviate 3-phosphoshikimate as ROH because 
the only participant in the reaction is its hydroxy 
group. When 3-phosphoshikimate and phosphoenol-
pyruvate labeled with 18O in the oxygen between 
phosphorus and carbon 2 are converted by the 
enzyme, the products are [18O]HOPO3

2- and unlabeled 
5-O-(1-carboxyvinyl)-3-phosphoshikimate. When 
[3,3-2H2]phosphoenolpyruvate was used as a substrate 
in the enzymatic reaction and the reaction was 
allowed to proceed in [1H]H2O only a short way 
(7-18%) toward equilibrium, the isotopic composition 
of the product 5-O-(1-carboxyvinyl)-3-phospho-
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shikimate and of the remaining phosphoenolpyru-
vate were as follows.874 

 

 

pH extent of 
reaction 

(%) 

 initial 
PEP 
(%) 

5-enolpyruvyl- 
shikimate 

3-phosphate 
(%) 

final 
PEP 
(%) 

6.25 14 d0 
d1 
d2 

 

<1 
8 

92 

 

9 
47 
44 

 

<1 
7 

93 

 
6.25 13 d0 

d1 
d2 
 

<1 
5 

95 
 

6 
47 
46 

 

<1 
6 

93 
 

9.35 18 d0 
d1 
d2 
 

<1 
8 

92 
 

6 
42 
52 

 

<1 
10 
89 

 
10.4 7 d0 

d1 
d2 

<1 
5 

95 

6 
40 
54 

<1 
7 

93 

 
In this table, d0, d1, and d2 signify the percent of 
molecules of 5-O-(1-carboxyvinyl)-3-phospho-
shikimate or percent of molecules of phosphoenol-
pyruvate, either as initially present or after the reaction 
was quenched, that were produced during the reac-
tion and that contain no deuterium, one deuterium, 
or two deuteriums, respectively, as determined by 
mass spectrometry. By nuclear magnetic resonance 
spectroscopy, it was shown that the 1H introduced 
into the product was uniformly distributed between 
the E and Z positions. 
 
 (A) Write a mechanism to explain the appear-

ance of 1H in the product. Your mechanism 
should contain a step in which a hydrogen or 
deuterium is removed from carbon. 

 (B) For the sake of argument, assume every step 
in your mechanism is irreversible, and from 
the percentages of deuterium in the products 
when the reaction is run at pH 10.4, calculate 
the deuterium isotope effect for the step in the 
reaction during which hydrogen or deuterium 
is removed from carbon. Do not forget that 
intermediates with two deuteriums and one 

hydrogen are twice as likely to lose a deuterium 
as a hydrogen and that intermediates with 
two hydrogens and one deuterium are twice 
as likely to lose a hydrogen as a deuterium 
even when no isotope effect is operating. 

 
 3-Phosphoshikimate 1-carboxyvinyltransferase 
was mixed with phosphoenolpyruvate in [3H]H2O 
in the absence of 3-phosphoshikimate and incubated 
under the noted conditions. Phosphoenolpyruvate 
was isolated, and its radioactivity was determined.875 
 

additionsa reaction 
time 
(h) 

total cpm 
of 3H in PEP 

(¥ 10-3) 

1 mM PEP 3 <1 
5 mM PEP 3 <1.5 
1 mM PEP, 20 mM dd3PS 3 76.4 
5 mM PEP, 20 mM dd3PS 3 185 
1 mM PEP, 20 mM dd3PS 1 28.7 

1 mM PEP, 20 mM dd3PS, 
5 mM glyphosate 

3 54.5 

aPhosphoenolpyruvate is abbreviated as PEP, and 4,5-dideoxy-
3-phosphoshikimate is abbreviated as dd3PS. The reaction at 
37 ªC contained, in addition to the noted ingredients, 10 mM NaF 
and 100 mM 2-ammonio-2-hydroxymethylpropane-1,3-diol 
chloride, pH 7.6, in a total volume of 0.25 mL of [3H]H2O 
(3 ¥ 1011 cpm mL-1) and 0.29 unit [0.29 mmol of 5-O-(1-carboxy-
vinyl)-3-phosphoshikimate min-1]of enzyme. 

 
 (C) Write a mechanism to explain tritium incor-

poration into phosphoenolpyruvate in the 
presence of 4,5-dideoxy-3-phosphoshikimate. 

 (D) The 4,5-dideoxy-3-phosphoshikimate is acting 
by an induced-fit mechanism. Explain what 
this means in this situation. 

 (E) What damaging side reaction is the induced-
fit mechanism of this enzyme designed to 
prevent? 

 
 Glyphosate, N-phosphonomethylglycine (pre-
viously 3-51) 

 

inhibits 3-phosphoshikimate 1-carboxyvinyltrans-
ferase. When the kinetics of its inhibition were 
examined, the following results were obtained.876 
 

O N

H

PO3
2–

(

–O

HH
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Kinetic analysis of inhibition of 3-phosphoshikimate 1-carboxy-
vinyltransferase by glyphosate.876 Enzymatic assays were run 
in 20 mM sodium 2-[4-(2-hydroxyethyl)piperazin-1-yl]ethane-
sulfonate, pH 7 and 30 ªC. One reactant was varied while the 
other remained at a constant concentration. The reactants varied 
and the identities and concentrations of the unvaried reactants 
are (A) phosphoenolpyruvate ([3-phosphoshikimate] = 5 mM); 
(B) 3-phosphoshikimate ([phosphoenolpyruvate] = 5 mM); (C) 
5-O-(1-carboxyvinyl)-3-phosphoshikimate ([phosphate] = 20 mM); 
(D) phosphate ([5-O-(1-carboxyvinyl)-3-phosphoshikimate] 
= 0.2 mM). 5-O-(1-Carboxyvinyl)-3-phosphoshikimate is abbrevi-
ated as CVPS. In each panel, the reciprocals of the observed 
initial rates (picomoles second-1) are plotted as a function of 
the reciprocals of the concentrations of the varied reactant 
(millimolar). To the right of each line is listed the concentra-
tion of glyphosate in the set of assays defining that line. 
 
 (F) Against which substrate is glyphosate a 

competitive inhibitor? 
 
 The inhibition caused by glyphosate was also 
examined as a function of pH.876 

 

 

 

Dependence of inhibition of 3-phosphoshikimate 1-carboxy-
vinyltransferase by glyphosate on pH.876 Initial rates for the 
reaction in the direction from phosphoenolpyruvate (5 mM) and 
3-phosphoshikimate (5 mM) to phosphate and 5-O-(1-carboxy-
vinyl)-3-phosphoshikimate were measured in 100 mM tris-
(hydroxymethyl)methylammonium maleate at different values 
of pH in the absence and presence of glyphosate at the four 
indicated concentrations. The results are presented as the percent 
of activity at the same pH in the absence of glyphosate as a 
function of pH. 
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 (G) Complete this table for the experiments de-
scribed in the second figure. Parameter I50 is 
defined as the concentration of inhibitor 
necessary to inhibit an enzyme by 50% under 
a set of fixed conditions. 

 

pH I50 
(mM) 

 2 
 1 
 0.1 
 0.01 

 
 (H) To explain this behavior, assume the following 

kinetic mechanism. 

 

  Assume that A is the reactant with which the 
glyphosate, I, competes, and assume that the 
other reactant is saturating and does not enter 
the mechanism, and determine the rate 
equation for the initial rate of the enzymatic 
reaction, v0, from this mechanism. 

 (I) When [I] = 0, v0 = vuninhibited, and when [I] = I50, 
v0 = 0.5vuninhibited. Using the equation you 
derived in part H, solve for I50 as a function 
of [H+] and [A]. 

 (J) Show that the behavior of I50 with pH seen in 
part G can be explained by the equation you 
derived in part I. 

 (K) What intermediate in your mechanism for 
part C is glyphosate supposed to resemble? 

 (L) Why would glyphosate bind to a form of the 
enzyme with one less hydron than the form 
to which phosphoenolpyruvate binds? Answer 
this question by drawing two structures of 
the active site, one occupied by the interme-
diate and one by glyphosate, and include a 
catalytic acid–base from the enzyme in your 
drawing. 

 (M) What other kinetic mechanism would also 
explain the observations? 

 (N) What would you need to know to decide 
between the two possible mechanisms? 

 
 

Problem 5-26: Phosphoenolpyruvate carboxylase 
from E. coli catalyzes the following reaction. 

 

When the reaction is carried out with [18O3]HOCO2
-, 

one atom of oxygen-18 is incorporated into the 
HOPO3

2- formed. When the reaction is carried out 
with [18O3]HOCO2

- and chiral [16O,17O]thiophospho-
enolpyruvate, inversion of configuration at phos-
phorus is observed. 3-Methylphosphoenolpyruvate 
does not substitute for phosphoenolpyruvate in the 
normal reaction but is slowly hydrolyzed to 3-methyl-
pyruvate and HOPO3

2- in a reaction catalyzed by 
the enzyme and requiring the presence of HOCO2

-. 
When this bicarbonate-dependent hydrolysis is 
performed in the presence of [18O3]HOCO2

-, oxy-
gen-18 is incorporated into the HOPO3

2- produced 
during the hydrolysis. The molar proportions of this 
labeled phosphate having one, two, or three atoms 
of oxygen-18 were 70%, 25%, and 5%.877 Write a 
mechanism for the bicarbonate-dependent hydrolysis 
of 3-methylphosphoenolpyruvate that explains the 
observed intermediate oxygen isotopic exchange 
and incorporates the inversion of configuration at 
phosphorus observed in the normal reaction. 

 

Problem 5-27: Write a mechanism for 3-oxoacid 
CoA-transferase that can explain the oxygen isotopic 
exchange observed between succinate and the 
enzyme (Equation 5-290) by proceeding through 
an anhydride as an intermediate.  
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Stopped Flow and Quenched Flow 

If sufficiently high molar concentrations of the ac-
tive site of an enzyme are used in an experiment, 
then measurable quantities of the intermediates in 
the enzymatic reaction can be generated. The catalytic 
constants, however, of most enzymes between 20 
and 37 ªC lie in the range between 1 and 106 s-1. 
This range of rate constants means that once reactants 
are assembled on the active site of an enzyme, each 
individual step between the successive intermediates 
in the enzymatic reaction usually has rate constants 
in excess of 1 s-1, and each step in the chemical 
mechanism of the enzymatic reaction takes less 
than a second to occur. 
 
 The device used to observe formation, inter-
conversion, or decay of these intermediates must be 
able to initiate a particular step in an enzymatic 
reaction rapidly and immediately (<10 ms) monitor 
its progress. For most kinetic studies, reactions are 
usually initiated by mixing two solutions. If the two 
solutions to be mixed are introduced through separate 
ports of a specially designed mixing chamber at 
rapid, continuous, and uniform flows, then the 
fluid emerging immediately adjacent to the mixing 
chamber will have been mixed for only a short 
time.878 If the flow through the mixing chamber is 
stopped abruptly, then the reaction occurring in the 
fluid immediately adjacent to the mixing chamber will 
have progressed during the short time it was passing  
   

 
through the mixing chamber but will continue to 
proceed in the fluid now at rest.879 If an observation 
chamber is located as close to the mixing chamber 
as possible and the flow is stopped as abruptly as 
possible,880,881 the fluid within the observation 
chamber will have been mixed only a short time 
before, and the progress of the reaction can then be 
followed within the still fluid. The interval between 
the time at which the fluid in the observation chamber 
was mixed and the time at which the flow has 
ceased completely is referred to as the dead time 
because no observation can be made of changes 
occurring during this interval. An important focus in 
advancing the design of such an apparatus has 
been to decrease its dead time so that measurements 
can be made at shorter times after the mixing occurs. 
 A device that accomplishes this strategy is an 
apparatus for stopped flow (Figure 5-20).881,882 
The two solutions are delivered to the mixer by two 
syringes that are driven by a plunger. The window 
to the observation chamber is immediately adjacent 
to the mixer. During the flowing phase, the contin-
uously emerging fluid fills and expands a stop syringe 
until its distending plunger strikes a solid barrier. 
This collision stops the flow abruptly within the 
completely sealed system. The progress of the reaction 
in the observation chamber is usually followed 
spectroscopically by passing light through the 
chamber. Apparatuses for stopped flow of this type 
can have dead times of less than 1 ms.883 
  

 
 
 

  



Figure 5-20: Apparatus for stopped flow.882 The two reservoir 
syringes (A) store large quantities of the two solutions to be 
mixed. Small amounts of these two solutions are introduced 
through valves (B) into the two respective driving syringes (C). 
After the driving syringes are filled, the valves are turned so 
that the two drive syringes become connected directly to the 
two ports of the mixing chamber (D), which efficiently mixes 
the two fluids passing through it at high velocity. Just to the 
downstream side of the mixing chamber is a window (E) 
through which observations can be made. The observation 
chamber that contains this window is connected directly to a 
syringe (F) that fills as the fluid flows through the chamber until 
the end of its shaft hits a solid barrier or stop (G). After the stop 

has been struck by the shaft, all flow through the apparatus 
ceases. A photomultiplier (H) monitors the change in absorb-
ance in the still fluid inside the observation window. Light of 
the desired wavelength passing through the observation window 
is produced by a monochromator. The stop syringe is drained 
through a port (I) by turning a valve (J). The hydraulic plunger 
(K), because it travels so rapidly in order to promote flow of 
high velocity, develops significant hydrostatic pressure in the 
fluids, so all valves and tubes must be designed to withstand 
this high pressure. Reprinted with permission from reference 882. 
Copyright 1963 Wiley-Interscience. https://archive.org/details/ 
techniqueoforgan0008slfr 

 
Figure 5-21: Monitoring the transfer of a hydride from NADH 
to pyruvate at the active site of ¬-lactate dehydrogenase by 
stopped flow.884 A solution of porcine ¬-lactate dehydrogenase 
(28 mM in active sites) and NADH (20 mM) in one syringe of the 
apparatus for stopped flow was mixed with an equal volume of a 
solution of pyruvate (2.0 mM) in the other syringe. Both solutions 
were at pH 9.0 and 22 ªC. The dead time of the apparatus was 
1.3 ms. (A) Kinetic course of the reaction. The flow of fluid 
through the apparatus ceased at the point indicated by the arrow 
(labeled "flow stops"), and the absorbance of the solution in 
the observation chamber was monitored at 340 nm, the wave-
length at which NADH absorbs. The upper trace on the oscillo-
scope displays the voltage from the photomultiplier tube as a 
function of time (milliseconds) immediately following cessation 
of flow. The lower, flat trace is a second sweep after all change 
in voltage had ceased (labeled "end of reaction"). (B) Observed 
first-order rate constants from stopped flow and steady-state 
kinetics. Values for the first-order rate constants from stopped 
flow were obtained by fitting an exponential function to the 
observed decrease in absorbance (Panel A) as a function of 
time at each concentration of pyruvate (pyr). First-order rate 
constants for hydride transfer (second-1) measured by stopped 
flow are plotted (3) as a function of the concentrations of pyruvate 
(millimolar). The initial rates of the enzymatic reaction, v0, 
were also measured at several different initial concentrations 
of pyruvate at saturating concentrations of NADH, also at pH 9.0 
and 22 ªC. Each initial rate (micromolar second-1) was divided 
by the respective molar concentration of active sites (micromolar) 
in the solution to obtain an initial rate constant (v0 [E]t-1) for 
the active site in catalyzing the overall reaction at that initial 
concentration of pyruvate. These initial rate constants (second-1) 
are also plotted (2) as a function of the initial concentrations of 
pyruvate (millimolar). The curve is a fit of Equation 5-328 to 
the data with k2 = 243 ± 9 s-1 and Kpyr = 7 ± 0.5 mM. Adapted 
with permission from ref 884. Copyright 1971 Biochemical So-
ciety. https://doi.org/10.1042/bj1210235 
 
 
 

 From an examination of this apparatus for 
stopped flow, it is clear that the contents of the two 
syringes define the reaction observed. For example, 
one of the two syringes in an apparatus for stopped 
flow was filled with a solution 20 mM in NADH and 
30 mM in active sites of porcine ¬-lactate dehydro-
genase (previously Equation 3-27) 

 
                (5-292) 

 

 
 
At these concentrations, almost all (85%) of the 
NADH present was already bound to active sites of 
the enzyme before mixing occurred, and the solution 
in this syringe contained almost entirely the complex, 
E·NADH, and free enzyme. The other syringe was 
filled with 2.0 mM pyruvate. After cessation of flow, 
the fluid in the observation chamber was monitored 
by its absorbance at 340 nm, a wavelength at which 
NADH absorbs light strongly but NAD+ does not. 
Therefore, the decrease in absorbance at 340 nm 
(Figure 5-21A)884 directly monitors the transfer of a 
hydride from NADH to pyruvate 
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                (5-293) 

as it occurs on the active site.885 Because the dead 
time of the apparatus was 1.3 ms, this reaction 
could be monitored from 1.3 ms after mixing to its 
completion. One advantage of the ability to monitor 
the transfer of a hydride from NADH or NADPH to 
a reactant by stopped flow is that by using 
[4¢(R)-2H]NADH or [4¢(R)-2H]NADPH, the intrinsic 
kinetic isotope effect for the transfer can often be 
obtained directly.886 
 Changes that have occurred within the dead 
time of the apparatus can be documented even 
though their kinetic courses cannot be recorded. For 
example, protocatechuate 3,4-dioxygenase (previously 
Equation 2-274) 

   
                (5-294) 

contains tightly bound prosthetic iron (Figure 2-57B), 
and in the absence of oxygen, its active site forms a 
complex with protocatechuate that absorbs visible 
light in a broad range from 400 to 600 nm. Changes 
in the composition of this complex could be followed 
by monitoring absorbance in this range. When a 
solution of the complex between the enzyme from 
P. putida and protocatechuate in one syringe of a 
stopped-flow spectrophotometer was mixed with a 
solution of oxygen in the other, a three-step process 
was observed (Figure 5-22).887 The steps of this 
process could be dissected by performing measure-
ments at two different wavelengths (403 and 460 nm). 
The initial absorbance at either wavelength at the 
dead time following mixing (1.3 ms) was substan-
tially different from the absorbance of the complex 
of enzyme and protocatechuate that would have 
been observed in the absence of oxygen (arrows). 
 

 
 
Figure 5-22: Three successive relaxations that occur when 
the complex between protocatechuate and protocatechuate 
3,4-dioxygenase from P. putida is mixed with oxygen.887 A 
solution containing 0.24 mM protocatechuate and 0.24 mM 
active sites of protocatechuate 3,4-dioxygenase was mixed with 
an equal volume of a solution containing 12 mM O2. The solutions 
were at pH 8.3 and 10 ªC . The absorbance of the mixture was 
followed at either 403 nm (top trace) or 460 nm (bottom trace). 
The absorbance (0.02 absorbance unit division-1 at 403 nm and 
0.04 unit division-1 at 460 nm) was monitored as a function of 
time (milliseconds) in the still fluid just beyond the mixing 
chamber after flow stopped (at 0 ms). The absorbances at 460 
and 403 nm that would have been observed had an oxygen-
free solution been mixed are indicated on the respective axes 
of the ordinate. That these levels differ from those observed at 
cessation of flow shows that a relaxation faster than the dead 
time of the apparatus (1.3 ms) had occurred immediately upon 
mixing. The second relaxation is observed at both 403 and 460 nm 
and is complete after 5 ms. The third relaxation is observed only 
at 460 nm and is complete at 100 ms. 
 
 
 
Because the absorbance at 403 nm increased within 
the dead time and was observed to be decreasing 
following the dead time, an initial intermediate, the 
absorbance of which at 403 nm is greater than that of 
the complex between enzyme and protocatechuate 
in the absence of oxygen as well as being greater 
than that of the second intermediate that is being 
formed following the dead time, must have formed 
during the dead time. The conversion of the first inter-
mediate into this second intermediate is registered 
by the observed decrease in absorbance at 403 nm. 
An increase in absorbance at 460 nm then occurs 
while the absorbance at 403 nm remains constant. 
This increase in absorbance at 460 nm is due to 
formation of a third intermediate in the reaction. 
The absorbance at 403 nm remains constant because 
it is at an isosbestic point in the transition from the 
second to the third intermediate. 
 In an apparatus for stopped flow, the fluid emerg-
ing from the mixing chamber usually enters an optical  
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cuvette and must be monitored by either absorbance, 
as for NADH in the active site of porcine ¬-lactate 
dehydrogenase or prosthetic iron in protocatechuate 
3,4-dioxygenase, or fluorescence, which is often a 
more sensitive, albeit more complicated, property and 
which can permit lower concentrations of enzyme 
to be used. 
 Complete spectra of absorbance can be followed 
at successive short intervals. For example, when 
b-lactamase encoded by the bacterial plasmid NDM-1, 
which has two prosthetic Zn2+ in its active site, was 
mixed with the chromogenic reactant nitrocefin 
(5-165) and spectra of absorbance were recorded 
every 2 ms (Figure 5-23A),888 it could be observed 
that the absorbance of nitrocefin (lmax = 390 nm) 
was rapidly lost as a new peak of absorbance (lmax = 
665 nm) appeared in a transition that displayed an 
isosbestic point at 425 nm (dashed vertical line). 
The majority of this first transition was complete in 
the dead time (2 ms) of the instrument. The inter-
mediate responsible for the peak of absorbance at 
665 nm was then more slowly (15 s-1) converted into 
hydrolyzed nitrocefin (lmax = 485 nm) in a transition 
with isosbestic points at 382 and 550 nm (dashed 
vertical lines). The existence of the initial isosbestic 
point and the subsequent pair of isosbestic points 
establish that there are only three species intercon-
verting: nitrocefin, the intermediate that absorbs at 
665 nm, and hydrolyzed nitrocefin. The intermedi-
ate has been assigned as the trianion of hydrolyzed 
nitrocefin (5-166) 

 
                (5-295) 

In this trianion, the negative elementary charge, other 
than the two negative elementary charges on the 
carboxylato groups, is delocalized from the nitrogen 
that has just left the tetrahedral intermediate 
formed by addition of a hydroxide on one catalytic 
Zn2+ in the active site to the acyl carbon of the lactam 
in nitrocefin (the four-membered ring in 5- 165). 

 

 
 
Figure 5-23: Monitoring hydrolysis of nitrocefin (5-165) at the 
active site of the metallo-b-lactamase encoded by the bacterial 
plasmid NDM-1 by stopped flow.888 A solution of b-lactamase 
(100 mM) in one syringe of the apparatus for stopped flow 
(dead time of 2 ms) was mixed with an equal volume of a solution 
of nitrocefin (100 mM) in the other syringe. Both solutions also 
contained 0.2 M NaCl and 30 mM 2-ammonio-2-hydroxy-
methylpropane-1,3-diol chloride, at pH 7.6 and 22 ªC. (A) Kinetic 
course of the reaction. After the flow of fluid through the appa-
ratus ceased, the absorbance of the solution in the observation 
chamber was monitored at wavelengths between 320 and 
740 nm every 2 ms. The resulting spectra are superposed in the 
drawing. After 50 ms, no further changes were observed. Isos-
bestic points are indicated with vertical lines. (B) Concentra-
tions of the three species observed in a kinetic course of the 
reaction as a function of time. The peaks of absorbance at 390, 
485, and 665 nm were identified as nitrocefin (5-165), hydrolyzed 
nitrocefin, and the trianion of hydrolyzed nitrocephin (5-166), 
respectively (see Equation 5-295). With extinction coefficients 
for each of these three species, the absorbances at the various 
intervals were converted to molar concentrations. These molar 
concentrations of nitrocefin (3), hydrolyzed nitrocefin (2), and 
the trianion of hydrolyzed nitrocephin (Í) are plotted as a 
function of the intervals between mixing and observation (milli-
seconds). The curves are fits of the data by numerical integration 
to a kinetic mechanism in which the complex between enzyme 
and nitrocephin is formed reversibly, and hydrolysis of nitro-
cephin to the anion in the active site is also reversible, but 
hydronation of the anion on the active site and its release from 
the active site are both kinetically irreversible. Adapted with 
permission from reference 888. Copyright 2012 American 
Chemical Society. https://doi.org/10.1021/bi300056y 
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This accumulating negative charge is delocalized 
from the nitrogen as it is leaving the tetrahedral 
intermediate through the extensive p molecular 
orbital system of ten carbons, two nitrogens, and 
four oxygens that is conjugated with it, and it ends 
up concentrated on the four oxygens of the two nitro 
groups (Equation 5-295). This extensive delocalization 
allows the nitrogen to leave the tetrahedral inter-
mediate without the hydronation that is required 
during hydrolysis of a normal lactam by the enzyme. 
A molecule of water on the other catalytic Zn2+ 
normally hydronates the nitrogen as it is leaving from 
the tetrahedral intermediate formed from a normal 
lactam.889 During hydrolysis of nitrocefin, however, 
this molecule of water hydronates the anionic nitrogen 
in intermediate 5-166 after it has left the tetrahedral 
intermediate, rather than while it leaves. This hydro-
nation gives the secondary amine that is the product 
of hydrolysis and that is the third spectral component 
in Figure 5-23A, and the second transition is a simple 
hydronation. 
 
 The progress of the reaction within the cuvette 
of an apparatus for stopped flow can be monitored 
in a number of different ways. The experiment is 
often designed to follow the chemical transformation 
of the molecule that is absorbing or fluorescing, as 
was the case with b-lactamase. It is also possible, 
however, to obtain information even when that 
molecule remains intact. For example, the absorbance 
of NADH, bound to an active site as a coenzyme, 
can respond to nearby changes in the active site 
prior to the transfer of its hydride. In the active site 
of bovine glutamate dehydrogenase [NAD(P)+], the 
absorbance of NADPH bound in the active site shifts 
to longer wavelengths as 2-oxoglutarate becomes 
hemiaminal 5-167 and then to shorter wavelengths 
when the hemiaminal becomes 2-iminoglutarate 
(5-168) 

     
                (5-296) 

These two steps occur before the hydride is trans-
ferred (last step in Equation 5-296).890 The fluores-
cence of NADPH in an active site can also be used 
to monitor events occurring in its vicinity before 
the transfer of the hydride.891 For example, the fluores-
cence of prosthetic NADPH in glucose-fructose oxido-
reductase from Zymomonas mobilis is quenched as 
the reactant gluconolactone associates with the active 
site before its absorbance decreases as the hydride 
is transferred to gluconolactone.892  
 The absorbance or fluorescence of a normal 
reactant for a particular enzyme other than NADH 
can also be followed. For example, the absorbance 
between 340 and 400 nm of the normal reactant, 
2-amino-3-(3-oxoprop-1-en-1-yl)but-2-enedioate, 
in the active site of aminocarboxymuconate-semi-
aldehyde decarboxylase from P. fluorescens893 and the 
fluorescence of the normal reactant, N-(5-phospho-
b-∂-ribosyl)anthranilate, in the active site of phos-
phoribosylanthranilate isomerase from E. coli894 have 
been used to monitor the respective enzymatic 
reactions by stopped flow. The absorbance of a 
normal product, such as the absorbance of AMP2– 
as it is produced in the active site of adenine phospho-
ribosoyltransferase from Leishmania donovani,895 
or the fluorescence of a normal product can also be 
used. 
 In most instances, a distinction cannot be made 
between a reactant that is bound in the active site 
and a reactant that is still in solution before it asso-
ciates with the active site or between a product that 
is bound in the active site and a product that has 
dissociated from the active site and is now free in 
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solution. If, however, an assay can couple rapidly 
enough, through one or two other enzymatic reac-
tions, the release of product into the solution to the 
production of the chromophore or the fluorophore 
being monitored spectroscopically, then only 
product that is free in solution is observed. For 
example, MgGDP- that dissociates from the active 
site of the GTPase associated with sulfate adenyl-
transferase from E. coli can be monitored over milli-
seconds by coupling its appearance in solution to a 
decrease in the concentration of NADH by using 
pyruvate kinase and phosphoenolpyruvate to 
rephosphorylate MgGDP- to MgGTP2- and reduce 
the resulting pyruvate to lactate while NADH is 
oxidized to NAD+ by ¬-lactate dehydrogenase.896 At 
high enough concentrations of these other two 
enzymes and their substrates, the rates for conver-
sion of MgGDP- and disappearance of NADH are 
rapid enough to be essentially instantaneous relative 
to the rate at which MgGDP- dissociates from the 
active site of the GTPase into the solution. The 
decrease in the concentration of NADH was 
monitored by its fluorescence. 
 A chromophoric or fluorophoric analogue of 
the natural reactant, such as nitrocefin (Figure 5-23; 
Equation 5-295), can also be used to monitor rapid 
enzymatic reactions occurring in the cuvette. For 
example, 2-hydroxy-4-nitrophenol (5-169) is an 
enzymatically active analogue of the natural reactant 
3,4-dihydroxyphenylacetate (5-170)  

 

for 3,4-dihydroxyphenylacetate 2,3-dioxygenase (see 
Equation 2-278)  

          
                (5-297) 

from Brevibacterium fuscum. The changes in absorb-
ance of 2-hydroxy-4-nitrophenol can be followed as 
it associates with the active site and is then converted 
successively into two intermediates in the enzymatic 
reaction.897 
 In another example, the chromophoric reactant 
(E,2S)-2-amino-5-phenylpent-4-enoic acid, which is 
the styryl analogue of the normal reactant ¬-phenyl-
alanine, is also a reactant for phenylalanine amino-
mutase (¬-b-phenylalanine forming) from Taxus 
canadensis. The first step in the chemical mechanism 
of the aminomutase when ¬-phenylalanine is the 
reactant is an elimination of the pro-S hydron on its 
b carbon as well as the a-amino group to form 
3-phenylpropenoic acid as an intermediate in the 
enzymatic reaction. When (E,2S)-2-amino-5-phenyl-
pent-4-enoic acid is the reactant, the analogous inter-
mediate in the enzymatic reaction is (2E,4E)-5-phenyl-
penta-2,4-dienoic acid, the appearance of which can 
be monitored by the strong absorbance at 310 nm 
of the p molecular orbital system that includes the 
entire molecule.898 
 In a third example, the fluorescence of mag-
nesium 2A(3A)-O-(N-methylanthraniloyl)adenosine 
5A-triphosphate, which is MgATP2- with an attached 
fluorescent N-methylanthraniloyl group, could be 
monitored as it associated with the active site of 
human kinesin ATPase and was then hydrolyzed.899 
 If an enzyme contains a prosthetic group that 
absorbs or that absorbs and then fluoresces, it can 
be used to monitor changes in the active site as the 
enzyme steps through its reaction. Pyridoxal 5A-phos-
phate is particularly useful in this regard because 
the absorption spectra of many of the intermediates 
in the reactions that it catalyzes are well characterized 
(Figure 2-1). For example, cysteine synthase 
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from S. enterica was mixed with only one reactant, 
O-acetyl-¬-serine, and spectra of absorbance were 
collected over 1.7 s (Figure 5-24).900 It was observed 
that absorbance of the internal pyridoximine 
(lmax = 412 nm) rapidly shifts to higher wavelength 
in a transition with an isosbestic point at 340 nm 
(thin vertical line) as the external pyridoximine forms 
(Figure 2-1; lmax = 416 nm). The external pyridoximine 
is then converted (see Equation 2-13) into the pyridox-
imine of 2-aminoacrylate (lmax = 330 and 469 nm) 

         
                (5-299) 

in a transition with isosbestic points at 363 and 
430 nm (thin vertical lines). In this case, quinonoid 
intermediate 5-171 was not observed, probably 
because the elimination (Equation 5-299) is almost 
immediate after removal of the hydron from the 
a carbon. 
 The same intermediate pyridoximine of 2-amino-
acrylate is the central intermediate in cysteine lyase 
from Fusobacterium nucleatum. This active site can 
form the intermediate by b-elimination of acetate 
from the quinonoid of O-acetyl-¬-serine (5-171 
in Equation 5-299) but also by b-elimination of 
hydrogen sulfide from the quinonoid of ¬-cysteine 
or b-elimination of ¬-cysteine from the quinonoid 
of ¬-lanthionine. Changes in the absorbance between 
300 and 500 nm could be followed by stopped flow 
from 0.75 ms to monitor conversion of the respective 
internal pyridoximines to gem-diamines, to external 
pyridoximines (Figure 2-1), and then to the pyridox-
imine of 2-aminoacrylate, but again, in each case, 
the quinonoid intermediate between the external 
pyridoximine and the pyridoximine of 2-amino-
acrylate was not observed.901 
 
 

 
 
Figure 5-24: Monitoring the intermediates formed on the pros-
thetic pyridoxal 5¢-phosphate in the active site of cysteine synthase 
from S. enterica by stopped flow.900 A solution of cysteine syn-
thase (20 mM) in one syringe of the apparatus for stopped flow 
was mixed with an equal volume of a solution of O-acetyl-
¬-serine (2 mM) in the other syringe. Both solutions also con-
tained 0.1 M KCl and 100 mM sodium 2-(N-morpholino)-
ethanesulfonate, pH 6.5. After the flow of fluid through the 
apparatus ceased, the absorbance of the solution in the obser-
vation chamber was monitored at wavelengths between 300 
and 550 nm at the noted intervals (numbers designating each 
trace in milliseconds). The resulting spectra are superposed in 
the drawing. After 25 ms, no further changes were observed. 
Isosbestic points are indicated with thin vertical lines. Adapted 
with permission from reference 900. Copyright 1996 American 
Chemical Society. https://doi.org/10.1021/bi952938o 
 
 
 
 

 
 
 
 In the case of ornithine decarboxylase 

 
                (5-300) 

from Trypanosoma brucei brucei, which also has 
pyridoxal phosphate as a prosthetic group, full 
spectra taken at intervals of 1.3 ms, following the 
mixing of the enzyme with ¬-ornithine, could be 
resolved into four distinct components. The spectrum 
for the first species detected was assigned to the 
external pyridoximine of the reactant ¬-ornithine, 
which formed within the dead time of the appa-
ratus. The spectrum of the second intermediate was 
assigned to the quinonoid (previously Equation 2-5) 
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    (5-301) 

that follows the decarboxylation of ¬-ornithine, 
and the spectrum of the fourth species was assigned 
to the external pyridoximine of the product 
1,4-diaminobutane. Consequently, three consecutive 
chemical intermediates in the enzymatic reaction—
the external pyridoximine of the reactant ¬-ornithine, 
the quinonoid that follows the decarboxylation of 
¬-ornithine, and the external pyridoximine of the 
product 1,4-diaminobutane—could be followed (Fig-
ure 5-25).902 
 Histidine 123 is the catalytic base that removes 
a hydron from Cysteine 364, the nucleophile in the 
active site of cysteine desulfurase from E. coli that 
participates in nucleophilic substitution at the sulfanyl 
group in N-(5¢-phosphopyridoxyl)-1-carboxy-2-sulfa-
nylethylimine produced by hydronation of carbon 4¢ 
of the 5¢-phosphopyridoxyl group in the quinonoid 
of ¬-cysteine (see Equation 5-288). This nucleo-
philic substitution transfers that sulfanyl group 
from the 1-carboxy-2-sulfanylethylimine to Cyste-
ine 364 during the desulfurization of ¬-cysteine. 
When Histidine 123 is mutated to alanine, the rate at 
which N-(5¢-phosphopyridoxyl)-1-carboxy-2-sulfanyl-
ethylimine is formed can be followed by stopped 
flow903 by its absorbance at 350 nm. In the native 
enzyme this intermediate is converted to the 
N-(5¢-phosphopyridoxyl)-1-carboxyenamine, under 
catalysis by Histidine 123, too rapidly to be observed. 
 Flavins, however, are the prosthetic groups 
most often used to monitor steps in an enzymatic 
reaction by stopped flow. For example, the steps in 
the addition of molecular oxygen to flavin (Equa-
tion 2-217) to create an oxidant able to perform 
several oxygenations 
 
 
 
 
 
 
 
 
 

 
 
Figure 5-25: Kinetic courses for the concentrations of four 
intermediates in the reaction catalyzed by ornithine decarbox-
ylase.902 Full spectra between 310 and 500 nm were gathered at 
intervals of 3 ms after a solution of ornithine decarboxylase 
from T. brucei brucei (0.32 mM) was mixed with an equal volume 
of a solution of ¬-ornithine (20 mM) in 10 mM sodium phosphate, 
pH 7.3. All solutions were at 4 ªC. The resulting spectra could 
be resolved by numerical analysis into spectra for four different 
intermediates, the contributions of which to the complete 
spectrum changed with time. Three intermediates were assigned, 
by their spectra (see Figure 2-1), to be the external pyridox-
imine of the reactant ¬-ornithine (3; lmax = 337 and 424 nm), 
the quinonoid that follows the decarboxylation of ¬-ornithine 
(Í; lmax = 349 and 447 nm), and the external pyridoximine of 
the product, putrescine (ˆ; lmax = 335 and 420 nm). The other 
intermediate (2; lmax = 338 and 422 nm) could not be assigned 
definitively. From the complete spectrum at each point, the 
magnitudes of the constituent spectra for the four intermediates 
at each point, and the fact that the molar concentrations of the 
four intermediates at each point had to sum to give the molar 
concentration of active sites in the solution, the concentrations 
of each of the intermediates at each of intervals could be calcu-
lated. The concentrations of each intermediate (micromolar) 
are plotted as a function of the intevals between mixing and 
observation (seconds). The curves are a fit of the kinetic mech-
anism of Equation 5-359 to the data by numerical analysis 
with rate constants of k1 = 21.1 ± 0.4 s-1, k2 = 145 ± 5 s-1, and 
k3 = 1.03 ± 0.01 s-1. 
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                (5-302) 

can be followed. Upon mixing human (S)-2-hydroxy-
acid oxidase containing reduced prosthetic flavin 
with high concentrations of O2 dissolved in the second 
solution, the rapid (2 ms), transient appearance of 
absorbance that could be assigned to flavin semi-
quinone (5-172) could be observed during the 
formation of 4a-peroxyflavin anion (5-173) from 
O2 and the prosthetic flavin.904 The semiquinone is 
formed by the transfer of an electron from the reduced 
flavin to the O2. Formation of 4a-peroxyflavin anion 
(5-173) in the active site of cyclohexanone mono-
oxygenase (previously Equation 2-213) 

  
                (5-303) 

from Acinetobacter could be monitored by changes 
in the spectrum of the reduced prosthetic flavin as 
oxygen was adding to it. After formation of the 
4a-peroxyflavin anion, the subsequent oxidation of 
cyclohexanone to produce hexano-6-lactone and 
oxidized flavin (Figure 2-47) could also be moni-

tored.905 In the case of 3-hydroxybenzoate 6-mono-
oxygenase 

  
                (5-304) 

association of oxygen, formation of 4a-peroxyflavin 
anion (5-173), hydronation of the 4a-peroxyflavin 
anion to form 4a-hydroperoxyflavin (5-174), and 
hydroxylation of the 3-hydroxybenzoate at carbon 6 
by the 4a-hydroperoxyflavin (see Figure 2-48) could 
all be followed by monitoring changes in absorbance 
at wavelengths characteristic for these intermedi-
ates.906 The subsequent hydrolysis of the 4a-hydroxy-
flavin (5-175) produced during the hydroxylation 
of the 3-hydroxybenzoate was too rapid, which 
precluded its observation, but the case of the flavo-
enzyme 4-hydroxybenzoate 3-monooxygenase 
[NAD(P)H] from P. aeruginosa, formation of the 
4a-hydroxyflavin produced on its active site during 
the hydroxylation of 4-hydroxybenzoate by 4a-hydro-
peroxyflavin (5-174) could be followed by its strong 
fluorescence.907 
 Changes in the absorbance spectra of prosthetic 
hemes,908 iron–sulfur clusters,909,910 and prosthetic 
nonheme iron clusters (Figure 2-57)911 are further 
examples of prosthetic groups the spectroscopy of 
which can be used to follow steps in an enzymatic 
reaction by stopped flow. 
 It is often the case, however, that neither sub-
strates for the enzyme nor enzymatically active 
analogues of those substrates absorb or fluoresce, 
and the enzyme has no prosthetic groups that do 
either. In such cases, there may be a tryptophan in the 
protein, in the vicinity of the active site or affected by 
conformational changes, the absorbance or fluores-
cence of which changes as the enzyme steps 
through its reaction. For example, association of each 
of the two reactants, MgATP2- and ¬-threonine, 
with the active site of threonine—tRNA ligase from 
E. coli, as well as conversion of the complex of both 
reactants to the threonyladenylate that is an interme-
diate in the reaction, could be monitored by following 
changes in fluorescence of one or more of the 11 
tryptophans in the enzyme.912 
 Crystallographic molecular models suggest that 
when NADH and pyruvate bind to ¬-lactate dehydro-
genase (Equation 5-292) from G. stearothermophilus, 
a lid composed of a loop of polypeptide closes over 
the active site. When the three tryptophans in the 
enzyme were replaced with tyrosines and a trypto-
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phan was inserted by site-directed mutation into 
this loop, the closure of the lid could be followed by 
the quenching of fluorescence of this tryptophan 
when it is transferred from the solution to the surface 
of the protein. The fact that the rate constant (125 s-1) 
for the closing of the lid upon NADH and oxamate, 
an analogue of pyruvate, is equal to the rate constant 
(140 s-1) for production of a molecule of ¬-lactate 
when the complex between NADH and the enzyme 
is mixed with pyruvate (see Figure 5-21A) suggests 
that closing of this lid is the rate-limiting step in 
reduction of pyruvate by the enzyme.913 
 It is also possible to modify a protein with a 
fluorescent functional group other than an indolyl 
group of a tryptophan to produce an even more 
fluorescent protein. If the modification occurs near 
enough to the active site, the fluorescent reporter 
incorporated into the enzyme can register, by changes 
in its fluorescence, changes occuring in the active 
site as reactants associate and are converted into inter-
mediates. For example, a fluorescent 3,6-diamino-
9-(2,4-dicarboxyphenyl)-4,5-disulfoxanthylium was 
covalently attached to a loop of polypeptide that 
closes down over the active site of dihydrofolate 
reductase (previously Equation 4-148) 

   
                (5-305) 

from E. coli after the reactants 7,8-dihydrofolate and 
NADPH associate with the enzyme, and its fluores-
cence could be used to monitor rates of association 
of each reactant, closing of the lid, and hydride 
transfer in the active site.914 
 The rates of hydron uptake into or hydron 
release from the active site of an enzyme can also 
be observed by stopped flow by adding an pH indi-
cator to the solution. For example, release of a hydron 
from the active site of equine alcohol dehydrogenase 
at pH 5.9 during the oxidation of 1-propanol by NAD+ 
could be monitored by following the absorbance of 
chlorophenol red in the solution.915 
 
 The progress of a reaction can also be followed 
by the technique of quenched flow. If the outlet 
from a mixing chamber fed by two coupled syringes 
that are compressed at a constant rate by a plunger 
is attached to a length of tubing that is connected 
to a second mixing chamber or that simply ends in 
a quench solution, the time that the fluid spends 
between the first mixing chamber and the second 

mixing chamber or the quench solution is determined 
only by the flow rate through the first mixing chamber 
and the length and cross-sectional area of the tubing. 
Suppose the reaction is initiated in the first mixing 
chamber, by analogy with the apparatus for stopped 
flow, and abruptly halted at the second mixing 
chamber or in the solution into which it flows at 
the end of the tubing, for example, by quenching 
with strong acid. The final solution produced by 
the device will provide a measure of the progress of 
the reaction over the time spent within the tubing 
between the two mixing chambers or between the 
first mixing chamber and the quench solution. The 
advantage of this technique of quenched flow is that 
products of the reaction are collected and can be 
assayed chemically rather than only spectroscopically. 
Its disadvantage is that only one time point in the 
progress of the reaction is provided by each measure-
ment. To obtain the whole course of the reaction, a 
sequence of tubings that vary in length or a coupled 
pair of syringes driven by a plunger the speed of which 
can be varied916 is used to provide a sequence of 
reaction times. 
 One syringe of an apparatus for quenched flow 
was filled with a solution of 3-phosphoshikimate 
1-carboxyvinyltransferase (20 mM in active sites) 
from E. coli (Equation 5-178) and 200 mM 
3-phosphoshikimate, and the other syringe was 
filled with 7 mM phospho[14C]enolpyruvate. After 
these solutions were mixed in a mixing chamber at 
a constant rate of flow, the mixture passed through 
a tube of a particular length and was then quenched 
with 0.6 M HCl. This sequence of events was repeated 
18 times with tubing of varying lengths (Figure 5-26). 
Each quenched sample, each of which spent a differ-
ent interval of time between mixing and quenching, 
or in the case of reproduction, the same amount of 
time, was then submitted to chromatography to 
separate the reactant phospho[14C]enolpyruvate (◊) 
and the product 5-O-(1-[14C]carboxyvinyl)-3-phos-
phoshikimate (Í).308 Because the concentration of 
active sites (20 mM) was greater than the concentration 
of phospho[14C]enolpyruvate (7 mM), only one turn-
over or no turnovers occurred at each active site. 
Because all the reactant was converted into product 
over a period of 100 ms, the decrease in the concen-
tration of phosphoenolpyruvate and the increase in 
the concentration of 5-O-(1-carboxyvinyl)-3-phospho-
shikimate could both be accurately followed at inter-
vals of 5 ms. 
 Often, especially when the concentrations of 
reactants are required to be much greater than the 
concentration of enzyme so that the decrease in 

NADPH  +  7,8-dihydrofolate  +  H+  1  
                             5,6,7,8-tetrahydrofolate  +  NADP+
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the concentration of reactants is insignificant, only 
the accumulation of a product of the enzymatic 
reaction is followed by quenched flow. For example, 
formation of orotidine 5A-phosphate from orotate 
and 5-phospho-a-∂-ribose and, in the opposite 
direction, formation of orotate from orotidine 
5A-phosphate and diphosphate catalyzed by orotate 
phosphoribosyltransferase (Equation 5-183) from 
S. enterica could be followed by quenched flow. The 
respective products from each quenched solution 
were separated from the much larger amounts of 
reactants by thin-layer chromatography.917 
 Usually, as in the preceding examples, the reac-
tants or products or both of them in the quenched 
solutions are separated and identified chromato-
graphically, but other types of analysis can be used. 
Differences in the partition of reactants and products 
between water and an organic solvent918,919 or differ-
ences in their adsorption to a solid phase920 can be 
used as rapid assays for a large number of samples. 
When the various products and reactants are iden-
tified chromatographically or separated by solvent 
extraction or adsorption, radioactive reactants are 
often used to increase the sensitivity of the assay 
and decrease the needed concentration of enzyme, 
which determines the concentration of intermediates 
accumulated or product produced during a single 
turnover and which determines the amount of en-
zyme irretrievably lost in each quenched sample. 
Other methods that have been used to quantify prod-
ucts from quenched flow are mass spectrometry,921 
electron paramagnetic resonance spectroscopy,922,923 
and Mössbauer spectroscopy.924 It is also possible 
to assay the concentration of a particular reactant 
or product in a quenched sample by using a sensitive 
coupled enzymatic assay.925 In all these instances, 
because the samples must always be quenched, a 
step that must inactivate and usually denature the 
enzyme, reactants and products that were free in 
solution at the time the sample was quenched cannot 
be distinguished from reactants and products that 
were bound in the active site. 
 If the identity of an intermediate is known, it is 
also possible to follow the appearance of an inter-
mediate in an enzymatic reaction by quenched 
flow as the reaction progresses by identifying it 
chromatographically926 or by mass spectrometry.921 
For example, solutions of acyl-homoserine-lactone-
synthase927 
 
 
 
 

 
 
Figure 5-26: Kinetic courses for the concentrations of the reac-
tant phosphoenolpyruvate, the product 5-O-(1-carboxyvinyl)-
3-phosphoshikimate, and an intermediate in the reaction cata-
lyzed by 3-phosphoshikimate 1-carboxyvinyltransferase from 
E. coli.308 A solution of 3-phosphoshikimate 1-carboxyvinyl-
transferase (20 mM in active sites) and 200 mM 3-phospho-
shikimate was mixed with an equal volume of a solution of 
7 mM phospho[14C]enolpyruvate (32 mCi mmol-1). Both solutions 
contained 50 mM KCl and 50 mM potassium 2-[4-(2-hydroxy-
ethyl)piperazin-1-yl]ethanesulfonate, pH 7.0 and 20 ªC. The 
two solutions were mixed in a mixing chamber, the mixture 
flowed through a tube of a particular length, and the mixture 
was then quenched with 0.6 M HCl. This procedure was repeated 
with the same two solutions, varying the time each mixture 
spent between the mixing chamber and the quench solution 
by choosing different lengths of tubing. Each quenched solution 
was then extracted with chloroform and neutralized with KOH. 
Phospho[14C]enolpyruvate (3, solid line), 5-O-(1-[14C]carboxy-
vinyl)-3-phosphoshikimate (Í, solid line), and [14C]pyruvate 
(2, dashed line) were separated by high-pressure liquid chroma-
tography and quantified by their counts per minute. The con-
centrations of each compound in the unquenched mixture 
(micromolar) are plotted as a function of the intervals between 
mixing and quenching (milliseconds).  The sums of the concentra-
tions of phospho[14C]enolpyruvate and 5-O-(1-[14C]carboxy-
vinyl)-3-phosphoshikimate are also plotted (ˆ, dashed line).  
The concentrations of [14C]pyruvate observed were equal to 
the missing differences between sums of the concentrations of 
the other two substrates and the initial concentration of phospho-
enolpyruvate, and the [14C]pyruvate observed was assumed to 
represent an intermediate in the unquenched mixture that decom-
posed to pyruvate during the quench. The curves for the concen-
trations of  phospho[14C]enolpyruvate and 5-O-(1-[14C]carboxy-
vinyl)-3-phosphoshikimate are fits of the kinetic mechanism of 
Equation 5-360 to the data by numerical integration. 
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from P. aeruginosa and S-adenosyl-[carboxy-14C]-
¬-methionine were mixed with solutions of butyr-
yl-SACP, where ACP is acyl-carrier protein, and the 
reactions were quenched after various intervals. The 
decrease in S-adenosyl-[carboxy-14C]-¬-methionine 
and the increase in the intermediate N-butyryl-
2-adenosyl-[carboxy-14C]-¬-methionione (5-176) 
could be followed chromatographically. The decrease 
in the intermediate could then be followed as 
N-butyryl-[carboxy-14C]-¬-homoserine lactone, the 
ultimate product of the enzymatic reaction, was 
formed at the active site by intramolecular nucleo-
philic substitution.926 
 It is also possible to follow formation of the 
covalent intermediate of an enzyme by quenched 
flow. For example, one syringe in an apparatus for 
quenched flow was filled with a solution of active, 
31P-phosphorylated phosphoglucomutase (a-∂-glu-
cose-1,6-bisphosphate-dependent) (Equation 5-36) 
from O. cuniculus, and the other was filled with 
∂-glucose 1-[32P]phosphate. After these solutions 
were mixed in a rapid mixing chamber at a constant 
flow rate, the mixture passed through a tube of a 
particular length and was then mixed with trichloro-
acetic acid to precipitate the protein. Using a series 
of tubes of different lengths, the amount of 
[32P]phosphate attached covalently to the protein 
resulting from its phosphorylation of the 6-hydroxy 
group of ∂-glucose 1-[32P]phosphate and the sub-
sequent phosphorylation of the enzyme by the 
1-[32P]phospho group (Equation 5-36). This exchange 
of phospho groups on the enzyme could be followed 

 
 
Figure 5-27: Increase in [32P]phosphoenzyme after active, fully 
phosphorylated phosphoglucomutase from O. cuniculus was 
mixed with ∂-glucose 1-[32P]phosphate.928 A solution contain-
ing 32P-phosphorylated phosphoglucomutase [8.1 ¥ 103 cpm 
(nmol of active sites)-1] at a concentration of 0.15 mM was 
mixed with an equal volume of a solution of 2 mM ∂-glucose 
1-[32P]phosphate (75 ¥ 103 cpm nmol-1). Both solutions con-
tained 1 mM MgCl2 and were buffered at pH 7.5 and room 
temperature. The two solutions were mixed in a mixing chamber, 
the mixture flowed through a tube of a particular length, and 
the mixture was then introduced through the end of the tube 
into a rapidly swirling quench solution of 5% trichloroacetic 
acid. The protein that precipitated was collected by filtration, 
and the radioactivity (counts per minute) attached to the protein 
was determined by liquid scintillation counting. This procedure 
was repeated with the same two solutions, varying the interval 
each mixture spent between the mixing chamber and the 
quench solution by choosing different lengths of tubing. The 
individual measurements of the amount of phosphorus-32 
attached to protein (E-O32PO32- in counts per minute ¥ 10-3) 
are plotted as a function of intervals the mixtures spent in the 
tubing between the mixing chamber and the quench solution 
(milliseconds). Because the enzyme had some phosphorus-32 
attached at the beginning of the reaction, the amount at time 
zero does not equal 0. The curve is a fit of the data to Equation 
5-321 with a rate constant, kobs, of 112 s-1. 
 
 
 

 
as a function of the time spent between the mixing 
chamber and the quench solution (Figure 5-27).928 
 Pyruvate, phosphate dikinase from C. sym-
biosum (Equation 5-234) was rapidly mixed with 
Co[b-32P]ATP2- to follow the sum of the concentra-
tions of [32P]diphosphoenzyme (Equation 5-238) 
and [32P]phosphoenzyme (Equation 5-240) or with 
Co[g-32P]ATP2- to follow only the concentration of 
[32P]diphosphoenzyme. These mixtures were then 
quenched with 0.6 M HCl after various intervals 
(Figure 5-28).929 When the protein from these two 
time courses was precipitated with CCl4, it could be 
shown, by difference, that formation of [32P]diphos-
phoenzyme (2) preceded formation of [32P]phospho-
enzyme (ˆ), a result consistent with the proposed 
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mechanism of the enzyme.929 It could also be shown 
that formation of [32P]diphosphate (Í) followed for-
mation of [32P]diphosphoenzyme (2) and that for-
mation of [32P]phosphoenolpyruvate (ò) followed 
formation of [32P]phosphoenzyme (ˆ). This entire 
sequence is that expected from the proposed 
mechanism (Equations 5-238 to 5-241). 
 It is also possible to inject the effluent emerging 
from the mixing chamber, after it passes for a certain 
amount of time through a segment of tubing, directly 
into a mass spectrometer and thereby monitor the 
mass of the enzyme. For example, endo-1,4-b-xylan-
ase from N. circulans was mixed with the unnatural 
reactant 2,5-dinitrophenyl-b-xylobioside and, after 
passing for a defined interval through a length of 
tubing, the mixture was injected as an electrospray 
into a mass spectrometer. The appearance of a peak 
of molecular mass 20,649 Da could be followed as a 
function of time.930 This peak represents a xylobiosyl 
group (molecular mass = 265 Da) esterified to a glu-
tamyl group 

 

that is a covalent intermediate931,932 in the reaction 
catalyzed by the enzyme (molecular mass = 20,384 Da). 
Again, only atoms covalently attached to the protein, 
not those noncovalently attached such as molecules 
of water, remain associated with the polypeptide in 
the vacuum of the instrument. 
 More chemically explicit information about the 
identity of a covalent intermediate of an enzyme 
can be obtained as its formation is being followed. 
For example, the two cysteines that form a cystine 
during the mechanism of ribonucleoside-diphosphate 
reductase from E. coli (Figure 5-13) are found in 
the sequences -RQFSSCVLIECGD- and -ENGEIAL-
CTLSAFNLG-. When the enzyme is digested with 
glutamyl endopeptidase and chymotrypsin, these 
two cysteines end up in the peptides SSCVLIE and 
IALCTLSAF. Ribonucleoside-diphosphate reductase 
was mixed with the reactant CDP3-, and the effluent 
from the mixing chamber was quenched with acetic 
acid after various intervals. The protein was then  
 
 

 
 
Figure 5-28: Kinetic courses for the concentrations of the reactant 
MgATP2-, the diphosphorylated enzymatic intermediate, the 
product diphosphate, the phosphorylated intermediate, and 
the product phosphoenolpyruvate in the reaction catalyzed by 
pyruvate, phosphate dikinase from C. symbiosum.929 A solution 
containing pyruvate, phosphate dikinase (40 mM in active sites) 
was mixed with an equal volume of a solution of 12 mM 
AT[g-32P]P2- or 12 mM AT[b-32P]P2- and 2 mM pyruvate. Both 
solutions contained 2.5 mM CoCl2, 10 mM NH4Cl, 2 mM 
HOPO32-, and 50 mM potassium 2-[4-(2-hydroxyethyl)piper-
azin-1-yl]ethanesulfonate, pH 7.0 and 25 ªC. The two solutions 
were mixed in a mixing chamber, the mixture flowed through a 
tube of a particular length, and the mixture was then quenched 
with 0.6 M HCl. The protein in the quenched solution was precipi-
tated with CCl4, and the radioactivity in the precipitate was 
measured. This procedure was repeated with the same two 
solutions, varying the time each mixture spent between the 
mixing chamber and the quench solution by choosing different 
lengths of tubing. Radioactivity in the precipitates from 
AT[g-32P]P2- was assumed to represent only the diphosphory-
lated intermediate while that from AT[b-32P]P2- was assumed 
to represent both the diphosphorylated and phosphorylated 
intermediates. The supernate that remained after collecting 
the precipitated protein was submitted to high-pressure liquid 
chromatography to separate unreacted MgAT[32P]P2-, magnesi-
um [32P]diphosphate, and [32P]phosphoenolpyruvate, which were 
quantified by their radioactivity. The concentrations (micro-
molar) of MgAT[32P]P2- (3), 32P-diphosphorylated intermedi-
ate (2), magnesium [32P]diphosphate (Í), 32P-phosphorylated 
intermediate (ˆ), and [32P]phosphoenolpyruvate (ò) in the reaction 
mixtures are plotted as a function of the intervals between 
mixing and quenching (milliseconds). 
 

 
 
digested with glutamyl endopeptidase and chymo-
trypsin, the digest was passed over an immunoad-
sorbent specific for the carboxy-terminal sequence 
–VLIE, and the peptides eluted from the immuno-
adsorbent were submitted to chromatography. By 
this procedure, transformation of the peptide SSCVLIE 
into the peptide in which SSCVLIE is connected by 
a cystine with the peptide IALCTLSAF could be 
followed.500 
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 Enzymatic reactions can also be initiated rapidly 
by using a caged reactant without the need for the 
methods of either stopped flow or quenched flow. 
A caged reactant is a photolabile derivative of the 
reactant for an enzyme that is catalytically inactive 
but that decomposes upon photolysis to produce the 
catalytically active reactant. The photolysis that 
releases the actual reactant takes place in an optical 
cuvette, and the subsequent reaction, following 
release from the cage, can be followed spectro-
scopically. For example, caged ATP3- 

 

when photolyzed at 347 nm, decomposes to produce 
ATP4- at a rate of 2.2 ¥ 106 [H+] M-1 ms-1, which at 
pH 6 is 2.2 ms-1. The released ATP4- then combines 
with Mg2+ in the solution to give MgATP2-. Depending 
on the structure of the active site, a caged reactant 
can either associate to form a catalytically inactive 
complex or fail to associate with the active site at all 
until photolysis is performed.933 
 A solution of cytochrome-c oxidase and the 
binuclear complex 

 

which upon photolysis at 355 nm decomposes in less 
than 40 ns to produce O2 from the peroxide coordi-
nated to the two Co3+,934 was submitted to photolysis. 
Reduction of the O2 released from the cage by the 
two reduced hemes and the two Cu+ in the active 
site of cytochrome-c oxidase could be followed 
spectroscopically in the range between 450 and 
750 nm.935 The enzymatic reaction passed through 
three distinct intermediates over an interval of 
1 ms–10 ms. At least two of these intermediates would 
have formed and decayed within the dead time for 

stopped flow and would have been inaccessible by 
that method. 
 There is a similar strategy to observe interme-
diates that form in microseconds and that has long 
been employed in the study of hemoproteins. The 
tight complex between the iron of a hemoprotein 
and carbon monoxide is dissociated by light.936 
Such a complex is mixed in an apparatus for 
stopped flow with a solution of another ligand for 
the iron in the hemoprotein at a concentration 
high enough to outcompete carbon monoxide for 
reassociation with the iron. Upon cessation of the 
flow, the solution is exposed to an intense flash that 
causes the carbon monoxide to dissociate immedi-
ately, and association of the other ligand with the 
vacant iron and subsequent events can be monitored. 
For example, a complex between carbon monoxide 
and ferrous ubiquinol oxidase (H+-transporting) 
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from E. coli, where cyt refers to the cytoplasmic face 
of the enzyme and extra to the extracellular face, 
was mixed rapidly, in the absence of ubiquinol to 
prevent rereduction of the hemes, with a saturated 
solution of O2. The mixture was immediately ex-
posed to a short (7 ns) flash of light (532 nm) from a 
neodymium:yttrium–aluminum–garnet laser. Carbon 
monoxide dissociated, and from the first microsecond, 
association of oxygen and the sequence of five sub-
sequent intermediates formed during reduction of 
the O2 to two molecules of water could be observed 
by following the absorbance spectrum of the heme 
between 350 and 500 nm.937 
 
 There are two regimes under which an obser-
vation can be made by stopped flow or quenched 
flow. First, if the enzyme is mixed with concentrations 
of reactants that are all significantly greater than 
the concentrations of enzyme, then the enzyme 
will turn over many times until the equilibrium it 
catalyzes is reached. Rapid changes, however, occur 
as the steady state is being established during the 
pre-steady state. After this initial period, the appear-
ance of products or the disappearance of reactants 
then proceeds at the normal, steady-state rate, and 
the concentrations of intermediates remain constant 
at their steady-state levels. Second, if the kinetic 
experiment is purposely designed so that the enzyme 
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is prevented from completing more than one turn-
over, then the enzymatic reaction will proceed until 
a single turnover or a portion of a single turnover 
has been completed and will proceed no further. 
The rapid changes observed are uncomplicated by 
the establishment of a steady state when molecules 
of enzyme individually and stochastically complete 
their first turnover. These molecules of enzyme 
proceed with the second or even third turnover 
while other molecules are still finishing their first 
or have finished their first earlier. 
 In a measurement of the pre-steady state, when 
the appearance of a certain product or intermediate 
in an enzymatic reaction is being monitored by 
stopped flow or quenched flow, if that product or 
intermediate is formed in a step followed by signif-
icantly slower steps, then a burst of that product or 
intermediate will be observed before the steady 
state is established. 
 

Figure 5-29: Bursts monitored by stopped flow and quenched 
flow. (A) Burst in formation of AMP2- observed by stopped flow 
after the complex between adenine phosphoribosyltransferase 
and magnesium 5-phospho-a-∂-ribose 1-diphosphate was 
mixed with a solution of adenine.895 A solution containing 
250 mM magnesium 5-phospho-a-∂-ribose 1-diphosphate and 
11 mM active sites of adenine phosphoribosyltransferase from 
L. donovani was mixed with an equal volume of a solution of 
70 mM adenine in an apparatus for stopped flow. The solutions 
contained 10 mM MgCl and 100 mM tris(hydroxymethyl)methyl-
ammonium chloride at pH 7.5 and 27 ªC. The absorbance of 
the solution was monitored at 256 nm, the wavelength at 
which there is the largest difference in absorbance between 
AMP2- and adenine, and the absorbance (A256) is plotted as a 
function of time (milliseconds). The curve is a fit of Equation 
5-309 to the data (irregular dotted line), and the dashed line is 
an extrapolation of the later, linear portion of the curve (k0t). 
(B) Burst in formation of 3-hydroxy-¬-tyrosine observed by 
quenched flow after solutions of tyrosine 3-monooxygenase 
saturated with 6-methyltetrahydropterin were mixed with solu-
tions of ¬-tyrosine and O2.938 A solution of tyrosine 3-mono-
oxygenase (40 mM in active sites) from R. norvegicus and 2 mM 
6-methyltetrahydropterin was mixed with an equal volume of a 
solution containing 500 mM ¬-tyrosine and 1.9 mM O2. Both 
solutions contained 10% glycerol, 0.1 M KCl, and 200 mM potas-
sium 2-[4-(2-hydroxyethyl)piperazin-1-yl]ethanesulfonate, 
pH 7.5 and 5 ªC. The two solutions were mixed in a mixing 
chamber, the mixture flowed through a tube of a particular 
length, and the mixture was then quenched with 5 M HCl. The 
quenched solution was submitted to high-pressure liquid 
chromatography to isolate 3-hydroxy-¬-tyrosine, which was 
quantified by its fluorescence. This procedure was repeated 
with the same two solutions, varying the time each mixture 
spent between the mixing chamber and the quench solution 
by choosing different lengths of tubing. The moles of 3-hydroxy-
¬-tyrosine (mole of active sites of tyrosine 3-monooxygenase)-1 
in the reaction mixtures are plotted as a function of the intervals 
(seconds) between mixing and quenching. Adapted with permis-
sion from reference 895. Copyright 2002 American Chemical 
Society. https://doi.org/10.1021/bi0158730 
 
 
 
 A burst of product is the rapid appearance of 
an amount of product that is equal in molar concen-
tration to the molar concentration of active sites in 
the solution and that can be distinguished kinetically 
from the much slower accumulation of product 
that follows the burst and proceeds at the normal 
steady-state rate. For example, when a solution of 
adenine phosphoribosyltransferase (Problem 3-15) 

 
                (5-308) 

from L. donovani, the active site of which had been 
saturated with magnesium 5-phospho-a-∂-ribose 
1-diphosphate, was mixed with a solution of adenine, 
an increase in the molar concentration of AMP2– 
proceeded rapidly in a burst (Figure 5-29A).895 The 
data could be fit to the equation 
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         (5-309) 

The size of the burst (DA), determined by extrapola-
tion to zero time, was directly proportional to the 
molar concentration of active sites in a series of 
measurements at different concentrations of enzyme. 
Following the burst, AMP2- was produced at a linear 
rate equal to the steady-state initial rate (v0) separately 
measured under these conditions. The explanation 
for this behavior is that there is a step in the enzy-
matic reaction following formation of AMP2- on the 
active site that is slower than all steps preceding 
formation of AMP2-. For that reason, the initial 
formation of AMP2- at each active site is more rapid 
than the steady-state rate for subsequent formation of 
AMP2-, which is limited by the slower steps following 
the production of AMP2-. 
 A solution of tyrosine 3-monooxygenase  

     
                (5-310) 

from R. norvegicus, the active site of which had 
been saturated with 6-methyltetrahydropterin, was 
mixed with a solution of ¬-tyrosine and O2, and 
then the reaction was quenched after various inter-
vals with 5 M HCl. An increase in the concentration 
of the product 3-hydroxy-¬-tyrosine in the 
quenched solutions proceeded rapidly in a burst 
(Figure 5-29B),938 the size of which was equivalent 
to the molar concentration of active sites, and then 
3-hydroxy-¬-tyrosine was produced at the steady-
state rate for the concentrations present. 
 In observations made by stopped flow or 
quenched flow, it is also possible to observe a lag in 
the accumulation of product. If the actual formation 
of the product being monitored is preceded by one 
or several slow steps, the increase in its concentration 
will proceed slowly at first and then accelerate until 
the steady-state rate is established. For example, when 
sulfate adenylyltransferase from E. coli, saturated 
with AMP2- and magnesium diphosphate, is mixed 
with MgGTP2-, the GTPase that is an inherent activity 
of the enzyme, even though it is unrelated to catalysis, 
is initiated. The MgGDP- released from the active 
site of this GTPase into the solution was monitored 
in an apparatus for stopped flow by a coupled enzy-
matic assay that registered MgGDP- in the solution 
by a decrease in the absorbance of NADH. Since its  

 
 
Figure 5-30: Lag in formation of MgGDP- free in solution, observed 
by stopped flow, and burst in formation of MgGDP- within the 
site for hydrolysis of MgGTP2- on sulfate adenylyltransferase, 
observed by quenched flow.896 A solution of sulfate adenylyl-
transferase from E. coli (40 mM in active sites) was mixed with 
an equal volume of a solution of 1.0 mM MgGTP2- at 25 ªC. 
Both solutions also contained 1.0 mM AMP, 0.1 mM diphosphate, 
2.2 mM MgCl2, and 50 mM potassium 2-[4-(2-hydroxyethyl)-
piperazin-1-yl]ethanesulfonate, pH 8.0. For the stopped-flow 
observations, the second solution also contained a coupled 
assay for MgGDP- free in solution consisting of 200 mM pyruvate 
kinase, 2.0 mM phosphoenolpyruvate, 72 mM lactate dehydro-
genase, and 0.28 mM NADH. For the quenched-flow observations, 
the second solution contained 80 mCi mL-1 of [g-32P]MgGTP2-. 
In the stopped-flow experiments, the MgGDP- free in solution 
was converted to MgGTP2- by pyruvate kinase; the pyruvate 
produced was converted to lactate by lactate dehydrogenase; 
and the NADH, monitored by its fluorescence, decreased in 
concentration as it was converted to NAD+. The increase in 
MgGDP- free in solution (data points in lower trace) was calcu-
lated from the decrease in fluorescence. In the quenched-flow 
experiments, the two solutions were mixed in a mixing chamber, 
the mixture flowed through a tube of a particular length, and the 
mixture was then quenched with 0.1 M sodium hydroxide and 
0.1 M sodium ethylenediaminetetraacetate. This procedure was 
repeated with the same two solutions, varying the time each 
mixture spent between the mixing chamber and the quench 
solution by choosing different lengths of tubing. Each quenched 
solution was submitted to thin-layer chromatography to isolate 
GDP3-, which was quantified by its radioactivity. The moles of 
MgGDP- free in solution (mole of active sites of GTPase)-1 (data 
points in lower trace) and the moles of total MgGDP- (mole of 
active sites of GTPase)-1 (3) in the reaction mixtures are plotted 
as a function of the intervals between mixing and observation 
or between mixing and quenching (seconds). The curves through 
the data are fits of a kinetic mechanism proposed by the authors. 
Adapted with permission from reference 896. Copyright 2001 
American Chemical Society. https://doi.org/10.1021/bi015735a 
 
 

 
dissociation from the active site is the last step in 
the enzymatic reaction, it is not surprising that a 
lag in its appearance in the solution was observed 
(Figure 5-30, lower trace).896 When the production 
of MgGDP- was followed by quenched flow, however, 
where MgGDP- in solution and MgGDP- within the 
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active site cannot be distinguished because the 
quench denatured the enzyme and released MgGDP– 
bound in the active site, it was observed that 
MgGDP- appeared rapidly in a burst rather than a 
lag (Figure 5-30; ◊). These results together demon-
strate that the rate-limiting step of the reaction is 
not hydrolysis of MgGTP2- on the active site but 
dissociation of MgGDP- from the active site into 
the solution. In this sense, the reaction resembles 
that of myosin ATPase in the absence of actin. After 
the burst and after the lag, once the steady state 
had been established, both the appearance of 
MgGDP- in the solution and the appearance of 
MgGDP- within the active site proceeded at the 
same rate because that is a fundamental property 
of a steady state. By definition, once an active site has 
achieved steady state, all the rates for formation of 
intermediates and products are identical. The size 
of the burst (extrapolation of the rate at steady 
state) was equivalent to 0.32 active site. After the 
steady state was established, however, the lag between 
the two lines, which registers the amount of MgGDP– 
bound in the active site in the steady state, is 
equivalent to 0.57 active site (vertical double arrow). 
This increase in the amount of MgGDP- associated 
with the active site occurs as the steady state is estab-
lished. 
 A paradigm of an experiment in which an active 
site is confined to a single turnover is the one in 
which a solution of chorismate synthase (previously 
Equation 4-175) 

  
                  (5-311) 

from E. coli was mixed with a solution of its single 
reactant 5-O-(1-carboxyvinyl)-3-phosphoshikimate 
so that the final concentrations were 105 mM in active 
sites and 70 mM in reactant. The dissociation constant 
for enzyme and reactant is less than 0.2 mM, so as soon 
as the reactant had associated with the enzyme 
(> 50 ms-1), every molecule of the reactant (>99.4%) 
was associated with an active site of the enzyme and 
was then converted to product in a single turnover.939 
 In the experiment in which pyruvate is reduced 
by the complex between ¬-lactate dehydrogenase 
and NADH (Figure 5-21), almost all (85%) of the 

molecules of NADH (20 mM) in the initial solution 
with the enzyme (28 mM) are associated with active 
sites (Kd = 2 mM) and are oxidized to NAD+ in a single 
turnover. In the experiment (Figure 5-26) in which 
3-phosphoshikimate 1-carboxyvinyl transferase 
(20 mM), the active sites of which were fully saturated 
(96%) with 3-phosphoshikimate (200 mM; Kd = 7 mM), 
was mixed with a solution of phospho[14C]enolpyru-
vate, so that the final concentration of the complex of 
enzyme and 3-phosphoshikimate was 9.3 mM and 
that of phospho[14C]enolpyruvate was 3.5 mM, the 
active sites initially were only partially occupied by 
phosphoenolpyruvate. In this instance, however, the 
almost 3-fold excess of enzyme over phosphoenol-
pyruvate ensured that the reaction was confined to 
a single turnover. An extreme example of enzyme 
in excess is a kinetic experiment with orotidine-
5A-phosphate decarboxylase (Equation 5-243) from 
S. cerevisiae, in which enzyme (7 mM) was mixed at 
14-fold molar excess over orotidine 5A-phosphate 
(0.5 mM) so that almost all (86%) of the molecules of 
orotidine 5A-phosphate would occupy an active site 
initially. As these molecules of orotidine 5A-phosphate 
were decarboxylated, their decarboxylation would 
draw the rest into other active sites by mass action. 
In this way, a minority of the active sites ended up 
catalyzing only a single turnover while the majority 
catalyzed no turnover at all. 
 Enzymatic reactions that convert more than one 
reactant to products, which represent the majority 
of enzymes, can be confined to only a portion of 
their reaction by leaving out one reactant. For 
example, when cysteine synthase (Equation 5-298) 
is mixed only with O-acetyl-¬-serine, the enzymatic 
reaction ceases after the pyridoximine of 2-amino-
acrylate (Equation 5-299) is formed (Figure 5-24) 
because no hydrogen sulfide is present. The steps 
preceding production of the pyridoximine of 2-amino-
acrylate could be spectroscopically defined. The 
pyridoximine of 2-aminoacrylate was pre-formed 
in the active site of the enzyme under the same 
conditions and then mixed with hydrogen sulfide, 
and its conversion to ¬-cysteine (kobs > 1 ms-1) 
could be followed separately.900 
 When 3-hydroxy-2-methylquinolin-4-one 2,4-di-
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                (5-312) 

from Paenarthrobacter nitroguajacolicus is mixed 
with the reactant 3-hydroxy-2-methyl-1H-quinolin-
4-one in the absence of oxygen, the active site is 
unable to complete the reaction (second step in 
Equation 5-312). Upon mixing the reactant and the 
enzyme anaerobically at pH 6.5 in an apparatus for 
stopped flow, there is a rapid (430 s-1) change in the 
absorbance spectrum of the solution as an inter-
mediate in the enzymatic reaction is formed. The 
absorbance spectrum of the intermediate is that of 
the anionic conjugate base of 3-hydroxy-2-methyl-
1H-quinolin-4-one, which is not present at pH 6.5 
(pKa = 10.4). It was concluded that the first step in 
the reaction is removal of a hydron from the 
3-hydroxy group of 3-hydroxy-2-methyl-1H-quinolin-
4-one by a catalytic base in the active site.940 In the 
crystallographic molecular model of the active site 
of a mutant of the enzyme occupied by 3-hydroxy-
2-methyl-1H-quinolin-4-one, the side chain adjacent 
to the 3-hydroxy group is the imidazolyl group of 
Histidine 251. When Histidine 251 is mutated to 
alanine, the rate constant k0 Km

-1 at pH 6.5 decreases 
by a factor of 5 ¥ 105, and there was no longer a 
change in absorbance indicative of dehydronation 
of 3-hydroxy-2-methyl-1H-quinolin-4-one even at 
long times after it was mixed anaerobically with the 
enzyme. The rate constant for dehydronation of 
3-hydroxy-2-methyl-1H-quinolin-4-one in the unmu-
tated active site increases through an apparent pKa 
of 7.2 to a maximum rate of 1.3 ms-1. This pKa has 
been assigned to the imidazolyl group of Histidine 251 
when it is in a hydrogen bond with the 3-hydroxy 
group of 3-hydroxy-2-methyl-1H-quinolin-4-one in 
the Michaelis complex. At low pH, the imidazolyl 
group is hydronated and unable to participate in the 
hydrogen bond. Direct observation of the transfer 
of the hydron simplifies the assignment of this pKa. 

 A variation on this strategy of leaving out one 
reactant is applied when the enzyme of interest 
catalyzes an oxidation–reduction and oscillates 
between a reduced and an oxidized form. Usually, 
a prosthetic group on the enzyme is either oxidized 
or reduced. For example, fructosyl amine oxidase 
(glucosone-forming) 

   
                (5-313) 

from Aspergillus fumigatus is a flavoenzyme. When 
enzyme in which the flavin is oxidized is mixed with 
only N-(1-deoxy-∂-fructos-1-yl)glycine, the flavin is 
reduced, and the reaction ceases in the middle of 
the first turnover because no O2 is present to reoxi-
dize the flavin. When enzyme in which the flavin is 
reduced is mixed with O2, the flavin is oxidized, and 
the reaction ceases in the middle of the first turn-
over because no N-(1-deoxy-∂-fructos-1-yl)glycine 
is present.941 Consequently, both reduction and 
oxidation of the flavin, each of which are half of a 
single turnover, can be monitored separately. 
 When the active site of 4-hydroxybenzoate 
3-monooxygenase [NAD(P)H] (see Equation 5-304) 
was occupied by 4-hydroxybenzoate at saturation 
and its prosthetic flavin was then reduced with dithio-
nite, a solution of the complex of 4-hydroxybenzoate 
and reduced enzyme was produced. This complex 
was then mixed with a solution containing O2. Fol-
lowing addition of O2 to the flavin (Equation 5-302) 
to produce 4a-hydroperoxyflavin (5-174), hydrox-
ylation of 4-hydroxybenzoate by 4a-hydroperoxyflavin 
(Figure 2-48) proceeds, but the reaction ceases in 
the middle of the first turnover because there is no 
NADPH to reduce the oxidized flavin. By monitoring 
changes in absorbance of the flavin at 385 and 470 nm 
as well as the fluorescence of 4a-hydroxyflavin 
(5-175), three individual steps—formation of 
4a-hydroperoxyflavin from oxygen and a hydron, 
hydroxylation of 4-hydroxybenzoate by 4a-hydro-
peroxyflavin, and dissociation of the resulting 
4a-hydroxyflavin (5-175) to produce oxidized flavin 
and a molecule of water—could each be followed.907 
 
 A major reason for examining an enzymatic 
reaction by stopped flow or quenched flow is to 
discover intermediates. As the last example and 
several earlier ones demonstrate, stopped flow and 
quenched flow can be used to observe the enzyme 
stepping through its intermediates. So far, examples 
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have been presented in which the accumulation of 
an intermediate and its conversion to the next inter-
mediate or to product are followed directly. In the 
case of hydrolysis of nitrocefin by b-lactamase 
(Figure 5-23), the accumulation and subsequent 
conversion of the single intermediate in the reaction 
was monitored by its absorbance (lmax = 655 nm). 
In this case of acyl-homoserine-lactone synthase 
(Equation 5-306), the accumulation and subsequent 
conversion of the single kinetic intermediate (5-176) 
in the enzymatic reaction was followed chromato-
graphically. The single covalent xylobiosyl covalent 
intermediate (5-177) in the reaction catalyzed by 
endo-1,4-b-xylanase was observed by mass spec-
trometry. In the cases of cysteine synthase (Figure 
5-24) and ornithine decarboxylase (Figure 5-25), 
the two intermediates and the three intermediates, 
respectively, were distinguished by the unique 
spectra of their adducts with pyridoxal phosphate. 
The prosthetic flavins in the three consecutive inter-
mediates in reduction of the oxidized prosthetic 
flavin in the active site of dihydrolipoyl dehydrogenase 
from M. tuberculosis have unique absorption spectra 
and could be monitored spectrally as they succes-
sively increased and then decreased in concentra-
tion,942 just as consecutive spectra of the prosthetic 
flavin and its fluorescence could be used to monitor 
the consecutive intermediates in oxidation of reduced 
4-hydroxybenzoate 3-monooxygenase and in oxida-
tion of reduced 3-hydroxybenzoate 6-monooxygenase. 
 A deoxygenation is catalyzed by CDP-4-dehydro-
6-deoxyglucose reductase (previously Equation 2-41) 

        
                (5-314) 

The overall reaction is a reduction requiring two 
electrons. These two electrons are provided in two 
consecutive electron transfers from a single prosthetic 
[4Fe-4S] iron–sulfur cluster within the active site. 
The prosthetic [4Fe-4S] iron–sulfur cluster in the 
active site is reduced in turn by a unique electron-
carrier protein, which is a flavoprotein containing 
its own single prosthetic [4Fe-4S] iron–sulfur cluster, 
and, upon transferring two electrons, with flavin 
semiquinone as an intermediate, its oxidized pros-
thetic flavin is reduced by NADH. CDP-4-Dehydro-
6-deoxyglucose reductase from Y. pseudotuberculosis, 
in which the prosthetic [4Fe-4S] iron–sulfur cluster 

is oxidized and in the absence of the electron-
carrier protein, was mixed with CDP-4-dehydro-6-
deoxyglucose. Four consecutive intermediates (previ-
ously Equation 2-42) 

   
                (5-315) 

each of which accumulates and is then turned into 
the next, could be identified in an apparatus for 
stopped flow by following the absorbance of the 
prosthetic pyridoxamine 5¢-phosphate at eight dif-
ferent wavelengths. The reaction ceases when the 
fourth intermediate has formed because no reductant 
is available. CDP-4-Dehydro-6-deoxyglucose reduc-
tase on which the fourth intermediate had accumu-
lated was then mixed with NADH and reduced 
flavoprotein in an apparatus for quenched flow in 
which the solution emerging after passage through 
tubes of different lengths was rapidly frozen. A fifth 
intermediate, which was a radical that could be 
identified by electron paramagnetic resonance 
spectroscopy of the frozen samples, was formed 
from the fourth intermediate by transfer of one 
electron from the now-reduced prosthetic [4Fe-4S] 
iron–sulfur cluster in the active site. A sixth, fully 
reduced intermediate, the N-(5¢-phosphopyridoxyl)-
imine of the final product CDP-4-dehydro-3,6-
dideoxy-∂-glucose, was then produced by a second 
electron transfer. These results from quenched flow 
revealed the intermediate radical in the final reduc-
tion, which is widely delocalized over the p molecular 
orbital system of the N-(5¢-phosphopyridoxyl)imine.943 
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 There are also several ways in which formation 
and conversion of intermediates can be observed 
indirectly. 
 When the concentrations of both reactants and 
products of the stoichiometric reaction catalyzed 
by an enzyme are followed, a failure of the sum of 
the molar concentrations of reactants and products 
to remain constant with time and to equal the initial 
concentration of reactant is evidence that an inter-
mediate which accounts for the missing moles is 
accumulating. For example, the sum of the molar 
concentrations (Figure 5-26) of phospho[14C]enol-
pyruvate (3), a stoichiometric reactant in the reaction 
catalyzed by 3-phosphoshikimate 1-carboxyvinyl-
transferase from E. coli (Equation 5-178), and 
5-O-(1-[14C]carboxyvinyl)-3-phosphoshikimate (Í), 
a stoichiometric product, could be calculated for 
each interval of quenched flow.308 This sum of the 
concentrations (ˆ) decreases and then increases as 
the single turnover of the enzyme proceeds. In this 
instance, the missing moles could be accounted for 
by an increase and then a decrease in the concen-
tration of [14C]pyruvate (2), which also appeared 
on the chromatograms of the quenched samples. 
The accepted intermediate in this enzymatic reaction 
(previously 3-81) 

 

because it is the phosphorylated hemiketal of pyru-
vate, should be hydrolyzed in the strong acid used to 
quench the reaction to give pyruvate, so the increase 
and then the decrease in the amounts of [14C]pyruvate 
in the quenched solutions represent the accumula-
tion of this intermediate on the active site and then 
its conversion to product, respectively. 
 In the case of the single turnover of chorismate 
synthase from E. coli, the sum of the molar concen-
trations of the reactant, 5-O-(1-carboxyvinyl)-
3-phosphoshikimate, and the product, chorismate, 
in measurements quenched flow decreases as the 
reaction begins and then increases again as it ends, 
just as was observed for 3-phosphoshikimate 
1-carboxyvinyltransferase (Figure 5-26). The missing 
moles increase to a maximum at 20 ms and then 
decrease. This increase and decrease in the missing 
moles coincides with the increase and decrease in 
the amount of an intermediate detected spectrally by 

following the changes in the complete absorption 
spectrum of the prosthetic flavin in the active site 
of the enzyme.939 In this instance, because no extinc-
tion coefficient for the intermediate observed spectro-
scopically was available, its molar concentration 
could not be estimated from the spectra alone. 
Nevertheless, because of the coincidence over the 
course of the reaction, it was concluded that this 
spectrally identified species accounted entirely for the 
missing moles, and hence its molar concentration 
and consequently its extinction coefficient could be 
estimated. 
 Another indication of the accumulation of an 
intermediate in an active site is a lag between the 
appearance of one product of the reaction and the 
appearance of another product. For example, 
haloalkane dehalogenase (750 mM) from Rhodococ-
cus rhodochrous, which catalyzes the reaction 

   
                (5-316) 

was mixed with 1,3-dibromopropane (400 mM; 
Kd = 200 mM), and the concentrations of reactants 
and products were followed by quenching the reaction 
at different times and submitting the quenched 
samples to chromatography (Figure 5-31).944 The 
increase in the concentration of Br- (Í) over the 
first 20 ms (0.3 ms-1) was stoichiometric with the 
decrease in the concentration of 1,3-dibromo-
propane (3), but the appearance of the other prod-
uct, 3-bromopropan-1-ol (2), was much slower 
(0.015 ms-1) and lagged significantly behind the 
production of Br-. It was concluded that this behavior 
was a consequence of rapid accumulation of the 
b-aspartyl ester of 3-bromopropan-1-ol as a covalent 
intermediate (see Equations 5-10 and 5-11), which 
was stable in the 0.6 M HCl used to quench the 
reaction, and its subsequent slow hydrolysis (Equa-
tion 5-12). 
 In the case of argininosuccinate synthase, the 
lag between the appearance of two products is not 
the result of formation of a covalent intermediate but 
formation of a noncovalent intermediate. Arginino-
succinate synthase catalyzes the nucleophilic substi-
tution 
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                (5-317) 

at a carbonate carbon. During the reaction catalyzed 
by the bovine enzyme, oxygen-18 in [ureido-18O]-
¬-citrulline is transferred to the phosphate of the 
product AMP2-.945 This observation suggests that 
¬-citrulline adenylate is formed as a noncovalent 
intermediate in the enzymatic reaction in the active 
site946 

         
                (5-318) 

This adenylation would activate the ¬-citrulline for 
nucleophilic substitution and explain in molecular 
terms how the free energy of hydrolysis of MgATP2– 
is firmly and chemically coupled to the nucleophilic 
substitution. No isotopic exchanges in the absence 
of ¬-aspartate, however, which would be expected 
from Equation 5-318, have been observed.947 
 Solutions of bovine argininosuccinate synthase 
were mixed in an apparatus for quenched flow with 
solutions containing ¬-citrulline, MgATP2-, and 
¬-aspartate, the stoichiometric reactants in the equa-
tion. After each individual reaction had proceeded 
for a specific interval, the mixtures were quenched 
with 0.25 M H2SO4. The molar concentrations of 
AMP2- (◊) and 2-(Nw-¬-arginino)succinate (2), the 
 
 

 
 
Figure 5-31: Kinetic courses for the concentrations of the reac-
tant 1,3-dibromopropane and the products Br- and 
3-bromopropan-1-ol in the reaction catalyzed by haloalkane 
dehalogenase from R. rhodochrous.944 A solution of haloalkane 
dehalogenase (1.5 mM in active sites) was mixed with an equal 
volume of a solution of 0.8 mM 1,3-dibromopropane. Both so-
lutions contained 1 mM dithiothreitol and 50 mM NaHCO3, 
pH 9.4 and 30 ªC. The two solutions were mixed in a mixing 
chamber, the mixture flowed through a tube of a particular 
length, and the mixture was then quenched with 0.8 M H2SO4. 
This procedure was repeated with the same two solutions, var-
ying the time each mixture spent between the mixing chamber 
and the quench solution by choosing different lengths of tub-
ing. Each quenched solution was then extracted with diethyl 
ether and neutralized with NaHCO3. 1,3-Dibromopropane (3) 
and 3-bromopropan-1-ol (2) in the diethyl ether were separat-
ed and quantified by gas chromatography, and Br- (Í) in the 
aqueous phase was isolated by ion-exchange chromatography 
and quantified. The concentrations of each compound in the 
unquenched mixture (millimolar) are plotted as a function of 
the intervals between mixing and quenching (seconds). The 
curves are the fit to the data by numerical integration of the 
kinetic mechanism of Equation 5-368. 
 
 
 
 
stoichiometric products, in the acid solutions emerg-
ing from the second mixing chamber increased as 
the time spent between the two mixing chambers 
was increased (Figure 5-32).948 The concentration 
of 2-(Nw-¬-arginino)succinate increased at a rate 
equal to the steady-state rate of the enzymatic reaction 
from the first instant, but a burst in the concentration 
of AMP2- occurred before the rate of its production 
became equal to that of 2-(Nw-¬-arginino)succinate. 
An explanation for these observations is that the 
burst of AMP2- in the acid solution resulted from a 
burst of ¬-citrulline adenylate in the active site that 
decomposed rapidly to AMP2- and ¬-citrulline after  
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being released from the active site by denaturation 
of the protein. If this is so, then ¬-citrulline adenylate 
is formed rapidly (kobs = 9.7 s-1), early in the enzymatic 
reaction, and 2-(Nw-¬-arginino)succinate is formed 
subsequently in a slow step (kobs = 0.6 s-1) that is 
rate-limiting for turnover of the enzyme. 
 
 Another purpose of stopped flow and quenched 
flow is to determine numerical values for the rate 
constants governing the steps in the enzymatic 
reaction in which intermediates participate. Because 
these measurements, both for pre-steady-state obser-
vations and for observations of single turnovers, are 
made before a steady state is established, the kinetics 
are not steady-state kinetics, such as those applied 
to initial rates for enzymatic reactions, but those 
for normal chemical reactions. Consequently, 
standard derivations of integrated rate equations 
for first-order, pseudo-first-order, second-order, and 
consecutive first-order reactions and numerical 
integration of the differential equations for more 
complex circumstances are the relevant treatments. 
Again, as with all kinetic measurements, the obser-
vations must be distinguished from the explanation 
in the form of a kinetic mechanism provided by the 
investigators for those observations and the observed 
rate constants. 
 Most of the kinetic courses in observations made 
by stopped flow or quenched flow are, by design, 
for first-order reactions or consecutive first-order 
reactions. The kinetic course of such a reaction or 
series of reactions is referred to as a first-order relaxa-
tion or a sequence of first-order relaxations. The 
reciprocal of the first-order rate constant observed 
for a given first-order relaxation is referred to as a 
relaxation time, t. It is the time during which the 
overall change in concentration falls to e-1 of its initial 
value. If a first-order relaxation or a series of first-
order relaxations is not observed, the system is often 
altered by varying the initial conditions until one is.  
 The general equation for a single first-order 
relaxation* is 

            (5-319) 

where x is either the molar concentration of a reactant, 
 
                                     
*The relaxation time is formally defined as the time, t, during 
which the overall change in concentration falls to e-1 of its initial 
value. Consequently, at the relaxation time, the quotient in 
Equation 5-319 is equal to e-1 and kobst must equal 1. 

 
 
Figure 5-32: Burst in formation of AMP2- observed by 
quenched flow during the reaction of argininosuccinate syn-
thase.948 A solution of bovine argininosuccinate synthase 
(34 mM in active sites) was mixed with an equal volume of a 
solution containing 5.0 mM ¬-citrulline, 2.0 mM MgATP2-, and 
5.0 mM ¬-aspartate. Both solutions contained 9 mM MgCl2 and 
100 mM 2-amino-2-(hydroxymethyl)propane-1,3-diol chloride, 
pH 8.0 and 22 ªC. The two solutions were mixed in a mixing 
chamber, the mixture flowed through a tube of a particular 
length, and the mixture was then quenched with 0.25 M H2SO4. 
This procedure was repeated with the same two solutions, varying 
the time each mixture spent between the mixing chamber and 
the quench solution by choosing different lengths of tubing. A 
portion of each quenched solution was submitted to high-
pressure liquid chromatography to isolate AMP2-, which was 
quantified by its absorbance. Another portion of each 
quenched solution was brought to pH 7 and mixed with a 
solution of bovine argininosuccinate lyase to hydrolyze 
2-(Nw-¬-arginino)succinate (argininosuccinate) to fumarate 
and ¬-arginine. Each sample was then submitted to high-
pressure liquid chromatography to isolate fumarate, which 
was quantified by its absorbance. The moles of AMP2- (mole of 
active sites of argininosuccinate synthase)-1 and the moles of 
2-(Nw-¬-arginino)succinate (mole of active sites of arginino-
succinate synthase)-1 in the reaction mixtures are plotted as a 
function of the intervals between mixing and quenching (seconds). 
 
 

 
intermediate, or product in the reaction or any 
physical property—such as absorbance, fluores-
cence, or counts per minute—that is directly pro-
portional to the concentration of a reactant, 
intermediate, or product; x0 is the value for that 
quantity at time zero; x is the value for that quantity 
at any time during the kinetic course; and x• is the 
value for that quantity when the reaction reaches 
equilibrium and changes in physical properties 
cease. 
 Because the extinction coefficients or any other 
constants proportional to concentration are the 
same for all x, these constants of proportionality, as 
well as the units of concentration, cancel in the 
quotient. The rate constant obtained by the fit of  
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Figure 5-33: Monitoring the dissociation of 5,6,7,8-tetrahydro-
folate from the active site of dihydrofolate reductase by 
stopped flow.950 A solution containing dihydrofolate reductase 
from E. coli (1.0 mM in active sites) and 4.4 mM 5,6,7,8-tetra-
hydrofolate was mixed with an equal volume of a solution of 
106 mM methotrexate in an apparatus for stopped flow. Both 
solutions also contained 50 mM sodium 2-(N-morpholino)-
ethanesulfonate, 25 mM 2-amino-2-(hydroxymethyl)propane-
1,3-diol chloride, and 25 mM ethanolammonium chloride, 
pH 6.0 and 25 ªC. The solution in the observation chamber was 
monitored by fluorescence at 340 nm with excitation at 290 nm. 
The intrinsic fluorescence of the enzyme was monitored in this 
way. The decrease in intrinsic fluorescence of the enzyme as a 
percentage of the initial reading (data points) is presented as a 
function of time (seconds). The solid curve is the fit of Equa-
tion 5-319 to the data with a rate constant of 1.4 ± 0.2 s-1. 
Adapted with permission from reference 950. Copyright 1987 
American Chemical Society. https://doi.org/10.1021/bi00387a052 
 
 
 
Equation 5-319 to the data is an observed rate 
constant. For example, the kinetic course for the 
absorbance at 340 nm (A340), recording the loss of 
NADH in the active site of ¬-lactate dehydrogenase 
(Figure 5-21), could be fit with the equation 

          (5-320) 

The observed rate constant (kobs) governing the 
first-order decrease in absorbance884 is 22 s-1. The 
increase in counts per minute of phosphorus-32 
bound to phosphoglucomutase (E–O32PO3

2– in Fig-
ure 5-27) could be fit (solid line) with the equation 

               (5-321) 

where E-32P is E–O32PO3
2–. The observed rate constant 

governing the first-order increase in counts per 
minute is 110 s-1. 
 An observed first-order rate constant provides 
no insight into the events that are occurring in the 
active site. As usual, an explanation for the observed 
rate constant requires that the investigator propose 
a kinetic mechanism. The simplest case of a first-order 
relaxation is a situation in which a reaction, by design, 
is confined to one step. For example, dihydrofolate 
reductase (1.0 mM) from E. coli (Equation 5-305) 
that was saturated with 5,6,7,8-tetrahydrofolate 
(4.4 mM; Kd = 0.1 mM) was mixed with a solution of 
methotrexate (106 mM), which rapidly associates, 
with high affinity (Kd = 9 nM),949 with an empty active 
site of the enzyme in place of 5,6,7,8-tetrahydro-
folate. As 5,6,7,8-tetrahydrofolate dissociates from 
an active site, that active site is immediately and 
stoichiometrically occupied with methotrexate. As 
methotrexate associates with vacated active sites, 
its fluorescence is quenched. The decrease in fluores-
cence of methotrexate measures the rate at which 
5,6,7,8-tetrahydrofolate vacates the active site (Fig-
ure 5-33).950 The first-order decrease in fluorescence 
can be fit with Equation 5-319 (solid line). 
 To explain this observed behavior, it was assumed 
by the investigators that the dissociation of 5,6,7,8-tetra-
hydrofolate being monitored is a simple uncompli-
cated dissociation that proceeds in a single step, 
for which the kinetic mechanism is 

             (5-322) 

where, in this instance, E is an active site of dihydro-
folate reductase that does not have 5,6,7,8-tetra-
hydrofolate associated with it and A is 5,6,7,8-tetra-
hydrofolate. Because methotrexate immediately 
occupies any empty active sites, at the outset of the 
observation all active sites that will be monitored as 
time passes are occupied with 5,6,7,8-tetrahydro-
folate so that at any time t 

           (5-323) 

where [E] is the concentration of active sites from 
which 5,6,7,8-tetrahydrofolate has dissociated 
since the reaction was initiated and that have been 
filled immediately with methotrexate, [E·A] is the 
concentration of active sites still occupied by 
5,6,7,8-tetrahydrofolate, and [E·A]0 is the concen-
tration of occupied active sites at the beginning of the 
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reaction. From the kinetic mechanism proposed in 
Equation 5-322, it follows that 

             (5-324) 

The rate equation upon integration is 

          (5-325) 

which, because [E]• = [E·A]0 and [E]0 = 0, upon rear-
rangement becomes 

       (5-326) 

where F is fluorescence, the quenching of which is 
directly proportional to [E]. From an examination 
of this integrated rate equation, it can be seen that 
kobs = k-1. A rate constant k-1 of 1.4 s-1 was obtained 
from a fit of Equation 5-326 to the data. 
 In the case of ¬-lactate dehydrogenase (Fig-
ure 5-21), the observed first-order rate constants 
(kobs) measured at various concentrations of pyruvate 
displayed saturation (Figure 5-21B), an observation 
that can be explained with the kinetic mechanism 

     
                (5-327) 

but only if k1 and k-1 are so large that the complex 
E·NADH·pyruvate is in equilibrium at all times with 
E·NADH and free pyruvate (pyr). If this is the case, 
then the observed first-order rate constant, kobs, 
will be  

                (5-328) 

where the dissociation constant for pyruvate 
Kpyr = k-1 (k-1)-1. Therefore, at saturation with pyru-
vate, the observed first-order rate constant for the 
reaction should be k2, the rate constant for transfer 
of the hydride from NADH to pyruvate after both 
NADH and pyruvate are bound to the active site. 
This process was measured directly by stopped flow. 
At pH 9.0 and 22 ªC, k2 had a value of 243 ± 9 s-1 

and Kpyr had a value of 7 ± 0.5 mM. The rate constants 
for transfer of the hydride measured directly in these 
experiments made with stopped flow (3) at several 
concentrations of pyruvate equaled the rate constant 
for the steady-state initial rates (2) for the overall 
reaction at the same concentration of pyruvate (Fig-
ure 5-21B). All these observations suggest that, for the 
reaction catalyzed by porcine lactate dehydrogenase 
under these conditions, the rate-limiting step in the 
reaction is transfer of the hydride. 
 As with most kinetic explanations, however, 
there are alternatives. For example, the observations 
are also consistent with the mechanism 

                   (5-329) 

where k-1 >> k2, k-2 >> k3, and k-2 > k2 and dissociation 
of the lactate is the rate-limiting step.  
 The first-order relaxations observed with dihydro-
folate reductase and lactate dehydrogenase were 
explained with kinetic mechanisms (Equations 5-322 
and 5-327, respectively) in which the governing 
steps were irreversible first-order steps. All chemical 
reactions, however, are approaches to equilibrium. 
If the equilibrium constant for a first-order reaction 
is heavily in favor of the reactant, no reaction will be 
observed even though a small, perhaps immeasurable, 
concentration of the product must be formed to reach 
equilibrium. If the equilibrium constant is heavily 
in favor of product, the reaction will proceed to 
apparent completion, even though a small, perhaps 
immeasurable, equilibrium concentration of reactant 
remains. If the equilibrium constant for a first-
order reaction is neither too large nor too small, a 
measurable quantity of reactant will remain when 
the reaction ceases and a measurable quantity of 
product will be formed. In this case, the approach 
to equilibrium is a first-order relaxation. 
 Suppose that, by designing the experiment 
properly, the kinetic mechanism for the reaction 
being followed is 

            (5-330) 

=  k –1 [E·A]
d [E]

dt

[E]  =  [E·A]0 (1 – e– k –1t )  

=                     =  e– k –1t  
[E]  –  [E]•
[E]0  –  [E]•

F  –  F•
F0  –  F•

E·NADH  +  pyruvate  1  E·NADH·pyruvate

                      Æ  E  +  NAD+  +  lactate

k 1

k –1k 2

kobs  =
k 2[pyr]

Kpyr +  [pyr]

E·NADH  +  pyruvate  1 E·NADH·pyruvate

                            1  E·NAD+· lactate  Æ

                                                          E  +  NAD+  +  lactate

k 1

k –1 k 3k 2

k –2

E2  1  E3       
k 2

k –2



Stopped Flow and Quenched Flow 
 

1611 

where E2 and E3 are two forms of the enzyme, for 
example, E·NADH·pyruvate and E·NAD+·lactate at 
saturation with pyruvate or E-31P·Glc-1-32P and 
E-32P·Glc-6-31P at saturation with ∂-glucose 
1-[32P]phosphate. Suppose that, again by design, 
the sum 

            (5-331) 

at all time points, where [E]t is the total concentra-
tion of enzyme. As a result, the sum must remain 
constant over the duration of the reaction. Suppose 
also, for the sake of argument, that the physical 
property being monitored is absorbance, A, but any 
other property, such as counts per minute incorpo-
rated into protein, that is proportional to the molar 
concentration of either form of the enzyme would 
be equivalent. The absorbance due to the two forms 
of the enzyme at any time is then 

           (5-332) 

where e2 and e3 are the respective extinction coeffi-
cients. From Equations 5-330 and 5-331 

        (5-333) 

       (5-334) 

which upon integration gives 

     
                (5-335) 

where [E2]0 is the concentration of form E2 at the 
beginning of the reaction and [E2] is its concentration 
at any instant. If [E2]eq and [E3]eq are the concentra-
tions of the two forms at the end of the reaction 

           (5-336) 

         (5-337) 

       
                (5-338) 

(5-339) 

                (5-340) 

          (5-341) 

 Equation 5-341 states that if the reaction ob-
served is described by the kinetic mechanism of 
Equation 5-330, then the behavior of any physical 
property the magnitude of which is proportional to 
the concentrations of both product and reactant 
will display first-order behavior. First-order behavior 
will be seen regardless of whether measurements 
were initiated when all the enzyme was E2 or in 
midreaction ([E3]0 > 0); regardless of whether the 
reaction goes to completion (k-2 = 0) or reaches an 
equilibrium; regardless of whether both product 
and reactant display the physical property (e2 > 0 
and e3 > 0) or only one displays the physical proper-
ty; and regardless of whether the rate constants k-2 
and k2 are unimolecular rate constants or pseudo-
first-order rate constants (k2 = k2A[A] or k-2 = k-2A[Z]). 
The only requirement for observing the reaction is 
that the two extinction coefficients (constants of 
proportionality) for the two forms of the enzyme 
must be different enough that a significant change 
occurs in the magnitude of the physical property 
during the measurement. Because of this generality, 
such first-order relaxations are commonly observed 
in kinetic measurements. It can also be seen that a 
reaction consisting of a single irreversible first-
order step is simply a special case of an approach 
to equilibrium. 
 Because it does not matter whether or not one of 
the concentrations of the participants in an approach 
to equilibrium is initially zero, it follows that when a 
system at equilibrium is perturbed in some way that 
changes the value for the equilibrium constant, the 
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system will then approach the new, perturbed equilib-
rium. Each microscopic step in the overall equilibrium 
will approach its own new equilibrium, with a rate 
constant governed by Equation 5-341. This fact is 
the basis for temperature jump. Temperature jump 
is a relaxation technique in which the temperature of 
a chemical system is suddenly raised, and the system 
then relaxes to a new state of equilibrium. Analysis 
of the relaxation process provides rate constants 
for the step or steps through which the system pro-
ceeds to reach the new equilibrium. The advantage 
of temperature jump is that the dead time during 
which the temperature is raised can be much 
shorter than the dead times for stopped flow and 
quenched flow, so measurements can be made at 
much shorter times. The disadvantage is that, when 
the system is at equilibrium before the temperature 
is raised, there should be measurable concentra-
tions of reactants, products, and intermediates to 
follow as the new equilibrium is achieved. Conse-
quently, temperature jump has seldom been applied 
to enzymatic reactions, but there are situations in 
which it has. For example, temperature jump moni-
toring the absorbance of proflavin has been applied 
to a solution of this competitive inhibitor in equi-
librium with its complex with the active site of bovine 
chymotrypsin. Upon a jump of temperature, the 
system relaxes to the new equilibrium in a process 
that involves the rate constants for association and 
dissociation of the inhibitor and rate constants for 
a transition assigned to a conformational change in 
the enzyme.951 Temperature jump has also been 
applied to the complex of lactate dehydrogenase from 
G. stearothermophilus and the coenzyme NADH at 
saturation. In this instance, both fluorescence of 
NADH and fluorescence of four tryptophans placed 
in turn by site-directed mutation at different locations 
in the protein were monitored in order to measure 
rate constants for rapid conformational changes of 
the protein within the complex as equilibrium is 
reestablished.952 
 Because it does not matter whether the rate con-
stants governing the relaxation for the approach to 
an equilibrium are unimolecular or pseudo-first-
order rate constants, the first-order rate constant 
observed for association of reactant A with an active 
site E 

             (5-342) 

   

 

 
 
Figure 5-34: Effect of the concentration of deoxyuridylate on 
the observed rate constant for its association with the active 
site of thymidylate synthase.224 A solution of thymidylate synthase 
from E. coli (2.1 mM in active sites) in one syringe of an apparatus 
for stopped flow was mixed with an equal volume of a solution 
of deoxyuridylate in the other syringe, and the mixture was 
immediately introduced into a cuvette. Both solutions contained 
50 mM 2-sulfanylethanol, 1 mM ethylenediaminetetraacetate, 
and 100 mM 2-ammonio-2-hydroxymethylpropane-1,3-diol 
chloride, pH 7.4 and 20 ªC.  This procedure was repeated several 
times with different concentrations of deoxyuridylate. The kinetic 
courses for association of deoxyuridylate with the active site of 
the enzyme were followed by monitoring the fluorescence of one 
or more of the seven tryptophans in a subunit of the enzyme, 
which decreases as the deoxyuridylate binds. The decreases in 
fluorescence with time could all be fit with Equation 5-319 to 
obtain observed first-order rate constants, kobs. The rate constants 
(second-1) are plotted as a function of the final concentrations 
(micromolar) of deoxyuridylate in the reaction mixture. The line 
is a fit of Equation 5-343 to the data. 
 
 
 
when the concentration of reactant is in great excess 
over the concentration of active sites, is 

             (5-343) 

Consequently, if the observed rate constant for 
association of reactant A is plotted as a function of 
the concentration of reactant A, a straight line with 
a slope of k1(molar-1 second-1) and an intercept of 
k-1 (second-1) will be observed if this is the applicable 
mechanism. For example, when the individually 
observed rate constants for the purely first-order 
relaxations produced by association of deoxyuridine 
monophosphate with the active site of thymidylate 
synthase (Equation 5-50) from E. coli, in the absence 
of 5,10-methylenetetrahydrofolate, are plotted as a 
function of the concentration of deoxyuridine mono-
phosphate (Figure 5-34), they define a line with a 
slope of 10 mM-1 s-1 and an intercept of 40 s-1. Because 
(previously Equation 3-338) 
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                (5-344) 

together these rate constants give a dissociation 
constant of 4 mM, which is the same as the dissocia-
tion constant measured directly.224 
 Association of a reactant can also be an essentially 
irreversible reaction. When the observed rate constant 
for association of oxygen with the complex between 
protocatechuate 3,4-dioxygenase and protocatechuate 
(see Figure 5-22) was plotted against the molar 
concentration of O2 in the solution, it was a linear 
relation, but the intercept at the axis of the ordinate, 
which would be the rate of dissociation of O2 from 
the complex, was <5 s-1 and indistinguishable from 
zero.887 
 A behavior of first-order relaxations at different 
concentrations of a reactant is also observed that is 
a hybrid of the behavior of first-order relaxations 
observed at different concentrations of pyruvate 
with ¬-lactate dehydrogenase (Figure 5-21B) and 
the behavior of first-order relaxations observed at 
different concentrations of deoxyuridine monophos-
phate with thymidylate synthase (Figure 5-34). For 
example, when fluorescence from tryptophans in 
glutamine synthetase (Equation 5-270) from E. coli 
was followed after the enzyme was mixed with the 
substrate MnADP- in the absence of phosphate and 
¬-glutamine, the change in fluorescence was a first-
order relaxation at all concentrations of MnADP-. A 
plot of the observed first-order rate constants as a 
function of the concentration of MnADP- (Figure 
5-35)953 could be fit (solid line) with the equation 

        (5-345) 

This observed behavior can be explained with the 
kinetic mechanism 

      
                (5-346) 

where E* is a different conformation of the enzyme. 
The observed first-order rate constant for the analyti-
cally integrated rate equation for this kinetic mech-
anism 

 
 
Figure 5-35: Effect of the concentration of MnADP- on the 
observed rate constant for its association with the active site of 
glutamine synthetase.953 A solution containing glutamine 
synthetase from E. coli (2 mM in active sites) in one syringe of 
an apparatus for stopped flow was mixed with an equal volume 
of a solution of MnADP- in the other syringe, and the mixture 
was immediately introduced into a cuvette. Both solutions 
contained 0.1 M KCl, 1 mM MnCl2, and 50 mM potassium 
2-[4-(2-hydroxyethyl)piperazin-1-yl]ethanesulfonate, pH 7.0 
and 15 ªC. This procedure was repeated several times with 
different concentrations of MnADP-. The kinetic courses for 
association of MnADP- with the active site of the enzyme were 
followed by monitoring the fluorescence of one or both of the 
two tryptophans in a subunit of the enzyme, which increases 
as the MnADP- binds. The increases in fluorescence with time  
could all be fit with Equation 5-319 to obtain observed first-
order rate constants, kobs. The rate constants (second-1) are 
plotted as a function of the final concentrations (micromolar) 
of MnADP- in the reaction mixtures. The curve is a fit of Equa-
tion 5-347 to the data. 
 
 

       
                (5-347) 

In this case, at low [MnADP-] the initial line for kobs 
is defined by 

       (5-348) 

and at high [MnADP-] the observed rate constant is 
equal to k2 + k-2. The two rate constants (k2 = 90 s-1 
and k-2 = 9 s-1) and the dissociation constant 
(KdADP = 25 mM) can be calculated from parameters of 
the fit of Equation 5-347 to the data. In this situation, 
there is a change in rate-limiting step from the rate 
of association of MnADP- to the rate of approach to 
equilibrium between E·MnADP- and E*·MnADP-. 
The fact that the directly measured, apparent disso-
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ciation constant (Kd,app) for MnADP– (4.6 ± 1.5 mM) 
is within statistical error of the dissociation con-
stant (2.7 ± 0.6 mM) calculated from these values 
(Kd,app = k-2 KdADP k2

-1) is evidence in favor of the 
mechanism proposed as the explanation of the 
observed behavior. 
 As the examples of ¬-lactate dehydrogenase 
(Figure 5-21B) and glutamine synthetase (Figure 5-35) 
illustrate, the dependence or lack of dependence of 
an observed rate constant on the concentration of a 
reactant is often used to incorporate association of 
the reactant into the kinetic mechanism and obtain 
values for the dissociation constant of the reactant 
or the rate constants for its dissociation and associ-
ation.897,899,954,955 
 When there are two consecutive first-order 
relaxations connecting three distinct species, the 
equation fit to observations has the general form 

           (5-349) 

where, as before, x is either the molar concentration 
of one reactant, intermediate, or product in the reac-
tion or any physical property—such as absorbance, 
fluorescence, or counts per minute—that is directly 
proportional to the concentration of a reactant, 
intermediate, or product in the reaction. In this 
instance, the magnitudes of the parameters in the 
equation, a, b, and c, depend on the species being 
observed. For example, the three species the concen-
trations of which are being followed in the kinetic 
course of hydrolysis of nitrocefin by b-lactamase 
(Figure 5-23) were assigned to be the Michaelis 
complex with nitrocefin, [E·nit], formed during the 
dead time for the apparatus; the complex between 
the active site and the intermediate anion, [E·an] 
(Equation 5-295); and the neutral hydrolyzed nitro-
cefin, [hyd], that is the product of the enzymatic 
reaction. These three kinetic courses (Figure 5-23B) 
can be fit with the equations 

                (5-350) 

which is Equation 5-349 with a = 0, b = 0, and c = [E·nit]0 

            
                (5-351) 

which is Equation 5-349 with a = 0, and 

           
                  (5-352) 

which is Equation 5-349 with all three of its terms. In 
these equations, [E·nit]0 is the initial concentration of 
the Michaelis complex between enzyme and nitro-
cefin. Fitting the equations to the data gives the follow-
ing parameters: kobs1 = 150 ± 30 s-1, kobs2 = 13 ± 1 s-1, 
b2 = -1.09, c2 = 1.09, b3 = 0.095, and c3 = -1.09. 
 The simplest and most obvious explanation for 
such behavior is that the reaction passes through 
three species, A, B, and C, that are connected by 
two consecutive irreversible steps governed by rate 
constants k1 and k2 

                  (5-353) 

for which the integrated rate equations are956 

                    (5-354) 

             (5-355) 

           
                (5-356) 

It was concluded that hydrolysis of nitrocefin by 
b-lactamase in the apparatus for stopped flow 
proceded with this kinetic mechanism888 with rate 
constants of k1 = 150 s-1 and k2 = 13 s-1. The kinetic 
courses of the absorbances at 403 and 460 nm for the 
reaction of the complex between protocatechuate 
3,4-dioxygenase and protocatechuate with O2 (Fig-
ure 5-22) in an apparatus for stopped flow following 
the abrupt changes in absorbance during the dead 
time could be fit887 by the integrated rate equations 
for a simple two-step mechanism with k2 = 450 s-1 
and k3 = 36 s-1. The respective kinetic courses for 
the concentrations of S-adenosyl-¬-methionine, 
intermediate 5-176, and N-butyryl-¬-homoserine 
lactone for the reaction catalyzed by acylhomoserine-
lactone synthase (Equation 5-306) could also be fit 
satisfactorily with Equations 5-354 through 5-356, 
respectively, when enzyme saturated with S-adenosyl-
[carboxy-14C]-¬-methionine (91%) was mixed in an 
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apparatus for quenched flow in 2.5-fold molar excess 
with butyryl-SACP.926 
 As is the case with a single first-order relaxa-
tion, it is also possible to fit such data with more 
complicated kinetic mechanisms. For example, the 
inclusion of rapid, kinetically silent steps or rapid 
intermediate equilibria do not affect the form of 
the derived equations. 
 The kinetic mechanism with two consecutive 
reversible steps 

             (5-357) 

also produces observed behavior that can be fit by 
Equations 5-354 through 5-356 even though the 
reverse rate constants, k-1 and k-2, do not appear in 
these equations. If it cannot be demonstrated that 
addition of two reverse rate constants improves the 
fit significantly in comparison with the irreversible 
mechanism of Equation 5-353,957 there is no justifica-
tion for adding them.926 If they do exist, however, and 
are of significant magnitude, then the rate constants 
obtained by fitting the data to the irreversible kinetic 
mechanism of Equation 5-353 will not be accurate. 
 The general form of the equation for multiple 
first-order relaxations is 

          (5-358) 

and again the explicit form of this equation in a given 
circumstance depends on which species, reactant, 
Michaelis complex, intermediate, or product, is being 
monitored, which, in turn, determines the physical 
property that is being monitored. In many instances, 
the different species connected consecutively by 
the relaxations can be independently followed. For 
example, four spectrally distinct intermediates in 
the reaction catalyzed by ornithine decarboxylase 
(Figure 5-25),902 the first of which is formed in the 
dead time of the apparatus, can be distinguished one 
from the other by their unique absorbance spectra. 
The increases and decreases in the concentrations 
of intermediate A (3), intermediate B (Í), interme-
diate C (2), and intermediate D (ˆ), over the course 
of the observations can each be fit with Equation 
5-358. The observed behavior can be satisfactorily 
explained with the proposal that the kinetic mech-
anism is the simplest one possible 

          (5-359) 

with rate constants k1 = 21 s-1, k2 = 145 s-1, and 
k3 = 1.03 s-1. The fact that k1 < k2 explains why so 
little of the second intermediate accumulates dur-
ing the reaction. 
 Often, however, only one species can be distin-
guished, for example, the product of the reaction. 
In such instances, Equation 5-358 is fit to the data, 
using the smallest number of relaxations necessary 
to fit the data satisfactorily. Since the inclusion of 
more terms always improves the fit of any equation 
to any set of data, the question of how many terms 
to include is, to a certain extent, a subjective decision, 
but usually it is obvious how many are required.909,958 
 Once it has been decided how many first-order 
relaxations are required to fit the data satisfactorily 
and observed pre-exponential parameters and ob-
served rate constants have been estimated from the 
fits of the data to Equation 5-358, it is then incum-
bent upon the investigators to provide a kinetic 
mechanism with its accompanying rate constants 
to explain the observations. Because of the significant 
difficulties in directly deriving an analytical solution, 
integrated rate equations for a proposed kinetic 
mechanism involving a sequence of three or more 
irreversible steps or a sequence of two or more revers-
ible steps can be derived by linear algebra.959 
 The observed pre-exponential parameters and 
first-order rate constants governing a sequence of 
first-order relaxations are functions of the micro-
scopic rate constants in the actual kinetic mechanism 
of the enzyme being studied. As always, there is no 
way to determine the actual kinetic mechanism of a 
particular enzyme at the level of its microscopic rate 
constants. As was the case in the simpler examples 
of kinetic mechanisms—for dihydrofolate reduc-
tase (Equation 5-322), ¬-lactate dehydrogenase 
(Equation 5-327), glutamine synthetase (Equation 
5-346), b-lactamase (Equation 5-353), and ornithine 
decarboxylase (Equation 5-359)—the investigator, 
usually relying on an intuitive understanding of the 
chemical mechanism of the events occurring in the 
active site as well as knowledge of the relaxations 
that have been observed, proposes a kinetic mech-
anism and then demonstrates that the proposed 
kinetic mechanism is consistent with all available 
observations. The examples presented so far of this 
process have been simple enough that algebraic 
derivations of integrated rate equations can be 
readily derived from a proposed kinetic mechanism 
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and its rate constants and fit to the experimental 
data. 
 In complicated situations, however, that involve 
two or more reversible rate-affecting steps and 
branching within the kinetic mechanism, rather 
than performing the derivation of a set of analytical, 
integrated rate equations by linear algebra, the 
differential equations describing the steps in the 
proposed kinetic mechanism are usually submitted 
to numerical integration.960 For example, 3-phospho-
shikimate 1-carboxyvinyltransferase (E) from E. coli 
saturated with 3-phosphoshikimate (3PS) was mixed 
with phosphoenolpyruvate (PEP) (Figure 5-26)308 
so that the final concentrations of enzyme and 
phosphoenolpyruvate were only 10 mM and 3.5 mM, 
respectively. At these concentrations, even if asso-
ciation of phosphoenolpyruvate were rapid, only 
30% of the phosphoenolpyruvate (Kd = 20 mM) in 
the solution would occupy an active site at the 
beginning of the reaction. It was proposed that the 
kinetic mechanism for the reaction being observed 
was 

     
                (5-360) 

where I (2) is intermediate 5-180 and CVPS (Í) is 
the product 5-O-(1-carboxyvinyl)-3-phosphoshi-
kimate (Equation 5-178). The differential equations 
that describe this kinetic mechanism were submitted 
to numerical integration. The curves drawn in Figure 
5-26 are fits produced by this numerical integration 
for rate constants k2 = 15 mM-1 s-1, k-2 = 280 s-1, 
k3 = 1200 s-1, k-3 = 100 s-1, k4 = 320 s-1, k-4 = 240 s-1, 
and k5 = 100 s-1. 
 When ∂-amino-acid oxidase from Trigonopsis 
variabilis with its prosthetic flavin in the oxidized 
state (E·Flox) was mixed anaerobically in an apparatus 
for stopped flow with the reactant ∂-phenylglycine 
(∂PG) 

 
                (5-361) 

so that there was no O2 to reoxidize the reduced 
flavin, each active site could complete only one 

turnover regardless of the concentration of ∂-phenyl-
glycine. Reduction of the prosthetic flavin during a 
single turnover could be followed as the absorbance 
at 454 nm decreased. The decreases in absorbance 
for a series of concentrations of ∂-phenylglycine 
could be fit satisfactorily with the equation 

   
                (5-362) 

The kinetic mechanism 

    
                (5-363) 

where PGO is phenylglyoxylate, the product of oxida-
tion of ∂-phenylglycine, can explain the observed 
behavior of the two observed first-order rate constants, 
kobs1 and kobs2, as a function of the concentration of 
reactant.961 This kinetic mechanism was fit by numer-
ical integration of its differential equations to the 
changes in absorbance for the series of single turn-
overs at different concentrations of ∂-phenylglycine 
with k1 = 60 mM-1 s-1, k-1 = 40 s-1, k2 = 30 s-1, k-2 = 4 s-1, 
and k3 = 6 s-1. 
 These observations of the behavior of ∂-amino-
acid oxidase by stopped flow probably give values 
of the microscopic rate constants for the transfer of a 
hydride between ∂-phenylglycine and the prosthetic 
flavin. Consequently by the use of [2-2H]-∂-phenyl-
glycine as a reactant, it was possible to obtain values 
for the intrinsic kinetic deuterium isotope effects 
(6.3 and 4.7, respectively) on the rate constants k2 
and k-2, as well as a value for the intrinsic deuterium 
isotope effect on the equilibrium constant (1.35) for 
the transfer. Because the deuterated reactant decreas-
es the rate constant k2 by a factor of 6.3, association 
of [2-2H]-∂-phenylglycine reaches equilibrium before 
the hydride is transferred, and this association becomes 
a pre-equilibrium in the kinetic mechanism with the 
deuterated reactant. 
 When halohydrin dehalogenase 

E·3PS  +  PEP  1  E·3PS·PEP  1
     E·I  1  E·CVPS  Æ  E  +  CVPS

k 2

k –2 k 5

k 3

k –3k 4

k –4

E·HFlox  +  ∂-phenylglycine  +  H2O  1  

                          E·H3Flred  +  phenylglyoxylate + NH4
+

=  a0  –  a1e–kobs1t  –  a 2e–kobs2tA 454  –  A 454,•

A 454,0  –  A 454,•

E·Flox  +  ∂PG  1  E·Flox·∂PG

               1  E·Flred·PGO  Æ  E·Flred  +  PGO
k 2

k –2

k 3

k 1

k –1



Stopped Flow and Quenched Flow 
 

1617 

        (5-364) 

from Rhizobium radiobacter is mixed with the reactant 
(1R)-2-bromo-1-(4-nitrophenyl)ethanol (Equation 
5-364 with R = 4-nitrophenyl)) under conditions 
permitting the enzyme to complete only one turn-
over, the production of Br- in the active site of the 
enzyme during that single turnover can be followed as 
fluorescence of one or more of the four tryptophans 
in the protein increases. The fluorescence of those 
tryptophans then returns to the value for the unoccu-
pied active site as the Br- dissociates (trace a in 
Figure 5-36A).962 This change in fluorescence (F) 
for the production and dissociation of Br- at this 
one concentration of reactant can be fit satisfactorily 
with the equation 

         (5-365) 

which is consistent for an intermediate in a kinetic 
mechanism with two consecutive first-order reactions 
(Equation 5-355). The enzyme can also be mixed 
with concentrations of (1R)-2-bromo-1-(4-nitro-
phenyl)ethanol over a broad range. At these higher 
concentrations of reactant, multiple turnovers of 
the enzyme have to occur. Each burst of fluorescence 
that is observed preceding the multiple turnovers 
can be fit with a first-order relaxation to provide a 
first-order rate constant kobs. 
 The kinetic mechanism 

      
                (5-366) 

where BNE is the reactant (1R)-2-bromo-1-(4-nitro-
phenyl)ethanol and epox is the product (S)-(4-nitro-
phenyl)oxirane, can explain the observed behavior 
of these observed first-order rate constants, kobsi, as 
a function of the concentration of reactant (Fig-
ure 5-36B). In this instance, as was the case with 
the deuterated reactant for ∂-amino-acid oxidase, 
association of the reactant is a pre-equilibrium. 
This kinetic mechanism (Equation 5-366) can be fit 

 
 
Figure 5-36: Stopped-flow measurements of the kinetics of the 
reaction catalyzed by halohydrin dehalogenase from R. radio-
bacter.962 (A) Observation of a single turnover of the enzyme. 
Halohydrin dehalogenase (26.5 mM in active sites) in one syringe 
was rapidly mixed with (1-R)-2-bromo-1-(4-nitrophenyl)-
ethanol (23.5 mM) in the other syringe. Fluorescence (curve a; 
lexcitation = 290 nm, lemission = >320 nm), arising from an enhance-
ment of the fluorescence of tryptophans by Br- bound in the 
active site, and absorbance at 310 nm (curve b, A310), arising 
from the change in absorbance as (S)-(4-nitrophenyl)oxirane 
dissociates, were monitored as a function of time (seconds). 
The solid curves are fits by numerical integration of the differ-
ential equations for the mechanism in Equation 5-366. (B) Rate 
constants for bursts of fluorescence. Halohydrin dehalogenase 
(0.8 mM in active sites) in one syringe was mixed with increasing 
concentrations of (1R)-2-bromo-1-(4-nitrophenyl)ethanol in 
the other syringe. The observed rate constants for the bursts 
(second-1) are plotted as a function of the final concentrations 
of (1R)-2-bromo-1-(4-nitrophenyl)ethanol (millimolar). The 
solid curve is a fit of Equation 5-367 to the data. Adapted with 
permission from reference 962. Copyright 2003 American 
Chemical Society. https://doi.org/10.1021/bi0273361 

 
 
by numerical integration of its differential equations 
to the change in fluorescence during the single 
turnover with KdBNE = 100 ± 9 mM, k2 = 380 ± 20 s-1, 
k-2 = 3 s-1, and k3 = 21 ± 1 s-1 (solid curve a in Figure 
5-36A). The change in absorbance at 310 nm rather 
than fluorescence that occurs during the single 
turnover (trace b in Figure 5-36A) could also be fit 
with the equilibrium constant and the rate constants 
(solid curve b in Figure 5-36A) derived from measure-
ments of fluorescence. To obtain a satisfactory fit with 
the same rate and equilibrium constants, however, 
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it had to be assumed that the absorbance of the 
4-nitrophenyl group increases significantly only 
when (S)-(4-nitrophenyl)oxirane dissociates from 
the active site. From the kinetic mechanism (Equa-
tion 5-366), an integrated equation for the behavior 
of kobs for the bursts 

        (5-367) 

can be derived analytically, and the same values for 
the dissociation constant and the three rate constants 
that fit the data for the single turnover provide a 
satisfactory fit, within experimental error, of the 
behavior of kobs for the bursts as a function of the 
concentration of (1R)-2-bromo-1-(4-nitrophenyl)-
ethanol (solid curve in Figure 5-36B). 
 The kinetic mechanism 

       (5-368) 

was proposed to explain the data for hydrolysis of 
1,3-dibromopropane (DBP) by haloalkane dehalo-
genase (E) (Figure 5-31),944 which passes through 
the covalent acyl intermediate E-I before the product 
3-bromopropan-1-ol (BrPOH) is produced. Numeri-
cal integration was used to obtain rate constants 
k1 = 1 mM s-1, k-1 = 200 s-1, k2 = 300 s-1, and k3 = 15 s-1 
that could fit (solid curves) simultaneously the kinetic 
mechanism to the data for the decrease in concen-
tration of 1,3-dibromopropane (3) and the production 
of Br- (Í), as well as the production of 3-bromo-
propan-1-ol (2).  
 The animal fatty-acid synthase system is known 
to catalyze five consecutive reactions (see Equa-
tions 3-492 to 3-496, Problem 4-20) 

    
                (5-369) 

   
                (5-370) 

   
                (5-371) 

 
 
Figure 5-37: Lag in oxidation of NADPH when the complex 
between NADPH and the fatty-acid synthase system is mixed 
with acetyl-SCoA and malonyl-SCoA.963 A solution containing 
the fatty-acid synthase system from G. gallus (4.3 mM in active 
sites) and 1.5 mM NADPH was mixed with a solution of 110 mM 
acetyl-SCoA and 200 mM malonyl-SCoA in an apparatus for 
stopped flow (dead time 2 ms). The two solutions were buffered 
at pH 7.0 with 0.1 M potassium phosphate at 25 ªC. Fluorescence 
of the solution in the observation chamber at wavelengths greater 
than 420 nm (lexcitation = 367 nm), which was due to NADPH, 
was monitored as a function of time (milliseconds). The solid 
trace is the direct observation of fluorescence as a percentage 
of the initial reading, and the open circles are values calculated 
by Equation 5-376 with k1 = 4.3 s-1, k2 = 9.5 s-1, and 
[NADPH]0 = 100%. It was necessary to add a background of 
18% to all calculated values to obtain a satisfactory fit. Adapted 
with permission from reference 963. Copyright 1983 American 
Chemical Society. https://doi.org/10.1021/bi00295a037 
 

    
                (5-372) 

   
                (5-373) 

where HSACD is a sulfanyl group on the phospho-
pantotheinyl group attached as a phosphodiester 
to a serine in the acyl-carrier domain and HSE is a 
sulfanyl group of a cysteine in the active site of 
b-ketoacyl-[acyl-carrier-protein] synthase I. When a 
solution of the fatty-acid synthase system from 
G. gallus and NADPH in one syringe was mixed 
with a solution of acetyl-SCoA and malonyl-SCoA 
in the other syringe so that the final concentrations 
of enzyme (2.1 mM) and NADPH (0.8 mM) were less 
than their dissociation constant (6.0 mM), a lag was 
observed in oxidation of NADPH (Figure 5-37).963 
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In part to avoid numerical integration, the situation 
was considerably simplified. The first four reactions 
were considered to be only one composite reaction 

   
                (5-374) 

Furthermore, the 15% of NADPH that was already 
associated with the active site for 3-oxoacyl-[acyl-
carrier-protein]reductase (Equation 5-373) before 
mixing was ignored, and it was assumed that, within 
the dead time of the apparatus, the various active sites 
were saturated with acetyl-SCoA and malonyl-SCoA. 
The significantly simplified kinetic mechanism that 
was proposed to explain the observations was 

   
                (5-375) 

where E·acSCoA·malSCoA is the complex between 
the enzyme and acetyl-SCoA and malonyl-SCoA, 
E·acacSACD is the acetoacetyl thioester of the acyl-
carrier domain, and E·hbSACD is the (3R)-3-hydroxy-
butyryl thioester of the acyl-carrier domain. The 
analytically integrated rate equation for this simpli-
fied kinetic mechanism for the concentration of 
NADPH is 

   
                (5-376) 

which fits the data satisfactorily (open circles in 
Figure 5-37). This exercise again illustrates the fact 
that kinetic measurements often cannot reveal 
steps in the mechanism of an enzymatic reaction 
that are known to exist if Occam's razor that the 
simplest kinetic mechanism consistent with the 
observations is accepted. 
 
 Monitoring association of reactants with an 
active site by stopped flow or quenched flow or 
both methods can provide an answer to the vexing 
question of whether reactants associate with the 
active site in an obligate order or a preferential order. 

For example, coenzyme-B sulfoethylthiotransferase 
(previously Equation 4-273) 

 
                (5-377) 

from Methanothermobacter marburgensis catalyzes 
a reaction with two reactants, coenzyme B (CoBSH) 
and methylcoenzyme M (methyl-SCoM). Associa-
tion of each reactant alone with the active site 
could be followed in an apparatus for stopped flow 
by changes in fluorescence of the prosthetic nickel 
tetrapyrrole, coenzyme F430, in the active site, and 
rate constants for these respective associations and 
dissociations could be obtained. The complexes 
between each reactant and the active site at saturation 
could then be mixed in turn with the other reactant 
in the apparatus for stopped flow, and association 
of the other reactant to the complex of the coreactant 
could be monitored again by changes in the absorb-
ance of coenzyme F430. Finally, the disappearance 
of [14C]methyl-SCoM and the coincident appearance 
of [14C]methane could be monitored by quenched 
flow. From the observed rate constants for the relaxa-
tions observed in these separate experiments, numer-
ical values for all rate constants for association and 
dissociation of each reactant, both in the absence 
and in the presence of the other, and the rate constant 
for the production of methane in the active site occu-
pied by both reactants could be calculated. It was 
found that either reactant can associate first with 
the active site, but if coenzyme B associates before 
methyl-SCoM, a nonproductive complex is formed 
that cannot produce methane. For methane produc-
tion, methyl-SCoM must associate before coen-
zyme B.964 Consequently, in this instance, which 
probably represents the minority, there is an obligate 
order to addition of reactants for the enzyme to 
catalyze its reaction. 
 Similar measurements were performed for the 
reaction catalyzed by phenylalanine 4-monooxy-
genase 

     
                (5-378) 

from Chromobacterium violaceum. Association of 
the reactant 5,6,7,8-tetrahydrobiopterin alone with 
the active site could be followed in an apparatus for 
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stopped flow by monitoring changes in the absorb-
ance of the prosthetic mononuclear nonheme iron 
ion in the active site. Unfortunately, no absorbance 
changes were observed when the enzyme was mixed 
with ¬-phenylalanine, so the rates of its association 
and dissociation from the active site could not be 
monitored directly. When the enzyme, however, was 
premixed with various concentrations of ¬-phenyl-
alanine and then mixed with 5,6,7,8-tetrahydro-
biopterin and when the enzyme was premixed with 
various concentrations of 5,6,7,8-tetrahydrobiopterin 
and then mixed with ¬-phenylalanine, distinct relaxa-
tions in absorbance of the prosthetic mononuclear 
nonheme iron ion were observed that were unique 
to each order of addition. These relaxations could 
only be explained if both ¬-phenylalanine and 
5,6,7,8-tetrahydrobiopterin are able to associate 
with the active site in the absence of the other before 
the other reactant then associates. Finally, when 
the complex between the enzyme and ¬-phenyl-
alanine and 5,6,7,8-tetrahydrobiopterin was first 
formed and then mixed with O2, the relaxations in 
absorbance that were observed were consistent 
with the conclusions that the ternary complex 
formed when ¬-phenylalanine associates first is the 
same as the ternary complex when 5,6,7,8-tetrahydro-
biopterin associates first and that a single ternary 
complex is catalytically competent. 
 When a kinetic mechanism incorporating all 
these conclusions was fit to all changes in absorb-
ance with time, although the kinetic mechanism 
must be one with random association of reactants, 
three additional determinations were made. First, 
the bimolecular rate constant for association of 
5,6,7,8-tetrahydrobiopterin with the empty active 
site is 170 times greater than that for ¬-phenyl-
alanine. Second, the bimolecular rate constant for 
association of ¬-phenylalanine with the active site 
occupied by 5,6,7,8-tetrahydrobiopterin is 80 times 
greater than that for its association with the empty 
active site. Third, the bimolecular rate constant for 
association of 5,6,7,8-tetrahydrobiopterin with the 
active site occupied by ¬-phenylalanine is 0.5 times 
that for its association with the empty active site.965 
Consequently, association of these two reactants is 
preferential, with initial association of 5,6,7,8-tetra-
hydrobiopterin highly favored over initial association 
of ¬-phenylalanine because of the values for these 
rate constants and equilibrium constants, but the 
order of association is not obligate. 
 
 Yet another purpose for stopped flow and 
quenched flow is to demonstrate the kinetic com-

petence of an intermediate. The kinetic competence 
of any intermediate in an enzymatic reaction is its 
capacity to be formed and unformed, or unformed 
and formed, at rates equal to or greater than the 
overall rate of the normally occurring enzymatic 
reaction. All actual intermediates in the actual 
mechanism for an enzyme must be kinetically 
competent, even though this has not been demon-
strated that they are. It is, however, important to 
know that they are. If a particular molecule, either a 
noncovalently bound molecule or a covalent adduct 
of the enzyme, is not kinetically competent, then 
that molecule cannot be an intermediate on the main 
path of the enzymatic mechanism. For example, 
both the peptide SSCVLIE and the peptide in which 
SSCVLIE is covalently attached to the peptide IALC-
TLSAF by a disulfide between the respective cysteines 
can be isolated from a digest of ribonucleoside-
diphosphate reductase from E. coli by immunoad-
sorption. When ribonucleoside-diphosphate reduc-
tase was mixed in an apparatus for quenched flow 
with its reactant CDP in the absence of its reactant 
thioredoxin, it could be shown that this disulfide, 
which had been proposed to be an intermediate in 
the enzymatic reaction (Figure 5-13), was formed 
with an observed rate constant of 8 s-1.500 The cata-
lytic constant for turnover of the enzyme at steady 
state under the same conditions is 4 s-1. Because the 
rate constant for formation of the disulfide is larger 
than the rate constant for a complete turnover, the 
disulfide that is formed in the active site is kinetically 
competent. 
 In the enzymatic reaction catalyzed by phospho-
glucomutase (Equation 5-3), only enzyme already 
covalently phosphorylated at its active site is enzy-
matically active. If phosphoglucomutase from 
O. cuniculus that has [32P]phosphate covalently 
attached at its active site is mixed in an apparatus 
for quenched flow with ∂-glucose 1-[31P]phosphate, 
the [32P]phosphate is replaced by [31P]phosphate 
with a rate constant928 of 98 s-1. If enzyme phosphory-
lated with [31P]phosphate is mixed with ∂-glucose 
1-[32P]phosphate, the enzyme becomes phosphory-
lated with [32P]phosphate with a rate constant of 
110 s-1 (solid curve in Figure 5-27). Under the same 
conditions, the catalytic constant for the enzyme 
with ∂-glucose 1-phosphate as reactant is 103 s-1. 
Because these three numbers are identical within 
experimental error, the intermediate phosphoenzyme 
is kinetically competent. When Mg2+, an obligatory 
cofactor that was present in both solutions that 
were mixed together, is replaced with Zn2+, the rate 
constant for loss of the [32P]phosphoenzyme inter-
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mediate upon addition of ∂-glucose 1-[31P]phosphate 
decreases to 25 s-1, but the catalytic constant for 
the enzyme decreases to 10 s-1. Again, the phospho-
enzyme intermediate is kinetically competent. In 
the mechanism proposed for this enzymatic reaction 
(Equation 5-36),966,967 the phosphate on the enzyme 
is replaced by a phosphate from one substrate during 
each turnover. The active form of the enzyme that 
binds the reactant is phosphorylated, and the enzyme 
from which the product dissociates is also phos-
phorylated. 
 
 A remarkable result of studying enzymatic re-
actions by stopped flow and quenched flow has 
been the discovery that steps other than those in 
which the actual chemical transformations occur 
are often kinetically rate-affecting or rate-limiting. 
When experiments are performed at saturating 
concentrations of reactants, associations of reactants 
cannot be rate-limiting, but dissociations of products 
often are. Myosin ATPase from O. cuniculus (Equa-
tion 5-259) is an extreme case of this situation, in 
which hydrolysis of the reactant is 1000 times more 
rapid than dissociation of products in the absence of 
actin. The rate-limiting step in the reaction catalyzed 
by hexokinase from S. cerevisiae is the release of 
MgADP- as a product from the active site.968 
 In many instances, however, relaxations have 
been observed that cannot be assigned either to the 
chemical transformation of substrates bound at the 
active site or to dissociation of products from the 
active site. Such unexplained relaxations have been 
observed when substrates or intermediates are being 
monitored. Relaxations in the reductive dephosphor-
ylation catalyzed by glyceraldehyde-3-phosphate 
dehydrogenase (phosphorylating) from Homarus 
gammarus (Equation 5-26), which were observed 
while monitoring the change in absorbance of 
NADH, were assigned to a conformational change 
in the enzyme.969 A comparison of the steady-state 
rate constants with rate constants for relaxations 
observed in the transfer of a hydride from NADH to 
2-amino-4-hydroxy-6,7-dimethyldihydropteridine 
during its reduction by bovine 6,7-dihydropteridine 
reductase led to the conclusion that a step preceding 
hydrogen transfer was a conformational change in 
the enzyme.970 Relaxations in the hydrolysis of 
2,4-dinitrophenyl phosphate catalyzed by alkaline 
phosphatase (Equation 5-33) from E. coli, which were 
observed while monitoring the absorbance of 
2,4-dinitrophenol formed during the hydrolysis, 
were assigned to a conformational change in the 
enzyme.971 

 Other similar intramolecular relaxations occur 
following association of competitive inhibitors. 
Relaxations in the absorbance of proflavin, which is 
a competitive inhibitor of bovine chymotrypsin 
(Figure 3-6), as it associates with the active site 
were assigned to a conformational change in the 
enzyme.951 Relaxations in the absorbance of 
2-hydroxy-5-nitrobenzylphosphonate, which is a 
competitive inhibitor of alkaline phosphatase from 
E. coli, as it associates with the active site were 
assigned to a conformational change in the en-
zyme.972 Relaxations for which there are no other 
conceivable explanations are usually assigned by 
exclusion, and often in the absence of any other 
information, to conformational changes in the 
protein. It should be pointed out that argument by 
exclusion is invalid in chemistry. 
 Assignments of relaxations to conformational 
changes in the enzyme are far more defensible 
when the chromophore or fluorophore monitoring 
the progress of the reaction is located in the protein 
at a position well removed from the active site so 
that association of reactants and their chemical 
conversion cannot be responsible for those relaxa-
tions. Five relaxations883 observed in the fluorescence 
of 2-aza-l,N6-etheno-AMP, covalently attached 
through its phospho group to the 4-hydroxyphenyl 
group of Tyrosine 398, upon mixing glutamine 
synthetase from E. coli (Equation 5-270) with its 
several reactants—¬-glutamate, MgATP2-, and NH4

+—
can be assigned more confidently as conformational 
changes in the protein that occur in five steps during 
the progress of the two nucleophilic substitutions 
because the 4-hydroxyphenyl group of Tyrosine 398 
is at least 2 nm from the active site.973 Five relaxa-
tions974 observed in the absorbance and fluorescence 
of tryptophans in the protein upon mixing GMP 
synthase (glutamine-hydrolysing) from E. coli with 
its several reactants—¬-glutamine, MgATP2-, and 
xanthosine 5¢-phosphate—either by themselves or in 
various combinations can be assigned more confi-
dently as conformational changes in the protein 
that occur in five steps during the progress of the two 
nucleophilic substitutions catalyzed by the enzyme 
because each of the eight tryptophans is 2-3 nm 
from the active site.975 Three relaxations976 observed 
in the fluorescence of Tryptophan 8 in the protein, 
as well as fluorophores attached covalently to a cyste-
ine inserted in place of Aspartate 61, upon mixing 
indole-3-glycerol-phosphate synthase from Saccharo-
lobus solfataricus with its single reactant, 1-(2-carboxy-
phenylamino)-1-deoxy-∂-ribulose 5-phosphate, can 
be assigned more confidently as conformational 
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changes in the protein that occur in three steps 
during the progress of the electrophilic aromatic 
substitution catalyzed by the enzyme because 
Tryptophan 8 is 1 nm from the active site, with a 
loop of polypeptide in between, and the carboxy 
group of Aspartate 61 is 1.7 nm from the active site.977 
The initial conformational change monitored by 
the fluorophores attached to position 61 probably 
resulted from the closing of the loop in which it is 
located over the active site once it has been occu-
pied by the reactant. 
 Even though conformational changes are being 
monitored by these reporter groups, the effects of 
changing the concentrations of reactants on these 
various relaxations indicate that many of them are 
accompanying associations and dissociations of 
reactants and chemical steps in the mechanism of 
the enzyme. These observations suggest that many, 
if not most, associations and dissociations of 
substrates with an active site and chemical transfor-
mations that subsequently occur within an active 
site may require coincident conformational changes 
in the protein to proceed. If so, it is possible that these 
conformational changes are necessary for catalysis 
to occur and that controlling them could be a way 
to control association of reactants and the overall 
rate of the enzymatic reaction. 
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Problem 5-28: In the reaction catalyzed by ¬-lactate 
dehydrogenase (Equation 5-327), the substrate NADH 
absorbs light with lmax = 339 nm, while the substrate 
NAD+ has negligible absorbance (<1% of that for 
NADH) at this wavelength. 
 
 (A) Write the simplest kinetic mechanism that 

could describe this enzymatic reaction. Do 
not derive an equation for v0. Include in your 
kinetic mechanism only steps involving binding 
of substrates and the interconversion of sub-
strates and products once they are bound. 

 
 This enzymatic reaction has been studied by 
stopped-flow spectrophotometry. A solution contain-
ing a higher concentration of active sites (28 mM) 
than NADH (20 mM) was added to one syringe of an 
apparatus for stopped flow, and a solution of pyruvate 
at a saturating concentration (2 mM) was added to 
the other. The decrease in A340 was followed (Figure 
5-21A). At the original concentrations of enzyme 
(28 mM) and NADH (20 mM) in the experiment de-
scribed in Figure 5-21, almost all (>85%) of the 
NADH was bound to active sites of the enzyme. 
 
 (B) Write the step or steps in your kinetic mech-

anism from part A that are being directly 
monitored in Figure 5-21. 

 
 This stopped-flow experiment was repeated at 
several different concentrations of pyruvate (pyr), 
and an observed first-order rate constant (kobs) was 
calculated for each of them. Measurements of initial 
rate were also made at saturating NADH, and initial 
rate constants (v0 [E]t

-1) at various pyruvate concen-
trations were calculated from these measurements. 
Both the first-order rate constants (kobs) from 
measurements by stopped flow and the rate con-
stants from measurements of initial rate for the enzy-
matic reaction were plotted on the same graph against 
the initial concentration of pyruvate ([pyruvate]0) 
(Figure 5-21B). The rate constants from the steady-
state experiments are equal, within experimental 
error, to the observed rate constants from stopped 
flow as a function of the concentration of pyruvate. 
The value for the catalytic constant determined from 
Figure 5-21B is 260 s-1. 
 
 (C) The bimolecular rate constant for associa-

tion of pyruvate with the enzyme under the 
conditions of Figure 5-21 is greater than 
103 mM-1 s-1. Calculate the lower limit of the 
pseudo-first-order rate constant for association 
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of pyruvate with the enzyme at the smallest 
concentration (1 mM) used in these experi-
ments. 

 (D) According to the results in Figure 5-21 and 
the calculation of part C, which step in the 
mechanism that you wrote in part A is rate-
limiting for ¬-lactate dehydrogenase in the 
direction of pyruvate reduction? 

 (E) When the experiment shown in Figure 5-21 
was repeated with NAD2H, both the catalytic 
constant and the observed rate constant from 
stopped flow at a saturating concentration of 
pyruvate were found to be 200 s-1. Why does 
this result suggest that the actual kinetic 
mechanism is more complicated than what 
you wrote in part A? 

 
 Enzyme and a saturating concentration of 
NAD+ were added to one syringe of an apparatus 
for stopped flow, and a saturating concentration of 
lactate was added to the other. The solutions were 
rapidly mixed in an apparatus for stopped flow that 
had a dead time of 1.3 ms. A burst in A340, the rate 
of which was so fast that it was complete within the 
dead time (kobs > 1 ms-1), occurred upon mixing. 
The size of this burst of NADH production could be 
calculated from the extinction coefficient of enzyme-
bound NADH. At pH 9, the nanomoles of NADH 
formed in the burst were equal to the nanomoles of 
active sites present.884 

 

Effect of pH on the magnitude of the initial burst of NADH 
production. A solution of 40 mM NAD+ and 55 mM lactate de-
hydrogenase was mixed with an equal volume of 0.50 M lithi-
um ∂¬-lactate. The buffer was 67 mM potassium phosphate 
and the temperature was 22 ªC. Each pH was recorded after 
completion of the reaction. 
 
 (F) Write the step or steps in the kinetic mechanism 

in part A that are being monitored in this last 
experiment. 

 
 The catalytic constant k0 of porcine ¬-lactate 
dehydrogenase for oxidation of lactate by NAD+ 

was determined to be 150 s-1 at pH 9 when meas-
urements of initial rate were performed under the 
conditions of those for measurements from stopped 
flow, but the rate of the burst described in the figure 
is greater than the dead time of the instrument 
(k > 1 ms-1). It was calculated that pyruvate release 
from the enzyme is greater than 10,000 s-1 under 
the conditions of these experiments. The rate con-
stant of the reaction E·NADH Æ E + NADH was 
measured at pH 8 and found to be 460 s-1. 
 
 (G) The results just described and those presented 

in part E are inconsistent with the mechanism 
of part A but can be explained if a required 
conformational change of the enzyme is 
added as a step of the kinetic mechanism. 
Write a kinetic mechanism that incorporates 
the conformational change in the proper 
place and makes the mechanism consistent 
with the results. 

 

Problem 5-29: Dihydrolipoyl dehydrogenase is a 
flavoenzyme that reduces or oxidizes N6-(lipoyl)-
lysines (2-31) by using NADH to reduce the oxidized 
prosthetic flavin and NAD+ to oxidize the reduced 
prosthetic flavin (Equations 2-71 and 2-112) 

 

The enzyme is responsible for reducing or oxidizing 
lipoyl groups on a separate enzyme, dihydrolipoyl-
lysine-residue acetyltransferase, using the same 
mechanism that the related enzyme (23% identity; 
1.4 gap percent) glutathione-disulfide reductase 
(Equation 2-134, Figure 2-11) uses to reduce or 
oxidize glutathiones. 
 When a 20 mM solution of dihydrolipoyl dehydro-
genase from M. tuberculosis, the prosthetic flavin 
and catalytic cysteines of which were fully oxidized, 
was mixed with a solution of 2 mM NADH and the 
mixture was monitored at 435, 458, 530, and 670 nm, 
the following kinetic courses were observed.942 
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Kinetic courses of absorbance in stopped flow. In addition to 
oxidized dihydrolipoyl dehydrogenase and NADH, each solution 
contained 0.1 M sodium phosphate, pH 7.5 and 4 ªC. The time 
elapsed following mixing (milliseconds) is shown on a loga-
rithmic scale. The dots are the experimental data, and the solid 
lines are fits of a proposed kinetic mechanism to the data. 
 
 
 The dissociation constant for NADH from the 
enzyme is 180 mM. 
 
 (A) What chromophore is being monitored? 
 (B) Why does the reaction cease after 100 ms even 

though a large excess of reactant over enzyme 
was added? 

 (C) Write complete chemical equations for the 
three consecutive reductions that are occur-
ring during reduction of the fully oxidized 
dihydrolipoyl dehydrogenase. 

 (D) How many relaxations are observed in the four 
kinetic traces? The same relaxation observed 
in two or more traces is considered to be only 
one relaxation. 

 (E) Over what range of times (milliseconds) does 
each relaxation occur? 

 (F) A charge-transfer band can be observed in 
partially reduced dihydrolipoyl dehydrogenase 
that arises from electron transfer between 
oxidized flavin and the closest of the two cata-
lytic cysteines in the active site of the enzyme. 
Over which range of times is this charge-
transfer band lost? In which of the relaxa-
tions you identified in part D is the charge-
transfer band lost? 

 
 The first phase of the kinetic course shows a 
kinetic isotope effect of 4.2 when [4,4-2H2]NADH is 
used as reactant. 
 

 (G) Propose assignments for each relaxation to a 
specific step in your mechanism for the reduc-
tion of dihydrolipoyl dehydrogenase being 
observed. 

 

Problem 5-30: Succinate—CoA ligase (ADP-forming) 
from E. coli catalyzes the following reaction. 

 

The purified enzyme contains a stable Nt-phospho-
histidinyl group in its active site.132 The following 
three steps have been proposed for the overall 
reaction 

 

where succinyl phosphate is 1-phosphobutanedioic 
acid. 
 Two experiments were performed on the 
dephosphorylated form (E) of succinate—CoA ligase 
(ADP-forming) by quenched flow. In both experi-
ments, the two syringes of the apparatus were con-
nected to a mixing chamber, the outlet of which 
was attached to a tube that terminated in a solution 
of 8% phenol, which inactivated the enzyme instanta-
neously. The time between mixing of the two solu-
tions and entry into the quench solution was varied 
between 20 and 100 ms by changing the flow rates 
of the fluids that entered the mixing chamber. The 
results are displayed in the following two figures. 
 
 
 

succinate  +  MgATP 
2– +  CoASH  1  

                 MgADP 
–  +  HOPO3

2–  +  succinyl-SCoA

E·succinyl phosphate  +  CoASH  1  
                     E  +  succinyl-SCoA  +  HOPO3

2–

E~PO3
2– +  succinate 1 E·succinyl phosphate

E  +  MgATP 
2–  1  E~PO3

2–  +  MgADP 
–
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Rates of E~[32P]PO3
2- and MgAT[g-32P]P2- formation from 

HO[32P]PO3
2-.978 Measurements were made at 24 ªC. One syringe 

contained 0.05 mM HO[32P]PO3
2- (1.2 ¥ 107 cpm mmol-1), 0.1 mM 

ADP3-, and 0.2 mM succinyl-SCoA at pH 6.6. The other syringe 
contained 17 mM dephosphoenzyme in 0.1 M KCl, 8 mM MgCl2, 
and 0.1 mM EDTA at pH 7.4. The observed MgAT[g-32P]P2– 
(nanomoles; 2) and the observed E~[32P]PO3

2-(nanomoles; 3) 
are plotted as a function of time (milliseconds). The slope of 
the solid line that was chosen to fit the points for the observed 
nanomoles of MgAT[g-32P]P2- as a function of time is that of 
the initial steady-state rate for formation of MgATP2- that was 
measured separately in reactions of 2-15 s duration under the 
same conditions. The horizontal placement of that solid line 
was determined by the points for the observed nanomoles of 
MgAT[g-32P]P2-. 
 

 

Rate of E~[32P]PO3
2- formation from MgAT[g-32P]P2-.978 One 

syringe contained 8 mM dephosphoenzyme in 0.1 M KCl, 8 mM 
MgCl2, and 0.1 mM EDTA at pH 7.4. The other syringe contained 
0.02 mM HSCoA, 0.08 mM AT[g-32P]P4–(900 cpm nmol-1), and 
0.05 M sodium succinate at pH 7.4. The observed values for 
E~[32P]PO3

2- (nanomoles) are plotted as a function of time 
(milliseconds). 
 
 
 
 

 (A) Write the step-by-step mechanism for the enzy-
matic reaction that produces the E~[32P]PO3

2– 
and MgAT[g-32P]P2- observed in the first figure. 
Draw the structures of all substrates explicitly, 
abbreviating coenzyme A as CoAS-, MgATP2– 
as MgADPOPO3

2-, and MgADP- as MgADPO–. 
Use the explicit structure of the imidazolyl 
group and the b carbon of the histidine. 

 (B) Write the step-by-step mechanism for the enzy-
matic reaction that produces the E~[32P]PO3

2– 
observed in the second figure as well as the 
HO[32P]PO3

2- at completion of the overall 
reaction. 

 
 The two mechanisms you write in parts A and 
B must be identical to each other, except for the 
isotopes and the direction of each, because of the 
principle of microscopic reversibility. 
 In the reaction displayed in the first figure, the 
rate of E~[32P]PO3

2- formation was ≥10 nmol s-1 
because equilibrium had been reached at the earliest 
times that could be measured. The steady-state 
rate for production of MgAT[g-32P]P2- under the 
same conditions was measured in a separate exper-
iment and found to be 3 nmol s-1. The solid line in the 
first figure has this slope but has been shifted to coin-
cide with the actual measurements of MgAT[g-32P]P2– 
in the apparatus for quenched flow. 
 For the experiment displayed in the second 
figure, the rate of E~[32P]PO3

2- formation was 
≥13 nmol s-1 and the steady-state rate of HOPO3

2– 
formation, determined with the same preparations 
under the same conditions in a separate experiment, 
was 10 nmol s-1. 
 
 (C) What important fact concerning formation of 

E~[32P]PO3
2- do these two experiments estab-

lish? Why was quenched flow needed to estab-
lish this fact? 

 
 Succinate—CoA ligase (ADP-forming) from E. coli 
was mixed with several substrates, the phosphate 
bearing the noted isotopic labels, as described in 
the following paragraph and table, which are quoted 
with slight adaptation from the original report.979 

 
  The incubation of the purified enzyme 
with O18-labeled phosphate in the presence of 
succinate, ATP, and CoA led to a rapid exchange 
of oxygen between succinate and phosphate 
(table). The phosphate was additionally labeled 
with phosphorus32 [sic] to indicate the extent 
of over-all reversal of the reaction. The use of 
relatively large amounts of enzyme in this 
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experiment to achieve 50% equilibration between 
inorganic phosphate and ATP revealed a slow 
phosphate–ATP exchange in the absence of 
succinate (line 5, table). This probably is due to 
the presence of an unknown contaminating 
enzyme since succinate—CoA ligase (ADP-
forming)  isolated from other sources has an 
absolute succinate requirement for the phos-
phate–ATP exchange. Within experimental error, 
the O18 exchange reaction between inorganic 
phosphate and succinate is completely depend-
ent upon ATP, CoA, and enzyme. A comparison 
of the rate of O18 exchange into succinate and 
the P32 exchange into ATP indicates that oxygen 

exchange can occur independently of the over-
all reaction. Assuming that the one succinate 
oxygen would be replaced during complete 
reversal of the reaction, the theoretical per cent 
O18 exchange into succinate would be * the 
value for the 32P exchange into ATP (100% ex-
change representing replacement of all four 
succinate oxygen atoms). In contrast to this 
prediction, the O18 exchange into succinate is 
some 5-fold greater than the theoretical value 
(table). This finding implies the reversible forma-
tion and cleavage of an intermediate compound, 
independent of the over-all reversal of the reac-
tion. 

 

 

additionsa   [32P]HOPO3
2––MgATP2– exchange 

 cpm mmol-1              % exchange 
  in MgATP2– 

 [18O]HOPO3
2––succinate exchange 

mass ratio of CO2       oxygen-18      % exchangeb 
         (46/44)                   (% excess) 

complete system 20,650 56 
 

0.00762 
0.00744 

 

0.338 
 

66.9 
 

complete system 
  – enzyme 

<100 <1 
 

0.00422 
0.00421 

 

<0.001 
 

<0.1 
 

complete system 
  – CoASH 

2000 5 
 

0.00439 
0.00441 

 

0.024 
 

4.7 
 

complete system 
  – MgATP2– 

<100 <1 
 

0.00441 
0.00447 

 

0.024 
 

4.7 
 

complete system 
  – succinate 

5900 16 
 

0.00433 
0.00425c 

0.010 
 

2.0 
 

aThe complete system contained 10 mM MgCl2, 10 mM ¬-cysteine, 5 mM MgATP2–, 50 mM succinate, 1 mM CoASH, 1.6 mg mL-1 
enzyme, and either 5 mM K2[32P]HOPO3 (73,400 cpm mmol-1) or 5 mM K2[18O]HOPO3 (5.05% excess 18O). The reaction was run at 
30 ªC for 1 h. bCalculated on the basis of 100% exchange being equal to replacement of four oxygens-18 on succinate by oxygens-18 
from phosphate and corrected for the 10-fold excess of succinate over phosphate. cSuccinate added after acidification and extrac-
tion. 

 
 
 (D) Write a step-by-step mechanism to explain 

the transfer of oxygen-18 from [18O]HOPO3
2– 

to succinate. 
 (E) Expand your mechanism to show why this 

exchange is 5 times faster than the overall 
reaction. 

 
 

 
 
 (F) What is the “intermediate compound” required 

for this exchange of oxygen for phosphate into 
succinate? 

A solution containing succinate—CoA ligase (ADP-
forming) from E. coli and MgADP- was mixed with 
other substrates, as described in the following figure, 
and the synthesis of MgATP2- was followed.980 
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Synthesis of MgATP2- from succinyl phosphate and from suc-
cinyl-SCoA plus phosphate.980 To a solution of 5 mM MgADP-, 
5 mM MgSO4, 0.08 mM dithiothreitol, 1 mM ethylenediamine-
tetraacetate, and 50 mM 2-ammonio-2-(hydroxymethyl)-
propane-1,3-diol, pH 7.8 and 17 ªC, were added the following: 
(3) 0.20 mM succinyl-SCoA and 0.20 mM potassium phos-
phate; (2) 1.0 mM succinyl phosphate and 0.025 mM HSCoA; 
(Í) 1.0 mM succinyl phosphate and 0.025 mM desulfoCoA; 
(ˆ) 1.0 mM succinyl phosphate. 
 
 
 
 (G) Write a step-by-step mechanism to explain 

the synthesis of MgATP2- from succinyl phos-
phate (ˆ). Expand your mechanism to explain 
synthesis of MgATP2- from succinyl-SCoA 
and HOPO3

2- (3). How could a reaction with 
fewer steps (ˆ) be slower than one with more 
steps (3)? 

 (H) Desulfocoenzyme A is coenzyme A lacking 
the sulfanyl group. How can it activate forma-
tion of MgATP2- from succinyl phosphate? 
Why does coenzyme A have the same effect? 

 (I) What other isotopic exchanges, such as the 
[18O]HOPO3

2- 1 succinate reaction described 
above, should succinate—CoA ligase (ADP-
forming) catalyze if the three-step mechanism 
presented in the first paragraph of this prob-
lem is correct? 
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Chapter 6 

Global Conformational Change 

Because many instances have been documented 
crystallographically, there is no doubt that most 
molecules of protein can exist in more than one 
conformation. In retrospect, this observation is not 
surprising. If all the information necessary to produce 
one native structure of lowest free energy is encoded 
in the sequence of amino acids for the polypeptide 
or polypeptides comprising the protein, it must al-
so be the case that the information necessary to 
produce two or more different native structures 
can be encoded in the same sequence of amino acids. 
If a polypeptide can fold and the folded polypeptides 
can assemble to produce one particular conformation, 
there is no reason that the same polypeptide cannot 
fold and assemble to produce a different conformation 
or several different conformations as well. The surpris-
ing fact is that these different conformations are 
usually in rapid equilibrium with each other without 
the necessity of passing through the unfolded random 
coil during their interconversion. The frequency with 
which these rapid equilibria between conformations 
are encountered among the proteins probably reflects 
the fact that they have been naturally selected during 
evolution for their significant functional utility.  
 Although there is a continuous spectrum for 
the extent of differences between two conformations 
of the same protein, there are several classes of 
conformational changes that can be distinguished. 
The conformational changes of least extent—such 
as local rearrangements of the side chains of amino 
acids in an active site upon association of reactants 
(Figures 3-56 and 3-57), closing of a lid over the 
active site upon assembly of all the reactants (Fig-
ure 3-58), and closing of the two domains of a subunit 
around the reactants to occlude them from the solu-
tion and in the process produce the active site (Fig-
ure 3-55)—have already been discussed. These are 
all local conformational changes. A local conforma-
tional change is a conformational change that occurs 
within the tertiary structure of a single folded poly-
peptide, that is confined to that folded polypeptide, 
and that has an insignificant effect on neighboring 
subunits when, as is almost always the case, that folded 
polypeptide is one of several folded polypeptides 
within a larger oligomer. 

 Most molecules of protein are oligomers of sub-
units that are folded polypeptides, each of which 
has the same sequence of amino acids. A conforma-
tional change can alter the spatial relations among 
the subunits in such an oligomer. A quaternary 
conformational change is a conformational change 
in an oligomer that includes two or more of its 
subunits (but usually all of them), that usually occurs 
with retention of the symmetry of the oligomer, and 
that usually involves a change in the orientation 
of its constituent folded polypeptides with respect 
to each other. For example, the conformational 
change between deoxyhemoglobin, in which all the 
hemes are unoccupied, and oxyhemoglobin, in 
which all four hemes have molecular oxygen 
bound, involves the rotation of one ab dimer with 
respect to the other ab dimer by 15ª and an increase 
in the distance between the two dimers of 0.1 nm 
along a screw axis (Figure 6-1).1-3 
 The conformational change between unliganded 
aspartate carbamoyltransferase and aspartate carbam-
oyltransferase in which the bisubstrate analogue 
N-(phosphonacetyl)-¬-aspartate (previously 3-6) 

 

is bound in all six active sites of the (ab)6 oligomer 
involves a rotation of one catalytic a3 trimer with 
respect to the other by 10ª and a widening of the 
distance between the two by 1.2 nm (Figure 6-2)4-7 
and also a reorientation along a screw axis that coin-
cides with the threefold rotational axes of symmetry 
in each of the two conformations. During this 
change, the three regulatory b2 dimers rotate about 
their respective twofold rotational axes of symmetry 
by 15ª. The interfaces between the regulatory 
b2 dimers and the catalytic a3 trimers act as pivots 
during this conformational change.  
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Figure 6-1: Drawings485 of crystallographic molecular models 
of human hemoglobin in its two quaternary conformations, 
the R conformation (oxy) and the T conformation (deoxy).1 
Crystals of hemoglobin in the R conformation, the hemes of 
which were occupied by carbon monoxide, were grown in 
2.5 M sodium/potassium phosphate at pH 6.7. Crystals of the 
space group P41212 were obtained with an ab dimer in each 
asymmetric unit. Reflections were collected from these crystals 
to Bragg spacing of 0.22 nm.3 Crystals of hemoglobin in the 
T conformation, the hemes of which were unoccupied, were 
grown in solutions of 1 mM ferrous citrate, ammonium sulfate 
(2-2.5 M), and ammonium phosphate (2-2.5 M) at pH 6.5. 
Crystals of the space group P1211 were obtained with the entire 
(ab)2 heterotetramer in the asymmetric unit. Reflections were 
collected from these crystals to Bragg spacing of 0.174 nm.2 
The space-filling drawings are of the two refined, complete 
crystallographic molecular models, that for the R conformation 
(left) and that for the T conformation (right). The two ab dimers 

of the (ab)2 heterotetramer, a1b1 to the front and a2b2 to the 
back, are drawn in light gray and white and in dark gray and 
gray, respectively. The two ab dimers are arrayed around the 
exact, crystallographic twofold rotational axis of symmetry of 
the R conformation or the noncrystallographic twofold rotational 
axis of symmetry of the T conformation, each running vertically 
in the plane of the page. There is a twofold rotational axis of 
pseudosymmetry relating a1 and b1 and a2 and b2, normal to 
the plane of the page in the middle of the a1b1 dimer in front, 
and there is a horizontal twofold rotational axis of pseudo-
symmetry relating a1 and b2 and a2 and b1 in the plane of the 
page. The two lines in each drawing are drawn through two side 
chains on the opposite sides of the a1b1 dimer and through two 
side chains on the opposite sides of the a2b2 dimer, respectively. 
In each drawing, the lines are drawn through the same side 
chains to illustrate the 15ª rotation between the two dimers 
that occurs upon the change in conformation.  
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Figure 6-2: Drawings485 of crystallographic molecular models 
of aspartate carbamoyltransferase from E. coli in its two quaternary 
conformations.5 Crystals of the enzyme in the R conformation, 
the active sites of which were occupied by N-(phosphonacetyl)-
¬-aspartate (6-1), were produced by dialyzing the enzyme at 
high concentration into 50 mM N-ethylmorpholinium maleate 
at pH 6.9 and 21 ªC in the presence of 1 mM N-(phosphonacetyl)-
¬-aspartate. Crystals of the space group P321 were obtained. 
Reflections were collected from these crystals to Bragg spacing 
of 0.25 nm.6 Crystals of the enzyme in the T conformation, the 
regulatory sites of which were occupied by CTP4-, were formed by 
dialysis against 1 mM 2-sulfanylethanol, 0.2 mM ethylenediamine-
tetraacetic acid, 10 mM 2-ammonio-2-hydroxymethylpropane-
1,3-diol chloride, and 100 mM sodium maleate at pH 6.35. 
Crystals of space group P321 were obtained. These were soaked 
in the aforementioned buffer with 2.5 mM CTP4-. Reflections 

one at the top in each drawing and one at the bottom, are 
drawn in three shades of gray, and the three folded a poly-
peptides in each catalytic a3 trimer are arrayed around an exact 
crystallographic threefold rotational axis of symmetry running 
vertically in the plane of the page. The three regulatory 
b2 dimers, drawn in white, connect the two catalytic a3 trimers, 
and a twofold rotational axis of symmetry runs through the 
center of each of the three regulatory b2 dimers. One of those 
twofold rotational axes of symmetry is normal to the plane of 
the page in the middle of the regulatory b2 dimer in front. Both 
views are down this twofold rotational axis of symmetry. 
(B) Rearrangement of catalytic a3 trimers during the confor-
mational change. The drawings of the R conformation (left) 
and the T conformation (right) are the same drawings as in 
Panel A except that the three regulatory b2 dimers have been 
removed so that the central cavity in the molecule of the enzyme 
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from the soaked crystals were collected to Bragg spacing of 
0.26 nm.7 (A) Equilibrium between the R and T conformations. 
The space-filling drawings are of the two refined, complete crystal-
lographic molecular models, that for the R conformation (left) and 
that for the T conformation (right). The two catalytic a3 trimers, 

can be seen. As the conformation changes, the two catalytic 
a3 trimers rotate in opposite directions. As they slide past each 
other, they fit together more snugly and the central cavity 
becomes narrower. 

 
 
 
 The rotation of the pivoting regulatory 
b2 dimers spreads apart and rotates the two cata-
lytic a3 trimers with respect to each other. In such 
quaternary conformational changes, the subunits 
can, to a first approximation, be treated as rigid 
bodies that reorient with respect to each other by 
mechanical movements of defined geometry. 
 Within the tertiary conformation of each constit-
uent folded polypeptide of an oligomeric protein, 
local conformational changes always accompany 
a quaternary conformational change that involves 
the entire molecule of protein. For example, local 
conformational changes on the distal side of the 
heme in hemoglobin (Figure 2-53) occur during 
the quaternary conformational change promoted 
by the binding of molecular oxygen. Such local 
conformational changes within the subunits must 
occur during a quaternary conformational change. 
Every interface in a homooligomeric protein, by 
definition, is formed from two faces. These two words 
must be clearly distinguished because they refer to 
different things. If the tertiary conformations of the 
folded polypeptides constituting the subunits were 
to remain the same, the structures of the faces within 
the interfaces that create the oligomer would also 
have to remain the same. Because the structures of 
these two faces are all that determine the structure of 
the interface, the quaternary conformational change 
could not occur. If the faces that form the interface 
do not change, the interface cannot change. Local 
conformational changes, however, do not always 
affect or effect quaternary conformational changes. 
A local conformational change confined to a region 
of the subunit well isolated from the interfaces, for 
example, the closing of a loop of polypeptide over an 
active site upon association of reactants, can occur 
independently of a quaternary conformational 
change. 
 Aspartate carbamoyltransferase (previously 
Equation 3-220) 

  
                (6-1) 

 
 
 
catalyzes the first committed reaction in the meta-
bolic pathway leading to the pyrimidine nucleotides: 
orotidine 5¢-phosphate, uridine 5¢-triphosphate, cyti-
dine 5¢-triphosphate, thymidine 5¢-triphosphate, 
and deoxycytidine 5¢-triphosphate. The first commit-
ted reaction in any metabolic pathway is the earliest 
step in the pathway in which a metabolite is produced 
that can be used only in that pathway. For example, 
N-carbamoyl-¬-aspartate, a product of the reaction 
catalyzed by aspartate carbamoyltransferase (Equa-
tion 6-1), is used only to synthesize pyrimidine nucle-
otides. 
 The simplest form of metabolic regulation is 
end-product inhibition, a situation where one or 
several end products of a metabolic pathway inhibit 
the first committed reaction in that pathway. When 
the cytoplasmic concentrations of pyrimidine nucleo-
tides are too high, the flux through the pathway for 
their biosynthesis is diminished by decreasing the 
rate of the reaction catalyzed by aspartate carbamoyl-
transferase. This decrease occurs because several of 
the pyrimidine nucleotides, in particular MgCTP2– 
and MgUTP2- acting together, are inhibitors of the 
catalysis performed by the enzyme (Figure 6-3).8,9 
If, however, the concentrations of purine nucleo-
tides, in particular MgATP2- and MgGTP2-, are in 
significant excess over those of pyrimidine nucleo-
tides, the biosynthesis of pyrimidine nucleotides is 
increased by accelerating the rate of the reaction 
catalyzed by aspartate carbamoyltransferase. This 
increase occurs because MgATP2- and MgGTP2- are 
activators of the catalysis performed by the enzyme. 
Metabolic regulation can also be exerted at the 
branch points of major metabolic pathways; for 
example, citrate activates acetyl-CoA carboxylase 
to divert acetyl-SCoA from the citric acid cycle to 
the biosynthesis of fatty acids, from the immediate 
production of energy to the storage of energy. 
 It is known, from studies in which the catalytic 
a3 trimers were separated from the regulatory 
b2 dimers,10 that the active sites for aspartate carbam-
oyltransferase from Escherichia coli are on its catalytic 
a subunits10 and the binding sites for nucleotides 
are on its regulatory b subunits.9,11,12 In the intact 
native enzyme, the six active sites are symmetrically 
 

carbamoyl phosphate  +  ¬-aspartate  1
            H+ +  N-carbamoyl-¬-aspartate  +  HOPO3

2–
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Figure 6-3: Behavior of the initial rates of the reaction catalyzed 
by aspartate carbamoyltransferase from E. coli as a function of 
the initial concentrations of its reactant ¬-aspartate.9 The initial 
rates of the enzymatic reaction were determined colorimetrically 
at various concentrations of ¬-aspartate in 2.0 mM carbamoyl 
phosphate, 2.0 mM MgCl, 20 mM 2-[bis(2-hydroxyethyl)amino]-
2-(hydroxymethyl)propane-1,3-diol, 20 mM 2-amino-2-hydroxy-
methylpropane-1,3-diol, and 20 mM 3-(cyclohexylamino)-
1-propanesulfonic acid at pH 7 and 28 ªC with either no other 
additions (Í), 2 mM MgCTP2- and 2 mM MgUTP2- („), or 
2 mM MgATP2- and 2 mM MgGTP2- (◊). From the concentration 
of purified enzyme and its molar mass, the measured activity 
was converted to moles of N-carbamoyl-¬-aspartate (mole active 
sites)-1 second-1 (s-1). Each initial rate (v0 in second-1) is plotted 
as a function of the respective initial concentration of ¬-aspartate. 
The curves drawn for the lower two sets of data are fits of 
Equation 6-36 to the points, and the curve drawn to the upper 
set of data is a fit of Equation 3-40 to the points. 
 

 
displayed on the two catalytic a3 trimers,5 and the 
six binding sites for nucleotides are symmetrically 
displayed on the three regulatory b2 dimers (Fig-
ure 6-2). In the crystallographic molecular model 
for the intact enzyme,13 each site on a folded regu-
latory polypeptide at which nucleotides, either 
MgCTP2- and MgUTP2- or MgATP2- and MgGTP2-, 
are bound6,9,14 is 6.0 nm distant from and makes no 
direct contacts with the closest active site.5 As a 
result, the active sites are distinct and separate 
from the regulatory sites, and the inhibition or 
activation of catalysis is an allosteric effect.15 
 
 An allosteric effect is an indirect interaction 
between distinct, spatially separated sites on a 
protein during which the conformation of the 
protein is altered by association of a ligand at one 
or more of the sites, causing a change at one or 
more of the other sites. The ligands the association 
of which causes the alteration of the conformation 
can be inhibitors, activators, antagonists, agonists, 
or substrates for an active site, and the sites that 
change as a result of the change in conformation can  

 
 
Figure 6-4: Measurement of the binding of [U-14C]succinate to 
aspartate carbamoyltransferase from E. coli by equilibrium 
dialysis.11 For measurements by equilibrium dialysis, a series 
of apparatuses, each separating two chambers by a dialysis 
membrane, was used. In one chamber of each apparatus, aspar-
tate carbamoyltransferase (5-20 mg mL-1) in buffer containing 
4 mM carbamoyl phosphate (CAP) was present; in the other 
chamber, only buffer and 4 mM carbamoyl phosphate were 
present. A different initial concentration of [U-14C]succinate 
(succ) was added to the side of each chamber without enzyme, 
and the chambers were allowed to reach equilibrium across 
the membrane. The final concentration of [U-14C]succinate, as 
determined by scintillation counting, in the chamber lacking 
enzyme in each apparatus is the free concentration of the 
succinate at equilibrium in both chambers of that apparatus; 
the final concentration of [U-14C]succinate in the chamber 
containing the protein is the sum of free and bound concentra-
tions of ligand. The value for the concentration of bound 
[U-14C]succinate at saturation was obtained with the version 
of Equation 6-35 in which the concentration of total sites is a 
known parameter rather than an unknown variable. With this 
value for the concentration of bound [U-14C]succinate at satu-
ration, a value for the fraction of sites occupied, Y, was calculated 
for each point. Each value for Y is plotted as a function of the 
respective free concentration of succinate at equilibrium. 
When the data were fit to Equation 6-35 without inserting a 
value for the concentration of sites, the value for K¢d,succ from 
the fit was a large but negative number. Because negative dissoci-
ation constants are meaningless, it was assumed that K¢d,succ 
must be too large to be defined by the observations. Values for 
K¢d,succ larger than 1 M all produced the same fit to the data 
that was obtained when the value for K¢d,succ was not constrained. 
The curve in the figure76 is for K¢d,succ = 1 M, LCAP = 6.8 ± 2.4, 
and Kd,succ = 0.48 ± 0.04 mM. 
 
 
be active sites or sites for agonists, activators, 
inhibitors, or antagonists. 
 A heterotropic allosteric effect is the allosteric 
effect that occurs when the interacting sites bind 
different ligands. An example of a heterotropic allo-
steric effect would be an interaction between a 
regulatory site on aspartate carbamoyltransferase 
that associates with MgCTP2- and MgUTP2– or 
MgATP2- and MgGTP2- on the one hand and an 
active site on aspartate carbamoyltransferase that 
associates with ¬-aspartate and carbamoyl phos-
phate on the other. Two examples of heterotropic 
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allosteric effects are the inhibition of aspartate 
carbamoyltransferase from E. coli by MgCTP2- and 
MgUTP2- and the activation of the same enzyme by 
MgATP2- and MgGTP2- (Figure 6-3). 
 A homotropic allosteric effect is the allosteric 
effect that occurs when two or more interacting 
sites are composed of the same respective amino 
acids within two or more constituent subunits, 
each formed from a folded polypeptide of the 
same sequence, and consequently associating with 
the same ligand or set of ligands. An example of a 
homotropic allosteric effect would be the interactions 
among the active sites on aspartate carbamoyltrans-
ferase, one on each catalytic a subunit, that, by 
definition, associate with ¬-aspartate and carbamoyl 
phosphate. 
 There are two consequences of homotropic 
allosteric effects among the active sites of aspartate 
carbamoyltransferase from E. coli. First, at saturating 
concentrations of succinate, association of carbamoyl 
phosphate at one or two of the six active sites in 
aspartate carbamoyltransferase increases the affinity 
of the remaining active sites for carbamoyl phos-
phate.16 Second, at saturating concentrations of 
carbamoyl phosphate, association of succinate, an 
analogue of ¬-aspartate, at one or two of the six active 
sites increases the affinity of the remaining active 
sites for succinate (Figure 6-4).11 The effect of the 
concentrations of ¬-aspartate on the initial rate of 
the reaction catalyzed by aspartate carbamoyltrans-
ferase (Figure 6-3) mimics the dependence of the 
binding of succinate on its concentration (Figure 
6-4). This behavior suggests that when one or two of 
the active sites become occupied with ¬-aspartate, the 
affinity of the remaining active sites for ¬-aspartate 
increases. 
 Homotropic allosteric behavior is also of regu-
latory significance. Because association of the first 
few molecules of a reactant with active sites on an 
oligomer that displays homotropic allosteric behavior 
increases the affinity of the yet-to-be-occupied sites 
on the same oligomer, the range of concentration 
for that reactant between an occupancy of 10% and 
an occupancy of 90% is much narrower than it 
would have been if a homotropic allosteric effect 
did not exist. Consequently, increases and decreases 
in enzymatic activity are more pronounced when 
changes in the concentration of that reactant occur 
in the cytoplasm, and such changes in the concen-
tration of reactant exert greater control over the 
enzymatic activity. In the specific case of aspartate 
carbamoyltransferase, the activity of the enzyme is 

shut down more effectively when ¬-aspartate, which 
is used widely in other metabolic reactions, is present 
at a low concentration in the cytoplasm. 
 Both heterotropic and homotropic allosteric 
effects are consequences of the ability of the protein 
to exist in two or more conformations that are in 
rapid equilibrium with each other. In addition to 
their role in heterotropic and homotropic allosteric 
control of enzymatic activity, conformational 
changes are also used by proteins to convert the 
potential energy in a covalent bond, usually the 
potential energy in the g-phosphoanhydride of 
MgATP2-, into kinetic energy or the electrochemical 
potential of a gradient of ions across a membrane 
and vice versa. For example, the movements of 
muscle, the movements of individual cells, the 
synthesis of MgATP2- from an electrochemical 
gradient of hydrons during oxidative phosphoryla-
tion, and the maintenance of the concentration 
gradients of ions and metabolites across the plasma 
membranes of cells are all a consequence of confor-
mational changes in the enzymes responsible for 
these processes. 
 

Cooperativity 

 In the usual, ideal case, when measurements 
are made of the occupancy for a ligand with a set of 
independent sites, regardless of whether they are each 
on a monomer of the protein or they are independ-
ent, identical sites on an oligomer, the data follow a 
rectangular hyperbola. The slope of the curve describ-
ing the occupancy decreases continuously from its 
initial value as it approaches its rectangularly hyper-
bolic asymptote at saturation (Figure 3-17). Associ-
ation of succinate, however, with the active sites on 
aspartate carbamoyltransferase from E. coli that are 
saturated with carbamoyl phosphate (Figure 6-4) 
displays a positive deviation from ideal behavior. 
Such positive deviation is often referred to as sigmoid 
behavior. Instead of decreasing from its initial 
value at the lowest concentrations of succinate, the 
slope of the curve describing occupancy of the sites 
actually increases as the concentration of succinate 
is increased before it then decreases. The resulting 
curve is S-shaped (sigmoid). Cooperativity is an 
allosteric interaction between two or more identical 
sites, usually but not always active sites, on an 
oligomeric protein in which the association of a 
ligand or substrate at one or more of the sites 
induces conformational changes in the remaining 
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unoccupied sites, leading to an increase in the 
affinity of those sites for their ligand or substrate—
or an increase in the limiting rate of the remaining 
active sites—and typically producing sigmoid 
behavior. Cooperativity is observed in the binding 
of ligands to many proteins (Figures 6-4 and 6-5). 
Association of the first ligands with the protein 
increases its affinity for the last ligands to associate. 
The ligands cooperate with each other to fill the 
sites. Because hemoglobin is a protein that displays 
this type of behavior and because it has been studied 
longer than any of the others, it serves as a useful 
example. When the fraction of the hemes in human 
hemoglobin that are occupied by molecular oxygen 
is measured as a function of the concentration of 
molecular oxygen, positive deviation from ideal 
behavior is observed (Figure 6-5).17 
 
 Two equations, the Hill equation and the Adair 
equation, which involve no explanation for coop-
erativity, are used to fit sigmoid behavior. They 
are simply mathematical equations that happen 
to describe the observations. 
 Consider a protein, P, with n sites, ST, for ligand L. 
Suppose that each molecule of protein, for some 
unknown reason, were required to bind simultane-
ously all n molecules of ligand L to those n sites and 
that, as a result, each molecule of that protein were 
always either fully occupied or completely unoccu-
pied 

                (6-2) 

The dissociation constant for this reaction would 
be 

                  (6-3) 

and if Y is defined as the fraction of sites occupied 
(previously Equation 3-293) 

                   (6-4) 

then 

           (6-5) 

  

  

 
 
Figure 6-5: Dissociation curve for molecular oxygen from human 
hemoglobin.17 Samples of whole blood from C. G. Douglas 
were equilibrated with various mixtures of N2 gas and O2 gas 
and 53 matm of CO2 at 38 ªC. After equilibrium was reached, 
the molecular oxygen bound to hemoglobin was driven off the 
hemes by adding potassium ferricyanide. The volume of O2 gas 
liberated into the vapor phase above the blood (milliliters) was 
then measured manometrically. This volume represents the 
amount of O2 bound to hemoglobin in the blood before ferri-
cyanide was added. The volume of O2 bound [milliliters of O2 
released by ferricyanide (liter of blood)-1] is plotted as a function 
of the respective partial pressure of O2 over the blood (oxygen 
tension in milliatmospheres). The curve is a fit of Equation 6-6 
to the data with [ST]t = 192 ± 4 mL of O2 L-1, n = 2.7 ± 0.2, and 
Kd = (16,000 ± 700 matm)2.7. 
 
 
 
Equation 6-5 displays sigmoid behavior. It can be 
rearranged to give the equation  

                (6-6) 

which is analogous to (previously Equation 3-298) 

                 (6-7) 

Equation 6-6 can be fit directly to the data for the 
binding of molecular oxygen to hemoglobin (Fig-
ure 6-5). Nevertheless, the otherwise rearranged 
version 

                        (6-8) 
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             (6-9) 

has historically been used to fit the data and obtain 
a value for n. Once [ST]t is estimated from a fit of 
Equation 6-6 to the data directly, values for log 
[Y (1 - Y)-1] are plotted as a function of log [L]. The 
common logarithmic form of the equation (Equa-
tion 6-9) is the Hill equation.18 Parameter n, the 
Hill coefficient, is the slope of a plot of log [Y (1 – Y)-1] 
against log [L]. 
 Although the preceding derivation is based on 
a particular mechanism, the mechanism in which 
each molecule of protein is required to bind all its 
ligands simultaneously (Equation 6-2), the useless-
ness of this stipulation as an explanation for the 
sigmoid behavior of the binding of a ligand to a 
protein as a function of free concentration of the 
ligand is apparent. Only a very peculiar protein, unlike 
any that currently exists, would bind all its ligands 
simultaneously. Nevertheless, experimental data 
are often fit with the Hill equation even though it 
usually fails to fit the data if they are gathered over 
a large enough range. Observed values for the oc-
cupancy of a site by a ligand L or the initial rate of 
an enzymatic reaction that shows sigmoid behavior 
as a function of the concentration of a reactant A are 
plotted in the format log [Y (1 – Y)-1] against log [L], or 
log [v0 (V - v0)-1] against log [A]; and, over a limited 
range, the plot is usually linear as demanded by the 
equation. 
 Even though the Hill coefficient obtained from 
such a plot provides no insight into the reason for 
the sigmoid behavior, it serves as a semiquantitative 
measure of the degree of cooperativity. If the 
number of sites for the ligand on a molecule of the 
protein is known, the closer the value of the Hill 
coefficient is to that number, the greater is the coop-
erativity among the sites. If the Hill coefficient were 
to equal the number of sites, the cooperativity 
would be complete; the remaining ligands would 
associate immediately upon association of the first. 
 There are several reasons that plotting experi-
mental data by the Hill equation (Equation 6-9) is 
unsatisfactory. While there are a few instances in 
which it comes close, such as the a4 tetramer of 
6-phosphofructokinase from E. coli (n = 3.8),19 the 
value of the Hill coefficient rarely equals the known 
number of sites that are cooperating with each other. 
In addition, the value of the Hill coefficient is almost 
never an integer. For example, for human hemo-
globin (Figure 6-5) the Hill coefficient is 2.7, which 

 
 
Figure 6-6: Hill plot of the binding of [U-14C]succinate to 
aspartate carbamoyltransferase from E. coli. Values for the 
total concentration of sites and the fractional saturation Y as a 
function of the free concentration of ligand are those plotted in 
Figure 6-4. The quotient Y (1 - Y)-1 was calculated for each 
concentration of succinate, and each common logarithm of 
Y (1 - Y)-1 is plotted as a function of the respective common 
logarithm of the concentration of succinate (millimolar). A line 
was fit to the data. The slope of the line, the Hill coefficient, is 
1.45 ± 0.04. 
 
 
 
 
 is neither equal to the number of sites for binding 
molecular oxygen on the protein nor an integer. In 
theory, the Hill coefficient can never exceed the 
number of cooperating sites because Equation 6-2 
describes, by definition, a completely cooperative 
situation. In practice, however, there are instances 
in which the Hill coefficient exceeds the number of 
protomers in the protein.20 Finally, the value of the 
Hill coefficient varies depending on the position on 
the curve at which the slope is determined. Accord-
ing to the Hill equation (Equation 6-9), a plot of log 
[Y (1 – Y)-1] against log [L] should be a straight line 
at all values of [L]. Most observations are made 
around the mid-region (Figure 6-5) of the curve for 
binding (0.10 < Y < 0.90), and within this range the 
data in a Hill plot, within the errors of the experiment, 
usually define a line, as is the case for binding of 
succinate to aspartate carbamoyltransferase (Fig-
ure 6-6). When, however, measurements are taken 
over a broad enough range, log [Y (1 – Y)-1] is not a 
linear function of log [L] (Figure 6-7).21 
 The complete set of observations, however, for 
association of molecular oxygen with human hemo-
globin (Figure 6-7), and almost always, if not always, 
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associations of other ligands with other proteins 
and enzymes that display sigmoid behavior, can be fit 
with an equation that does not require the unrealistic 
assumption that the molecule of protein binds all 
its ligands simultaneously.22 For example, hemo-
globin contains four hemes and binds four molecular 
oxygens at saturation. If this process, as one might 
reasonably assume, occurs in four simple steps 

 
                  (6-10) 

where the Kdi are all macroscopic dissociation con-
stants for molecular oxygen, then 

Figure 6-7: Dissociation of molecular oxygen from human 
hemoglobin,21 measured over a range of greater than 3 orders 
of magnitude in the concentration of O2. Hemoglobin A was 
prepared from human blood and was stripped of all organic 
phosphates. Solutions of this hemoglobin at a concentration of 
0.6 mM in heme were prepared in 0.1 M NaCl at pH 9.1 and 
25 ªC. The fractional saturation of hemoglobin, Y, was determined 
as a function of the partial pressure of molecular oxygen (pO2) 
in the gas phase above the solution. For each measurement, 
the concentration of molecular oxygen in the solution of hemo-
globin was measured directly with an oxygen electrode that 
had been calibrated with standard gas mixtures at the same 
time that transmittance of the solution was measured at a 
wavelength of 620 nm. Absorbance of the solution purged with 
N2 was assumed to be the absorbance of hemoglobin unoccupied 
with molecular oxygen, and absorbance extrapolated to infinite 
concentration of molecular oxygen was assumed to be that of 
hemoglobin fully saturated with molecular oxygen. The fractional 
saturation, Y, was assumed to be directly proportional to the 
observed absorbance relative to these limits (Equation 3-297). 
After a measurement was taken at one concentration, the mix-
ture of molecular nitrogen and molecular oxygen was changed. 
All consecutive readings were taken on the same solution at a 
particular temperature. The reversibility of the process was 
demonstrated by returning frequently to concentrations of 
earlier measurements. From individual measurements of Y, 
the function log [Y (1 - Y )-1] was calculated, and each calcu-
lated value is plotted as a function of the respective common 
logarithm of the partial pressure (milliatmospheres) of molecular 
oxygen. (A) Fit of the data with the Adair equation (Equation 6-11). 
The dashed lines are the two limits of Equations 6-18 and 
6-19. Values for Kd1 and Kd4 obtained from these limits were 
used as starting values for these parameters in a complete fit of 
the equation to the data. The final values for the dissociation 
constants from the full fit were Kd1 = 5.6 ± 0.7 matm, Kd2 = 5.8 ± 
2.4 matm, Kd3 = 1.6 ± 0.7 matm, and Kd4 = 1.9 ± 0.2 matm. The 
solid curve is the fit to the data. (B) Fit of the same data with 
Equation 6-35. Values for parameters of the fit are L0 = 1700 ± 300, 
K¢dO2

 = 22 ± 1 matm, and KdO2
 = 0.49 ± 0.02 matm. Again, the 

solid curve is the fit to the data. 
  
 
 
 
 
 
 

 
                                  (6-11) 

This relation is an Adair equation. 
 The Adair equation is not exclusive to association 
of molecular oxygen with hemoglobin. Nor is it only 
applicable to a molecule of protein with four sites; 
the number of sites on the molecule of protein can 
be any integer. As already mentioned, it can be applied 
to association of any ligand or substrate to any protein, 
whether or not the association displays sigmoid 

behavior. In fact, in situations in which there are 
several different, independent sites on a protein for 
the same ligand, each of which is composed of a 
different set of amino acids and each of which associ-
ates with a ligand with its own distinct dissociation 
constant, the Adair equation can be used to obtain 
values for those several dissociation constants. In 
such a situation, association of the ligand with the 
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protein must show negative deviation from ideal 
behavior as the ligand associates successively with 
sites of lower and lower affinity.  
 The general form for the Adair equation is 

           (6-12) 

where n is the number of sites for ligand L on the 
protein and Kdi are formally dissociation constants 
with units of molarity. The Adair equation is also not 
confined to association of a ligand with a molecule 
of protein. Association of a ligand with any molecule 
or ion, for example, association of imidazole with 
Zn2+ and Cu2+, can be described with an Adair equa-
tion.23 From these considerations, it should be clear 
that the intent of the equation is to be as independ-
ent of any explanation as possible and to provide a 
broadly applicable equation to fit any set of obser-
vations. 
 Because each coefficient in the Adair equation 
is simply the previous coefficient multiplied by a 
number that can have any positive value, each coeffi-
cient is actually independent of the others. Conse-
quently, the general form of the Adair equation can 
be restated as 

             (6-13) 

where the n coefficients, a0 to an-1, with units of Mn-i, 
can have any value greater than 0. In this formulation, 
the Adair equation is independent of any proposed 
mechanism and independent of any explanation 
for the behavior that is observed. It is simply an 
equation that has been found to describe accurately 
observations of association of a ligand with a protein 
whether cooperative or not. 
 In the case of hemoglobin, an Adair equation is 
being applied to a situation where a great deal is 
known about the protein. It should be noted, however, 
that in deriving the equation for hemoblobin, no 
assumptions were made as to the properties of the 
sites to which molecular oxygen is binding. The only 
assumption made was that there are four sites on 

each molecule of protein, a fact which can be ascer-
tained by quantifying the moles of molecular oxy-
gen that associate with each mole of hemoglobin at 
saturation. In situations in which almost nothing is 
known about a protein binding a particular ligand 
other than a fairly accurate approximation of its 
molar mass,* the first property that is ascertained is 
the ratio between the moles of bound ligand at sat-
uration and the moles of protein. It is then assumed 
that each molecule of protein in the solution† can 
associate with that number of ligands, and the value 
for n in the Adair equation is chosen to be that molar 
ratio. 
 For the general Adair equation (Equation 6-12)23  

               (6-14) 

and 

               (6-15) 

and for the algebraic form (Equation 6-13) 

               (6-16) 

and 

               (6-17) 

It follows from these limits that the asymptotes at 
either end of plots of log [Y (1 – Y)-1] against log [L], 
which should have slopes of 1 as required by Equa-
tions 6-14 and 6-15, fix values for K1 and Kn. These 
constraints then allow values for the other parameters 
to be determined more precisely. For example, for 

                                                
*Today, the molar mass of a subunit of an enzyme is usually 
known before it is purified because its sequence of amino acids 
is usually known before it is purified. 
†Some problems with this assumption are that it is quite 
difficult to determine precisely the concentration of protein in 
a solution, to estimate the purity of the protein being studied, 
and to know what percentage of the molecules of that 
particular protein, although present, are defunct. 
*From here on a unidirectional arrow, rather than two 
opposing arrows, will be used to designate an equilibrium so 
that products and reactants are clearly defined. 
*There is no correspondence between the structural character-
istics of the quaternary conformational change and whether it 

†Some problems with this assumption are that it is quite 
difficult to determine precisely the concentration of protein in 
a solution, to estimate the purity of the protein being studied, 
and to know what percentage of the molecules of that 
particular protein, although present, are defunct. 
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dissociation of molecular oxygen from hemoglobin 
at 30 ªC (Figure 6-7), the limits for Equation 6-11 
are 

              (6-18) 

and 

            (6-19) 

Values for Kd1 and Kd4 were determined from the 
asymptotes (dashed lines in Figure 6-7A), and 
values for Kd2 and Kd3 could then be obtained23 
by fitting the data to Equation 6-11, with the     
result that Kd1 = 5.6 ± 0.7 matm, Kd2 = 5.8 ± 2.4 matm, 
Kd3 = 1.6 ± 0.7 matm, and Kd4 = 1.9 ± 0.2 matm. Because 
the data are of such high accuracy, extend over almost 
4 orders of magnitude in the concentration of molecu-
lar oxygen (Figure 6-7), and include both asymptotes, 
the errors of estimate are small even though the data 
are fit with four parameters. Much of this precision 
is due to the fact that the asymptotes, at each end 
of the curve, were used to determine Kd1 alone and 
Kd4 alone, a fact that explains the greater precision 
of these two parameters relative to the other two. 
 If data are available for only the midrange, as is 
usually the case, then the errors of estimate are 
usually much greater. For example, when the Adair 
equation is fit to the data for binding of succinate to 
the active sites on aspartate carbamoyltransferase 
from E. coli that are saturated with carbamoyl phos-
phate (Figure 6-4), which is an unusually extensive 
set of observations, a satisfactory coincidence between 
the resulting curve and the points is obtained 
(R = 0.99), but standard deviations on the six param-
eters governing the fit are all larger than the numbers 
for the parameters themselves, and the values for 
dissociation constants are strange. In this case, the 
data span only two orders of magnitude, asymptotes 
of slope 1 with which to fix values for K1 and K6 
independently are not reached (Figure 6-6), and 
there are six parameters in the Adair equation rather 
than four. Nevertheless, the behavior can be fit with 
the equation. 
 One of the more important points, however, that 
can be established by examining an Adair equation 
is that the sigmoid behavior observed for associa-
tion of ligands with certain homooligomeric proteins 
is not simply a consequence of the fact that a homo-
oligomer has more than one site for a particular 

ligand. Unoccupied homooligomers are, with few 
exceptions, rotationally symmetric. If the asymmetric 
unit of a symmetric homooligomer has one site with 
which a ligand associates, then each of the other 
asymmetric units will have an identical site for that 
ligand. If they are identical and independent of 
each other, each site should have the same micro-
scopic dissociation constant, KdL, for the ligand. 
The macroscopic dissociation constant, however, 
for the ith step, Kdi, in the association is the prod-
uct of a statistical correction and that microscopic 
dissociation constant 

                 (6-20) 

Before the ith ligand associates with the protein, 
there are n - i + 1 identical unoccupied sites at which 
association can occur, a fact that decreases its macro-
scopic dissociation constant, while the product of its 
association has i identical sites occupied by ligand 
from which dissociation can occur, a fact that increases 
its macroscopic dissociation constant. For example, 
in the case of a homotetramer in which every site 
binds the ligand with the same microscopic disso-
ciation constant, KdL, and every site is independent 
and unlinked to any other site, when the statistical 
correction is applied 

      
                  (6-21) 

The macroscopic dissociation constant for the first 
step always has one-fourth the value of the micro-
scopic dissociation constant for the sites because 
the reactant has four sites at which association can 
occur while the product has only one site from 
which dissociation can occur. The macroscopic 
dissociation constant for the second step always 
has two-thirds the value for the microscopic disso-
ciation constant because the reactant has three 
sites for association but the product has only two 
sites for dissociation, and so forth. 
 When statistically corrected values of the macro-
scopic dissociation constants (Equation 6-20) are 
entered into the general Adair equation (Equa-
tion 6-12) 

                (6-22) 

In this instance, all sites are binding the ligand 
independently, and no sigmoid behavior is observed, 
only the usual rectangularly hyperbolic behavior of 
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binding to unlinked sites. Notice that the number 
of sites in the oligomer is not involved in Equation 
6-22. Only if the macroscopic dissociation constants 
in the Adair equation (Equation 6-12) differ from 
the statistically corrected values (Equation 6-20)—
in other words, the sites are not independent—
does the Adair equation, when plotted, produce 
deviations from ideal behavior, either positive or 
negative. 
 When the statistical corrections are applied to 
values for the individual macroscopic dissociation 
constants obtained from the fit of the Adair equation 
to dissociation of molecular oxygen from hemoglobin 
(Figure 6-7A), values for the four intrinsic dissocia-
tion constants are Kd0,1 = 22 matm, Kd0,2 = 8.8 matm, 
Kd0,3 = 1.1 matm, and Kd0,4 = 0.48 matm. On the basis 
of this analysis, the microscopic dissociation con-
stants, as expected, decrease with occupancy, and 
the largest increase in intrinsic affinity occurs between 
association of the second and third oxygens. 
 Although both the Hill equation within the mid-
range (Figures 6-5 and 6-6) and the Adair equation 
(Figure 6-7) can usually produce curves that fit 
observed cooperative behavior quite precisely, 
neither provides an explanation for that observed 
behavior. An explanation of cooperativity, however, 
has been provided by Monod, Wyman, and Chan-
geux.15 This explanation is based on the established 
ability of many proteins to exist in two conformations, 
on thermodynamic linkage relations that establish 
the ability of association of a ligand with such a 
protein to shift the equilibrium between the two 
conformations, and, most especially, on the almost 
universal observation that the quaternary confor-
mations of homooligomeric proteins are rotationally 
symmetric. 
 
 Proteins that display cooperative behavior can 
be shown by crystallography to exist in at least two 
different quaternary conformations. It has already 
been noted that hemoglobin (Figure 6-1) and aspar-
tate carbamoyltransferase (Figure 6-2) do exist in 
two quaternary conformations. In the simplest 
situation, one could assume that there are only two 
quaternary conformations of a protein. For irrelevant 
historical reasons,15 these two quaternary confor-
mations are called the T and R conformations. By 
definition, the T conformation is the one that 
predominates when a ligand or substrate, the 
behavior of which is being examined and which 
displays cooperativity in its association with the 
protein, is absent and often only when an allosteric 
inhibitor or cosubstrate is present. The R confor-

mation is the one that predominates when a ligand 
or substrate, the behavior of which is being examined 
and which displays cooperativity in its association 
with the protein, is present at saturating concen-
trations and often only when an allosteric activator 
or cosubstrate is present. In the case of aspartate 
carbamoyltransferase, the T conformation predom-
inates in the absence of substrates and heterotropic 
allosteric effectors, and the R conformation predomi-
nates in the presence of saturating concentrations 
of substrates and the absence of heterotropic allosteric 
effectors. To simplify the following explanation, it 
can be assumed for the moment that, as is the case 
with aspartate carbamoyltransferase, the T conforma-
tion predominates in the absence of all ligands, 
even though this assumption will later be shown 
neither to describe the usual case nor to be a necessary 
one for the explanation of cooperative behavior to 
be valid. 
 The cooperativity displayed by aspartate carbam-
oyltransferase is observed only when the R and T con-
formations can be interconverted. Alanine 241 in 
aspartate carbamoyltransferase is in a loop of poly-
peptide distant from the active site of the enzyme and 
also distant from the interfaces between catalytic 
a subunits and regulatory b subunits. It is, however, 
located in the space between the two catalytic a3 tri-
mers. Each Alanine 241 from a catalytic a subunit 
in one catalytic a3 trimer is immediately adjacent 
to an Alanine 241 from a catalytic a subunit in the 
other catalytic a3 trimer in the R conformation 
(opposed loops between catalytic a3 trimers in Fig-
ure 6-2B) but not in the T conformation. When the 
Alanines 241 were replaced with cysteines and cystines 
were formed between pairs of these cysteines when 
the enzyme was in the R conformation, the resulting 
disulfides locked the enzyme in the R conformation 
(Figure 6-8), and this crosslink prevents the conver-
sion between the T and R conformations. The enzyme 
locked in the R conformation shows a smaller Michae-
lis constant for ¬-aspartate than the concentration of 
¬-aspartate at which the initial rate of the enzymatic 
reaction is half its limiting rate in the unmodified 
enzyme, and the initial rate of the enzymatic reaction 
as a function of the concentration of ¬-aspartate, 
unlike the reaction catalyzed by the unmutated 
enzyme, displays no cooperativity. When the cystines 
are reduced to cysteines, cooperativity reappears 
and the concentration of ¬-aspartate at which the 
initial rate is half the limiting rate returns to the 
value for the unmutated enzyme.24 
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Figure 6-8: Drawings485 of the locking of aspartate carbamoyl-
transferase in the R conformation. The codon in the chromosome 
of Escherichia coli for Alanine 241 in the a catalytic subunit of 
aspartate carbamoyltransferase was changed to a codon for 
cysteine, and the codon for the only cysteine in the a catalytic 
subunit was changed to one coding for alanine. The mutant 
aspartate carbamoyltransferase was overproduced in the resulting 
cells of E. coli and purified to homogeneity. It was discovered 
that in the purified enzyme, in the absence of reducing agents, 
there was a cystine connecting each a catalytic subunit in one 
a3 trimer to a catalytic a subunit in the opposite a3 trimer. Only 
in the R conformation is the single cysteine in a mutated cata-
lytic a subunit, Cysteine 241, close enough to one of the other 
Cysteines 241 in the intact holoenzyme to form a cystine. The 
cysteines that are close together in the R conformation are 
each in a flexible loop of polypeptide. One of these flexible 
loops in an a catalytic subunit in an a3 trimer is immediately 
adjacent to the flexible loop in an a catalytic subunit in the 
other a3 trimer (Figure 6-2B). The loops are related to each 
other by a twofold rotational axis of symmetry, which should 
pass through the disulfide in the cysteine. It was assumed that 
the cystines in the purified enzyme formed while it was in the 
R conformation. It was also assumed that the cystine was between 
the respective cysteines in the flexible loops in these adjacent 

catalytic subunits. The crystallographic molecular model of the 
R conformation used for the drawing in Figure 6-2 was used 
here to represent two a catalytic subunits in an R conformation 
covalently connected to each other by a cystine. The crystallo-
graphic molecular models of two adjacent a catalytic subunits 
in the R conformation are presented to the left as skeletal 
drawings. The polypeptide backbone is drawn with a thicker 
line than the lines for the side chains of the amino acids. The 
loops of polypeptide containing Alanine 241 in this crystallo-
graphic molecular model of the R conformation were arbitrarily 
stretched out by rotating bonds in the polypeptide until the 
b carbons of the Alanines 241 were close enough together, and 
a cystine (even thicker lines) was then drawn in place of the 
two alanines. The drawing to the left is therefore not a drawing 
of an actual crystallographic molecular model. The drawing to 
the right, however, is of two a catalytic subunits from the crys-
tallographic molecular model of the T conformation used in 
Figure 6-2 that are related by the same twofold rotational axis of 
symmetry. The cystine locks the enzyme in the R conformation, 
but when the cystine is reduced by dithiothreitol, in the absence 
of any ligands, the enzyme reverts to the T conformation because 
the two catalytic a3 trimers can now rotate relative to each 
other. As the catalytic a3 trimers rotate, they slide past each 
other, and this sliding displaces the cysteines.  

 
 
 

 
 
 

Cys 241

Cys 241
Cys 241

Cys 241
dithiothreitol



Global Conformational Change 
 

1692 

 The explanation of how association of a ligand 
is able to shift the equilibrium between two quater-
nary conformations of a protein relies upon casting 
the situation as a linkage relation. If the two confor-
mations, R and T, are accessible to each other, the 
difference in free energy between them in the absence 
of ligands defines an equilibrium constant*  

                    (6-23) 

                    (6-24) 

For historical reasons again, the equilibrium is 
written with the T conformation as product and the 
R conformation as reactant, and the equilibrium 
constant between the two conformations in the 
absence of any ligands is designated as L0, the equilib-
rium constant between the R and T conformations.15 
This equilibrium constant is an allosteric constant. 
 An allosteric constant is the constant for the 
equilibrium between two conformations of an 
enzyme or protein that displays allosteric behavior. 
A fundamental allosteric constant, L0, is the allosteric 
constant for an enzyme in the absence of any of its 
ligands. A conditional allosteric constant is the 
allosteric constant for an enzyme in the presence of 
saturating concentrations of one or more of its 
ligands. The following argument is for the general 
case of association of any ligand capable of shifting 
any conformational equilibrium of a protein. The 
special case in which association of a substrate 
causes an active site to close around that substrate 
has already been discussed (Equations 3-437 to 
3-440). For the moment, it will be assumed that the 
protein is a monomer and that the sole subunit of 
the monomer has only one site with which the ligand 
can associate, even though association of a ligand 
to a single site on a monomer does not display coop-
erativity. 
 If the two conformations of the protein, the T 
and R conformations, exist as definable states in 
equilibrium with each other so that each is accessible 
from the other and both are populated in either the 
presence or absence of a particular ligand L for the 
protein, then the following linkage relation can be 
written 

                                                
*From here on a unidirectional arrow, rather than two 
opposing arrows, will be used to designate an equilibrium so 
that products and reactants are clearly defined. 

            (6-25) 

where KdL is the dissociation constant for ligand L 
from the R conformation, KAdL is the dissociation 
constant for ligand L from the T conformation, and 
LL is the equilibrium constant between the two 
conformations when both are occupied by ligand L. 
Both conformations have a site for the binding of 
ligand L, but it is unlikely, given the changes in 
structure that occur in the protein when one con-
formation becomes the other, that the dissociation 
constants for that ligand from that site will be the 
same in the two conformations. If the ligand L binds 
more tightly to the R conformation than it does to 
the T conformation (KdL < KAdL), it necessarily follows 
that association of the ligand with the protein will 
shift the equilibrium between T and R in favor of 
the R conformation (LA < L0) because, by linkage 

           (6-26) 

and 

                (6-27) 

Equation 6-26 is a corollary of the definition of a 
state function, and Equation 6-27 can be validated 
by inserting the definitions of the four equilibrium 
constants. If the T conformation predominates in 
the absence of the ligand (L0 < 1) and the difference in 
dissociation constants for the ligand between the T and 
R conformations is large enough [L0KdA (KAdA)-1 > 1], 
then association of the ligand will shift the equilib-
rium constant so much that the R conformation 
predominates in its presence, just as association of 
N-(phosphoacetyl)-¬-aspartate does to aspartate 
carbamoyltransferase (Figure 6-2). The difference 
in standard free energy of dissociation of the ligand 
from the two conformations provides the standard 
free energy necessary to shift the equilibrium between 
the two conformations. 
 
 As is the case with quaternary structures ob-
served in crystallographic molecular models of 
almost all homooligomers in their fully liganded 
or fully unoccupied states, it is assumed that, when 
they are in solution, the T and R conformations of 
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a homooligomer displaying cooperativity in associa-
tion of a ligand are rotationally symmetric. Although 
reasons can be given as to why this rotational 
symmetry should be so,15,25 the fact remains that, 
crystallographically at least, it is so. 
 The initial rate for the reaction catalyzed by 
6-phosphofructokinase (previously Equation 3-300) 

   
                  (6-28) 

from Geobacillus stearothermophilus is a sigmoid 
function of the concentration of the reactant fructose 
6-phosphate when the allosteric sites on the enzyme 
are occupied by the heterotropic allosteric inhibitor 
phosphoenolpyruvate,19,26 as well as when they are 
not.27 When the allosteric sites of the enzyme are 
fully occupied by phosphoglycolate, an analogue of 
phosphoenolpyruvate, it crystallizes in the T confor-
mation in the space group P212121. The a4 tetramer 
is necessarily the asymmetric unit in this space 
group that lacks crystallographic rotational axes of 
symmetry. Nevertheless, the four subunits in the 
asymmetric unit of the crystallographic molecular 
model are arrayed in molecular 222 (D2) symmetry, 
and superpositions of a carbons, following rotations 
around the three molecular axes of symmetry, have 
root mean square deviations of 0.03 nm,28 well within 
the positional errors of the coordinates of the crystal-
lographic molecular model. When the enzyme is in 
the R conformation, fully occupied by the substrate 
fructose 6-phosphate in the absence of any hetero-
tropic allosteric inhibitor, it crystallizes in the space 
group I222 with a single subunit of the homotetramer 
in the asymmetric unit, and all molecular axes of 
symmetry coincide with crystallographic axes of 
symmetry and are therefore precise.29 Even though 
the R and T conformations crystallized under these 
different conditions differ significantly in both tertiary 
structure and the quaternary disposition of the 
subunits around the molecular axes of symmetry,28 
each tetramer is itself fully symmetric. 
 When the heterotropic allosteric inhibitor 
¬-phenylalanine occupies its sites on the homo-
tetramer, the initial rate for the reaction catalyzed 
by pyruvate kinase (previously Equation 3-222) 

   
                  (6-29) 

from Oryctolagus cuniculus is a sigmoid function of 
the concentration of the reactant phosphoenol-
pyruvate.30 The unoccupied T conformation of the 
mammalian enzyme fails to crystallize, but when the 
T conformation of the human enzyme is stabilized 
by the heterotropic allosteric inhibitor ¬-phenyl-
alanine, it crystallizes in the space group P21. The 
R conformation of the enzyme with its active sites 
occupied by MgATP2- and oxalate, an analogue of 
the cis-enediolate intermediate in the enzymatic 
reaction (Figure 4-52), also crystallizes in the space 
group P21. Although, in each case, the homotetramer 
is necessarily the asymmetric unit of the space group, 
the homotetramers in the respective crystallographic 
molecular models of the T and R conformations 
both have 222 symmetry (D2).31 The homologous 
homotetramer (47% identity; 0.6 gap percent) of 
pyruvate kinase from Leishmania mexicana does 
crystallize in its unoccupied conformation, which 
closely resembles the T conformation of the human 
enzyme and also has 222 symmetry,32,33 from 
which it can be concluded that the unoccupied 
human enzyme is also a rotationally symmetric 
homotetramer. 
 The R conformation of the a4 homotetramer of 
porcine fructose-bisphosphatase, with its active sites 
occupied by the substrates ∂-fructose 6-phosphate 
and phosphate, crystallizes in both the space 
groups P21212 and P3221 with the a2 dimer as the 
asymmetric unit in each case and one of the three 
molecular rotational axes of symmetry of the tetramer 
coinciding with a crystallographic rotational axis of 
symmetry and consequently precise. Rotational 
superpositions of the a carbons of the a2 dimer in 
the asymmetric unit around its molecular rotational 
axis of symmetry, however, have root mean square 
deviations of only 0.02 nm34 and 0.03 nm.35 Conse-
quently, the R conformation is rotationally symmetric 
around all its molecular rotational axes of symmetry 
within the errors of the coordinates of the two crys-
tallographic molecular models. The T conformation 
of the enzyme, with its heterotropic allosteric sites 
occupied by AMP2- and its active sites occupied by 
fructose 6-phosphate and phosphate, crystallizes in 
the P21212 space group.36 Although its tertiary 
structure and arrangement of its subunits around 
the molecular axes of symmetry are significantly 
different from those of the R conformation,37 it is 
also rotationally symmetric around all three of its 
molecular rotational axes of symmetry (root mean 
square deviation within the dimer again equals 
0.02 nm).38 Two other quaternary conformations of 
this enzyme have been identified, and they also are 

∂-fructose 6-phosphate  +  MgATP 
2–  1

      H+ +  MgADP 
– +  ∂-fructose 1,6-bisphosphate

phosphoenol pyruvate  +  H+  +  MgADP 
–

             1  MgATP 
2–  +  pyruvate
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rotationally symmetric within the error of the coordi-
nates of their respective crystallographic molecular 
models.39,40 
 ¬-Lactate dehydrogenase from Bifidobacterium 
longum is activated by ∂-fructose 1,6-bisphosphate. 
The enzyme was crystallized from a solution contain-
ing the coenzymatic substrate NADH; oxamate, an 
analogue of the substrate pyruvate; and ∂-fructose 
1,6-bisphosphate, an activator of the enzyme. Under 
these conditions, the major conformation present 
in solution should be the conformation of high enzy-
matic activity. The space group of the crystal was F222. 
When the map of electron density was examined, it 
was found that the unit cell contained two subunits 
of the enzyme and that they were in different confor-
mations. Examination of the arrangement of the 
unit cells in relation to the three orthogonal arrays 
of twofold rotational axes of symmetry, however, 
demonstrated that the crystal was actually an array 
of two different types of tetramers in equal num-
bers. All the tetramers were occupied by NADH 
and ∂-fructose 1,6-bisphosphate, but one type was 
unoccupied by oxamate and in the other all four of 
its active sites were occupied by oxamate. 
 Within each of the two different quaternary 
conformations, all four subunits had the same 
conformation because in each type of tetramer, the 
three orthogonal, molecular twofold rotational axes 
of symmetry coincided with crystallographic two-
fold rotational axes of symmetry. From this fact, it 
could be concluded that the molecular twofold 
rotational axes of symmetry were exact; that every 
subunit in both quaternary conformations of the 
tetramer had the same local conformations; and 
that within each conformation of the homotetramer, 
the subunits were symmetrically arranged.41 The 
quaternary conformation of the one type of tetramer 
in the crystallographic molecular model was identical 
to that of the tetramer in an earlier crystallographic 
molecular model of the enzyme crystallized from a 
solution lacking ∂-fructose 1,6-bisphosphate.42 In 
this conformation, in both the earlier model and 
the more recent one, an a helix is sterically block-
ing the site at which oxamate, the analogue of the 
substrate pyruvate, binds, so it is assumed to be the 
conformation with low or no activity. In the other 
type of tetramer, an oxamate is bound in each of 
the four active sites as well as an NADH, and it is 
assumed that this tetramer is the active conformation. 
The fact that molecules of enzyme in the two different 
fully symmetric quaternary conformations cocrystal-
lized permitted the two quaternary conformations 

in the crystal to be compared under identical condi-
tions. 
 The preceding examples are crystallographic 
observations of the retention of complete rotational 
symmetry by the conformations of oligomeric proteins 
that display homotropic cooperativity even though 
the two conformations differ significantly in both 
tertiary and quaternary structure. In each instance, 
however, the conformations crystallized were either 
unoccupied or fully occupied with their respective 
ligands. No crystallographic molecular models of pro-
teins displaying homotropic cooperativity in which 
the oligomer can be shown to be only partially 
liganded rather than fully liganded are available, so 
intermediate states of ligation have not been directly 
observed. Even in the case of ¬-lactate dehydrogenase 
from B. longum, in which both conformations of the 
enzyme were fully occupied by NADH at the active 
sites and ∂-fructose 1,6-bisphosphate at sites for 
this heterotropic allosteric effector, the active sites, 
both those occupied by oxamate and those not 
occupied by oxamate, are fully occupied or fully 
unoccupied, and each of the two quaternary confor-
mations found in the same crystal are fully symmetric. 
No molecules of enzyme in intermediate partially 
occupied, asymmetric conformations are present 
in these crystals. 
 As is the case with hemoglobin (Figure 6-1) 
and aspartate carbamoyltransferase (Figure 6-2), 
the quaternary conformational changes accompa-
nying allosteric conformational changes that are 
observed crystallographically can usually be described 
as the reorientation of somewhat rigid bodies around 
rotational axes or around screw axes of symmetry. 
The quaternary conformational change in porcine 
fructose-bisphosphatase is accomplished by a 17ª 
rotation of one of the dimers in the homotetramer 
around one of the twofold rotational axes of symmetry 
in the rotationally symmetric homotetramer.37 The 
quaternary conformational change in 6-phospho-
fructokinase from G. stearothermophilus28 can be 
described as a 7ª rotation of one of the dimers in 
the homotetramer relative to the other about one 
of the rotational axes of symmetry in the molecule 
(Figure 6-9).43 The quaternary conformational change 
in ¬-lactate dehydrogenase from G. stearothermo-
philus, however, can be described as rotation of 
one dimer in the homotetramer relative to the other 
around three rotational axes, each parallel to a respec-
tive molecular rotational axis of symmetry but only 
one of which coincides with one of these molecular 
rotational axes of symmetry.42 Glycogen phosphor- 
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Figure 6-9: Schematic view of the crystallographic molecular 
model of the tetramer of 6-phosphofructokinase from E. coli in 
the unliganded T conformation.43 6-Phosphofructokinase, in 
the absence of ligands and substrates, was crystallized from 
14% poly(ethylene glycol) and 1.0 M NaCl at pH 7.9. The crystals 
belonged to space group C2. Reflections were gathered to 
Bragg spacing of 0.24 nm. An available refined crystallographic 
molecular model of the liganded enzyme was used to phase the 
reflections by molecular replacement, and the initial molecular 
model of the unliganded enzyme was refined against the data 
set. A drawing was made of the van der Waals surface of the 
final molecular model. The four elongated subunits are arranged 
around the three orthogonal molecular axes of symmetry, p, q, 
and r. From other maps of electron density of the enzyme 
complexed with substrates, sites A that bind fructose 6-phosphate 
and sites B that bind MgATP2- and that together form the active 
sites could be identified. In the same way, sites C, with which 
the heterotropic allosteric activators ADP3- and GDP3- or the 
heterotropic allosteric inhibitor phosphoenolpyruvate associate, 
were identified. Both heterotropic allosteric activators and hetero-
tropic allosteric inhibitors in turn occupy the same allosteric 
site. In comparisons of this crystallographic molecular model 
of the T conformation with crystallographic molecular models 
of the enzyme in the R conformation, it could be seen that the 
conformational change between these two conformations involves 
a clockwise rotation of one of the dimers through which the 
p molecular axis of symmetry passes relative to the other dimer 
in the tetramer. Reprinted with permission from reference 43. 
Copyright 1989 Elsevier. https://doi.org/10.1016/0022-2836(89) 
90246-5  
 
 
 
 
 
 
 
 
 
 
 

ylase b from O. cuniculus is a homodimer, and the 
allosteric, quaternary conformational change it 
undergoes cannot be described as a rotation about 
its only rotational axis of symmetry but can be 
described as a rotation of 10ª of one monomer with 
respect to the other about a rotational axis, which 
cannot be a rotational axis of symmetry but is normal 
to the rotational axis of symmetry.44 In the case of 
human pyruvate kinase, the allosteric, quaternary 
conformational change can be described as the 
rotation of two of the monomers in the homotetramer 
in a clockwise direction and two of the monomers 
in a counterclockwise direction, around identically 
located rotational axes in each monomer parallel to 
one of the molecular rotational axes of symmetry.31 
Regardless of the complexity of the rotations describ-
ing the quaternary conformational changes, both 
conformations of each protein are themselves rota-
tionally symmetric. 
 
 It was pointed out by Monod, Wyman, and 
Changeux that if ligand-linked quaternary conforma-
tional changes in oligomeric proteins actually do 
occur with conservation of molecular symmetry, 
then the homotropic cooperativity often observed 
in association of ligands to homooligomeric proteins 
can be readily explained.15 Consider the simplest 
case, that of an a2 dimer that has one site for ligand 
L on each subunit and that displays a ligand-linked 
quaternary conformational change that occurs with 
conservation of symmetry. The dominant quaternary 
conformation in the population of unoccupied, fully 
symmetric dimers is designated as , where T 
stands for the T conformation, and the dominant 
quaternary conformation in the population of fully 
occupied, fully symmetric dimers is designated as 

, where R stands for the R conformation.15 These 
are the two quaternary conformations that would 
usually be examined crystallographically. Because 
the quaternary conformational change occurs with 
conservation of symmetry, only two quaternary 
conformations of the protein itself are present,  
and . The accessible states are 
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where KdL and KAdL are the intrinsic dissociation 
constants for ligand L from a site in the T and the 
R conformations, respectively. Sites in the two 
quaternary conformations associate with ligand L 
independently, so the usual statistical corrections 
(Equation 6-20) for multiple independent sites apply 
to the microscopic dissociation constants. The 
equilibrium constant for conversion of the  confor-
mation to the  conformation when no site is 
occupied with ligand L 

                 (6-31) 

and the equilibrium constant for conversion of the 
 conformation to the  conformation, 

in both of which sites are fully occupied with ligand L 

                 (6-32) 

 If the mechanism of Equation 6-30 is to explain 
cooperativity, the observed fact that association with 
the ligand L is cooperative requires that a molecule 
of the unoccupied protein in the  conformation, 
on average, has a lower affinity for ligand L than the 
affinity of a molecule of the protein with one site 
occupied and the other unoccupied, when that affinity 
is averaged over the population of  and . 
The equilibrium between the quaternary conforma-
tions of the enzyme must shift significantly in the 
direction of the R conformation after the first ligand 
has been bound but before the second is bound. 
For this change in quaternary conformation to be 
caused by association of the first ligand, KdL must 
be less than KAdL by a sufficient amount. If it is, then 
equilibrium will shift from favoring the T confor-
mation in the absence of ligand L to favoring the 
R conformation when it is occupied by one ligand 
L, and the second ligand L, on average, will bind 
more tightly than the first. Consequently, as long as 
symmetry is conserved during the quaternary confor-
mational change, this difference in the affinity of 
the two quaternary conformations for ligand L is all 
that is necessary for the shift in the quaternary 
conformational equilibrium to produce homotropic 
cooperativity. 
 
 
 

 The appeal of this hypothesis is that the same 
property that tips the conformational equilibrium—
the fact that KdL < KAdL—also causes the second ligand 
to bind more tightly than the first once the equilibrium 
between the quaternary conformations has shifted. 
The requirement that symmetry be conserved during 
the quaternary conformational change is responsible 
for homotropic cooperativity because it necessitates 
that, during the quaternary conformational change, 
the dissociation constant of the unoccupied active site 
decreases in concert with the dissociation constant 
for the occupied active site. 
 The simple model of a homodimer can be 
expanded to a homooligomer of any number of 
subunits. Suppose that a homooligomeric protein 
has only two symmetric quaternary conformations, 
T and R, and that each conformation has as many 
sites for association of a ligand as there are subunits. 
Suppose also that, in each quaternary conformation, 
the respective binding sites are formed by the same 
respective constellations of side chains but in orien-
tations altered by the quaternary conformational 
change. It is unlikely that the dissociation constants 
for the ligand from the binding sites will be the same 
in these two quaternary conformations. Suppose also, 
for the moment, that the equilibrium constant, L0, 
between the R and T conformations is greater than 1 
so that the concentration of the latter is greater than 
the concentration of the former in the absence of 
the ligand and that the dissociation constant for the 
ligand from a binding site in the R conformation is 
smaller than it is for the ligand from a binding site 
in the T conformation. Because the dissociation 
constant for the ligand from the R conformation is 
smaller that that from the T conformation, as the 
concentration of ligand is increased, association of 
the ligand with each binding site in turn will shift the 
equilibrium between the T and R conformations by 
the same amount of standard free energy in favor 
of the latter. As the ligand occupies one or more 
binding sites on each molecule of protein and the 
level of occupancy reaches the point at which the 
quaternary conformation of the majority of the 
molecules of protein changes from the T to the 
R conformation, the dissociation constant for binding 
of the final few ligands to the protein decreases, 
and cooperativity will be observed in the binding of 
the ligand. 
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 A general equation, based on the proposal that 
the homooligomer undergoes a quaternary conforma-
tional change in which symmetry is conserved, has 
been derived.15 If the system has the structure  

 
 

  
                                    (6-33) 
 
where n is the number of protomers in the homo-
oligomer, and only quaternary conformational 
changes that conserve symmetry [Tn·Li 1 Rn·Li] 
are permitted, and if the fraction of sites occupied 
(see Equation 3-293) 

 
 
 

   
                                    (6-34) 
 
then 

                     (6-35) 

This equation is the Monod–Wyman–Changeux 
equation (MWC equation), in keeping with the 
biochemical habit of naming equations, methods, 
and ways to present data, even if trivial, after their 
originators. 
 If the initial rate of an enzymatic reaction as a 
function of reactant A is being followed and if it can 
be assumed with reason that the reactant associates 
with and dissociates from the active site much more 
rapidly than it is turned over—in other words, its 
dissociation constant at equilibrium is the same as 
 
 

 
 
 
its Michaelis constant for each quaternary confor-
mation of the enzyme—then 

                  (6-36) 

where k0,T is the catalytic constant of the T conforma-
tion and k0,R is that of the R conformation. 
 Most, if not all, instances of homotropic coopera-
tivity examined so far can be quantitatively described 
by the MWC equation, either for binding (Equation 
6-35) or for steady-state kinetics (Equation 6-36).  
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This ability perhaps is not surprising because these 
equations have three or five adjustable parameters, 
respectively. For example, curves generated with 
the MWC equation fit the data for the binding of O2 
to hemoglobin (Figure 6-7B) as well as do curves 
generated with the Adair equation, even though the 
MWC equation has only three adjustable parameters 
while the Adair equation has four adjustable param-
eters or coefficients. This instance is perhaps the 
most stringent test of the ability of this equation to 
fit sigmoid behavior because the data span a wider 
range of concentrations of ligand than any other 
extant set of observations of sigmoid behavior. 
For the binding of O2, values for the parameters 
are L0 = 1700 ± 300, K¢dO2 = 22 ± 1 matm, and 
KdO2 = 0.49 ± 0.02 matm. As expected, the dissocia-
tion constant for O2 from the R conformation is 
significantly smaller than that from the T conforma-
tion, and L0 is greater than 1 so that, in the absence 
of O2, the T conformation predominates.* 
 There are informative limits to the MWC equa-
tion. 
 First, suppose that L0 < 1 so that the R conforma-
tion predominates in the absence of ligand but that 
it is still the case that the R conformation has a 
greater affinity for the ligand than the T conformation 
so that KdL < KAdL. In this instance, as the concentra-
tion of the ligand increases, the equilibrium shifts 
even more in favor of the R conformation. For all 
values KdL and KAdL 

                (6-37) 

Association of the ligand behaves as if all sites are 
the same and independent of each other, which is a 
result of the fact that the T conformation is never 
present in solution in significant concentration, 
and association is only with the R conformation, in 
which all sites are the same.  
 Second, suppose that L0 > 1 so that the T confor-
mation predominates in the absence of ligand and 
that KAdL > KdL so that the ligand shifts the equilib-
                                                
*There is no correspondence between the structural character-
istics of the quaternary conformational change and whether it 
has high affinity for a ligand or low affinity. For example, the 
quaternary conformation of hemoglobin with the higher affinity 
for oxygen, the conformation observed in the crystallographic 
molecular models of the fully liganded conformation, involves 
an expansion of the molecule from its dimensions in the 
conformation of lower affinity observed in crystallographic 
molecular models of the unliganded protein (Figure 6-1). The 
opposite is true of aspartate carbamoyltransferase (Figure 
6-2). 

rium in favor of the R conformation but that 
L0 > KAdL

2 (KdL
2)-1 > 1. In this instance, the ligand 

will be unable to shift the equilibrium sufficiently 
(Equation 6-33), and the homooligomer will remain 
in the T conformation at all concentrations of ligand 
and  

                (6-38) 

Association of the ligand behaves as if all sites are 
the same and independent of each other, which is a 
result of the fact that the R conformation is never 
present in solution in significant concentration, and 
association is only with the T conformation.  
 Third, suppose that L0 > 1 so that the T conforma-
tion predominates in the absence of ligand but 
that KdL (KAdL)-1 is so small that L0KdL (KAdL)-1 < 1. In 
this instance, because L0 (KAdL)-1 < KdL

-1, when 
KdL < [L] < KAdL 

              (6-39) 

As long as the concentration of ligand is in the stipu-
lated range, association will be defined by the Hill 
equation, and the Hill coefficient, n, will be equal to 
the number of symmetric sites on the homooligomer. 
Since the stipulated range is quite large because 
KdL (KAdL)-1 is so small, this behavior should be ex-
pected if the other criteria are met. In this situation, 
as one molecule of ligand associates with an empty 
site on an unoccupied molecule of the protein, the 
quaternary conformation of that molecule of protein 
shifts from the T to the R conformation and the 
remaining sites are immediately occupied. In other 
words, it is as if all the ligands were required to 
associate with each molecule of protein simultane-
ously, the requirement that produces the Hill equa-
tion. As noted earlier, however, the Hill coefficient 
is almost never equal to the number of sites. The 
exercise simply demonstrates that the MWC equation 
can produce the Hill equation. It can also produce 
the Adair equation. 
 The MWC equation rests on a specific assump-
tion about the behavior of the protein under consid-
eration: namely, that this behavior the result of the 
ability of the protein to undergo, within the range of 
measurements, a quaternary conformational change 
that proceeds with conservation of symmetry. Conse-
quently, the MWC equation is an explanation of 
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the observations. The intention is to explain obser-
vations of sigmoid behavior in molecular terms. 
Because sigmoid behavior can almost always be fit 
with an Adair equation even at the extremes, it follows 
that the general MWC equation and the general 
Adair equation must be the same if the explanation is 
to be consistent with observations.* The general 
form of the Adair equation (Equation 6-13) can be 
trivially rearranged to give 

       (6-40) 

and the four binomials of the general MWC equation, 
two in the numerator and two in the denominator, 
can be expanded by the binomial theorem and the 
terms with the concentration of ligand to the same 
power can be combined to obtain 

                  (6-41)  

where the integers within the parentheses are the 
usual binomial coefficients. Equation 6-41 can be 
rearranged to give 

                  (6-42) 

It can be seen that both the general Adair equation 
and the general MWC equation have the same form. 
If each coefficient in the general Adair equation is 
set equal to each coefficient in the binomial expansion 
of the general MWC equation for the same power of 
                                                
*The following development was provided to the author by 
Stuart Edelstein. 

the concentration of ligand, both those in the numer-
ator and those in the denominator, then it can be 
seen that for all the coefficients 

  (6-43) 

because 

              (6-44) 

Consequently, for every unique coefficient in an Adair 
equation, there is a unique coefficient in the corre-
sponding MWC equation; and any behavior that 
can be described by an Adair equation can also be 
described by an MWC equation. Unlike an Adair 
equation, however, an MWC equation provides an 
explanation for the observations. 
 There are two important mathematical distinc-
tions between an Adair equation and the corre-
sponding MWC equation. First, because the series 
of coefficients in an MWC equation is a power series 
of a number that is always greater than 1, the coeffi-
cients that precede each power of the concentration 
of ligand must increase monotonically while the 
coefficients in the corresponding Adair equation that 
precede each power of the concentration, although 
they are always required to be greater than 0, are 
not required to increase monotonically but can take 
on any value. Second, an Adair equation has the same 
number of coefficients, Kdi, as n, in addition to the 
value for n chosen.* In other words the number of 
coefficients increases as n increases. In an MWC 
equation there are only three parameters, L0, KdL, 
and K¢dL, in addition to the value for n, which is 
independently determined by the number of 
asymmetric units in the protein and consequently 
not a parameter. It follows that, for both reasons, 
an MWC equation is more constrained than the 
corresponding Adair equation if n is greater than 3, 
and it does not follow from the equality of Equation 
6-43 that any behavior that can be described by an 
Adair equation can also be described by an MWC 

                                                
*Recall that the value chosen for n can be arbitrary if nothing is 
known about the quaternary structure of the protein or if it is 
not known whether or not each subunit in a protein of known 
quaternary structure has a functional site for binding the ligand. 
For example, ¬-lactate dehydrogenase from B. longum is a 
tetramer of identical subunits, but each tetramer has only two 
binding sites for ∂-fructose 1,6-bisphosphate.41 
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equation. Consequently, there could be situations 
in which the data could be satisfactorily fit by an 
Adair equation but not by an MWC equation. The 
fact that this failure seldom if ever occurs might be 
an argument in favor of the validity of the general 
MWC equation and its assumptions, were the data 
always of high precision and over a large range of 
concentration for the ligand, which they almost always 
are not. 
 
 The major quaternary conformational change 
of an oligomeric protein that involves reorientation 
of the protomers in a homooligomer and that permits 
it in this way to display homotropic cooperative 
behavior among its widely separated sites should be 
distinguished from the local conformational changes 
that occur in the vicinity of the sites themselves as 
they are occupied by the ligand. These local confor-
mational changes are those described earlier when 
changes around the active site upon association of 
a substrate were discussed. They include shifts in 
the positions of side chains of amino acids (Fig-
ures 3-56 and 3-57), the closing of a lid over the active 
site (Figure 3-58), and even the closing of structural 
domains around reactants (Figure 3-55), if this 
closing of structural domains does not always, by 
itself, precipitate the quaternary conformational 
change. 
 When aspartate carbamoyltransferase from E. coli 
is dissociated into its regulatory b2 dimers and cata-
lytic a3 trimers, the resulting catalytic trimers are 
enzymatically active but display no cooperativity. 
Modification of these isolated, enzymatically active 
catalytic a3 trimers with tetranitromethane converts 
tyrosines in the protein to o-nitrotyrosines. The 
maximum of absorbance for o-nitrotyrosine45 is 
430 nm for the anionic phenolate and 355 nm for 
the neutral phenol, and the pKa of nitrotyrosine is 7.5. 
Consequently, any shift in pKa owing to a change in 
the environment surrounding a nitrotyrosine will 
cause a change in its absorbance when the pH of the 
solution is well-buffered and in the neutral range. 
When the active site in such a modified catalytic 
a3 trimer is first occupied with carbamoyl phosphate, 
the binding of succinate, a competitive inhibitor of 
the enzymatic activity, causes a significant decrease 
in the absorbance at 430 nm, a change expected 
from an increase in values of pKa for some of the 
nitrotyrosines. This decrease in absorbance can be 
used to monitor directly the proportion of active 
sites occupied by the succinate,46 from which it follows 
that the decrease is monitoring a local change in 
conformation. 

 When these nitrated catalytic a subunits are 
reconstituted with dimers of regulatory b subunits 
to produce the intact (ab)6 hexamer of aspartate 
carbamoyltransferase, to which succinate binds 
cooperatively (Figure 6-3), the same change in absor-
bance upon occupation of the active site persists.47 
It still monitors directly the binding of the succin-
ate rather than the quaternary conformational 
change involved in homotropic cooperativity. For 
this reason, it can be assumed that whatever local 
conformational change leads to the change of absorb-
ance of the nitrotyrosines in these a subunits is not 
propagated globally. 
 Comparisons of the crystallographic molecular 
model of the isolated, unoccupied catalytic a3 trimer 
and the catalytic a3 trimer of intact (a3)2(b2)3 aspartate 
carbamoyltransferase in the R conformation occupied 
by N-(phosphonacetyl)-¬-aspartate (Figure 6-2) 
demonstrate that an induced fit, in which the amino-
terminal structural domain of a catalytic protomer 
closes upon its carboxy-terminal structural domain 
by a 10ª pivot upon a hinge, closes the active site 
following the assembly of reactants,48,49 much as the 
active site of hexokinase closes around its reactants 
(Figure 3-55).* It may well be that this conformational 
change is the local conformational change detected 
by the nitrotyrosines. The local conformational change 
that closes off the active site could be a significant 
contributor to the change in free energy shifting the 
equilibrium between the T and R conformations 
even though its progress does not coincide with the 
progress of the quaternary conformational change. 
 In addition, in aspartate carbamoyltransferase, 
a short loop of polypeptide, comprising amino 
acids 80–87 of an adjacent catalytic a subunit in an 
a3 trimer, lies over the closed, occupied active site 
in the crystallographic molecular model of the 
R conformation fully occupied with substrates or 
analogues of substrates, but this loop is shifted 
away to open the active site in the model of the 
unoccupied, T conformation (Figure 6-10).6,50-52 
Because the active site is shut off from the solution 
when this loop covers it, it must be the case that the 
loop closes over the active site after substrates or 
analogues of substrates have been bound. There-
fore, each rearrangement in each catalytic a subunit 
must be a local conformational change that occurs  
  

                                                
*It should be recalled that, just as is the case with quaternary 
conformational changes, induced fit relies upon the existence 
of an equilibrium between two local conformations—in the 
case of hexokinase, open and closed—that is shifted upon the 
association of a ligand—in the case of hexokinase, ∂-glucose. 
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Figure 6-10: Stereodrawings485 of crystallographic molecular 
models of the closing of the active site around the bisubstrate 
analogue N-(phosphonacetyl)-¬-aspartate during its association 
with aspartate carbamoyltransferase from E. coli. (A) Crystals of 
the enzyme in the T conformation, the regulatory sites of which 
were occupied by CTP4-, were formed by dialysis of a solution 
of the enzyme at 18 mg mL-1 against a solution of 1 mM cytidine 
5¢-triphosphate, 3 mM sodium azide, 1 mM 2-sulfanylethanol, 
0.2 mM ethylenediamine tetraacetate, and 40 mM sodium citrate 
at pH 5.7. Crystals of space group P321 were obtained. Reflections 
from the crystals were collected to Bragg spacing of 0.22 nm.52 
(B) Crystals of the enzyme in the R conformation, the active 
sites of which were occupied by N-(phosphonacetyl)-
¬-aspartate (6-1), were produced by dialyzing the enzyme at 
high concentration into 1 mM N-(phosphonacetyl)-¬-aspartate 
and 50 mM N-ethylmorpholinium maleate at pH 6.9 and 21 ªC.51 
Isomorphous crystals of the space group P321 were obtained. 

Reflections were collected from these crystals to Bragg spacing 
of 0.21 nm.50 The segments of polypeptide surrounding the active 
site in each drawing are from Threonine 228A to Alanine 241A, 
Lysine 164A to Threonine 168A, Cysteine 47A to Threonine 55A, 
Methionine 104A to Glutamate 109A, Aspartate 129A to Gluta-
mine 137A, and Histidine 265A to Isoleucine 273A from one of 
the a catalytic polypeptides and a segment from Serine 80B to 
Threonine 87B from the other. In Panel B, N-(phosphonacetyl)-
¬-aspartate (thickest lines) is seen within the active site surrounded 
by the catalytic side chains. It has been trapped within the active 
site by the closing of a lid formed from a loop of polypeptide 
from Serine 80B to Threonine 87B. In Panel A, the active site in 
the unliganded crystallographic molecular model is open to 
the solvent because this lid has swung away, and the active site 
is much wider (compare the distances between the side chains 
of Glutamate 50 and Arginine 234) because the two hinged 
domains forming its top and bottom have swung open. 
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coincident with association of substrates with the 
active site and not during the quaternary conforma-
tional change because the quaternary conformational 
change occurs at concentrations of ligands well below 
saturation. If the closing of the lid were strongly 
coupled to the quaternary conformational change, 
then the last ligands, rather than binding with high 
affinity as a result of the quaternary conformational 
change, could not bind at all because the lids would 
be closed. There are also dramatic local changes in 
conformation of the regulatory b subunits in aspartate 
carbamoyltransferase upon association of the various 
nucleotides that act as heterotropic allosteric effectors, 
but these are local conformational changes that occur 
within the otherwise unaffected quaternary T and 
R conformations.9,53 
 Local changes in conformation can be distin-
guished from quaternary conformational changes 
by nuclear magnetic resonance spectroscopy. 
 Cells of E. coli were grown in a medium prepared 
in 2H2O with fully deuterated ∂-glucose as the main 
source of carbon. Also present in the medium was 
2-oxo-[3,3-2H2,4-13C]butyrate, which during the 
growth of the bacteria was converted by its meta-
bolic pathways into [2,3,3¢,3¢,3¢,4,4-2H7,5-13C1H3]-
¬-isoleucine. This cellularly created [2,3,3¢,3¢,3¢,4,4-2H7, 
5-13C1H3]-¬-isoleucine was incorporated by the 
bacteria into the otherwise fully deuterated aspartate 
carbamoyltransferase. In two-dimensional transverse 
relaxation-optimized spectroscopy (TROSY) nuclear 
magnetic resonance spectra, cross peaks arise from 
through-bond dipolar coupling between carbon-13 
and protium atoms in the 5-[13C1H3]methyl groups 
of the labeled isoleucines in purified aspartate car-
bamoyltransferase. From changes in the amplitudes 
of many of these cross peaks in response to various 
ligands, it was concluded that these cross peaks come 
in pairs, each pair arising from one of the isoleucines 
in the enzyme. One cross peak in each pair arises 
from this one isoleucine in the T conformation of 
the enzyme, and the other cross peak from the 
same isoleucine arises from that isoleucine in the 
R conformation. It was also concluded that these 
two conformations were those previously de-
scribed crystallographically (Figure 6-2). 
 In the two-dimensional TROSY nuclear mag-
netic resonance spectra of intact, fully deuterated 
(a3)2(b2)3 aspartate carbamoyltransferase containing 
[2,3,3¢,3¢,3¢,4,4-2H7, 5-13C1H3]isoleucyl groups when 
it is in the unliganded T conformation, there are 
several cross peaks the positions of which shift 
monotonically as phosphonoacetamide, an analogue 
of the substrate carbamoyl phosphate, occupies the 

active site as its concentration is increased (Figure 
6-11A).54 Each shifting cross peak has a partner 
when the enzyme is in the R conformation. The two 
cross peaks in the respective pair, one from a particu-
lar isoleucine in the T conformation (Figure 6-11B) 
and one from the same isoleucine in the 
R conformation (Figure 6-11C), both shift as the 
concentration of phosphonoacetamide increases. 
These shifts are independent of the reciprocal 
decrease in amplitude of the former cross peak and 
the increase in amplitude of the latter that are regis-
tering the change from the quaternary T to the quater-
nary R conformation. The monotonic shifts in 
position of the peaks on the two-dimensional field 
are registering local conformational changes that 
occur upon occupation of each active site in turn, 
while the reciprocal changes in amplitudes of the 
two members of each pair of cross peaks are regis-
tering the quaternary conformational change from 
the T to the R conformation. 
 In two-dimensional TROSY nuclear magnetic 
resonance spectra of 6-phosphofructokinase from 
G. stearothermophilus labeled in the same way, 
there are cross peaks from methyl groups of isoleu-
cines in the protein that shift from one position in 
the T conformation to an adjacent position in the 
R conformation as the concentration of the substrate 
∂-fructose 6-phosphate, which displays cooperativity 
in steady-state kinetics,27 is increased.55 At inter-
mediate concentrations of ∂-fructose 6-phosphate, 
the cross peaks display contributions from each 
quaternary conformation and monitor the transition 
from the T to the R conformation, but the positions 
of the cross peaks for each conformation shift contin-
uously as do those of aspartate carbamoyltransferase 
(Figure 6-11) as the concentration of ∂-fructose 
6-phosphate is increased. These continuous shifts are 
monitoring local conformational changes resulting 
from occupation of the active sites by the ∂-fructose 
6-phosphate.  
 The closely related enzyme 6-phosphofructo-
kinase (Equation 6-28) from E. coli (55% identity; 
0.3 gap percent) has been crystallized in two active 
symmetric conformations, each with the same quater-
nary R conformation but differing in occupation of 
the site for the heterotropic allosteric activator, 
MgADP-. Extensive local changes in conformation 
around the site for a heterotropic allosteric effector 
to which MgADP- binds (Figure 6-9) are observed 
when the two molecular models are compared, but 
these conformational changes are not widespread 
enough to produce any change in the quaternary 
conformation.43 Presumably these are local changes  
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Figure 6-11: Changes in chemical shift caused by local conforma-
tional changes resulting from association of phosphonoacetamide 
with aspartate carbamoyltransferase from E. coli.54 The enzyme 
was labeled as described in the text. The resulting, fully deuterated 
enzyme containing one carbon-13 and three protiums in the 
methyl group at position 5 in each isoleucine was dissolved at 
concentrations of asparate carbamoyltransferase from 0.3 to 
0.9 mM in active sites in deuterium oxide with 50 mM KCl, 
20 mM 2-sulfanylethanol, and 20 mM 2-[4-(2-hydroxyethyl)piper-
azin-1-yl]ethanesulfonic acid at pH 7.5. The coupling that gives 
rise to the observed cross peaks is that between carbon-13 and 
protiums in each methyl group. The cross peak for each methyl 
group in each isoleucine at a particular position in the two 
sequences of amino acids for the enzyme occupies a unique 
position on the field of the two-dimensional spectrum that is 
determined by the chemical shifts of its carbon-13 and protiums. 
Because each cross peak arises from a methyl group, all 27 
cross peaks from the 27 isoleucines in the protein are confined 
to a range of carbon-13 chemical shift between 9 and 17 ppm 
and a range of protium chemical shift between 0.2 and 1.2 ppm. 
As the concentration of phosphonoacetamide was increased, it 
was observed that several of the cross peaks in the individual 
complete spectra shifted monotonically. (A) Complete spectra. 
Portions of three complete spectra obtained at different con-
centrations of phosphonoacetamide are drawn. The ranges of 
the chemical shifts are noted on the axes. One of the peaks in 
the three spectra (labeled T) shifted down and to the left as 
phosphonoacetamide was added. The spectrum of the unliganded 
enzyme is in black, the spectrum for a saturating concentration 
of phosphonoacetamide is in blue, and the spectrum for an 
intermediate concentration of phosphonoacetamide is in red. 
(B) Peak that registers association of phosphonoacetamide with 
the T conformation. The peak that shifts significantly in the 
complete spectrum of Panel A could be emphasized because it 
was the most intense peak in its vicinity. When the contour 
levels were given a high setting, the titrating peak dominated 
the field. This presentation made it easier to quantify the distance 
over which each shift occurs. Five separate peaks from five 
complete spectra, each from this same isoleucine, are shown: 
one for the unliganded enzyme (black), one for the enzyme 
saturated with phosphonoacetamide (cyan), and three for inter-
mediate concentrations of phosphonoacetamide (red, green, 
and lavender). (C) Peak that registers association of phosphono-
acetamide with the R conformation. The mutant in which 
Lysine 164 and Glutamate 239 in the a catalytic subunit have 
been changed to glutamate and lysine, respectively, is entirely 
in the R conformation. The peak corresponding to absorbance of 
the same methyl group on the same isoleucine as that producing 
the peak in Panel B could be identified in the complete spectra. 
The peak for that isoleucine was again emphasized. This peak 
also shifted when phosphonoacetamide was added to the solu-
tions. Five separate peaks are shown: one for the unliganded 
enzyme (black), one for the enzyme saturated with phosphono-
acetamide (cyan), and three for intermediate concentrations of 
phosphonoacetamide (red, green, and lavender). Adapted with 
permission from reference 54. Copyright 2007 National Academy 
of Sciences. https://doi.org/10.1073/pnas.0703347104 
 
 
 
 
 
 
 
 

 
 
 
 
in conformation that again may or may not affect the 
free energy of the equilibrium between the quaternary 
conformations of the enzyme. 
 
 There are many disparate observations that 
can be explained by the proposal that enzymes 
displaying cooperativity exist in two rotationally 
symmetric conformations, the equilibrium be-
tween which is linked to association of substrates 
or heterotropic allosteric effectors. For example, 
when the initial rate of the reaction catalyzed by 
aspartate carbamoyltransferase was measured in the 
direction from N-carbamoyl-¬-aspartate and phos-
phate56 to carbamoyl phosphate and ¬-aspartate,* 
N-(phosphonacetyl)-¬-aspartate was a potent 
activator (Figure 6-12).57 One explanation for this 
observation is that the T conformation has low 
enzymatic activity and neither reactant, unlike the 
reactants for the reaction in the opposite direction, 
can shift the conformational equilibrium in favor of 
the more active R conformation. N-(Phosphonacetyl)-
¬-aspartate, however, can shift the equilibrium in 
favor of the R conformation. When N-(phosphon-
acetyl)-¬-aspartate occupies one or more active 
sites on a molecule of the enzyme, the distribution 
of conformations shifts in favor of the R conformation, 
and the enzymatic activity at the other empty active 
sites increases dramatically. 
 Site-directed mutations of amino acids, the 
side chains of which appear in a crystallographic 
molecular model to be involved in interactions that 
change as the quaternary conformations change, 
can be consistent with the conclusion that shifts in 
the equilibrium between T and R conformations 
are responsible for observed allosteric effects. For 
example, Tyrosine 240 in a catalytic a subunit of 
aspartate carbamoyltransferase participates in a 
                                                
*This is the direction of the approach to equilibrium catalyzed 
by the enzyme that is not usually chosen. 
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hydrogen bond with a fixed molecule of water that 
also participates in a hydrogen bond with Gluta-
mate 272 in the crystallographic molecular model 
of the T conformation but not in the R conformation. 
The breaking of this cluster of hydrogen bonds, 
among many other changes, permits contacts to 
occur between loops in the space between the tri-
mers of catalytic a subunits in the R conformation 
(Figures 6-2 and 6-8). When Tyrosine 240 is mutated 
to phenylalanine, so the cluster of hydrogen bonds 
can no longer form, the apparent affinity of the 
enzyme for ¬-aspartate increases.58 This change is 
consistent with a destabilization of the T conformation 
relative to the R conformation, in which each of 
these two side chains have hydrogen bonds with 
water in the solvent. Glutamate 50 in a catalytic 
a subunit of aspartate carbamoyltransferase forms 
a hydrogen bond with Arginine 105 in the T confor-
mation6 but forms hydrogen bonds with both Argi-
nines 167 and 234 in the R conformation, one at 
each of its oxygens (Figure 6-10). When Arginine 105 
is mutated to glutamine, so that one of these latter 
arginines necessarily lacks an acceptor, the apparent 
affinity of the enzyme for ¬-aspartate decreases, as 
well as the cooperativity (nH = 1.0); and these decreas-
es are consistent with a destabilization of the R confor-
mation relative to the T conformation.59 When 
both Tyrosine 240 and Glutamate 50 are mutated, 
the enzyme displays a higher affinity for ¬-aspartate 
than when only Glutamate 50 is mutated,58 con-
sistent with a destabilization of both the R and 
T conformations. These results suggest that the 
changes in hydrogen bonds involving these amino 
acids observed crystallographically are indeed in-
volved in the quaternary conformational change 
responsible for cooperativity. 
 When the R and T conformations of hemoglobin 
were immobilized in silica gel so that the quaternary 
conformational change was prevented, association 
of carbon monoxide with the hemes showed two 
kinetic phases. Various ligands shifted reciprocally 
the amplitudes of these phases in molecules of hemo-
globin trapped in each quaternary conformation. 
These shifts in amplitude could be explained by 
assuming that the ligands shifted the equilibrium 
constants between two or more local conformations 
that can be achieved by the individual subunits 
regardless of the quaternary conformation in which 
they are located.60 
 
 Following the publication of the explanation 
of Monod, Wyman, and Changeux, it was pointed out 
that if a simple model involving only two quaternary  

 
 
Figure 6-12: Activation of the arsenolysis of N-carbamoyl-
¬-aspartate catalyzed by aspartate carbamoyltransferase from 
E. coli by the binding of N-(phosphonacetyl)-¬-aspartate stoichio-
metrically to active sites on the enzyme.57 The enzymatic reaction 
was assayed in the direction from N-carbamoyl-¬-aspartate to 
¬-aspartate by using arsenate in place of phosphate so that the 
carbamoyl arsenate formed in the reaction would hydrolyze 
immediately upon formation and drive the reaction in its usually 
unfavorable direction. The enzyme (70 mM final concentration 
of active sites) was added to final concentrations of 3 mM arsenate 
and 5 mM N-carbamoyl-¬-aspartate at pH 7.0 and 30 ªC to 
initiate the reaction. Production of ¬-aspartate was monitored 
continuously by coupling it to oxidation of NADH with aspartate 
transaminase and malate dehydrogenase. As a result, the reaction 
mixture contained these two enzymes as well as 0.5 mM 2-oxo-
glutarate and 0.16 mM NADH. The rate of decrease in the absorb-
ance at 340 nm was used to calculate directly the initial rate of 
the enzymatic reaction (micromolar second-1). After division 
by the concentration of active sites, each initial rate (second-1) 
is plotted as a function of the respective molar ratio of 
N-(phosphonacetyl)-¬-aspartate (PALA) to aspartate carbamoyl-
transferase [moles of PALA (mole of enzyme)-1]. At these concen-
trations of enzyme and N-(phosphonacetyl)-¬-aspartate, all (>99%) 
of the N-(phosphonacetyl)-¬-aspartate is bound by the enzyme 
(KdPALA = 25 nM) until the concentration of N-(phosphonacetyl)-
¬-aspartate becomes greater than 98% of the concentration of 
active sites. 
 
  
conformations of the protein satisfactorily explains 
homotropic cooperativity, then a model involving 
more than two quaternary conformations must also 
be as satisfactory.61 It has already been pointed out 
in the discussion of steady-state kinetics that if an 
explanation based on a particular number of inter-
mediates is consistent with observations, then it 
necessarily follows that an explanation involving 
additional intermediates must also be consistent. 
Therefore, to establish the central hypothesis that, 
because of the conservation of symmetry, there are 
only two quaternary conformations, results other 
than measurements of the binding of a ligand or the 
behavior of the initial rate of the enzymatic reaction 
as a function of the concentrations of reactants must 
be obtained. Experiments addressing this point seek to 
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demonstrate that only two quaternary conformations 
of the protein exist over the complete range of 
concentrations of a ligand that displays cooperativity. 
Then, because two quaternary conformations have 
been observed crystallographically, those conforma-
tions must be the only two. 
 In this search for more than two quaternary 
conformations, it becomes even more important to 
distinguish local conformational changes from 
quaternary conformational changes. For example, 
the closing of the two hinged domains of the 
a subunits of aspartate carbamoyltransferase upon 
its assembled reactants is a significant local confor-
mational change. Whether the enzyme is in the T or 
R conformation, active sites with which reactants 
have associated will be closed and active sites with 
which reactants have not associated will be open. 
Consequently, partially occupied T and R conforma-
tions will not actually be rotationally symmetric. 
On the quaternary level, however, these two partially 
occupied conformations will be rotationally pseudo-
symmetric about all four rotational axes of pseudo-
symmetry. The partially occupied T conformations 
can still be distinguished from partially occupied 
R conformations by expansion of the space between 
the a3 trimers, rotation of one a3 trimer relative to 
the other, and the change in the tilt of the regulatory 
b2 dimers (Figure 6-2). Effectively, the partially occu-
pied T or R conformations are formally equivalent to 
the partially occupied, pseudosymmetric conforma-
tions of any rotationally symmetric homooligomer, 
such as ¬-lactate dehydrogenase or fumarate hydra-
tase, that does not have different quaternary con-
formations but, when partially occupied, must be 
pseudosymmetric rather than symmetric, if only 
because some of the active sites are occupied. 
 The most extensive examination of whether or 
not more than two quaternary conformations exist 
during the cooperative association of a ligand to a 
protein has been performed with aspartate carbamoyl-
transferase from E. coli. It should be recalled that 
association of both carbamoyl phosphate16 and succi-
nate (Figure 6-4) with aspartate carbamoyltransferase 
and the behavior of the initial rate of the enzymatic 
reaction as a function of the concentration of 
¬-aspartate (Figure 6-3) are all cooperative. 
 Crystals of aspartate carbamoyltransferase of the 
space group R32 form in solutions of the enzyme in 
the T conformation in the absence of ligands, and 
the crystallographic asymmetric unit is one folded 
catalytic polypeptide and one folded regulatory 
polypeptide. All molecular axes of symmetry coincide  

with crystallographic axes of symmetry, and the pro-
tein in the crystals is necessarily precisely symmetric.13 
Crystals of the protein in which all six catalytic sites 
are occupied by the bisubstrate analogue N-(phos-
phonacetyl)-¬-aspartate (6-1) have the space group 
P321, and the crystallographic asymmetric unit is 
two folded catalytic polypeptides and two folded 
regulatory polypeptides.5 The threefold molecular 
rotational axis of symmetry coincides with the 
threefold crystallographic rotational axis of symmetry 
and is precise. Although the twofold molecular axes 
of symmetry do not coincide with crystallographic 
axes of symmetry, only small, insignificant devia-
tions from exact symmetry are observed.6 When a 
heterotropic allosteric site on the T conformation is 
occupied with CTP4-, the enzyme also crystallizes 
in the space group P321, with two folded catalytic 
polypeptides and two folded regulatory polypeptides 
in the asymmetric unit. Superposition of the folded 
polypeptides around the twofold noncrystallographic 
rotational axis of symmetry detects a number of 
violations of exact symmetry, but almost entirely 
they are alternative conformations of the side 
chains of amino acids,62 rather than significant 
asymmetry of the polypeptide backbones or orien-
tation of the subunits. There is a crystalline form of 
the R conformation occupied with N-(phosphon-
acetyl)-¬-aspartate in the space group P212121 in 
which the entire (ab)6 hexamer is the asymmetric 
unit. Although the folded catalytic a polypeptides 
superpose closely around the molecular threefold 
rotational axis of symmetry, the unoccupied, 
b regulatory polypeptides, which usually display 
much greater disorder than the folded catalytic 
polypeptides,50 superpose poorly around the molec-
ular twofold rotational axis of symmetry (0.15-0.31 nm 
root mean square deviation).63 Nevertheless, the 
conclusion that can be drawn from all these obser-
vations taken together is that both quaternary confor-
mations, the T and R conformations, of aspartate 
carbamoyltransferase observed crystallographically 
are rotationally symmetric oligomers even though 
they differ dramatically from each other in confor-
mation (Figure 6-2). 
 Association of N-(phosphonacetyl)-¬-aspartate 
with the active sites of aspartate carbamoyltransferase 
shifts the equilibrium between these two quaternary 
conformations in favor of the R conformation. In 
two-dimensional TROSY nuclear magnetic resonance 
spectra of purified aspartate carbamoyltransferase 
labeled in the manner described above, several well-
resolved cross peaks that monitored conformational  
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Figure 6-13: Two-dimensional methyl-TROSY (1H–13C) nuclear 
magnetic resonance spectra of aspartate carbamoyltransferase 
from E. coli.54 The enzyme was labeled as described in the text 
and dissolved as described in the legend for Figure 6-11. Only 
two portions (top row and bottom row) of each complete spectrum 
are presented in the ranges noted on the respective axes. Further 
additions to solutions for the respective spectra (from left to 
right) were as follows: none (unliganded); carbamoyl phosphate 
(CAP) at a molar ratio of 30 relative to the concentration of active 
sites; N-(phosphonacetyl)-¬-aspartate (PALA) at a molar ratio 
of 1.5; carbamoyl phosphate and succinate (CAP + succinate) 
at molar ratios of 30 and 75, respectively; phosphonoacetamide 
(PAM) at a molar ratio of 58; phosphonoacetamide and MgATP2– 

(enzyme + PAM + MgATP) at molar ratios of 58 and 46, respectively; 
and phosphonoacetamide and MgCTP2- (enzyme + PAM + MgCTP) 
at molar ratios of 58 and 32, respectively. Shown in the last 
column (mutant) are the same regions from a spectrum for a 
mutant of aspartate carbamoyltransferase in which Lysine 164 
and Glutamate 239 in the a catalytic subunit have been changed 
to glutamate and lysine, respectively. Peaks arising from isoleu-
cines in the R conformation are labeled, and those arising from 
the same isoleucines in the T conformation are also labeled. 
Adapted with permission from reference 54. Copyright 2007 
National Academy of Sciences. https://doi.org/10.1073/pnas. 
0703347104 

 
 
 
changes could be observed.54 Many of the isoleucyl 
5-methyl groups produced two cross peaks in the 
spectra, the amplitudes of which were inversely related 
to each other and changed as the conformation of 
the enzyme was changed by adding ligands (Fig-
ure 6-13). From changes in the amplitudes of each 
cross peak in response to various ligands, it was 
concluded that one cross peak from one of these 
isoleucines arises from the T conformation and the 
other cross peak from the same isoleucine arises 
from the R conformation. It was also concluded 
that these two conformations were those previously 
described crystallographically. In the presence of 
N-(phosphonacetyl)-¬-aspartate, the bisubstrate 
analogue, only one of these two cross peaks from 
each isoleucine is observed; and in the absence of 
ligands, only the other cross peak is observed (Fig-
ure 6-13). These observations led to the conclusion 
that, in each of these two situations, the equilibrium 
between the R and T conformations was shifted 
completely to one or the other, as suggested by the 

 
 
 
crystallographic molecular models (Figure 6-2). In  
the presence of carbamoyl phosphate, however, 
about equal amounts of T and R conformations are 
in equilibrium with each other, but when succinate, 
an analogue of ¬-aspartate, is then added, all the 
molecules of enzyme assume the R conformation. 
In the presence of 2-phosphonoacetamide, an 
analogue of carbamoyl phosphate that is stable to 
hydrolysis, amounts of R and T conformations in a 
ratio of about 1:3 are present. 
 The cross peaks of a significant percentage of 
the isoleucyl 5-methyl groups in the enzyme could 
be resolved in the spectra. In many of these cases, 
the cross peaks from a particular methyl group 
came in pairs that were assumed to represent the T 
and R conformations. In most of these instances, 
the ratios of the amplitudes of the cross peaks in each 
pair were affected in the same way by the association 
of one or more of the ligands just mentioned. These 
observations are consistent with the conclusion 
that under all these circumstances there were only 
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Figure 6-14: Relation between the change in quaternary confor-
mation of E. coli aspartate carbamoyltransferase—as monitored 
by sedimentation velocity, changes in absorbance of nitrotyro-
sines, or rate of mercuration of cysteines—and the change in 
occupation of the active sites by succinate—as monitored 
spectrophotometrically. (A) Comparison of the binding of suc-
cinate to aspartate carbamoyltransferase and the resulting change 
in conformation.47 Catalytic a3 trimers, made from purified 
(ab)6 hexamers of aspartate carbamoyltransferase, were nitrated 
with tetranitromethane in the presence of carbamoyl phosphate 
and succinate so that 0.7 nitrotyrosine was formed for every 
catalytic a polypeptide and 85% of the enzymatic activity 
remained. These nitrated (ntr) catalytic a3 trimers were reconsti-
tuted with unmodified regulatory b2 dimers to form (antrb)6 hexa-
mers that were enzymatically active and displayed homotropic 
cooperativity. A change in the spectrum of nitrotyrosines at 
430 nm was shown to be directly proportional to the concen-
tration of succinate bound to active sites of the enzyme when 
carbamoyl phosphate was present at saturating concentration. 
The fraction of active sites occupied by succinate (2), where 0 
is unoccupied and 1.0 is fully occupied with six succinates for 
each (antrb)6 hexamer, is plotted as a function of the common 
logarithm of the succinate concentration (millimolar). The 
fractional change in sedimentation coefficient (Dsmax = -2.9%) 
of these reconstituted (antrb)6 hexamers (3) was also followed as a 
function of the molar concentrations of succinate at saturating 
carbamoyl phosphate under the same conditions. (B) Coincidence 
of three measures of the change in conformation.67 Nitrated 
catalytic a3 trimers, a3,ntr, were covalently inactivated by modifying 
their active sites with pyridoxal phosphate (PLP) and NaBH4. 
These inactive, nitrated catalytic a3 trimers, a3,ntr,PLP, were 
then modified with 3,4,5,6-tetrahydrophthalic anhydride to 
increase their negative charge number. The resulting triply 
modified catalytic a3 trimers were reconstituted with native, 
unmodified catalytic a3 trimers and regulatory b2 dimers. The 
(a3,ntr,PLPa3,nativeb6) heterohexamers resulting from this reconsti-
tution were isolated by anion-exchange chromatography followed 
by removal of the phthalyl groups. A nitrated catalytic a3 trimer 
in this hybrid could not bind succinate but nevertheless registered 
the quaternary conformational change of the hexamer through 
a difference spectrum with a maximum at 450 nm. The quaternary 
conformation change was monitored by this change in absorbance 
at 450 nm (3), by the change in sedimentation coefficient (2), and 
by the change in the rate at which the enzyme was modified by 
4-hydroxymercuribenzoate (Í). All assays were performed at 
saturating carbamoyl phosphate (CAP) and at 20 ªC. The frac-
tional change in each of these three properties is plotted as a 
function of the concentration of succinate (molar). The smooth 
curve is that for Equation 6-48 with n = 3, Kd,succ = 0.5 mM, 
K¢d,succ = 1.3 mM, and LCAP = 3.4. 
 
 
 
 
 

two quaternary conformations of aspartate carbam-
oyltransferase present in the solution and that it is 
only the ratio between these two conformations that 
changed. These shifts in the equilibrium between 
the two conformatations caused the shifts in the 
ratios of the amplitudes. 
 The change in the distribution of quaternary 
conformations that occurs in a solution of aspartate 
carbamoyltransferase upon addition of a ligand 
can be monitored by sedimentation velocity.64 The 
sedimentation coefficient of native aspartate carbam-
oyltransferase decreases by 3.5% as the unliganded 
enzyme becomes fully occupied either with carbamoyl 
phosphate and succinate64,65 or with N-(phosphon-
acetyl)-¬-aspartate.66 This decrease in the sedimen-
tation coefficient is consistent with a change in the 
frictional coefficient resulting from expansion of 
the molecule observed crystallographically (Figure 
6-2), and it monitors directly the shift in the equi-
librium between quaternary conformational states 
of the enzyme. The cooperative binding of succinate 
to aspartate carbamoyltransferase (Figure 6-4) can 
be monitored directly by the change in absorbance 
at 430 nm in intact aspartate carbamoyltransferase 
that has been reconstituted from nitrated catalytic 
a subunits. The absorbance of this modified enzyme 
changes in direct proportion to the fraction of active 
sites occupied by succinate.47 When the change in 
sedimentation coefficient as a function of the concen-
tration of succinate is compared to the occupation 
of the active sites as a function of the concentration 
of succinate, both at saturating carbamoyl phos-
phate (Figure 6-14A),47,67 it can be seen that the 
majority of the shift in the distribution of confor-
mations has occurred significantly before most of 
the active sites are occupied.64 This sequence of 
events is as expected because the last succinates 
must associate with high affinity in order to explain 
homotropic cooperativity. Therefore, if the change 
from the T to R conformation is to explain the coop-
erativity, then the quaternary conformation must 
change before the last succinates are bound. 
 This observation, that completion of the quater-
nary conformational change in the protein precedes 
full occupation of the active sites, is a commonly 
observed property of proteins that display homo-
tropic cooperativity. For example, the heterotropic 
allosteric activator AMP2- binds to tetrameric glycogen 
phosphorylase a with homotropic cooperativity. Its 
occupation of the binding sites can be followed 
directly by equilibrium dialysis, and the change 
in the distribution of quaternary conformations it 
promotes can be followed separately by monitoring 
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changes in the electron paramagnetic resonance 
spectrum of a covalently bound, stable radical, 
1-oxyl-2,2,6,6-tetramethylpiperidine. When the distri-
bution of quaternary conformations is displayed as 
a function of the fraction of sites occupied (Figure 
6-15),68 the quaternary conformational change is 
also seen to precede occupation of the sites. 
 This observation, however, is the expected result 
regardless of the theory used to explain homotropic 
cooperativity. The last ligands to bind must bind to the 
quaternary conformations of high affinity stabilized 
by the binding of the first ligands to the conformations 
of low affinity. For this requirement to be fulfilled, 
the population of the quaternary conformations of 
high affinity must become dominant before all the 
ligands have been bound by the protein. The more 
important issue is whether there are only two quater-
nary conformations populated to any significant 
degree in these ligand-promoted transitions or 
more than two quaternary conformations. 
 Catalytic a3 subunits of aspartate carbamoyl-
transferase, nitrated with tetranitromethane to give 
them a visible absorption spectrum, were then fully 
and permanently inactivated by modification of a 
lysine in their active sites with pyridoxal 5¢-phosphate 
and sodium borohydride 

    
                  (6-45) 

The inactive, modified a3 subunits were then made 
more negatively charged by reversible modification 
of their remaining lysines, which are mostly on the 
surface of the enzyme, with 3,4,5,6-tetrahydrophthalic 
anhydride67,69 
 
 
 
 
 

 
 
Figure 6-15: Plot of the extent of conformational change68 of 
spin-labeled glycogen phosphorylase a from O. cuniculus as a 
function of the fraction of sites occupied by the heterotropic 
allosteric effector AMP2-. Phosphorylase a was modified with 
N-(1-oxyl-2,2,6,6-tetramethyl-4-piperidinyl)iodoacetamide to 
introduce one stable nitroxyl radical into each subunit of the 
protein. Binding of AMP2- was followed by equilibrium dialysis 
by measuring at equilibrium the molar concentrations of 
[U-14C]adenosine 5¢-monophosphate in the two chambers, 
one containing 4 mM phosphorylase a and one lacking phos-
phorylase a, for a series of concentrations of the ligand. The 
binding displayed positive deviation from ideal behavior and 
could be fit with Equation 6-35 with L0 = 3, KdAMP = 2 mM, 
K¢dAMP = 10 mM, and n = 4. As the occupation of the enzyme by 
AMP2- was increased by increasing the free concentration of the 
ligand, the electron paramagnetic resonance (EPR) spectrum 
changed as the result of broadening of the outer two absorbances 
of the triplet. The binding of AMP2- was measured and the 
electron paramagnetic resonance spectra were recorded for a 
series of samples with the same free concentrations of AMP2-. 
For each free concentration of AMP2-, the broadening of the 
spectra observed at that concentration, as a fraction of the 
broadening observed at saturation with AMP2- [3; fractional 
change of EPR], is plotted as a function of the respective frac-
tion of sites for AMP2- that were occupied at the same free 
concentrations of AMP2-. The solid curve is not a fit to the data. 
It is instead the curve for the function of Equation 6-49 using 
values for the fraction of the enzyme in the R conformation 
calculated with Equation 6-48 with L0 = 3, KdAMP = 2 mM, 
K¢dAMP = 10 mM, and n = 4 that were established from the binding 
of [U-14C]adenosine 5¢-monophosphate to the enzyme. 
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 These yellow, inactive, negatively charged subunits 
were mixed with an equal amount of native unmodi-
fied catalytic a3 subunits, and regulatory b2 subunits 
were added to reconstitute (ab)6 hexamers. (ab)6 Hexa-
mers with one native catalytic a3 subunit and one 
yellow, inactive catalytic a3 subunit could be purified 
by ion-exchange chromatography on a solid phase 
to which diethylaminoethyl groups are attached, 
and the tetrahydrophthalyl groups necessary for 
this separation could then be removed by hydrolysis 
at pH 6 under intramolecular general base catalysis. 
When succinate was added to these hybrid molecules 
saturated with carbamoyl phosphate, an increase 
in their absorbance at 450 nm was observed. Because 
neither succinate nor carbamoyl phosphate could 
bind to the active sites of the yellow, nitrated, inacti-
vated catalytic a3 subunit in a hexamer, the change 
in absorbance must have been monitoring a shift in 
the distribution of quaternary conformations of the 
nitrated catalytic a3 subunit brought about by the 
binding of succinate to the other, unnitrated cata-
lytic a3 subunit across the twofold rotational axes 
of pseudosymmetry in the hybrid (ab)6 hexamer. 
The change in absorbance of this hybrid hexamer 
at 450 nm coincided precisely with the change in 
sedimentation coefficient. It was also found that 
the change in rate constant for the reaction of cyste-
ines in the protein with 4-hydroxymercuribenzoate 
coincided with the other two changes (Figure 6-14B) 
when each of these three independent monitors of 
the distribution of quaternary conformations of the 
protein was followed as a function of the concen-
tration of succinate.64,67 
 At sufficiently low concentrations of aspartate 
carbamoyltransferase, the bisubstrate analogue 
N-(phosphonacetyl)-¬-aspartate (6-1) binds with 
homotropic cooperativity to the enzyme. The ana-
logue, however, binds so tightly to the active site 
that it can be used as a stoichiometric ligand at 
high concentrations of enzyme. For example, when 
occupation of the active site is followed by ultravio-
let difference spectroscopy as a function of moles 
of N-(phosphonacetyl)-¬-aspartate added for every 
mole of hexameric enzyme, a clean titration that 
inflects at 6 mol mol-1 is observed (Figure 
6-16A).66,70,71 When the sedimentation coefficient 
was followed over the same range of stoichi-
ometries, it was again observed that the change in 
the distribution of quaternary conformations mon-
itored by sedimentation preceded occupation of 
the active sites, as expected for a quaternary con-
formational change producing homotropic coop-
erativity. 

 When catalytic a subunits of aspartate carbam-
oyltransferase were reconstituted with nitrated 
regulatory b  subunits, an increase in absorbance at 
445 nm and a corresponding decrease in absorbance 
at 380 nm, arising from a decrease in values of pKa 
for some of the o-nitrotyrosyl groups in the regulatory 
b subunits, was observed when N-(phosphonacetyl)-
¬-aspartate was bound to the active sites in the cata-
lytic a subunits of the reconstituted enzyme.70 As 
the nitrotyrosines were on the regulatory b subunits, 
well removed from the active sites,5 they must have 
been responding to a quaternary conformational 
change in the intact enzyme. The changes in absorb-
ance of the o-nitrotyrosyl groups at either 380 or 
445 nm coincided with the change in sedimentation 
coefficient when presented as a function of the 
stoichiometry between N-(phosphonacetyl)-¬-aspar-
tate and enzyme (Figure 6-16B).70 
 A Zn2+ coordinated by four cysteines from a 
regulatory b subunit is located at the interface between 
each folded regulatory and catalytic polypeptide in 
crystallographic molecular models of aspartate 
carbamoyltransferase.13 The zinc can be replaced by 
nickel. Bound nickel displays absorption maxima72 
at 360, 440, 660, and 720 nm as well as maxima and 
minima in the difference circular dichroic spectrum71 
at 360, 405, and 460 nm. Both the absorption spec-
trum72 and the difference circular dichroic spectrum71 
of a solution of aspartate carbamoyltransferase 
display significant changes as the active sites of the 
modified enzyme are occupied by N-(phosphon-
acetyl)-¬-aspartate. The progress of these changes 
as a function of the stoichiometry of binding of the 
bisubstrate analogue coincides with the progress of 
the change in the distribution of quaternary confor-
mations detected by sedimentation (Figure 6-16C).71 
 It follows from all the results just described 
(Figures 6-14 and 6-16) that the changes in the 
distribution of quaternary conformations detected 
by sedimentation, by nitrotyrosines in the inactive 
catalytic a subunits, by the rate at which the enzyme 
was modified by 4-hydroxymercuribenzoate, by nitro-
tyrosines in the regulatory b subunits, and at metallic 
ions distant from the active sites all occur in concert 
as the active sites of the enzyme become occupied. 
One explanation for these coincidences is that all 
these physical measurements are monitoring the same 
single quaternary conformational change between 
only two quaternary conformations. In other words, 
no combination of these observations was able to 
detect more than one quaternary conformational 
change involving only two quaternary conformations  
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of the enzyme. If there were a third quaternary confor-
mation present at significant concentration, the 
only way that all observations could coincide is if 
the changes in each observed quantity in the third 
quaternary conformation were in the same proportion 
relative to the respective changes in these observed 
quantities between the T and R conformations, which 
seems unlikely. 
 
 Formally, the coincidence of all these physical 
measurements is equivalent to observing an isosbes-
tic point in a series of spectra, an observation that 
has always been accepted as evidence for only two 
states. If there is only one quaternary conforma-
tional change between unoccupied and fully occupied 
aspartate carbamoyltransferase, then the quaternary 
conformational change must occur with conserva-
tion of symmetry because both unoccupied and 
fully occupied aspartate carbamoyltransferase are 
symmetric oligomers. 

Figure 6-16: Coincidence of several physical measurements 
monitoring the quaternary conformational change in aspartate 
carbamoyltransferase from E. coli produced by N-(phosphon-
acetyl)-¬-aspartate. In all panels, N-(phosphonacetyl)-¬-aspartate 
was used to occupy the active sites on the enzyme to varying 
degrees. This bisubstrate analogue displays homotropic coop-
erative behavior. In all panels, the change in sedimentation 
coefficient (3) at various levels of occupation of the active site, 
measured at 3-4 mg of protein mL-1, was used as the common 
monitor of the change in quaternary conformation of the enzyme. 
Association of N-(phosphonacetyl)-¬-aspartate with aspartate 
carbamoyltransferase (2.4 mg mL-1 in Panel A, 2.1 mg mL-1 in 
Panel B, and 5 mg mL-1 in Panel C) was measured directly by 
following either the difference spectrum of the enzyme at 290 
and 286 nm (Panels A and B, ˆ) or the circular dichroism at 
360 nm (Panel C, ˆ), each of which registers only occupation of 
the active site with ligand. Each measurement is plotted as the 
fraction of the respective change (fractional change), relative 
to the total change between unliganded and fully saturated en-
zyme, as a function of the respective molar ratio of added 
N-(phosphonacetyl)-¬-aspartate (PALA) to aspartate transcar-
bamoylase [moles of PALA (mole of enzyme)-1]. (A) Solutions 
of native protein were monitored at pH 7.0 and 20 ªC.66 (B) The 
protein used for these experiments was reconstituted from native 
catalytic a3 subunits and regulatory b2 subunits modified with 
tetranitromethane [0.9 nitro group (polypeptide)-1]. The change 
in absorbance (at 17 mg of protein mL-1) at 380 nm (Í) or 
445 nm (2), both of which are due to absorbance of nitrotyrosines 
in the regulatory b2 subunits, as a fraction of the total change 
between unliganded and fully saturated enzyme, is plotted. The 
changes were monitored at pH 7.0 and 25 ªC.70 (C) The protein 
used for these experiments was reconstituted from native catalytic 
and regulatory subunits. stripped of their Zn2+, in the presence 
of Ni(NO3)2 (10-fold molar excess over sites) to replace the 
Zn2+ of the native enzyme with Ni2+. The change in circular 
dichroism (at 5 mg of protein mL-1) at 405 nm (Í) or 460 nm (2), 
arising from absorption bands of complexed Ni2+, as a fraction 
of the change between unoccupied enzyme and enzyme satu-
rated with N-(phosphonacetyl)-¬-aspartate, is plotted as a 
function of the respective molar ratio of N-(phosphonacetyl)-
¬-aspartate to enzyme. Measurements were made at pH 7.0.71 
 
 
 When the concentration of aspartate carbamoyl-
transferase is in sufficient excess over the concen-
tration of N-(phosphonacetyl)-¬-aspartate, each mole-
cule of enzyme to which the inhibitor is bound will 
have only one molecule of inhibitor bound. The in-
crease in activity in this range of low concentrations 
of N-(phosphonacetyl)-¬-aspartate (<0.05 mol mol-1) 
will then be a function only of the number of active 
sites converted to the R conformation by one molecule 
of N-(phosphonacetyl)-¬-aspartate.57 Several condi-
tions were chosen in which the equilibrium constant 
between the T and R conformations was shifted by 
other ligands sufficiently toward the R conformation 
that the binding of only one molecule of N-(phos-
phonacetyl)-¬-aspartate would convert the T to the 
R conformation almost quantitatively. Under these 
conditions, the experimental value for the number of 
active sites converted to high enzymatic activity was 
between 4 and 5. Therefore, under these conditions, 
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association of one, or perhaps two, molecules of 
N-(phosphonacetyl)-¬-aspartate at one, or perhaps 
two. active sites on the enzyme is able to convert 
the remaining five, or perhaps four, active sites to 
the R conformation. This result suggests that the 
conformational change is highly concerted and 
that only two conformations can exist in significant 
concentrations. 
 The curve for the scattering of X-rays at small 
angles by the R conformation of aspartate carbamoyl-
transferase, measured with saturating N-(phosphon-
acetyl)-¬-aspartate, and the curve for the scattering 
of X-rays at small angles by the T conformation, 
measured in the absence of ligands, are significantly 
different. A molecule of aspartate carbamoyltrans-
ferase was constructed with five mutated, inactive 
active sites and one normal active site, and the 
quaternary conformation of the enzyme was moni-
tored by the scattering of X-rays at small angles. 
Association of N-(phosphonacetyl)-¬-aspartate with 
that one unmutated active site converted this enzyme 
from the T to the R conformation, and no other con-
formations could by detected by the measurement.73 
 Crystals of aspartate carbamoyltransferase of 
the space group P321, in the T conformation with its 
active sites occupied with phosphonoacetamide, 
were transferred to a solution of 8 mM malonate, 
which is an analogue of ¬-aspartate. The T conforma-
tion was converted, in the crystals, to the R conforma-
tion as the malonate occupied the active sites.74 
The crystals remained in the space group P321 with 
the usual asymmetric unit of two catalytic 
a subunits and two catalytic b subunits arrayed 
around the crystallographic threefold rotational 
axis of symmetry. 
 
 The same values for the equilibrium constants 
between R and T conformations can fit both inde-
pendently measured changes in the distribution of 
quaternary conformations of an enzyme and ob-
served cooperativities. From the mechanism of 
Equation 6-33, the fraction of the enzyme in the 
R conformation15 

and 

        (6-48) 

The fractional change (fx) in any property (x), such 
as absorbance, fluorescence, rate of reaction of sul-
fanyl groups, scattering of X-rays, or sedimentation 
coefficient, that changes in direct proportion to the 
fraction of the enzyme in the R conformation is 

              (6-49) 

where 

           (6-50) 

and 

        (6-51) 

 The observed behavior of the distribution of con-
formations of spin-labeled glycogen phosphorylase a 
from O. cuniculus as a function of the occupation 
of the heterotropic allosteric sites in the enzyme by 
AMP2- could also be described by Equations 6-48 
and 6-49 (smooth curve in Figure 6-15),68 with a 
value for L0 of 3. When the MWC equation (Equa-
tion 6-35) was constrained by setting the value for 
L0 at 3, this constrained equation could fit the data 
for cooperative binding of AMP2- to the enzyme. 
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 As the concentration of N-(phosphonacetyl)-
¬-aspartate is increased, the fractional changes in 
sedimentation coefficient of aspartate carbamoyl-
transferase coincide with those in the rate at which 
the enzyme is modified at its sulfanyl groups by 
4-hydroxymercuribenzoate. It has already been noted 
that these fractional changes coincide with those in 
the absorbance of nitrotyrosines in the inactive 
catalytic a subunits or in the regulatory b subunits 
and those in the distribution of quaternary conforma-
tions detected at metallic ions distant from the active 
sites (Figures 6-14 and 6-16). The fractional changes 
in sedimentation coefficient and those in the rate 
at which the enzyme is modified by 4-hydroxy-
mercuribenzoate can be fit with Equations 6-48 
and 6-49.75 All these observations taken together 
are consistent with the conclusion that each fractional 
change is equal to fx, the fraction of the enzyme 
that has changed from the T conformation into the 
R conformation, The value for L0 from this fit is 250, 
and this value can be inserted into the MWC equation 
for two reactants that each have a higher affinity for 
the R conformation than the T conformation. The 
resulting equation, constrained by fixing L0, is able 
to fit both the cooperativity for the initial rate of the 
enzymatic reaction as a function of the concentra-
tion of ¬-aspartate at saturating concentrations of 
carbamoyl phosphate and the cooperativity for the 
initial rate of the enzymatic reaction as a function 
of the concentration of carbamoyl phosphate at 
saturating concentrations of ¬-aspartate. The equation 
also fits stimulation of the enzymatic activity by 
succinate (see Problem 6-5 for stimulation by maleate, 
an analogue of succinate), an effect that is a result 
of the cooperativity displayed by the enzyme. 
 As the active sites of fully deuterated aspartate 
carbamoyltransferase containing [2,3,3¢,3¢,3¢,4,4-2H7, 
5-13C1H3]isoleucyl groups are filled with phosphono-
acetamide, an analogue of carbamoyl phosphate, 
each pair of cross peaks in the two-dimensional 
methyl-TROSY nuclear magnetic resonance spec-
tra either records only the transition from the T to 
the R conformation (Figure 6-13) or records both 
the transition from the T to the R conformation (a 
reciprocal change in amplitude) and the local con-
formational changes that accompany the occupa-
tion of the active sites (a change in chemical 
shift).54 The changes in chemical shift (d) of nine 
pairs of cross peaks in the nuclear magnetic reso-
nance spectra that record the local conformational 
changes accompanying the occupation of the active 
site by phosphonoacetamide in the R and T conforma-
tions, respectively (Figure 6-11B,C), were measured. 

From the magnitudes of these changes in chemical 
shift, dissociation constants for phosphonoacet-
amide from the active sites of the R conformation 
(KdPAM = 1.8 + 0.1 mM) and the T conformation 
(KAdPAM = 3.8 + 0.3 mM) could be calculated (see 
Equations 3-297 and 3-303) 

    
                  (6-52) 

These measurements are direct determinations of 
the dissociation constants that are independent of 
each other and do not rely on the MWC equation in 
any way. None of the titration curves for occupa-
tion of the active sites by phosphonoacetamide in 
the R conformation by itself or the T conformation 
by itself displays cooperativity, which is one of the 
assumptions in the derivation of the MWC equation. 
The value for LPAM, the equilibrium constant for the 
conformational equilibrium when the active site of 
aspartate carbamoyltransferase occupied by phos-
phonoacetamide (PAM), estimated from the two-
dimensional TROSY nuclear magnetic resonance 
spectra (Figure 6-13) is 3.4 ± 1.2. From KdPAM, KAdPAM, 
and LPAM (see Equation 6-33), the equilibrium con-
stant 

         (6-53) 

can be estimated to be 300 ± 190, which is consistent 
with estimates of L0 by sedimentation velocity 
(250).75 The value for LPAM (3.4 ± 1.2) also agrees, 
within the errors of measurement, with the value 
for LCAP (6.8 ± 2.4)76 derived from a titration of the 
enzyme saturated with carbamoyl phosphate (CAP) 
with succinate (Figure 6-4). 
 The conformations of aspartate carbamoyl-
transferase were followed by scattering of X-rays at 
small angles as the active enzyme consumed several 
different saturating concentrations of ¬-aspartate 
and carbamoyl phosphate until equilibrium was 
reached. Each individual time-resolved scattering 
curve could be fit by a linear combination of only 
the scattering curve of the R conformation and the 
scattering curve of the T conformation, which shift in 
their relative concentrations as the reaction progresses 
and the reactants decrease in concentration. There 
was no indication of any other conformations 
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throughout the course of the reaction.77 This result 
is an actual observation of isosbestic behavior. A 
value for L0 of 70 was determined by fitting measure-
ments of the scattering of X-rays at small angles as 
a function of the concentration of N-(phosphon-
acetyl)-¬-aspartate to Equations 6-48 and 6-49.78 
 All the foregoing observations demonstrate that, 
at least in the case of aspartate carbamoyltransferase 
from E. coli, the cooperativity observed in its asso-
ciation with substrates and analogues of its sub-
strates arises from the existence of two and only 
two quaternary conformations that are in equilibrium 
with each other. They also demonstrate that the 
equilibrium between these conformations is shifted 
by thermodynamic linkage because the dissocia-
tion constants for both carbamoyl phosphate and 
¬-aspartate from the R conformation are smaller 
than those from the T conformation. Aside from 
hemoglobin—where observations are complicated 
by the fact that it is an asymmetric (ab)2 tetramer—
in no other protein that displays cooperativity have 
the correlations between quaternary conformations 
and cooperativity in its associations with ligands 
been examined so extensively as in aspartate carbam-
oyltransferase. It is still possible that there will be 
one, several, or many proteins that assume several 
asymmetric quaternary conformations and that the 
equilibrium among those several conformations will 
explain the cooperative behavior. At the moment, 
however, no other protein has been examined exten-
sively enough to draw this conclusion. 
 
 Cooperativity observed in measurements of the 
initial rate of a particular enzymatic reaction also 
can be explained by the existence of two rotationally 
symmetric quaternary conformations of the enzyme 
that differ in their affinity for substrate. The most 
unambiguous cases in which the explanation of 
cooperativity provided by the MWC equation can 
be applied are those in which cooperativity in the 
binding of ligands, such as molecular oxygen to hemo-
globin (Figures 6-5 and 6-7) or succinate to aspartate 
carbamoyltransferase (Figures 6-4 and 6-14), rather 
than cooperativity in steady-state kinetics, is observed. 
This unambiguity results from the fact that differ-
ences in the dissociation constants for the binding 
of ligands to the T and R conformations produce 
the shift in the equilibrium constant between them. 
Consequently, cooperativity in these cases is not 
complicated by the effect of conformational changes 
on both rate constants and equilibrium constants. 
There are, however, far fewer measurements of 
cooperative association of a ligand than there are of 

cooperativity in the effects of the concentration of a 
reactant on the initial rates of enzymatic reactions, 
so some attention must be paid to these measure-
ments of steady-state kinetics. 
 Suppose that a homooligomeric enzyme has 
two quaternary conformations and that each confor-
mation has as many active sites as there are subunits. 
In each conformation, the respective active sites 
are formed by the same respective constellations of 
side chains, albeit in orientations altered by the 
conformational change. It is unlikely that the disso-
ciation constants, the catalytic constants, and the 
specificity constants for reactants at the active sites 
will be the same in the two quaternary conformations 
of the enzyme. Suppose also, for the moment, that 
the equilibrium constant, L0, between the R and 
T conformations is greater than 1 so that the concen-
tration of the latter is greater than the concentration 
of the former in the absence of reactants; that the 
dissociation constant for one reactant is smaller in 
the R conformation than in the T conformation; 
and that the concentration of only that one reac-
tant is varied. Because the dissociation constant 
from an active site in the R conformation for the 
one reactant that is being varied is smaller than 
that from an active site in the T conformation, as 
the concentration of that reactant is increased, its 
association with active sites on the enzyme will shift 
the equilibrium between the T and R conformations 
in favor of the latter. As that reactant occupies one 
or more active sites on each molecule of enzyme 
and the level of occupancy reaches the point at 
which most molecules have changed from the T to 
the R conformation, the catalytic constants and the 
specificity constants of the remaining active sites 
will be those of the R conformation. 
 The problem with assessing the behavior of the 
initial rate of the enzymatic reaction as a function 
of the concentration of that reactant is that even 
though the dissociation constant of the reactant 
must decrease upon the change in conformation, 
the catalytic constants and the specificity constants 
for that reactant in the two conformations of the 
active site determine the initial rate for the enzy-
matic reaction at steady state, not its dissociation 
constant. If association and dissociation of that reac-
tant with the active site in both conformations are 
so rapid that the dissociation constant for that reactant 
from each conformation is its Michaelis constant, 
Km, for that conformation and if the catalytic constant 
for both active sites is the same, then the initial rate 
of the enzymatic reaction as a function of the concen-
tration of reactant will be directly proportional to 
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the occupation of the active site at equilibrium and 
will simply reflect the cooperative association of 
reactant. It has already been mentioned that, even 
with enzymes that do not have two different quater-
nary conformations, the Michaelis constant for a 
reactant is rarely its dissociation constant from an 
active site. Consequently, even though the cooper-
ativity observed in the initial rate of the enzymatic 
reaction as a function of the concentration of reactant 
can be fit with Equation 6-36, this fact alone does 
not permit values to be assigned to the intrinsic 
dissociation constants and the catalytic constants 
for that reactant to two conformations of the enzyme 
from this fit, just as the value for a Michaelis constant 
in a situation in which cooperativity is not displayed 
cannot be assigned to the dissociation constant for 
reactant79 even though it usually seems to the observer 
that it should be so and regardless of the units on 
the Michaelis constant. Nevertheless, cooperative 
behavior in the initial rate as a function of the concen-
trations of reactants requires that association of 
reactants be cooperative and that the cooperative 
association of reactant be manifest, even if indirectly, 
as the cooperative effect of its concentration on the 
enzymatic reaction. It is possible that cooperativity 
in enzymatic kinetics is so advantageous that natural 
selection promotes such a manifestation. 
 In a few instances, the cooperative binding of 
a reactant to the otherwise unoccupied active site 
correlates satisfactorily with the cooperative effect 
that its concentration has on the initial rate of the 
enzymatic reaction. For example, cooperative binding 
(Hill coefficient = 2.3) of S-adenosyl-¬-methionine 
as a function of its concentration to the unoccupied 
active site of glycine N-methyltransferase (previ-
ously Equation 1-19) 

 
                  (6-54) 

from Rattus norvegicus corresponds within the error 
of measurement with the cooperative effect (nH = 2.3) 
of its concentration on the initial rate of the enzy-
matic reaction at 2.0 mM glycine. The concentration 
of S-adenosylmethionine at which half the sites are 
occupied (50 mM) in the measurement of binding is 
also indistinguishable from the concentration (43 mM) 
at which the initial rate is half the limiting rate.80 In 
this instance, the initial rate does seem to be regis-
tering only association of reactant with the active 
site. 
 Fructose 6-phosphate, in the absence of MgATP2-, 
binds cooperatively to the active site of 6-phospho-
fructokinase (Equation 6-28) from Saccharomyces 
cerevisiae,81 and the effect of the concentration of 
fructose 6-phosphate on the initial rate of the enzy-
matic reaction82 also displays cooperativity (Fig-
ure 6-17C). The value for L0 (12 ± 3) from a fit of the 
data for the binding of fructose 6-phosphate in the 
absence of MgATP2- (3) with the MWC equation 
and the value for LATP (20 ± 10) from a fit of the data 
for the initial rate of the enzymatic reaction (Í) as a 
function of the concentration of fructose 6-phosphate 
in the presence of a subsaturating concentration of 
MgATP2- (0.15 mM) with the kinetic version of the 
MWC equation (Equation 6-36) are indistinguishable, 
within the margin of error, which may be due to the 
fact that MgATP2- does not bind cooperatively.82 
The value for the dissociation constant (0.1 ± 0.01 mM) 
of fructose 6-phosphate from the otherwise unoccu-
pied R conformation of the enzyme obtained by the fit 
of the MWC equation to the data is somewhat smaller 
than the dissociation constant (0.25 ± 0.05 mM) for 
fructose 6-phosphate from the active site of the 
R conformation occupied by MgATP2- obtained from 
the fit of Equation 6-36 to the data, as might be 
expected from steric effects when the two reactants 
together occupy the active site. 
 In most instances, however, the correlation 
between the cooperative binding of a reactant and 
the cooperative effect of its concentration on the 
enzymatic reaction is poor. For example, the initial 
rate of 2-dehydropantoate 2-reductase 
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from Staphylococcus aureus as a function of the 
concentration of NADPH displays cooperativity with 
a Hill coefficient of 2.5 ± 0.2, even though the enzyme 
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is an a2 dimer in which each subunit has only one 
active site. Association of NADPH with the enzyme 
at equilibrium, in the absence of 2-dehydropantoate, 
is cooperative, but it has a Hill coefficient of only 
1.3 ± 0.05. This discrepancy could be explained by a 
kinetic mechanism for the steady-state random 
bimolecular association of the two reactants (previ-
ously Equation 3-136) 
 
 

Figure 6-17: Cooperativity in the initial rates as a function of 
the concentration of ∂-fructose 6-phosphate and cooperativity 
in the binding of ∂-fructose 6-phosphate for 6-phosphofructo-
kinase. (A) Cooperativity in the kinetics of 6-phosphofructokinase 
from E. coli.84 The purified enzyme was assayed in 1 mM MgATP2–, 
10 mM MgCl2, and 0.1 M 2-amino-2-hydroxymethylpropane-
1,3-diol at pH 8.2 and 25 ªC and at the noted concentrations of 
∂-fructose 6-phosphate. Each initial rate of the reaction as a 
fraction of the limiting rate (v0 V-1) is plotted as a function of 
the respective initial concentration of ∂-fructose 6-phosphate 
(millimolar). (B) Lack of cooperativity and induction of coop-
erativity by a heterotropic allosteric inhibitor in the kinetics of 
6-phosphofructokinase from G. stearothermophilus.26 The puri-
fied enzyme was assayed in 1 mM MgATP2-, 10 mM MgCl2, 
5 mM NH4Cl, 0.2 mM NADH, 10 mg mL-1 fructose-bisphosphate 
aldolase, 18 mg mL-1 triose-phosphate isomerase, 2.4 mg mL-1 
glycerol-3-phosphate dehydrogenase, and 0.1 M 2-amino-
2-hydroxymethylpropane-1,3-diol at pH 8.2 and at the noted 
concentrations of ∂-fructose 6-phosphate by coupling produc-
tion of ∂-fructose 1,6-bisphosphate to the enzymatic reactions 
catalyzed by fructose-bisphosphate aldolase, triose-phosphate 
isomerase, and glycerol-3-phosphate dehydrogenase. The initial 
rates (v0) of the reaction as a fraction of the limiting rate (v0 V-1) 
are plotted as a function of the initial concentrations of ∂-fructose 
6-phosphate (millimolar). Each initial rate was measured in 
either the absence (3) or presence (Í) of 0.5 mM phosphoenol-
pyruvate, a heterotropic allosteric inhibitor of the enzyme. 
(C) Binding of ∂-fructose 6-phosphate to 6-phosphofructo-
kinase from S. cerevisiae (left axis)81 and the initial rate of the 
enzymatic reaction as a function of the initial concentration 
of ∂-fructose 6-phosphate (right axis).82 The binding of 
∂-fructose 6-[32P]phosphate to the enzyme (◊) was determined 
by equilibrating enzyme and substrate in 5 mM MgSO4 and 
50 mM imidazolium chloride at pH 7.2 and 20 ªC and then 
forcing a portion of the solution through a membrane imper-
meant to the enzyme. The free concentration of ∂-fructose 
6-[32P]phosphate (F6P) was determined in the fluid passing 
through the membrane, and the total concentration was deter-
mined in the fluid that did not pass through. Each determination 
of bound ∂-fructose 6-[32P]phosphate [nanomoles bound (milli-
gram of protein)-1] is plotted as a function of the respective 
free concentration of ∂-fructose 6-[32P]phosphate, and the 
curve is a fit of Equation 6-35 to the data with L0 = 12 ± 3; 
KdF6P = 0.1 ± 0.01 mM; and K¢dF6P > 10 mM. The initial rates of 
the enzymatic reaction (Í) were determined in 5 mM MgCl2 at 
pH 7.1 with the concentration of MgATP2- fixed at 0.15 mM 
and the concentration of ∂-fructose 6-phosphate (F6P) varied. 
“Activity was normalized with respect to the calculated maximum 
activity.” Each normalized activity is plotted as a function of 
the respective concentration of ∂-fructose 6-phosphate. The 
curve is a fit of Equation 6-36 to the data with L0 = 20 ± 10; 
KdF6P = 0.25 ± 0.05 mM; and K¢dF6P > 100 mM.  
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in which the individual associations are not rapid 
enough to reach equilibrium as the reaction progres-
ses. The rate equation for this mechanism (previously 
Equation 3-137) 

of subunits in a homooligomer,87 a reasonable expla-
nation would be that rate-limiting steps for the reac-
tion as it occurs on the T conformation are different 
from those for the reaction on the R conformation. 
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has terms in which the concentrations of reactants 
are squared, which can explain the greater cooper-
ativity that is observed in the steady-state kinetics.83  
 At pH 8.2, 6-phosphofructokinase (Equation 
6-28) from E. coli displays cooperativity in the effect 
of the concentration of the reactant fructose 6-phos-
phate on the initial rate of the enzymatic reaction at 
a fixed, saturating concentration of its other reactant, 
MgATP2- (Figure 6-17A).19,84 This cooperativity, 
however, decreases to a Hill coefficient of 1 as the 
concentration of MgATP2- is decreased, a trend 
that is consistent with the fact that, in the absence 
of MgATP2-, the binding of fructose 6-phosphate to 
the active site of the enzyme is not cooperative,85 
unlike the binding of fructose 6-phosphate to the 
active site of 6-phosphofructokinase from S. cerevisiae 
(Figure 6-17C). At pH 8.2, however, 6-phosphofructo-
kinase from G. stearothermophilus, although it is 
quite similar to that of E. coli (55% identity; 0.3 gap 
percent), displays cooperativity in the effects of the 
concentration of fructose 6-phosphate on the initial 
rate of the enzymatic reaction only when phospho-
enolpyruvate, a heterotropic allosteric inhibitor of the 
enzyme,28,86 is present as well as saturating concentra-
tion of MgATP2- (Figure 6-17B).26 At pH 7.5, however, 
the enzyme displays cooperativity in the effects of 
fructose 6-phosphate on the initial rate in the absence 
of phosphoenolpyruvate.27 
 Most enzymes have two or more reactants, and 
usually, as in the case of aspartate carbamoyltrans-
ferase or 6-phosphofructokinase from E. coli, each 
reactant exerts an effect on the equilibrium between 
the T and R conformations (Figure 6-13). As a result, 
it is difficult to correlate cooperativity in the binding 
of one reactant to the active site, in the absence of 
the other reactant or reactants, to the cooperativity 
observed in the kinetics. 
 In cases in which the Hill coefficient for the effect 
of the concentration of reactant on the initial rate 
of an enzymatic reaction is greater than the number  

 In the absence of a demonstration that the kinet-
ics are governed only by dissociation constants of 
the reactants, the function describing the binding 
of reactant is the same as the function describing 
the effect of the concentration of that reactant on 
the initial rate of the enzymatic reaction. Dissociation 
constants derived from fitting Equation 6-36 to the 
data are probably illusory because the equation was 
derived on the assumption that the associations of 
reactants at steady state are always rapid enough to 
be at equilibrium. Nevertheless, any cooperativity 
observed in kinetic measurements almost always 
arises, albeit indirectly, from differences in disso-
ciation constants of reactant from two or more 
quaternary conformations of the enzyme. Otherwise, 
reactants would have no effect on the conformation 
of the enzyme, and noncooperative, rectangularly 
hyperbolic kinetics would be observed. 
 In a few exceptional cases, cooperativity or 
apparent cooperativity in the effect of the concen-
tration of reactant on the initial rate of an enzymatic 
reaction arises from causes other than a homotropic 
allosteric mechanism resulting from changes in 
quaternary conformations. For example, ¬-trypto-
phan is both a substrate and a heterotropic allosteric 
activator of tryptophan 2,3-dioxygenase from Delftia 
acidovorans because the reaction is the first step in 
the catabolism of this amino acid. The two roles of 
¬-tryptophan were distinguished by using analogues. 
The competitive inhibitor 5-fluorotryptophan binds 
only at the active site,88 while 2-methyltryptophan 
cannot bind at the active site but acts as a hetero-
tropic allosteric activator at a separate site.89 When 
a heterotropic allosteric site is saturated with 
2-methyltryptophan, the initial rate of the enzymatic 
reaction is a rectangularly hyperbolic function of 
the concentration of ¬-tryptophan; and in the absence 
of 2-methyltryptophan, the binding of 5-fluoro-
tryptophan to the active site is a rectangularly hyper-
bolic function of its concentration. In the absence of 
either 5-fluorotryptophan or 2-methyltryptophan, 
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however, the initial rate of the enzymatic reaction 
as a function of the concentration of ¬-tryptophan 
displays positive deviation from hyperbolic behavior. 
An explanation for this behavior consistent with all 
the facts is that the positive deviation arises because, 
as the active sites become occupied, heterotropic 
allosteric sites also become occupied. As a result, 
the initial rate at higher concentrations of ¬-trypto-
phan is greater than those predicted from the initial 
slope of the curve at concentrations of ¬-tryptophan 
where the site for the activator is vacant. This explana-
tion does not invoke homotropic cooperativity among 
active sites, only a heterotropic allosteric effect 
between the active site and the site for binding the 
effector. 
 In the case of glucokinase from R. norvegicus, 
which is a monomeric enzyme, the apparent coopera-
tivity in the effect of the concentration of ∂-glucose 
on the enzymatic reaction arises from the fact that 
there is a transition from an inactive to an active 
form of the enzyme that is slower (2-10 min) than 
the period of time over which the initial rates were 
measured. Because this transition is accelerated by 
high concentrations of ∂-glucose, the initial rate of 
the enzymatic reaction increases more than it 
should have if it were only association of ∂-glucose 
with one form of the singular active site that was 
governing the initial rate. When the enzyme is pre-
incubated with high concentrations of ∂-glucose or 
with the simple competitive inhibitor N-acetyl-
glucosamine, the cooperativity is eliminated.90 
When association of ∂-glucose with the enzyme is 
measured under conditions in which each measure-
ment at each concentration of ∂-glucose is made 
only after equilibrium is achieved, the association 
shows no cooperativity.91 The slow conformational 
change responsible for the aberrant behavior has 
been assigned to a loop of 30 amino acids that closes 
over the active site. In the unoccupied enzyme, the 
loop is disordered, and the transition between the 
disordered and ordered states is slow as ∂-glucose 
associates with the active site and the loop closes 
over it. A mutant of the enzyme in which four amino 
acids in this loop have been switched no longer 
displays cooperativity in its initial rate as a function 
of the concentration of ∂-glucose.91 
 An actual artifact is observed with glycine hydroxy-
methyltransferase (see Equation 2-10) 
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from O. cuniculus. Originally, it was observed that the 
initial rate of the enzymatic reaction, as a function 
of the concentration of the reactant tetrahydro-
folate, appeared to display cooperativity. It was later 
demonstrated that this observation was artifactual 
and arose from instability of the tetrahydrofolate at 
low concentrations.92 As a result, the actual concen-
trations of reactant in the lower range were less than 
the nominal concentrations, causing the initial 
rates measured in this range to be lower than they 
should have been. At higher concentrations, the tetra-
hydrofolate was stable, and the initial rates measured 
in this range were accurate but higher relative to 
those at the lower concentrations. 
 Most instances of positive deviations from ideal 
behavior in association of reactants during meas-
urements of initial rate of an enzymatic reaction, 
however, probably do involve homotropic allosteric 
processes. 
 As the kinetics of the enzymatic reaction cata-
lyzed by phosphofructokinase (Equation 6-28) 
from G. stearothermophilus (Figure 6-17B) illus-
trate, heterotropic allosteric effectors often cause 
cooperativity in the effects of the concentration 
of a reaction to appear, and heterotropic allosteric 
effectors can also cause cooperativity to disappear 
(Figure 6-3). As might be expected, these materiali-
zations and dematerializations result from the ability 
of heterotropic allosteric effectors to shift the equi-
librium between two or more conformations of the 
protein. This behavior begs the question of how 
homotropic and heterotropic allosteric effects are 
related to each other and whether or not the same 
conformational changes are responsible for both 
effects. As might be expected, the answer to these 
questions depends on the enzyme being examined. 
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Problem 6-1: Derive Equation 6-5 from Equation 6-3 
and the conservation of protein. 

 

 

Problem 6-2: Derive Equation 6-11 from Equation 
6-10 and the conservation of protein. 
 

Problem 6-3: Derive Equation 6-42 from Equation 
6-35 and the binomial theorem. 
 

Problem 6-4: The mean hemoglobin concentration 
in the blood of adult human males is 157 g L-1. 
 
 (A) Find the molar masses of human a polypeptide, 

human b polypeptide, and heme B, and calcu-
late the molar concentration of sites for 
binding of molecular oxygen in the blood of 
an average adult male. 

 (B) The capacity of the blood used in the measure-
ments of Figure 6-5 for binding O2 at satura-
tion, by extrapolation, is 191 mL of O2 (liter of 
blood)-1. Calculate the capacity of this blood 
from C. G. Douglas in units of moles of O2 
(mole of heme)-1. 

 (C) What percent of the hemes are binding O2 if 
the hemoglobin concentration of the blood 
of C. G. Douglas were that of the average male? 

 (D) What might cause this number to be different 
from 100%? 

 

Problem 6-5: The enzymatic rate of the reaction 
catalyzed by aspartate carbamoyltransferase is a 
sigmoid function of the ¬-aspartate concentration 
at saturating carbamoyl phosphate (Figure 6-3). 
 
 (A) Write a series of linkage boxes to describe the 

binding of each of the six aspartates to the 
enzyme and to explain the observed cooper-
ativity. Remember to indicate the statistical 
corrections. 

 
Maleate is an inhibitor of aspartate carbamoyl-
transferase that is competitive with ¬-aspartate. 
The following behavior was observed when maleate 
was added to the enzyme along with ¬-aspartate. 

 

Activation and inhibition of aspartate carbamoyltransferase 
from E. coli by maleate, an analogue of ¬-aspartate.93 The reaction 
mixtures contained 3.6 mM carbamoyl phosphate, 1.0 mM 
¬-aspartate, 0.04 M potassium phosphate at pH 7.0, maleate at 
the concentrations indicated, and 0.4 mg mL-1 native aspartate 
carbamoyltransferase (3) or 0.2 mg mL-1 heated aspartate carbam-
oyltransferase (Í). Heated aspartate carbamoyltransferase was 
prepared by heating native aspartate carbamoyltransferase at a 
concentration of 20 mg mL-1 in 4 mM potassium phosphate buffer 
at pH 7.0 and 60 ªC for 4 min, followed by rapid cooling in an 
ice–water bath. The initial rates of enzymatic assays (percent of 
control) are presented as a function of the concentrations of 
maleate (millimolar). Note the concentration of ¬-aspartate and 
where this concentration falls on the curve in Figure 6-3. 
 
 (B) Where approximately is the enzyme in the 

linkage boxes before maleate is added? 
 (C) Why does the maleate first stimulate enzymatic 

activity?  
 (D) Why does it eventually inhibit enzymatic 

activity?  
 (E) What has happened during the heat treat-

ment described in the legend to the figure?  

Heterotropic Allosteric Control  

A heterotropic allosteric effector is a ligand that 
acts by associating with a protein or enzyme at a 
site different from a site for binding another ligand 
or an active site and altering association of ligands 
or substrates with this other site or its steady-state 
kinetics. Consequently, the ultimate decision on 
whether or not a ligand is a heterotropic allosteric 
effector is made crystallographically. For example, 
6-phosphofructokinase (Equation 6-28) from 
E. coli is activated by MgADP- and MgGDP- so that, 
as levels of nucleoside diphosphates rise, glycolysis 
will accelerate to replenish the levels of nucleoside 
triphosphates. The enzyme is inhibited by phospho-
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enolpyruvate19 so that as levels of this indicator of 
glycolytic flux rise, the flow of ∂-fructose 6-phos-
phate into glycolysis will decrease. The enzyme is an 
a4 homotetramer that has been examined extensively 
by crystallography. The four symmetrically arrayed 
active sites with which the reactants MgATP2– and 
∂-fructose 6-phosphate associate are distinct and 
well-separated from the four symmetrically arrayed 
sites with which heterotropic allosteric effectors 
associate (Figure 6-9). There is little doubt that both 
the activation and the inhibition of the enzyme are 
allosteric. 
 The enzymatic activity of aspartate carbamoyl-
transferase (Equation 6-1) from E. coli is modulated 
by nucleoside triphosphates (Figure 6-3). When 
both MgCTP2- and MgUTP2- are present in solution, 
the enzyme is inhibited,94-96 and when both MgATP2– 
and MgGTP2- are present in solution, the enzyme is 
activated. That MgATP2- and MgGTP2- are hetero-
tropic allosteric effectors of aspartate carbamoyl-
transferase follows from the fact that the allosteric 
site to which they bind is on a different subunit from 
the one on which the active site resides. Because 
MgCTP2- and MgUTP2- bind to the same allosteric 
site at which MgATP2- and MgGTP2– bind,9 they are 
also heterotropic allosteric effectors of the enzyme. 
 When an inhibitor of an enzymatic reaction 
competes with one of its reactants, a crystallo-
graphic decision on whether or not it is a hetero-
tropic allosteric inhibitor is even more important. 
In particular, in situations where the end product 
of a metabolic pathway is a competitive inhibitor 
that does not seem to resemble the reactant with 
which it competes, the usual impulse is to assume 
that heterotropic allosteric inhibition is occurring. 
The dissimilarity of the inhibitor from the substrates, 
however, cannot be used as an argument that it is a 
heterotropic allosteric inhibitor. Nor can a decision 
that the inhibitor is acting at the active site be 
made from steady-state kinetic measurements 
demonstrating that the inhibitor is a competitive 
inhibitor, which would normally be taken as evidence 
that the inhibitor is competing with the reactant for 
occupation of the active site. The definitive decision 
whether the observed competitive inhibition results 
from association of the inhibitor with the active 
site or from heterotropic allosteric inhibition is also 
ultimately made by crystallography. Such decisions 
have been made for a number of inhibitors. For 
example, mevalonate kinase 
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catalyzes an early step in the metabolic pathway for 
biosynthesis of (2Z,6Z)-farnesyl diphosphate. In 
crystallographic molecular models of the enzyme 
from R. norvegicus, it has been observed that farnesyl 
diphosphate, which is a competitive inhibitor of 
the human enzyme97 with respect to MgATP2-, 
which it does not resemble very closely, nevertheless 
associates with the active site of the enzyme. The 
diphosphate of (2Z,6Z)-farnesyl diphosphate overlaps 
the subsite with which the triphosphate of MgATP2– 
associates, and the triisoprenoid portion of 
(2Z,6Z)-farnesyl diphosphate overlaps the subsite 
with which the adenosyl group of MgATP2- associ-
ates.98 Consequently, farnesyl diphosphate is not a 
heterotropic allosteric inhibitor. 
 ¬-Lysine is a competitive inhibitor of homo-
citrate synthase from S. cerevisiae with respect to 
2-oxoglutarate99 
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which it does not resemble very closely. The enzyme 
catalyzes the first committed step in biosynthesis of 
¬-lysine. ¬-Lysine associates with the active site of 
the enzyme from Schizosaccharomyces pombe (72% 
identity; 0 gap percent) at a location that almost 
completely overlaps that occupied by 2-oxogluta-
rate.100 ¬-Tyrosine (6-2) inhibits prephenate dehydro-
genase from Aquifex aeolicus, the first committed 
step in its biosynthesis, by occupying the same 
location in the active site occupied by the reactant 
prephenate (6-3) 

 

which it does resemble.101 
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Figure 6-18: Competitive heterotropic allosteric inhibition of 
anthranilate synthase from S. typhimurium by ¬-tryptophan.104,105 
Solutions contained 20 mM ¬-glutamine, 10 mM MgCl, various 
concentrations of chorismate, various concentrations of 
¬-tryptophan, and 0.1 M potassium phosphate at pH 7.0 and 25 ªC. 
The reaction was initiated by adding anthranilate synthase, 
and the rate of production of anthranilate was followed fluoro-
metrically (lex = 308 nm; lem = 388 nm) over the first few minutes 
to obtain initial rates. The initial rates were converted to unit of 
second-1. The reciprocal of each initial rate (v0-1 in seconds) is 
plotted as a function of the respective reciprocal of the initial 
concentration of chorismate (micromolar-1) at six fixed concen-
trations of ¬-tryptophan: in ascending order of the curves, 0, 
2.5, 5.0, 7.5, 10, and 20 mM. The lines and curves are drawn by 
hand.  
 
 
 

 

 Contrariwise, a heterotropic allosteric inhibitor 
is often a competitive inhibitor even though the 
site with which it associates is well-removed from the 
active site. For example, the inhibition of anthranilate 
synthase (previously Equation 5-85) 
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from Salmonella typhimurium by ¬-tryptophan, which 
is known from crystallographic observations to be a 
heterotropic allosteric inhibitor,102,103 is competitive 
with respect to chorismate (Figure 6-18).104,105 
 When acting to control metabolism, direct com-
petitive inhibition at an active site and heterotropic 
allosteric inhibition are not mutually exclusive. For 
example, fructose 2,6-bisphosphate inhibits fructose-
bisphosphatase 
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Figure 6-19: Noncompetitive heterotropic allosteric inhibition 
of fructose-bisphosphatase from R. norvegicus by AMP2- with 
respect to the reactant ∂-fructose 1,6-bisphosphate.108 Solu-
tions contained 0.15 mM NADP+, 20 mM 2-sulfanylethanol, 
10 mM MgSO4, 2 mmol min-1 mL-1 ∂-glucose-6-phosphate 
isomerase, 0.3 mmol min-1 mL-1 ∂-glucose-6-phosphate dehydro-
genase (NADP+), fructose-bisphosphatase, and 50 mM 2-ammo-
nio-2-hydroxymethylpropane-1,3-diol chloride at pH 7.5 and 
30 ªC. Each reaction was initiated by adding one of several 
concentrations of ∂-fructose 1,6-bisphosphate, and the rate of 
production of ∂-fructose 6-phosphate was followed by coup-
ling it to production of NADPH (lmax = 339 nm) by the use of 
∂-glucose-6-phosphate isomerase and ∂-glucose-6-phosphate 
dehydrogenase (NADP+). The reciprocal of each initial rate 
(v0-1 relative to the limiting rate of the enzymatic reaction in 
the absence of inhibitor) is plotted as a function of the respec-
tive reciprocal of the initial concentration of ∂-fructose 
1,6-bisphosphate (micromolar-1) at three fixed concentrations 
of the heterotropic allosteric inhibitor AMP2-: in ascending order 
of the curves, 0, 80, and 160 mM. The lines are drawn by hand, 
so as to converge at a point on the axis of the abscissa.  
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from R. norvegicus106 by associating with the active 
site in place of the reactant ∂-fructose 1,6-bisphos-
phate107 while AMP2-, a noncompetitive inhibitor 
of the enzyme (Figure 6-19),108,109 associates at a 
heterotropic allosteric site. 
 
 Crystallographic observations have shown that 
heterotropic allosteric sites can be located almost 
 
 
 
 

anywhere in an enzyme relative to its active site. 
They can be well within the same subunit in which 
the active site is located, as is the case for glycogen 
phosphorylase b from O. cuniculus (Figure 6-20)110,111 
and anthranilate synthase (Equation 6-61) from 
Serratia marcescens.103 They can be adjacent to or 
within the symmetrically arrayed interfaces between 
the subunits of a homooligomer, as is the case for  
 
 
 
 

 
 
Figure 6-20: Schematic drawing of the crystallographic molecular 
model of one subunit of glycogen phosphorylase b from O. cuni-
culus, indicating all sites for the various heterotropic allosteric 
effectors.110 The drawing summarizes a large number of crys-
tallographic studies in which data sets from various liganded 
forms of the crystalline enzyme were used to provide maps of 
electron density or difference electron density. In these studies, 
the crystals were often stabilized by crosslinking to prevent 
them from shattering as a result of the conformational changes 
promoted by the binding of certain ligands. Although this 
shortcut placed in question whether the observed changes in 
conformation were indicative, it did allow the various binding 

sites for ligands to be identified. In the drawing, AMP2- is 
shown bound at the site for heterotropic allosteric effectors. 
∂-Glucose 6-phosphate (not drawn), an allosteric inhibitor, 
binds next to AMP2- in the site for allosteric effectors. Malto-
heptaose, portions of which were not resolved in the respective 
map of electron density, is shown bound at the site for association 
of glycogen. ∂-Glucose 1-phosphate and pyridoxal phosphate 
are shown bound at the catalytic site. The site for nucleoside 
inhibitors is occupied by AMP2-. Reprinted with permission 
from reference 110. Copyright 1984 Portland Press, Ltd. 
https://doi.org/10.1042/bj2180045 
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glycogen synthase from S. cerevisiae,112 acetylgluta-
mate kinase from Thermotoga maritima,113 and 
6-phosphofructokinase (Figure 6-9). They can reside 
upon a twofold rotational axis of symmetry within a 
homooligomer* as do the sites for the pseudosym-
metric molecule fructose 1,6-bisphosphate in both 
¬-lactate dehydrogenase from B. longum42 and 
glycerol kinase (previously Equation 4-283) 

       
                  (6-63) 

from E. coli.114 
 Heterotropic allosteric sites can be located on 
a regulatory domain within the subunit comprising 
a homooligomer, distinct from the catalytic domain 
in which the active site is located, but in the same 
folded polypeptide, as is the case for sulfate adenylyl-
transferase from Penicillium chrysogenum,115 porcine 
fructose-1,6-bisphosphatase,36 and phosphoglycer-
ate dehydrogenase from E. coli.116,117 In fructose-
1,6-bisphosphatase, the regulatory domain (201 aa) 
is larger than the catalytic domain (137 aa); but in 
phosphoglycerate dehydrogenase, the regulatory 
domain (92 aa) is smaller than the catalytic domain 
(300 aa). Heterotropic allosteric sites can be located 
on regulatory b subunits in an (ab)n heterooligomer 
in which the active sites are on the catalytic 
a subunits, as is the case for aspartate carbamoyl-
transferase (Figure 6-2) and ATP phosphoribosyl-
transferase from Psychrobacter arcticus.118 In the 
former instance, the regulatory subunit (153 aa) is 
smaller than the catalytic subunit (311 aa); in the 
latter, the regulatory subunit (387 aa) is larger than 
the catalytic subunit (231 aa). 
 Finally, catalytic a subunits and regulatory b sub-
units can be loosely associated rather than tightly 
associated. Each can comprise a separate homooligo-
meric protein, and these two distinct homooligomers 
can be unassociated with each other in some circum-
stances but form an allosterically regulated hetero-
oligomer in other circumstances, as is the case for 
acetolactate synthase119-121 and bovine cyclic-AMP-
dependent non-specific serine/threonine protein 
kinase.122,123 In the case of acetolactate synthase 
from S. cerevisiae, the regulatory protein is a b8 homo-
octamer with 422(D4) rotational symmetry with 
                                                
*In such instances, there are half as many sites for binding the 
allosteric ligand as there are subunits in the oligomer. 

which four catalytic a2 homodimers can associate 
to form the regulated (a2)4b8 heterohexadecamer. 
Each twofold rotational axis of symmetry in the 
four catalytic homodimers coincides with a pair of 
perpendicular twofold rotational axes of symmetry 
in the homooctamer.124 
 In heterooligomers containing equal numbers 
of two different subunits, in which one type of subunit 
contains the active site for an enzymatic activity 
and the other contains the active site for a different 
enzymatic activity rather than a site with which a 
heterotropic allosteric effector can associate, the 
progress of catalysis in one active site can be coor-
dinated with that in the other by a heterotropic allo-
steric effect. For example, in tryptophan synthase 
(previously Equation 3-523) 

     
                  (6-64) 

the indole-3-glycerol-phosphate lyase activity, cata-
lyzed by the active site on an a subunit, must be 
coordinated with the tryptophan synthase (indole-
salvaging) activity, catalyzed by the active site on 
the b subunit to which it is connected, because the 
former produces the indole that passes through the 
tunnel between them before it can used by the latter. 
One way in which this coordination is accom-
plished is that formation of the pyridoximines of 
2-aminoacrylate from serine (see Equation 2-13) 

         
                  (6-65) 

at the active site for tryptophan synthase (indole-
scavenging) on a b subunit increases the rate for 
production of indole at the active site for indole 
3-glycerol-phosphate lyase on the a subunit to which 
it is connected 150-fold.125 It has been demonstrated 
crystallographically126 and by nuclear magnetic 
resonance spectroscopy of fluorinated analogues of 
substrates for indole-3-glycerol-phosphate lyase127 
that formation of the pyridoxime of 2-aminoacrylate 
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promotes a quaternary conformational change of 
the heterooligomer, closing both the active site for 
tryptophan synthase (indole-scavenging) and the 
active site for indole-3-glycerol-phosphate lyase 
around their respective reactants, which leads to an 
increase in overall enzymatic activity. Another way 
the coordination is accomplished is that association 
of substrates and analogues of substrates with an 
active site for indole-3-glycerol-phosphate lyase on 
an a subunit increases the affinity for ¬-serine for 
the active site for tryptophan synthase (indole-
scavenging) on the b subunit to which it is connected 
and shifts the equilibria among the intermediates 
at this active site in favor of the pyridoximine of 
2-aminoacrylate.128-130 The quaternary conforma-
tional change that accomplishes this heterotropic 
allosteric effect has also been described crystallo-
graphically.131  
 One of the more surprising crystallographic 
observations is that the same allosteric site can 
associate in turn with both a heterotropic allosteric 
activator and a heterotropic allosteric inhibitor of 
the enzyme. In such instances, both heterotropic 
allosteric inhibition and heterotropic allosteric activa-
tion originate from the same site. For example, in 
the case of aspartate carbamoyltransferase, the same 
site on a regulatory b subunit associates at the same 
location with a complex of one CTP4-, one UTP4-, 
and one Mg2+ (CTP·Mg·UTP6-), which leads to hetero-
tropic allosteric inhibition, and with a complex of 
two ATP4- and one Mg2+(ATP·Mg·ATP6-), which leads 
to heterotropic allosteric activation (Figure 6-3). In 
both instances, the Mg(ribosyl 5A-triphosphate)2

6– 
portion of the respective complex occupies exactly 
the same location in the allosteric site while the bases 
occupy slightly different locations that nevertheless 
overlap.9 In chorismate mutase from S. cerevisiae, 
the heterotropic allosteric inhibitor ¬-tyrosine and 
the heterotropic allosteric activator ¬-tryptophan 
associate with the same allosteric site. Their carboxy 
groups, their amino groups, and their a and b carbons 
occupy identical locations, but the locations occu-
pied by the 4-hydroxyphenyl group and the indolyl 
group, respectively, only partially overlap (Figure 
6-21).132,133 
 A heterotropic allosteric inhibitor and a hetero-
tropic allosteric activator can occupy the same allo-
steric site even when the inhibitor and activator are 
much less similar to each other. For example, the 
allosteric site in glycogen phosphorylase (previously 
Equation 5-122) 

   
                  (6-66) 

from O. cuniculus binds both AMP2-, a heterotropic 
allosteric activator of the enzyme, and ∂-glucose 
6-phosphate, a heterotropic allosteric inhibitor. Phos-
pho groups of the effectors occupy the same location 
in the site, so their association is mutually exclusive, 
but the glucosyl and adenosyl groups occupy different 
locations in the respective complexes.110 In the case 
of 6-phosphofructokinase from G. stearothermophilus 
(see Figure 6-9),28,86 the heterotropic allosteric inhibi-
tor phosphoenolpyruvate associates with the same 
site as the heterotropic allosteric activator MgADP-. 
The phospho group of phosphoenolpyruvate occupies 
the same location as the b-phospho group of MgADP-, 
and the carboxylato group of phosphoenolpyruvate, 
occupies the same location as the a-phospho group 
of MgADP-. 
 In ribonucleoside-diphosphate reductase, dATP4–, 
ATP4-, dGTP4-, and dTTP4-, as heterotropic allosteric 
inhibitors and heterotropic allosteric activators, 
bind to two distinct allosteric sites on the protein.134 
Depending upon what nucleotides are in which sites, 
the catalytic constant for the enzyme is increased 
or decreased and the relative values of the specificity 
constants for the reactants, ADP3-, GDP3-, UDP3-, 
and CDP3- are determined.135 In this way, the con-
centrations in the cytoplasm of the four deoxyribo-
nucleotides, which are the precursors of DNA, are 
balanced. 
 
 So far, the only explanation of heterotropic 
allosteric effects that can reproduce the observed 
behavior and explain how association of an effector 
at a distant site is able to affect catalysis at the active 
site is that there are two or more conformations of 
the enzyme, each of which has different steady-
state rate constants for the enzymatic reaction and 
each of which has different dissociation constants 
for heterotropic allosteric effectors. The fact that 
each heterotropic allosteric effector for a particular 
enzyme can shift the equilibrium between the two 
or more conformations by thermodynamic linkage 
is the reason that the steady-state kinetics of the 
enzyme change in the presence of that effector. 
  

Æ
Æ[(1   4)-   -∂-glucosyl]n  +  HOPO3

2–  1  
                      [(1   4)-   -∂-glucosyl]n –1  +
                                                -∂-glucose 1-phosphate
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Figure 6-21: Stereodrawings485 of crystallographic molecular 
models of the allosteric site on chorismate mutase from 
S. cerevisiae that associates with both the heterotropic allosteric 
inhibitor ¬-tyrosine and the heterotropic allosteric activator 
¬-tryptophan.132,133 Black atoms are carbons, white atoms are 
oxygens, and gray atoms are nitrogens. The portion of the 
molecular model with ¬-tryptophan bound in the site is desig-
nated by white bonds, and the portion of the molecular model 
of the enzyme with ¬-tyrosine bound in the site is designated 
by black bonds. The two sites in each dimer of the enzyme 
both lie in the interface between its two subunits, and they are 
related to each other by a twofold rotational axis of symmetry 
running through the interface. Amino acids from Asparagine 139 
to Arginine 146 comprise the portion of the lower subunit in 
the drawing and are labeled with the letter A. Amino acids from 
Leucine 64 to Proline 80 comprise the portion of the upper 
subunit in the drawing and are labeled with the letter B. Because 
the heterotropic allosteric activator ¬-tryptophan associates 
preferentially with the R conformation and the heterotropic 

allosteric inhibitor ¬-tyrosine associates preferentially with the 
T conformation, the enzyme crystallized in the R conformation 
when ¬-tryptophan was present in the solution but in the 
T conformation when ¬-tyrosine was present in the solution. 
The two different crystallographic molecular models, those of 
the R and T conformations, were aligned by superposing the 
a helices formed by Asparagine 139A to Arginine 146A from the 
two models. When these a helices are superposed, it can be seen 
that the upper subunit, both its a helix and the loop following 
the a helix, shifts back and to the left when the conformation 
changes from the R to the T conformation. Only hydrogen 
bonds that lie within the a helices are drawn in order to high-
light those a helices. The many hydrogen bonds cementing the 
a-amino group and the carboxy group of each bound amino 
acid in the site are also drawn. It can be seen that the same 
amino acids supply those hydrogen bonds in each conforma-
tion, with the exception of the intercession of a molecule of 
water between the side chain of Arginine 75B and the carboxy 
group of ¬-tryptophan in the R conformation. 
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 Each of the two or more distinct conformations 
of an enzyme, the equilibrium among which is being 
controlled by the differences in dissociation constants 
for association of a heterotropic allosteric effector, 
usually is a rotationally symmetric quaternary con-
formation. The control exerted by a heterotropic 
allosteric effector arises from its association in turn 
with as many identical heterotropic allosteric sites 
as there are asymmetric units in the symmetric homo-
oligomer of a particular quaternary conformation. 
Both the control of conformational changes by the 
thermodynamic linkage between the conformational 
equilibrium and association of heterotropic allosteric 
effectors and the multimolecularity of the various 
associations of both effectors and reactants for the 
enzyme often cause the binding of several molecules 
of effector or reactant to be cooperative and display 
sigmoid behavior. This cooperativity, however, that 
usually accompanies heterotropic allosteric inhibition 
and activation complicates the explanation of the 
observed heterotropic allosteric effects in isolation. 
 For the moment, it will be assumed that there 
are only two conformations of the enzyme controlled 
by heterotropic allosteric effectors. Historically, the 
conformation from which a heterotropic allosteric 
inhibitor has the smaller dissociation constant has 
been designated T and the conformation from which 
a heterotropic allosteric activator has the smaller 
dissociation constant has been designated R.133 
These designations, perhaps by design and often in 
the absence of any experimental validation, conflate 
the symmetric quaternary conformational changes 
responsible for cooperativity in the behavior of 
association of substrates and cooperativity of the 
initial rate of the enzymatic reaction as a function 
of the concentration of a reactant with the two confor-
mations responsible for heterotropic allosteric effects. 
There is, however, no necessary connection between 
heterotropic allosteric effects and cooperative effects. 
To avoid this conflation, for the moment, even 
though it may seem strange to those used to it, the 
inhibited conformation from which a heterotropic 
allosteric inhibitor has the smaller dissociation 
constant will designated the H conformation, the 
inHibited conformation, and the activated conforma-
tion from which a heterotropic allosteric activator has 
the smaller dissociation constant will be designated 
the V conformation, the actiVated conformation. 
 The fact that, in many cases, a heterotropic allo-
steric inhibitor and a heterotropic allosteric activator 
associate with the same site is inconsequential to 
their ultimate effects on the equilibrium between the 
H and V conformations. The consequential facts 

are that the inhibitor has a higher affinity for that 
site when the enzyme is in the H conformation 
than when it is in the V conformation and that the 
activator has a higher affinity for that site when the 
enzyme is in the V conformation than when it is in 
the H conformation. All that is necessary is for the 
activator and inhibitor to be different enough from 
each other that the affinity of the site for activator 
increases and the affinity of the site for inhibitor 
decreases when the H changes to the V conformation. 
The structure of the allosteric site in chorismate 
mutase from S. cerevisiae in the H conformation when 
the heterotropic allosteric inhibitor ¬-tyrosine is 
associated with it and the structure of the same site 
in the V conformation when the heterotropic allo-
steric activator ¬-tryptophan is associated with it 
(Figure 6-21) comprise an example of this principle. 
The conformational change in the structure of the 
allosteric site when the H becomes the V conforma-
tion is able to increase significantly the dissociation 
constant of ¬-tyrosine, the heterotropic allosteric 
inhibitor, and decrease significantly the dissociation 
constant of ¬-tryptophan, the heterotropic allosteric 
activator, and vice versa. In this instance, the only 
ligands associated with the conformations in the 
respective crystals were ¬-tyrosine and ¬-tryptophan, 
so the situation is not complicated by the presence 
of any substrates for the enzyme. 
 One explanation is that heterotropic allosteric 
inhibition is based on the ability of a heterotropic 
allosteric inhibitor to shift the equilibrium from a V to 
an H conformation and that heterotropic allosteric 
activation is based on the ability of a heterotropic 
allosteric activator to shift the equilibrium from an 
H to a V conformation. If this explanation is to apply 
to the general case of heterotropic allosteric inhibi-
tion and activation,136 then it must be assumed that 
the V conformation of the enzyme has either a larger 
specificity constant for the reactant affected by the 
allosteric modulation, or a larger catalytic constant 
relative to the H conformation, or both properties. 
If a heterotropic allosteric inhibitor has a smaller 
dissociation constant for the H than the V conform-
ation, its association with the enzyme will shift the 
equilibrium in favor of the H conformation and 
either decrease the catalytic constant, decrease the 
specificity constant, or have both effects. For example, 
both effects are observed when MgCTP2- and MgUTP2– 
are present and aspartate carbamoyltransferase is 
catalyzing its reaction (Figure 6-3). If a heterotropic 
allosteric activator has a smaller dissociation constant 
for the V than for the H conformation, its associa-
tion with the enzyme should shift the equilibrium 
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in favor of the V conformation and increase the 
catalytic constant, increase the specificity constant, 
or have both effects. For example, both effects are 
observed when MgATP2- and MgGTP2- are present 
and aspartate carbamoyltransferase is catalyzing its 
reaction. In this way, by controlling the equilibria 
between the two conformations of the enzyme, 
heterotropic allosteric effectors are able to control 
enzymatic reactions. 
 There are situations in which the V conformation 
has a larger catalytic constant for reactant than the 
H conformation, a larger specificity constant for reac-
tant than the H conformation, or both properties. 
In such situations, when a heterotropic allosteric 
activator is present in solution, the initial rate of 
the enzymatic reaction at all concentrations of the 
varied reactant below saturation is usually greater 
than or equal to the initial rate in the absence of the 
activator. In such situations, when a heterotropic 
allosteric inhibitor is present in solution, the initial 
rate of the enzymatic reaction at concentrations of the 
varied reactant below saturation is usually less than 
or equal to the initial rate in the absence of inhibitor. 
In other words, the curves for the initial rate as a 
function of the concentration of reactant in the 
presence of a heterotropic allosteric activator, in 
the absence of activators and inhibitors, and in the 
presence of a heterotropic allosteric inhibitor do 
not cross each other, as is the case in Figure 6-3. 
 There is no reason, however, other than perhaps 
the effects of natural selection, that the catalytic 
constant of the H conformation cannot be larger 
than that of the V conformation while the specificity 
constant for reactant is smaller for the H conforma-
tion. Similarly, there is no reason that the specificity 
constant for reactant of the H conformation cannot 
be larger than that of the V conformation while the 
catalytic constant is smaller for the H conformation. 
In such an instance, at a particular set of concen-
trations of reactants—usually those in the normal 
cytoplasmic ranges—a heterotropic allosteric activator 
can still activate the enzymatic reaction and a hetero-
tropic allosteric inhibitor can still inhibit the enzymatic 
reaction. Suppose that a heterotropic allosteric ef-
fector has a higher affinity for the H conformation 
than the V conformation. Suppose also that the 
catalytic constant is larger and the specificity con-
stant is smaller for the H conformation than those 
for the V conformation. In the presence of a high 
enough concentration of heterotropic allosteric ef-
fector, the limiting rate of the enzymatic reaction 
will be greater in the presence of the effector than 
in its absence while the specificity constant will be 

smaller in its presence than in its absence. The 
curve for the initial rate for the enzymatic reaction 
in the presence of effector will cross that for the ini-
tial rate in its absence. At low concentrations of 
heterotropic allosteric effector, it will be an inhibi-
tor; and at high concentrations, it will be an activa-
tor. 
 It is possible that behavior resulting from this 
rarely observed possibility applies when a combi-
nation of ¬-phenylalanine and ¬-tyrosine act as 
heterotropic allosteric inhibitors of 3-deoxy-7-phos-
phoheptulonate synthase137 from Mycobacterium 
tuberculosis when the reactant, ∂-erythrose 4-phos-
phate, is varied (Figure 6-26B).* In this instance, the 
curves do cross. Even in this case, however, the dif-
ference in maximal rates is small and perhaps not 
statistically significant. In the case of 6-phosphofructo-
kinase (Equation 6-28) from E. coli, the heterotropic 
allosteric effector MgADP- increases the specificity 
constant and decreases the concentration at which 
the initial rate of the enzymatic reaction as a function 
of the concentration of ∂-fructose 6-phosphate is 
half its limiting rate, but MgADP- also decreases the 
limiting rate of the reaction itself as its concentration 
is increased. Consequently, MgADP- is both an acti-
vator and an inhibitor at the same time, and the 
curves cross. It could be shown, however, that 
MgADP- acts at the active site as a competitive 
inhibitor of the other reactant MgATP2-. When 
MgGDP- is used as a heterotropic allosteric activator 
rather than MgADP-, the limiting rate of the reaction 
does not decrease as the concentration of MgGDP– 
is increased, and the curves do not cross.19 In almost 
all cases, the curve of the initial rate of an enzymatic 
reaction in the presence of a heterotropic alloster-
ic inhibitor does not cross the curve of the initial 
rate in the presence of a heterotropic allosteric 
activator, and neither curve crosses the curve for the 
initial rate in the absence of inhibitors or activators. 
 Rather than controlling the rate of its catalytic 
reaction, a heterotropic allosteric conformational 
change can change the reaction itself. For example, 
[glutamate—ammonia-ligase] adenylyltransferase 
from E. coli is responsible for both adenylation and 
deadenylation of glutamate–ammonia ligase (previ-
ously Equation 3-405) 

  
                  (6-67) 

                                                
*This figure is on page 1734. 
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from E. coli. The active site of [glutamate—ammonia-
ligase] adenylyltransferase uses MgATP2- as a reactant 
to adenylate glutamate–ammonia ligase at Tyro-
sine 397 in a covalent modification that alters its 
enzymatic activity.138 [Glutamate—ammonia-ligase] 
adenylyltransferase can exist in six different confor-
mations, two of which are inactive, three of which 
catalyze adenylation, and one of which catalyzes 
deadenylation of glutamate—ammonia ligase. 
¬-Glutamine, acting as a heterotropic allosteric effector 
of the adenylyltransferase, shifts the equilibrium 
among the conformations of adenylyltransferase 
in favor of the three conformations that catalyze 
adenylation. As a result, ¬-glutamine is a hetero-
tropic allosteric effector of adenylyltransferase that 
converts it from an enzyme that deadenylates the 
ligase to one that adenylates the ligase.139 The latter 
reaction is the transfer of an adenylyl group from 
diphosphate to the 4-hydroxy group of a tyrosine in 
the ligase, and the former reaction is hydrolysis of 
that adenylated tyrosine. Both are nucleophilic 
substitutions at phosphorus, but the leaving group 
in the adenylation and the nucleophile in the 
deadenylation are quite different. 
 
 The result of a shift in the equilibrium between 
the conformations of an enzyme accomplished by 
associations of heterotropic allosteric effectors at 
its heterotropic allosteric sites is manifested in the 
steady-state kinetics. Because an enzyme operates 
within its organism at steady state, these manifes-
tations observed in the experimental steady-state 
kinetics define the abilities of heterotropic allosteric 
inhibitors and activators to control the enzymatic 
activity in the native environment of the enzyme. 
 As is the case with all kinetic discussions, a dis-
tinction must be made between observations and 
explanations for the observed behavior. Heterotropic 
allosteric inhibitors display properties reminiscent 
of classical enzymatic inhibitors. In a few instances, 
noncompetitive heterotropic allosteric inhibition 
is observed. For example, heterotropic allosteric 
inhibition36 of fructose-bisphosphatase (Equation 
6-62) from R. norvegicus at its active sites by AMP2– 
associating with its allosteric sites is noncompetitive 
with respect to the reactant ∂-fructose 1,6-bisphos-
phate (Figure 6-19). This noncompetitive heterotropic 
allosteric inhibition is distinguished, as is classical 
nonallosteric noncompetitive inhibition (previously 
Equation 3-178) 

         
                   (6-68) 

by the fact that the Michaelis constant is unaffected 
by the inhibitor as the limiting rate of the enzymatic 
reaction is decreased. 
 A far more common observation, however, is 
competitive heterotropic allosteric inhibition. For 
example, heterotropic allosteric inhibition102,103 of 
anthranilate synthase (Equation 6-61) from S. typhi-
murium by ¬-tryptophan is competitive with respect 
to the reactant chorismate (Figure 6-18). As with 
classical nonallosteric competitive inhibition (previ-
ously Equation 3-170) 

         (6-69) 

competitive heterotropic allosteric inhibition is distin-
guished by two facts. First, the limiting rate of the 
enzymatic reaction, at least within the range of 
concentrations of inhibitor that are chosen, is invari-
ant. Second, the concentration of reactant at which 
half the limiting rate is attained increases and the 
specificity constant for reactant decreases. 
 Finally, there are instances of mixed heterotropic 
allosteric inhibition in which both the limiting rate 
decreases and the concentration of reactant at 
which half the limiting rate is attained increases as 
in the case of the inhibition of aspartate carbamoyl-
transferase by MgCTP2- and MgUTP2- (Figure 6-3). 
 One feature of heterotropic allosteric inhibition 
that distinguishes it from classical inhibition is that 
there are often certain limits beyond which the 
inhibition fails to conform to classical expectations. 
For example, heterotropic allosteric inhibition140 of 
4-hydroxy-tetrahydrodipicolinate synthase 

                  (6-70) 

from Campylobacter jejuni by ¬-lysine is competitive 
with respect to the reactant ¬-aspartate-4-semi-
aldehyde at concentrations less than 0.06 mM, but  
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Figure 6-22: Heterotropic allosteric inhibition of 4-hydroxy-
tetrahydrodipicolinate synthase from C. jejuni by ¬-lysine.141 
Solutions contained 0.35 mM pyruvate, 0.16 mM NADH, 0.25 mM 
active sites for 4-hydroxy-tetrahydrodipicolinate reductase, 
various concentrations of ¬-aspartate-4-semialdehyde, various 
concentrations of ¬-lysine, and 0.1 M 2-[4-(2-hydroxyethyl)-
piperazin-1-yl]ethanesulfonic acid at pH 8.0 and 25 ªC. The 
reaction was initiated by adding active sites for 4-hydroxy-
tetrahydrodipicolinate synthase to a final concentration of 11 nM, 
and the rate of production of (2S,4S)-4-hydroxy-2,3,4,5-tetra-
hydrodipicolinate was followed by coupling it to the consumption 
of NADH (lmax = 339 nm) during reduction of (2S,4S)-4-hydroxy-
2,3,4,5-tetrahydrodipicolinate by 4-hydroxy-tetrahydrodipico-
linate reductase. The observed initial rates were converted to 
units of second-1. The reciprocal of each initial rate (v0-1 in 
seconds) is plotted as a function of the respective reciprocal of 
the initial concentration of ¬-aspartate-4-semialdehyde (milli-
molar-1) at 10 fixed concentrations of ¬-lysine: in ascending 
order of the curves, 0, 40, 50, 60, 70, 80, 100, 200, 500, and 
1000 mM. The line and the curves are drawn by hand through 
the data.  
 
 
the inhibition is no longer competitive at higher 
concentrations (Figure 6-22).141 In heterotropic 
allosteric inhibition of amino-acid N-acetyltransferase 
from Neisseria gonorrhoeae by ¬-arginine, the in-
hibitor displays mixed inhibition with respect to 
¬-glutamate. ¬-Arginine decreases the limiting rate 
of the enzymatic reaction and increases the concen-
tration of ¬-glutamate at which the initial rate of 
the enzymatic reaction is half the limiting rate 
(Figure 6-23A).142 In this instance, however, at 
saturating concentrations of the two reactants, 
¬-glutamate and acetyl-SCoA, increasing the con-
centration of the heterotropic allosteric inhibitor 
¬-arginine decreases the rate of the enzymatic reac-
tion until a plateau is reached at which the enzyme 
retains 14% of the activity it has in the absence of 
¬-arginine (Figure 6-23B). 

 
 
Figure 6-23: Heterotropic allosteric inhibition of amino-acid 
N-acetyltransferase from N. gonorrhoeae by ¬-arginine.142 
The reaction was carried out in 100 mL of 100 mM NaCl, 
4 mM acetyl-SCoA, various concentrations of ¬-glutamate, 
various concentrations of ¬-arginine, and 50 mM 2-ammonio-
2-hydroxymethylpropane-1,3-diol chloride at pH 8.5 and 30 ªC. 
The reaction was initiated by adding 4 nmol of active sites, and 
the mixtures were quenched after 1 or 5 min with 100 mL of 
30% trichloroacetic acid. The product, N-acetyl ¬-glutamate, 
was quantified by using liquid chromatography and mass 
spectrometry. The observed initial rates were converted to units 
of second-1 by dividing by the molar mass of protein for each 
mole of active sites. (A) Each initial rate (v0 [E]t-1 in second-1) 
is plotted as a function of the respective initial concentration 
of ¬-glutamate (millimolar) in the presence of (Í) 0.1 mM or 
(3) 1.0 mM ¬-arginine. (B) Each initial rate (v0 [E]t-1 in second-1) 
at 15 mM ¬-glutamate is plotted as a function of the respective 
concentration of ¬-arginine (millimolar-1). The curves are drawn 
by hand through the data.  
 
  
 A heterotropic allosteric activator almost always 
decreases the concentration of reactant A required to 
produce an enzymatic rate that is half the limiting 
rate and increases the specificity constant for reactant. 
This is the behavior observed for the activation of 
aspartate carbamoyltransferase in the presence of 
the heterotropic allosteric activators MgATP2- and 
MgGTP2- (Figure 6-3) and for the activation of 
dCMP deaminase 

     
                   (6-71) 
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Figure 6-24: Heterotropic allosteric activation of dCMP deaminase 
from E. asinus by MgdCTP2-.143 The reaction was carried out in 
5 mM 2-sulfanylethanol, 1 mM MgCl2, various concentrations of 
5-methyldeoxycytidine monophosphate, and 50 mM imidazolium 
chloride at pH 7.5 and 38 ªC. The reaction was initiated by adding 
dCMP deaminase. The rate of decrease in the concentration of 
5-methyldeoxycytidine monophosphate was followed by moni-
toring its absorbance at 295 nm. Each observed initial rate 
(micromolar minute-1) is plotted as a function of the respective 
initial concentration of 5-methyldeoxycytidine monophosphate 
([5-methyl-dCMP]0 in millimolar) in the absence of heterotropic 
allosteric activator (2) and in the presence of 0.3 mM MgdCTP2- (3). 
 
 
 
 
 
from Equus asinus in the presence of the hetero-
tropic allosteric activator MgCTP2- (Figure 6-24).143 
Were these enzymatic reactions noncooperative in 
initial rate as a function of the concentration of 
reactant, this effect would be described as a decrease 
in the Michaelis constant. In the case of an enzymatic 
reaction that shows sigmoid behavior, however, 
there is no longer a Michaelis constant because, by 
definition, a Michaelis constant is only a parameter 
of a rectangular hyperbola defining noncooperative 
kinetics. 
 The decrease in the concentration of reactant 
required to produce an enzymatic rate that is half 
the limiting rate can be far more dramatic that 
those observed with dCMP deaminase and aspar-
tate carbamoyltransferase. For example, ∂-fructose 
1,6-bisphosphate, a heterotropic allosteric activator 
of ¬-lactate dehydrogenase from Thermus caldophilus, 
decreases the concentration of pyruvate required 
to produce half the limiting rate144 by a factor of 
1000 ± 200. 

 
 
 
Figure 6-25: Heterotropic allosteric activation of 6-phospho-
fructokinase from E. coli by MgGDP-.19 The reaction was carried 
out in 0.1 mM MgATP2-, 0.9 mM MgCl2, various concentrations 
of ∂-fructose 6-phosphate, various concentrations of MgGDP-, 
0.2 mM NADH, 120 mg mL-1 fructose-bisphosphate aldolase, 
30 mg mL-1 triose-phosphate isomerase, 30 mg mL-1 glycerol-
3-phosphate dehydrogenase (NAD+), 1 M creatine phosphate, 
10 mg mL-1 creatine kinase, and 35 mM 2-ammonio-2-hydroxy-
methylpropane-1,3-diol chloride at pH 8.5 and 28 ªC. The reac-
tion was initiated by adding 6-phosphofructokinase. The rate 
of production of ∂-fructose 1,6-bisphosphate was followed by 
coupling it to oxidation of NADH (lmax = 339 nm) by glycerol-
3-phosphate dehydrogenase (NAD+) and the glycerone phosphate 
produced from ∂-fructose 1,6-bisphosphate by fructose-bisphos-
phate aldolase and triose-phosphate isomerase. Creatine kinase 
and phosphocreatine were present to regenerate MgATP2– from 
the MgADP- produced during the reaction so that the initial 
rates remained linear. Each observed initial rate (micromolar 
minute-1) is plotted as a function of the respective concentration 
of MgGDP- (millimolar) at concentrations of ∂-fructose 6-phos-
phate of 0.22 mM (ˆ), 0.44 mM (Í), 0.7 mM (2), and 1 mM (3).  
 
 
 
  A heterotropic allosteric activator can either 
have no effect on the limiting rate (Figure 6-24) or 
increase the limiting rate (Figure 6-3). If, however, 
a heterotropic allosteric activator does increase the 
limiting rate of the reaction, there will usually be a 
concentration of reactant above which the activator, 
when present at a saturating concentration, will no 
longer increase the limiting rate. For example, when 
6-phosphofructokinase (Equation 6-28) from E. coli 
is catalyzing its reaction at pH 8.5 and at concen-
trations of ∂-fructose 6-phosphate of 0.22 mM and 
greater, addition of increasing concentrations of the 
heterotropic allosteric activator MgGDP- increases 
the steady-state rate to the same level regardless of 
the concentration of ∂-fructose-6-phosphate (Fig-
ure 6-25).19 
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 To avoid the complication of sigmoid behavior 
while still providing an explanation of heterotropic 
allosteric inhibition and activation, at least quali-
tatively, it is useful to derive a kinetic equation for 
an allosteric monomer. Allosteric enzymes are not 
homooligomers because they are allosteric but be-
cause almost all molecules of protein, allosteric or 
not, are homooligomers. In fact, it is not necessary 
for an enzyme to be a homooligomer to display 
allosteric behavior. For example, the enzymatic 
activity of ribonucleoside-triphosphate reductase 
(previously Equation 5-139) 

        
                  (6-72) 

from Lactobacillus leichmannii is allosterically145 
activated by deoxyribonucleoside triphosphates,146-148 
even though the enzyme is a monomer of only one 
folded polypeptide.145,149 When glycogen phosphory-
lase b (Equation 6-66), which is allosterically activated 
by AMP2-, is treated with sodium borohydride and 
then transferred to 7% formamide, it dissociates into 
monomers. Although the cooperativity of the effect 
of the concentration of AMP2- on enzymatic activity 
is lost, AMP2- remains a heterotropic allosteric 
activator of the enzyme.150 
 If an enzyme were monomeric, were allosterically 
inhibited or allosterically activated, and association 
of its reactant and association of a heterotropic 
allosteric inhibitor or activator were both to reach 
equilibrium rapidly before the subsequent catalytic 
steps commence, then the linkage cube 

   
                  (6-73) 

would explain its behavior. The two conformations 
of the enzyme are designated as the V and H con-
formations because KdA < KAdA, or k2 > kA2, or both 
inequalities hold. In this kinetic mechanism the 
arrows indicate the direction of each equilibrium. 
Ligand A is the reactant being varied in the meas-
urement, usually while all the other reactants are 
maintained at saturating concentrations; and ligand F 
is a heterotropic allosteric effector, either an inhibitor 
or an activator. The allosteric constants L0, LA, LF, 
and LA,F are equilibrium constants for the respective 
equilibria between the V and H conformations 
when the enzyme is unoccupied, fully occupied by 
reactant A, fully occupied by heterotropic allosteric 
effector F, and fully occupied by both A and F, respec-
tively. The latter three are conditional allosteric 
constants for enzyme occupied by ligands. For the sake 
of simplicity, dissociation constants for reactant A, 
KdA and K¢dA, and effector F, KdF and K¢dF, from the 
same conformation, H or V, are assumed to be in-
dependent of the occupancy of the other site 

           (6-74) 

           (6-75) 

           (6-76) 

           (6-77) 

 

O

O

X

H

H

H H

O
P
O–

OR
O

H

H
O

O

X

H

H

H O

O
P
O–

OR
O

H
H

H 12 e 

– +  2 H 

+ + +  H2O

F  +  V  +  A                   F  +  V·A

F  +  H  +  A                   F  +  H·A

F·V  +  A                             F·V·A

L 0                             L A

K dA

K ¢dA

F·H  +  A                           F·H·A

K dF

K ¢dF

K dF

K ¢dF

K dA

K ¢dA

k 2

k ¢2

k 2

k ¢2

(              )K dAK dF   
K ¢dAK ¢dF

L F                                           L A,F  =  L 0

K dA  =                =   [V][A]
[V·A]

[F·V][A]
[F·V·A]

K ¢dA  =                 =   [H][A]
[H·A]

[F·H][A]
[F·H·A]

K dF  =                =   [F][V]
[F·V]

[F][V·A]
[F·V·A]

K ¢dF  =                 =   [F][H]
[F·H]

[F][H·A]
[F·H·A]



Heterotropic Allosteric Control 
 

1731 

These assumptions are reasonable because a hetero-
tropic allosteric effector associates at a site separated 
from the active site and because only the conforma-
tional change between the V and H conformations 
alters the affinity of each site for its ligands and 
communicates the fact that the other site is occupied 
by its ligand. By linkage 

             (6-78) 

              (6-79) 

             (6-80) 

              (6-81) 

 The steady-state rate equation derived from 
this kinetic mechanism has the usual rectangularly 
hyperbolic form 

       
                  (6-82) 

where 

                  (6-83) 

 
                  (6-84) 

and 

                  (6-85) 

 
 

At any fixed concentration of heterotropic allosteric 
effector, the initial rate for the enzymatic reaction is a 
rectangularly hyperbolic function of the concentration 
of reactant A because the enzyme is monomeric. 
These equations are in qualitative agreement with 
the behavior of heterotropic allosteric effectors. 
 Given the definitions of the two conformations, 
it must follow that a heterotropic allosteric inhibitor 
shifts the equilibrium constant between the two 
conformations in the direction of the less enzymat-
ically active H conformation. Consequently, for 
that inhibitor, KAdF < KdF. By the same definitions, it 
must follow that a heterotropic allosteric activator 
shifts the equilibrium constant between the two 
conformations in the direction of the more enzymati-
cally active V conformation. Consequently, for that 
activator, KAdF > KdF.  
 As was the case with cooperativity, there are limits 
that apply to the ability of a heterotropic allosteric 
effector to affect the steady-state kinetics. If L0 < 1, so 
that the V conformation predominates in the absence 
of any ligands, and if KAdF < KdF, so that ligand F is 
a heterotropic allosteric inhibitor that shifts the 
equilibrium in favor of the H conformation, but 
L0 < KAdFKAdA (KdFKdA)-1 < 1, then the inhibitor will 
be unable to shift the equilibrium (Equation 6-73) 
sufficiently in favor of the H conformation. The 
enzyme will remain in the V conformation at all 
concentrations of inhibitor and reactant, and no 
inhibition will occur. Because the enzyme is always 
in the V conformation, it cannot be activated by a 
heterotropic allosteric activator either. If L0 > 1, so 
that the H conformation predominates in the absence 
of any ligands, and if KAdF > KdF, so that ligand F is a 
heterotropic allosteric activator that shifts the equi-
librium in favor of the V conformation, but 
L0 > KAdFKAdA (KdFKdA)-1 > 1, then the activator will 
be unable to shift the equilibrium (Equation 6-73) 
sufficiently in favor of the V conformation. The 
enzyme will remain in the H conformation at all 
concentrations of activator and reactant, and no 
activation will occur. Because the enzyme is always 
in the H conformation, it cannot be inhibited by a 
heterotropic allosteric inhibitor either. Such situa-
tions have no selective advantage. 
 To explain noncompetitive heterotropic allo-
steric inhibition, such as that displayed by the inhibi-
tion of fructose-bisphosphatase from R. norvegicus 
by AMP2- (Figure 6-19), L0 < 1, KdA = KAdA, KAdF < KdF, 
and kA2 < k2. With these designations, it can be 
seen (Equation 6-84) that KmA = KdA for all values of 
[A] and [F], and it can also be seen (Equation 6-83) 
that k0 decreases as [F] increases. Because KdA = KAdA, 
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reactant A cannot affect the equilibrium between 
the H and V conformations, and the dissociation 
constant of reactant from the enzyme is always the 
same regardless of the ratio between the two con-
formations established by a heterotropic allosteric 
inhibitor. The decrease in k0 as [F] increases, however, 
is significant only if 

             (6-86) 

Because KdA = KAdA, if L0 is less than KAdF (KdF)-1, then 
the ligand will be unable to shift the equilibrium 
sufficiently and the enzyme will remain in the 
V conformation. If L0 is greater than k2 (kA2)-1, then 
the amount of H conformation in the absence of F 
would be so great that its enzymatic activity would be 
greater than that of the smaller amount of V conforma-
tion present, and no significant decrease in enzymatic 
activity would be observed as the heterotropic allo-
steric inhibitor F was added. 
 Because, as one might expect, the dissociation 
constant for a reactant is rarely unaffected by the 
change from the V to the H conformation, noncom-
petitive heterotropic allosteric inhibition is rarely 
observed. Competitive heterotropic allosteric inhibi-
tion, such as that observed with anthranilate synthase 
(Figure 6-18), is more common. 
 There are two simple explanations for com-
petitive heterotropic allosteric inhibition. First, 
from the equation for the catalytic constant k0 
(Equation 6-83), it can be seen that if heterotropic 
allosteric inhibitor F cannot associate with the 
V conformation of the enzyme (KdF = •) and reac-
tant A cannot associate with the H conformation 
(KdAA = •), then heterotropic allosteric inhibition 
will be competitive at all finite concentrations of 
inhibitor F and k0 will be equal to k2 because reactant, 
when it is at saturation, will always be able to shift 
the equilibrium entirely to the V conformation 
because the concentration of inhibitor must always 
be finite. Second, if the catalytic constant for the 
V conformation, k2, is equal to the catalytic con-
stant for the H conformation, kA2, then heterotropic 
allosteric inhibition will be competitive because 
k0 = k2 = kA2 at all concentrations of heterotropic 
allosteric inhibitor (Equation 6-83). The behavior 
of the initial rate of the enzymatic reaction in each 
situation mimics classical competitive inhibition, 
so neither of these simplifications can explain the 
unique properties of allosteric competitive inhibition, 
and neither seems likely anyway. 

 It has already been demonstrated that compet-
itive heterotropic allosteric inhibition has several 
unique properties that distinguish it from classical 
competitive inhibition. If the preceding simple 
conditions do not hold and the kinetic mechanism 
of Equation 6-73 is the proper explanation, then 
competitive heterotropic allosteric inhibition can 
still occur, and the peculiarities that distinguish it from 
classical competitive inhibition can be explained. 
 In classical competitive inhibition, no matter 
how high the concentration of inhibitor, increasing 
the concentration of reactant can always completely 
overcome the inhibition. The simplest way to under-
stand this fact is to suppose that two ligands, A and B, 
occupy the same site (ST) on a protein and sterically 
exclude each other 

    
                  (6-87) 

The concentration of the complex between the site 
and ligand A 

       
                  (6-88) 

The equation states that no matter what the concen-
tration is for ligand B—for example, when B is an 
inhibitor of the enzymatic activity—if the concen-
tration of ligand A—for example, when A is a reactant 
for the enzyme—is made large enough, the site will 
be completely occupied by ligand A. In classical 
competitive inhibition, at saturating concentrations 
of reactant, the active sites are fully occupied by 
molecules of reactant sterically excluding molecules 
of inhibitor, and thereby the enzyme achieves the 
same limiting rate as is achieved in the absence of 
inhibitor. The defining property of classical competi-
tive inhibition is the fact that the same limiting rate 
is reached at saturating concentrations of reactant 
regardless of the concentration of inhibitor. 
 Another signature of classical competitive inhi-
bition with respect to reactant A is that when the 
concentration of inhibitor is increased, the Michaelis 
constant for reactant A, KmA, increases. The specificity 
constant for reactant decreases by the same factor 
because the catalytic constant k0 does not change 
(Equation 6-69). If the observed Michaelis constant 
for the hypothetical heterotropic allosteric monomer 
is to increase as the concentration of a competitive 
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heterotropic allosteric inhibitor F increases, then 
the derivative of Equation 6-84 with respect to the 
concentration of inhibitor must be greater than 0. 
By taking the derivative, it can be determined that 
if that derivative is to be greater than 0* 

          (6-89) 

If it is stipulated, by definition, that the dissociation 
constant for a heterotropic allosteric inhibitor is 
smaller for the H conformation than it is for the 
V conformation (KAdF < KdF), then the Michaelis 
constant for reactant A will increase upon addition 
of a competitive heterotropic allosteric inhibitor F 
only when KdA < KAdA. For the increase in KmA to be 
significant, however, L0KdA < KAdA. If L0KdA were 
greater than KAdA, the enzyme would always be almost 
entirely in the H conformation regardless of how 
much reactant A was present, even in the absence 
of a heterotropic allosteric inhibitor, because the 
difference in dissociation constants for reactant A 
from the two conformations would not be great 
enough to shift the equilibrium significantly from 
the H to the V conformation. Consequently, even if 
KAdF < KdF, no inhibition of the reaction would be 
observed and this discussion would not be occurring. 
 If the following two limits on the expression for 
the catalytic constant k0 for heterotropic allosteric 
inhibition (Equation 6-83) are taken 

            (6-90) 

        
                  (6-91) 

it can be seen that if KAdF < KdF, KdA < KAdA, k¢2 < k2, and 
L0KdAKdF > K¢dAK¢dF, then the catalytic constant k0 
will decrease as [F] approaches saturation, regardless 
of the concentration of reactant. It can also be seen, 
however, that if Equation 6-83 is factored into terms 
 

                                                
*This inequality illustrates the fact that the kinetic mechanism 
of Equation 6-73 and the steady-state kinetic mechanism 
derived from it do not stipulate anything about the properties 
of the two conformations of the enzyme. It is only when the 
properties of the two conformations are defined in terms of 
their dissociation constants for one of their ligands that the 
inequality requires a particular inequality between the dissocia-
tion constants for another ligand.  

that depend on [F], then the catalytic constant is 
always invariant when 

           (6-92) 

This inequality states that in certain situations 
there is a concentration of heterotropic allosteric 
inhibitor below which it will appear to be competi-
tive, but that the inhibition observed will no longer 
be competitive but mixed when the concentration of 
inhibitor becomes greater than the concentration 
defined by the inequality. 
 In other words, unlike classical competitive inhi-
bition, competitive heterotropic allosteric inhibition 
can be conditional. Usually all concentrations of 
inhibitor chosen for the measurements, by chance, are 
greater than this limit so that the inhibition appears to 
be mixed (Figures 6-3 and 6-24) or all concentra-
tions chosen, by chance, are less than this limit so 
that the inhibition appears to be competitive (Fig-
ure 6-18). Occasionally, however, there are situations 
in which the range of concentrations chosen spans 
this limit, as is probably the case for heterotropic allo-
steric inhibition of 4-hydroxy-tetrahydrodipico-
linate synthase by ¬-lysine (Figure 6-22), and the 
inhibition can be both mixed and competitive in 
different ranges of concentration for a heterotropic 
allosteric inhibitor. 
 The various limits on the properties of hetero-
tropic allosteric inhibition of the steady-state kinetics 
of an enzymatic reaction, which are not observed 
with classical inhibition and which distinguish hetero-
tropic behavior from classical behavior, are more 
easily understood by examining the state of the allo-
steric enzyme when the active site is saturated with 
reactant and the allosteric site is saturated with a 
heterotropic allosteric inhibitor (Equation 6-73). 
At saturation with both heterotropic allosteric 
inhibitor and reactant, an allosteric enzyme attains 
a particular limiting rate that can either be that of 
the V conformation, that of the H conformation, or a 
value between these two limiting rates. Which of these 
three possiblities will pertain depends on the value 
of the allosteric equilibrium constant LA,F between 
the fully occupied V conformation and the fully 
occupied H conformation. 
 
 
 
 

(K ¢dF – K dF)(K dA –  K ¢dA) > 0

lim   k0   =
[F]  Æ 0 

k 2 K ¢dA   +  k ¢2 L 0 K dA 

K ¢dA   +  L 0 K dA

lim   k0   =
[F]  Æ ∞ 

k 2 K ¢dA K ¢dF   +  k ¢2 L 0 K dA K dF 

K ¢dA K ¢dF   +  L 0 K dA K dF 

[F]  <  K ¢dF
K ¢dA K dF   +  L 0 K dA K dF

K ¢dA K ¢dF  +  L 0 K dA K dF
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 Suppose that when the concentrations of both 
the heterotropic allosteric inhibitor and the reactant 
are at saturation, and both sites are fully occupied, 
the V conformation dominates (LA,F << 1). In this 
instance, inhibition by a heterotropic allosteric 
inhibitor will be competitive at all concentrations of 
inhibitor because at saturation with reactant, regard-
less of the concentration of inhibitor, the limiting 
rate will always be that of the V conformation, 
which accounts for all of the enzyme when it is fully 
occupied by reactant and inhibitor. 
 Suppose, however, that when the concentrations 
of both the heterotropic allosteric inhibitor and the 
reactant are at saturation, and both sites are fully 
occupied, the H conformation predominates either 
partially (LA,F > 1) or fully (LA,F >> 1). If the H conforma-
tion has a lower catalytic constant, then competitive 
inhibition can be observed at low concentrations of 
inhibitor if the saturation by the reactant shifts the 
equilibrium from the H conformation promoted by 
the inhibitor in the absence of reactant completely 
to the V conformation. These low concentrations of 
inhibitor are unable to shift the equilibrium away 
from the V conformation when reactant is at satu-
ration. At higher concentrations of the heterotropic 
allosteric inhibitor, however, the limiting rate must 
begin to decrease, as it does in the case of inhibition 
of 4-hydroxy-tetrahydrodipicolinate synthase by 
¬-lysine (Figure 6-22), because saturation by the 
reactant is no longer able to shift the equilibrium 
completely to the V conformation. At high enough 
concentrations of inhibitor to saturate its binding 
site, the catalytic constant will come closer to or 
equal that of the H conformation (kA2 in Equa-
tion 6-73) than that of the V conformation. How 
close depends on the value of LA,F. 
 The inhibition of amino-acid N-acetyltransfer-
ase by ¬-arginine (Figure 6-23B) is a clearer example 
of this behavior. At saturating concentrations of 
¬-arginine, the catalytic constant reaches a constant 
value, which is probably that of either the H confor-
mation itself (right lower front corner of Equation 
6-73) or the weighted average established by the 
equilibrium ratio of the V and H conformations when 
the concentration of ¬-arginine is sufficient to saturate 
the allosteric sites on the V conformation and the 
concentration of ¬-glutamate is sufficient to saturate 
the active sites on the H conformation (right lower 
front and right upper front corners in Equation 6-73). 
The inability of ¬-arginine to completely inhibit the 
reaction at any concentration is in contrast to the 
behavior of classical enzymatic inhibitors. 

 The inability of a reactant at all concentrations 
of inhibitor to reach the same limiting rate as its 
concentration is increased to infinity (Figure 6-22) 
and the inability of a heterotropic allosteric inhibitor 
at all concentrations of reactant to decrease the 
limiting rate of an enzymatic reaction to 0 as its 
concentration is increased to infinity (Figure 6-23B)—
both properties of classical competitive inhibition—
are consequences of the same property of hetero-
tropic allosteric inhibition: the fact that the equilib-
rium constant between the fully saturated V confor-
mation and the fully saturated H conformation, LA,F, 
alone determines the limiting rate. 
 If, however, the H conformation has the same 
catalytic constant as the V conformation and only dif-
fers by having a larger dissociation constant for 
reactant, which is one of the simple, but unlikely, 
explanations for competitive heterotropic allosteric 
inhibition, then even if the V conformation predomi-
nates at saturation with both heterotropic allosteric 
inhibitor and reactant, competitive inhibition will 
be observed (Figure 6-18). This explanation may 
describe the behavior of 6-phosphofructokinase 
from E. coli for which phosphoenolpyruvate is a 
competitive heterotropic allosteric inhibitor at 
concentrations even in the range of its dissociation 
constant for the V conformation.19,151 
 There are instances in which two heterotropic 
allosteric inhibitors reinforce their effects on a steady-
state rate of the reaction. In the case of aspartate 
carbamoyltransferase, the inhibition caused by 
MgUTP2- and MgCTP2- together (Figure 6-3) is 
more effective than that of either alone.9,94 In has 
already been noted that one CTP4-, one UTP4-, and 
one Mg2+ are accommodated by the site on each 
regulatory subunit of the enzyme, an unusual 
property that explains this behavior. The enzymatic 
activity of 3-deoxy-7-phosphoheptulonate synthase 
(see Equation 3-17) 

                  (6-93) 

from M. tuberculosis is inhibited allosterically152 by 
the aromatic amino acids, ¬-tryptophan, ¬-phenyl-
alanine, and ¬-tyrosine,137 which are products of the 
respective metabolic pathways that all begin with 
this enzymatic reaction. Each aromatic amino acid 
has its own site on the enzyme so that all three can  

∂-erythrose 4-phosphate  +  phosphoenol pyruvate

  +  H2O  1  HOPO3
2–  +

  3-deoxy-∂-arabino-hept-2-ulosonate 7-phosphate
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bind simultaneously.152 Combinations of these 
amino acids are more effective inhibitors than each 
is alone (Figure 6-26). Although the combination of 
¬-phenylalanine and ¬-tyrosine (Figure 6-26B) is no 
more effective than either alone (Figure 6-26A), the 
combinations of ¬-tryptophan and ¬-tyrosine and 
of ¬-tryptophan and ¬-phenylalanine are more effec-
tive than either alone, and the combination of all three 
is more effective than any combination of two.152 
An explanation for this behavior is that each inhibitor 
has a dissociation constant from the H conformation 
that is smaller than its dissociation constant from 
the V conformation. The consequence of these differ-
ences is that the equilibrium constant LF1,F2 between 
the V and H conformations in the absence of reactant 
but at saturation with two inhibitors, F1 and F2, is now 
L0KdF1KdF2 (KAdF1KAdF2)-1 instead of L0KdF (KAdF)-1 as 
it is for a single heterotropic allosteric inhibitor 
(Equation 6-79), and the equilibrium constant at 
saturation with reactant and both inhibitors is 
L0KdF1KdF2KdA (KAdF1KAdF2KAdA)-1 instead of L0KdfKdA 
(KdFAKdAA)-1. The differences in dissociation constants 
multiply together because the differences in standard 
free energy add together. 
 Heterotropic allosteric activators almost always 
decrease the concentration of reactant A required 
to produce an initial rate for an enzymatic reaction 
that is half the limiting rate, and they often increase 
the catalytic constant for the enzymatic reaction 
(Figure 6-3). Almost all heterotropic allosteric acti-
vation are complicated by sigmoid saturation curves 
resulting from the fact that each enzyme is a sym-
metric homooligomer that has several identical 
sites for binding reactants and several identical 
sites for binding heterotropic allosteric activators. 
Equations 6-82 to 6-85, however, based on the 
assumption that the enzyme is a monomer, can 
provide qualitative explanations of the increase in the 
concentration of reactant required to achieve half 
the limiting rate and any increase in the catalytic 
constant. Again, the fact that the enzyme is assumed 
to be a monomer eliminates the cooperativity that 
almost always accompanies the steady-state kinetics 
of an allosteric enzyme. Consequently, there is a 
Michaelis constant in this hypothetical case because 
the initial rate is always a rectangularly hyperbolic 
function of the concentration of reactant. 
 If the observed Michaelis constant is to decrease 
as the concentration of a heterotropic allosteric 
activator F increases, as is almost always observed, 
then the derivative of Equation 6-84 with respect to  
    

 
 
Figure 6-26: Additive heterotropic allosteric inhibition of 
3-deoxy-7-phosphoheptulonate synthase from M, tuberculosis 
by ¬-tryptophan, ¬-phenylalanine, and ¬-tyrosine.137 The reaction 
was carried out in 0.3 mM phosphoenolpyruvate, 0.1 mM MnSO4, 
3,3A,3≤-phosphanetriyltripropanoic acid, various concentrations 
of ∂-erythrose 4-phosphate, and 50 mM 2-[bis(2-hydroxyethyl)-
amino]-2-(hydroxymethyl)propane-1,3-diol chloride at pH 7.5 
and 30 ªC. The reaction was initiated by adding 0.09 nmol of 
active sites. The decrease in the concentration of phosphoenol-
pyruvate was followed by the loss of absorbance at 232 nm. 
Each observed initial rate (micromolar minute-1) is plotted as a 
function of the respective initial concentration of ∂-erythrose 
4-phosphate (millimolar). (A) Initial rates in the absence of 
inhibitor (3) and in the presence of 200 mM ¬-tryptophan (2), 
200 mM ¬-phenylalanine (Í), or 200 mM ¬-tyrosine (ˆ). (B) Initial 
rates in the absence of inhibitor (3) and in the presence of 
100 mM ¬-phenylalanine and 100 mM ¬-tyrosine (2), 100 mM ¬-tryp-
tophan and 100 mM ¬-tyrosine (Í), or 100 mM ¬-tryptophan and 
100 mM ¬-phenylalanine (ˆ). The curves are fits of Equation 3-44 
or 6-36, as appropriate, to the data.  
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the concentration of the activator must be less than 
0. For the derivative to be negative, it must be the 
case that 

          (6-94) 

If KdA < KAdA, it follows that if the Michaelis constant 
is to decrease in the presence of a heterotropic allo-
steric activator, which requires the derivative to be 
less than 0, then KdF < KAdF. As expected, a heterotropic 
allosteric activator must have a greater affinity for 
the V conformation than for the H conformation. 
 Because the curves for heterotropic allosteric 
activation rarely if ever cross, the limiting rate of 
the enzymatic reaction in the presence of a hetero-
tropic allosteric activator must be greater than or 
equal to the limiting rate in its absence. If the observed 
catalytic constant is to increase or stay the same as 
the concentration of a heterotropic allosteric acti-
vator F increases, as is almost always observed, then 
the derivative of Equation 6-83 with respect to the 
concentration of effector must be equal to or greater 
than 0. For this to be so, it must be the case that 

           (6-95) 

Because KdF < KAdF, it follows that if the catalytic 
constant is to stay the same or increase in the presence 
of a heterotropic allosteric activator, which requires 
the derivative to be equal to or greater than 0, then 
it must be the case that kA2 < k2. 
 By examining Equation 6-83, however, it can be 
seen that if kA2 < k2, KdA < KAdA, and KdF < KAdF, so that a 
heterotropic allosteric activator increases the catalytic 
constant, then the increase will be significant only if 
L0KdA < KAdA. If L0KdA < KAdA, then the enzyme will be 
almost completely in the V conformation at satura-
tion with reactant A in the absence of heterotropic 
allosteric activator, and addition of the activator 
can have little effect on k0 and hence the limiting 
rate of the enzymatic reaction (Figure 6-24).* If, 
however, L0KdA > KAdA, then saturating concentra-
tions of reactant A alone will be unable to shift the 
equilibrium completely in favor of the 
V conformation (Equation 6-73), and addition of a 
heterotropic allosteric activator will increase the 
catalytic constant. For example, the fact that 
MgATP2- and MgGTP2- increase the initial rate of 
the reaction catalyzed by aspartate carbamoyl-
                                                
*Again, a trivial, but unlikely, explanation for the invariance of 
k0 as the concentration of allosteric activator is increased is 
that k2 = kA2. 

transferase even at saturation with ¬-aspartate 
(Figure 6-3) indicates that, under these conditions, 
saturating concentrations of ¬-aspartate are insuf-
ficient to draw the enzyme completely into the 
V conformation. Another explanation for such an 
observation would be that there was a third confor-
mation into which the activator could draw the 
enzyme with an even greater limiting rate than that 
of the V conformation. 
 
 
 Finally, by taking the limit of Equation 6-83 at 
which the concentration of heterotropic allosteric 
activator goes to infinity, it can be seen that if 
L0KdAKdF < KAdAKAdF and 

         (6-96) 

then the catalytic constant will be equal to k2. 
Above this concentration of reactant A, a saturating 
concentration of reactant is able to shift the equi-
librium completely in favor of the V conformation, 
which has a catalytic constant of k2 (Figure 6-25) 
regardless of the concentration of heterotropic allo-
steric activator. In this case, a heterotropic allosteric 
activator will be unable to increase the catalytic 
constant. 
 In enzymes that do not display heterotropic 
allosteric behavior, reactants often inhibit the enzy-
matic activity at higher concentrations (previously 
Equation 3-256) 

          (6-97) 

but are rarely, if ever, able to activate an enzymatic 
reaction by associating at the active site. Reactants, 
however, can activate the enzymatic reaction in which 
they participate by associating with a heterotropic 
allosteric site. For example, ¬-phenylalanine activates 
phenylalanine 4-monooxygenase by associating 
with an allosteric site distinct from the active site in 
which ¬-phenylalanine is hydroxylated,153,154 and 
pyruvate heterotropically activates pyruvate decar-
boxylase from S. cerevisiae155 by associating with an 
allosteric site156 distinct from the active site in 
which pyruvate is decarboxylated. 
 

(K ¢dF – K dF)(K dA –  K ¢dA) < 0

0 < (k ¢2 – k 2)(K dF –  K ¢dF)

[A]  >  K dA
K ¢dF   +  L 0 K dF

K ¢dF
( )

v0  =  

k 0[E]t  +  k A[E]t[A]0

k 0[E]tk A[E]t[A]0

K iA + [A]0
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 So far, only the effects of heterotropic allosteric 
inhibitors or activators on the steady-state kinetics 
of the overall enzymatic reaction have been examined, 
again with the caveat that association of reactant 
must be at equilibrium during its turnover and the 
enzymatic reaction be occurring at steady state. 
This latter requirement is met in the cytoplasm 
where the control of metabolism occurs, but a 
more comprehensive understanding of the actual 
mechanism of inhibition or activation can be gained 
by identifying the steps in the kinetic mechanism 
controlled by a heterotropic allosteric effector. For 
example, by following the pre-steady-state kinetics 
of 2-isopropylmalate synthase from M. tuberculosis 
by quenched flow, it could be shown that the hetero-
tropic allosteric inhibitor ¬-leucine157 decreases the 
rates of chemical steps transforming the reactants, 
acetyl-SCoA and 3-methyl-2-oxobutanoate, into the 
products, (2S)-2-isopropylmalate and coenzyme A. 
Consequently, the rate-limiting step of the enzy-
matic reaction, which is the release of products in 
the absence of inhibitor, becomes the production 
of the undissociated products on the active site in 
the presence of inhibitor, and the inhibitor acts by 
changing the rate-limiting step in the enzymatic 
reaction.158 In the case of pyruvate carboxylase 
(previously Equation 5-229) 

  
                  (6-98) 

from Gallus gallus, it could be shown by quenched flow 
that the heterotropic allosteric activator acetyl-SCoA159 
increases the rate of formation of 1-(N-carboxy)biotin 
on the active site by a factor of 200.160 
 To this point, qualitative explanations of hetero-
tropic allosteric inhibition have been provided by 
examining the behavior of an allosteric monomer. 
It is possible, however, to derive a kinetic equation 
that describes heterotropic allosteric behavior of an 
allosteric oligomer as well as cooperativity of associa-
tion of heterotropic allosteric effectors and substrates 
or reactants. 
 
 The kinetic mechanism for allosteric effects 
(Equation 6-73) can be combined with the equilib-
rium mechanism for cooperativity (Equation 6-33) 
to obtain an expanded rate equation that can be fit 
to experimental results in which both heterotropic 
allosteric effects and cooperativity are observed. This 
expansion, however, assumes that the same sym-

metric quaternary conformational change between 
only two conformations that is responsible for coop-
erativity is the same one that causes heterotropic 
allosteric inhibition. Consequently, by the usual 
convention, these two conformations will now be 
designated the R and T conformations. It should be 
kept in mind, however, that if this particular expla-
nation of the observed behavior is consistent with a 
set of observations of the steady-state kinetics of an 
enzymatic reaction, then explanations involving 
more than two quaternary conformations must also 
be consistent. 
 Pyruvate kinase (Equation 6-29) from O. cunicu-
lus is allosterically inhibited by ¬-phenylalanine 
(Figure 6-27A).30 This inhibition regulates the concen-
tration of phosphoenolpyruvate, a precursor of the 
aromatic amino acids. Its carbon skeleton eventually 
becomes the carboxy carbon, the a carbon, and the 
b carbon of ¬-phenylalanine and ¬-tyrosine. Formally, 
in the range of concentrations examined, ¬-phenyl-
alanine (Phe) is a competitive inhibitor with re-
spect to phosphoenolpyruvate (PEP) because it 
changes only the apparent specificity constant 
kPEP for phosphoenolpyruvate and the concentra-
tion of phosphoenolpyruvate at which the enzy-
matic rate is half the limiting rate, but it does not 
change the limiting rate of the enzymatic reac-
tion.161 
 Pyruvate kinase is a homotetramer, rather than 
a monomer; and in the presence of sufficient concen-
trations of the heterotropic allosteric inhibitor 
¬-phenylalanine, the initial rate of the enzymatic 
reaction is a cooperative function of the concentration 
of the reactant phosphoenolpyruvate (Figure 6-27A). 
It has been demonstrated, by direct measurement 
of the binding of phosphoenolpyruvate to pyruvate 
kinase (Figure 6-27B), that the observed Michaelis 
constant for this reactant is equal to its observed 
dissociation constant in the absence of ¬-phenyl-
alanine.* In the presence of ¬-phenylalanine, the 
concentration of phosphoenolpyruvate at which 
the initial rate of the enzymatic reaction is half the 
limiting rate is also the same as the concentration 
at which half the active sites are occupied.161 Con-
sequently, the initial rate of the enzymatic reaction 
was assumed to be directly proportional to the occu-
pation of the active sites by phosphoenolpyruvate 
and determined only by its dissociation constant 
and its concentration, as required by the kinetic 
mechanism of Equation 6-73. 
                                                
*In the absence of ¬-phenylalanine, the initial rate as a 
function of phosphoenolpyruvate is rectangularly hyperbolic 
and has a Michaelis constant. 
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 Because pyruvate kinase is a symmetric homo-
tetramer of four identical subunits, each of which 
can bind a molecule of ¬-phenylalanine and each of 
which has an active site, the kinetic mechanism of 
Equation 6-73 must be expanded to account for 
association of four molecules of ¬-phenylalanine to 
four identical heterotropic allosteric sites and four 
molecules of phosphoenolpyruvate to four identical 
active sites on each molecule of pyruvate kinase in 
both the T and R conformations. Equation 6-73 has 
been expanded to include all 25 states of occupa-
tion for the tetramer in the R conformation and all 
25 states of occupation for the tetramer in the 
T conformation, and the states of occupation were 
connected by 25 allosteric constants and 32 disso-
ciation constants to produce a 2 Z 5 Z 5 linkage 
network, which is too large to reproduce here. In 
effect, the kinetic mechanism of Equation 6-73 was 
multiplied by the linkage relation for association of 
both reactant and inhibitor of Equation 6-33 to 
produce the expanded kinetic mechanism.30 
 It has been shown that such a multiplication 
produces, as the equation for dependence of the 
initial rate for an enzymatic reaction as a function 
of the concentration of reactant A 

     
                  (6-99) 
where 

         (6-100) 

where Finh is a heterotropic allosteric inhibitor, Fact is 
a heterotropic allosteric activator, and the dissociation 
constants are as follows: Kd,inh is for inhibitor Finh 
from the R conformation, KAd,inh is for inhibitor Finh 
from the T conformation, Kd,act is for activator Fact 
from the R conformation, and KAd,act is for activator 
Fact from the T conformation.19 Notice that, mathe-
matically, no distinction is made between a hetero-
tropic allosteric inhibitor and a heterotropic allosteric      

 

 
  
activator. Only when the dissociation constant of 
the effector is smaller for the T conformation than 
for the R conformation will the effector be a hetero-
tropic allosteric inhibitor. and only when its dissocia-
tion constant is smaller for the R conformation than 
the T conformation will the effector be a heterotropic 
allosteric activator. In effect, because their concen-
trations are constant, because none is chemically 
altered by the reaction, and because their association 
with the allosteric sites is always at equilibrium, the 
presence of heterotropic allosteric effectors simply 
shifts the value for the equilibrium constant between 
the R and T conformations. This shifted equilibrium 
constant then governs the cooperative association 
of reactant A. Again the assumption behind all these 
equations is that associations of reactants are always 
at equilibrium, irrespective of the progress of the 
enzymatic reaction. 
 The rate equation derived from this expanded 
kinetic mechanism, where there is only the hetero-
tropic allosteric inhibitor ¬-phenylalanine ([Fact] = 0), 
could be fit satisfactorily to the observations (Fig-
ure 6-27A). From these fits, values for the equilibrium 
constant L0 and the various dissociation constants 
in the proposed kinetic mechanism (Equation 6-73) 
were obtained (Table 6-1).30 The fit of the equations 
to the data was satisfactory even though it was 
assumed that association of phosphoenolpyruvate  
  

k 0,T L                                    +  k 0,R (1 +       )n – 1[A]     
KdA

(1 +       )n – 1[A]     
K ¢dA

[A]     
K ¢dA

[A]     
KdA

=

L                         + (1 +       )n[A]     
KdA

(1 +       )n[A]     
K ¢dA

v 0     
[E]t

(1 +         )n [Fact]     
K ¢d,act

(1 +          )n[Finh]     
K ¢d,inh

(1 +         )n[Fact]     
Kd,act

(1 +           )n[Finh]     
K d,inh

L  =  L 0

Table 6–1: Equilibrium Constants and Rate 
Constants for Pyruvate Kinase30 

equilibrium constant      
or rate constanta 

   numerical value 

L 0  0 .0 9 4  ± 0 .0 3  

K dPEP 4 4  ± 2  mM 

K¢dPEP 4 4 0  ± 4 0  mM 

K d,Phe  1 4  ± 3  mM 

K¢d,Phe  0 .6  ± 0 .0 7  mM 

k 2  9 2 0  ± 1 1 0  s–1  

k ¢2  9 0  ± 7 0  s 
–1  

aThe numerical values listed are from fits of the expanded 
MWC equation to the values of the observed initial rates in 
steady-state kinetics. The dissociation constants are for 
phosphoenolpyruvate (PEP) from the active site and 
¬-phenylalanine (Phe) from  the heterotropic allosteric site.  
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Figure 6-27: Heterotropic allosteric inhibition of pyruvate kinase 
from O. cuniculus by ¬-phenylalanine and a demonstration that the 
Michaelis constant and the dissociation constant of phosphoenol-
pyruvate from the enzyme are the same.30 (A) Heterotropic allo-
steric inhibition. Solutions contained 72 mM KCl, 7.2 mM MgSO4, 
2.0 mM ADP3-, 0.3 mM NADH, 0.3 mM in active sites of ¬-lactate 
dehydrogenase, variable amounts of phosphoenolpyruvate, 
variable amounts of ¬-phenylalanine, and 50 mM 2-ammonio-
2-hydroxymethylpropane-1,3-diol chloride, pH 7.5 and 23 ªC. 
Each reaction was initiated by adding pyruvate kinase, and the 
rate of production of pyruvate was followed by coupling its 
consumption to the consumption of NADH (lmax = 339 nm) by 
¬-lactate dehydrogenase. Initial rates were calculated from the 
decrease in absorbance at 340 nm. Each initial rate was divided 
by the concentration of active sites of pyruvate kinase in the 
assay (v0 [E]t-1 in second-1), and each of these initial rate constants 
is plotted as a function of the respective initial concentration 
of phosphoenolpyruvate (millimolar). Each set of assays had, 
in descending order 0, 3, 7, 9, or 12 mM ¬-phenylalanine. The 
curves are fits of a rate equation for the kinetic mechanism of 
Equation 6-73 that has been expanded to account for associa-
tion of four molecules of ¬-phenylalanine and four molecules 
of phosphoenolpyruvate to four identical heterotropic allosteric 
sites and four identical active sites, respectively, on each mole-
cule of pyruvate kinase in both the T and R conformations. 

(B) Binding of phosphoenolpyruvate to pyruvate kinase. Binding 
was measured by molecular exclusion at pH 7.5 and 23 ªC. 
Solutions (0.55 mL) containing pyruvate kinase (150–350 mM in 
active sites) and various concentrations of [14C]phospho-
enolpyruvate were mixed with 50 mg of dehydrated beads of 
Sephadex G-50. The Sephadex imbibed a certain amount of the 
fluid. It was assumed that the free phosphoenolpyruvate equili-
brated between the fluid in the interior of the beads and solution 
surrounding the beads while the protein remained entirely 
outside the beads. From the volume of fluid added, the total 
amount of protein added, the total amount of phosphoenolpyru-
vate added, the molar concentration of phosphoenolpyruvate 
in the fluid outside the beads (as determined by scintillation 
counting) and the molar concentration of protein in the fluid 
outside the beads (as determined by the absorbance at 
280 nm), the moles of phosphoenolpyruvate bound to each 
mole of active sites could be calculated as a function of the free 
concentration of phosphoenolpyruvate (millimolar). The points 
are the experimental determinations. The line is drawn on the 
basis of the assumption that the dissociation constant for 
phosphoenolpyruvate is the same as the numerical value 
(0.44 mM) for the Michaelis constant observed kinetically in 
Panel A. The scale of the axis of the abscissa is the same as the 
scale in Panel A to facilitate comparison. 

 
 
 
to either the R or the T conformation is unaffected 
by association of ¬-phenylalanine and that association 
of ¬-phenylalanine to either the R or the T conforma-
tion is unaffected by association of phosphoenol-
pyruvate, as should be the case for this explanation 
of heterotropic allosteric inhibition (see Equations 
6-74 to 6-77). 
 Both homotropic cooperativity of the initial 
rate of the reaction catalyzed by pyruvate kinase as 
a function of the concentration of phosphoenol-
pyruvate (PEP) in the presence of sufficient concen-
trations of ¬-phenylalanine (Phe) and heterotropic 
inhibition of the activity of the enzyme by 
¬-phenylalanine (Figure 6–27A) can be explained  

 
 
 
simultaneously by the expanded kinetic mechanism 
based on the existence of only two symmetric quater-
nary conformations of the enzyme, R and T, the 
equilibrium between which is shifted in one direction 
by phosphoenolpyruvate and in the other direction 
by ¬-phenylalanine. ¬-Phenylalanine inhibits pyruvate 
kinase by shifting the conformational equilibrium 
in favor of the T conformation, which has a lower 
affinity for phosphoenolpyruvate (KAdPEP = 440 mM 
and KdPEP = 44 mM) and a lower catalytic constant 
(kA2 = 90 s-1 and k2 = 920 s-1). This shift is accomplished 
because ¬-phenylalanine has a greater affinity for the 
T conformation (KAd,Phe = 0.6 mM and Kd,Phe = 14 mM) 
than it does for the R conformation. 
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 The fundamental allosteric constant is less than 
1(L0 = 0.094), so pyruvate kinase, unlike aspartate 
carbamoyltransferase (Figure 6-13), is already mostly 
in the R conformation in the absence of ¬-phenyl-
alanine and phosphoenolpyruvate. Consequently, the 
initial rate of the enzymatic reaction, in the absence 
of ¬-phenylalanine, is a rectangularly hyperbolic 
function of the concentration of phosphoenolpyruvate 
(Figure 6-27A) because association of phosphoenol-
pyruvate can only increase the predominance of 
the R conformation. At concentrations of ¬-phenyl-
alanine sufficient to shift the conformational equilib-
rium in favor of the T conformation, association of 
phosphoenolpyruvate becomes cooperative because 
its dissociation constant from the R conformation is 
smaller than its dissociation constant from the T con-
formation. Because the binding of ¬-phenylalanine 
shifts the conformational equilibrium from one in 
favor of the R conformation in the absence of ligands 
to one in favor of the T conformation, its association 
with the otherwise unoccupied enzyme is cooperative 
(Figure 6-28). 
 If only a manageable portion of the expanded 
2 Z 5 Z 5 linkage network30 is examined 

 

                  (6-101) 

it can be seen that as ¬-phenylalanine is added to 
the solution, the equilibrium between the two con-
formations shifts in favor of the T conformation; 
and as phosphoenolpyruvate is added to the solution, 
it shifts in favor of the R conformation. When the 
concentration of ¬-phenylalanine is high enough to 
saturate the R conformation, pyruvate kinase exists 
primarily (LPhe,PEP = 3) in the T conformation regard- 
 

 

 
 
Figure 6-28: Binding of ¬-phenylalanine to pyruvate kinase 
from O. cuniculus.30 The binding of [3H]-¬-phenylalanine to 
the enzyme was measured by equilibrium dialysis at pH 7.5 
and 23 ªC. A solution containing 210 mM pyruvate kinase was 
placed in one compartment, and a solution of [3H]-¬-phenyl-
alanine of an appropriate molar concentration was placed in 
the other compartment. After equilibrium had been reached 
(20 h), the final concentration of the protein in its compart-
ment (as determined by absorbance at 280 nm) and the final 
concentrations of ¬-phenylalanine in each compartment (as 
determined by scintillation counting) in each compartment 
were assessed. From these concentrations, the free concentration 
of ¬-phenylalanine as well as the moles of ¬-phenylalanine bound 
for each mole of the tetrameric enzyme could be calculated for 
each measurement. The fractional saturation (Y) is plotted as a 
function of the free concentration of ¬-phenylalanine (millimolar). 
The smooth curve was a fit of Equation 6-35 to the data using 
the conformational equilibrium constant and the dissociation 
constants for ¬-phenylalanine from the R conformation, Kd,Phe, 
and the T conformation, K¢d,Phe, of the enzyme that were obtained 
from the curves in Figure 6-27A (Table 6-1). 
 
 
  
less of how high the concentration of phosphoenol-
pyruvate is. Unlike the case of classical steric competi-
tion, saturating concentrations of phosphoenolpyruvate 
cannot drive ¬-phenylalanine off the enzyme because 
the active site is distant from the heterotropic allosteric 
site. If LPhe,PEP = 3, competitive inhibition should be 
observed at low concentrations of inhibitor, as is 
observed (Figure 6-27A); but as the concentration 
of heterotropic allosteric inhibitor increases, the 
limiting rate should begin to decrease; and at high 
enough concentrations of inhibitor, the limiting 
rate should be closer to that of the T conformation 
(kA2 in Equation 6-73) than that of the R conformation. 
Unfortunately, in the case of pyruvate kinase, high 
enough concentrations of ¬-phenylalanine to observe 
the decrease in limiting rate ([Phe] > 14 mM), which 
would have been a further justification of the proce-
dure, simply were not used in the measurements 
(Figure 6-27A), although an examination of the graph 
at the highest concentrations of ¬-phenylalanine 
used (12 mM) suggests that the inhibition is not 
competitive. 
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 The sum of all the conformational changes 
that produce both cooperativity and heterotropic 
allosteric effects is observed crystallographically. 
It should now be clear from the foregoing discus-
sion that there are several levels of conformational 
changes that usually occur in such an enzyme that 
displays both heterotropic allosteric behavior and 
cooperativity. First, there are the local conforma-
tional changes that occur upon association of a 
heterotropic allosteric effector or association of one 
or more substrates for the enzyme and are confined to 
the immediate vicinity of the respective site. Second, 
there are conformational changes that occur within 
the individual subunits that could be responsible 
for the observed heterotropic allosteric behavior 
but may not elicit a quaternary conformational 
change. Third, there are the quaternary conforma-
tional changes that are responsible for cooperativity. 
These quaternary conformational changes could also 
be responsible for heterotropic allosteric behavior 
because, as these changes occur, the affinities of 
the symmetrically displayed heterotropic allosteric 
sites as well as the active sites change. 
 One might believe, and many do, that molecular 
details of the conformational changes that enable 
heterotropic allosteric behavior to occur should be 
able to be gathered from examination of crystallo-
graphic molecular models of the two or more confor-
mations involved. For example, significant changes 
occur around the allosteric site in the two confor-
mations of chorismate mutase from S. cerevisiae: 
the V conformation, crystallized with the heterotropic 
allosteric activator ¬-tryptophan bound in the allo-
steric site, and the H conformation, crystallized with 
the heterotropic allosteric inhibitor ¬-tyrosine in 
the allosteric site (Figure 6-21). In addition to a 
number of reorientations of the side chains in the 
vicinity of the site, two a helices surrounding the 
site have shifted in their relative orientation. The 
enzyme, however, also undergoes a quaternary 
conformational change between the H and V confor-
mations that involves the entire a2 dimer.133 The 
conformation of an enzyme with high affinity for a 
particular ligand that is studied crystallographically 
is usually produced by fully occupying sites on the 
protein with that ligand, as was the case with 
chorismate mutase, and it is usually also rotationally 
symmetric. In such a situation, the local conforma-
tional changes, the conformational changes that 
might be confined to an individual subunit, and the 
quaternary conformational change have all occurred 
together and have all been completed. In such a 
situation, local conformational changes that occur 

around sites for ligands and substrates and that result 
only from the binding of the ligand itself are difficult, 
if not impossible, to distinguish from conformational 
changes confined to an individual subunit and from 
quaternary conformational changes. 
 Although crystallographic observations are 
necessary to define the sum of all the various confor-
mational changes in atomic detail, other methods 
are often used to detect particular conformational 
changes while an enzyme is in solution. Many ex-
amples of these chemical and physical methods 
normally used to study the structure of native proteins 
were presented when the cooperativity of aspartate 
carbamoyltransferase was discussed earlier, but the 
same physical methods can be used to monitor the 
conformational changes that mediate heterotropic 
allosteric effects. For example, isopropyl b-∂-thio-
galactoside, an analogue of a natural heterotropic 
allosteric activator, is bound by lac repressor from 
E. coli (an a4 homotetramer) in the absence of DNA. 
Upon binding, a change in the optical spectrum of 
lac repressor is observed, which indicates alterations 
in the environments around its tyrosines. Changes 
in the circular dichroic spectrum and sedimentation 
coefficient of the protein are also observed.65,162 In 
another example, changes in the conformation of 
hemoglobin documented crystallographically can 
be followed by observing changes in nuclear magnetic 
resonance spectra.163 
 The rate of deuteration of the amido nitrogens 
in segments of the folded polypeptide comprising 
4-hydroxy-tetrahydrodipicolinate synthase from 
C. jejuni could be followed by mixing the enzyme 
with deuterium oxide, removing samples at various 
times, quenching the deuterium exchange with acid, 
digesting the unfolded polypeptide with pepsin at 
low pH, separating the resulting peptic peptides 
chromatographically, and determining their mass by 
mass spectrometry. It was found that segments of 
polypeptide surrounding the active site became less 
susceptible to deuterium exchange in the presence 
of ¬-lysine, a heterotropic allosteric inhibitor (Fig-
ure 6-22) of the enzyme. These results suggested 
that the inhibitor was decreasing the conforma-
tional dynamics around the active site because the 
T conformation was more rigid in this region than 
the R conformation.164 Because the active site in the 
crystallographic molecular model of the enzyme, 
an a4 homotetramer, is buried and access to it appears 
limited,165 it was proposed that the increase in rigidity 
observed for the T conformation decreases the rate 
for association of the reactant ¬-aspartate-4-semi-
aldehyde with the active site when the enzyme is in 
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this conformation. At high enough concentrations of 
¬-lysine to cause the T conformation to predominate 
even in the presence of saturating concentrations 
of ¬-aspartate-4-semialdehyde, the limiting rate of the 
enzymatic reaction decreases (Figure 6-22) because 
of this rigidification. 
 In 6-phosphofructokinase (Equation 6-28) 
from O. cuniculus, an a4 homotetramer, there is a 
side chain of cysteine in each subunit that reacts 
preferentially with fluorodinitrobenzene. When a 
heterotropic allosteric activator of the enzymatic 
reaction, such as AMP2-, is bound to the enzyme, 
the rate of this arylation increases. When a hetero-
tropic allosteric inhibitor, such as citrate, is bound, 
however, the rate decreases.166 It was assumed that 
the rate of this reaction responds to shifts in the 
orientation of amino acids surrounding the cysteine 
that result from a conformational change in the 
protein the equilibrium for which is shifted by 
association of the effectors. 
 Glycogen phosphorylase a (Equation 6-66) 
from O. cuniculus, an a4 homotetramer, can be 
modified at a cysteine in each of its subunits by 
N-(1-oxyl-2,2,6,6-tetramethyl-4-piperidinyl)iodo-
acetamide to introduce a stable radical into the 
protein. The electron paramagnetic resonance 
spectrum of this radical shifts, presumably in response 
to a conformational change in the protein, when 
AMP2-, a heterotropic allosteric activator of the 
enzymatic activity, is bound by the enzyme.68 
 
 If the shifts in equilibria between particular 
quaternary conformations of an enzyme, brought 
about by association of ligands and accomplished 
by thermodynamic linkage, produce a heterotropic 
allosteric effect and also cooperativity, then it must 
be the case that these equilibria exist in both the 
presence and the absence of ligands. For example, 
in the case of chorismate mutase from S. cerevisiae, 
it seems reasonable to assume that in the absence of 
ligands there are two conformations of the enzyme: 
one in which the allosteric site fits ¬-tryptophan 
and one in which the allosteric site fits ¬-tyrosine. 
From the atomic details of the two respective confor-
mations of the allosteric site when they are occu-
pied in turn by these heterotropic allosteric ligands 
(Figure 6-21), it can be seen that each conformation 
would almost exclude the other ligand and that the 
equilibrium between them would surely be shifted 
by thermodynamic linkage in one direction by 
¬-tryptophan and in the other direction by 
¬-tyrosine. 

 That such an equilibrium exists between two 
conformations in the presence of ligands is clear 
from results such as those displayed in Figures 6-13 
and 6-21.167,168 It has been far more difficult to prove 
that equilibria between allosteric conformations of 
a protein exist in the absence of ligands. The reason 
for this difficulty is that the equilibrium constants 
are usually significantly different from 1. For example, 
it can be estimated that, in the absence of ligands, 
the equilibrium constant L0 (Equation 6-24) for 
conversion of the R conformation into the T confor-
mation for aspartate carbamoyltransferase from 
E. coli54 is around 200 and that for 6-phospho-
fructokinase from E. coli19 is around 4 ¥ 106. In such 
situations, it is impossible to measure the small 
amount of R conformation that should be present in 
solution in the absence of ligands. In many instances, 
the equilibrium favors the R conformation in the 
absence of ligands,37,142,169,170 but the equilibrium 
constant in these cases is usually much less than 1. 
 Serendipitously, in at least one of these latter 
cases, that of pyruvate kinase (Equation 6-29) from 
O. cuniculus, the equilibrium constant L0 has been 
estimated to be 0.1 (Equations 6-100 and 6-101). If 
this is so, in the absence of ligands, even though 
the R conformation predominates, about 9% of the 
enzyme should be in the T conformation. ¬-Phenyl-
alanine is a heterotropic allosteric inhibitor of pyruvate 
kinase. Therefore, ¬-phenylalanine alone should be 
able to shift the equilibrium distribution between 
the two conformations in one direction while 
phosphoenolpyruvate alone, a reactant that dis-
plays cooperativity,30 should be able to shift it in 
the other. ¬-Phenylalanine decreases the sedimen-
tation velocity of pyruvate kinase relative to that 
when the enzyme is unoccupied (Ds20,w = -0.24 S), 
and phosphoenolpyruvate increases the sedimen-
tation velocity relative to that when the enzyme is 
unoccupied (Ds20,w = +0.11 S).161 From scattering of 
neutrons at low angles, it can be calculated that 
association of ¬-phenylalanine with unliganded 
pyruvate kinase increases its radius of gyration by 
0.08 ± 0.02 nm, and association of phosphoenol-
pyruvate with the unliganded enzyme decreases its 
radius of gyration by 0.06 ± 0.02 nm.171 ¬-Phenyl-
alanine increases by 10-fold the rate of reaction of 
cysteines in the protein with dithiobis(2-nitroben-
zoate), and phosphoenolpyruvate decreases this 
rate by 5-fold.161 Each physical and chemical property 
should be monitoring the average of the two con-
formations at equilibrium in the absence of either 
ligand. These observations are consistent with the 
two respective ligands pulling by linkage in opposite 
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directions on a conformational equilibrium that 
exists in the absence of any ligand, but they cannot 
exclude the possibility that the conformations present 
in the absence of the ligands are only the two that are 
assumed by the enzyme in the presence of hetero-
tropic allosteric inhibitors and activators.172 
 In another serendipitous instance, the R confor-
mation of 6-phosphofructokinase (Equation 6-28) 
from E. coli crystallized from a solution of the enzyme 
that did not contain any of its substrates or hetero-
tropic allosteric effectors even though, as has been 
noted, the equilibrium constant L0 between the T 
and R conformations has been estimated to be heavily 
in favor (4 ¥ 106) of the T conformation in this situa-
tion.43 This outcome certainly suggests that, in this 
case, the R conformation is present in solution and 
in equilibrium with the T conformation and that the 
crystallization itself pulled this equilibrium in the 
direction of the R conformation by mass action. In 
every other case with other proteins, however, the 
T conformation is expected to predominate in a so-
lution that crystallizes in the absence of substrate 
and heterotropic allosteric effectors. 
 One approach to this problem of demonstrating 
that the equilibrium exists in the absence of ligands 
is to discover a mutant of the enzyme in which the 
equilibrium in the absence of ligands has been altered 
so that it is in a measurable range. For example, 
mutation of Lysine 143 in the regulatory b subunits 
of aspartate carbamoyltransferase to alanine shifts the 
equilibrium constant between the R and T conforma-
tion to a value of 2.7 ± 0.8, a range in which the 
equilibrium can be monitored by sedimentation 
velocity.173 Addition of MgCTP2– shifts the equilibrium 
constant to 30 ± 20, and addition of MgATP2– shifts 
the equilibrium constant to 0.2 ± 0.1. When Aspar-
tate 236 in the catalytic a subunit of aspartate carbam-
oyltransferase from E. coli is mutated to alanine, an 
equilibrium between at least two conformations of 
the mutant enzyme with an equilibrium constant 
or constants in the range 0.5-2 can be observed by 
scattering of X-rays at small angles.174 This equilibrium 
shifts to a scattering profile resembling that of the 
R conformation of the wild-type enzyme upon addi-
tion of N-(phosphonacetyl)-¬-aspartate, and it 
shifts to a scattering profile closely resembling that 
of the T conformation of the wild-type enzyme upon 
addition of MgCTP2-. 
 In spite of the few instances in which the equilib-
rium between two unoccupied conformations of a 
heterotropic allosteric enzyme have been directly 
observed, the possibility must be considered that 
the conformation or conformations that predominate 

when the allosteric sites or active sites are occupied 
cannot exist when these sites are unoccupied. 
 Crystallographers often succumb to the temp-
tation to identify a “path of conformational changes 
[that] transmit the inhibitory signal”175 from an allo-
steric site to the active site of the enzyme.118,133 For 
example, in the case of ATP phosphoribosyltrans-
ferase from P. arcticus, a detailed, linear mechani-
cal explanation was provided for the allosteric 
inhibition of the enzyme by histidine.118 The idea is 
that there is a concerted set of shifts in the posi-
tions and orientations of side chains, polypeptide 
backbone, and portions of interfaces between sub-
units, usually chosen by the crystallographer to lie di-
rectly between the allosteric site and the active site, 
that mechanically conveys the information that an 
effector resides in the allosteric site to the active site 
without relying on preexisting conformational 
changes of the protein.176 One difficulty with such 
an explanation is that there is no way to validate it. 
For example, if amino acids participating in such a 
path are mutated to interfere with the changes 
observed, the fact that such mutations interfere with 
a heterotropic allosteric effect is not a validation be-
cause such mutations must affect the equilibrium 
between the two quaternary conformations one way 
or the other, if that equilibrium actually exists, to 
the same extent that they disrupt the particular re-
gion around the mutation itself, and this effect on 
the equilibrium would explain the interference of 
the allosteric effect. 
 When aspartate carbamoyltransferase from E. coli 
is locked in the R conformation by disulfides between 
cysteines inserted in place of its Alanines 241 (Fig-
ure 6-8), the enzyme, although it is fully active, no 
longer displays heterotropic allosteric inhibition by 
MgCTP2- or heterotropic allosteric activation by 
MgATP2-, even though any mechanical path for 
communication between the allosteric site and active 
site should not be affected by the alteration. When 
these disulfides are eliminated by thiol–disulfide 
exchange with an added thiol, heterotropic allo-
steric inhibition and activation are restored to the 
normal levels.24 Locking of the enzyme in the 
R conformation prevented the allosteric communi-
cation, not some interference in a path between the 
sites.* The fact that association of either MgCTP2– 
                                                
*In a related example, malate dehydrogenase (NADP+) from 
Sorghum bicolor is allosterically activated by light. In the dark, 
a disulfide between two cysteines in the enzyme locks it in an 
inactive T conformation. Illumination activates photosynthesis, 
producing reduced ferredoxin that ultimately leads to reduction 
of the disulfide and enables the equilibrium between the 
inactive T and active R conformations to be established.178 
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or MgATP2- with the allosteric sites on the regulatory 
b subunits of aspartate carbamoyltransferase in the 
R conformation has no effect on the chemical shifts of 
protons on the methyl groups of isoleucines, valines, 
and leucines in the catalytic a subunits is also con-
sistent with the conclusion that there is no path of 
conformational changes mechanically altering the 
active site upon association of the effectors.179 
 Nevertheless, in this view, the ligands themselves 
mechanically induce the protein to assume the respec-
tive conformation or conformations. Large quaternary 
conformational changes are observed upon associ-
ation of molecular oxygen with hemoglobin (Figure 
6-1), association of N-(phosphonacetyl)-¬-aspartate 
with aspartate carbamoyltransferase (Figure 6-2), 
association of magnesium 5A-adenylic imidodiphos-
phonic anhydride (MgAMPPNP2-) with aspartate 
kinase (Figure 6-29),177 and association of AMP2– with 
fructose-bisphosphatase.37 It is difficult to believe 
that association of such small ligands, which upon 
association are only minor players in the structures 
of each complex, can somehow physically induce 
such significant changes in the structures of such 
large proteins when those changes in structure do 
not already preexist in a conformation in equilibrium 
with the unoccupied conformation. Furthermore, if 
the ligand were able to perform this feat, there 
would have to be no significant steric or electronic 
interaction preventing this purportedly sterically 
enforced rearrangement of the structure. Conse-
quently, there would be no reason that this confor-
mation of the protein could not be achieved in the 
absence of the ligand. 
 All these considerations suggest that an equilib-
rium between the quaternary conformations observed 
crystallographically exists in the absence of the lig-
ands. If so, the entire quaternary conformational 
change between the two conformations defined 
crystallographically or by a set of physical measure-
ments produces the communication. It is counter-
productive to focus attention on only one small 
portion of that overall conformational change, in 
particular changes that occur in a line between the 
two sites. 
 
 The question that now arises is whether a confor-
mational change between only two quaternary 
conformations is responsible for both heterotropic 
allosteric effects and homotropic cooperativity 
displayed by many enzymes or whether there must 
be more than two conformations to explain all 
heterotropic allosteric effects observed. This question 

is more complicated in situations where there are 
heterotropic allosteric effectors in addition to coop-
eratively associating substrates. Most of the peculiar 
effects of heterotropic allosteric inhibitors and activa-
tors can be explained qualitatively by the kinetic 
mechanism of Equation 6-73, but that explanation 
is irrelevant to this question because a monomer, 
which is unable to display cooperative behavior 
was chosen for the quaternary structure to avoid 
the complication of cooperativity. 
 Monod, Wyman, and Changeux pointed out that 
most enzymes displaying heterotropic allosteric 
effects also display homotropic cooperativity in asso-
ciation of substrates and in the initial rates as a 
function of the concentrations of reactants.15 They 
proposed that the two properties are usually present 
together because both require the enzyme to be 
able to adopt at least two conformations the relative 
stabilities of which are linked to the binding of ligands. 
Most proteins are oligomeric for reasons unrelated 
to cooperativity, but the fact that they are oligo-
meric is required for homotropic cooperativity to 
be manifested. When a particular oligomeric enzyme 
is able to adopt two symmetric quaternary confor-
mations, both heterotropic allosteric behavior and 
homotropic cooperativity can exploit this quater-
nary conformational change. The argument is that 
heterotropic allosteric inhibition and activation 
and homotropic cooperativity occur simultaneously 
because the conformational change used for commu-
nicating heterotropic allosteric effects is the same 
one used for communicating homotropic coopera-
tivity. In such a case, the conformational equilibrium 
is shifted in favor of the less active T conformation 
by a heterotropic allosteric inhibitor and in favor of 
the more active R conformation by substrates, reac-
tants, and heterotropic allosteric activators. In effect, 
this argument is an application of Occam's razor to 
the question. 
 Nevertheless, even though they often occur 
together, there is no necessary connection between 
heterotropic allosteric effects and cooperative effects. 
For example, a2 homodimeric phosphoserine phos-
phatase from M. tuberculosis, which hydrolyzes 
O-phospho-¬-serine, is allosterically inhibited by 
¬-serine from an allosteric site distinct from the active 
site. None of the measurements, however, of initial 
rate of the enzymatic reaction as a function of the 
reactant O-phospho-¬-serine in the presence or 
absence of ¬-serine display cooperativity, as one might 
expect were there only two symmetric quaternary 
conformations responsible for heterotropic allosteric 
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Figure 6-29: Stereodrawings485 of crystallographic molecular 
models of aspartate kinase from M. jannaschii in its three con-
formations.177 Each subunit of the a4 tetramer is drawn in a 
different shade of gray. Aspartate kinase was poised in the 
R conformation, the active sites of which were occupied by 
¬-aspartate and MgAMPPNP2-, by dissolving the enzyme 
(12 mg mL-1) in 5 mM MgAMPPNP2- and 30 mM ¬-aspartate. 
Crystals were then grown in 800 mM ammonium formate, 
100 mM 2-[bis(2-hydroxyethyl)amino]-2-(hydroxymethyl)propane-
1,3-diol at pH 8.0 with 13-15% poly(ethylene glycol) 4000 as the 
precipitant. Crystals of the space group P212121 were obtained. 
Reflections were collected from these crystals to Bragg spacing 
of 0.23 nm. Aspartate kinase was poised in the T conformation, 
the active sites of which were occupied by ¬-threonine, by dis-
solving the enzyme (12 mg mL-1) in 6 mM ¬-threonine and 
30 mM ¬-aspartate. Crystals were then grown in 0.2 M KI with 

1.4-1.6 M ammonium sulfate as the precipitant. Crystals of the 
space group P212121 were obtained. Reflections were collected 
from these crystals to Bragg spacing of 0.27 nm. After a week at 
4 ªC, crystals of the enzyme in a third conformation, the active 
sites of which were occupied only by ¬-aspartate, appeared in 
the batches of crystals of the enzyme in the R conformation. 
These new crystals had the space group C2221. Reflections 
were collected from these crystals to Bragg spacing of 0.27 nm. 
It was found that the enzyme in these crystals had a distinct 
conformation, which can be designated the I conformation. The 
equilibrium between the R conformation (left), the I conformation 
(below), and the T conformation (right) is represented with 
space-filling drawings of the three refined, complete crystallo-
graphic molecular models. Noncrystallographic rotational axes 
of symmetry are vertical and horizontal in the plane of the 
page and normal to the plane of the page. 
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inhibition.180 Consequently, the proposal that an 
enzyme can exist in a symmetric quaternary 
T conformation with which, by definition, a hetero-
tropic allosteric inhibitor preferentially associates 
and a symmetric quaternary R conformation with 
which, by definition, a substrate or a heterotropic 
allosteric activator preferentially associates is able 
to explain heterotropic allosteric effects. This fact, 
however, does not mean that these are the same T and 
R conformations that explain homotropic coopera-
tivity in the absence of heterotropic allosteric effectors 
or that the existence of these two conformations 
requires the enzyme to display cooperative behavior. 
 In the case of aspartate carbamoyltransferase, 
however, most, if not all, experimental observations 
suggest that the conformations responsible for hetero-
tropic allosteric effects and homotropic cooperativity 
are the same two symmetric quaternary confor-
mations. Aspartate carbamoyltransferase can exist 
in R and T conformations. Because MgATP2- shifts 
the equilibrium between the R and T conformations 
in favor of the R conformation (Figure 6-13), MgATP2– 
must have a smaller dissociation constant from the 
R than it does from the T conformation. Presuma-
bly, MgGTP2- does also. Because MgCTP2- shifts the 
equilibrium between the R and T conformations in 
favor of the T conformation (Figure 6-13), MgCTP2– 
must have a smaller dissociation constant from the 
T than it does from the R conformation. Presumably, 
MgUTP2- does also. ¬-Aspartate has a smaller disso-
ciation constant from the R conformation occupied 
by carbamoyl phosphate than it does from the 
T conformation occupied by carbamoyl phosphate. 
As is observed (Figure 6-3), MgATP2- and MgGTP2– 
should decrease the concentration of ¬-aspartate 
required for the initial rate of the enzymatic reaction 
to reach half its limiting value, and MgCTP2- and 
MgUTP2– should increase that concentration. If the 
R conformation of aspartate carbamoyltransferase 
has a larger catalytic constant than the T conforma-
tion, then MgATP2- and MgGTP2- should increase 
the apparent catalytic constant for the enzymatic 
reaction, and MgCTP2- and MgUTP2- should decrease 
the apparent catalytic constant of the enzymatic 
reaction, as is also observed (Figure 6-3). 
 A feature of noncompetitive heterotropic allo-
steric inhibition, albeit a rare one, can support the 
conclusion that the same two symmetric quaternary 
conformations responsible for heterotropic allosteric 
effects are the same two that are responsible for 
homotropic cooperativity. Association of substrates 
with the active sites of enzymes, the steady-state 
kinetics of which display noncompetitive heterotropic 

allosteric inhibition, is usually not cooperative. One 
explanation for the fact that noncompetitive hetero-
tropic allosteric inhibition, by definition, does not 
alter the Michaelis constant for reactant is that 
KdA = KAdA. If this equality holds, then the concen-
tration of reactant A cannot affect the equilibrium 
between the R and T conformations. Consequently, 
even when the enzyme is homooligomeric, associa-
tion of reactant cannot be cooperative, nor can the 
initial rate of the enzymatic reaction as a function of 
its concentration display cooperativity. For example, 
fructose-bisphosphatase from R. norvegicus is a 
homotetramer, yet the initial rate of the enzymatic 
reaction as a function of the concentration of 
∂-fructose 1,6-bisphosphate (Figure 6-19) does not 
display cooperativity at any of the concentrations 
of AMP2-, a noncompetitive heterotropic allosteric 
inhibitor, as expected. In the absence of ligands, fruc-
tose-bisphosphatase is in the R conformation,36,38 
and AMP2- shifts the equilibrium in favor of the 
T conformation, which has a lower catalytic con-
stant for the enzymatic reaction. This shift in the 
equilibrium constant between the R conformation, 
with high activity, and the T conformation, with 
low activity (kA2 < k2) produced by the inhibitor, 
which is unaffected by the concentration of 
∂-fructose 1,6-bisphosphate, is the reason for the 
decrease in the catalytic constant k0. 
 In many cases, only two quaternary confor-
mations have been observed crystallographically, 
a fact reinforcing the almost universal convention 
of the T and R conformations. For example, aspartate 
carbamoyltransferase from E. coli has been examined 
crystallographically with many different heterotropic 
allosteric effectors. Although there are significant 
local conformational changes within the constituent 
folded polypeptides around the binding sites being 
occupied when different ligands associate with the 
same quaternary conformation,9,48,49,53 all the 
complexes between ligands and enzyme assume 
either the T or R conformation when crystallized 
from solution. The results from nuclear magnetic 
resonance spectroscopy are also unable to detect 
any quaternary conformations other than the T and 
R conformations the equilibrium between which 
is shifted both by heterotropic allosteric effectors 
and by homotropic allosteric ligands and substrates 
(Figure 6-13). The crystallographic molecular models 
of glycogen phosphorylase b (Equation 6-66 and 
Figure 6-20) from O. cuniculus, activated either by 
association of AMP2- or by covalent phosphorylation 
at distinct sites, are both in the same quaternary 
R conformation,181,182 which is distinct from the 
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quaternary T conformation observed when the hetero-
tropic allosteric inhibitor ∂-glucose 6-phosphate 
is bound in the allosteric site or in the absence of 
ligands.183 
 In instances in which an enzyme is simply inhib-
ited allosterically by the final product of a metabolic 
pathway and there are no as-yet-recognized hetero-
tropic allosteric activators, it is less surprising that 
only T and R conformations are observed crystal-
lographically. Examples of such situations are 
phosphoglycerate dehydrogenase from E. coli, 
which is allosterically inhibited by ¬-serine, the 
final product of the pathway;117 anthranilate synthase 
(Equation 6-61) from S. marcescens, which is allo-
sterically inhibited by ¬-tryptophan, the final prod-
uct of the pathway;103 4-hydroxy-tetrahydrodipico-
linate synthase from Nicotiana sylvestris, which is 
allosterically inhibited by ¬-lysine, the final product 
of the pathway;184 sulfate adenylyltransferase 

  
                (6-102) 

from P. chrysogenum, which is allosterically inhibited 
by 3¢-phosphoadenylyl sulfate, the final product of 
the pathway;115 and 3-deoxy-7-phosphoheptulonate 
synthase (Equation 6-93) from E. coli, which is allo-
sterically inhibited by ¬-phenylalanine, the final 
product of the pathway.175 
 There are, however, examples of allosterically 
controlled enzymes that can assume at least three 
distinct quaternary conformations, the equilibria 
among which are shifted by association of substrates 
and heterotropic allosteric effectors. For example, 
aspartate kinase 

   
                (6-103) 

from Methanocaldococcus jannaschii crystallizes in 
three distinct quaternary conformations (Figure 6-29): 
one that crystallizes from a solution of the substrate 
¬-aspartate; one that crystallizes from a solution of 
¬-aspartate and MgAMPPNP2-; and one that crystal-
lizes from a solution of ¬-threonine, a heterotropic 
allosteric inhibitor of the enzyme. Each conformation 
differs significantly from the others in the disposition 
of its subunits, and each has the noted ligands 
bound in all the active sites or allosteric sites on the 

enzyme. Each of the three quaternary conformations 
is symmetric, but in the conformation stabilized 
by association of ¬-threonine, the symmetrically 
distributed sites for association of ¬-threonine are 
not symmetrically occupied, a fact that suggests 
there may be subtle asymmetries in the structure of 
this conformation. 
 It may also be the case that in some instances 
in which only two conformations of an allosteric 
enzyme have been defined crystallographically, a 
third may yet be discovered. The quaternary confor-
mations of porcine fructose-bisphosphatase (Equa-
tion 6-62) in crystallographic molecular models of 
a number of different complexes with heterotropic 
allosteric inhibitors, substrates, analogues of sub-
strates, and a physiological competitive inhibitor 
could all be clearly identified as one of two quaternary 
conformations designated the T and R conforma-
tions.36,37,176,185 It was then later reported that a 
third, distinct quaternary conformation of the same 
enzyme crystallized from solution under different 
conditions.186 As has already been noted, there is 
no reason that a molecule of protein should exist in 
only one conformation or only two conformations in 
equilibrium with each other. Heterotropic allosteric 
inhibition and activation would still be a conse-
quence of the existence of three globally symmetric 
conformations if, for example, there is a quaternary 
T conformation of low enzymatic activity that is 
most stable in the presence of saturating concen-
trations of heterotropic allosteric inhibitor, another 
quaternary conformation that is most stable in the 
absence of ligands or in the presence of only one 
substrate, and a quaternary R conformation of high 
enzymatic activity stabilized by association of both 
reactants and heterotropic allosteric activators. 
Certainly, in the case of aspartate kinase from 
M. jannaschii (Figure 6-29), one could imagine that 
the equilibrium between the conformation observed 
at saturating concentrations of ¬-threonine, a hetero-
tropic allosteric inhibitor of the enzyme,187 and the 
conformation observed in the presence of saturating 
¬-aspartate could be responsible for heterotropic 
allosteric inhibition while the equilibrium between 
the conformation in the presence of saturating 
¬-aspartate and MgAMPPNP2- could be responsible 
for homotropic cooperativity. 
 Contrariwise, at one time, several observations 
suggested that the heterotropic allosteric effects 
and the cooperativity observed for aspartate carbam-
oyltransferase from E. coli (Figure 6-3) could be 
the result of separate conformational changes.188,189 

MgATP2–  +  sulfate  +  Mg 
2+  1  MgOPO3PO3

2–

+  magnesium adenosine 5¢-phosphosulfate  

MgATP 2– +  ¬-aspartate  1
                  4-phospho-¬-aspartate  +  MgADP –
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The nuclear magnetic resonance spectra (Figure 
6-13), however, demonstrate that heterotropic 
allosteric effectors and reactants and analogues 
of reactants shift the equilibrium between only two 
conformations, the R and T conformations. Aspar-
tate carbamoyltransferase was reconstituted from 
regulatory subunits and nitrated catalytic subunits, 
and the active sites were saturated with carbamoyl 
phosphate. Both the homotropic cooperativity 
observed with ¬-aspartate as a reactant and the 
change in sedimentation coefficient upon adding 
N-(phosphonacetyl)-¬-aspartate were those expected 
if the modified protein saturated with carbamoyl 
phosphate (CAP) was 60% in the T conformation 
and 40% in the R conformation (LCAP = 1.5).190 This 
significant shift in the equilibrium constant in favor 
of the R conformation resulted from nitration as 
well as from saturation with carbamoyl phosphate. 
When the heterotropic allosteric inhibitor MgCTP2– 
was added to the solution, the absorbance of the 
nitrated enzyme at 450 nm decreased; and when 
the heterotropic allosteric activator MgATP2- was 
added, the absorbance increased. These changes 
were in the directions expected for an increase in 
the concentration of the less active T conformation 
or the more active R conformation, respectively. In 
the presence of MgCTP2-, the percentage of 
T conformation, calculated from both the homo-
tropic cooperativity displayed by ¬-aspartate and 
the change in sedimentation coefficient produced 
by N-(phosphonacetyl)-¬-aspartate, increased to 
80% (LCTP,CAP = 4); and in the presence of MgATP2-, 
it decreased to 40% (LATP,CAP = 0.7). These are the 
changes expected if the heterotropic allosteric ef-
fects are coupled to the same quaternary confor-
mational change as homotropic cooperativity. 
 It has already been noted that the simplest 
solution to implementing both heterotropic allosteric 
effects and homotropic cooperativity is to tie them 
to the same quaternary conformational change and 
that this solution seems to have been hit upon by 
natural selection in many instances. There are, 
however, observations of physical properties of 
allosteric enzymes for which no more than two 
quaternary conformations have been observed 
crystallographically that are presented as evidence 
for the existence of more than two quaternary 
conformations involved in their heterotropic 
and homotropic allosteric effects. For example, 
changes in fluorescence of the single tryptophan in 
pyruvate kinase from G. stearothermophilus, which 
is distant from both the active sites and the site at 
which the heterotropic allosteric activator ∂-ribose 

5-phosphate binds, indicate that association of the 
reactant phosphoenolpyruvate, the concentration of 
which affects the initial rate of the enzymatic reaction 
cooperatively, produces an R conformation that is 
distinct from the conformation produced by asso-
ciation of ∂-ribose 5-phosphate.191 
 Ten of the cross peaks that shifted the most in 
two-dimensional TROSY nuclear magnetic resonance 
spectra of the methyl groups of isoleucines in 
6-phosphofructokinase from G. stearothermophilus 
were observed in solutions containing no ligands, 
saturating concentrations of the substrate ∂-fructose-
6-phosphate, saturating concentrations of the hetero-
tropic allosteric inhibitor phosphoenolpyruvate, 
and saturating concentrations of both ∂-fructose-
6-phosphate and phosphoenolpyruvate. The shifts 
observed in these 10 cross peaks indicated that there 
were more than just two quaternary conformations 
of the enzyme under all these conditions.55 
 Such observations, however, could be con-
sistent with the existence of only two quaternary 
conformations of the enzyme if local conforma-
tional changes were clearly distinguished from 
quaternary conformational changes, as was done 
with aspartate carbamoyltransferase. 
 At first glance, mutations of an allosteric enzyme 
that eliminate cooperativity without eliminating 
heterotropic allosteric inhibition192-194 would seem 
to suggest that different conformational equilibria 
are responsible for cooperativity and heterotropic 
allosteric inhibition. For example, when Arginine 234 
in the catalytic subunit of aspartate carbamoyl-
transferase is mutated to serine, the Hill coefficient 
describing the effect of the concentration of 
¬-aspartate on the enzymatic activity decreases 
from 2.3 to a value indistinguishable from 1.0. 
Another explanation of such an observation, how-
ever, is that the mutation has changed the rate-
limiting step in the enzymatic reaction so that the 
initial rate of the enzymatic reaction is no longer 
directly proportional to the occupation of the active 
site by reactant. Consequently, the underlying coop-
erativity in association of reactant with the active 
site is no longer manifest in the effect of the con-
centration of reactant on the initial rate. In fact, 
mutation of Arginine 234 decreases the value for 
the catalytic proficiency of the enzyme, k0 Km,asp

-1, 
by a factor of 2000, and it would not be surprising if 
such a large change were due to a change in rate-
limiting step for the enzymatic reaction. The concen-
tration of ¬-serine, a heterotropic allosteric inhibitor 
of phosphoglycerate dehydrogenase from E. coli, 
affects the initial rate of the enzymatic reaction 
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cooperatively (Hill coefficient = 2.0 ± 0.07), but 
mutation of Glycine 294 to valine eliminates this 
cooperativity (Hill coefficient = 1.08 ± 0.04) on its 
effect on the initial rate, even though ¬-serine binds 
to its allosteric site on the mutant enzyme with the 
same degree of cooperativity (Hill coefficient = 2.0) 
with which it binds to the wild-type enzyme.195,196 
 Unfortunately, in instances in which a mutation 
eliminates cooperativity in the steady-state kinetics 
as a function of the concentration of a reactant but 
does not eliminate heterotropic allosteric effects, a 
threefold demonstration that the mutation elimi-
nates the cooperativity of the actual association of 
reactant with the active site, that the mutation does 
not alter the ability of a heterotropic allosteric 
inhibitor to inhibit the binding of reactant to the 
active site, and that, for the mutant, the binding of 
reactant remains noncooperative even in the presence 
of inhibitor has not been presented. These three 
observations would be necessary to conclude that 
the conformational equilibrium responsible for 
cooperativity of a reactant is different from the 
conformational equilibrium responsible for hetero-
tropic allosteric inhibition. 
 When Glutamate 23 in chorismate mutase 
(previously Equation 1-161) 

      
                (6-104) 

from S. cerevisiae, which is a homodimer, is mutated 
to aspartate, the Hill coefficient describing the effect 
of the concentration of chorismate on enzymatic 
activity decreases from 1.5 to a value indistinguishable 
from 1.0 in the absence of ¬-tyrosine, its hetero-
tropic allosteric inhibitor, and from 1.7 to a value 
indistinguishable from 1.0 in the presence of 100 mM 
¬-tyrosine. The concentration of chorismate at 
which the initial rate of the enzymatic reaction is 
half the limiting rate, however, is still increased by 
¬-tyrosine from 4.5 to 9.5 mM, a change similar to 
the increase observed in the wild type (from 4.0 to 
6.7 mM).197 Furthermore, association of ¬-tyrosine 
with one heterotropic allosteric site in the homodimer 
increases the microscopic dissociation constant of 
¬-tryptophan from the other site by a factor of 3, 
and association of ¬-tryptophan with one hetero-

tropic allosteric site increases the microscopic disso-
ciation constant of ¬-tyrosine from the other site by 
a factor of 3. These two facts would be consistent 
with their competition for the two quaternary confor-
mations observed crystallographically, but neither 
¬-tyrosine nor ¬-tryptophan binds to the enzyme 
cooperatively,* which is inconsistent with the exist-
ence of only those two quaternary rotationally 
symmetric quaternary conformations.198 If there 
were only those two conformations, either the hetero-
tropic allosteric inhibitor ¬-tyrosine or the hetero-
tropic allosteric activator ¬-tryptophan would have 
to associate cooperatively with the unoccupied 
enzyme. These results suggest that heterotropic 
allosteric effects are confined to the individual 
subunits, even though the cooperativity in the effect 
of the concentration of chorismate on the enzymatic 
activity would seem to require that its association 
with the active site be linked to the quaternary con-
formational change between the two rotationally 
symmetric conformations. These considerations 
suggest that homotropic cooperativity and hetero-
tropic allosteric behavior in the case of chorismate 
mutase are not linked to the same conformational 
change and that there exists at least a third quaternary 
conformation in which one subunit has assumed an 
H conformation and the other a V conformation. 
 Although the simplest strategy for a protein that 
displays both homotropic cooperativity and hetero-
tropic allosteric behavior is to link these two processes 
to the same conformational change between two 
quaternary conformations at equilibrium with each 
other, it appears that natural selection has produced 
at least some proteins if not many that have the 
ability to assume more than two quaternary confor-
mations, the conformational changes among which 
are linked arbitrarily to the binding of the various 
ligands. The stable radical 1-oxyl-2,2,6,6-tetramethyl-
piperidine, when it is covalently bound to glycogen 
phosphorylase from O. cuniculus (Figure 6-20), 
detects changes in the distribution of conformations 
in solutions of the protein (Figure 6-15). The 
changes detected by the radical when the hetero-
tropic allosteric activator AMP2- is bound by glycogen 
phosphorylase b differ significantly from those caused 
by the substrate ∂-glucose 1-phosphate. The complete 
set of results suggests that the enzyme can assume 
four distinct conformations variously linked to the 
binding of ligands.199 A distinction between quater-
nary conformations and local conformations was 
                                                
*In fact, association of the first ¬-tyrosine (KdY = 70 mM) seems 
to increase the microscopic dissociation constant for association 
of the second (KdY = 180 mM). 
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not made. The existence, however, of enzymes in 
which the conformational change responsible for 
heterotropic allosteric effects is different from that 
responsible for homotropic cooperativity is irrelevant 
to the issue of whether or not homotropic coopera-
tivity arises from the ability of an oligomeric protein 
to exist in only quaternary conformations in which 
symmetry is conserved that was discussed earlier. 
 The argument to this point has emphasized, 
albeit not exclusively, an explanation of hetero-
tropic allosteric effects as a result of the ability of 
the effector to shift an equilibrium between two or 
more symmetric quaternary conformations. This 
argument follows from the principle that symmetry 
is conserved in the conformational changes of a 
homooligomeric protein. This view seems to be held 
by a majority of investigators, given the wide use of 
the terms T conformation and R conformation. As 
has been already mentioned, however, there are 
heterotropic allosteric effects that cannot be explained 
satisfactorily in this way. The failure of such an 
explanation often results in cases in which there 
are a large number of heterotropic allosteric effects 
on association of a ligand or the kinetics of an enzy-
matic reaction. For example, there are heterotropic 
allosteric effects on association of molecular oxygen 
with hemoglobin caused by changes in pH, as well 
as heterotropic allosteric effects on the kinetics of 
association of oxygen, that do not seem to be linked 
to the quaternary conformational equilibria that 
conserve symmetry.* In this instance, it has been 
shown that local conformational changes within 
the subunits of hemoglobin that do not exert signif-
icant influence on the well-established quaternary 
conformational changes of the protein (Figure 6-1) 
can explain these effects that cannot be explained 
solely by a shift in the equilibrium between these 
quaternary conformations.200 In a sense, the fact 
that these allosteric conformational changes that 
take place entirely within the individual subunits is a 
corollary to the conclusion that heterotropic allosteric 
effects can be linked to a conformational change in 
a monomeric protein. It is still a conformational 
explanation of heterotropic allosteric effects that 
relies on the linkage of association of a ligand on a 
conformational equilibrium, only it is a local confor-
mational equilibrium between two or more confor-
mations confined within each subunit. 

                                                
*It should be noted that hemoglobin is a weak example of the 
principle of conservation of symmetry because it is an (ab)2 
heterodimer. Nevertheless, the issue is the existence of local 
conformational equilibria unlinked to quaternary conforma-
tional equilibria. 

 Heterotropic allosteric effectors usually alter 
the cooperativity of association of substrates and 
reactants with an active site. Such changes are to 
be expected. Assume for the moment that there are 
only two symmetric quaternary conformations of 
the enzyme, the T conformation that predominates 
in the presence of saturating concentrations of a 
heterotropic allosteric inhibitor and the R conforma-
tion that predominates in the presence of saturat-
ing concentrations of reactants for the enzyme or 
heterotropic allosteric activators. Assume also that 
cooperativity of the steady-state kinetics mirrors 
the cooperativity of association of reactants with 
the active site. If the effects manifested by a hetero-
tropic allosteric effector are exerted through the 
same quaternary conformational change as that 
controlled by homotropically cooperative reactant 
or reactants, then the change in cooperativity of the 
initial rate as a function of the concentration of a 
reactant will depend on which conformation of the 
enzyme is favored in the absence of heterotropic 
allosteric ligands. 
 If the effect of the concentration of a reactant 
on the initial rate of the enzymatic reaction or the 
binding of a substrate to the otherwise unoccupied 
enzyme is homotropically cooperative, then the T con-
formation dominates in the absence of all ligands. 
Because a heterotropic allosteric inhibitor increases 
the stability of the T conformation and increases 
the value for the allosteric constant L (Equation 
6-100), it should increase the degree of homotropic 
cooperativity and increase the sigmoidicity, up to 
the point at which the reactant can no longer signifi-
cantly shift the equilibrium from the T to the 
R conformation. For example, the heterotropic 
allosteric inhibitor ¬-isoleucine increases the Hill 
coefficient, nH, for the initial rate of threonine 
ammonia-lyase from Mycolicibacterium smegmatis 
as a function of ¬-threonine201 from 2.4 to 3.1; the 
heterotropic allosteric inhibitor phosphoenolpyruvate 
increases the Hill coefficient for the initial rate of 
6-phosphofructokinase from Thermus thermophilus 
as a function of ∂-fructose 6-phosphate202 from 1.5 
to 2.5; and the sigmoidicity of the initial rate of 
aspartate carbamoyltransferase as a function of the 
concentration of ¬-aspartate (Figure 6-3) is greater 
in the presence of MgCTP2- and MgUTP2- (nH = 2.7) 
than in their absence (nH = 2.0). In the case of aspar-
tate transcarbamoylase, the allosteric constant in 
the absence of heterotropic allosteric inhibitors, L0, 
is greater than 1, but heterotropic allosteric inhibitors 
increase this conformational equilibrium constant. 
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 Suppose that either the initial rate of the enzy-
matic reaction as a function of the concentration of 
a reactant or the association of a reactant for an 
otherwise unoccupied enzyme that can exist in 
both T and R conformations is not cooperative but 
rectangularly hyperbolic. There are two possible 
explanations for this observation. First, in the absence 
of substrate or reactant and the absence of hetero-
tropic allosteric effectors, the R conformation is 
dominant (L0 < 1). Second, the T conformation is so 
dominant (L0KdA > KAdA) that neither substrate nor 
reactant at saturation can shift the equilibrium 
between the R and T conformations significantly. If 
the former explanation applies, because the reactant 
associates only with the dominant R conformation 
and the allosteric constant L becomes even smaller 
upon its association, then both binding and transfor-
mation of the reactant are noncooperative, rectangu-
larly hyperbolic functions of its concentration. When a 
heterotropic allosteric inhibitor is added, however, 
it shifts the conformational equilibrium in favor 
of the T conformation by increasing the allosteric 
constant L. If its presence shifts the equilibrium so 
that the allosteric constant is greater than 1, then 
homotropic cooperativity of association of reactant 
or the initial rate as a function of the concentration 
of reactant will be observed where none was in the 
absence of inhibitor. 
 It is frequently observed that a heterotropic 
allosteric inhibitor can cause a rectangularly hyper-
bolic effect of the concentration of a reactant on 
the initial rate of an enzymatic reaction to become 
cooperative.203,204 For example, the presence of the 
heterotropic allosteric inhibitor ¬-lysine causes the 
effect of ¬-aspartate-4-semialdehyde on the initial 
rate of the reaction catalyzed by 4-hydroxy-tetrahydro-
dipicolinate synthase from from C. jejuni, which is 
rectangularly hyperbolic in the absence of inhibitor, 
to become cooperative (Figure 6-22). The fact that, 
in the absence of ¬-lysine, the enzyme is predomi-
nantly in the R conformation, which would explain 
the absence of cooperativity in this situation, is 
consistent with the fact that inhibition of the enzyme 
is a significantly cooperative function (nH = 2.0) of 
the concentration of ¬-lysine.205 ¬-Arginine, a hetero-
tropic allosteric inhibitor, also converts the effect of 
the concentration of ¬-glutamate on the initial rate 
of amino-acid N-acetyltransferase from N. gonor-
rhoeae from rectangularly hyperbolic to cooperative 
(Figure 6-23).142 Combinations of the three hetero-
tropic allosteric inhibitors ¬-tryptophan, ¬-tyrosine, 
and ¬-phenylalanine convert the effect of the concen-
tration of ∂-erythrose 4-phosphate on the initial 

rate of 3-deoxy-7-phosphoheptulonate synthase 
from M.tuberculosis from rectangularly hyperbolic to 
cooperative (Figure 6-26). Phosphoenolpyruvate, a 
heterotropic allosteric inhibitor, converts the effect 
of the concentration of ∂-fructose 6-phosphate on 
the initial rate of 6-phosphofructokinase from 
G. stearothermophilus from rectangularly hyperbolic 
to cooperative (Figure 6-17B). 
 The most obvious explanation for such behavior 
is that, in the absence of heterotropic allosteric inhib-
itor, the allosteric constant L0 is less than 1, so the 
enzyme is almost completely in the R conformation 
at all concentrations of reactant. As has already 
been noted, ¬-phenylalanine causes the effect of 
phosphoenolpyruvate on the initial rate of the reaction 
catalyzed by pyruvate kinase from O. cuniculus, 
which is rectangularly hyperbolic in the absence of 
heterotropic allosteric inhibitor, to become coop-
erative (Figure 6-27A). The fact that the binding of the 
heterotropic allosteric inhibitor ¬-phenylalanine 
with unoccupied pyruvate kinase is cooperative 
(Figure 6-28)30 is consistent with the proposal that 
L0 is less than 1 for this enzyme, that the 
R conformation predominates in the absence of 
ligands, and that ¬-phenylalanine has a smaller 
dissociation constant from the T conformation 
than it does from the R conformation so that associa-
tion of ¬-phenylalanine with the otherwise unoccu-
pied enzyme is cooperative. In a situation where L0 
is less than 1, association of reactant with the 
R conformation would be the same as association 
of any ligand to a homooligomer with only one 
quaternary conformation, which is always rectangu-
larly hyperbolic, while association of a heterotropic 
allosteric inhibitor, by shifting the equilibrium in 
favor of the T conformation, will be cooperative. 
Only when a heterotropic allosteric inhibitor shifts 
the equilibrium between the T and the R conforma-
tions so that the T conformation is present in high 
enough concentration in the absence of reactant 
will the reactant associate with the enzyme cooper-
atively. This explanation, however, requires that 
both heterotropic allosteric inhibitor and reactant 
shift the same equilibrium between the same two 
conformations. 
 Mutations of an allosterically regulated enzyme 
can also convert the effect of the concentration of a 
reactant on the initial rate of the enzymatic reaction 
from rectangularly hyperbolic to cooperative.206 
Again, the explanation is that before the mutation 
the allosteric equilibrium constant favors the 
R conformation and after the mutation it favors the 
T conformation. 
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Figure 6-30: Heterotropic allosteric inhibition of threonine 
ammonia-lyase from E. coli by ¬-isoleucine.15 Solutions contained 
0.4 mM pyridoxal phosphate, 0.1 mM MgCl2, various concentra-
tions of ¬-isoleucine, various concentrations of ¬-threonine, 
and 0.1 M potassium phosphate at pH 8.05 and 27 ªC. The reac-
tion was initiated by adding a sample from a partially purified 
preparation of threonine ammonia-lyase. After suitable intervals, 
the samples were quenched by adding acid. The concentration 
of 2-oxobutanoate in each sample was determined by adding 
2,4-dinitrophenylhydrazine, extracting the 2,4-dinitrophenyl-
hydrazone of 2-oxobutanoate with ethyl acetate, and measuring 
the absorbance of the extract at 360 nm. Each initial rate (v0 in 
nanomolar minute-1) is plotted as a function of the respective 
concentration of ¬-isoleucine (millimolar) at two initial concentra-
tions of ¬-threonine: 5 mM (2) and 20 mM (3). 
 
 
 
 Reciprocally, it has also been observed that a 
reactant that displays cooperativity in its associa-
tion with the active site can cause a rectangularly 
hyperbolic effect of the concentration of a hetero-
tropic allosteric inhibitor on the initial rate of an 
enzymatic reaction to become cooperative. For 
example, the inhibition of threonine ammonia-
lyase from E. coli by the heterotropic allosteric 
inhibitor ¬-isoleucine is rectangularly hyperbolic at 
low concentrations of the reactant ¬-threonine but 
becomes cooperative at higher concentrations 
(Figure 6-30).15 An explanation for this behavior is 
that, at low concentrations of ¬-threonine, L0 is 
greater than 1 and the T conformation predominates. 
Consequently, ¬-isoleucine associates noncoopera-
tively with this dominant T conformation, from 
which it has a smaller dissociation constant than it 
does from the R conformation, and it simply shifts 
the equilibrium constant more in favor of the 
T conformation. The reactant ¬-threonine, however, 
has a smaller dissociation constant from the 
R conformation than from the T conformation, and 
at high enough concentrations, it shifts the equilib-
rium in favor of the R conformation. When it does, 
association of ¬-isoleucine then becomes cooperative. 

Again, this explanation requires the same equilibrium 
between the same two conformations to produce 
both heterotropic allosteric inhibition and cooper-
ativity; in this case, cooperativity in association of 
inhibitor rather than in association of reactant. 
 Because it must increase the stability of the R con-
formation and decrease the value for the allosteric 
constant L, a heterotropic allosteric activator should 
decrease the degree of homotropic cooperativity 
displayed by a reactant. For example, ¬-valine, a 
heterotropic allosteric activator of threonine ammo-
nia-lyase from M. smegmatis, decreases the Hill 
coefficient, nH, of the initial rate of the enzymatic 
reaction as a function of the concentration of the 
reactant ¬-threonine201 from 2.4 to 1.1. In the extreme, 
where the difference in affinity of the two conforma-
tions for heterotropic allosteric activator is sufficient 
to invert the value for the equilibrium constant for 
conformational change in the absence of reactant, 
the protein will be mostly in the R conformation in 
the presence of saturating concentrations of the 
activator even in the absence of other ligands. This 
latter limit is reached in the activation of aspartate 
carbamoyltransferase in the presence of MgATP2– 
and MgGTP2-, which activate aspartate carbamoyl-
transferase from E. coli by decreasing both k0 and 
kasp and also eliminate cooperativity in the depend-
ence of the initial rate of the enzyme on ¬-aspartate 
(Figure 6-3). 
 Reactants that normally display homotropic 
cooperativity often no longer display this behavior 
in the presence of a heterotropic allosteric activa-
tor.15,191,207-209 Acetyl-SCoA is a heterotropic allosteric 
activator of phosphoenolpyruvate carboxylase. In 
this way, flow through the Krebs cycle is increased 
when levels of acetyl-SCoA are high. Acetyl-SCoA, in its 
role as heterotropic allosteric activator, eliminates the 
cooperativity of the initial rate of phosphoenolpyru-
vate carboxylase from S. typhimurium as a function 
of the concentration of phosphoenolpyruvate.210 
 Magnesium ADP-, a heterotropic allosteric 
activator of 6-phosphofructokinase from E. coli, 
increases the specificity constant, kF6P, for ∂-fructose 
6-phosphate (F6P) while phosphoenolpyruvate, a 
heterotropic allosteric inhibitor, decreases it, yet 
both MgADP- and phosphoenolpyruvate decrease 
cooperativity in the dependence of the initial rate 
of the enzyme on the initial concentration of 
∂-fructose 6-phosphate.19 An explanation for this 
observation is that the activator shifts the equi-
librium between the conformations so that the 
R conformation dominates in the absence of reactant 
while the inhibitor shifts the equilibrium so heavily 
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in the direction of the T conformation that even 
saturating concentrations of reactant cannot shift it 
sufficiently in the direction of the R conformation 
to overcome the shift caused by the inhibitor. 
 Such situations, however, in which either an 
activator or an inhibitor decreases cooperativity or 
both do, cannot provide evidence for the existence 
of only one equilibrium between two confor-
mations of the enzyme. Although this behavior can 
be explained by the existence of only two confor-
mations, it can also be explained as readily by the 
existence of separate conformational equilibria, one 
for heterotropic allosteric effects and another for 
cooperativity. In this case, a heterotropic allosteric 
effector would shift the enzyme into the third quater-
nary conformation, which would simply associate 
with reactant as would a normal homooligomer in 
which there is no quaternary conformational 
change linked to the association. Consequently, 
such behavior provides no evidence in favor of the 
effectors and reactants controlling the equilibrium 
between the same two conformations. Likewise, the 
observation that a heterotropic allosteric inhibitor 
causes the effects of a heterotropic allosteric activator 
to become cooperative15 can be just as consistent 
with separate equilibria responsible for heterotropic 
allosteric effects and for cooperativity. Again this 
ambiguity is a consequence of the fact that any 
explanation for observed behavior of equilibria or 
observed kinetics can always be expanded by adding 
additional participants and remain consistent with 
the observations. Nevertheless, these effects of ligands 
on the observed cooperativity are those expected 
from the existence of only two quaternary confor-
mations that are responsible for them. 
 
 There are many examples of simple hetero-
tropic allosteric inhibition by a single inhibitor, 
simple heterotropic allosteric activation by a single 
activator, and even simple heterotropic allosteric 
inhibition and activation by a single inhibitor and 
a single activator. Many enzymes, however, are 
controlled by complicated combinations of classical 
competitive inhibition, heterotropic allosteric inhibi-
tion, and heterotropic allosteric activation exerted 
by several inhibitors and activators associating 
both with the active site and with more than one 
allosteric site. 
 Glycogen phosphorylase (Equation 6-66) releases 
∂-glucose, the primary source of immediate metabolic 
energy in an animal, from glycogen. Glycogen 
phosphorylase b from O. cuniculus is controlled, as 
might be expected, by a large collection of different   

 

 
 
 
 
heterotropic allosteric effectors (Table 6-2) that asso-
ciate with one or more of five distinct sites (Figure 
6-20) and affect the equilibrium or equilibria between 
two or more conformations of the enzyme. The site 
for heterotropic allosteric effectors (AE) binds AMP2-, 
a heterotropic allosteric activator of the enzyme 
that signals a need for metabolic energy,211,212 but 
the enzyme is inhibited when this site is occupied 
by MgATP2-.213 It was proposed that opposite effects 
from the same site can occur because AMP2- binds 
more tightly to only one conformation while MgATP2– 
prevents the binding of AMP2- but has no effect on 
the conformational equilibria. A similar situation 
occurs in the catalytic (C) site. ∂-Glucose 1-phosphate, 
acting as a reactant, shifts the conformational equi-
librium in favor of a more active conformation,213 
while ∂-glucose, also binding at the active site as a 
simple competitive inhibitor,214 shifts it in favor of a 
less active or inactive conformation to shut down 
glycogen utilization when levels of ∂-glucose are 
high.215 

Table 6-2: Effects of Various Ligands on the 
Conformational Equilibria between 
Enzymatically Active and Inactive 
Conformations of Glycogen Phosphorylase 
from O. cuniculus 

ligand   sitea conformer 

AMP- AE active 

MgATP2- AE neitherb 

∂-glucose 
      6-phosphate 

G6P neither 

∂-glucose 
1-phosphate 

C active 

∂-glucose  C inactive 

adenosine I inactive 

caffeine  I inactivec 

glycogen G active 

aNamed as in Figure 6–20. bCompetes with AMP for nucleotide 
site. cSynergistic with ∂-glucose.dBinds at a site adjacent to 
the nucleotide site and competes with AMP. 
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 Sandwiched between Phenylalanine 285 and 
Tyrosine 613 in the enzyme from O. cuniculus is 
another site, the site for nucleoside inhibitors (I), at 
which planar heterocycles such as those in caffeine, 
adenine, inosine, adenosine, AMP2-, MgATP2-, or 
flavin mononucleotide can bind.216 These ligands are 
all heterotropic allosteric inhibitors of the enzyme. 
Because either ∂-glucose, binding to the active site, 
or any one of these inhibitors, binding to the site 
for nucleoside inhibitors, shifts the conformational 
equilibrium in favor of a less active or inactive con-
formation or conformations of the enzyme, when 
both ∂-glucose and one of these other inhibitors are 
present, they inhibit the enzyme in concert.216,217 
∂-Glucose increases the apparent dissociation con-
stant for any one of these inhibitory heterocyclic 
compounds by independently shifting the confor-
mational equilibrium constant in favor of the 
R conformation, with which they associate less 
avidly. 
 ∂-Glucose 6-phosphate binds at a site (G6P) 
that is immediately adjacent to the site for hetero-
tropic allosteric effectors. When it is bound at this 
site, one of its phosphate oxygens overlaps the lo-
cation at which one of the phosphate oxygens of 
AMP2- is bound.110 Consequently, AMP2- cannot 
bind to the site and activate the enzyme because of 
steric exclusion, which explains the inhibition of 
activation by AMP2- manifested by ∂-glucose 6-phos-
phate. This makes sense because glycogenolysis 
should not be activated when the concentration of 
a glycolytic intermediate such as ∂-glucose 
6-phosphate is high. 
 Finally, there is a site at which the enzyme 
normally binds to glycogen, the glycogen storage 
site (G). When a polysaccharide occupies this site, 
in the absence of AMP2-, the conformational equi-
librium or equilibria is shifted in favor of the active 
conformation and the enzymatic reaction is accel-
erated.218 
 
 The first-order rate constants for the confor-
mational changes that accompany changes in the 
affinity of a homooligomer in either the binding of 
its ligands or its enzymatic activity have a wide 
range of values. These conformational changes are 
unimolecular isomerizations of the folded polypep-
tides within the oligomer that can lead to alterations 
in the orientations of its subunits. 
 The kinetics of isomerizations that occur when 
carbon monoxide is photodissociated from the four 
hemes in fully occupied human hemoglobin have 
been studied extensively. Upon complete and almost 

instantaneous dissociation of bound carbon monox-
ides, the molecules of hemoglobin are almost all in 
the R conformation, which then converts to the 
T conformation (Figure 6-1). A rapid change in the 
scattering of X-rays at small angles, which monitors 
directly the quaternary conformational change,219 
occurs with a rate constant of approximately 0.5 ms-1 
at 20ª C. This rate constant is indistinguishable 
from the rate constant of approximately 2 ms-1 for a 
change in circular dichroic absorption at 340 nm, 
arising from tryptophan and tyrosines in the inter-
faces between the subunits,220 and from the rate 
constant of 1.3 ms-1 for a change in absorption 
between 400 and 480 nm, the region in which the 
heme absorbs.221 These coincidences are consistent 
with the conclusion that these changes all monitor 
the rapid global quaternary conformational change 
from the R to the T conformation. Less rapid changes 
in infrared signals in Raman spectra are thought 
also to arise from the interfaces between the subu-
nits.222 Less rapid changes in the circular dichroic 
spectrum at 340 nm220 occur with rate constants 
between 0.05 and 0.1 ms-1 and may be monitoring 
final readjustments in the R conformation. There 
are also more rapid changes in absorption of the heme 
and in the resonance Raman infrared spectrum 
that have been assigned to local conformational 
changes around the heme in response to its unoccu-
pation. The rate constant for the conformational 
relaxation223 that occurs after aspartate carbamoyl-
transferase in the R conformation associates with 
MgCTP2- is 0.01 ms-1 at pH 7.0 and 25 ªC. All these 
processes are quite rapid when compared to catalytic 
constants of enzymes. The opening and closing of 
the active sites of enzymes such as hexokinase 
(Figure 3-55) and citrate synthase must also proceed 
at rates greater than or equal to the turnover numbers 
for these enzymes. 
 There are, however, many conformational 
changes that have slow rates. When 6-phospho-
fructokinase (Equation 6-28) from O. cuniculus is 
preincubated with heterotropic allosteric activators 
and then diluted for enzymatic assay, its enzymatic 
activity is quite high at first but then decreases 
slowly to the steady-state rate.224 When the enzyme 
is preincubated with heterotropic allosteric inhibitors 
and then diluted for assay, its enzymatic activity is 
low at first but then increases slowly to the steady-
state rate. These decreases and increases in enzy-
matic activity reflect the slow rate constant for the 
conformational changes responsible for heterotropic 
allosteric effects. The first-order rate constants for 
these relaxations are between 0.003 and 0.03 s-1 
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at pH 7.5 and 25 ªC. Very similar behavior is also 
observed225 with human amidophosphoribosyl-
transferase (previously Equation 4-313) 

  
                (6-105) 

The slow conformational change in this instance has 
a rate constant of about 0.005 s-1 at 25 ªC. Formally, 
there is no distinction except in magnitude between a 
rapid and a slow conformational relaxation. It may, 
however, be the case that the rate of conformational 
change has evolved to match the rates of the particular 
fluctuations in concentration of effectors to which 
the enzyme is adapted to respond. 
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Problem 6-6: The reaction catalyzed by 3-deoxy-
7-phosphoheptulonate synthase (see Equation 3-17) 

 

is the first committed reaction in the biosynthesis 
of ¬-phenylalanine and ¬-tyrosine. The reaction of 
the enzyme from E. coli is allosterically inhibited175 
by both ¬-phenylalanine and ¬-tyrosine. Below are 
some of the kinetic results that describe this hetero-
tropic allosteric inhibition. 

 

Inhibition of 3-deoxy-7-phosphoheptulonate synthase by  
¬-tyrosine.226 The reaction mixtures for the observations in 
Panel A contained 2 mM phosphoenolpyruvate, ∂-erythrose 
4-phosphate as indicated, 0.13 mg of protein mL-1, and 0.1 M 
potassium phosphate at pH 6.4. The reaction mixtures for the 
observations in Panel B contained 2 mM ∂-erythrose 4-phos-
phate, phosphoenolpyruvate as indicated, 0.1 mg of protein 
mL-1, and 0.1 M potassium phosphate at pH 6.4. All reaction 
mixtures were incubated for 10 min at 37 ªC, and the amount 
of 3-deoxy-∂-arabino-hept-2-ulosonate 7-phosphate formed 
was determined. Each reciprocal of the initial rate of the enzy-
matic reaction (v0 in micromolar of 3-deoxy-∂-arabino-hept-
2-ulosonate 7-phosphate produced second-1) is plotted as a 
function of the reciprocal of the concentrations of reactant, 
either (A) erythrose 4-phosphate (eryth 4-P; millimolar) or (B) 
phosphoenolpyruvate (PEP; millimolar). The concentrations of 
¬-tyrosine in the reaction mixtures for each line were, in each 
panel in ascending order, 0, 20, and 40 mM. 

 

Inhibition of 3-deoxy-7-phosphoheptulonate synthase by ¬-phenyl-
alanine.226 The procedure was the same as described above, 
with the exceptions that ¬-phenylalanine was used to inhibit the 
enzyme rather than ¬-tyrosine and that the reaction mixtures 
contained 0.13 mg of protein mL-1 (Panel A) or 0.09 mg of protein 
mL-1 (Panel B). The concentrations of ¬-phenylalanine in the 
reaction mixtures for each line were, in each panel in ascending 
order, 0, 20, and, 40 mM. 
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 (A) Do the heterotropic allosteric inhibitors 
¬-phenylalanine and ¬-tyrosine compete 
with any reactant?  

 (B) Extend the lines in each figure and decide 
whether the heterotropic allosteric inhibitors 
might affect dissociation constants for 
∂-erythrose 4-phosphate (eryth 4-P) from 
the enzyme.  

 (C) What kinetic parameter of the enzymatic reac-
tion is affected by association of inhibitors 
with the enzyme?  

 (D) Assume that there are two conformations of 
the enzyme, R and T, in equilibrium with 
each other and that ¬-phenylalanine affects 
this equilibrium. Draw the linkage relation 
between binding of ¬-phenylalanine and the 
conformational equilibrium of the enzyme. 

 (E) If 
   L0 = [T] [R]-1 
  KdPhe = [R][Phe] [R·Phe]-1 
  KAdPhe = [T][Phe] [T·Phe]-1 
  LPhe = [T·Phe] [R·Phe]-1 
 
  what is the relation between these four equi-

librium constants?  
 (F) To explain the effect of ¬-phenylalanine on 

the properties of the enzyme, what probably 
are values for L0 and LPhe with respect to 1 if 
KAdPhe << KdPhe?  

 

Problem 6-7: The Bohr effect of hemoglobin is the 
change in the affinity of hemoglobin (Hb) for molec-
ular oxygen with a change in pH. It is due to a hetero-
tropic allosteric interaction between hydrons (H+) 
and molecular oxygen (O2). The main experimental 
facts can be approximated in the following way. An 
approximation is made to simplify the situation and 
elucidate underlying principles. The main simplifi-
cation is to ignore homotropic cooperativity. 

 (a) The reaction between Hb and O2 can be de-
scribed by the following equilibrium. 

 

 (b)  At pH 7, the apparent dissociation constant 
KdO2,app for this reaction is 18 mM.  

 (c) The apparent dissociation constant changes 
with pH, reaching a constant minimum value of 
2.5 mM above pH 9.5 and a constant maximum value 
of 50 mM  below pH 6.0.  

 (d)  If a 0.1 mM solution of oxygenated hemoglobin 
(Hb·O2) in unbuffered 0.2 M NaCl at pH 7 is deoxy-
genated by bubbling with N2, the pH of the resulting 
solution increases by 0.26 pH unit. 

 (e) Assume that the reaction of interest between 
hemoglobin and hydronium can be considered a 
consequence of the ionization of a single amino acid 
side chain in each ab dimer.  

 (f) The curves for the binding of molecular oxygen 
by Hb have been determined at several different 
values of pH. The reaction measured experimentally 
is  

        

where [HbO2,t] = [Hb·O2] + [Hb·H+·O2], [Hbt] = [Hb] + 
[Hb·H+], and KdO2,app = [Hbt][O2] [Hb·O2,t]-1.  

Values of the apparent dissociation constants for 
molecular oxygen from hemoglobin are as follows. 
 

pH KdO2,app 
(mM) 

pH KdO2,app 
(mM) 

10.0 2.5 7.0 25 
  9.0 3.0 6.5 37 
  8.25 4.8 6.0 45 
  7.6 13 5.0 50 

 
 (A) Define the four microscopic equilibrium 

constants: KdO2, KdO2,H+, KaHb, and KaHb·O2. 
Write the reactions to which they refer.  

 (B) Show that KdO2KaHbO2 = KdO2,H+KaHb.  
 (C) How many equilibrium constants are inde-

pendent ones? 
 (D) By using the relations between the equilibrium 

constants derived above, show that K dO2,app 
is a function of only [H+] and give the math-
ematical relation.  

 (E) Plot log K dO2,app against pH. Explain the 
shape of the curve in terms of the equation 
in part D.  

 (F) If the pKa for the oxygen-linked group in deox-
yhemoglobin (pKaHb) were 8.5, what would 
be the pKa of this group in oxyhemoglobin, 
pKaHbO2

?  
 (G) Explain observation d.  

 

HbO2  1  Hb  +  O2

HbO2,t            Hbt  +  O2

K d,O2,app
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Problem 6-8: The enzyme AMP deaminase from 
O. cuniculus catalyzes the following reaction: 

     
The enzyme is a tetramer and is activated by K+. 
The kinetics of this activation, with respect to the 
concentration of AMP2-, are displayed in Panel A of the 
following figure. Open circles are the data gathered 
in the presence of a nonactivating cation (tetramethyl-
ammonium); filled circles are the data gathered in 
the presence of K+. Panel B of the figure is simply a 
replot of the data by the Hill equation. 

 
Effect of the concentration of AMP2- on the initial rate of AMP 
deaminase227 in the presence and absence of K+. Assays were 
run at various concentrations of AMP, 0.15 M tetramethyl-
ammonium chloride (2) or 0.15 M KCl (3), and 50 mM imidaz-
olium chloride at pH 6.5 and 30 ªC. (A) Initial rate (v0, in second-1) 
with respect to the initial concentration of AMP2- ([AMP]0; 
millimolar). (B) Plots of data from Panel A in the format of the 
Hill equation (Equation 6-9). 

 Potassium ion activates the enzyme by increasing 
its apparent affinity for AMP2- without altering its 
limiting rate and by eliminating the cooperativity 
for the effect of AMP2- on enzymatic rate. 
 
 (A) Assume that there are two forms of the enzyme, 

R and T, in equilibrium with each other and 
that both K+ and AMP2- can shift that equi-
librium. Draw the two linkage relations that 
connect the binding of either K+ or the first 
AMP2- to the conformational equilibrium of 
the enzyme. Abbreviate K+ as K and AMP2- as 
AMP.  

 (B) By definition 
 
    L0 = [T] [R]-1 
    LK = [K·T] [K·R]-1 
    LAMP = [T·AMP] [R·AMP]-1 
    KdAMP = [R][AMP] [R·AMP]-1 
    KAdAMP = [T][AMP] [T·AMP]-1 
    KdK = [K][R] [K·R]-1 
    KAdK = [K][T] [K·T]-1 
 
  Write two fundamental equalities relating some 

of these equilibrium constants with others.  
 (C) Assume that the R conformation has a higher 

affinity for AMP2- than the T conformation; 
in other words, KdAMP < KAdAMP. What must be 
true for the value of L0 to explain the cooper-
ativity of the enzyme in the absence of K+? 

 (D) What must be true for values of L0 and LK to 
explain K+ activation?  

 (E) Why does activation by K+ result in the loss 
of cooperativity?  

 (F) Why does K+ affect only the Michaelis constant 
for AMP2- rather than the limiting rate, V?  
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Interfaces and Oligomeric Associations  

 The quaternary conformational changes con-
trolled by ligands, substrates, and heterotropic allo-
steric effectors involve reorientations of the folded 
polypeptides that constitute the oligomer with 
respect to each other. These reorientations occur 
at the interfaces between the subunits. Within each 
interface there are two faces, and it is these faces that 
reorient relative to each other. For these reorienta-
tions to proceed, changes in the molecular contacts 
within the interfaces that hold the oligomer together 
must occur. These contacts within the interface are 
between amino acid side chains and portions of the 
polypeptide backbones that are in the two faces. 
These changes in orientation can be seen at the 
interfaces in hemoglobin as their faces shift during 
the quaternary conformational change. 
 Crystallographic molecular models are available 
for human hemoglobin both in its unliganded, 
deoxy (T) conformation228 and in its liganded, oxy 
(R) conformation. The latter hemoglobin is either in a 
complex with molecular oxygen,229 its physiological 
ligand, or in a complex with carbon monoxide,230 a 
congener of molecular oxygen. The more extensive231 
identical interfaces between subunits a1 and b1 and 
between subunits a2 and b2 (Figure 6-1) remain 
the same in each quaternary conformation. The two 
interfaces that change—namely, the less extensive 
interfaces between subunits a1 and b2 (Figure 6-31)1

 
and between subunits a2 and b1—are also identical 
to each other both before and after the conforma-
tional change because of the twofold rotational axis 
of symmetry relating the two ab dimers. Passing 
through the center of each identical interface, a1b2 
and a2b1, is a twofold rotational axis of pseudo-
symmetry (normal to the page in Figure 6–31), so 
each interface has two similar pairs of contacts 
related by this axis. These two pseudosymmetric 
pairs of contacts are formed by the third a helix 
(helix C) of one subunit interdigitating with a loop 
of polypeptide (the FG corner) between the sixth 
and seventh a helices of the other subunit and the 
third a helix (helix C) of the other subunit interdigi-
tating with the loop of polypeptide (the FG corner) 
between the sixth and seventh a helices of the first 
subunit. 
 Because the axis, however, is a rotational axis of 
pseudosymmetry, these two sets of contacts related 
by it adjust differently to the conformational change. 
Within the juxtaposition of the FG corner of subunit a1 
 
 

 
 
Figure 6-31: Schematic diagram of the arrangement of an 
a1 subunit and a b 2 subunit that forms the a1b2 interface in 
the crystallographic molecular model of hemoglobin.1 The 
crystallographic molecular models of deoxyhemoglobin and 
carbonmonoxyhemoglobin described in Figure 6-1 were used 
to draw the diagram and provide the disposition of an 
a1 subunit and a b 2 subunit. Because the a1b 2 interface 
shown here rearranges significantly during the conformational 
change, the diagram represents neither model but is an average 
structure that is intended simply to display the disposition of 
secondary structures at the interface in both molecular models. 
The hemes are seen side-on in this view as hatched trapezoids. 
The a helices that form the majority of the protein are labeled 
consecutively A-H from the amino terminus (labeled "amino") 
to the carboxy terminus (labeled "carboxy") of each subunit. 
The a1b 2 interface is formed from the FG corners and the 
C a helices. The twofold rotational axis of pseudosymmetry is 
normal to the page and passes through the center of the structure. 
Reprinted with permission from reference 1. Copyright 1979 
Elsevier. https://doi.org/10.1016/0022-2836(79)90277-8 
 
 
 
 
and helix C of subunit b2 (Figure 6-31), the arrange-
ment of the interlocking contacts among the three 
amino acids from subunit a1 and the two amino 
acids from subunit b2 remain the same during the 
conformational change, and the shift in the orien-
tations of the subunits is accommodated by plastically 
shifting the conformations and atomic contacts 
among these five amino acids.1 Within the juxta-
position of the FG corner of subunit b2 and helix C 
of subunit a1 (Figure 6-31), however, which are in 
the same interface between subunits a1 and b2, the 
order of the amino acids in the interdigitations 
shifts to accommodate the new orientation as the 
two faces of this interface slide across each other.  
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For example, Histidine 97 from the FG corner of the 
b2 subunit packs between Threonine 41 and Pro-
line 44 from the C helix of subunit a1 in the deoxy 
conformation, but it shifts over to pack between 
Threonines 38 and 41 in the oxy conformation. It has 
been proposed that this alternation between only 
two discrete accessible and stable interdigitations 
within this second juxtaposition is the reason that 
there are only two conformations of the oligomer.1 
 At the hemes, the difference in affinity for oxygen 
between the deoxy and oxy conformations arises 
from a shift in the position of the sixth helix (helix F) 
that causes the iron to be pulled out of the plane of 
the heme in the deoxy conformation but to reside 
within the plane of the heme in the oxy confor-
mation (Figure 2-53). The connection between this 
shift and the quaternary conformational change 
can be thought of in two equivalent ways. On the 
one hand, it could be concluded that a change in 
quaternary conformation causes the interfaces involv-
ing the FG corners to change their structure, pushing 
or pulling the covalently connected helix F across 
the heme and changing the affinity for oxygen. On 
the other hand, it could be concluded that the 
binding of oxygen pulls the iron into the plane of 
the heme, which in turn pulls on helix F and lowers 
the stability of the deoxy conformation because the 
shifted helix can be accommodated most effectively 
in the oxy conformation. These two views of the 
conformational change are not mutually exclusive; 
in fact, they are probably two sides of the same 
coin. The most important point is that the change in 
conformation be coupled indivisibly to the change 
in affinity of the hemes for oxygen. This coupling of 
a conformational change to a functional change is 
the reason that conformational changes permit 
cooperativity and heterotropic allosteric control, as 
well as the conformational conversion of chemical 
and mechanical energy. 
 Crystallographic molecular models are available 
for aspartate carbamoyltransferase in the T conforma-
tion, to which MgCTP2- is bound,62 and in the R con-
formation, to which N-(phosphonacetyl)-¬-aspartate 
is bound.6,51 During the quaternary conformational 
change (Figure 6-2)—which involves rotation of the 
catalytic a subunits relative to each other, opening 
up of the space between them, and tilting of the 
regulatory b subunits—several changes occur in the 
interfaces among the subunits.6 An extensive interface 
between each catalytic a subunit and the regulatory 
b subunit immediately adjacent to it but in the other 
half of the oligomer is present in the T conformation 
but not in the R conformation because the expansion 

of the space between the two catalytic trimers sunders 
it. An interface between each catalytic a subunit 
and the catalytic a subunit adjacent to it in the other 
half of the oligomer that is present in the T confor-
mation (Figure 6-8) is also drastically altered and 
almost eliminated during the conformational change 
as the a3 trimers move apart. These two interfaces pre-
sumably would act to stabilize the T conformation 
relative to the R conformation. The interface between 
adjacent subunits in each trimer of catalytic a sub-
units, however, becomes more extensive in the 
R conformation than in the T conformation, which 
would operate in the opposite direction. The main 
interface between a catalytic a subunit and a regu-
latory b subunit, which acts as one of the six identical, 
symmetrically displayed pivots during the quaternary 
conformational change, sustains a significant number 
of changes in atomic contacts, as might be expected 
during such a rotation of b subunits relative to 
a subunits. Overall, however, the number of contacts 
in that interface also increases upon the change 
from the T to the R conformation. 
 When atomic contacts across the various inter-
faces are examined in detail, 31 are lost and 25 differ-
ent ones are gained for each of the six asymmetric 
units, comprising one catalytic a subunit and one 
regulatory b subunit, upon the transition from the 
T to the R conformation. This accounting, however, 
is a deceptive tally because large changes in the 
number of contacts (34 lost and 48 gained for 
each asymmetric unit) also occur within the folded 
polypeptides themselves, and there is no reason to 
focus on only one category of changes to explain 
the overall differences in stability between the two 
quaternary conformations. In addition, there was 
no distinction made between the contacts lost and 
gained within each subunit as a result of local 
conformational changes and those lost or gained as 
a result of the quaternary conformational change. 
 One of the more remarkable aspects of the 
structure of many of the interfaces the faces of 
which shift during the conformational changes 
producing allosteric behavior, such as the two in 
human hemoglobin, is their relatively small extent. 
For example, the homotetramer of porcine fructose-
bisphosphatase (Equation 6-62) is held together by 
four interfaces between the four subunits. Because 
of the 222(D2) symmetry of the molecule, the four 
interfaces consist of two identical pairs. The quater-
nary conformational change between the T and 
R conformations includes a reorientation of the 
subunits that involves only one pair of interfaces. 
Within each of these two symmetrically identical 
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interfaces that are involved in the quaternary confor-
mational change, there are two faces, one from 
each subunit across the interface. It is these faces 
that reorient, and it is changes in the structures of 
these faces that cause the reorientation. As a result 
of these changes, the two faces shift relative to each 
other, causing the two dimers to rotate by 17ª around 
the twofold rotational axis of symmetry relative to 
each other.37 The symmetrically identical interfaces 
in the other pair are more extensive, and they do 
not experience a shift in the orientation of their two 
constituent faces during the quaternary conforma-
tional change. In the pair in which the faces reorient, 
each symmetrically identical interface is formed by 
contacts among only 20 amino acids from one face 
and 24 amino acids from the other. In the pair in 
which the faces do not reorient, each interface is 
formed by contacts among 48 amino acids from 
one face and 52 amino acids from the other.232 In 
this instance, the interfaces within which the faces 
shift during the allosteric quaternary conformational 
change are less extensive by a significant margin. 
 Each pair of symmetrically related interfaces 
within which the faces reorient when the deoxy 
conformation of hemoglobin turns into the oxy 
conformation (Figure 6-31) involves only 11 amino 
acids from each subunit.231 The interface between 
two subunits in glycogen phosphorylase from O. cuni-
culus is at a neck connecting the two much wider 
globular subunits (Figure 6-32).214,486 The twofold 
rotational axis of symmetry passes through the center 
of the neck, which is formed from several loops of 
polypeptide that interdigitate symmetrically around 
the axis (Figure 6–32). The narrow cross section of 
the neck relative to the centers of the two subunits 
causes this interface to be less extensive than those 
usually encountered in oligomers that do not display 
allostery. 
 It is within such interfaces in which the faces 
shift that the changes in orientation among the 
folded polypeptides occur. Most enzymes (85%) are 
either dimers or tetramers with 222(D2) symmetry 
formed from identical folded polypeptides.233 Twofold 
rotational axes of symmetry run through the centers 
of the interfaces holding together such homooligo-
mers, and an overall change in structure within one 
of these rotationally symmetric interfaces includes 
a pair of identical reorientations of its faces. These 
interfaces are related to each other by the twofold 
rotational axis of symmetry. That these pairs of 
structural changes, because they are identical to 
each other, are required to occur simultaneously is 
the reason the symmetry is maintained. The binding 

of ligand to one subunit causes local conformational 
changes that destabilize the quaternary conformation. 
The interfaces, however, remain symmetric and in 
the unliganded conformation until the number of 
ligands bound is sufficient to shift the equilibrium 
constant for the quaternary conformational change 
of the oligomer to the other side of unity. Then, as the 
quaternary conformational change of the oligomer 
commences, it cannot stop at some intermediate 
asymmetric state because the interfaces among the 
subunits do not mesh properly until a symmetrical 
oligomer of the other conformation is formed.15 
The difference of a few kilojoules mole-1 of standard 
free energy between the imprecise fit at the interfaces 
in an asymmetrical oligomer and the precise fit in 
a symmetrical oligomer dictates that the ligand-
linked quaternary conformational changes built 
into the sequence of amino acids for each subunit 
occur in concert during the quaternary conforma-
tional change of the oligomer. 
 
 When the faces within less extensive interfaces 
shift relative to each other during a quaternary 
conformational change, the dissociation constant 
between the two folded polypeptides on the two 
sides of the interface necessarily changes. Because 
these interfaces are often puny, the larger homo-
oligomer in which these puny interfaces are located 
sometimes dissociates into smaller homooligomers 
when it associates with or dissociates from its ligands, 
substrates, or heterotropic allosteric effectors. Disso-
ciation occurs because the dissociation constant 
for the symmetric interfaces increases as the result 
of reorientation of its faces that occurs during the 
quaternary conformational change. In a dimer, there 
is only one interface with identical halves holding 
the oligomer together, as with the dimer of glycogen 
phosphorylase (Figure 6-32). When the dissociation 
constant for this interface increases, the dimer can 
split into two monomers. In a tetramer, there are 
four or six interfaces holding the oligomer together—
two or three symmetrically arrayed pairs of identical 
interfaces—through each of which passes a molecular 
twofold rotational axis of symmetry. Usually one 
pair of identical interfaces in a homotetramer is 
stronger than the other pair or pairs and is much 
less affected by the quaternary conformational 
change, as is the case in fructose-bisphosphatase. 
When dissociation constants for the weaker pair or 
pairs of interfaces increase during the change in 
quaternary conformation, whether the change occurs 
by association or dissociation of ligands, the tetramer 
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Figure 6-32: Stereodrawing485 of the two polypeptide back-
bones in the crystallographic molecular model486 of the 
a2 dimer of glycogen phosphorylase b from O. cuniculus. The 
crystals were of space group P 43212, and a single subunit 
(841 aa) occupied the asymmetric unit. The only ligand observed 
in the map of electron density was the prosthetic pyridoxal 

phosphate. In the figure, the two subunits (thick and thin lines) 
of the a2 dimer are displayed around the crystallographic twofold 
rotational axes of symmetry, which in this view is normal to the 
page. The interface between the subunits is peculiar in that it is 
formed by interdigitating strands that create a neck between 
the two globular structures. 
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can split into two dimers, each of which retains the 
strong interface unaffected by the conformational 
change 
 A reactant, heterotropic allosteric activator, 
or heterotropic allosteric inhibitor can change one 
or the other of these dissociation constants and either 
effect such a dissociation or, in reverse, promote 
association of the halves that are products of such a 
dissociation.* The isoenzyme of aspartate kinase 
(Equation 6-103) in E. coli that is inhibited alloster-
ically by ¬-lysine is a homodimer.234 Two of these 
homodimers exist in equilibrium with a tetrameric 
dimer of dimers within a particular range of concen-
tration of protein. Addition of ¬-lysine shifts the 
equilibrium in favor of the tetramer.235 Human amido-
phosphoribosyltransferase (Equation 6-105) is a 
homotetramer that exists in equilibrium with its 
two dimers. Addition of AMP2-, a heterotropic allo-
steric inhibitor,236 also shifts the equilibrium in favor 
of the tetramer.237 
 In the two previous examples, the binding of a 
heterotropic allosteric inhibitor promoted associa-
tion of dimers to a tetramer, but association of a 
substrate, heterotropic allosteric inhibitor, or hetero-
tropic activator can promote either association or 
dissociation of an oligomer. The heterotropic allo-
steric inhibitor phosphoenolpyruvate shifts the 
equilibrium between dimers and tetramers in favor 
of dimers of 6-phosphofructokinase from G. stearo-
thermophilus, promoting dissociation of the tetramer 
(Figure 6-9) into dimers, which occurs at the pair of 
identical symmetrically displayed interfaces in which 
the faces shift in their relative orientation during the 
quaternary conformational change.27,238 In the case 
of threonine ammonia-lyase from Arabidopsis thali-
ana, the heterotropic allosteric inhibitor ¬-isoleu-
cine239 also shifts the equilibrium between dimers 
and tetramers in favor of dimers.240 The binding of 
either molecular oxygen or carbon monoxide, each 
a homologue of a substrate for an enzyme, promotes 
dissociation of the stable (ab)2 tetramer of human 
deoxyhemoglobin (Figure 6-1) into ab dimers.241 
The heterotropic allosteric activator242 MgGTP2– 
shifts the equilibrium between dimers and tetramers 
in favor of tetramers of uracil phosphoribosyltrans-
ferase from Toxoplasma gondii.243 And ∂-ribulose 
5-phosphate, a cooperative substrate, promotes 
association of two monomers of human ribulose-

                                                
*By microscopic reversibility, the removal of any ligand that 
causes dissociation of a homooligomer must cause its reasso-
ciation, and the removal of any ligand that promotes the 
association of the halves of a homooligomer must cause its 
dissociation. 

phosphate 3-epimerase to form a dimer, which is 
the more enzymatically active quaternary form of 
the enzyme.244,245 
 In a few instances, dimers of a particular enzyme 
are in equilibrium with an oligomer larger than a 
tetramer, and the equilibrium is affected by a substrate 
or heterotropic allosteric effector.246 For example, 
rotationally symmetric dimers of a rare allele of 
human porphobilinogen synthase are in equilibrium 
with octamers and also in equilibrium with hexa-
mers.247 Each octamer is a tetramer of the dimers 
arrayed around a fourfold rotational axis of symmetry. 
There are eight identical interfaces among the four 
dimers, not counting those that hold the dimers 
together, and these interfaces are symmetrically 
related by the fourfold rotational axis of symmetry. 
Each hexamer of dimers is arrayed around a three-
fold rotational axis of symmetry, and there are six 
identical interfaces among the dimers, distinct 
from the eight that produce the octamer, arrayed 
around the threefold axis of symmetry. In both the 
octamer and the hexamer, however, none of these 
interfaces connecting the homodimers—eight in 
the octamer and six in the hexamer—has a twofold 
rotational axis running through it because the indi-
vidual subunits participating in these interfaces are 
arranged about the threefold and fourfold axes of 
symmetry, respectively, as are the catalytic subunits 
in aspartate carbamoyltranferase (Figure 6-2), head 
to tail. The interface within a dimer is the strong 
one while the eight and the six interfaces holding 
together each octamer and hexamer, respectively, 
are weak. Association of the substrate, 5-amino-
levulinate, shifts the equilibrium from one in favor of 
hexamers to one in favor of octamers.248 Association 
of substrate alters the conformation of the surface 
of each subunit in a dimer in such a way that the 
two faces on the surface of each subunit that partici-
pates in formation of the hexamer no longer can do 
so and the two faces on each subunit that participates 
in formation of the octamer can now do so. 
 So far, all but one of the examples of oligomeric 
enzymes in which an equilibrium between monomer 
and dimer or between dimer and tetramer, hexamer, 
or octamer is shifted by heterotropic allosteric effec-
tors and substrates are cases in which the active 
site is removed from or distant from the interface 
or interfaces that dissociate or the faces that asso-
ciate.234,245,247,249-252 In these instances, a direct effect 
of dissociation of the interface or association of the 
faces in the oligomer on the enzymatic activity cannot 
occur, even though there could well be indirect effects, 
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which would be difficult to dissect from the global 
conformational change itself. 
 In the case of 6-phosphofructokinase from 
G. stearothermophilus, however, a portion of the 
active site is in the interface the faces of which shift 
upon the quaternary conformational change (Fig-
ure 6-9). In the crystallographic molecular model of 
the homotetramer, the active site of which is occupied 
by fructose 6-phosphate and MgADP-, it can be 
seen that fructose 6-phosphate occupies a subsite 
in which two of the eight side chains forming the 
subsite are from the subunit opposite the one that 
provides the other six.27,253 Both 6-phosphofructo-
kinase from G. stearothermophilus238 and 6-phospho-
fructokinase from S. aureus (59% identity; 0.6 gap 
percent) are homotetramers that exist in equilibrium 
with the respective two homodimers. Each tetramer 
is enzymatically active, and the dimer is inactive. 
Addition of phosphoenolpyruvate, a heterotropic 
allosteric inhibitor, shifts the equilibrium between 
tetramer and dimers of 6-phosphofructokinase from 
G. stearothermophilus in favor of the enzymatically 
inactive dimer. Addition of MgATP2-, an inhibitor 
as well as being a substrate, shifts the equilibrium 
between tetramer and dimers of 6-phosphofructo-
kinase from S. aureus27 in favor of the enzymatically 
inactive dimer. Because the subsite for fructose 
6-phosphate is in the interface, there is no complete 
active site in the dimer, and it is only formed when 
the tetramer forms. Consequently, the tetramerization 
has a direct effect on the enzymatic activity, and it 
seems reasonable to assume that dissociation of the 
tetramer, at least in part, explains the inhibition. In 
most cases, however, there cannot be a direct effect 
because of the usual remove of the active site from 
the interface. 
 
 The observed effect of a substrate or hetero-
tropic allosteric effector on the molar concentrations 
of monomers and dimers, or of dimers and tetra-
mers, in equilibrium with each other in a particular 
solution depends on both the dissociation constant 
for the oligomer and the concentration of the protein 
in solution. For the moment, define dimer D as either 
a homodimer of monomers or a homodimer of 
homodimers, which is by definition a homotetramer 
of 222(D2) symmetry, and define monomer M as 
the monomer forming that homodimer or the homo-
dimer forming that homotetramer with 222(D2) 
symmetry. Also assume, as has been noted, that a 
homotetramer of 222(D2) symmetry almost always 
or always dissociates into two homodimers. The 

equation for the equilibrium between dimer D and 
monomer M is  

             (6-106) 

and the dissociation constant for dimer D is  

            (6-107) 

Because the dissociation constant is the quotient of 
the square of the concentration of monomer M and 
the unsquared concentration of dimer D, the observed 
concentrations of monomers and dimers, respectively, 
depends on the total concentration of the protein. 
If 

           (6-108) 

is the equation for conservation of mass, where [M]t 
is the total concentration of monomers in solution, 
both those present as free monomers M and those 
present as dimers D, then the fraction of total mono-
mers that are free monomers* 

      (6-109) 

and the fraction of total monomers that comprise 
dimers 

        
                (6-110) 

From these two equations, it can be seen that, when 
the concentrations of all other components remain 
the same, as the total concentration of monomers—
and hence the concentration of the protein—is 
increased, the concentration of monomers decreases 
and the concentration of dimers increases. The 
equations apply to dissociation of any oligomer, 
not just homodimers and homotetramers, into two 
equal parts—for example, dissociation of the hetero-
tetramer of hemoglobin.  
                                                
*This equation differs from that in Yu and Pettigrew254 only in 
the definition of what constitutes a subunit. 
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Figure 6-33: Dissociation of glycerol kinase from E. coli that 
occurs when the protein is diluted.254 Glutamate 478, which is on 
the surface of glycerol kinase, was mutated to cysteine. Although 
there are five cysteines in the native protein, none is accessible 
for reaction when the protein is in a solution containing 
2 mM glycerol and 2 mM MgATP2-. The mutant protein was 
modified with 5-(iodoacetamido)-2¢,7¢-difluorofluorescein in 
2 mM glycerol, 2 mM ATP4-, and 0.1 M triethanolammonium 
chloride at pH 8.0. At the completion of the reaction, 0.35 mole 
of 2¢,7¢-difluorofluorescein was incorporated for every mole of 
subunit. The anisotropy of fluorescence (lexcitation = 485 nm; 
lemission = 515 nm) was assessed in a solution of 2 mM glycerol, 
0.1 mM ethylenediaminetetraacetate, 0.1 mM 2-sulfanylethanol, 
various concentrations of the heterotropic allosteric inhibitor 
∂-fructose 1,6-bisphosphate, and 0.1 M triethylammonium 
chloride at pH 7.0. The anisotropy is plotted as a function of 
the total concentration of subunits of glycerol kinase in the 
solution (nanomolar). The axis of the abscissa is in a common 
logarithmic scale. The concentrations of ∂-fructose 1,6-bisphos-
phate, in descending order, were 0, 0.05, 0.1, 0.2, 0.3, 0.5, 1, 5, 
10, 20, and 50 mM. Each curve is a fit of Equations 6-109, 
6-110, and 6-112 to the data. 
 
 
 
 Glycerol kinase (previously Equation 4-283)  

  
                (6-111) 

from E. coli can be a homodimer or a homotetramer 
of 222(D2) symmetry, and these two oligomers are in 
rapid equilibrium with each other. The active sites 
are distant from the interfaces involved in dissocia-
tion and association.255 The enzyme was modified 
with 5-(iodoacetamido)-2¢,7¢-difluorofluorescein at 
 

a cysteine in each of its polypeptides. The steady-state 
fluorescent anisotropy of the fluorophore, which is 
a function of rotational diffusion of the oligomer to 
which it is attached, depends on whether it is attached 
to a subunit in a dimer or a subunit in a tetramer. The 
tetramer has lower anisotropy than the dimer because 
its rotational diffusion is less. Consequently, it is 
possible to follow, by fluorescent anisotropy, the 
equilibrium concentrations of dimers and tetramers 
of glycerol kinase in equilibrium with each other as 
a function of the total concentration of dimers in 
solution (Figure 6-33).254 If the monomer in this 
dissociation is defined as the homodimer and the 
dimer in this dissociation is defined as the homo-
tetramer, then the observed steady-state anisotropy 

              (6-112) 

where r–M is the steady-state anisotropy of the 
monomer and r–D is the steady-state anisotropy of 
the dimer, and the fractions of monomer and dimer 
are defined by Equations 6-109 and 6-110. As the 
total concentration of monomers is increased, the 
ratio between the concentration of monomers and 
the concentration of dimers decreases, as expected. 
 ∂-Fructose 1,6-bisphosphate is a heterotropic 
allosteric inhibitor of glycerol kinase from E. coli. 
Its two sites for binding are in two of the interfaces 
between the subunits in the tetramer of glycerol 
kinase, and both sites sit upon the same twofold 
rotational axis of symmetry passing through these 
two interfaces. Consequently, the site for binding of 
∂-fructose 1,6-bisphosphate is formed from the 
same side chains on each subunit, which are related 
by the local twofold rotational axis of symmetry, 
and there are only two sites on each tetramer.114 As 
might be predicted, ∂-fructose 1,6-bisphosphate 
binds more tightly to the tetramer, so as the concen-
tration of ∂-fructose 1,6-bisphosphate is increased, 
the tetramer becomes more stable (Figure 6-33), 
and its apparent dissociation constant becomes 
smaller. The curves in the figure are all fits of Equa-
tions 6-109, 6-110, and 6-112 to the data, and the 
apparent dissociation constant, Kd4,app, obtained 
from these fits decreases as the concentration of 
fructose 1,6-bisphosphate increases. 
 An equation for the dissociation constant of the 
tetramer was derived from a simple set of linked 
equilibria 
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                (6-113) 

In this equation, the intrinsic dissociation constants 
of fructose 1,6-bisphosphate from the dimer, KAdL, 
and from the tetramer, KdL, differ. Consequently, 
the linked dissociation constants of the unoccupied 
tetramer, KAdD2

, the tetramer occupied by one fructose 
1,6-bisphosphate, KAdL·D2

 and the tetramer occupied 
by two fructose 1,6-bisphosphates, KAdL2·D2

, also must 
differ from each other. Association of a second 
fructose 1,6-bisphosphate with the dimer prevents 
that doubly occupied dimer from associating with 
another occupied dimer. The decrease in the apparent 
dissociation constant for the tetramer as the concen-
tration of fructose 1,6-bisphosphate is increased 
(Figure 6-33) could be fit with the equation derived 
from these linked equilibria and the intrinsic disso-
ciation constants of KdL = 0.1 mM and K¢dL = 20 mM. 
As expected, the dissociation constant for fructose 
1,6-bisphosphate is smaller for the tetramer than 
for the dimer. 
 It is clear, from a consideration of the horizontal 
asymptotes for the lines in Figure 6-33, that if the 
dissociation constant for the tetramer of glycerol 
kinase were large enough, then only dimers of the 
enzyme would be observed at all concentrations of 
enzyme and all concentrations of ∂-fructose 
1,6-bisphosphate. It is also clear that if the dissocia-
tion constant were small enough, then only tetramers 
would be observed. Consequently, if concentrations 
of enzyme that were too small had been chosen, no 
association of dimers would have been observed, 
or if concentrations of enzyme that were too large 
had been chosen, no dissociation of tetramers 
would have been observed, yet the binding of hetero- 
 

tropic allosteric inhibitor would still be changing 
the dissociation constant of the tetramer. 
 In the case of association of fructose 1,6-bisphos-
phate with glycerol kinase, there was no consideration 
of the fact that it is a heterotropic allosteric inhibitor 
of the enzyme, only that it is a ligand that happens 
to associate within the interface between the dimers 
in the tetramer, and hence its association is linked 
to dissociation of the tetramer. The ability of sub-
strates, heterotropic allosteric effectors, and other 
ligands to change the dissociation constant for a 
dimer into two monomers, or for a dimer of dimers 
into two dimers, when sites with which they associate 
are distant from the interfaces that dissociate is also 
a consequence of linkage. In addition, because the 
faces in the interface in a dimer or the faces in the 
two weak interfaces in a dimer of dimers shift during 
the quaternary conformational changes that are 
responsible for cooperativity, the same linkage that 
produces cooperativity is also responsible for 
changing the dissociation constants for those inter-
faces. 
 Assume that the protein is a dimer but remember 
that the same derivation applies to a tetramer of 
222(D2) symmetry that dissociates into homodimers 
at the weakest pair or pairs of interfaces. Assume 
that sites for association of a particular ligand, L, 
are not within the interface that dissociates so that 
their effect on dissociation of the dimer is solely the 
result of their effect on the equilibrium between 
two quaternary conformations, T and R. Since the 
allosteric interface between the two monomers in 
the dimer must differ between the two quaternary 
conformations and this difference must result in a 
change in the dissociation constant of the inter-
face, the effect of the ligand on the equilibrium 
constant between the two conformations results in 
a linked effect on the dissociation constant for the 
dimer. Remember also that the allosteric interfaces 
in an allosteric tetramer of 222(D2) symmetry change 
both their structure and the orientation of their two 
faces upon association of ligand and that they are 
almost always the weak interfaces that dissociate. 
 Consider the following linkage relation for an 
allosteric dimer associating with ligand L 

 

 

 

 

2 L  +  D· 

D

               L·D· 

D

  +  L                 L·D· 

D· L

2 L  +  2 D                 L·D  +  D  +  L                  2 L·D
1/ 2 K ¢dL                                          2  K ¢dL                          

K dD2 
                 K dL·D2

                           K dL2·D2

1/ 2 K dL                           2 K dL

K ¢dL
2

2 L·D·L



Global Conformational Change 
 

1766 

 

(6-114) 

 
 
 
where 

           (6-115) 

and 

           (6-116) 

The dissociation constant for ligand L from the 
monomer 

          (6-117) 

The rest of the equilibrium constants have their 
usual definition. The apparent dissociation constant 
for the dimer 

 
                  (6-118) 

 
 
 
 
 
 
 

 
 
 
With the above definitions  

  
                (6-119) 

with the following limits 

          (6-120) 

       
                (6-121) 

 When L0 > 1, the T conformation predominates 
in the absence of ligand. If KAdL > KdL, then the ligand 
shifts the equilibrium in favor of the R conformation. 
In this situation, in the absence of ligand, the apparent 
dissociation constant of the dimer into two monomers 
is KdR2

 L0
-1, which is simply KdT2

, the dissociation 
constant for the dimer in the T conformation. In 
the presence of saturating concentrations of ligand, 
however, the apparent dissociation constant for the 
dimer is KdTKAdL

2 (K0
dL

2)-1, which is the dissociation 
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constant of the dimer in the T conformation shifted by 
the difference in dissociation constants for the ligand 
from the T conformation and from the monomer, 
respectively, just as any dissociation of a dimer is 
shifted by a difference in the dissociation constant 
for the ligand between dimer and monomer. If 
KAdL

2 (K0
dL

2)-1 < 1, then the apparent dissociation 
constant for the dimer will decrease at all concen-
trations of ligand L until saturation because the 
dissociation constant of ligand from the monomer is 
larger than that from the dimer. If KAdL

2 (K0
dL

2)-1 > 1, 
then the dissociation constant for the dimer will 
increase at all concentrations of ligand L until satu-
ration. 
 When L0 < 1, the R conformation predominates 
in the absence of ligand. If KAdL < KdL, then the ligand 
shifts the equilibrium in favor of the T conformation. 
In the absence of ligand, the apparent dissociation 
constant is KdR2

, the dissociation constant for the 
R conformation. In the presence of saturating concen-
trations of ligand, however, the apparent dissociation 
constant is KdRKdL

2 (K0
dL

2)-1, which is the dissociation 
constant of the dimer in the R conformation shifted 
by the difference in dissociation constants for the 
ligand from the R conformation and from the 
monomer. If KdL

2 (K0
dL

2)-1 < 1, then the dissociation 
constant for the dimer will decrease at all concentra-
tions of ligand L until saturation. If KdL

2 (K0
dL

2)-1 > 1, 
then the dissociation constant for the dimer will 
increase at all concentrations of ligand L until satu-
ration. 
 The usual limits to cooperative and heterotropic 
allosteric behavior apply. If L0 > KAdL

2 (KdL
2)-1 > 1, 

then the ligand will be unable to shift the equilibrium 
sufficiently (Equation 6-114), and almost all the 
dimer will remain in the T conformation at all concen-
trations of ligand, and no change in its dissociation 
constant will be observed. If L0 < KAdL

2 (KdL
2)-1 < 1, 

then the ligand will be unable to shift the equilibrium 
sufficiently to produce significant concentrations 
of the T conformation, almost all of the dimer will 
remain in the R conformation at all concentrations of 
ligand, and no change in its dissociation constant will 
be observed. 
 ∂-Fructose 1,6-bisphosphate is a heterotropic 
allosteric inhibitor of glycerol kinase, and its inhibition 
of enzymatic activity shows a degree of cooperativity 
(nH = 1.5). In the absence of substrates, however, 
the enzyme is probably in the T conformation and 
remains in the T conformation as ∂-fructose 
1,6-bisphosphate associates because it is a hetero-
tropic allosteric inhibitor. Consequently, the decrease 
in dissociation constant observed with increasing 

concentration of ∂-fructose 1,6-bisphosphate (Fig-
ure 6-33) most likely represents only the fact that 
the dissociation constant for ∂-fructose 1,6-bisphos-
phate from the dimer (the monomer in Equation 
6-114) is significantly larger than its dissociation 
constant from the tetramer in the T conformation 
(the dimer in the T conformation in Equation 6-114) 
without the complication of the allosteric confor-
mational change.* 
 If the ligand is a heterotropic allosteric inhibitor 
and the inhibitor alone shifts the allosteric equilib-
rium from the R conformation in its absence to the 
T conformation at saturating concentrations, then 
KAdL < KdL and KAdL

2 (KdL
2)-1 < L0 < 1. In the absence 

of inhibitor, the apparent dissociation constant of 
the dimer is 

           (6-122) 

and at saturating concentrations of inhibitor, it is 

     
                (6-123) 

In the absence of inhibitor, the apparent dissocia-
tion constant is that of the R conformation; and at 
saturating concentrations of inhibitor, the apparent 
dissociation constant is that of the dimer in the 
T conformation shifted by the difference in disso-
ciation constants for the ligand from the 
T conformation and from the monomer (Equation 
6-114). 
 If KAdL

2 (L0K0
dL

2)-1 < 1, then the dissociation 
constant for the dimer at saturating concentrations 
of heterotropic allosteric inhibitor will be less than 
that in the absence of inhibitor. In the case of aspartate 
kinase from E. coli, dimers of the enzyme associate 
to form dimers of dimers upon binding of the hetero-
tropic allosteric inhibitor ¬-lysine.234 
 If KAdL

2 (L0K0
dL

2)-1 > 1, then the dissociation 
constant for the dimer at saturating concentrations 
of heterotropic allosteric inhibitor will be greater 
than that in the absence of ligand. In the case of 
6-phosphofructokinase from G. stearothermophilus, 
the dimer of dimers dissociates into two dimers 
upon binding of the heterotropic allosteric inhibitor 
phosphoenolpyruvate.238 
                                                
*With, however, the already noted complication of the inhibition 
of association of the dimers caused by the association of two 
∂-fructose 1,6-bisphosphates with the dimer. 
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 If the ligand is a heterotropic allosteric activator 
or substrate and the ligand alone shifts the allosteric 
equilibrium from the T conformation in its absence to 
the R conformation at saturating concentrations, then 
KAdL > KdL and KAdL

2 (KdL
2)-1 > L0 > 1. In the absence 

of activator or substrate, the apparent dissociation 
constant of the dimer is 

       (6-124) 

and at saturating concentrations of activator or 
substrate, it is 

    
                (6-125) 

In the absence of ligand, the apparent dissociation 
constant is that for the T conformation; and at 
saturating concentrations of ligand, the apparent 
dissociation constant is that for the dimer in the 
R conformation shifted by the difference in dissoci-
ation constants for the ligand from the R conformation 
and from the monomer (Equation 6-114). 
 If L0KdL

2 (K0
dL

2)-1 < 1, then the dissociation con-
stant for the dimer at saturating concentrations of 
activator or substrate will be less than that in the 
absence of activator or substrate. For example, 
association of the substrate ∂-ribulose 5-phosphate 
with human ribulose-phosphate 3-epimerase causes 
monomers of the enzyme to dimerize.244,245 
 If L0KdL

2 (K0
dL

2)-1 > 1, then the dissociation con-
stant for the dimer at saturating concentrations of 
activator or substrate will be greater than that in the 
absence of activator or substrate. For example, 
(ab)2 tetramers of human hemoglobin dissociate to 
ab dimers upon association with molecular oxygen,241 
its substrate. 
 There is one peculiarity of Equation 6-119. If one 
examines its behavior as a function of the concentra-
tion of ligand when there is no ligand present and 
when there is a saturating concentration of ligand, 
the decrease to a smaller value for the apparent 
dissociation constant at saturation or the increase 
to a larger value at saturation is not necessarily 
monotonic. There can be inflections and inversions 
in the value before saturation is reached. These in-
flections can be disconcerting. 

 For the moment, consider the two following, 
perhaps unlikely, situations. For one particular 
protein, if a ligand is observed to be a heterotropic  
 
allosteric inhibitor and the dissociation constant for 
that ligand from the dimer in the T conformation is 
the same as its dissociation constant from the 
monomer, then the dissociation constant for the 
dimer at saturation with inhibitor (Equation 6-123) 
would have to be greater than its dissociation constant 
in the absence of inhibitor (Equation 6-122) because 
L0 < 1 or heterotropic allosteric inhibition would 
not be observed. For a different protein, if a ligand 
is observed to be a heterotropic allosteric activator 
and the dissociation constant for that ligand from 
the dimer in the R conformation is the same as its 
dissociation constant from the monomer, then the 
dissociation constant for the dimer at saturation 
with inhibitor (Equation 6-125) would have to be 
greater than its dissociation constant in the absence 
of inhibitor (Equation 6-124) because L0 > 1 or hetero-
tropic allosteric activation would not be observed. 
These considerations suggest, counterintuitively, 
that if these equalities and inequalities describe 
these two different situations, then association of 
an observed heterotropic allosteric inhibitor to the 
first protein and association of an observed hetero-
tropic allosteric activator to the second protein biases 
each equilibrium between dimer and monomer in 
favor of the monomer. 
 Suppose that the apparent dissociation constant 
of the dimer is larger when either a heterotropic allo-
steric inhibitor or activator is present at saturation 
than in their absence. In this case, addition of the 
inhibitor or activator could cause dissociation of 
the dimer, which would diminish and eventually 
eliminate cooperativity and any further heterotropic 
allosteric effects because the monomer can display 
neither of these properties. To avoid this possibility, 
the quotient of the dissociation constant for the 
inhibitor from the T conformation and its dissocia-
tion constant from the monomer or the quotient of 
the dissociation constant for the activator from the 
R conformation and its dissociation constant from 
the monomer must be small enough to prevent this 
dissociation of the dimer from occurring.  
 Nevertheless, it follows from all the foregoing 
considerations that the effect of a substrate, hetero-
tropic allosteric inhibitor, or heterotropic allosteric 
activator on the equilibrium between dimers and  
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monomers or between dimers of dimers and dimers 
bears no relation to its effect on the equilibrium 
between or among the allosteric quaternary confor-
mations of the dimers or the dimers of dimers that are 
responsible for the cooperativity and heterotropic 
allosteric effects that these ligands display. Conse-
quently, any outcome is possible with any ligand 
that affects the equilibrium between two quaternary 
conformations. Addition of a heterotropic allosteric 
inhibitor or activator or a substrate can lead to 
dissociation of the dimer or the dimer of dimers. 
Addition of a heterotropic allosteric inhibitor or 
activator or a substrate can lead to association of 
monomers into a dimer or to association of dimers 
into a dimer of dimers.* 
 All the arguments leading to this conclusion are 
equally valid for dissociation of any oligomeric protein 
or enzyme for which an allosteric ligand alters its 
quaternary conformation and hence the dissocia-
tion constants of some or all of its interfaces, even 
heterooligomers or oligomers with greater than 
twofold rotational axes of symmetry. An example of 
both these latter peculiarities would be aspartate 
carbamoyltransferase, an (a3)2(b2)3 heterohexamer 
with a threefold rotational axis of symmetry. In this 
instance, however, the (a3)2(b2)3 heterohexamer has 
not yet been observed to dissociate into its parts when 
any ligand is added, and its dissociation requires 
either heating or addition of agents that chemically 
modify the protein. Ligands, however, are able to 
interconvert dimers, hexamers, and octamers of 
human porphobilinogen synthase. 
 It is unlikely that the dissociation constant 
between dimer and monomer, between tetramer 
and dimer, or between any other types of oligomers 
will be unaffected by a change in the quaternary 
conformation of the protein such as occurs in aspar-
tate carbamoyltransferase because changes in the 
interfaces that accompany a change in quaternary 
conformation almost always occur in the weakest 
interfaces in the oligomer. If, however, the concen-
tration of enzyme is high enough or low enough, these 
changes in dissociation constant, even though they 
must occur upon a particular conformational 
change, will not cause any measurable change in 
the state of aggregation of the oligomer. The ques-
tion that is far more difficult to answer with any 
certainty is whether or not changes in the aggregation 
state of the oligomer at the cytoplasmic concentration 
of a particular enzyme have any advantageous or 

                                                
*This consideration causes the historical origins of the names 
"tight" (T) and "relaxed" (R) to be even more ambiguous. 

disadvantageous effect that might influence natural 
selection.* These changes in the state of aggregation, 
if and when they occur, may simply be unavoidable 
and inconsequential results of the fact that the disso-
ciation constants must change as an allosterically 
linked quaternary conformational change rearranges 
the interfaces holding together the dimers, the dimers 
of dimers, or any other oligomer. This conclusion is 
valid whether there are only two quaternary confor-
mations of the protein or there are many. 
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Problem 6-9: Because 2,3-bisphosphoglycerate binds 
to a site created by the two b subunits in tetrameric 
hemoglobin, its dissociation constant from the disso-
ciated ab dimers must be much larger than that from 
the intact (ab)2 tetramer. 
 (A) Draw a relation between the binding of 

2,3-bisphosphoglycerate and dissociation of 
deoxyhemoglobin into dimers. 

 (B) How would the presence of 2,3-bisphospho-
glycerate affect the apparent dissociation 
constant between dimers and tetramers of 
deoxyhemoglobin? 

 (C) Derive formulas that relate the dissociation 
constant of the oligomer to the molar con-
centration of 2,3-bisphosphoglycerate. 

 
 
 
 
                                                
*There is a slight increase in the osmotic pressure of the 
cytoplasm when a dimer of protein or a dimer of dimers 
dissociates. 
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Conformational Conversion of Energy  

A significant portion of the MgATP2- that is consumed 
in an animal by hydrolysis to MgADP- and HOPO3

2– 
is consumed by Na+/K+-exchanging ATPase, and 
the majority of the MgATP2- produced in an animal 
from MgADP- and HOPO3

2- is produced by H+-trans-
porting two-sector ATPase. Both enzymes convert 
the chemical standard free energy available from 
hydrolysis of MgATP2- into conformational changes 
that perform work; or, in reverse, work is performed 
upon the protein to drive conformational changes 
that reverse hydrolysis and create MgATP2-. As with 
all enzymes, these two enzymes catalyze approaches 
to equilibrium, and in each case the outcome, whether 
it is the net hydrolysis of MgATP2- or the net forma-
tion of MgATP2-, depends entirely on the activity of 
the substrates. Both enzymes either hydrolyze 
MgATP2- or create MgATP2- when the proper concen-
trations of substrates are imposed. Although these 
two enzymes are dramatically different in structure 
and do not share a common ancestor, the strategy 
that they employ to couple free energy of hydrolysis 
of MgATP2- to work that they perform or work that 
is performed upon them is based on their ability to 
proceed through several conformational changes 
that are forced by the protein to occur in a particular 
order. 
 The work performed by these enzymes or that 
is performed upon them is the movement of ions 
across membranes. A gradient is the change in a 
quantity—such as temperature, electric potential, 
or the concentration or chemical activity of a 
substance—with distance, expressed as a ratio or 
differential ratio of the quantity. A chemical gradient 
is a gradient in chemical potential established 
when the molar concentration of uncharged 
substance A, such as ∂-glucose, is greater on one 
side of a biological membrane than on the other 
side An electric gradient is a gradient in electric 
potential established when the molar concentration 
of ionically charged substance A, such as sodium 
ion, is greater on one side of a biological membrane 
than on the other side. An electrochemical gradient 
is a gradient in chemical activity of a substance, 
caused by the combination of its chemical and electric 
gradients. When these enzymes transport ions across 
membranes, the ions move across an electro-
chemical gradient in their concentration. Because 
of microscopic reversibility, if one of these enzymes 
is able to move its ions against their concentration 
gradients, it must also be able to move the ions in the 
other direction with their concentration gradients. 

 When the concentrations of an neutral molecule, 
such as ∂-glucose, are the same on the two sides of 
membrane, which is the situation at equilibrium, 
the change in standard free energy, DGª, for moving 
a molecule of that uncharged substance from one 
side of the membrane (side a) to the other (side b) is 0 
by definition. When the concentrations are different 
on the two sides, however, the usual equation for 
situational free energy applies 

        (6-126) 

where [A]a and [A]b are the molar concentrations of 
substance A on side a of the membrane, the side from 
which it is removed, and on side b of the membrane, 
the side to which it is added. If substance A is 
charged—for the sake of argument, it has a positive 
charge of charge number n, An+—then the difference 
in electric potential, DVab, between the two sides 
must be considered 

          (6-127) 

where DVab is the electric potential on side b minus 
the electric potential on side a, z is the charge 
number of substance A—which in this case is equal 
to n—and F is the Faraday constant (96.5 kJ V-1 mol-1). 
This equation defines an electrochemical gradient 
of the ions. The first term is the chemical gradient 
and the second term is the electric gradient, the 
electric potential across the membrane caused by 
the imbalance of ionic charge. 
 To move a positively charged ion from a solution 
with an electrochemical potential that is negative 
relative to that of the solution to which it is moved 
requires work and results in an increase in free energy. 
To accomplish its intended purpose, Na+/K+-exchan-
ging ATPase uses the free energy from hydrolysis of 
MgATP2- to move Na+ and K+ across the plasma 
membrane of animal cells against electrochemical 
gradients of Na+ and K+. The situational free energy, 
DG, for the movement of the ions in these circum-
stances is positive. 
 
 

[A]b

[A]a
DG   =  DG ª  +  RT  ln           =  RT  ln  

[A]b
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[An+]b

[An+]a
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 To move a positively charged ion from a solution 
with an electrochemical potential that is positive 
relative to that of the solution to which it is moved 
results in a decrease in free energy that can be used 
to perform work. To accomplish its intended purpose, 
H+-transporting two-sector ATPase moves hydrons 
down an electrochemical gradient of hydrons across a 
membrane in mitochondria, chloroplasts, or a bac-
terium to provide the free energy necessary to reverse 
hydrolysis and synthesize MgATP2- instead. The 
situational free energy, DG, for the movement of 
the ions in these circumstances is negative. 
 The strategy that each enzyme uses is its own 
particular form of conformational coupling. Hydrol-
ysis or, in reverse, creation of MgATP2- is divided by 
each enzyme into a sequence of steps. The work 
ultimately accomplished or used by each enzyme is 
also divided into the same number of steps, which 
are forced to occur in concert with steps for the 
hydrolysis.256 At the same time that each step in the 
hydrolysis and synthesis of MgATP2- occurs, the 
corresponding step in the physical transformation 
performing work or using work is forced to occur. 
The site at which the MgATP2- is hydrolyzed and, in 
reverse, created in each case is in a different location 
in the enzyme from the location at which the physical 
transformation performing work and, in reverse, 
having work performed on it is effected. Consequently, 
the obligation that particular steps for hydrolysis or 
creation coincide with particular steps for the physical 
transformation is enforced by accompanying global 
conformational changes in the enzyme. Each step 
involves a global conformational change that includes 
particular local conformational changes both at the 
hydrolytic site and at the location where the physical 
transformation is being accomplished. Each global 
conformational change proceeds only when both 
the closely circumscribed step in hydrolysis and 
creation of MgATP2- and the closely circumscribed 
step in the physical transformation proceed together. 
As in heterotropic allostery, global conformational 
changes dependably couple what occurs in one 
location on the enzyme with what occurs at another, 
usually distant location on the enzyme. Whenever 
the two processes are not forced by the conforma-
tional changes to occur simultaneously, energy is 
wasted. Natural selection has naturally minimized 
such failures. A paradigm of this strategy of con-
formational coupling is the reaction catalyzed by 
Na+/K+-exchanging ATPase and its close relatives. 
 
 
 

 Na+/K+-Exchanging ATPase257 catalyzes the 
reaction 

  
                (6-128) 

where the subscripts c and e refer to the cytoplasm 
and the extracytoplasmic space, respectively.258,259 
It is a protein spanning the plasma membranes260-262 
of all animal cells and catalyzing the active transport 
of the alkali metallic cations Na+ and K+ across itself. 
 Na+/K+-Exchanging ATPase is a member of a 
family of enzymes, the P-type ATPases, each of 
which spans a bilayer of phospholipids and catalyzes 
the primary active transport of particular inorganic 
cations across the plasma membrane or the endo-
plasmic reticular membranes of a cell between the 
cytoplasm and an extracytoplasmic space. The par-
ticular reactions catalyzed by these enzymes serve to 
introduce the members of the family (Table 6-3).257-279 
Each couples hydrolysis of MgATP2- to the movement 
of cations across a membrane up their electro-
chemical gradients, but the identity and stoichiometry 
of the cations moving out of and into the cytoplasm 
differs. A compelling verification that all the enzymes 
in this family are closely related is that most of the 
portions of Na+/K+-exchanging ATPase in the globular 
regions outside the membrane, as well as the four 
of its membrane-spanning a helices peripheral to the 
central six that create the compartment for cations, 
can be replaced by homologous segments from 
H+/K+-exchanging ATPase without affecting its ability 
to transport Na+ and K+ across the membrane.280 
 Mammalian Na+/K+-exchanging ATPase is 
composed of two subunits,281 a (1020 aa)282,283 and 
b (300 aa),284 each present in the active complex in 
one copy.285,286 The b subunit is a cell surface glyco-
protein uninvolved in catalysis, and the a catalytic 
subunit performs the active transport. The a subunit 
is a protein that spans the plasma membrane, and 
it is so large that it dwarfs the bilayer of the mem-
brane.287 Each enzyme in the family contains a poly-
peptide homologous (Table 6-3) to the catalytic 
a polypeptide of Na+/K+-exchanging ATPase277,288,289 
but no glycoprotein homologous to the b subunit of 
Na+/K+-exchanging ATPase. The large catalytic poly-
peptide is fixed in the bilayer, as are all membrane-
spanning proteins, and it catalyzes transport not by 
moving back and forth across the membrane but by 
passing the cations back and forth through itself.290 
In this regard, active transport is not transport 
through a membrane but transport through a protein.  

 2 K+
e  +  MgATP 

2–
c  +  3 Na+

c  +  H2O  1
            2 K+

c  +  MgADP 
–
c +  H+  +  3 Na+

e  +  HOPO3
2–

c
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Table 6-3: Family of P-type ATPasesa 

nameb homology where found function 

Na+/K+-exchanging ATPase257-262  plasma membranes of 
animal cells 

transports three Na+ out of       
the cytoplasm in exchange         

for two K+ 

H+/K+-exchanging ATPase264-266 62% identity        
0 gap percent 

plasma membranes of 
gastric mucosa 

transports one or twoc H+ out    
of the cytoplasm in exchange    

for two K+ 

P-type Ca2+ transporter267-269 27% identity    
1.7 gap percent 

sarcoplasmic     
reticulum 

transports two Ca2+ out of        
the cytoplasm in exchange         

for two or three H+ 

calmodulin-dependent270-273                   
P-type Ca2+ transporter 

27% identity    
2.7 gap percent 

plasma membranes of 
animal cells 

transports one Ca2+ out of        
the cytoplasm in exchange         

for two H+ 

P-type H+ exporting274-277     
transporter 

23% identity    
2.2 gap percent 

plasma membranes of 
fungi and plants 

transports H+ out of                     
the cytoplasm 

P-type Ca2+ transporter278 29% identity        
1.4 gap percent 

plasma membranes of 
fungi 

transports Ca2+ out of                  
the cytoplasm 

P-type Zn2+ transporter279 23% identity         
2.1 gap percent 

plasma membranes of 
bacteria and plants 

transports excessd Zn2+,                
as well as Cd2+ and Pb2+,           

out of the cytoplasm 

aRelative to Na+/K+-exchanging ATPase. bThe names of the enzymes in this family differ significantly from each other because the 
name of an enzyme is based on the participants in the equilibrium that it catalyzes rather than any ancestral relationships, which 
usually makes sense. cStoichiometry depends on the gradient of pH. dZn2+ is an essential trace metallic ion but is toxic at high 
concentrations. 
 
 
 The fact that all the sequences of amino acids 
for all these catalytic polypeptides are homologous 
to each other (Table 6-3) requires that they have 
descended from a common ancestor, that they all fold 
respectively to produce superposable structures, and 
that they all catalyze active transport by the same 
stepwise mechanism. 
 During catalysis of the active transport of the 
respective cations, each member of this family 
passes through a homologous sequence of steps 
coupling hydrolysis of MgATP2- to the movement 
of the cations. A fundamental aspect of this scheme 
is the existence of at least four distinct global confor-
mations of the enzyme. These four conformations 
differ in structure from each other both at the site 
where the MgATP2- is hydrolyzed and at a compart-
ment that has access alternately to each side of the 
membrane and through which the transported cations  

pass. The hydrolytic site in each enzyme is 5 nm away 
from the compartment through which the respective 
cations pass (Figure 6-34).291,292 Consequently, the  
conformational changes that are responsible for 
active transport are typical heterotropic allosteric 
conformational changes that link changes in the 
structure of the hydrolytic site to distant changes in 
the structure of the compartment for the cations. 
Each hydrolytic site is located in a large globular 
portion of the respective enzyme that comprises 
more than half its mass and is located on the cyto-
plasmic side of the membrane. Only on the cyto-
plasmic side of each membrane in which these 
enzymes are located is a significant concentration 
of MgATP2- available. The compartment for the 
cations is in the middle of a bundle of ten a helices 
that span the bilayer of the membrane in which the 
enzyme is found (Figure 6-35).282,287,291,293-295 
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Figure 6-34: Stereodrawing485 of a crystallographic molecular 
model of P-type Ca2+ transporter from O. cuniculus in which 
the hydrolytic site of the enzyme is occupied by magnesium 
5¢-adenylic methylenediphosphonic anhydride (MgAMPPCP2-) 
and the compartment for the transported cations is occupied 
by two Ca2+.291 Membranes of sarcoplasmic reticulum enriched 
in P-type Ca2+ transporter, isolated from the white muscle of 
the hind legs of O. cuniculus, were dissolved in a 2% solution of 
the detergent 3,6,9,12,15,18,21,24,27-nonaoxanonatriacontan-1-ol, 
and P-type Ca2+ transporter was purified by nonspecific adsorp-
tion to a solid phase of agarose to which the dye reactive red 120 
had been covalently attached and then by selective elution of 
the enzyme from the solid phase by a solution containing 
0.4 mM MgAMPPCP2-. The purified enzyme was then crystal-
lized from a 2% solution of the detergent 3,6,9,12,15,18,21,24-octa-
oxahexatriacontan-1-ol containing an undisclosed amount of 
phosphatidylcholine, 0.5 mM MgAMPPCP2-, 5 mM MgCl2, and 
10 mM CaCl2. The entire structure of the enzyme is drawn in 
skeletal format. The polypeptide backbone is shown in thick 
line segments and the side chains in thin line segments. The 

MgAMPPCP2- occupying the hydrolytic site is drawn in ball-
and-stick format. Black atoms are carbons, white atoms are 
oxygens, small gray atoms are nitrogens, and large dark gray 
atoms are the three atoms of phosphorus. The two Ca2+ occu-
pying the compartment for cations are the two large gray 
spheres in the center of the portion of the enzyme that spans 
the membrane. Although there is no phospholipid bilayer in the 
map of electron density, presumably because the enzyme is in 
an unresolved micelle of detergent and phospholipid, the loca-
tion of the bilayer in the structure (parallel horizontal lines) 
was assigned by the authors. The cytoplasmic portion of the 
enzyme is above the membrane, and the extracytoplasmic portion 
is below the membrane.287 The enzyme seems to have crystal-
lized in an intermediate conformation between the E1·MgATP2– 
and [Ca2+]2·E1~P conformations in which the two Ca2+ are 
occluded from both the cytoplasmic and extracytoplasmic 
solutions in the compartment in the middle of the membrane.291 
Presumably the full conformational change to the [Ca2+]2·E1~P 
conformation has been arrested because the MgAMPPCP2- is 
unable to phosphorylate the aspartate in the hydrolytic site. 
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Figure 6-35: Stereodrawing485 of the ten a helices that span the 
membrane in P-type Ca2+ transporter and form the compartment 
through which the two Ca2+ pass. The two Ca2+ occupying the 
compartment for the cations are the two large gray spheres in 
the center of the drawing. The portion of the drawing in Figure 
6-34 within the volume designated by the authors as spanning 
the sarcoplasmic reticulum has been magnified to make it easier 
to observe the individual a helices surrounding the two Ca2+. 
The ten a helices include amino acids 44-74, 85-115, 249-278, 
291-318, 753-782, 783-813, 824-856, 893-922, 926-954, and 
960-990, respectively, from the complete sequence of amino 
acids. Only the a helices that include amino acids 291-318, 

753-782, 783-813, and 893-922 provide ligands to the Ca2+. 
In addition, the two a helices that include amino acids 44-74 
and 85-115, which do not provide ligands, form the wall of the 
compartment for the cations on the left-hand side of the drawing. 
The two a helices including amino acids 753-782 and 893-922, 
in addition to providing ligands for the cations, form the wall 
of the compartment on the right-hand side of the drawing. The 
a helix including amino acids 783-813 is in the center of the 
wall in front of the compartment, and the a helix including 
amino acids 291-318 is in the center of the wall in back of the 
compartment. 
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Figure 6-36: Stereodrawings485 of crystallographic molecular 
models of the ligands chelating the hard cations Ca2+, Na+, and 
K+ when they are occluded in the compartments through which 
they pass in the respective enzymes. Black atoms are carbons, 
white atoms are oxygens, small gray atoms are nitrogens, and 
large light gray atoms are sulfurs. The large coordinated gray 
spheres are the respective metallic cations. (A) Two Ca2+ occluded 
within the compartment in P-type Ca2+ transporter from 
O. cuniculus.291 The portion of the crystallographic molecular 
model of P-type Ca2+ transporter drawn in Figure 6-35 was 
rotated 90ª about a horizontal axis in the plane of the page to 
obtain a view down into the compartment from the cytoplasmic 
side of the membrane. Only segments from the four a helices 
that include amino acids 291-318, 753-782, 783-813, and 
893-922 and that provide ligands to the two Ca2+ are included 
in the drawing. Each side chain that provides a ligand to a cation 
is labeled with its identity and its number in the overall sequence 
of amino acids. (B) Three Na+ occluded within the compartment 
through which they pass in Na+/K+-exchanging ATPase.292 
Membranes from the outer medullae of porcine kidneys enriched 
in Na+/K+-exchanging ATPase487 were dissolved in a solution of 
the detergent 3,6,9,12,15,18,21,24-octaoxahexatriacontan-1-ol 
at a ratio of 1.3 g of detergent (g of protein)-1 to obtain a mono-
disperse solution of the enzyme.285 The enzyme was then crystal-
lized from a solution containing 150 mM NaCl, 3 mM MgADP-, 
1 mM AlCl3, and 0.25 mM oligomycin A. The MgADP- and 
AlCl3 formed a complex in the hydrolytic site of the enzyme 
that promotes formation of the conformation in which three 
Na+ are occluded in the compartment for the cations. The 
drawing was prepared in the same orientation as that in Panel A 
by superposing only those segments of the crystallographic 
molecular model of Na+/K+-exchanging ATPase that included 
sequences of amino acids homologous (Figure 6-37) to those 

comprising the segments from P-type Ca2+ transporter repre-
sented in Panel A. (C) Two K+ occluded within the compartment 
through which they pass in Na+/K+-exchanging ATPase.299 
Membranes from the rectal glands of S. acanthias enriched in 
Na+/K+-exchanging ATPase302 were dissolved in a solution of 
the detergent 3,6,9,12,15,18,21,24-octaoxahexatriacontan-1-ol 
at a ratio of 4 g of detergent (g of protein)-1. The enzyme 
(2.1 mg mL-1) was then crystallized from a 1.5% solution of 
3,6,9,12,15,18,21,24-octaoxahexatriacontan-1-ol containing 
100 mM KCl, 4 mM MgF2, and 2.5 mg mL-1 phosphatidylcholine. 
In the presence of K+ and the absence of nucleotide, the enzyme 
assumes the E2·[K+]2 conformation with the two K+ occluded 
within the compartment for the cations. The drawing was 
prepared in the same orientation as that in Panel B by super-
posing only those segments of the molecular model of 
Na+/K+-exchanging ATPase from S. acanthias that included 
sequences of amino acids homologous (Figure 6-37) to those 
comprising the segments from porcine Na+/K+-exchanging 
ATPase represented in Panel B. In all three drawings, the ligands 
are connected to the cations by thick dotted lines, and the 
thinner dotted lines designate hydrogen bonds. There are two 
molecules of water (small white solitary spheres) in the drawing in 
Panel A, one molecule of water in the drawing in Panel B, and 
six molecules of water in the drawing in Panel C. These mole-
cules of water are fixed by hydrogen bonds to the protein and 
by coordination to the cations. All of them are within the 
membrane. There are more in the drawing in Panel C only 
because there are almost no molecules of water anywhere in 
the maps of electron density for the other two molecular models. 
There are empty spaces scattered throughout the membrane-
spanning portions of all these molecular models, probably 
occupied by molecules of water that are simply unobserved. 

 
 The compartment through which the cati-
ons pass is formed by six of the ten membrane-
spanning a  helices, but only four of these six 
a  helices provide direct ligands to the cations. The 
compartment is located in the middle of the bundle 
at a position that is close to or within the plane 
defined by the center of the bilayer of phospholipids 
surrounding the enzyme (Figure 6-35). In each 
enzyme, this compartment is a site for binding 
hard cations, Ca2+, Na+, or K+. Consequently, the 
ligands are exclusively oxygens: amido oxygens 
from the polypeptide backbone and oxygens from 
the side chains of amino acids. Each side chain 
provides one or two oxygens as inner-sphere lig-
ands to the respective cation. Six of the side chains 
in P-type Ca2+ transporter from O. cuniculus that 
provide ligands to the two Ca2+ when they occupy 
the compartment were identified by site-directed 
mutation,296 and their assignment was later verified 
by crystallography.294 It was then demonstrated by 
site-directed mutation that the homologous side 
chains in Na+/K+-exchanging ATPase from S. cerevis-
iae297 as well as three others in the porcine enzyme298 
were involved as ligands to the two K+ and three Na+, 
 
 

 
respectively. These latter assignments were also 
verified crystallographically.292,295,299 
 When the compartment in the middle of P-type 
Ca2+ transporter from O. cuniculus is occupied by 
two Ca2+ on their way across the protein, the ligands 
to the cations can be identified in crystallographic 
molecular models (Figure 6-36A).300 The site in the 
compartment chelating the first Ca2+ (to the left in 
the figure) consists of both oxygens from the carbox-
ylato group of Glutamate 309, the acyl oxygen from 
the carbamoyl group of Asparagine 796, three amido 
oxygens from the backbone of the same a helix in the 
polypeptide, and one oxygen from the carboxylato 
group of Aspartate 800. The other oxygen from the 
carboxylato group of Aspartate 800 is a ligand to the 
second Ca2+ (to the right in the figure). The other 
ligands chelating this second Ca2+ are the acyl oxygen 
from the carbamoyl group of Asparagine 768, the 
hydroxy oxygen of Threonine 799, two buried mole-
cules of water, one of the carboxylato oxygens of 
Glutamate 771, and both oxygens from the carbox-
ylato group of Glutamate 908. These are all para-
digmatic ligands for Ca2+ bound to sites in enzymes 
(Figure 4-53, 4-156, and Problem 4-46). 
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O. cuniculus  V A L A V A A I P E G L P 
                 322   325 327 
S. scrofa  I G I I V A N V P E G L L 
                 329   332 334 
S. acanthias  I G I I V A N V P E G L L 
 
         763   766 768   771 
O. cuniculus  Y L I S S N V G E V V C I 
         771   774 776   779 
S. scrofa    Y T L T S N I P E I T P F 
         778   781 783   786 
S. acanthias  Y T L T S N I P E I T P F 
 
               796   799 
O. cuniculus  L W V N L V T D G L P A T 
               804   807 
S. scrofa    L C I D L G T D M V P A I 
               811   814 
S. acanthias  L C I D L G T D M V P A I 
 
               908   911 
O. cuniculus  V T I E M C N A L N S L S 
               923   926 
S. scrofa  V V V Q W A D L V I C K T 
               930   933 
S. acanthias  V V V Q W A D L I I C K T 
 
Figure 6-37: Alignment of the sequences of amino acids for the 
segments of P-type Ca2+ transporter from O. cuniculus, porcine 
(Sus scrofa) Na+/K+-exchanging ATPase, and Na+/K+-exchanging 
ATPase from S. acanthias in the drawings of Figure 6-36. The 
alignments of the first three segments are obvious by inspec-
tion, but the alignment of the last segments of the two 
Na+/K+-exchanging ATPases with the segment from P-type 
Ca2+ transporter was made by structural superposition. The 
amino acids providing ligands to the respective cations are 
shown in boldface. 
 
 
 When the compartment in the middle of porcine 
Na+/K+-exchanging ATPase is occupied by three* 
Na+ on their way across the protein, the ligands to 
these three Na+ can again be identified in crystallo-
graphic molecular models (Figure 6-36B).285,292 The 
site chelating the first Na+ (to the left in the figure) 
consists of one oxygen from each carboxylato 
group of Aspartate 804 and Glutamate 327, a buried 
molecule of water, and three amido oxygens from 
the backbone of an a helix in the polypeptide. Both 
the a helix and the amido oxygens themselves are 
homologous to the a helix and the three amido 

                                                
*Oligomycin A is bound to the enzyme in the crystals used to 
produce this crystallographic molecular model to stabilize the 
complex between the protein and the three Na+. 

oxygens from the polypeptide, respectively, that 
chelate the homologously situated Ca2+ in P-type 
Ca2+ transporter (Figure 6-37), and the two carbox-
ylato groups providing two of the other ligands to 
the Na+ are also on side chains of amino acids in 
homologous positions in the sequence of amino 
acids to two of the carboxylato groups chelating the 
same Ca2+. The second Na+ (in the middle in the 
figure) shares one of the amido oxygens from the 
polypeptide with the first Na+. Ir is also chelated by 
two carboxylato oxygens, one from Glutamate 779 
and one from Aspartate 808, the acyl oxygen of the 
carbamoyl group of Asparagine 776, the hydroxy 
oxygen of Serine 775, and a buried molecule of water. 
The two carboxylato groups and the carbamoyl group 
are on side chains in homologous positions in the 
sequence of amino acids, respectively, to the two 
carboxylato groups and the carbamoyl group that 
chelates the homologously situated Ca2+ in P-type 
Ca2+ transporter (Figure 6-37). Finally, the site chelat-
ing the third Na+ (to the right in the figure) consists 
of the other oxygen from the carboxylato group of 
Aspartate 808 that also coordinates the second Na+, 
an amido oxygen from the polypeptide, the acyl 
oxygen of the carbamoyl group of Glutamine 923, the 
hydroxy group of Threonine 774, and the p system 
of Tyrosine 771, in an example of a p-cation inter-
action.301 
 When the compartment in the middle of 
Na+/K+-exchanging ATPase from Squalus acanthias is 
occupied by two K+ on their way across the protein 
(Figure 6-36C),299,302 the site chelating the first K+ 
(to the left in the figure) consists of an oxygen from 
each of the carboxylato groups of Aspartate 811 and 
Glutamate 334, which are homologous to Aspartate 804 
and Glutamate 327 in the porcine enzyme, and the 
same three amido oxygens from the same a helix in 
the polypeptide as are used for the similarly coor-
dinated Na+ when Na+ ions are occupying the 
compartment (Figure 6-37), as well as an oxygen 
from the carboxylato group of Glutamate 786, homol-
ogous to Glutamate 779 in the porcine enzyme. The 
second K+ (to the right in the figure) shares the same 
oxygen of Aspartate 811 coordinating the first K+ as 
well as the hydroxy group of Serine 782 and the 
carbamoyl oxygen of Asparagine 783, which are 
homologous to the oxygens of Serine 775 and Aspar-
agine 776 used for the similarly coordinated Na+ 
when Na+ ions are occupying the compartment in 
the porcine enzyme. In addition, this second K+ is 
coordinated by an amido oxygen from the backbone 
of the polypeptide and a molecule of water. All these 
oxygens that are ligands are typical of those coor-
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dinating K+ in sites in other enzymes (4-154 and 
Figure 4-52). 
 It is clear from the drawings of the crystallo-
graphic molecular models and the foregoing descrip-
tion detailing the homology in the ligands used to 
coordinate the ions that P-type Ca2+ transporter 
(Figure 6-37) and Na+/K+-exchanging ATPase are 
closely related enzymes. 
 In the site to the left in the drawings of 
Na+/K+-exchanging ATPase, the same five homolo-
gous ligands coordinate Na+ (Figure 6–36B) or K+ 
(Figure 6-36C) while only the sixth ligand differs. 
The only chemical difference between these two 
alkali metallic ions that the site can recognize is the 
difference in their respective ionic radii, and the 
consequent difference in density of charge. The ionic 
radius of Na+ with six ligands is 0.102 nm, and the 
ionic radius of K+ with six ligands is 0.138 nm, a dif-
ference in diameters of only 0.072 nm. It is clear, 
however, from the role of the enzyme in metabo-
lism, that natural selection was able to exert signifi-
cant influence on making this discrimination as 
exclusive as possible because any mistakes would 
uselessly waste MgATP2-. 
 That almost the same set of ligands make this 
distinction unerringly is another demonstration of 
the fundamental rigidity of the positions assumed 
by the functional groups in an active site. If the 
protein surrounding this site for one or the other of 
the two cations were actually soft and able to flex 
significantly, even though the two global confor-
mations to which the respective cation are bound 
are different from each other, the ligands would not 
be able to distinguish between Na+ and K+. The 
rigidity with which the ligands assume their posi-
tions is essential to this distinction. The site must 
be rigid enough to enforce a contraction of the ligands 
by the necessary 0.07 nm when its specificity for K+ 
is changed to its specificity for Na+. 
 Each enzyme in the family other than 
Na+/K+-exchanging ATPase transports hydrons in 
one direction in exchange for the K+ or Ca2+ that 
are transported in the other direction. In some 
instances, hydrons are actively transported out of 
the cytoplasm, while in other instances, they are 
actively transported into the cytoplasm as if they 
were simply convenient replacements on carboxylato 
groups for the hard cations. Further complicating the 
situation is the observation that the stoichiometry 
for the hydrons that are transported appears to vary  
 
 

with the pH of the solution into which they depart or 
from which they enter. Such a variation in stoichi-
ometry would be expected if, during the passage of 
these hydrons through the compartment, they reside, 
as they must, on one, two, or three of the carboxylato 
groups that form the sites for the Ca2+ or K+ when 
those cations are travelling in the opposite direction 
from the hydrons. Differences in values of pKa for 
these carboxy groups dictate the relation between 
the pH of the solution and the stoichiometry of the 
occupation.  
 Hydrons are ubiquitous, so it is difficult to distin-
guish those hydrons being transported from all the 
other hydrons both in the enzyme and in the solution. 
Na+/K+-exchanging ATPase, however, transports Na+ 
in one direction and K+ in the other direction, and 
these cations are easily identified. Consequently, 
the earliest and most informative observations 
defining the mechanism of active transport were 
obtained in studies of Na+/K+-exchanging ATPase 
because the strokes of the pump in the two directions 
could be distinguished and followed independently 
by varying the concentrations of the alkali metallic 
ions. 
 
 The global conformational changes responsible 
for active transport of Na+, Ca2+, or H+ in one direc-
tion and K+ or H+ in the other direction across a 
membrane couple changes in the accessibility of 
the compartment for cations to changes at the site 
for hydrolysis of MgATP2-. For Na+/K+-exchanging 
ATPase, the four major global conformations that 
the enzyme assumes during catalysis can be desig-
nated as E2·[K+]2, E1·MgATP2-, [Na+]3·E1~P, and E2-P 
(Figure 6-38).303,304 The mechanism for actively 
transporting three Na+ and two K+ is the same as 
the respective mechanisms used by other members 
of the family. Consequently, to maintain consistency, 
the four conformations can be designated E2·[H+]2, 
E1·MgATP2-, [Ca2+]2·E1~P, and E2-P for P-type 
Ca2+ transporter; E2·[K+]2, E1·MgATP2-, [H+]2·E1~P, 
and E2-P for H+/K+-exchanging ATPase; and so 
forth, with the reminder that the stoichiometry for 
H+ is usually variable because they are carried by 
carboxy groups as simple acidic hydrons. 
 Detailed measurements of the steady-state 
kinetics of purified porcine Na+/K+-exchanging 
ATPase are consistent with this mechanism for the 
enzymatic reaction.305 The initial rate as a function of 
the concentration of Na+ displays positive deviation  
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Figure 6-38: Kinetic mechanism for active transport of Na+ and 
K+ catalyzed by Na+/K+-exchanging ATPase. The four major 
conformations of the enzyme are E2·[K+], E1·MgATP2-, 
[Na+]3·E1~P, and E2-P. Changes at the active site for hydrolysis 
of MgATP2- are indicated by association of MgATP2-, release of 
MgADP-, formation of the phosphorylated form E1~P and its 
transformation to the phosphorylated form E2-P, and 
dephosphorylation of E2-P. Changes in occupation and accessi-
bility of the compartment for cations are indicated by association 
and dissociation of K+ and Na+. The major shifts between the 
conformation opened to the cytoplasm (E1·MgATP2-), the two 
occluded conformations ([Na+]3·E1~P and E2·[K+]), and the 

conformation opened outward (E2-P) are designated by their 
locations with respect to the dashed lines representing the bilayer. 
The inhibitor oligomycin is noncovalently bound by a specific 
conformation, [Na+]3·E1~P, and modification of the enzyme 
with N-ethylmaleimide prevents the conformational change 
from E1~P to E2-P. The cardiac glycosides, such as ouabain, 
and cardiac aglycons, such as strophanthidin, are a set of natural 
products that inhibit Na+/K+-exchanging ATPase by binding 
from the extracytoplasmic solution488 and fill the wide channel 
opening into the empty compartment for cations in the 
E2-P conformation.303,304 

 
 
from rectangularly hyperbolic behavior. This positive 
deviation is not due to cooperativity but due to the 
molecularity of the reaction: three Na+ together are 
reactants. In fact, the Michaelis constant for the third 
Na+ to associate with the enzyme is greater than 
the Michaelis constant for the first two rather than 
smaller, as would be the case if Na+ were associating 
cooperatively. 
 The easiest and least complicated place to start 
(Figure 6-38) is with Na+/K+-exchanging ATPase in 
the E2·[K+]2 conformation in which two K+ are 
enclosed in the compartment for cations and the 
compartment is occluded, or inaccessible, to the 
solutions on either side of the membrane. In this 
conformation, porcine Na+/K+-exchanging ATPase 
encloses two tightly bound 86Rb+—which are conge-
ners of two K+, are transported as efficiently as two K+,  
 
 

 
 
and are also radioactive*—when no other substrates 
are bound to the enzyme.306-308 This ability to occlude 
these Rb+ is the defining feature of this conforma-
tion. In the usual situation, the occluded cations 
are the two K+ that have entered the compartment 
from the extracytoplasmic solution during the 
normal sequence of events and are in transit to the 
cytoplasmic solution. In crystallographic molecular 
models of the E2·[K+]2 conformation of porcine 
Na+/K+-exchanging ATPase, the two K+ are occupy-
ing their ligands in the compartment for cations 
                                                
*There are several radioactive isotopes of the alkali metal ions 
and alkaline earth metal ions, such as 86Rb+, 42K+, 22Na+, 
45Ca2+, and 89Sr2+ that are used to examine the association of 
the ions with these enzymes. Their radioactivity allows them to 
be detected at the low stoichiometric concentrations at which 
these large, membrane-bound, often impure enzymes must be 
studied. They are a sensitive method for ascertaining whether 
or not cations are in the compartment when the enzyme is in 
one of its conformations. 
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(Figure 6-36C), and there are no obvious paths on 
which they can leave the compartment, a fact con-
sistent with their occlusion.295,299 In the corre-
sponding crystallographic molecular model of 
P-type Ca2+ transporter from O. cuniculus, the 
compartment for cations is vacant but presumably 
the H+ passing through it, which are homologues of 
the K+ passing through Na+/K+-exchanging ATPase, 
are invisible occupants of several of the carboxy 
groups that will chelate the Ca2+ as carboxylato 
groups on the return trip,300,309,310 and the com-
partment is also occluded. The behavior of the 
steady-state concentration of occluded 86Rb+ as a 
function of the concentration of Na+ while porcine 
Na+/K+-exchanging ATPase is hydrolyzing MgATP2– 
is consistent with its participation in the normal 
enzymatic reaction and with the kinetic mecha-
nism of Figure 6-38.305 
 During a conformational change, which can be 
detected in mammalian Na+/K+-exchanging ATPase 
by following either the intrinsic fluorescence of 
its tryptophans311 or the response of fluorescent, 
covalently attached groups that do not otherwise 
affect the enzyme,312 the compartment then opens 
to the cytoplasmic surface. This E1·MgATP2- confor-
mation is open to the cytoplasmic solution. Two 
previously occluded 42K+ have been shown to depart 
from this conformation in canine Na+/K+-exchanging 
ATPase,313 and three Na+ bind to it during the normal 
cycle. In crystallographic molecular models of P-type 
Ca2+ transporter from O. cuniculus in this E1·MgATP2– 
conformation, in which the compartment for cations 
is vacant (Figure 6-39A),309,314,315 there are two hydro-
philic channels that connect the cytoplasmic solution 
to the compartment. One of these channels is 
formed by a dramatic sinking into the bilayer of 
one of the a helices that span the membrane (arrow 
in Figure 6-39B).316 The shift in the position of this 
a helix opens a wide funnel into one side of the 
compartment. Passing out from the opposite side 
of the compartment for the cations in this confor-
mation is a channel, again into the cytoplasm, filled 
with molecules of water, that meanders among four 
of the other a helices that span the membrane. This 
latter channel is neither wide nor obvious, and its 
opening does not involve any dramatic rearrangement 
of the a helices,315 so it may not be an alternative 
exit from or entrance to the compartment. 
 In the reaction catalyzed by P-type Ca2+ trans-
porter, the two hydrons leaving the compartment, 
which are homologues of the two K+ leaving the 
compartment from Na+/K+-exchanging ATPase, 
and the two Ca2+ entering the compartment, which  

are homologues of the three Na+, pass through one 
or the other or both of these hydrophilic channels.315 
The departure of two K+ and the arrival of three Na+ 
through the homologous hydrophilic channels in the 
E1·MgATP2- conformation of Na+/K+-exchanging 
ATPase produces the competition between these 
cations both at the cytoplasmic surface of the human 
enzyme317 and in the steady-state kinetics of human 
Na+/K+-exchanging ATPase318 and Na+/K+-exchanging 
ATPase from Carcinus maenas.257 Potassium ion is 
a competitive product inhibitor of Na+ in its role as 
a reactant. In P-type Ca2+ transporter from O. cuni-
culus, the two Ca2+ that associate with the compart-
ment for cations when it is open to the cytoplasm 
in the E1·MgATP2- conformation bind sequentially 
and can be distinguished kinetically.319 This distinc-
tion results from the fact that one of them is deeper 
in the compartment than the other (Figure 6-39B). 
 When two K+ have left and three Na+ have entered 
the compartment through one or both of the openings 
to the cytoplasm, the compartment again closes, 
and three radioactive 22Na+ become locked within the 
compartment of porcine Na+/K+-exchanging ATPase 
in a different occluded state320 that defines in part 
the [Na+]3·E1~P conformation.* In crystallographic 
molecular models of porcine Na+/K+-exchanging 
ATPase292,321 occupied by three Na+ (Figure 6-36B) 
and P-type Ca2+ transporter from O. cuniculus291,315,316 
occupied by two Ca2+ (Figure 6-36A), which are homo-
logues of the three Na+, the cytoplasmic entrances 
to the compartment for cations have closed and the 
cations are now occluded (Figure 6-39B). 
 The conformational change in Na+/K+-exchang-
ing ATPase that then occurs between the [Na+]3·E1~P 
conformation and the E2-P conformation can also 
be followed by covalently attaching fluorescent 
reporters of the structure of the protein to the canine 
enzyme.312 This conformational change opens the 
compartment for cations to the extracytoplasmic 
side (Figure 6-40).291,294 In the crystallographic 
molecular model of P-type Ca2+ transporter from 
O. cuniculus in this conformation, there is a wide 
hydrophilic channel, open to the extracytoplasmic 
side of the bilayer and ending in the compartment 
for cations (Figure 6-40B).322,323 The opening of 
this channel, which provides an unobstructed path 
connecting the compartment with the extracyto-
plasmic solution, is accomplished by movement of 
the extracytoplasmic portions of four of the mem-
brane-spanning a helices away from the other six.315  

                                                
*In this instance, the enzyme was modified by 
N-ethylmaleimide (Figure 6-38) to stabilize the occluded state. 
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Figure 6-39: Stereodrawings485 of crystallographic molecular 
models representing the closing of the cytoplasmic entrance to 
the compartment for Ca2+ in P-type Ca2+ transporter from 
O. cuniculus around the two Ca2+. Black atoms are carbons, white 
atoms are oxygens, small gray atoms are nitrogens, and large 
light gray atoms are sulfurs. (A) Crystallographic molecular 
model of the compartment when the door is open to the cyto-
plasmic solution in the E1·MgATP2- conformation and the 
compartment is ready to associate with Ca2+ that have entered 
the compartment from the cytoplasmic solution.314 Membranes 
of sarcoplasmic reticulum enriched in P-type Ca2+ transporter 
were isolated from white muscle of the hind legs of O. cuniculus. 
The membranes (12 mg mL-1) were dissolved in a solution 
(18 mg mL-1) of the detergent 3,6,9,12,15,18,21,24,27-nonaoxa-
nonatriacontan-1-ol. The dissolved enzyme was then crystallized 
in the presence of 80 mM KCl, 3 mM MgCl2, and 3.9 mM ethylene 
glycol bis(2-aminoethyl ether)-N,N,N¢,N¢-tetraacetate to sequester 
any calcium in solution and prevent it from associating with 
sites in the compartment. Reflections were collected to Bragg 
spacing of 0.31 nm. The peptide sarcolipin was also added to 
stabilize the E1·MgATP2- conformation. The enzyme adopts an 
a-helical conformation that spans the membrane and lies below 
the two a helices at the lower left and center left of the drawing. 
(B) Crystallographic molecular model316 of the closed, occluded 
compartment in the [Ca2+]2·E1~P conformation occupied by 
two Ca2+, drawn as large gray spheres. Membranes of sarcoplasmic 
reticulum enriched in P-type Ca2+ transporter were isolated 
from white muscle of the hind legs of O. cuniculus. The membranes 
were suspended in 0.5 mg mL-1 deoxycholate, 0.3 M sucrose, 
0.5 M KCI, 1 mM ethylenediaminetetraacetate, 1.25 mM MgCl2, 
and 10 mM CaCl2 at pH 7.9 to remove any loosely attached protein. 
The washed membranes at 3.0 mg mL-1 were then dissolved in 
2.0 mg mL-1 deoxycholate, 0.3 M sucrose, 0.5 M KCI, 1 mM 
ethylenediaminetetraacetate, 1.5 mM MgCl2, and 20 mM CaCl2 
at pH 8.0. The supernatant was dialyzed against 0.3 M sucrose, 

0.5 M KCI, 1 mM ethylenediaminetetraacetate, 1.5 mM MgCl2, 
and 20 mM CaCl2 at pH 8.0. The re-formed membranes, which 
contained only P-type Ca2+ transporter, were then dissolved in 
30 mM 3,6,9,12,15,18,21,24-octaoxatetratriacontan-1-ol, 20% 
glycerol, 80 mM KCl, 10 mM CaCl2, 2 mM MgCl2, and 1 mM 
magnesium 5¢-adenylic methylenediphosphonic anhydride 
(MgAMPPCP2-) at 12 mg mL-1 final protein concentration. The 
solution was mixed with an equal volume of 8% poly(ethylene 
glycol), 4% tert-butanol, 15% glycerol, 5 mM 2-sulfanylethanol, 
and 200 mM sodium acetate to form crystals. Reflections were 
collected to Bragg spacing of 0.26 nm. The view in both draw-
ings is from the cytoplasmic side of the membrane into the interior 
down several of the membrane-spanning a helices. The view is 
also in the same orientation as in Figure 6-36A. In the present 
instance, however, the two a helices that form the wall of the 
compartment on the left in the drawing are included. They 
were not included in the drawing of Figure 6-36A because they 
do not provide ligands to the Ca2+. All six of the a helices that 
form the walls of the compartment were extended up to the 
cytoplasmic surface of the membrane, to include the door to 
the compartment from that side. Each stereodrawing includes 
the same segments of polypeptide from each of these six a helices. 
In the drawing of the occluded compartment in Panel B, the 
two Ca2+ can be seen at the bottom of the drawing in the same 
orientation as in Figure 6-36A. This equivalence can be verified 
by looking for Asparagine 768 and Aspartate 800. The door to 
the compartment is the a helix in the upper left-hand corner of 
the two drawings. In the open conformation (Panel A), a large 
entrance to the compartment can be seen. In the occluded 
conformation (Panel B), the door has been closed. Opening of 
the compartment involves a sinking of the upper left-hand 
a helix into the membrane away from the viewer and movement 
away from the other five a helices (arrow in Panel B). Closing 
of the compartment around the two Ca2+ involves movement 
of the a helix in the opposite direction (arrow in Panel A). 

  

A
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Figure 6-40: Stereodrawings485 of crystallographic molecular 
models representing the opening of the extracytoplasmic entrance 
to the compartment for Ca2+ in P-type Ca2+ transporter from 
O. cuniculus. Black atoms are carbons, white atoms are oxygens, 
small gray atoms are nitrogens, and large light gray atoms are 
sulfurs. (A) Crystallographic molecular model of the closed, 
occluded compartment in the [Ca2+]2·E1~P conformation occu-
pied by two Ca2+ (Figure 6-36A), drawn as large gray spheres. 
The view is from the extracytoplasmic surface of the membrane 
rather than the cytoplasmic surface. To obtain this view, the 
molecular model drawn in Figure 6-35 was rotated 90ª about a 
horizontal axis in the plane of the page in the opposite direction 
from the rotation used to obtain the view in Figure 6-36A. 
(B) Crystallographic molecular model of the compartment when 
the door is open to the extracytoplasmic solution in the 
E2-P conformation and the Ca2+ have dissociated into the 
extracytoplasmic solution. To obtain this molecular model of 
the open compartment,323 the same preparation of P-type 
Ca2+ transporter described in the legend of Figure 6-34 was 
used. The enzyme, however, was crystallized from a solution of 
2 mM BeF2, 4 mM NaF, 10 mM MgCl2, and 3 mM ethylene glycol 
bis(2-aminoethyl ether)-N,N,N¢,N¢-tetraacetate to sequester 
any calcium in solution and prevent it from associating with 

sites in the compartment. The beryllium atom in BeF2 forms a 
covalent bond (0.16 nm) with one oxygen of the carboxylato 
group of Aspartate 351 in the hydrolytic site to produce an 
acyloxy beryllium trifluoride that mimics the phosphorylated 
intermediate in the E2-P conformation, and there is no free Ca2+ 
in solution to associate with the ligands in the compartment. 
These two strategies ensure formation of the E2-P conformation. 
The view in both drawings is from the extracytoplasmic side of 
the membrane. All six a helices that form the wall of the compart-
ment are included and were extended from the ligands to the 
Ca2+ up to the extracytoplasmic surface of the membrane, to 
include the door to the compartment from that side. Each 
drawing includes the same segments of polypeptide from these 
six a helices. The fact that the drawing is in an orientation that 
results from a 180ª rotation about a horizontal axis in the plane 
of the page in Figure 6-36A can be verified by finding the two 
Ca2+ in Panel A and looking for Asparagine 768 and Aspar-
tate 800. Although there are significant changes in the orientation 
and alignments of four or five of the six a helices between the 
drawings in Panels A and B, the a helix in the middle of the 
bottom row swings open most dramatically (arrow in Panel A) 
to produce an open path out of the compartment that allows 
the Ca2+ to dissociate into the extracytoplasmic solution. 
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This wide funnel opened to the extracytoplasmic 
side of the enzyme is occupied in its entirety and 
completely blocked by a molecule of cardiac glycoside 
in crystallographic molecular models of complexes 
between cardiac glycoside and Na+/K+-exchanging 
ATPase303,304,324-326 in this conformation. This fact 
explains why cardiac glycosides, which are strong 
inhibitors of the enzyme, associate with only this 
conformation (Figure 6-38). In P-type Ca2+ trans-
porter, two Ca2+ depart from this E2-P confor-
mation to be replaced by two or three H+. In 
Na+/K+-exchanging ATPase, three Na+ depart from 
this E2-P conformation to be replaced by two K+. 
During this exchange, Na+ acts as a competitive 
product inhibitor of K+ in its role as a reactant in 
the steady-state kinetics of the enzyme.257,318 
 When the conformational change between the 
occluded [Na+]3·E1~P conformation and the open 
(Na+)3·E2-P conformation in Na+/K+-exchanging 
ATPase is initiated by a large and rapid voltage 
change across the plasma membrane of axons 
from Doryteuthis pealeii, there are three movements 
of positive charge327 that have been assigned to 
the individual dissociations of three Na+ at rates 
of 1, 10, and >1000 ms-1. In the case of P-type 
Ca2+ transporter from O. cuniculus, the conforma-
tional change between [Ca2+]2·E1~P and (Ca2+)2·E2-P 
is slow (0.03 ms-1 at 25ª C) and the subsequent disso-
ciation of the two Ca2+ into the extracytoplasmic 
solution is rapid (>102 ms-1) so that the two Ca2+ that 
dissociate cannot be kinetically distinguished.319,328 
These rapid rates for dissociation of the cations 
from both Na+/K+-exchanging ATPase and P-type 
Ca2+ transporter are consistent with the large size 
of the opening to the compartment for cations 
from the extracytoplasmic solution in crystallographic 
molecular models of the E2-P conformation (Fig-
ure 6-40B).322,323 
 In the final step in the mechanism, the protein 
closes around the two K+ to regenerate the E2·[K+]2 
conformation.308 During this final step in P-type 
Ca2+ transporter, the protein closes around two or 
three hydrons to regenerate the occluded E2·[H+]n 
conformation. A mutant of P-type Ca2+ transporter 
from O. cuniculus, in which Glutamate 309, one 
of the glutamates in the compartment, has been 
mutated to glutamine to simulate its hydronation, 
crystallizes in a conformation that was proposed to 
be an intermediate between the E2-P and E2·[H+]n 
conformations as the compartment is closing around 
the hydrons.329 
 The Michaelis constants for Na+ and K+ in the 
steady-state kinetics of Na+/K+-exchanging ATPase 

are assumed to be the dissociation constants for 
the respective ions when they are reactants be-
cause they are such small, uncomplicated ions that 
they probably associate and dissociate from their 
sites in the compartment rapidly. The inhibition 
constants in steady-state kinetics for Na+ and K+ 
are assumed to be for Na+ as a product competing 
with K+ as reactant for occupation of the compart-
ment when it is open to the extracellular surface of 
the enzyme and for K+ as a product competing with 
Na+ as reactant for occupation of the compartment 
when it is open to at the cytoplasmic surface of the 
enzyme. In steady-state kinetics, the Michaelis con-
stant for Na+ entering the compartment for cations 
in human Na+/K+-exchanging ATPase318 and 
Na+/K+-exchanging ATPase from C. maenas257 as a 
reactant from the cytoplasmic solution and the 
Michaelis constant for K+ entering the compart-
ment for cations as a reactant from the extracyto-
plasmic solution, respectively, are significantly 
smaller than the inhibition constants for Na+ as a 
product when it is leaving the compartment for 
cations into the extracytoplasmic solution or K+ 
leaving the compartment for cations as a product 
into the cytoplasmic solution. 
 Although these differences in dissociation con-
stant are not necessary for active transport to occur 
by this mechanism (Figure 6-38), in this way, the 
rates of exchange of two K+ for three Na+ in the 
E1·MgATP2- conformation and three Na+ for two K+ 
in the E2-P conformation are accelerated. The time 
between the opening to one side of the membrane 
of the compartment loaded with the proper num-
ber of one type of cation (the cationic products) 
and the closing of the compartment around the 
proper number of the other type of cation (the cat-
ionic reactants) can be viewed as the time it takes 
for the cationic products to vacate and the cationic 
reactants to occupy the compartment. As these ex-
changes proceed by random collisions of cations 
with the open compartment, the probability that 
cationic reactants will be bound in the correct 
number and in the absence of bound cationic 
products increases as the dissociation constant for 
cationic products from the site increases and the 
dissociation constant for cationic reactants from 
the site decreases. Furthermore, under normal cir-
cumstances, when the enzyme is actively transport-
ing cations against their electrochemical gradients, 
the concentrations of cationic products are always 
greater than the concentrations of cationic reac-
tants on the respective sites of the membrane. For 
example, at the cytoplasmic side, K+ is the cationic 
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product and Na+ is the cationic reactant, but the 
concentration of K+ is significantly greater than the 
concentration of Na+. 
 The existence of the four discrete global confor-
mations assumed by Na+/K+-exchanging ATPase—
E2·[K+]2, E1·MgATP2-, [Na+]3·E1~P, and E2-P—has 
been established in several ways other than their 
ability to occlude particular cations. There are several 
short segments of the native folded catalytic a poly-
peptide of Na+/K+-exchanging ATPase from O. cuni-
culus330 and porcine H+/K+-exchanging ATPase331 
that are susceptible to cleavage by endopeptidases, 
presumably because they form exposed loops on the 
surface of the native enzyme, and the accessibilities 
of these segments to endopeptidases change dramat-
ically as the conformations change.332 The affinity 
of the different conformations of Na+/K+-exchanging 
ATPase for ligands such as MgATP2- and cardiac 
glycosides are dramatically different.311,333 Finally, 
in addition to the observations described above, a 
number of fluorescent molecules have been cova-
lently attached to various locations in canine and 
porcine Na+/K+-exchanging ATPase, and their fluo-
rescence emission changes as changes are made in 
the conformation of the enzyme.312,334 Because 
these various reporters of the structure of the protein 
are scattered over its surface, it is assumed that 
each change in structure being detected is a global 
conformational change. 
 
 Steps in the mechanism for hydrolysis of 
MgATP2- at the hydrolytic site of Na+/K+-exchanging 
ATPase are connected by global conformational 
changes to each change in access to the compart-
ment through which the cations pass. 
 When the enzyme is in the E2·[K+]2 conformation, 
two K+ are occluded within the compartment, and 
the hydrolytic site is unoccupied by substrates. 
There are two parallel paths that the mechanism 
can take from this point (Figure 6-38), each of 
which opens the compartment to the cytoplasmic 
side of the enzyme. The conformational change of 
mammalian Na+/K+-exchanging ATPase from the 
E2·[K+]2 conformation to the (K+)2·E1 conformation, 
in which the enzyme is open to the cytoplasmic 
surface is slow and has an unfavorable equilibrium 
constant, but when it happens to occur, MgATP2– 
at low concentration can bind rapidly and with 
high affinity to the hydrolytic site, locking in the 
open (K+)2·E1 conformation. The hydrolytic site, 
however, does have a large dissociation constant for 
MgATP2- in the E2·[K+]2 conformation. If MgATP2- is 
at a high enough concentration, then it can bind 

before the conformational change occurs. When it 
binds, the enzyme opens to the cytoplasm in a fast 
step leading to release of the K+.311,335 The product of 
both paths is the conformation E1·MgATP2-. Normal 
cytoplasmic concentrations of MgATP2- are sufficient 
to saturate the hydrolytic site when the enzyme is 
in the E2·[K+]2 conformation, even though it displays 
low affinity for MgATP2- in this conformation; and 
when it is in the plasma membrane of a cell, the 
binding of MgATP2-  accelerates the opening of 
the compartment to the cytoplasm.312 In addition, 
steady-state kinetic measurements of porcine 
Na+/K+-exchanging ATPase, when correlated to the 
rate at which 86Rb+ is deoccluded in the absence of 
MgATP2-, lead to the conclusion that high concen-
trations of Na+ (Kd,app = 40 mM), presumably asso-
ciating with a site other than the compartment in 
which the two Rb+ are occluded, also accelerate 
their deocclusion,305 but the side of the membrane 
on which this site is located was not determined. 
Because MgATP2- can bind to the hydrolytic site by 
either of these two paths, the steady-state kinetics 
of P-type Ca2+ transporter from O. cuniculus as the 
concentration of MgATP2- is varied display positive 
deviations from linear behavior that appear to be 
cooperative,336 although they are not because the 
enzyme is a monomer with only one active site for 
hydrolysis of MgATP2- and no other sites with 
which MgATP2- associates. 
 From a comparison of a crystallographic molecu-
lar model of P-type Ca2+ transporter from O. cuni-
culus in which the site for hydrolysis of MgATP2- is 
empty with one of the enzyme in which the same 
site is occupied by magnesium 5¢-adenylic methylene-
diphosphonic anhydride (MgAMPPCP2-), it can be 
concluded that association of MgATP2- with the 
E2·[H+]2 conformation of the enzyme proceeds 
with a major local conformational change (Figure 
6-41).291,294,316 Three hinged domains, formed by 
110, 160, and 240 amino acids (upper left, upper 
middle, and upper right, respectively, in Figure 6-41A) 
comprise the majority of the large portion of P-type 
Ca2+ transporter that resides in the cytoplasm. In 
the absence of nucleotide, these domains are 
splayed apart. After MgAMPPCP2- has been bound 
by the open hydrolytic site, and presumably after 
MgATP2– has been bound during normal turnover 
as well, these three domains have closed around the 
nucleotide (Figure 6-41B) and merged into a large, 
compact globular structure. The same hinged do-
mains and the same conformational change are 
observed in Na+/K+-exchanging ATPase.292,295,304,321  
 



Conformational Conversion of Energy 
 

1785 

 
 
 

 
 
 
 
Figure 6-41: Stereodrawings485 of crystallographic molecular 
models showing the local change in conformation that results 
when the structural domains of P-type Ca2+ transporter from 
O. cuniculus close around a molecule of MgATP2- to produce 
the occupied hydrolytic site. (A) Open hydrolytic site. To obtain 
this crystallographic molecular model,294 the same preparation of 
P-type Ca2+ transporter described in the legend of Figure 6-34 
was used. The enzyme, however, was crystallized from a solution 
of 10 mM CaCl2 and 3 mM MgCl2 in the absence of any nucleotide, 
phosphate, or compound that could produce a mimic of the 
phosphorylated intermediate. (B) Closed hydrolytic site. The 
same crystallographic molecular model was used to make this 
drawing of the enzyme with its hydrolytic site occupied by 
MgAMPPCP2- as was used for the drawing in Figure 6-34. 
Again, black atoms are carbons, white atoms are oxygens, 

small gray atoms are nitrogens, and large dark gray atoms are 
the three atoms of phosphorus. Only the atoms in the complete 
polypeptide backbones are included in the two skeletal drawings. 
The two Ca2+ occupying the compartment for cations are drawn 
as large gray spheres. To give the best view of the three domains 
that are splayed open in the drawing of the local conformation 
in which the hydrolytic site is open and unoccupied (Panel A), 
an orientation that is produced by a 40ª rotation about a vertical 
axis in the plane of the page in Figure 6-34 was chosen. The 
drawing of the enzyme occupied by MgAMPPCP2- is in the 
same orientation. The major motion producing the closing of 
the structural domains is the pivot to the left (arrow) of the 
large structural domain on the right of the cytoplasmic portion 
of the enzyme in Panel A.  
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This large local change in conformation is probably 
what biases the conformational change from the 
E2·[K+]2 to the E1·MgATP2- conformation upon 
association of MgATP2-. 
 In the resulting E1·MgATP2- conformation, the 
hydrolytic site has closed around MgATP2- and the 
compartment for cations has opened to the cytoplas-
mic solution. Once the compartment for cations in 
Na+/K+-exchanging ATPase is open to the cytoplasm, 
two K+ are eventually replaced by three Na+ while 
the MgATP2- remains in the hydrolytic site that has 
closed around it. Once three Na+ have replaced two K+ 
in the compartment for cations in Na+/K+-exchanging 
ATPase, the global conformation changes, occluding 
the three Na+. Alternatively, once two Ca2+ have re-
placed several H+ in the compartment for cations of 
P-type Ca2+ transporter, the global conformation 
changes, occluding the two Ca2+. During this confor-
mational change in Na+/K+-exchanging ATPase 
from the E1·MgATP2- to the [Na+]3·E1~P confor-
mation, the compartment closes around three Na+ 
and the g-phosphate of MgATP2- is transferred sim-
ultaneously to an aspartate in the hydrolytic site to 
produce an aspartyl phosphate, which is a mixed 
anhydride337 

 

Peptides have been isolated from streptogrisin digests 
of Na+/K+-exchanging ATPase from Cavia porcellus 
and digests of P-type Ca2+ transporter from O. cunic-
ulus, respectively, that contain this intermediate 
aspartyl phosphate.338 
 Kinetic studies of the phosphorylation that 
occurs during the conformational change from the 
(Na+)3E1·MgATP2- to the [Na+]3·E1~P conformation 
demonstrate that a slower step (500 s-1 at 24ª C), 
presumably the global conformational change 
occluding the cations, has to occur before the rapid 
phosphorylation (>3000 s-1) of the aspartate in the 
hydrolytic site of the enzyme and that the MgADP– 
that is produced at the hydrolytic site during phos-
phorylation of the aspartate is immediately in rapid 
equilibrium with MgADP- in solution.339 In the 
crystallographic molecular model of the complex 
between P-type Ca2+ transporter from O. cuniculus 
and MgAMPPCP2-, the compartment is occupied by 
two Ca2+ (Figures 6-34 and 6-41B), and it has already 
been occluded. This molecular model is consistent 

with the conclusion that the global conformational 
change from the E1·MgATP2- to the E1~P conforma-
tion that occludes the compartment occurs before 
the aspartate is phosphorylated during the conforma-
tional change. Magnesium 5¢-adenylic methylene-
diphosphonic anhydride cannot phosphorylate the 
aspartate, yet the two Ca2+ are occluded. 
 In the [Na+]3·E1~P conformation, the aspartyl 
phosphate (6-4) in mammalian Na+/K+-exchanging 
ATPase is in an environment causing it to have a 
large negative standard free energy of hydrolysis 
because the aspartyl phosphate and MgADP- are in 
rapid equilibrium with MgATP2- free in solution340,341 

  
                  (6-129) 

as would be expected from the large negative 
standard free energy of hydrolysis for acyl phosphates 
in solution (Table 1-3). If the next conformational 
change in the mechanism is blocked by binding of 
the inhibitor oligomycin to the enzyme or by covalent 
modification of the enzyme with N-ethylmaleimide 
(Figure 6-38), then this rapid equilibrium in the 
hydrolytic site is manifested in a rapid isotopic ex-
change342 of Mg[14C]ADP- with Mg[12C]ATP2-. 
 If, however, the next conformational change 
proceeds spontaneously (Figure 6-38), as it normally 
does, then the [Na+]3·E1~P conformation converts 
rapidly to the E2-P·(Na+)3 conformation, in which 
the compartment for the Na+ being transported has 
opened to the extracytoplasmic surface. The acyl 
phosphate, although still at the same aspartate in 
Na+/K+-exchanging ATPase from Electrophorus electri-
cus,343 has changed from one with a large negative 
standard free energy of hydrolysis to one with a 
small standard free energy of hydrolysis because 
in this conformation it is in rapid equilibrium with 
phosphate in solution344  

   
                 (6-130) 

in Na+/K+-exchanging ATPase from E. electricus as 
well as the feline enzyme. In other words, in this 
conformation, phosphate in solution is able to easily 
phosphorylate the aspartate in the hydrolytic site. 
This phosphorylation is analogous to what occurs 
on the active site of myosin ATPase in the absence 
of actin, where MgADP- and HOPO3

2- are in rapid 
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equilibrium with MgATP2- (see Equation 5-259 and 
Figure 5-18) 

    
                (6-131) 

which at the time was an unexpected observation. 
In the case of Na+/K+-exchanging ATPase, an acyl 
phosphate is in equilibrium with H2O and HOPO3

2-, 
also contrary to expectation. The structure of the 
hydrolytic site in this conformation has dramatically 
shifted the value for an equilibrium constant relative 
to what it would be in free solution, a feat that will 
be duplicated by the active site of H+-transporting 
two-sector ATPase. 
 Once three Na+ in the compartment for cations 
in Na+/K+-exchanging ATPase have been replaced 
by two K+, or in the case of P-type Ca2+ transporter, 
two Ca2+ by two or three H+, the conformational 
change from the E2-P conformation in which two 
K+ occupy the open compartment to the E2·[K+]2 
conformation occurs. Coincident with the closing 
of the compartment to occlude the two K+, the acyl 
phosphate is hydrolyzed to regenerate the empty 
hydrolytic site.341,345 This conformational change 
can be followed by observing the effect of the 
concentration of K+ on the rate of hydrolysis of the 
aspartyl phosphate (6-4) in the active site of bovine 
Na+/K+-exchanging ATPase346 that has been formed 
from [g-32P]MgATP2- in the presence of Na+. Because 
the aspartyl phosphate in the E2-P conformation 
hydrolyzes rapidly, but only upon addition of K+, 
while the aspartyl phosphate in the [Na+]3·E1~P 
conformation rapidly transfers its phosphate to 
MgADP-, the relative amounts of these two confor-
mations, and hence the equilibrium constant between 
them, can be determined under any set of circum-
stances.341 The phosphate produced by hydrolysis 
of the aspartyl phosphate in the E2-P conformation 
seems to remain associated with the hydrolytic site 
during the transition from the E2-P conformation 
to the E2·[K+]2 conformation, as there is a crystallo-
graphic molecular model of Na+/K+-exchanging 
ATPase from S. acanthias in which the hydrolytic 
site is closed around an analogue of phosphate that 
cannot phosphorylate the aspartate and the two K+ 
are occluded.299 

 The steps in the mechanism of active transport 
at which standard free energy changes that represent 
the standard free energy of hydrolysis of MgATP2– 
are manifested are not the steps in which the covalent 
bonds are made and broken. The steps in which cova-
lent bonds are made and broken are the transitions 
between E1·MgATP2- and [Na+]3·E1~PO3

2-·MgADP– 
and E2-P and E2·[K+]2. The steps in which the 
change in standard free energy are manifest are 
those in which only conformational changes of the 
enzyme occur, which are in the spontaneous transi-
tion between (Na+)3·E1~P and E2-P and the transition 
between E2·[K+]2 and E1·MgATP2- that is strongly 
promoted by association of MgATP2-. Yet again, 
these observations seem counterintuitive. 
 Active transport occurs because specific events 
that take place at the site where the MgATP2- is 
hydrolyzed are coupled to distinct, but also specific, 
events that take place in the compartment through 
which the cations pass into and out of the cyto-
plasm. This compartment is defined by its ability to 
occlude the cations. The distance between this 
compartment and the hydrolytic site is 5 nm (Fig-
ure 6-34), and the only reasonable strategy for this 
rigid coupling of events is through extensive global 
conformational changes in the enzyme. 
 Each global conformation through which the 
coupling is accomplished must be solid enough to 
unerringly transfer information about the status of 
the active site and the status of the compartment 
for the ions over such a long distance. The protein 
in each conformation cannot be soft. Because there 
is nothing special about the protein in these enzymes, 
this necessity yet again demonstrates that proteins 
cannot be soft. 
 Because the occluded forms, in which the cations 
are stationary occupants in the compartment 
through which they pass, exist, the actual transport of 
the cations involves closing of the compartment at 
one side, after they are bound, before it opens to 
the other side. Because the barrier at the closed end 
of an open compartment is at that instant the only 
barrier between the cytoplasmic and extracytoplasmic 
solutions, it follows that, as they are transported, it is 
not the cations that move but the barrier between 
cytoplasm and extracytoplasmic solution that moves. 
 Several drawings have been presented in which 
four of the crystallographic molecular models of 
P-type Ca2+ transporter have been proposed to be 
representatives of the four respective global confor-
mations of the enzyme that accomplish the active 
transport of Ca2+ and H+.322,347 There are several 
problems with these presentations that make them 
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premature. First, there is no agreement among the 
crystallographers as to which molecular models 
represent the four conformations. Second, in many 
of the molecular models chosen, rather large perturb-
ants of the structure—such as sarcolipin,314 a peptide 
of 31 amino acids that forms a membrane-spanning 
a helix adjacent to the a helices forming the compart-
ment for Ca2+ and H+, or thapsigargin,300,309,315,348,349 
a rather large molecule, C34H50O12, that binds within 
the compartment for cations—were bound to 
P-type Ca2+ transporter in the crystals and were 
present in the molecular model. In fact, the only 
molecular models in which the compartment is 
open to the cytoplasm have these perturbants asso-
ciated with them. 
 Finally, there has been no attempt to distinguish 
between local conformational changes, which are 
dramatic, and global conformational changes, which 
are probably more subtle but are key to the process. 
For example, the induced fit upon association of 
adenine nucleotides with the active site of P-type 
Ca2+ transporter or Na+/K+-exchanging ATPase is a 
significant conformational change. It seems, however, 
to be associated only with occupation of the active 
site by an adenine nucleotide, normally the substrates 
MgATP2- or MgADP-. If so, this conformational change 
may be a local conformational change similar to the 
one that occurs upon association of carbamoyl phos-
phate and ¬-aspartate with the active sites of aspartate 
carbamoyltransferase. Nevertheless, even if it is only a 
local conformational change, it probably promotes the 
respective global conformational changes from the 
E2·[H+]n to the (H+)n·E1·MgATP2- conformation and 
from the E2·[K+]2 to the (K+)2·E1·MgATP2– conforma-
tion that follow association of MgATP2- at normal 
cellular concentrations. In another example, whenever 
the compartment for cations in P-type Ca2+ trans-
porter is occupied by Ca2+, it is in an occluded local 
conformation,316 but during the catalytic cycle, 
Ca2+ must associate with and dissociate from the 
compartment when it is open on each side of the 
membrane. Nevertheless, even if closing of the 
compartment around the Ca2+ to occlude them is a 
local conformational change, it promotes the next 
global conformational change, in the sequence linking 
the events in the compartment with the events in 
the active site. 
 The entire process (Equation 6-128) of active 
transport is reversible, as are all enzymatic reactions. 
The rapid reversibility of the two halves of the 
mechanism, that in which Na+ is transported and 
that in which K+ is transported, can be demonstrated. 
The enzyme in an intact, resealed human erythrocyte 

in the absence of K+ catalyzes a rapid three-for-
three exchange of cytoplasmic, radioactive 24Na+ 
for extracytoplasmic, nonradioactive 23Na+ that 
requires the presence of both cytoplasmic MgATP2– 
and cytoplasmic MgADP- as expected if the mech-
anism is as described (Figure 6-38).350,351 The enzyme 
in resealed human erythrocytes also catalyzes, in 
the absence of Na+, a rapid two-for-two exchange 
of cytoplasmic, radioactive 42K+ for extracytoplasmic, 
nonradioactive 39K+ that requires352 the presence of 
cytoplasmic HOPO3

2- as expected (Figure 6-38) but 
also the presence of cytoplasmic MgATP2-. The latter 
requirement results from the fact that the binding 
of MgATP2- at the hydrolytic site accelerates the 
rate-limiting step in the K+/K+ exchange, that of 
opening the compartment to the cytoplasm to release 
the occluded K+. Finally, if sufficient concentration 
gradients of Na+ and K+ are created across the plasma 
membranes of erythrocytes from C. porcellus and 
the concentrations of MgADP– and HOPO3

2- in the 
cytoplasm are high and the concentration of MgATP2– 
is low, then Na+/K+-exchanging ATPase will synthe-
size353 MgATP2-. 
 H+-Transporting two-sector ATPase is an unre-
lated enzyme that normally, but also reversibly, 
catalyzes the synthesis of MgATP2- from MgADP– 
and HOPO3

2- by coupling that synthesis to the 
transport of cations. 
 
 H+-Transporting two-sector ATPase354  

  
                (6-132) 

is responsible for most of the synthesis of MgATP2– 
in aerobic living organisms.* H+-Transporting two-
sector ATPase is embedded in and spans the inner 
membrane of a mitochondrion, the membrane of 
the thylakoid of a chloroplast, or the plasma mem-
brane of a bacterium. The subscripts indicate that 
the hydrons are transported across the membrane 
of the organelle or cell during catalysis from the 
space on the side of the membrane that normally 
has a more positive electric potential into the space 

                                                
*The hydron to the right on the first line of the equation is 
referred to as a "scalar" hydron. A scalar hydron is a hydron 
that is a reactant or product of the chemical transformation 
catalyzed by the enzyme, that appears on the side of the 
membrane where that transformation occurs, and that is not 
involved in the net transport of hydrons from one side of the 
membrane to the other. 
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that nomally has a more negative electric potential.* 
Depending on the species of the organism and the 
organelle in which the enzyme is located, the effective 
stoichiometry† of the hydrons transported, n, is 
between 8/3 and 15/3.355 For example, the stoichi-
ometry for mammalian mitochondria is 8/3 while 
that for cells of E. coli is 10/3. A related enzyme356 
from certain bacteria uses a gradient of Na+ from the 
exterior to the interior of the bacterium to synthesize 
MgATP2-. This ability is another example of Na+ 
substituting for H+, as is observed in the cation 
ATPases just discussed, but it does not mean that 
the H+-transporting two-sector ATPases and the cation 
ATPases are in any way related to each other—far 
from it. 
 Under normal circumstances when there is a 
large electrochemical gradient of hydrons from the 
exterior intramembrane space of a mitochondrion 
to the matrix in its interior, from the exterior of a 
bacterial cell to the cytoplasm in its interior, or 
from the interior lumen of a thylakoid to the stroma 
on its exterior surface,†† H+-transporting two-sector 
ATPase synthesizes MgATP2- from MgADP- and 
HOPO3

2-, just as Na+/K+-exchanging ATPase will 
synthesize MgATP2- when there are large electro-

                                                
*The terms cytoplasmic and extracytoplasmic or even interior 
or exterior are useless in this instance because the 
mitochondria and chloroplasts in which H+-transporting two-
sector ATPase is found are both the progeny of bacterial cells 
in which the enzyme is also found. The inner membrane of a 
mitochondrion is the plasma membrane of the ancestral 
bacterium so the ancient cytoplasmic space, now the matrix of 
the mitochondrion, is on the side of the inner membrane 
opposite the cytoplasm of the eukaryotic cell. A thylakoid is the 
progeny of an invagination in the plasma membrane of the 
ancestral bacterium that pinched off. Consequently, the interior 
of the thylakoid is the ancient extracytoplasmic space, and the 
ancient cytoplasmic space is on the same side of the 
membrane of the thylakoid as the cytoplasm of the eukaryotic 
cell in which it is found. The enzyme is unaware of its change 
of venue and is still transporting hydrons into bacterial cells, 
into the matrix of the mitochondion, and out of the interior of the 
thylakoid when MgATP2- is being synthesized. Consequently, 
positive (pos) and negative (neg) indicate the spaces that have, 
under normal cytoplasmic circumstances, positive and 
negative electric potential relative to each other. 
†The stoichiometries noted are those for H+-transporting two-
sector ATPase when it is operating at its highest efficiency. 
Because there is not a direct chemical connection between the 
current of hydrons and the synthesis of MgATP2-, the actual 
stochiometry is probably less than the ideal, depending on the 
circumstances. 
††There is a "large electrochemical gradient of hydrons" from 
the exterior to the interior when the pH is sufficiently lower 
(DpH = 0.5-1.5) in the solution on the positive, acidic side of 
the membrane than in the solution on the negative, basic side, 
and the electric potential is sufficiently more positive (òV = -50 
to -220 mV) in the solution on the positive, acidic side than in 
the solution on the negative, basic side.355 

chemical gradients of Na+ and K+ across the mem-
brane. If, however, the electrochemical gradient 
decreases sufficiently, H+-transporting two-sector 
ATPase will then catalyze the net transport of hydrons 
in reverse from the interior to the exterior of a mito-
chondrion or bacterial cell or from the exterior to 
the interior of a thylakoid against the electrochemical 
gradient of hydrons at the expense of hydrolysis of 
MgATP2-. Under these circumstances, the enzyme 
catalyzes the active transport of hydrons. In fact, 
there are related enzymes,357 commonly referred to 
as V-type proton ATPases, the sole purpose of 
which is to transport hydrons actively across a 
membrane, in this instance from the cytoplasm of a 
eukaryotic cell into internal membrane-enclosed 
spaces such as lysosomes, endosomes, and the 
Golgi apparatus, to acidify their interior. Because 
the transport is from cytoplasm into the interior of 
these enclosed spaces, the V-type proton ATPases 
are presumably, as are chloroplasts, the descendants, 
by invagination, of an ancestral H+-transporting two-
sector ATPase in the plasma membrane of the bacte-
rial cells that became the cells of eukaryotes rather 
than their mitochondria, which are the descendants 
of invasive bacteria. This origin places the active 
sites at which MgATP2- is hydrolyzed on the cyto-
plasmic surface of the respective organelles, which 
is where the MgATP2- is found. 
 As is the case with P-type Ca2+ transporter (Figure 
6-34) and Na+/K+-exchanging ATPase, H+-transpor-
ting two-sector ATPase is embedded in a membrane 
with most of its mass in the aqueous solution on one 
side of that membrane. In the case of H+-transporting 
two-sector ATPase, however, the majority of its mass 
is in the space that normally has the more negative 
electric potential. As with P-type Ca2+ transporter 
and Na+/K+-exchanging ATPase, the portion of the 
enzyme embedded in the bilayer of the membrane 
is also constructed almost entirely of a helices that 
span or almost span that membrane. P-Type 
Ca2+ transporter, however, is composed of only one 
folded polypeptide while H+-transporting two-
sector ATPase is composed of many different sub-
units,358 the exact number in most species still to 
be determined. In addition, several of these sub-
units are present in multiple copies. As a result, 
H+-transporting two-sector ATPase is much larger 
than P-type Ca2+ transporter and Na+/K+-exchanging 
ATPase. 
 
 The major portion of the large structure located 
in the aqueous solution on the side of the mem-
brane with a more negative electric potential can 
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be dissociated from the rest of H+-transporting 
two-sector ATPase and purified.359 For historical 
reasons,* this soluble sector of H+-transporting 
two-sector ATPase is called F1-ATPase, and the por-
tion that is left behind within the membrane is 
called the Fo sector. Together these comprise the two 
sectors of H+-transporting two-sector ATPase. The 
sector that is F1-ATPase contains the active sites at 
which MgATP2- is either synthesized from or hydro-
lyzed to MgADP- and HOPO3

2-. When it is detached 
from the Fo sector of the intact enzyme, F1-ATPase 
is no longer coupled to the electrochemical gradient 
because it is no longer attached to the Fo sector, 
which is the portion of the enzyme that spans the 
membrane and transports hydrons across it. For 
H+-transporting two-sector ATPase to synthesize 
MgATP2-, the reversible hydrolysis of MgATP2-, 
which is catalyzed by the active sites on F1-ATPase, 
must be coupled to the movement of hydrons 
down the usual electrochemical gradient, and this 
transport of hydrons takes place through the Fo sector. 
Consequently, F1-ATPase on its own can only hydro-
lyze MgATP2-, which it does quite efficiently. It follows 
that, under normal circumstances when they are 
associated with each other, the coupling between 
the two sectors must, necessarily, be tight. 
 Five different folded polypeptides comprise 
F1-ATPase from bovine mitochondria.360,361 These five 
folded polypeptides, of lengths 510 amino acids (a), 
480 amino acids (b), 273 amino acids (g), 146 amino 
acids (d), and 50 amino acids (e), are present in the 
stoichiometry a3b3gde. In the crystallographic molec-
ular model of bovine F1-ATPase (Figure 6-42),362-366 
the three a subunits and the three b subunits, the 
sequences of which are homologous to each other 
(23% identity; 3.2 gap percent) and the tertiary 
structures of which are superposable,363 form a ring 
with a sixfold rotational axis of pseudosymmetry. 
Because the a and b subunits alternate around the 
ring (Figure 6-42), it is a heterohexamer composed 
of three ab dimers, and all six subunits are assem-
bled head-to-tail.363,364 The g subunit, in addition to 
folding into a small globular domain (150 aa) below 
this (ab)3 ring, also forms a shaft,† composed of a 
long (48 aa) continuous a helix from its amino termi-
nus and a long (73 aa) continuous a helix from its 
carboxy terminus. These two a helices twist around 
each other in half a turn of a coiled coil (Fig-
ure 6-43B).364 The folded d and e polypeptides are 
two small globular subunits (not shown in Figures 

                                                
*and perhaps for personal reasons 
†The metaphor begins. 

6-42 and 6-43) attached to the protruding globular 
base of the g subunit on the surface of that globular 
domain opposite the location of the (ab)3 hetero-
hexameric ring. These small subunits are not involved 
directly in the synthesis of MgATP2-, but they func-
tion to connect and couple, in part, the g subunit of 
the F1-ATPase to the Fo sector. 
 In intact F1-ATPase from every species examined, 
the three ab  dimers assume different conformations, 
so the central axis is a threefold rotational axis of 
pseudosymmetry363 rather than, as in most trimeric 
proteins, a threefold rotational axis of symmetry. 
The (ab)3 heterohexameric ring from Bacillus sp. PS3 
(a subunit, 59% identity; 0.4 gap percent and 
b subunit, 76% identity; 0.8 gap percent relative to 
the respective bovine subunits), in the absence of 
any other subunits of its F1-ATPase, has been crys-
tallized, and there is a crystallographic threefold 
rotational axis of symmetry relating the three 
ab heterodimers.367 From this observation it follows 
that the (ab)3 heterohexameric ring from Bacillus 
sp. PS3 on its own has an exact threefold rotational 
axis of symmetry, as would be expected, and the 
conformations of its ab subunits must be identical. 
In the crystallographic molecular model of the in-
tact (ab)3gde complex from Bacillus sp. PS3, however, 
the three ab heterodimers around the ring adopt 
the three different conformations observed in the 
bovine (ab)3gde complex.368 Consequently, the 
asymmetry in the (ab)3gde complex of F1-ATPase 
from Bacillus sp. PS3, and presumably in all the 
other F1-ATPases, is induced by the dramatic 
asymmetry of the g subunit (Figure 6-43) upon 
which the (ab)3 heterohexameric ring is snugly 
impaled. The asymmetry among the three 
ab heterodimers in the intact enzyme is crucial to 
the ability of H+-transporting two-sector ATPase to 
synthesize MgATP2-. 
 As might be expected, the active sites at which 
MgATP2-  is synthesized or hydrolyzed are located 
in the (ab)3 heterohexamer of F1-ATPase. There are 
six sites at which either MgATP2- or MgADP- and 
HOPO3

2- can be bound simultaneously in the hetero-
hexamer,365,369 and these six sites are related by the 
sixfold rotational axis of pseudosymmetry, rotation 
around which superposes the six homologous subunits, 
three a subunits and three b subunits. The six sites 
are located within the six interfaces between a and 
b subunits (Figure 6-42A,B), one in each interface, 
and side chains from both the a and b subunits 
comprising a given interface form each binding site. 
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Figure 6-42: Space-filling drawings and stereodrawings485 of a 
crystallographic molecular model of the (ab)3g portion of bovine 
F1-ATPase.365 Mitochondria were isolated by differential centrifu-
gation from a homogenate of bovine heart, and these mitochon-
dria were then sonicated to produce submitochondrial particles. 
During this procedure, the majority of the intramitochondrial 
soluble proteins were released into solution and could be 
removed by pelleting the submitochondrial particles. The 
washed submitochondrial particles in aqueous buffer were 
shaken with 0.5 volume of chloroform, the emulsion was broken, 
and the yellowish, clear aqueous phase was concentrated. The 
concentrate was then submitted to chromatography by molecular 
exclusion, and the fractions containing F1-ATPase were concen-
trated and passed over a solid phase to which Cibacron Blue 
F3GA was covalently attached. The adsorbant removed the re-
maining impurities to produce a solution of purified F1-ATPase, 
which was precipitated with ammonium sulfate.362 The enzyme 
was redissolved and crystallized with poly(ethylene glycol) 
6000 as a precipitant in 0.2 M NaCl, 3 mM sodium azide, 
20 mM MgSO4, 0.25 mM MgAMPPNP2-, 5 mM MgADP-, and 
50 mM 2-amino-2-(hydroxymethyl)propane-1,3-diol at pH 8.2. 
Reflections from crystals were collected to Bragg spacing of 
0.19 nm. The portion of the resulting refined crystallographic 
molecular model containing the complete polypeptides of the 
three a subunits, the three b subunits, and the g subunit is 

presented to the left in space-filling models (g subunit in black, 
a subunits in gray, and b subunits in white) and to the right as 
stereo line drawings of only the polypeptide backbones 
(g subunit in thick lines, a subunits in lines of intermediate 
thickness, and b subunits in thin lines) in the same orientation as 
the space-filling models. The four molecules of MgAMPPNP2-, 
the single molecule of MgADP-, and the single molecule of 
HOPO32-, which are associated one in each of the six occupied 
sites in the (ab)3 ring in the crystallographic molecular model, 
are drawn in ball-and-stick format. Again, black atoms are 
carbons, white atoms are oxygens, small gray atoms are nitrogens, 
and large dark gray atoms are atoms of phosphorus. (A) Side-on 
views with the g subunit protruding from the top. (B) View from 
the surface of the enzyme from which the g subunit protrudes. 
This orientation defines clockwise (negative rotation) and 
counterclockwise (positive rotation). (C) Stereo line drawing of 
the polypeptide backbones of the g subunit and only the three 
catalytic b subunits with their active sites occupied. The site 
labeled MgATP, normally occupied by MgATP2-, is occupied 
here by the analogue MgAMPPNP2-. The site labeled MgADP, 
normally occupied by MgADP- and HOPO32- in equilibrium 
with MgATP2- and a molecule of water, is occupied here by 
MgADP- and azide ion in place of HOPO32-. The site labeled 
HOPO32-, normally occupied by various substrates associating 
and dissociating, is occupied here by HOPO32-. 
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Figure 6-43: Stereodrawings485 of a crystallographic molecular 
model of the g subunit of bovine F1-ATPase. The g subunit is 
from the same crystallographic molecular model as that of 
Figure 6-42. (A) Stereo space-filling drawing of the complete 
g subunit. (B) Stereo line drawing of all amino acids and their 
side chains in the complete g subunit . 
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Figure 6-44: Stereodrawings485 of crystallographic molecular 
models of the two active sites of bovine F1-ATPase that are 
occupied by nucleotides. Black atoms are carbons, white atoms 
are oxygens, small gray atoms are nitrogens, large light gray 
atoms are sulfurs, and large dark gray atoms are atoms of 
phosphorus. The segments of polypeptide drawn are identified 
by naming and numbering the amino acids at their amino-
terminal and carboxy-terminal ends. The majority of the segments 
are from the b subunit, and the numbers of their amino acids 
are unadorned. The two segments from the a subunit are des-
ignated by adding an a to the end of each number. (A) Active 
site on the b subunit in the same crystallographic molecular 
model as that of Figure 6-42 occupied by MgADP- (black 
bonds) and N3- ion and in the D conformation.365 A molecule 
of water on Mg2+, the N3- ion, and a second molecule of water, 
however, have been replaced by a drawing of HOPO32- (black 
bonds). This drawing is positioned in the active site so that its 
phosphorus is 0.31 nm from the oxygen of the MgADP- that is 
to become the bridging oxygen in MgATP2-, a distance that is 
slightly within the sum of the van der Waals radii (0.33 nm). 
This position of its phosphorus places its apical oxygen in the 
same location as the molecule of water that is forming hydrogen 
bonds with Arginine b 264 and Glutamate b192 and the amido 
oxygen of Serine a 344 in the unaltered crystallographic molecular 
model. One of the equatorial oxygens of HOPO32- is oriented 
toward the Mg2+ in as close an approach as possible, which 
leaves the two other equatorial oxygens occupying positions 

close the two peripheral negatively charged nitrogens of N3-, 
each with a formal charge number of -0.5. This drawing represents 
the D conformation occupied by the two substrates MgADP– 
and HOPO32-. (B) Active site of Panel A occupied instead by a 
molecule of MgAMPPNP2- (black bonds) in a different crystal-
lographic molecular model366 of bovine F1-ATPase. For this 
molecular model, the enzyme was crystallized with poly(ethylene 
glycol) 6000 as a precipitant in 0.2 M NaCl, 20 mM MgSO4, 
0.25 mM MgAMPPNP2-, 5 mM MgADP-, and 50 mM 2-amino-
2-(hydroxymethyl)propane-1,3-diol at pH 8.2. In the absence 
of N3-, this active site is occupied by MgAMPPNP2-. Conse-
quently, this molecular model represents the active site in the 
D conformation occupied by the substrates MgATP2- and H2O. 
The molecule of H2O that is the other substrate forms hydrogen 
bonds with Arginine b 264 and Glutamate b192 and the amido 
oxygen of Serine a 344; and it is in the same location as the 
molecule of water that was replaced by the apical oxygen of 
HOPO32- to draw the active site in Panel A. (C) Active site on 
the b subunit in the same crystallographic molecular model as 
that of Figure 6-42, occupied by MgAMPPNP2- (black bonds) 
and consequently in the T conformation. Arrows between the 
three panels indicate that the active site in the D conformation 
is the catalytic site in which the substrates MgADP- and 
HOPO32- and MgATP2- and H2O come to equilibrium and that, 
at an instant in which it is occupied by MgATP2- and H2O, its 
conformation is changed to the T conformation by rotation of 
the g subunit. 

 
 
 
Each site for binding adenine nucleotides, however, 
is formed mainly (85%) by side chains from only 
one subunit. Consequently, there are three sites 
formed mainly by side chains from an a subunit, 
and there are three sites formed mainly by side 
chains from a b subunit. 
 The three sites for the binding of adenine nu-
cleotides formed mainly from each of the three 
b subunits and pseudosymmetrically arranged in 
the asymmetric (ab)3 heterohexamer (Figure 6-42C) 
are the active sites at which MgATP2- is synthesized 
and hydrolyzed.366 This conclusion follows in part 
from covalent labeling of the active sites. A large 
number of reagents, both nonspecific electro-
philes370-372 and photoactive reagents373,374 and 
electrophilic375-381 and photolytically reactive382 
derivatives of adenine nucleotides, inactivate the 
enzymatic hydrolysis of MgATP2- by modifying the 
side chains of amino acids in a b subunit of F1-ATPase. 
 Magnesium 2-azidoATP2-, upon photolysis, cova-
lently modifies Tyrosine b 349 of bovine F1-ATPase383 
and this single modification inactivates the enzyme.384 
The same tyrosine in bovine F1-ATPase or its homo-
logue in the F1-ATPase from thermophilic Bacillus 
sp. PS3 is also modified by the nonspecific electro-
philic reagent 7-chloro-4-nitrobenzofuran, and this 
exclusive modification also inactivates the enzymatic 
activity.385-389 5A-[4-Fluorosulfonylbenzoyl]inosine,  

 
 
 
an electrophilic derivative of a purine nucleoside, 
also inactivates the enzyme by modifying this same 
tyrosine in bovine F1-ATPase.390 Upon photolysis of 
3¢-O-(4-benzoyl)benzoyladenosine 5¢-diphosphate 
bound in the active site of bovine F1-ATPase, a triplet 
state of the carbonyl of benzophenone is formed 
that abstracts a hydrogen from a nearby amino acid, 
and the resulting radical on the benzophenone 
then colligates with the resulting radical on that 
amino acid to insert into the protein. The amino 
acid modified is in a tryptic nonadecapeptide 
containing Tyrosine b 349.382 Tyrosine b 349 is in 
the site that was subsequently identified crystal-
lographically (Figure 6-44)363,365,366 as the active 
site of the enzyme. Its phenyl ring lies flat against 
the adenine of MgATP2- or ADP3-. 
 Dicyclohexylcarbodiimide modifies exclusively 
a glutamate in F1-ATPase from E. coli that is homolo-
gous to Glutamate b192 of bovine F1-ATPase,391,392 
and this modification inactivates the ATPase activity 
of the enzyme.393 Glutamate b192 is the sole catalytic 
acid–base in the active site (Figure 6-44). 
 In at least one instance, however, a reagent, in 
this case 2-oxo-2-phenylacetaldehyde, modifies an 
amino acid, the arginine in F1-ATPase from chloro-
plasts of Spinacia oleracea that is in the homologous 
position of Arginine b 299 in bovine F1-ATPase. The 
modification inactivates the enzyme even though 
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this amino acid is distant (2.4 nm) from the nearest 
atom in MgATP2- when it is bound in the active 
site.372 
 In each instance cited above, with the informa-
tive exception of the case of Arginine b 299, the 
modification of only one amino acid side chain in one 
b  subunit in the (ab)3gde complex that is F1-ATPase 
is sufficient to completely inactivate the ATPase 
activity.* The conclusion that has been drawn from 
these results is that the three active sites on the 
enzyme do not act independently of each other 
during hydrolysis of MgATP2- and, by microscopic 
reversibility, during synthesis of MgATP2-. A number 
of other observations also suggest that the three 
active sites are required to act together in concert 
to hydrolyze a molecule of MgATP2-.394 
 
 There are kinetic measurements and isotopic 
exchanges that suggest a mechanism for hydrolysis 
of MgATP2-  and, in reverse, for the synthesis of 
MgATP2- . When hydrolysis of MgATP2- by bovine 
F1-ATPase is monitored under conditions in which 
catalysis can occur at only one active site on each 
(ab)3 heterohexamer, the reaction is dramatically 
different from the situation in which all three sites are 
hydrolyzing MgATP2- together.395 When 1 mM bovine 
F1-ATPase is mixed with 0.3 mM MgATP2- so that 
only one site in each (ab)3 heterohexamer can be 
occupied, hydrolysis of MgATP2- and release of 
MgADP-, and HOPO3

2- into solution is extremely 
slow (5 h-1).396 
 The reason for this slow rate is not that hydrolysis 
of MgATP2- on the active site is slow. In fact, on an 
active site of the enzyme in this situation, the equi-
librium 

      
                (6-133) 

with an equilibrium constant of 0.5, is established 
rapidly. The magnitude of this equilibrium constant 

                                                
*The truncated version of F1-ATPase from Bacillus sp. PS3, 
which contains only a and b subunits in the stoichiometry 
(ab)3 and which hydrolyzes MgATP2-, is completely inactivated 
by incorporation of the reagent 7-chloro-4-nitrobenzofuran into 
only one-third of the b subunits. This observation suggested that 
the (ab)3 ring in the absence of the g subunit is asymmetric.389 
As has already been noted, however, this (ab)3 subcomplex of 
F1-ATPase, in the absence of nucleotides, crystallizes in the 
space group P213 with an ab dimer in the asymmetric unit, a 
fact requiring that the (ab)3 heterohexamer in this particular 
crystal be threefold rotationally symmetric.367  

for the reaction on this single active site is another 
example of the ability of an active site to dramatically 
change the equilibrium constant observed for reac-
tants and products in solution. Steady-state and 
stopped-flow kinetic measurements are consistent 
with this equilibrium being established even when 
F1-ATPase from E. coli is continuously hydrolyzing 
MgATP2- in its normal steady state.397 
 Reactants and products in this equilibrium 
interconvert on an active site with rate constants* 
k2 and k-2 of 12 and 24 s-1, respectively.396 Rather, 
as in the case of myosin ATPase, it is the release of 
products that is rate-limiting when only one site on 
the (ab)3 heterohexamer is catalyzing the hydrolysis. 
Both ADP3- and HOPO3

2- are released into solution 
at the same slow rate (14 h-1).398 If, however, excess 
MgATP2- is added before the products have disso-
ciated, the rate of dissociation of ADP3- and 
HOPO3

2- increases more than 100,000-fold to a rate 
equal to the rate of hydrolysis of MgATP2- at the 
higher concentrations of reactant.398-401 Conse-
quently, association of MgATP2- with another of the 
active sites on the (ab)3 heterohexamer accelerates 
the dissociation of products from the active site in 
which they were in equilibrium with reactant. 
 The equilibrium between MgATP2- and MgADP– 
and HOPO3

2- on an active site in F1-ATPase can 
also be established from the other direction. When 
MgADP- and H2PO4

- are added to F1-ATPase from 
chloroplasts of S. oleracea, the enzyme forms, on 
one of its active sites, 0.25 mol of MgATP2- for every 
mole of (ab)3gde F1-ATPase.402 
 The fact that both ADP3- and HOPO3

2- are re-
leased from the active site of bovine F1-ATPase with 
the same rate constant in the absence of excess 
MgATP2- suggests that a slow rate-limiting conforma-
tional change opens the active site to the solution. 
Once the active site has opened, both products dis-
sociate so rapidly that the observed rates of their 
dissociations are simply equal to the rate of the 
conformational change opening the site. If so, then 
association of MgATP2- at another site, presumably 
another of the three active sites, dramatically acceler-
ates this conformational change. 
 The rate at which MgATP2- associates with this 
second site (6 ¥ 106 M-1 s-1) to enhance the rate of 
dissociation of products from the first active site is 
equal to the rate at which MgATP2- associates with 
a single active site in the unoccupied (ab)3 hetero-
hexamer.396,401 This equality suggests that the site to 
                                                
*Note that, in the active site of the enzyme while it is 
hydrolyzing MgATP2-, the synthesis of MgATP2- is nevertheless 
2 times faster than its hydrolysis. 

ECOO–·MgATP 
2–·H2O  1

                                      ECOOH·Mg ADP 
–·HOPO3
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which the MgATP2- binds to accelerate the release 
of products has the same conformation as the active 
site to which it binds when the enzyme is completely 
unoccupied and that this site to which it binds is 
another of the three active sites. Association of 
MgATP2- with a site in this conformation produces 
the conformational change at the site at which 
MgATP2- and MgADP- and HOPO3

2- are in equilib-
rium, opening that active site to the solution and 
releasing ADP3- and HOPO3

2- when MgATP2- is 
being hydrolyzed. 
 These kinetic measurements of the reaction 
catalyzed by F1-ATPase clarify previous observa-
tions of intermediate isotopic exchange.394 In fact, it 
was these earlier observations of isotopic exchange 
that inspired the kinetic observations just described. 
When Mg[g-18O3P]ATP2- is hydrolyzed in H2

16O or 
Mg[g-16O3P]ATP2- is hydrolyzed in H2

18O by bovine 
F1-ATPase, as the concentration of MgATP2- in solu-
tion is lowered systematically, the number of oxygens 
from water incorporated by intermediate isotopic 
exchange into the H2PO4

- that is the product of the 
enzymatic reaction increases from the stoichio-
metric value of 1 to greater than 3.399,403 The explana-
tion for these observations of intermediate isotopic 
exchange is that association of MgATP2- with one 
of the three catalytic sites on the (ab)3gde oligomer 
accelerates the release of the products of hydrolysis 
of MgATP2- at one of the other sites, as was docu-
mented in the later kinetic experiments. If this is so, 
then the lower the concentration of MgATP2-, the 
longer the reactants and products of the reaction 
(Equation 6-133) between MgATP2- and H2O and 
MgADP- and HOPO3

2- will sit at equilibrium. As the 
reaction sits at equilibrium, the nucleotides and 
HOPO3

2- are constantly exchanging oxygens with 
molecules of water. If molecules of water can enter 
and leave the active site but MgATP2-, MgADP-, and 
HOPO3

2- cannot or if there are several molecules of 
water locked in the active site that can participate 
in the isotopic exchange, then the longer reactant 
and product remain locked in the active site, the 
more exchange will be observed. From the observed 
rates for incorporation of oxygen from water during 
this intermediate isotopic exchange, it could be 
calculated404 that, on the active site, the rate of the 
back reaction for synthesis of MgATP2- from MgADP– 
and HOPO3

2- is 60 s-1, which is indistinguishable, 
within the margin of error, from the 24 s-1 measured 
in the experiments that were described earlier.396 
 
 

 When intact H+-transporting two-sector ATPase 
embedded in its membrane is hydrolyzing MgATP2– 
in the absence of an electrochemical gradient of 
hydrons, it also catalyzes the intermediate isotopic 
exchange of H2

18O into the H16OP16O3
2- that is its 

product.405-407 In reverse, when the enzyme is synthe-
sizing MgATP2- from MgADP- and HOPO3

2- in the 
presence of a sufficient electrochemical gradient of 
hydrons, incorporation of oxygen-16 from H2

16O 
into the Mg[g-18O3P]ATP2- formed from H18OP18O3

2– 
as a result of intermediate isotopic exchange is 
observed. This intermediate exchange during the 
synthesis of MgATP2- is accelerated when the concen-
tration of MgADP- in solution is decreased by adding 
pyruvate kinase and phosphoenolpyruvate408 or by 
simply decreasing the initial concentration of 
MgADP-.409 Decreasing the concentration of 
HOPO3

2- also leads to an increase in this interme-
diate isotopic exchange.409 The same results were 
observed with H+-transporting two-sector ATPase 
from S. oleracea.410 These observations can be ex-
plained by assuming that, in order for newly syn-
thesized MgATP2- to be released into solution from 
the active site in which it is in equilibrium with 
MgADP- and HOPO3

2-, both MgADP- and HOPO3
2– 

must occupy one of the two other active sites in the 
(ab)3 heterohexamer. The longer it takes for the other 
active site be occupied, the longer the MgADP- and 
HOPO3

2- and the MgATP2- and the molecule of water 
remain at equilibrium in the catalytic active site and 
the more intermediate isotopic exchange occurs. 
 All the results presented so far suggest that at 
least two of the three active sites on the (ab)3 hetero-
hexamer in a molecule of F1-ATPase must cooperate 
during hydrolysis of MgATP2-. The fact, however, 
that a hybrid (ab)2abAgde oligomer of F1-ATPase 
with one mutant, inactive b subunit (bA) and two 
unmutated b subunits, one with a presumably 
normal active site and the other with a presumably 
normal site for binding of MgATP2-, is unable to 
catalyze hydrolysis of MgATP2- at normal rates 
implies that all three of the active sites on the 
b  subunits must cooperate under normal circum-
stances.411 
 
 An explanation for all these observations of 
kinetics and intermediate isotopic exchange has 
been provided.408,412 It has been updated (Figure 6-45) 
by consideration of the crystallographic molecular 
models of the three active sites (Figure 6-44) and of the 
conformations of the three ab heterodimers (Figure 
6-46).363,365  
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Figure 6-45: Diagrams408,412 of a proposal for the quaternary 
conformational changes through which F1-ATPase passes during 
the consecutive synthesis of three molecules of MgATP2– from 
three molecules of MgADP- and HOPO32-. The diagramatic 
representations for each of the three conformations of the 
ab heterodimer are defined within the box in the center. The 
original proposal for the conformational mechanism has been 
updated by considering the results of the foregoing crystallo-
graphic molecular models and the conclusion that the active 

site in which catalysis occurs is the active site in the 
D conformation,366,414 which is represented in the diagrams by 
the equilibria. The three conformations that each active site 
adopts—O, D and T—are identified in the central drawing. The 
reactions along each side of the equilateral triangle are dissociation 
of MgATP2- and association of MgADP- and HOPO32-. The 
steps at the three vertices are the quaternary conformational 
changes produced by clockwise rotation in steps of -120ª of 
the g subunit, represented by the black ellipse. 

 
 

 
 

Figure 6-46: Stereodrawings485 of changes in the conformation 
of the b subunit of F1-ATPase promoted by rotation of the 
g subunit. Protein is presented in space-filling stereodrawings, 
and the ligands in each panel are portrayed in ball-and-stick 
format in which black atoms are carbons, white atoms are oxygens, 
small gray atoms are nitrogens, and large dark gray atoms are 
atoms of phosphorus. Drawings of the three b subunits in the 
crystallographic molecular model of Figure 6-42 are each 
presented in the same orientation, with the g subunit in its orien-
tation relative to that particular b subunit. In this way, the 
drawings reproduce the consecutive changes in one of the 
b subunits expected upon two consecutive -120ª rotations of 
the g subunit. The rotation of the g subunit depicted is clock-
wise (arrow), the direction in which MgATP2- is synthesized. 
(A) The b subunit in the D conformation. Here the active site is 
occupied by the MgADP- in the crystallographic molecular 

model, and a drawing of HOPO32-, which is not present in the 
crystallographic molecular model, has been added. This draw-
ing represents the active site in which substrates are in catalytic 
equilibrium. (B) The b subunit in the T conformation. Here the 
active site is occupied by the MgAMPPNP2- in the crystallographic 
molecular model. This drawing represents the active site in which 
the eventual product, MgATP2-, is protected from hydrolysis. 
(C) The b subunit in the O conformation. This drawing represents 
the active site that has been thrown open. A molecule of MgATP2–, 
which is not present in the crystallographic molecular model, 
has been placed in its approximate location in the T confor-
mation to illustrate the opening of the active site that precedes 
dissociation of product. Notice how the two segments of poly-
peptide above the substrates that clasp them in the D and 
T conformations have spread apart to open the active site to 
the solution. 
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 At any instant, the three ab heterodimers in the 
entire (ab)3gde complex, each of which contains one 
of the three active sites, are in three different con-
formations. In the O conformation, the active site in 
the ab  heterodimer is open to the solution, and the 
substrates MgADP- and HOPO3

2- or the substrates 
MgATP2- and a molecule of water can associate with 
or dissociate from this conformation. In the D confor-
mation, in which in a given instant the active site in 
the ab  heterodimer is closed around the substrates, 
MgADP- and HOPO3

2- or MgATP2- and a molecule 
of water, these four substrates are in rapid equilibrium 
with each other (Equation 6-133), which by chance 
or design seems to favor MgATP2- slightly. In the 
T conformation, the active site is closed around 
MgATP2- but the MgATP2- and the molecule of water 
are no longer in equilibrium with MgADP- and 
HOPO3

2-. The D conformation contains the only 
active site that is catalytically active. In the 
T conformation, catalysis of the equilibrium has 
been suspended, and instead the active site in the 
ab  heterodimer protects the molecule of MgATP2– 
that occupies it from adventitious hydrolysis. 
 This explanation is consistent with and explains 
the available crystallographic molecular models. 
In crystallographic molecular models of bovine 
F1-ATPase (Figure 6-42), these three different con-
formations are easily distinguished and have been 
identified by the ligands that occupy their active 
sites.363 The enzyme has been crystallized from a 
solution containing MgADP-; magnesium 5A-adenylic 
imidodiphosphonic anhydride (MgAMPPNP2-), a 
stable analogue of MgATP2-; and azide (N3

-), an 
analogue of HOPO3

2-. In these crystals, the active 
site in the T conformation of the ab heterodimer is 
occupied by a molecule of MgAMPPNP2-, and the 
active site in the D conformation of the ab hetero-
dimer is occupied by MgADP- and azide.365 The latter 
fact indicates that the D conformation of the active 
site has a preference for MgADP- and N3

- over the 
MgAMPPNP2- that is also in solution because the 
concentration of MgAMPPNP2- is 50 times higher than 
that of MgADP-. The active site in the O conformation 
of the ab heterodimer in this crystallographic molec-
ular model is occupied by one HOPO3

2-, and it is 
significantly distorted relative to the other two active 
sites into a conformation open to the solution. In 
two other crystallographic molecular models of 
F1-ATPase, from R. norvegicus369 and from Bos tau-
rus,413 both crystallized in the absence of Mg2+, the 
O site is occupied by ADP3- and has partially closed 
around it. When the (ab)3 ring in the molecular model 
of the bovine enzyme is viewed from the surface 

from which the g subunit protrudes (Figure 6-42C), 
the conformations in counterclockwise* order are 
O, D, and T.  
 The catalytic active site in which MgATP2- and 
a molecule of water and MgADP- and HOPO3

2- are 
in equilibrium with each other during the normal 
catalysis performed by F1-ATPase (Equation 6-133) 
has been identified as the active site in the D confor-
mation (Figure 6-44A,B).366,414 In a crystallographic 
molecular model366 in which the active site in the 
D conformation is occupied by MgAMPPNP2- (Figure 
6-44B), the molecule of water that is the reactant in 
hydrolysis of MgATP2- is compressed against the 
g-phosphorus of MgAMPPNP2-. The distance between 
the oxygen of this molecule of water and the g-phos-
phorus (0.31 nm) is less than the sum of their van 
der Waals radii (0.335 nm), and the distance between 
this oxygen and one oxygen on the g-phosphorus 
(0.28 nm) is also within the sum of the van der 
Waals radii (0.30 nm). The distance (0.48 nm) between 
the oxygen of this molecule of water and an oxygen 
on the b-phosphorus of MgADP- in the active site 
in the D conformation occupied by MgADP- and 
N3

- (Figure 6-44A), when it is not compressed against 
a phosphorus atom, is the same (±0.004 nm) as that 
between this oxygen and the bridging nitrogen in 
MgAMPPNP2- when it is occupying the active site 
in the D conformation and it is compressed against 
the g-phosphorus. From these indistinguishable 
distances, it follows that this molecule of water is 
rigidly held in this exact location regardless of the 
occupants of the active site. The a-phospho and 
b-phospho groups of either MgADP- or MgATP2– 
are also rigidly held. In fact, there are six donors for 
hydrogen bonds in addition to the Mg2+ anchoring 
firmly just the b-phospho group, the phospho group 
containing the oxygen that is the nucleophile in the 
nucleophilic substitution at the phosphorus in HOPO3

2– 
that has MgATP2- as its product. Consequently, when 
the phospho group of HOPO3

2-, the axial oxygen of 
which replaces this molecule of water, is trans-
ferred to the nucleophilic oxygen on the b-phospho 
group of the MgADP-, the phosphorus of HOPO3

2– 
must also be forced up against the nucleophilic 
oxygen on the b-phospho group, again within the 
sum of the two van der Waals radii. 
 When MgAMPPNP2- is occupying the active 
site in the T conformation (Figure 6-44C) rather 
than the D conformation, however, the molecule of 
                                                
*For reasons that will become apparent later, the accepted 
view of F1-ATPase for determining clockwise and counter-
clockwise rotation of the g subunit is from the surface from which 
it protrudes, the top surface in the drawing in Figure 6-42A. 
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water that was a participant in the equilibrium 
between MgATP2- and MgADP- and HOPO3

2- in 
the active site in the D conformation, has been 
pulled away from the g-phosphorus of MgAMPPNP2– 
(0.37 nm) by the conformational change (Figure 
6-44). In addition, the two lone pairs of electrons 
on this molecule of water are occupied by donors 
for hydrogen bonds from Arginine b 264 and one of the 
molecules of water on Mg2+, and its two hydrogens 
are occupied by acceptors for hydrogen bonds from 
Glutamate b192 and the amido oxygen of Ser-
ine a  344.415 Consequently, this molecule of water 
in the active site in the T conformation is too far 
from the g-phosphorus atom, and it no longer has 
one of its lone pairs of electrons directed at the 
g-phosphorus atom. Therefore, it cannot participate 
in a nucleophilic substitution at the g-phosphorus 
atom leading to hydrolysis of the MgATP2- that, 
under normal circumstances, would occupy this 
site in the T conformation. Calculations are con-
sistent with the proposal that, in the active site in 
the T conformation, MgATP2- is thermodynamically 
stabilized as well as kinetically stabilized relative to 
MgADP- and HOPO3

2-.416 Although it seems strange, 
the only obvious significant difference between the 
active sites in the D and T conformations is the 
position and nucleophilicity of this molecule of 
water,414 yet this shift in the position of the molecule 
of water seems to be all that is required to protect 
the MgATP2-. It seems that the way this enzyme 
achieves one of the most important synthetic reac-
tions in a living organism is to use a conformational 
change to move a molecule of water a tenth of a 
nanometer away from an atom of phosphorus and 
hold it there. 
 Catalysis that is provided by the active site in 
the D conformation to promote equilibration is 
straightforward. Three hydrogen bonds, by holding 
its axial oxygen firmly, compress the phosphorus of 
HOPO3

2- against the nucleophilic oxygen on the 
b-phospho group of MgADP- (Figure 6-44A) as well 
as compressing the molecule of water formed from 
the axial oxygen against the phosphorus of the 
g-phospho group of MgATP2- (Figure 6-44B). The 
most important of the three groups participating in 
these hydrogen bonds is the amido oxygen of Ser-
ine a  344 because it is in a polypeptide backbone and 
consequently significantly more rigidly positioned 
than either the guanidinio group of Arginine b 264 
or the carboxy group of Glutamic Acid b192. The 
amido oxygen of Serine a  344 also has the advantage 
that it can only accept a hydrogen bond, thereby 
ensuring that the hydron on HOPO3

2- is on the oxygen 

of the hydroxy group that becomes the water that is 
the required leaving group in the nucleophilic sub-
stitution at phosphorus. The amido oxygen of Ser-
ine a  344 also ends up as one of the four hydrogen 
bonds that prevent the molecule of water from being 
a nucleophile in the active site when it has changed 
to the T conformation. To convert the hydroxy 
group on HOPO3

2- into the molecule of water that 
is the required leaving group in the conversion of 
MgADP- and HOPO3

2- into MgATP2-, the necessary 
hydron is provided by the catalytic carboxy group 
of Glutamic Acid b192, which forms a hydrogen 
bond with the hydroxy group on HOPO3

2- in the 
ground state. 
 In free solution at pH 7 and 25 ªC and a con-
centration of Mg2+ of 1 mM, which are the nominal 
conditions of cytoplasm, the equilibrium constant 
is 1 ¥ 10-4 for the reaction* 

       
                (6-134) 

where ADPt is adenosine diphosphate in all its 
forms (about 45% MgADP- and 45% ADP3-), ATPt is 
adenosine triphosphate in all its forms (>80% 
MgATP2-), and phosphatet is phosphate in all its 
states of hydronation (60% HOPO3

2-).417 In the active 
site of F1-ATPase in the D conformation, the value for 
the equilibrium constant for the equivalent reaction 
is 2. This dramatic shift in the equilibrium constant 
must result from the fact that the active site has a 
higher affinity for MgATP2- and water than for 
MgADP- and HOPO3

2-. In contrast to the fact that 
MgATP2- must associate with the active site of 
F1-ATPase in the catalytic D conformation with 
high affinity, the Michaelis constant for MgATP2- as 
a reactant for the hydrolysis catalyzed by the enzyme 
from R. norvegicus is in the range of 0.1 mM.418 This 
observation is consistent with a requirement for 
the binding of MgATP2- at an active site other than 
the catalytic active site on a molecule of F1-ATPase 
with a dissociation constant around 0.1 mM to 
promote the release of products during hydrolysis 
of MgATP2-. 
 The reason that the active site in the catalytic 
D conformation has a higher affinity for MgATP2– 
than for MgADP-  and HOPO3

2- can be understood 

                                                
*The equilibrium constant cited417 does not include the 
concentration of water in the numerator. In the present 
instance, it has been included so that a comparison can be 
made with the reaction in the active site, in which the product 
water is a pre-positioned, isolated molecule of water. 

ADPt +  phosphatet  1  ATPt +  H2O
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by placing HOPO3
2- in the crystallographic molecular 

model of the active site in the D conformation that 
is occupied by MgADP- and N3

- (Figure 6-44A) after 
removing the N3

- and two molecules of water that 
together occupy the usual positions of the four 
oxygens of HOPO3

2- in its absence.365 The most 
inescapable requirement for this insertion is that 
the phosphorus atom of HOPO3

2- cannot be less 
than 0.31 nm away from the oxygen on the 
b-phospho group that acts as the nucleophile because 
of the van der Waals radii of the phosphorus atom 
(0.18 nm) and the oxygen atom (0.15 nm). Placing 
these two atoms at a distance of 0.31 nm also places 
the apical oxygen of HOPO3

2- in almost the exact 
position of the molecule of water that forms para-
digmatic hydrogen bonds with Arginine b 264 and 
Glutamate b192 and the amido oxygen of Ser-
ine a  344 in the active site in the D conformation 
when it is occupied either by MgADP- and N3

- or 
by MgAMPPNP2- (Figure 6-44B) and positions the 
bond between phosphorus and the apical oxygen 
of HOPO3

2- in the proper orientation for the nucleo-
philic substitution at phosphorus. The three equa-
torial oxygens of HOPO3

2- can then be positioned 
in the same orientation as three equatorial oxygens 
on the g-phospho group in the active site in the 
D conformation when it is occupied by MgAMPPNP2-. 
 There are several disadvantages, however, to 
this inescapable position for HOPO3

2- in the active 
site in the D conformation when it is also occupied 
by MgADP- relative to the same active site when it 
is occupied by MgAMPPNP2- and the molecule of 
water that is the other product of the nucleophilic 
substitution at phosphorus. A hydrogen bond cannot 
form between Lysine b166 and one of the equatorial 
oxygens on HOPO3

2-, and a hydrogen bond cannot 
form between Arginine a  373 and another of the 
equatorial oxygens on HOPO3

2- because the dis-
tances (0.33 nm) between the respective nitrogens 
that are donors and oxygens that are acceptors are 
too long (Figure 6-44A). Both hydrogen bonds 
(0.29 nm), however, form when MgADP- and 
HOPO3

2- become MgATP2- and a molecule of water 
(Figure 6-44B). The closest oxygen on HOPO3

2- is a 
marginal ligand to Mg2+ because the distance between 
it and Mg2+ is too long and its oxygen is not in an 
octahedral position, which is the preferred geometry 
of coordination for Mg2+. The closest oxygen on 
HOPO3

2- to Mg2+ also must push aside one of the 
molecules of water that is a ligand to Mg2+ because 
of a steric clash, and this steric effect distorts the 
 
 

coordination at this position as well. When MgADP–

and HOPO3
2- become MgATP2- and a molecule of 

water, an oxygen on the b-phospho group of 
MgATP2- and this same oxygen, which was the 
closest oxygen to Mg2+ in HOPO3

2- and is now on 
the g-phospho group of MgATP2-, are undistorted 
octahedral ligands for Mg2+. This undistorted coor-
dination is the same as that between Mg2+ and 
ATP4- when MgATP2- is in solution. Nor can the 
Mg2+ be readily reoriented to adjust to these distor-
tions caused by this oxygen on HOPO3

2- when the 
active site in the D conformation is occupied by 
MgADP- because the Mg2+ is coordinated by the 
oxygen of Threonine b167, by a molecule of water 
between it and one of the nonbridging oxygens of 
the a-phospho group of MgADP-, and by an oxygen 
from the b-phospho group of MgADP-, which is rigidly 
held and cannot move any closer to HOPO3

2- because 
of the steric hindrance of the van der Waals radii. 
For all these reasons, it seems apparent that the active 
site of the enzyme should have a higher affinity for 
MgATP2- and the molecule of water than for MgADP– 
and HOPO3

2-. 
 The structure of the opened active site in the 
ab heterodimer in the O conformation is dramati-
cally different from that of the active site of an 
ab heterodimer in either the D or T conformation 
(Figure 6-47).363,365,366 The door that closed over 
the MgADP- and HOPO3

2- formed by the segment 
of polypeptide containing Phenylalanine b 422 to 
Threonine a  429 has opened to the solution, permit-
ting dissociation of MgATP2- in the direction of 
synthesis. The cup for the b-phospho group of 
MgATP2- and MgADP-, however, is still in almost the 
same conformation, although somewhat tilted, and 
is holding HOPO3

2- in the crystallographic molecular 
model, presumably ready to cup the b-phospho 
group of the reactant MgADP- rather than HOPO3

2– 
following dissociation of MgATP2- in the direction 
of synthesis. The methyl group of Alanine b 425 and 
the phenyl ring of Tyrosine b 349, which clamp the 
pyrimidinyl groups of both adenine nucleotides 
(0.8 nm apart) in the D and T conformations (Fig-
ure 6-44), are still opposite each other (0.95 nm apart) 
and ready to clamp down again. The phenyl group 
of Phenylalanine b 422, into the p molecular orbital 
system of which the exocyclic amido group buries 
its two hydrogens (Figure 6-44) and which distin-
guishes adenine from guanine by electron repulsion, 
is ready to swing outward to perform its function. All 
these features prepare the site to associate with ADP3–.  
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Figure 6-47: Stereodrawings485 of changes in the conformation 
of one of the active sites in F1-ATPase upon changes in the 
quaternary conformation of enzyme. The polypeptide backbones 
of the segments of polypeptide surrounding the active sites in 
the crystallographic molecular model of Figure 6-42 are shown 
as stereo line drawings, and the adenine nucleotides and 
HOPO32- are shown as ball-and-stick stereodrawings in which 
black atoms are carbons, white atoms are oxygens, small gray 
atoms are nitrogens, and large dark gray atoms are atoms of 
phosphorus. (A) Superposition of the segments of polypeptide 
and MgADP- and HOPO32- from the active site in the D confor-
mation (gray lines) upon the same segments of polypeptide 
and MgAMPPNP2- from the active site in the T conformation 

(black lines). (B) Superposition of the segments of polypeptide 
and MgAMPPNP2- from the active site in the T conformation 
(black lines) upon the same segments of polypeptide and the 
adventitious HOPO32- from the active site in the O conformation. 
(C) Active site in the O conformation in the crystallographic 
molecular model of Figure 6-42 occupied by HOPO32-, labeled 
as in Figure 6-44. Again, the majority of the segments are from 
the b subunit, the numbers of their amino acids are unadorned, 
and the two segments from the a subunit are designated by 
adding an a to the end of each number. Two oxygens of 
HOPO32- occupy the cup that had been and will be occupied 
by one of the nonbridging oxygens of the b-phospho groups of 
MgATP2- and MgADP- (Figure 6-44).  

 
 
In another crystallographic molecular model in 
which the O conformation is occupied by HOPO2S2– 
(pKa = 5.4), in which the hydron is on one of the oxy-
gens,419 there are hydrogen bonds between one or 
the other oxygen and Arginine b 264, Arginine b193, 
and Lysine b166 and between sulfur and Argi-
nine b 264 and Arginine b193. Each side chain forms 
hydrogen bonds to the oxygens of HOPO3

2- or the 
g-phospho group of MgATP2- in the catalytic 
D conformation (Figure 6-44A,B). From these facts, 
it has been concluded that HOPO2S2- in this molecular 
model occupies the subsite with which the substrate 
HOPO3

2- associates in the O conformation.420 
 The proposal for the synthesis of MgATP2– 
(Figure 6-45) includes the following sequence of 
events.363,394 The reactants MgADP- and HOPO3

2– 
associate with an active site in an ab heterodimer 
in the O conformation, and the conformation of that 
active site changes from the O to the D conformation. 
On the basis of the crystallographic molecular 
model of the enzyme from R. norvegicus crystal-
lized in the absence of Mg2+, in which ADP3- occupies 
the active site in the O conformation, it has been 
proposed that ADP3- can bind to the active site of 
the b subunit in the O conformation, inducing a partial 
closing around itself before HOPO3

2- associates 
with the active site and its conformation changes com-
pletely to the D conformation,369,413 but the arrange-
ment of the side chains holding the MgADP- in the 
active site in this complex is somewhat different 
from that in the D conformation (Figure 6-44). 
However they came to be there, once Mg2+, ADP3-, 
and HOPO3

2- are bound to the active site in the 
O conformation, its conformation changes to the 
catalytic D conformation and the equilibrium between 
MgATP2- and a molecule of water and MgADP- and 
HOPO3

2- is established. Following establishment of 
this equilibrium, the active site on the same ab hetero-
dimer undergoes its second conformational change 
into the T conformation at an instant when it happens 
to be occupied by MgATP2- and the molecule of water 

 
 
rather than by MgADP- and HOPO3

2-. The T confor-
mation protects MgATP2- from hydrolysis. This active 
site on the same ab heterodimer occupied by this 
stable molecule of MgATP2- then undergoes a third 
and final change back to the O conformation. The 
change from the D to the T conformation is un-
dramatic, but the change from the T to the O confor-
mation is dramatic (Figure 6-47). The active site 
swings open to the solution, and MgATP2-, around 
which there are definitely no longer any catalytic 
groups, simply dissociates into solution. The abrupt 
conformational change of the active site in the 
T conformation, in which MgATP2- is enclosed and 
protected from catalytic hydrolysis, to the O confor-
mation site, from which MgATP2- readily dissociates, 
is the key to the synthesis of MgATP2- by H+-trans-
porting two-sector ATPase.405 
 
 The reason that each of the three active sites 
on a molecule of F1-ATPase passes through these 
three conformations during the synthesis of MgATP2– 
is the same reason that there are three conforma-
tions in the enzyme at rest: the g  subunit. When 
the enzyme is not at rest but synthesizing MgATP2-, 
the g  subunit rotates clockwise in steps of -120ª 
(Figures 6-45 and 6-46). Because the three conforma-
tions of the ab heterodimers within the (ab)3 ring 
are created by the asymmetry of the g subunit, the 
conformational changes must proceed in concert 
with strict conservation of the global asymmetry 
(Figures 6-42 and 6-45) as the g subunit rotates.365,366 
At each step, when one of the ab heterodimers 
changes from the O to the D conformation, its 
clockwise neighbor is required to change from the 
T to the O conformation, and its counterclockwise 
neighbor is required to change from the D to the 
T conformation. The clockwise rotation of the 
g subunit cannot occur until the active site in an 
ab heterodimer changing from the O to the D con-
formation is occupied by MgADP- and HOPO3

2– and 
the active site in an ab heterodimer changing from 
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the D to the T conformation is occupied by MgATP2–. 
The former of these two requirements explains why 
the incorporation of oxygen-16 from H2

16O into the 
Mg[g-18O3P]ATP2- formed from H18OP18O3

2- as a 
result of intermediate isotopic exchange while the 
enzyme is synthesizing MgATP2- increases as the 
concentration of either MgADP- or HOPO3

2- is 
decreased. 
 If this is the mechanism by which F1-ATPase 
synthesizes MgATP2-, then it must be the case, by 
microscopic reversibility, that the enzyme proceeds 
through the same sequence of steps in reverse 
when it is hydrolyzing MgATP2-. A molecule of the 
reactant MgATP2- associates with the active site in 
an ab heterodimer in the O conformation. During 
the change from the O to the T conformation caused 
by a counterclockwise rotation of the g subunit, the 
active site closes upon the MgATP2– and the molecule 
of water. Because the key to the synthesis of MgATP2– 

is the absolute control of this molecule of water, it 
is engaged in four hydrogen bonds, and at this point, 
it is too distant to participate in hydrolysis, so the 
molecule of MgATP2- is at rest. A counterclockwise 
rotation of the g subunit causes the conformation 
of the active site in the same ab heterodimer to 
change to the D conformation, in which MgATP2– 
and the molecule of water can now equilibrate rapid-
ly with MgADP– and HOPO3

2-. At an instant when 
MgADP- and HOPO3

2- occupy the active site in the 
D conformation, a counterclockwise rotation of the 
g subunit causes the ab heterodimer to change 
from the D to the O conformation, but this can 
happen only if a molecule of MgATP2- is occupying 
the active site in the O conformation before the 
change in conformation occurs. The products of 
hydrolysis, MgADP- and HOPO3

2-, dissociate from the 
open active site as products. These requirements 
for occupation, in addition to those for the sequence 
of conformational changes, follow from microscopic 
reversibility. 
 Observations that have been made of hydrolysis 
of MgATP2- by the enzyme are all consistent with 
this mechanism. Consequently, those observations 
are also evidence that it is the mechanism for the 
synthesis of MgATP2-. During hydrolysis of MgATP2–, 
there is an active site on the enzyme in which 
MgATP2- and a molecule of water and MgADP- and 
HOPO3

2- reach an equilibrium in favor of the former. 
The equilibrium persists until a second molecule of 
MgATP2- associates with the enzyme, after which 
MgADP- and HOPO3

2- dissociate from the enzyme. 
The second molecule of MgATP2- terminates the 
equilibration by associating at the active site in the 

(ab)3 trimer that is in the O conformation because 
the g subunit cannot rotate until that site is occupied 
by a molecule of MgATP2-. When the g subunit is 
then able to rotate, the active site in the D conforma-
tion changes to the O conformation and the MgADP– 
and HOPO3

2- dissociate while the conformation of the 
active site with which MgATP2- has just associated 
changes to the T conformation. The active site previ-
ously in the T conformation, which must have been 
occupied by MgATP2-, just as the three uninvolved 
sites in the three a subunits are always occupied by 
MgATP2-, shifts in concert to the D conformation. 
 The requirements for occupancy of the active 
sites before rotation can occur during the synthesis 
of MgATP2- by this proposed mechanism are obvious. 
If the transformation from the O to the D conforma-
tion could occur when the active site in the O con-
formation is occupied by MgATP2-, when the active 
site is occupied by only MgADP- or only HOPO3

2-, 
or when the active site is empty, then no synthesis 
of MgATP2- at that particular active site would occur 
during that cycle. If the transformation from the D 
to the T conformation could occur at an instant 
when the active site is occupied with MgADP- and 
HOPO3

2- rather than MgATP2-, then no synthesis of 
MgATP2- at that site would occur during that cycle. 
Such mistakes are made, but the more that are made, 
the less efficient becomes the synthesis of MgATP2-, 
the normal purpose of the enzyme. Natural selection 
must have minimized the frequency of those mistakes. 
The requirements for occupancy during hydrolysis 
of MgATP2- are simply the result of microscopic 
reversibility. An obvious structural explanation for the 
requirement that the active site in the D conformation 
must be occupied by MgATP2- before the confor-
mational change to the T conformation can occur 
during the synthesis of MgATP2- would be that it 
should be impossible to pull HOPO3

2- by its apical 
oxygen 0.06 nm away from its location in the D con-
formation to the location it would have to occupy 
in the T conformation to retain the three hydrogen 
bonds to this apical oxygen while a molecule of water 
could easily be pulled away. 
 There are two ways to explain the sequence of 
global conformational changes coincident with the 
rotation of the g subunit during the synthesis of 
MgATP2-.  
 The first explanation is an equilibrium explana-
tion. The sequences of amino acids for the a and 
b subunits together encode all three conformations, 
O, D, and T, which are able to equilibrate with each 
other at the level of the conformation of each 
ab heterodimer. When the global conformation of 
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the (ab)3 ring in the O,D,T global conformation is 
occupied in turn by the proper substrates at its 
three active sites and then assumes the D,T,O global 
conformation as a result of these more local equili-
brations, the g subunit is able to rotate in the 
clockwise direction and sterically stabilize this 
D,T,O conformation. This explanation is equivalent 
to the explanation given for the ability of allosteric 
ligands to change the conformation of an allosteri-
cally controlled and cooperative enzyme such as 
aspartate carbamoyltransferase. The problem is 
that the three ab heterodimers together have to 
change their individual conformations coincident 
with the required local conformational changes in 
each of them, and all these conformational changes 
have to occur in concert before the O,D,T global 
conformation becomes the D,T,O global conformation 
that permits rotation of the g subunit. Another way 
to view this explanation, however, is to consider the 
three conformations represented schematically in 
Figure 6-45 to be three global conformations that 
the (ab)3 heterohexameric ring can assume and 
that are in equilibrium with each other. When the 
global conformation of the moment changes to one 
that is adjacent in the cycle represented in the figure 
in either direction, synthesis of MgATP2- or hydrolysis 
of MgATP2-, the shaft of the g subunit rotates 
clockwise or counterclockwise, respectively, to fit 
this new global conformation, temporarily locking 
that conformation in place. 
 The second explanation is a mechanical explana-
tion. The g subunit is a camshaft on which there are 
two principal cams (Figure 6-43), the bulge along 
its length formed by the bend of the longer of the 
two a helices and the overhang at the top that is 
formed from the globular domain of the g subunit 
as it emerges from its seat and perhaps a portion of 
the e subunit, which rotates with the g subunit.421,422 
As the camshaft turns, it sterically distorts the con-
formation of each ab heterodimer in turn into the 
O, the D, and then the T conformation. This expla-
nation appeals to an observer who is familiar with 
machines, and the metaphor of a machine will 
become even more compelling as the discussion 
proceeds. The problem is that, as has already been 
noted, proteins of the size of an ab heterodimer are 
hard, not soft, and cannot be distorted readily. 
 As usual, the two explanations are not mutually 
exclusive. In the first case, it is reasonable that steric 
forces engendered by a powered rotation of the 
g subunit dramatically hasten and bias the equili-
bration of the different permitted global conforma-

tions. In the second case, the distortion produced 
by the rotating g subunit must produce only con-
formations that are allowed by the sequences of 
amino acids for the a and b subunits and hence can 
be achieved by them in the absence of steric forces 
applied by the g subunit. The steric forces simply 
stabilize one of these encoded conformations at each 
ab heterodimer. 
 
 There are experimental observations demon-
strating that the g  subunit does rotate in its seat as 
MgATP2- is hydrolyzed. That rotation of the g subunit 
of some kind must occur was demonstrated by 
forming an (ab Arad)2ab Agde hybrid of F1-ATPase from 
E. coli with b A subunits in which Aspartate b 380, 
which is immediately adjacent in the crystallographic 
molecular model to Cysteine g 87 in the g subunit, 
was mutated to cysteine and in which only two of 
these mutated b subunits were radioactive (rad). A 
cystine was formed between a nonradioactive, mutant 
b A subunit and the g subunit, and this crosslinked 
b A-g was reconstituted with three a subunits, two 
radioactive, mutant b Arad subunits, a d subunit, and 
an e subunit. This complex was inactive in hydrolysis 
of MgATP2- until the cystine was reduced to two 
cysteines. Reduction of the complex allowed it to 
hydrolyze MgATP2-, after which the cystines were 
re-formed. Some of the g subunits, which initially were 
crosslinked only to nonradioactive b A subunits, 
were found now to be crosslinked to radioactive 
b Arad subunits.423 
 The g subunit in F1-ATPase from S. oleracea 
was modified exclusively at Cysteine 322 with eosin-
5-maleimide, and this modified F1-ATPase was 
immobilized on beads of crosslinked agarose. It 
was found that, immediately after photobleaching 
of the eosin with an intense flash of polarized light, 
the absorption of bound eosin was anisotropic. If 
MgATP2- was present, the anisotropy decayed 
(k = 7 s-1 at 37ª C) as the g subunit rotated, but no 
decay of anisotropy was observed when MgAMPPNP2– 
was used424 instead of MgATP2-. 
 The most convincing verification, however, of 
rotation of the g subunit within its seat in the (ab)3 ring 
during hydrolysis of MgATP2- by F1-ATPase has 
been watching it rotate.425,426 For the explanation 
of the synthesis of MgATP2- to be correct, when 
F1-ATPase is hydrolyzing MgATP2-, the upper right 
subunit in Figure 6-42 converts in turn from the O to 
the T and then to the D conformation. These confor-
mational changes require the g subunit to rotate in 
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Figure 6-48: Drawing485 of a filament of actin bound to the 
g subunit of F1-ATPase. The portion of the crystallographic 
molecular model of F1-ATPase containing the complete poly-
peptides of the three a subunits, the three b subunits, and the 
g subunit (Figure 6-42) is presented as a space-filling model 
(g subunit in dark gray, a subunits in light gray, and b subunits 
in white). The molecular model of a filament of actin from 
O. cuniculus was constructed from a map of electron scattering 
density derived from 63,000 images in electron micrographs of 
filaments of actin frozen in amorphous ice. Crystallographic 
molecular models of actin monomer were then inserted into 

this map of electron scattering density to obtain a molecular 
model of the helical filament. This molecular model, in space-
filling representation and at the same scale, was placed so that 
one end impinged upon the g subunit of bovine F1-ATPase 
(Figure 6-42). The point of attachment was arbitrarily chosen 
to be at one end of the filament because most of the rotating 
fluorescent filaments of actin had their rotation axis at one end of 
the filament. The filament of actin in the drawing was truncated 
at the other end because the actual filaments observed rotating 
were about 1 mm long, about 15 times longer than the segment 
drawn. 

 
 
 
a counterclockwise direction when viewed on the 
side of the (ab)3 ring from which it protrudes (Fig-
ure 6-45). The (ab)3 ring of the (ab)3g F1-ATPase 
subcomplex from Bacillus sp. PS3 was firmly affixed 
to a glass coverslip through its surface opposite that 
from which the g subunit protrudes. A filament of 
fluorescent actin was then attached to the g subunit 
protruding from the affixed (ab)3 ring (Figure 6-48). 
Because fluorescent filaments of actin are large 
enough to be observed in a fluorescence microscope, 
individual filaments of the fluorescent actin could 
be observed directly. When MgATP2– was added, 
many of the filaments, which were being viewed 
from below the coverslip and hence from the side 
opposite that from which the g subunit protrudes, 
rotated in a clockwise direction, as predicted. When 
the filament of actin was 1 mm long (13 times longer 
than the portion of the filament of actin depicted in 
Figure 6-48), rotations as rapid as 5 s-1 were observed. 
 As one might expect from the dimensions (Fig-
ure 6-48), when the actin filament turns through 
the solution while MgATP2- is being hydrolyzed, it 
encounters significant frictional resistance to its 
rotational motion. At a saturating concentration of 
2 mM MgATP2-, the rotational rate is a function of 
the length of the actin filament. The longer the fil-
ament, the slower is the rotation. From this rela-
tion, the torque exerted on the actin filament by the 
g subunit within the (ab)3 ring of F1-ATPase from  

 
 
 
Bacillus sp. PS3426 or the g subunit within the (ab)3 ring 
of F1-ATPase from E. coli427 can be estimated. The 
estimate of the torque generated is 50 pN nm 
(5 ¥ 10-20 J rad-1) when [MgATP2-] is 2 mM, [MgADP-] 
is 10 mM, and [phosphate] is 0.1 mM at pH 7.0. If a 
complete rotation (2p rad) requires hydrolysis of 
three molecules of MgATP2-, the free energy of 
hydrolysis at these concentrations of MgATP2-, 
MgADP-, and phosphate should be able to generate 
a torque of 5.4 ¥ 10-20 J rad-1, which is the torque 
observed. An even more direct measurement of the 
torque generated on a magnetic bead attached to 
the g subunit within the (ab)3 ring of F1-ATPase 
from Bacillus sp. PS3 in an applied magnetic field 
as a function of the standard free energy of hydrol-
ysis of MgATP2- showed the same equivalence428 
over a range of free energies of hydrolysis from -70 
to -110 kJ mol-1. This equivalence between gener-
ated torque and standard free energy of hydrolysis 
supports the conclusion that hydrolysis of the 
MgATP2- at three sites for every revolution is driving 
the rotation of the filament of actin or the magnetic 
bead. 
 That these measurements are consistent with 
the conclusion that the torque generated during 
this step is roughly equivalent to the standard free 
energy of hydrolysis of the molecule of MgATP2– 
suggests that rotation must be tightly coupled to 
hydrolysis. It necessarily follows, from microscopic 
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reversibility, that if a clockwise torque is applied to 
the g subunit that is equal to or greater than the 
counterclockwise torque generated during its hydroly-
sis, then molecules of MgATP2- must be synthesized 
from molecules of MgADP- and HOPO3

2-. This 
enforced synthesis has been observed. When mag-
netic beads are attached to g subunits of F1-ATPase 
from Bacillus sp. PS3 such that they are tilted off 
the central axis of the (ab)3g subcomplex, and the 
subcomplex is attached to a glass slide, the bead 
can be forced to drive the rotation of the g  subunit 
clockwise by a rotating magnetic field. When the 
g subunit is forced to rotate clockwise* within the 
(ab)3 ring, MgATP2- is synthesized429,430 from MgADP– 
and HOPO3

2-.  
 At low enough concentrations (2 mM) of 
MgATP2-, so that the rate of rotation of the filament 
of actin is slow enough that the generation of torque 
does not limit the rate, its rotation is resolved into 
discrete steps of +120ª .426 If a spherical 40 nm bead 
of colloidal gold is used rather than a fluorescent fila-
ment of actin to visualize the rotation, then the viscous 
drag on the rotating g subunit, and hence the gener-
ation of torque, is decreased dramatically. The bead 
is attached to the g subunit of the (ab)3g complex of 
F1-ATPase from Bacillus sp. PS3 off-axis so that the 
oscillation as the bead rotates can be observed. 
The bead rotates when a saturating concentration of 
MgATP2– (2 mM) is present, and its rotation proceeds 
in discrete +120ª steps (Figure 6-49),431 as expected 
if the rotation is the result of discrete global confor-
mational changes of the (ab)3 ring (Figure 6-45). 
Furthermore, the rate of rotation under these condi-
tions of low torque is equal to one-third the rate of 
hydrolysis of MgATP2- in a range of concentrations of 
MgATP2- that encompasses rates over a span of 1000.  
 When one of the b subunits in the (ab)3 ring is 
replaced with a mutant bA subunit, the active site of 
which binds MgATP2- slowly, association of MgATP2– 
with just this one active site in the open conforma-
tion becomes the rate-limiting step in the overall 
hydrolysis of MgATP2-,432 and the rotation of beads 
 

                                                
*As previouly noted, the accepted view of F1-ATPase for 
determining clockwise and counterclockwise rotation of the 
g subunit is the view of the surface from which the g subunit 
protrudes (Figure 6-42). From here on, angles of rotation will 
be given the signs appropriate for rotation when viewed from 
this side of F1-ATPase. From this side, during synthesis of 
MgATP2-, the rotation of the g subunit is clockwise; and during 
hydrolysis of MgATP2-, its rotation is counterclockwise. By 
accepted convention (sinister, righteous), clockwise or left-
handed rotation is given a negative sign, and counterclockwise 
or right-handed rotation is given a positive sign. 

 
 
Figure 6-49: Rotation of the g subunit of F1-ATPase431 in steps 
of +120ª. A mutant of the (ab)3g complex of F1-ATPase from 
Bacillus PS3 in which Cysteine 193 in the a subunit had been 
mutated to serine and Serine 107 and Isoleucine 210 in the 
g subunit had both been mutated to cysteines was prepared by 
site-directed mutation. These two cysteines introduced into 
the complex were then modified with 6-N¢-[2-(N-maleimido)-
ethyl]-N-piperazinylamidohexyl-∂-biotinamide to attach 
biotinyl groups covalently to the protein. The protein was then 
mixed with streptavidin, a homotetrameric protein (4 ¥ 183 aa) 
from Streptomyces avidinii with four symmetrically arranged 
sites for the binding of biotin (kdiss = 0.009 h-1). The protein to 
which streptavidin had bound was then mixed with spheres of 
colloidal gold (diameter 40 nm) coated with bovine serum 
albumin that had been modified with with sulfosuccinimidyl-
N-[N¢-(∂-biotinyl)-6-aminohexanoyl]-6¢-aminohexanoate. The 
open sites on the streptavidin bound to the mutant F1-ATPase 
associated with biotinyl groups on the serum albumin adsorbed 
to the beads, and beads became attached to g subunits of 
F1-ATPase. Molecules of F1-ATPase to which beads were attached 
were adsorbed to a glass coverslip at the surface opposite that 
from which the g subunit protrudes (Figures 6-42 and 6-48). 
When a solution containing 2 mM MgATP2- was introduced, 
some of the beads attached to the coverslip through molecules 
of F1-ATPase were observed to rotate. These rotating beads 
ended up attached to the g subunit with their centers displaced 
about 10 nm from the axis of rotation of the g subunit so that 
the spheres themselves could be seen to rotate around that axis. 
The rotation was observed with a high-speed digital motion 
picture camera at 2 frames ms-1. For analysis, a rotating bead 
in the field was chosen and placed within the transparent circle of 
a digital mask, and an algorithm was used to follow the rotation 
of that bead and convert each image into a rotational position 
for the centroid of the bead relative to the axis of rotation. 
Rotational position is plotted continuously in units of full rotation 
as a function of time. It can be seen that the rotation is discon-
tinuous and occurs in steps of a third of a rotation (+120ª). 
Reprinted with permission from reference 431. Copyright 2001 
SpringerNature. https://doi.org/10.1038/35073513 
 
 
of colloidal gold attached to g subunits of the 
(ab)2abAg subcomplex occurs in discrete steps of 
+360ª rather than steps of +120ª. When the active 
site of the unmutated ab heterodimer counter-
clockwise to the mutant abA heterodimer is in the 
D conformation, occupied by the equilibrating 
mixture of MgATP2- and MgADP- and HOPO3

2-, the 
rotation of +120ª cannot occur until the reactant 
MgATP2- binds to the active site of the mutant 
abA heterodimer. Association of MgATP2- with the 
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mutant is slow. As soon as it associates, the first rota-
tion of +120ª and its accompanying conformational 
changes occur, followed by two rapid unresolved 
rotations of +120ª as MgATP2- binds rapidly, in 
succession, to the unmutated ab heterodimers 
consecutively during the rapid hydrolysis of two 
molecules of MgATP2-. 
 The individual steps of +120ª during hydrolysis 
of MgATP2- can be resolved into two steps. Rotation 
of native, unmutated (ab)3g subcomplex of F1-ATPase 
from Bacillus sp. PS3, while hydrolyzing MgATP2-, 
was followed as a function of the concentration of 
MgATP2-. At 2 mM MgATP2-, the rotation occurs in 
discrete steps of +120ª, but at 20 mM MgATP2-, discrete 
steps of +80ª  and +40ª  could be observed.431 It has 
been concluded that the reason for these interme-
diate steps is that there are two global confor-
mations through which F1-ATPase passes while 
hydrolyzing or, by microscopic reversibility, while 
synthesizing each molecule of MgATP2-. One confor-
mation precedes the +80ª step, and the other precedes 
the +40ª step when the enzyme is hydrolyzing 
MgATP2-. The requirements for these two confor-
mational changes to occur have been examined. 
 When F1-ATPase from Bacillus sp. PS3 is hydro-
lyzing MgATP2- in the intermediate range of con-
centrations at which the rotation takes alternating 
steps of +40ª and +80ª, the dwell time between a 
+40ª step and an +80ª step increases as the concen-
tration of MgATP2- is decreased, while the dwell time 
between an +80ª step and a +40ª step does not.431 
This result suggests that the global conformation of 
the (ab)3 ring that precedes a +80ª step and follows 
a +40ª step cannot undergo the next conformational 
change that is to occur during the +80ª step until 
MgATP2-, the reactant for hydrolysis, associates with 
one of the active sites. This global conformation, 
during hydrolysis of MgATP2-, is waiting for the reac-
tant MgATP2-  to associate. 
 When F1-ATPase from Bacillus sp. PS3 is hydro-
lyzing magnesium adenosine 5A-[g-thio]triphosphate, 
a slow reactant, or when a mutant of the enzyme in 
which the glutamic acid homologous to Glutamic 
Acid b192 in bovine F1-ATPase has been mutated to 
aspartic acid is hydrolyzing MgATP2-, the steady-
state rate of hydrolysis is decreased significantly 
relative to the rate of hydrolysis of unmodified 
MgATP2- by the native enzyme. In each instance, 
the dwell time between the +80ª step and the 
+40ª step increases.433 This result suggests that the 
global conformation of the (ab)3 ring that precedes 
a +40ª step and follows a +80ª step cannot undergo 
the next conformational change that is to occur 

during the +40ª step until the equilibrium between 
MgATP2-  and H2O and MgADP-  and HOPO3

2-  has 
been established. 
  At 2 mM MgATP2- the rotation occurs in discrete 
steps of +120ª; when the concentration of MgATP2– 
is decreased to 20 mM, the rotation occurs in steps 
of +80ª and +40ª; and when the concentration of 
MgATP2- is decreased further to 2 mM, the rotation 
again occurs in discrete steps of +120ª. It follows 
from these observations that as the concentration 
of MgATP2- is decreased from 2 mM to 2 mM, a 
change in rate-limiting step occurs. At 2 mM MgATP2-, 
the rate-limiting step is association of MgATP2– 
while at 2 mM MgATP2-, the rate-limiting step is the 
establishment of the equilibrium between MgATP2– 
and H2O and MgADP- and HOPO3

2-. As the concen-
tration of MgATP2- is decreased from 20 mM to 2 mM, 
the rate-limiting step becomes association of MgATP2– 
with an active site in an ab heterodimer, and the 
+40ª step becomes rapid relative to the slow, rate-
limiting +80ª step. As a result, the +40ª step cannot 
be resolved, and only +120ª steps are observed. 
When the concentration of MgATP2- is increased 
from 20 mM to 2 mM, association of MgATP2- with 
an active site in an ab heterodimer increases, and 
the +80ª step becomes rapid relative to the slow, rate-
limiting +40ª step. As a result, the +80ª step cannot 
be resolved and only +120ª steps are observed. 
 Measurements have been made of the orienta-
tion of a fluorophore rigidly and covalently attached 
to two neighboring cysteines introduced by site-
directed mutation into each b subunit of F1-ATPase 
from Bacillus sp. PS3.434 Molecular distances have 
been estimated from fluorescence resonance energy 
transfer435 among three fluorescent sulfoindocyanine 
dyes attached to three cysteines that had been inserted 
into the three b subunits of F1-ATPase from Bacil-
lus sp. PS3 in place of Leucines 398 by site-directed 
mutation.436 These observations are consistent 
with the conclusion that, when MgATP2- is being 
hydrolyzed, the conformation that precedes the 
+40ª  step is the conformation usually observed in 
crystallographic molecular models (Figures 6-42, 
6-44, and 6-46). In addition, fluorescence resonance 
energy transfer between a fluorophore attached to 
Cysteine g 5 and a fluorophore attached to Cysteine b 3 
is consistent with the orientation of the g subunit in 
the conformation preceding the +80ª step during 
hydrolysis of MgATP2-, which proceeds with counter-
clockwise rotation of the g subunit, being +40ª from 
its rotational orientation usually observed in crystal-
lographic molecular models.437 This observation is 
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Figure 6-50: Revision of the diagram of Figure 6-45 to incorporate 
the properties of the intermediate conformation that, during 
hydrolysis of MgATP2-, follows a discontinuous rotation of -80ª 
and precedes a discontinuous rotation of -40ª to complete a 
step of -120ª (Figure 6-49). The diagramatic representations 
for each of the three conformations of the ab heterodimer in 
the two different global conformations are defined within the 
box in the center. In this diagram, the two intermediate rotations 
comprise the sides of the equilateral triangle with the catalytic 

global conformation observed in the crystallographic molecular 
model of Figure 6-42 in the center of each side. The quaternary 
conformations at the vertices are the intermediate conformations, 
the ATP-waiting conformations, from which the substrate 
MgATP2- dissociates in the direction of synthesis and associates 
in the direction of hydrolysis. The points in the sequence at 
which MgADP- and HOPO32- associate or dissociate, respectively, 
are not clear, so in the diagram, they are shown associating during 
the rotation of -80ª, a choice for which there is some evidence. 

 
 
consistent with the conclusion that the conformation 
of the (ab)3 ring preceding the +80ª  step is different 
from its crystallographic conformation. 
 
 All these observations suggest that there are two 
different global conformations of the (ab)3 ring in  

 
 
F1-ATPase that are adopted while the enzyme is 
hydrolyzing MgATP2-, or in reverse synthesizing 
MgATP2-, rather than just the conformation observed 
crystallographically. These two conformations (Fig-
ure 6-50) are the catalytic conformation and the 
subtrate-waiting conformation. The crystallograph-
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ically observed global conformation is the catalytic 
global conformation, the one preceding the counter-
clockwise step of +40ª during hydrolysis of MgATP2-. 
In this global conformation, a molecule of the reactant 
MgATP2- is protected within the active site of the 
ab heterodimer in the T conformation; the reactants, 
MgATP2- and the molecule of water, and the products, 
MgADP- and HOPO3

2-, are coming to equilibrium 
within the active site of the ab heterodimer in the 
D conformation; and all the explanations of these two 
conformations in these two different b subunits 
drawn from the crystallographic molecular models 
are still valid. The second conformation, which results 
from the +40ª rotation and precedes the +80ª rotation 
during hydrolysis of MgATP2-, is the substrate-waiting 
global conformation. The substrate-waiting global 
conformation is also intrinsically asymmetric, with 
asymmetry determined again by the g subunit. In 
the substrate-waiting global conformation, in the 
direction of hydrolysis, one of the active sites in the 
ab heterodimer is open to the solution and waiting 
for association of MgATP2-. 
 During hydrolysis, the catalytic global confor-
mation is in a catalytic dwell until the reactants, 
MgATP2– and the molecule of water, and the prod-
ucts, MgADP- and HOPO3

2-, reach equilibrium or 
at least until an instant in which the active site in 
the D conformation is occupied by the products of 
hydrolysis, MgADP- and HOPO3

2-, at which point the 
counterclockwise rotation of +40ª occurs. If these 
two conformations alternate while F1-ATPase is 
hydrolyzing MgATP2-, then they must also alternate 
while it is synthesizing MgATP2-. If the rotation of 
+40ª during hydrolysis is required to take place only 
when MgADP- and HOPO3

2- are occupying the 
ab heterodimer in the D conformation—so that 
they end up as products ready to dissociate from 
the same ab heterodimer in the open conformation 
produced by the rotation—then it follows, by micro-
scopic reversibility, that the rotation of -40ª during 
synthesis is required to take place only when MgADP– 
and HOPO3

2- are occupying an ab heterodimer in 
the same open conformation. Consequently, in the 
direction of synthesis, the essential purpose of this 
ab heterodimer in the open conformation within the 
substrate-waiting global conformation is to wait until 
the reactants MgADP- and HOPO3

2- associate and 
occupy their proper places before it converts to the 
D conformation within the catalytic global confor-
mation. 
 While the magnitudes of fluorescence resonance 
energy transfer within the catalytic global confor-
mation are consistent with the conclusion that it is 

the one observed crystallographically, the magnitudes 
of fluorescence resonance energy transfer within 
the substrate-waiting global conformation, which 
has not been observed crystallographically, provide 
some information about its structure. One of the active 
sites in an ab heterodimer is in a conformation that 
is indistinguishable by physical measurements 
from the T conformation in the crystallographic 
molecular model, and this active site is assumed to 
be occupied by a protected molecule of MgATP2-. 
The other two active sites, although distinguishable 
in their resonance transfer, are about as open as the 
O conformation in the crystallographic molecular 
model, but in one of those, the interface between 
a and b subunits is even more open than in the 
O conformation.436 
 There is a problem with the original proposal 
for the synthesis of MgATP2- (Figure 6-45). There are 
two essential discriminations that H+-transporting 
two-sector ATPase must make in order to synthesize 
MgATP2- by a conformational mechanism. First, the 
global conformation of the enzyme must change 
only when MgATP2- and the molecule of water are 
occupying the active site of the ab heterodimer in 
the D conformation in order to withdraw the mole-
cule of water and enclose the MgATP2- in the 
T conformation. Second, the global conformation 
of the enzyme must change only when MgADP– 
and HOPO3

2- are occupying the site of the ab hetero-
dimer in a conformation open to the solution to 
capture these two reactants in the D conformation. 
At both sites, the circumstances are changing rapidly. 
In the site in the D conformation, the equilibrium 
between MgATP2- and the molecule of water and 
MgADP- and HOPO3

2- is constantly interconverting 
the participants. Dissociations and associations of 
MgADP- and HOPO3

2- into and from solution are 
constantly proceeding at the open site with which 
they associate. It is unlikely that MgATP2- will be 
momentarily situated in the active site in the 
D conformation at the same time that MgADP- and 
HOPO3

2- will be momentarily situated in the site 
with which they associate. 
 The solution that natural selection seems to 
have chosen to this problem is to have two confor-
mations that alternate with each other as the overall 
rotation proceeds. In the synthesis of MgATP2-, 
when MgADP- and HOPO3

2- are occupying the 
open site in the substrate-waiting conformation, 
the -40ª rotation occurs, trapping them in the active 
site of that same ab heterodimer in the D conforma-
tion. When the equilibrium between MgADP- and 
HOPO3

2- and MgATP2- and a molecule of water has 
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been established and at an instant when MgATP2– 
is occupying the catalytic site in the D conformation, 
the -80ª rotation occurs, trapping the MgATP2- in 
the T conformation. 
 All these conclusions lead to a revision of the 
earlier conformational explanation for the synthesis 
of MgATP2-. This revision (Figure 6-50)436 attempts 
to assign the status of each active site and its occu-
pants in each of the two conformations, but the 
overall strategy363,394—associating with only MgADP– 
and only HOPO3

2-, setting them in equilibrium with 
each other, trapping and protecting the MgATP2– 
that has been formed before it can be unformed in 
this equilibrium, and opening to release the MgATP2– 
that was trapped into solution—has not been revised. 
 As before, during synthesis of MgATP2-, in the 
catalytic global conformation a molecule of the 
product MgATP2- is at rest, withdrawn from the 
molecule of water, and protected within the active 
site of the ab heterodimer in the T conformation. The 
enzyme is waiting for the equilibrium within the active 
site of the ab heterodimer in the D conformation to 
be established between the reactants, MgADP- and 
HOPO3

2-, and the products, MgATP2- and the mole-
cule of water, and also waiting in the catalytic dwell 
for an instant in which it is occupied only by the 
products, MgATP2- and the molecule of water. In 
that instant, when only the products are present, 
the g subunit rotates -80ª to produce the also-
asymmetric, substrate-waiting global conformation, 
in which the MgATP2- that was just formed and select-
ed by the change in conformation is protected in 
the same ab heterodimer in a closed conformation 
that is indistinguishable by physical measurements 
from the T conformation within the catalytic global 
conformation. During hydrolysis of MgATP2-, the 
substrate-waiting global conformation is the one 
with which the reactant MgATP2- associates. Micro-
scopic reversibility requires that, during the synthesis 
of MgATP2-, the substrate-waiting conformation is 
the one in which the MgATP2-—formed and 
trapped in the preceding cycle and waiting in the 
ab heterodimer in the preceding T conformation 
within the catalytic global conformation—has now 
become untrapped. This MgATP2- finds itself in the 
same ab heterodimer that is now in an open confor-
mation and dissociates. 
 The only way, however, to have the reactants 
MgADP- and HOPO3

2- associate with an open active 
site in the substrate-waiting global conformation 
and end up in the active site of the ab heterodimer 
in the D conformation within the catalytic global 
conformation after the rotation of -40ª is for them to 

associate with the other open conformation within the 
substrate-waiting global conformation (Figure 6-50), 
not the one from which MgATP2- dissociates. It so 
happens that this other active site is the one that, 
preceding the rotation of -40ª, was in the O confor-
mation within the catalytic global conformation that 
is occupied by ADP3- in several crystallographic 
molecular models. The conformation of the ab hetero-
dimer in the O conformation within the catalytic 
global conformation may change very little upon 
the -80ª rotation.* 
 There is no reason for association and dissocia-
tion of reactants and products in either the direction 
of synthesis or the direction of hydrolysis to occur 
in a special order because the two open active sites 
within the substrate-waiting conformation are on 
different ab heterodimers, and the physical measure-
ments suggest that neither of them is the same as 
the one in the O conformation within the crytallo-
graphic molecular model of the catalytic global 
conformation. There are measurements of occupation 
of the active sites by nucleotides in the substrate-
waiting conformation in the direction of hydrolysis 
that use a derivative of MgATP2- to which a fluorescent 
sulfoindocyanine dye has been covalently attached 
at the 3¢-oxygen.438 Measurements of fluorescence 
intensity indicate that this derivative associates with 
the substrate-waiting conformation when it is already 
occupied by two other nucleotides. These results 
imply that, in the direction of hydrolysis, the reactant 
MgATP2- associates before the product MgADP– 
dissociates. After association, the substrate-waiting 
complex has three nucleotides associated with it: 
the protected MgATP2-, the just-bound MgATP2- in 
the ab heterodimer in one open conformation, and 
the product MgADP- in the ab heterodimer in the 
other open conformation. These observations are 
consistent with the conclusion that there must be an 
open site for MgATP2- and an open site for MgADP– 
in the substrate-waiting conformation. They are also 
consistent with the possibility of MgADP- associat-
ing with the active site of the ab heterodimer in the 
O conformation even before the rotation of -80ª 
occurs. Other measurements, however, of the effects 
of the product MgADP- on rotation of the g subunit 
during hydrolysis of MgATP2- are consistent with 
the conclusion that MgADP- must dissociate during 
or just prior to the conformational change between 
the substrate-waiting and catalytic global conforma-
tions.439 Because of these observations, the order of 
                                                
*In the drawing, a slight change was introduced in the region 
with which HOPO32- associates, although even that change 
may be unwarranted.  
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association and dissociation in Figure 6-50 was 
chosen even though it is not exclusive. 
 The maximum rate at which MgATP2- can be 
synthesized by bovine H+-transporting two-sector 
ATPase440 at 30 ªC is 440 s-1, which is the same as 
the maximum rate at which the enzyme hydrolyzes 
MgATP2- in the absence of a gradient of hydrons. 
The equivalence of these rates suggests that, when 
neither catalysis nor association nor dissociation of 
reactants is rate-limiting, the rotation of the 
g subunit in each direction encounters equivalent 
barriers. 
 
 A molecular model of intact porcine H+-trans-
porting two-sector ATPase (Figure 6-51)441 has been 
constructed from a map of electron-scattering 
density derived from image reconstruction of 
electron micrographs of molecules of the intact 
enzyme frozen in amorphous ice. Alignments of 
the sequences of amino acids for the known subunits 
of the porcine enzyme are 83%-99% identical to 
those of the bovine enzyme and contain no gaps, so 
the structures of the two intact enzymes must be 
essentially identical. In the molecular model, the shaft 
composed of the g, d, and e subunits protruding 
from the (ab)3 ring of F1-ATPase (Figure 6-42) is 
attached, through its flat top, to a cylinder composed 
of eight c subunits (Figure 6-52B).441,442 There is a 
globular protein, formed from segments of nine of 
the subunits of the intact enzyme, completely within 
the membrane on one side of the cylinder of 
c subunits (Figure 6-52C). A coiled coil of a helices, 
beginning at the surface of the membrane, connects 
this globular protein within the membrane to the 
top of the (ab)3 ring of F1-ATPase (Figure 6-51). The 
complete structure of H+-transporting two-sector 
ATPase is one of the strangest structures of a protein 
that has been observed. 
 Each of the eight identical c subunits forming 
the cylinder is a hairpin of two a  helices,443 each 
one 20 amino acids long, arranged in such a way 
that one a helix in each c subunit is on the external 
surface of the cylinder and the other is in the interior 
of the cylinder. The eight c subunits are arrayed 
around an eightfold rotational axis of symmetry 
normal to the plane of the bilayer of phospholipids*  
 

                                                
*Unlike a plasma membrane, which contains a significant 
concentration of cholesterol, the bilayer of the inner 
mitochondrial membrane is formed almost completely from 
phospholipids and also contains cardiolipin, a phospholipid 
unique to mitochondria. 

forming the inner mitochondrial membrane.442 There 
is a single a helix of unknown provenance with an 
unknown sequence of amino acids on this rotational 
axis of symmetry that plugs what would otherwise 
be a hole filled with a chain of molecules of water 
comprising a hydron wire. The rotational axis of 
symmetry of the cylinder of c subunits is coaxial 
with the rotational axis of pseudosymmetry in the 
center of the (ab)3 ring, on which axis sits the 
asymmetric a-helical doubly coiled coil of the 
g subunit (Figures 6-42 and 6-43).  
 Subunit a of porcine H+-transporting two-sector 
ATPase also spans the membrane (Figure 6-52A), 
and its entire folded polypeptide (226 aa) is within 
the membrane in the multisubunit globular protein, 
to the side of the cylinder of c subunits. Subunit a 
consists of seven, mostly hydrophobic, a helices of 
different lengths.444 Subunit a is flush against the 
cylinder of eight c subunits, and two of its a helices 
come in intimate contact with four of the separate 
exterior a helices of four of the c subunits. The longest 
a helix, the fifth one in subunit a, even curves to fit 
flush against the cylinder (Figure 6-52B).445-448 
 The net clockwise rotation of the cylinder of 
c subunits past subunit a drives the rotation of the 
shaft of the g subunit within the (ab)3 ring in 
F1-ATPase during the synthesis of MgATP2-. The 
(ab)3 ring of F1-ATPase in turn is rigidly connected 
to subunit a by the coiled coil of a helices to prevent 
it from rotating relative to subunit a. This rotation 
of the cylinder of c subunits in concert with rota-
tion of the g subunit of F1-ATPase has been directly 
observed449-455 when intact H+-transporting two-
sector ATPase in a membrane is hydrolyzing 
MgATP2-. 
 There are mutants of H+-transporting two-sector 
ATPase in which a cystine has been introduced, 
crosslinking a c subunit to a segment of polypep-
tide in the globular protein within the membrane 
adjacent to the cylinder of c subunits (Figure 6-52C). 
These mutant enzymes are unable to transport 
hydrons into vesicles of membrane in which they 
had been incorporated when MgATP2- was added 
to the outside, but they are able to do so at the 
same rate as unmutated enzyme when the cystine 
is eliminated by thiol–disulfide exchange with 
1,4-bis(sulfanyl)butane-2,3-diol.456 This observation 
requires that the cylinder of c subunits rotate relative 
to the globular protein. 
  



Global Conformational Change 
 

1814 

 
 
 

  

A

B

shaft

commutator

strap

brush

F1-ATPase

membrane

basic side

acidic side

grasp

housing



Conformational Conversion of Energy 
 

1815 

Figure 6-51: Stereodrawing485 of a molecular model of porcine 
H+-transporting two-sector ATPase from a reconstruction of 
images in electron micrographs.441 Mitochondria were obtained 
from a homogenate of fresh porcine hearts by differential 
centrifugation. These mitochondria were suspended in 
75 mM sorbitol, 75 mM sucrose, 20 mM KCl, 5 mM MgCl2, and 
10 mM 2-[4-(2-hydroxyethyl)piperazin-1-yl]ethanesulfonate at 
pH 7.5, and a mass of the detergent digitonin equal to 4 times 
the mass of the protein in the suspension was added to dissolve 
the mitochondria. Undissolved material was removed by centri-
fugation. H+-Transporting two-sector ATPase was purified by 
centrifugation on a gradient of 0.4-2.0 M sucrose in a buffer 
containing 0.1% digitonin. Its location on the gradient was 
determined by electrophoresis on gels of poly(acrylamide) cast 
in a solution of dodecyl sulfate. The fractions collected from 
the gradient were concentrated and further purified by molec-
ular-exclusion chromatography, again in a buffer containing 
0.1% digitonin. Samples of an aqueous solution containing the 
purified enzyme were applied to grids for electron microscopy, 
and the grids were rapidly frozen to turn the thin film of solu-
tion into amorphous ice. High-resolution images of about 
350,000 molecules of a tetrameric complex of H+-transporting 
two-sector ATPase were chosen for further analysis, during 
which the most informative 114,103 particles were selected for 
the final reconstruction. The rotational orientation of each 
tetrameric complex was determined algorithmically, and from 
these assigned orientations and the individual images to which 
they were assigned, a three-dimensional map of electron-
scattering density was computed to a nominal resolution of 
0.44 nm. A crystallographic molecular model of bovine F1-ATPase 

was inserted into the map of electron scattering density, and 
with molecular models of H+-transporting two-sector ATPase 
from other species as guides, molecular models with sequences 
of amino acids for the polypeptides of known subunits in the 
porcine Fo sector were inserted into the map. Electron densities 
from several segments of polypeptide of unknown provenance 
that were left were filled with models of polypeptide backbone 
without side chains. The final model was then submitted to 
refinement. (A) Stereo line drawing of just the polypeptide 
backbones of the known subunits of the enzyme as well as the 
unknown segments in the final refined molecular model of 
porcine H+-transporting two-sector ATPase. The (ab)3g portion 
of F1-ATPase is drawn with thinner lines, and all the other 
polypeptide backbones, including the d and e subunits of 
F1-ATPase, are drawn with thicker lines. The three noncatalytic 
sites on the (ab)3 heterohexamer are occupied by the usual 
molecules of MgATP2-. The active sites in the D and T confor-
mations are occupied by ADP3-, which was included in the 
solution in which the enzyme was suspended when added to 
the grid. These five nucleotides are drawn in ball-and-stick 
format. Again, black atoms are carbons, white atoms are oxygens, 
small gray atoms are nitrogens, and large dark gray atoms are 
atoms of phosphorus. (B) Cellular orientation of H+-transporting 
two-sector ATPase and its position in the bilayer. The approx-
imate location of the bilayer of phospholipids is indicated in a 
line drawing of the polypeptide backbones of the final molecu-
lar model, and the various parts of H+-transporting two-sector 
ATPase are labeled as if it were an appliance for making MgATP2–, 
driven by the shaft of a motor. 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 6-52: Stereodrawings485 of portions of the complete 
molecular model of porcine H+-transporting two-sector 
ATPase441 drawn in Figure 6-51. (A) Stereo line drawing, 
viewed from within the plane of the membrane. The complete 
polypeptide backbones in the cylinder of the eight a-helical 
hairpins of the eight c subunits are drawn with thin lines. The 
lone a helix, of unknown provenance with an unknown sequence 
of amino acids, in the center of the cylinder and the complete 
polypeptide backbone of subunit a (to the right in the drawing) 
are drawn with thick lines. (B) Stereo line drawing, viewed 
from the positive, acidic side of the membrane. Participants 
and designations are the same as in Panel A but viewed from 
the upper side of the drawing in Panel A. (C) Stereo line drawing 

from within the plane of the membrane and including addi-
tional segments of polypeptide. The complete polypeptide 
backbones in the cylinder of the eight a-helical hairpins of the 
eight c subunits are drawn with thin lines. The lone a helix in its 
center and the complete polypeptide backbones from subunit a, 
subunit f, and subunit DAPIT; those segments of the polypep-
tides of subunit B1, subunit d, and protein 8 that are in the 
membrane; and the complete or partial polypeptide backbones 
of three unknown polypeptides observed in the map of electron 
scattering density are drawn with thick lines (to the right in the 
drawing). All these latter segments of polypeptide are within 
the membrane and form a compact globular protein. 
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 When the connection between the cylinder of 
c subunits and the shaft of the g subunit in H+-trans-
porting two-sector ATPase from S. cerevisiae is 
disrupted by eliminating the d subunit by site-
directed mutation, mitochondria containing the 
mutated enzyme could no longer synthesize MgATP2– 
and were also unable to maintain an electrochemical 
gradient of hydrons because a leak for hydrons is 
present where one was not before.457 Presumably, 
the cylinder of c subunits, no longer connected to 
the shaft of the g subunit and no longer experiencing 
significant resistance to rotation from the synthesis 
of MgATP2-, simply rotates in a net clockwise direction 
at will, shuttling hydrons until the electrochemical 
gradient is dissipated while no MgATP2- can be 
synthesized. 
 Within the membrane, five stretches of poly-
peptide from five identified and sequenced subunits 
of porcine H+-transporting two-sector ATPase and 
three stretches of polypeptide from three unknown 
and hence unsequenced subunits form the structure 
surrounding subunit a (Figure 6-52C). Together 
with the entire subunit a, they form the compact 
globular protein to one side of the cylinder of 
c subunits. The other segments of polypeptide in 
the globular protein firmly attach subunit a to the 
triply coiled coil of a helices that emerges from the 
membrane on its negative, basic side and connects 
to the (ab)3 ring of the F1-ATPase, which is within 
the majority of the protein on the negative, basic 
side of the membrane. These other eight segments 
of polypeptide within the membrane also act as 
booms to push the bilayer of phospholipid away 
from the extensive interface between subunit a and 
the ring of eight c subunits so that the two opposite 
edges of this interface are in unimpeded contact 
with solutions on the positive, acidic side and the 
negative, basic side of the membrane. 
 The majority of the surface of the cylinder of 
c subunits—those portions not in contact with 
subunit a and the other segments of polypeptide, in 
particular the majority of its midsection—is immersed 
within the hydrocarbon in the center of the bilayer 
of phospholipids, as if it were dissolved in clear 
machine oil bounded by the phosphoglyceroyl 
head groups on either side of the bilayer at its top 
and bottom. 
 The carboxy group of each Glutamic Acid 58, 
located on the outer a helix of each of the eight 
c subunits, carries one of the hydrons flowing 
across the membrane. Related by the eightfold 
rotational axis of symmetry, each Glutamate 58 
around the exterior of the cylinder is located in the 

middle of an outer a helix and in the very middle of 
the membrane. During the rotation of the cylinder 
past subunit a, each carboxylato group of the eight 
Glutamates 58 in turn is loaded with a hydron from 
the solution on the positive, acidic side of the 
membrane, and then that hydron is unloaded by 
dissociation into the solution on the negative, basic 
side of the membrane. Consequently a complete 
rotation of the cylinder of c subunits can be divided 
into a number of identical steps equal to the number 
of c subunits in the ring. In the case of porcine 
H+-transporting two-sector ATPase there are eight 
steps, each involving a -45ª clockwise rotation of 
the cylinder during the synthesis of MgATP2-. 
 
 When hydrons pass across the membrane from 
the solution on the positive, acidic side to the solution 
on the negative, basic side of the membrane during 
the synthesis of MgATP2-, while the cylinder turns 
in a net clockwise direction relative to the position 
of subunit a, they pass across the interface between 
subunit a and the exterior a  helices of the cylinder 
of c subunits (Figures 6-52A,B). In the middle of its 
journey, each hydron is carried on a Glutamate 58 
as a neutral carboxy group, rotating through the 
hydrocarbon of the membrane. The hydron cannot 
dissociate in this solvent, so it remains on the car-
boxy group. Between the single subunit a and the 
cylinder of c subunits, there are two half channels, 
one between the solution on the positive, acidic 
side of the membrane and a location in the center 
of the membrane that is accessible to the carboxy 
group on a Glutamate 58 and the other between the 
solution on the negative, basic side of the membrane 
and a different, but nearby, location in the center of 
the membrane that is also accessible to a Gluta-
mate 58.458 Each channel is a gap in the interface 
between subunit a and the cylinder of c sub-
units.357,441,459-467 
 In porcine H+-transporting two-sector ATPase 
during the synthesis of MgATP2-, a hydron from the 
solution on the positive, acidic side of the membrane 
enters the interface between subunit a and the 
c subunits (Figure 6-53A).441 There is a fairly wide 
gap in the interface lined with hydrophilic side chains 
from Threonines 161 and 165, Asparagine 163, and 
Glutamine 97 in subunit a that connects the positive, 
acidic solution to the space between the guanidinio 
group of Arginine 159 in subunit a and the carboxylato 
group of Glutamate 58B in the c subunit labeled B 
in Figure 6-53 when it is in position to accept a hydron 
(Figure 6-53A). 
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Figure 6-53: Stereodrawings485 of the half channel in the gap 
on the positive, acidic side of the membrane where transfer of 
a hydron to the carboxylato group of a Glutamate 58 in the cylinder 
of c subunits occurs during synthesis of MgATP2-. Black atoms 
are carbons, white atoms are oxygens, small gray atoms are nitro-
gens, and large light gray atoms are sulfurs. The drawing shows 
a portion of the molecular model of porcine H+-transporting 
two-sector ATPase441 drawn in Figure 6-51 that includes the 
interface between subunit a and the cylinder of c subunits in 
which the gap that forms the channel from the positive, acidic 
solution is located. The segments of subunit a that line the gap 
forming the half channel (Isoleucine 10–Proline 18, Asparagine 83–
Isoleucine 106, Isoleucine 147–Leucine 170, and Threonine 200–
Serine 219) are drawn, to the right in each panel of the figure. 
Glutamine 97, Threonine 161, Asparagine 163, and Threonine 165, 
the hydrophilic side chains of which are located in the wall of 
the channel, are labeled. During synthesis of MgATP2-, hydrons 
pass through the enzyme from the positive, acidic solution to 
the negative, basic solution. (A) Segments of two external 
a helices, on the positive, acidic half of the cylinder c subunits 
(in both cases Glycine 53–Phenylalanine 73), labeled A and B. 
The point at which a hydron is transferred to Glutamate 58B in the 
a helix of c subunit B is thought to be adjacent to Arginine 159, 
at the bottom of the channel and at the end of a hydron wire. It 
is also thought that the side chain of Glutamate 58B rotates 
around its b carbon–g carbon bond to approach the guanidino 
group more closely before the hydron in the half channel from 
the positive, acidic side associates with the carboxylato group. 
Glutamic Acid 58A in the a helix of c subunit B is moving toward 
the hydrocarbon of the bilayer. (B) Coordinates of the molecular 
model for the same segments from c subunits A and B, submitted 
to a clockwise rotation of -20ª around the axis of symmetry 

running through the cylinder of c subunits. Rotation of the cylinder 
was perfomed before the respective atoms in those segments 
were added to the drawing. The segments of subunit a, however, 
were drawn in the same orientation as in the drawing in Panel 
A. The clockwise rotation of -20ª moves the carboxy group of 
Glutamic Acid 58B away from the gap to the positive, acidic 
side of the membrane, but only when it is the conjugate acid 
carrying the hydron. Glutamic Acid 58A in in the a helix of 
c subunit A has entered the hydrocarbon of the bilayer. 
(C) Coordinates of the molecular model for the segments of 
c subunit, submitted to a further clockwise rotation of -25ª to 
complete a full step of -45ª. The drawing is the same as that in 
Panel A, with the exception that the labels of the a helices were 
changed from A to B and from B to C because, upon completion 
of a -45ª step, Glutamate 58C in the a helix of c subunit C has 
rotated into the loading zone for a hydron in the same position 
that Glutamate 58B in the a helix of c subunit B did in Panel A, 
and the a helix of c subunit B occupies the same position that 
the a helix of c subunit A did in Panel A. In this drawing, Gluta-
mate 58C has arrived at the point at which a hydron in the half 
channel from the positive, acidic side is transferred to its carbox-
ylato group. In Panel B, Glutamic Acid 58C in the a helix of 
c subunit C was in the unloading zone in the bottom of the 
channel from the negative, basic side of the membrane and its 
hydron had to dissociate into that channel before the rotation 
of -25ª could occur, bringing it into the loading zone for a hydron 
from the positive, acidic side of the membrane. The curved arrows 
in Panels A and B indicate clockwise rotations. The curved arrow 
in Panel C, which indicates a counterclockwise rotation of the 
cylinder +20ª in reverse, emphasizes the equilibrium between 
the rotational orientations, in this case returning Glutamate 58C 
to the channel from the negative, basic side of the membrane. 

 
 
 

 
 
 

Figure 6-54: Stereodrawings485 of the half channel in the gap 
on the negative, basic side of the membrane where transfer of 
a hydron from the carboxy group of a Glutamatic Acid 58 in the 
cylinder of c subunits occurs during synthesis of MgATP2-. 
Black atoms are carbons, white atoms are oxygens, small gray 
atoms are nitrogens, and large light gray atoms are sulfurs. The 
drawing shows a portion of the molecular model of porcine 
H+-transporting two-sector ATPase441 that includes the interface 
between subunit a and the cylinder of c subunits in which the 
gap that forms the channel from the negative, basic solution is 
located. Each panel is a drawing of a portion of the same molec-
ular model, portions of which are drawn in Figure 6-53, but it 
is viewed from the opposite side of the membrane. The segments 
of subunit a that line the gap forming the half channel (Leucine 49–
Leucine 75, Methionine 100–Phenylalanine 114, Threonine 123–
Leucine 160, and Leucine 208–Aspartate 224) are drawn, again 
to the right in each panel of the figure. Histidine 127, Gluta-
mate 145, and Glutamine 152, the hydrophilic side chains of 
which are located in the wall of the channel, are labeled. 
(A) Segments of three external a helices, on the negative, basic 
half of the cylinder c subunits (in all three cases Leucine 46–
Leucine 62) with the same labels, A, B and C, used in Figure 6-53. 
As in Figure 6-53A, a hydron in the gap on the positive, acidic 
side is associating with the carboxylato group of Glutamate 58B, 
and Glutamatic Acid 58A is on its way into the hydrocarbon as 
it was before. (B) Coordinates of the molecular model for the 
same segments from c subunits B and C, submitted to a clock-
wise rotation of -20ª around the axis of symmetry running 
through the cylinder of c subunits. Recall that a clockwise rotation 
appears to be a counterclockwise rotation from this vantage 
point. The a helix from c subunit A has departed into the hydro-
carbon. The segments of subunit a, however, are drawn in the 

same orientation as in the drawing in Panel A. The point at 
which hydrons dissociate from the carboxy groups of Glutamic 
Acids 58 is adjacent to Serine 148, at the bottom of the gap. 
Arginine 159 is also labeled to show the bottom of the half 
channel from the positive, acidic side of the membrane relative 
to the bottom of the half channel from the negative, basic solu-
tion. The carboxy group of Glutamic Acid 58C in c subunit C, 
counterclockwise to the a helix in c subunit B, has just completed 
its transit of the hydrocarbon. The clockwise rotation of -20ª 
has brought this carboxy group into alignment with Serine 148, 
where its hydron dissociates. The clockwise rotation of -20ª 
moves the carboxy group of Glutamic Acid 58B away from the 
gap to the positive, acidic side of the membrane on its way into 
the hydrocarbon. Glutamic Acid 58A has entered the hydro-
carbon of the bilayer. (C) Coordinates of the molecular model 
for the segments of c subunit, submitted to a further clockwise 
rotation of -25ª to complete a full step of -45ª. The drawing is 
the same as that in Panel A, with the exception that the labels 
of the a helices were changed from A to B and from B to C, and 
the a helix of c subunit D, which has just entered from the hydro-
carbon and is not yet in the unloading zone for its hydron, has 
been added. Glutamate 58C, from which a hydron dissociated 
in Panel B, has arrived at the point at which a hydron in the 
half channel from the positive, acidic side associates with its 
carboxylato group. The curved arrows in Panels A and B indicate 
the respective clockwise rotations. The curved arrow in Panel C, 
which indicates a counterclockwise rotation of the cylinder +20ª 
in reverse, emphasizes the equilibrium between the rotational 
orientations, in this case returning Glutamate 58C to the channel 
from the negative, basic side of the membrane. Between the two 
orientations in this equilibrium, Glutamate 58C passes through 
a gap of 25ª. Within this gap, it must remain unhydronated. 
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 The empty space in the molecular model between 
the van der Waals surfaces of the carboxyato group 
of Glutamate 58B and the guanidinio group of Argi-
nine 159 is about 0.3 nm wide. The resolution of the 
model of porcine H+-transporting two-sector 
ATPase derived from image reconstruction from 
electron micrographs is insufficient to observe 
fixed molecules of water, but the space between 
these two side chains must contain at least one 
molecule of water, forming a hydrogen bond to the 
carboxylato group or a hydrogen bond to the guani-
dinio group or bridging them. In a higher-resolution 
molecular model from image reconstruction of 
electron micrographs of H+-transporting two-
sector ATPase from Polytomella,462 a molecule of 
water can be observed forming a hydrogen bond to 
the guanidinio group of the homologous arginine 
in subunit a (28% identity; 2.2 gap percent). 
 Because there is no significant empty space in 
a molecule of protein, the entire hydrophilic gap in 
the interface between subunit a and two adjacent 
c subunits (labeled A and B in Figure 6-53A) must 
also contain molecules of water, some fixed in place 
by donors and acceptors for hydrogen bonds on 
the side chains of Threonines 161 and 165, Aspara-
gine 163, and Glutamine 97 as well as the amido 
groups of the polypeptide backbone. There must 
also be some disordered molecules of water in less 
confined regions within the gap. Presumably the 
fixed molecules of water and the hydroxy groups on 
Threonines 161 and 165 provide a hydron wire 
through which the hydron moves from the intrusion 
of the positive, acidic solution into the gap to the 
carboxylato group of Glutamate 58B in the middle 
of the external a helix in c subunit B (Figure 6-53A). 
  During the synthesis of MgATP2-, once the 
carboxylato group of Glutamate 58B has been hydro-
nated, the cylinder, and hence its a helix, rotates 
clockwise to remove the now-neutral carboxy 
group of Glutamic Acid 58B from the hydron wire 
(Figure 6-53B) on its way around the circle through 
the hydrocarbon of the phospholipids to the half 
channel opening to the negative, basic solution. After a 
further rotation of -25ª, the unhydronated carboxylato 
group of Glutamate 58C in the a helix in c subunit C 
(Figure 6-53C), on the counterclockwise side of the 
c subunit B, arrives at the hydron wire from the 
positive, acidic solution and the delivery of a hydron 
is repeated to begin the next step. 
 After the hydron from the positive, acidic surface 
has associated with Glutamate 58B (Figure 6-53A) 
and the cylinder has rotated in a clockwise direc-

tion by only about -20ª (the -20ª rotation from 
Panel A to Panel B in Figure 6-53 is the same as the 
–20ª rotation from Panel A to Panel B in Figure 
6-54 but viewed from the other side of the mem-
brane), a hydron dissociates from the carboxy group 
of Glutamic Acid 58C to the counterclockwise side 
of c subunit B. At this point, Glutamic Acid 58C has 
just completed its circumnavigation through the 
hydrocarbon carrying its hydron. That hydron then 
passes into the negative, basic solution on the other 
side of the membrane through a fairly wide gap in 
the interface between subunit a and the cylinder of 
c subunits (Figure 6-54B).441 This gap is about +25ª 
counterclockwise from the gap on the positive, 
acidic side, and it is lined with hydrophilic side 
chains from Histidine 127, Glutamate 145, and Gluta-
mine 152 in subunit a. When Glutamate 58C arrives 
from the hydrocarbon, this gap connects the negative, 
basic solution to the space between the carboxy 
group of Glutamic Acid 58C and the hydroxy group 
of Serine 148 in subunit a (Figure 6-54B). The space 
between Serine 148 and Glutamic Acid 58C probably 
contains one or more fixed molecules of water. The 
entire gap between subunit a and two adjacent 
c subunits (those labeled B and C in Figure 6-54B) 
must also contain molecules of water, some fixed in 
place by donors and acceptors for hydrogen bonds 
on the side chains of Histidine 127, Glutamate 145, 
and Glutamine 152 as well as the amido groups of 
the polypeptide backbone and some in disordered 
regions. 
 Presumably the fixed molecules of water and the 
carboxy group of Glutamic Acid 145 from subunit a 
provide a hydron wire through which the hydron 
moves from the carboxy group of Glutamic Acid 58C 
into the intrusion of the negative, basic solution 
into the gap, and hence into the solution on the 
negative, basic side. In the higher-resolution molec-
ular model of H+-transporting two-sector ATPase 
from Polytomella, single molecules of water and 
pairs of molecules of water can be observed in this 
gap, and some of these molecules of water are 
probably participants in a hydron wire,462 the 
complete structure of which is not resolved. In the 
portion of subunit a in H+-transporting two-sector 
ATPase from T. thermophilus that is structurally 
homologous to subunit a in the porcine enzyme, the 
hydrophilic side chains projecting into this gap on 
the negative, basic side of the membrane, organizing 
the molecules of water, and participating in the 
hydron wire are more numerous and their alignment 
is more exact.463 
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 During the synthesis of MgATP2-, after the hydron 
dissociates from the carboxy group on Glutamic 
Acid 58C, the now-carboxylato group on Gluta-
mate 58C rotates about -25ª with the cylinder in 
the clockwise direction (Figure 6-54B,C) to arrive 
next to Arginine 159 at the bottom of the gap in the 
interface between the cylinder of c subunits and 
subunit a that opens to the positive, acidic side to 
begin the next step. 
 To couple the clockwise rotation of the cylinder 
of c subunits to the movement of hydrons down the 
electrochemical gradient from the positive, acidic 
solution to the negative, basic solution with complete 
stoichiometry and hence maximum efficiency, 
the -335ª clockwise rotation between the half 
channel from the positive, acidic solution and the 
half channel to the negative, basic solution must 
proceed only when the carboxy group of Glutamic 
Acid 58 has been hydronated, and the hydron cannot 
dissociate between the the two half channels. In 
addition, the -25ª clockwise rotation between the 
half channel to the negative, basic solution and the 
half channel from the positive, acidic solution must 
proceed only when the carboxylato group of Gluta-
mate 58 has been unhydronated, and it must remain 
unhydronated. If these requirements are completely 
satisfied, then the movement of each hydron from 
the positive, acidic solution to the negative, basic 
solution is coupled stoichiometrically to a clockwise 
rotation of 45ª  by the cylinder of c subunits.468,469 
  The requirement that the carboxy group of 
Glutamic Acid 58 remain hydronated during the 
clockwise rotation between the channels is satisfied 
by the hydrocarbon, which provides an ingenious 
solution to keeping it hydronated over an arc of 
about -335ª. More critically, however, the require-
ment that the clockwise rotation of only about -25ª 
between the two channels (Figure 6-54B,C) must 
proceed only when the carboxylato group of Gluta-
mate 58 has been unhydronated and the require-
ment that it must remain unhydronated are far 
more difficult to achieve because it must move 
through an interface between two subunits of the 
protein. Furthermore, because all these rotations 
are reversible, the movement through this small gap 
may actually reverse several times before proceeding 
forward. When the carboxylato group of Glutamate 58 
returns to the gap leading to the negative, basic solu-
tion during a momentary reversal, it must also 
traverse the intervening space unhydrated, or an 
unproductive hydron leak from the positive, acidic 
side to the negative, basic side would occur. 

 Consequently, the key to accomplishing the 
proper stoichiometry for the clockwise and counter-
clockwise rotations of 25ª between the negative, basic 
half channel on the one side of the membrane and 
the positive, acidic half channel on the other is the 
properties of the short gap between the two half 
channels. This gap sits between the channel to the 
negative, basic solution, at which a hydron dissoci-
ates from Glutamic Acid 58 when it is adjacent to 
Serine 148 on subunit a (Figure 6-54B), and the 
channel to the positive, acidic solution, at which a 
hydron associates with the same Glutamate 58 
when it is adjacent to Arginine 159 on subunit a 
(Figure 6-54C). Every time one of the Glutamic 
Acids 58 moves through that gap in a clockwise or 
counterclockwise direction as the hydronated con-
jugate acid, the free energy that must be captured 
from the electrochemical gradient of hydrons by 
H+-transporting two-sector ATPase is lost. How the 
protein within this short gap solves this requirement 
is still unclear and may require elucidation of the 
exact positions of the side chains and the fixed 
molecules of water present in that short gap. Never-
theless, the structure of this short gap must have been 
under significant selective presure. 
 
 For H+-transporting two-sector ATPase to 
function properly, subunit a must be affixed to 
the (ab)3 ring so that, every time the cylinder of 
c subunits completes a full revolution past subunit a 
within the membrane, the shaft of the g  subunit 
completes a full revolution within the (ab)3 ring. 
When the cylinder of c subunits in intact H+-trans-
porting two-sector ATPase from E. coli was attached 
firmly to a glass coverslip and filaments of actin were 
attached either to a b subunit or to subunit a, the 
respective filaments rotated at the same rate, and 
the rates at which they rotated changed in concert as 
the viscous drag was increased.450 This observation 
is consistent with the b subunit and subunit a being 
connected tightly together within H+-transporting 
two-sector ATPase. This connection is achieved by 
the triply coiled coil of a helices. 
 All H+-transporting two-sector ATPases have 
an (ab)3 ring, a gde shaft, a rotationally symmetric 
ring of c subunits, and subunit a or its equivalent, 
and each is homologous in its sequence of amino 
acids, or at the least structurally homologous, to its 
respective siblings in the various species of animals, 
plants, fungi, and bacteria.358 The segments of 
H+-transporting two-sector ATPase that connect 
subunit a to the (ab)3 ring, however, differ among 
animals, plants, fungi, and bacteria. In the case of 
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porcine H+-transporting two-sector ATPase (Figure 
6-51), the connection is made by a triply coiled coil 
of a helices anchored at one end in the globular 
protein within the membrane containing subunit a 
and at the other end entwined within a structure 
formed from subunit O and affixed tightly to the 
(ab)3 ring. In H+-transporting two-sector ATPase 
from Polytomella, the connection is made by a 
much wider, kinked rope of five and sometimes six 
a helices along its length and some strands of random 
meander.462 Regardless of the differences among the 
different species, a connection is made445,446,448,470-474 
with one or two separate a-helical coiled coils 
providing straps and various subunits, which differ 
among species, gluing these straps to the (ab)3 ring. 
 In addition to the differences in the number 
and identity of subunits forming the connection 
between subunit a and the (ab)3 ring among the 
H+-transporting two-sector ATPases from different 
species is the difference in the number of c subunits 
in the cylindrical ring.442 Bovine and porcine 
H+-transporting two-sector ATPase have 8 c subunits 
in the ring,442 the enzyme from S. cerevisiae has 
10 c subunits in the ring,475 the enzyme from E. coli 
also has 10 c subunits in the ring,476 the enzyme 
from S. oleracea has 14 c subunits in the ring,477 
Na+-transporting two-sector ATPase from Ilyobacter 
tartaricus has the equivalent of 11 c subunits in the 
ring,478,479 and Na+-transporting two-sector ATPase 
from Enterococcus hirae has the equivalent of 10 
c subunits in the ring.480 The number of c subunits 
in the cylinder from Na+-transporting two-sector 
ATPase from I. tartaricus can be varied from 10 to 
15 by site-directed mutation without affecting its 
function.481 Although this relation has not been 
accurately validated, it usually is assumed442 that 
the ratio between the number of hydrons trans-
ported down the electrochemical gradient and the 
number of MgATP2- synthesized, when the enzyme 
is operating at maximum efficiency and stoichiometry, 
is simply the ratio between the number of 
c subunits in the cylinder for a particular species 
divided by the number of active sites (3). Nothing, 
however, operates at maximum efficiency. 
 The strange aspect of this ratio is that it is usually 
not an integer, as it would be if the number of 
c subunits were usually 9 or 12.* The rotational off-
sets for the steps in the two distant and independent 
rotors are not the same as they would be if there 
were only 3 c subunits in the cylinder to match the 
                                                
*This lack of an integral relationship defied expectations, much 
as the fact that the number of amino acids in a complete turn 
of a helix formed by a polypeptide defied expectations.482 

3 subunits the (ab)3 ring, or if there were 9 c subunits 
in the cylinder to match the alternating rotations of 
80ª and 40ª of the g subunit. It has been assumed 
that the mismatch between the number of c subunits 
and the number of active sites in F1-ATPase requires 
that either the connection between subunit a and 
the (ab)3 ring or the connection between the ring of 
c subunits and the shaft of the g subunit in H+-trans-
porting two-sector ATPase be flexible enough to 
permit effective coordination between steps in 
rotation of the cylinder of c subunits relative to 
subunit a and steps in the rotation of the g subunit 
within the (ab)3 ring. Were the connection abso-
lutely rigid, neither rotor could proceed through its 
steps because of the mismatch in their stoichiometry. 
Nevertheless, the coiled coils and their attachments 
ensure that every complete rotation of the cylinder 
of c subunits over the course of several complete 
rotations is always accompanied by the same 
number of complete rotations of the g subunit 
within the (ab)3 ring. 
 Various global conformations of H+-transporting 
two-sector ATPase from Polytomella have been 
observed in image reconstructions of electron micro-
graphs. In the molecular models derived from these 
reconstructions, the connection between the 
(ab)3 ring and the strap of the coiled coil has flexed 
to accommodate different rotational orientations of 
the cylinder of c subunits relative to the rotational 
orientation of the (ab)3 ring. The only difference 
among these global conformations seems to be 
these relative rotational orientations. It has been 
proposed that these different global conformations 
permit the necessary coordination between the rotary 
motions.462 
 A different conclusion was reached when the 
stiffness of the connections between subunit a and 
the (ab)3 ring and the stiffness of the connection 
between the cylinder of c subunits and the shaft of 
the g subunit were measured. Actin filaments or 
magnetic beads were attached to either the cylinder 
of c subunits or the globular structure within the 
membrane containing subunit a in wild-type H+-trans-
porting two-sector ATPase from E. coli or mutants 
of the enzyme in which cystines crosslink the 
g subunit to a b subunit or a c subunit to subunit a. 
When these variously modified H+-transporting two-
sector ATPases were attached through the surface 
of their F1-ATPase opposite the shaft of the g subunit 
(Figure 6-48), measurements of the torque required 
to rotate the bead magnetically or the observed 
displacements of the bead or the filament of actin 
caused by random Brownian displacements for each 
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modified form of enzyme could be used to determine 
the stiffness of either the connection between sub-
unit a and the (ab)3 ring or the connection between 
the cylinder of c subunits and the shaft of the 
g subunit. Counterintuitively, it was concluded that 
the stiffness between subunit a and the (ab)3 ring 
was about 10 times greater than the stiffness be-
tween the cylinder of c subunits and the shaft of the 
g subunit and that the flexions required to coordinate 
the rotary motions of the g subunit and those of the 
c subunit occur mostly in the connection between 
the cylinder of c subunits and the shaft of the 
g subunit,453,483 an interface that seems upon inspec-
tion to be rather inflexible (Figure 6-51). 
 In contradiction to this conclusion that the 
flexions occur in the connection between the cylinder 
of c subunits and the shaft of the g subunit, when 
cystines were introduced in turn between several of 
the subunits that form the interfaces in the gdec12 
rotor in H+-transporting two-sector ATPase from 
E. coli, no effect was observed on the ability of each 
mutated and stitched enzyme to transport hydrons 
into vesicles into which it was incorporated or to 
synthesize MgATP2- when a large enough gradient 
of hydrons was established across the membranes 
of the vesicles.484 
 
 The temptation to compare H+-transporting 
two-sector ATPase to an electrical appliance in 
which the shaft of a motor drives machinery accom-
plishing its purpose has been irresistible (Figure 
6-51B). The (ab)3 ring of F1-ATPase accomplishes 
the purpose of the appliance, that of synthesizing 
MgATP2-. The gde shaft connects this machinery to 
the motor that turns the shaft. The motor is not the 
usual induction motor of an electric appliance, but 
a motor that employs a current directly without 
magnetic induction. The cylinder of c subunits is 
most analogous to a commutator ring in an induc-
tion motor and subunit a to one of its brushes. The 
subunits that grasp the (ab)3 ring, the a-helical coiled 
coils, and the segments of polypeptide surrounding 
subunit a in the membrane together form a rigid 
housing that ensures that the brush and the machin-
ery accomplishing the purpose of the appliance are 
firmly fixed in a constant orientation as the shaft 
turns. 
 Given this irresistible impulse, much attention 
has been devoted to mechanical explanations of 
how the free energy in the electrochemical gradient 
 

 of hydrons is converted stereochemically into the 
conformational changes that are responsible for 
the synthesis of MgATP2-. As was the case with 
Na+/K+-exchanging ATPase, however, the only rele-
vant chemical fact is that when eight hydrons, one 
after the other, move through the cylinder of 
c subunits in porcine H+-transporting two-sector 
ATPase from the positive, acidic solution to the 
negative, basic solution, three molecules of 
MgATP2- are produced from three molecules of 
MgADP- and three molecules of HOPO3

2- by 
F1-ATPase. If this coupling is effectively enforced 
and there is a sufficient electrochemical gradient of 
hydrons from the positive, acidic solution to the 
negative, basic solution, it necessarily follows that 
the equilibrium in Equation 6-132 will be in favor 
of the synthesis of MgATP2-. 
 This consideration brings up another point that 
often seems to be ignored. As is the case with all 
enzymes, H+-transporting two-sector ATPase cata-
lyzes its reaction in both directions and every step 
is a reversible step. Although throughout this discus-
sion preference has been given to the direction of 
the reaction in which MgATP2- is synthesized, this 
preference is personal and only due to the fact that 
this synthesis is what the enzyme usually does. The 
enzyme, however, also catalyzes hydrolysis of 
MgATP2-, and the net direction of the reaction in a 
given set of circumstances depends on the change 
in situational free energy for Equation 6-132 under 
those circumstance. It follows that any molecular 
explanation of the role of any of the catalytic func-
tional groups that implies that it assists the reaction 
in only one direction should be read with the fact 
that the reaction is reversible always in mind. The 
basis of microscopic reversibility is that any effect 
that lowers the standard free energy of a transition 
state increases the rate in each direction of the 
equilibrium governed by that transition state. 
 One is left with the impression that H+-trans-
porting two-sector ATPase, the source of most of 
the MgATP2- responsible for all the kinetic energy 
in living organisms, is one of the most bizarre enzymes 
in the collection, and a fit place to conclude this 
disquisition. The question of how it works seems to 
have been answered. The question of how it came 
to exist in the first place may never be answered. 
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Acid  Acidic hydron and the atom to which it is 

attached. 

Acid dissociation constant  Equilibrium constant 
that relates the concentration of hydronium ion 
and the concentration of the conjugate base of 
an acid to the concentration of the acid. 

Activator  Ligand that binds to an enzyme and forms 
a dead-end complex that has a greater rate of 
catalysis than normal. 

Active site  Unique location on the surface or in the 
interior of one of the subunits in an enzyme 
molecule where the reaction catalyzed by that 
enzyme takes place. 

Active-site label  Reagent that has been designed to 
associate specifically, noncovalently, and in a 
defined orientation within the active site of a 
particular enzyme at the location normally 
occupied by a substrate and then modify 
covalently a particular catalytic acid–base or 
particular side chain that participates in 
association of a substrate with the active site. 

Active transport of hydrons  Movement of hydrons 
against an electrochemical gradient through the 
portion of an enzyme that spans the membrane, 
which requires that there be a continuous path 
for the hydrons to follow from one side of the 
enzyme to the other and a physical mechanism 
to couple the expenditure of energy, in the form 
of a favorable oxidation–reduction or the hydro-
lysis of MgATP2–, to the unfavorable transport 
of the hydrons. See also formal transport of 
hydrons. 

Actual reactant  Reactant in an enzymatic reaction 
that is formed nonenzymatically from a com-
pound originally thought to be the reactant. 

Acyl oxidation state  Oxidation state for a carbon 
that has three bonds, either s bonds or a mixture 
of s bonds and p bonds, to heteroatoms and 

only one s bond to carbon or hydrogen. See 
oxidation states of carbon. 

Adair equation  One of two equations that are used 
to fit sigmoid behavior and that involve no 
explanation for sigmoid behavior. See also Hill 
equation, Monod–Wyman–Changeux equation, 
and sigmoid behavior. 

Additional substrate  Substrate that is not part of the 
formal stoichiometric equation for an enzymatic 
reaction because it is regenerated during the 
reaction but that must be present in solution 
for the enzymatic reaction to occur. 

Affinity label  Compound that contains a reactive 
center and that is designed to resemble the 
substrate of an enzyme or ligand for a protein 
so closely that it will bind specifically to the 
active site or binding site, and while it is bound 
the reactive center will covalently modify an 
amino acid in or near the site. 

Agonist  Ligand that binds to a protein and, upon 
binding, produces a measurable change in the 
characteristic physiological function of that 
protein. 

Aldol condensation  Nucleophilic addition of the 
a carbon of an enolate or enamine to a carbonyl 
group or imine to form a carbon–carbon bond 
and give an alcohol or amine. 

Alkyl migration  Transfer of an alkyl group, usually 
intramolecularly and often between two adjacent 
atoms (as in a 1,2-alkyl migration), during the 
course of a molecular rearrangement. See also 
hydride migration. 

Allosteric constant  Constant for the equilibrium 
between two conformations of an enzyme or 
protein that displays allosteric behavior. See also 
conditional allosteric constant and fundamental 
allosteric constant. 
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Allosteric effect  Indirect interaction between distinct, 
spatially separated sites on a protein during 
which the conformation of the protein is altered 
by association of a ligand at one or more of the 
sites, causing a change at one or more of the 
other sites. See also heterotropic allosteric effect 
and homotropic allosteric effect. 

Amphipathic molecule  Extended molecule that 
has a hydrophilic region, usually one end, and a 
hydrophobic region, usually the other end. 

Antagonist  Ligand that binds to a protein and blocks 
the ability of an agonist to accomplish its normal 
function. 

Antenna  Large structure in a photosystem the pros-
thetic chromophores of which are responsible 
for absorbing photons of incident light and in 
which the resulting electronic excitation, an 
exciton, is transferring to the special pair of the 
reaction center. 

Anti elimination  Elimination in which the leaving 
group and the hydron or electrophile dissociate 
on opposite sides of a plane containing the 
carbons in a carbon–carbon bond to which they 
are attached. See also syn elimination. 

Antiperiplanar conformation  Arrangement in which 
two periplanar substituents of interest are oriented 
at a dihedral angle of 180ª ± 30ª from one another. 
See also synperiplanar conformation. 

Antiperiplanar push  Push exerted by a lone pair of 
electrons in the antiperiplanar conformation to 
a leaving group. See also synperiplanar push. 

Apical position  Position of the substituents or ligands 
in a trigonal bipyramid that are collinear or 
almost collinear with the central atom above 
and below an equatorial plane, or the position 
in a pyramidal arrangement that is at or near 
the apex of the pyramid. See also equatorial 
position. 

Apparent rate constant  Rate constant in a rate equa-
tion that is not a function of the concentration 
of a reactant but that varies as the concentration 
of another reactant is varied. 

Aromatic transition state  Transition state in which 
there is a continuous, conjugated ring of atoms 
with atomic orbitals, each of which overlaps in 

sequence around the ring with its two nearest 
neighbors, so that they together form a complete 
cyclic molecular orbital system containing 4n + 2 
electrons. 

Associative exchange  Mechanism for the exchange 
of ligands to a metallic cation in which the 
entering ligand associates with the metallic 
cation, expanding its coordination, and then the 
leaving ligand dissociates. See also dissociative 
exchange. 

Associative nucleophilic substitution  Nucleophilic 
substitution that proceeds through a tetrahedral 
intermediate, in which the bond between the 
electrophile and the nucleophile has fully 
formed before the bond between the leaving 
group and the electrophile begins to break. See 
also concerted nucleophilic substitution and disso-
ciative nucleophilic substitution.  

Base  Basic lone pair of electrons and the atom with 
which it is associated. 

Bifurcation of two electrons  Situation in which the 
two electrons of a two-electron reductant are 
required to travel singly through two different 
paths of electron transfer or, in reverse, two 
electrons that have traveled singly through two 
different paths are combined and transferred 
together to a two-electron oxidant. 

Bilin  Linear tetrapyrrole, derived ultimately from 
heme b, that is extensively conjugated and is 
one of the prosthetic chromophores found in 
certain antennae of photosystems. 

Biochemical standard reduction potential, Eª¢   
Reduction potential, relative to a standard 
hydrogen electrode, observed when the two 
members of the redox couple are present at 
equal activity at a pH of 7. 

Bisubstrate analogue  Molecule composed of portions 
from two reactants for an enzyme. 

Bond dissociation energy  Enthalpy (kilojoules 
mole-1) required to break the bond homoly-
tically between a hydrogen and the rest of the 
particular molecule to form a radical, regardless 
of whether or not that radical was formed by 
the abstraction of a hydrogen. 
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Bond order  Theoretical index of the degree of bond-
ing between two atoms relative to that of a 
single bond containing a localized electron 
pair, which is equal to the often nonintegral 
difference between the population of electrons 
in bonding orbitals and the population in 
antibonding orbitals in the region between the 
two atoms, divided by 2. 

Brønsted coefficient, b   Slope of a linear Brønsted 
plot. 

Brønsted coefficient for leaving groups, b lg  Slope 
of a linear Brønsted plot in which rate constants 
and pKa values for conjugate acids of the 
leaving groups are plotted. 

Brønsted coefficient for nucleophiles, bnuc  Slope 
of a linear Brønsted plot in which the common 
logarithms of rate constants for a set of nucleo-
philes participating in the same nucleophilic 
substitution are plotted as a function of the 
values for pKa of the respective nucleophiles. 

Brønsted correlation  Any correlation between the 
common logarithms of a set of rate constants or 
equilibrium constants for the members of a set 
of interchangeable participants in a particular 
reaction—be they reactants, products, or cata-
lysts—and the values of pKa for the respective 
participants or for their conjugate acids, corrected 
for the number of acidic hydrons and basic lone 
pairs of electrons on the participating atom. 

Brønsted plot  Graph of a Brønsted correlation in 
which the common logarithms of a set of 
equilibrium constants or rate constants are 
plotted against the respective values of corrected 
pKa for the chosen participant or its conjugate 
acid. 

Brønsted relation for general acid–base catalysis  
Function that relates the rate constants or 
common logarithms of the rate constants for 
general acid catalysis to the acid dissociation 
constants or values of pKa for the catalysts or 
that relates the rate constants or common 
logarithms of the rate constants for general 
base catalysis to the acid dissociation constants 
or values of pKa for the conjugate acids of the 
catalysts. 

 

Burst of product  Rapid appearance of an amount 
of product equal to the molar concentration 
of active sites in the solution that can be 
distinguished kinetically from the much slower 
accumulation of product that follows the burst 
and proceeds at the normal steady-state rate. 

Cage  Complex of molecules of solvent that surrounds 
two molecules, which entered the cage from 
solution or formed during a dissociation, and 
hinders their separation by diffusion. 

Cage effect  Association of two molecules in a solu-
tion within a cage of solvent that permits the 
molecules to undergo a series of collisions within 
the cage in quick succession, each known as an 
encounter. 

Caged reactant  Photolabile derivative of the reactant 
for an enzyme that is catalytically inactive but 
that decomposes upon photolysis to produce 
the catalytically active reactant. 

Captodative effect  Effect on the stability of a carbon-
centered radical determined by the combined 
action of an electron-withdrawing substituent 
(a captor) and an electron-releasing substituent 
(a dator), both attached to the radical center. 

Carbanionic intermediate  Diamagnetic, noncovalent 
intermediate that forms in an active site when a 
hydron or another electrophile dissociates 
heterolytically from a carbon in a reactant—
usually a carbon adjacent to a carbonyl, imino, 
or acyl group—and that dissociation produces a 
carbanion or that forms when a nucleophile 
associates heterolytically with a carbon in a 
reactant—usually a carbon conjugated to a 
carbonyl, imino, or acyl carbon—and that 
association produces a carbanion. 

Carbenium ion  Carbocation containing a carbon 
atom with three substituents and a vacant p 
atomic orbital, generated when the leaving 
group dissociates from an electrophilic carbon 
before the nucleophile enters the reaction and 
having the hybridization p, sp2, sp2, sp2 because 
of electron repulsion among the three occupied 
molecular orbitals of the three s bonds to the 
substituents. 
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Carbocationic intermediate  Diamagnetic, nonco-
valent intermediate that forms in an active site 
when a leaving group dissociates heterolytically 
from a carbon in a reactant and that disso-
ciation produces a carbocation or that forms when 
a hydron or another electrophile associates 
heterolytically with carbon in a reactant and 
that addition produces a carbocation. 

Carbonato oxidation state  Oxidation state for a 
carbon that is entirely bonded to heteroatoms. 
See oxidation states of carbon. 

m-Carbonmonoxy group  Carbon monoxide that 
bridges two or more metallic ions and partici-
pates in each of the coordinations of those 
metallic ions. 

Carbonyl oxidation state  Oxidation state for a carbon 
that has two s bonds to either carbon or hydrogen 
and either two single s bonds to heteroatoms or 
a s bond and a p bond, the two components of 
a double bond, to a heteroatom. See oxidation 
states of carbon. 

Carotenoid  Tetraterpenoid formally derived from 
lycopene that contains 40 carbon atoms and a 
linear conjugated p molecular orbital system of 
22 or 30 carbon atoms that is all trans and fairly 
rigid throughout its length and that is one of the 
prosthetic groups in a photosystem responsible 
for absorption of a photon and transfer of the 
resulting electronic excitation to the special 
pair. 

Catalytic constant, k0  Observed rate constant, 
which is apparently first-order with respect to 
the total molar concentration of active sites and 
zero-order with respect to reactants, for the 
enzymatic reaction at high concentrations of all 
reactants or at extrapolated infinite concen-
trations. 

Catalytic immunoglobulin  Immunoglobulin that is 
raised against an analogue for either a transition 
state or an intermediate of high energy in a 
particular chemical reaction and that, because 
it binds the corresponding transition state or 
intermediate of high energy tightly, catalyzes 
the corresponding reaction. 

Channeling efficiency  Percentage of initial reactant 
that is converted to final product intramolecularly 

 within a multienzymatic complex relative to the 
total amount of initial reactant converted to 
final product both intramolecularly, by passing 
from one active site to the next within a 
molecule of the complex, and intermolecularly, 
by passing through the solution between active 
sites on different molecules of the complex. 

Charge-transfer complex  Complex between a reduc-
tant (the electron donor) and an oxidant (the 
electron acceptor) formed in a reversible 
equilibrium and characterized by an electronic 
transition to an excited state in which electronic 
charge is transferred from the donor to the 
acceptor. 

Chemical gradient  Gradient in chemical potential 
established when the molar concentration of 
uncharged substance A is greater on one side of 
a biological membrane than on the other side. 
See also electric gradient, electrochemical gradient, 
and gradient. 

Chlorophyll  Derivative of a pheophytin in which 
Mg2+ is coordinated in the center of the aromatic 
ring by lone pairs of electrons from the four 
central nitrogens. 

Chloroplast  Organelle in plant cells that is responsible 
for absorbing light and producing a reductant 
of low potential, that is descended from a 
photosynthetic bacterium, and that has an 
outer membrane corresponding to the plasma 
membrane of the ancestral photosynthetic 
bacterial cell within which there are thylakoids 
descended from chromatophores in the 
ancestral bacterium. 

Chromatography by size exclusion  Method that 
can be used to determine the binding of a 
ligand to a protein in which the protein is 
passed through a column of beaded, tightly 
crosslinked dextran that has been equilibrated 
with a solution containing a fixed concentration 
of ligand, and the protein binds ligand as it 
passes through the beaded dextran until the 
binding reaches equilibrium. 

Chromatophore  Cellular structure in a photosyn-
thetic bacterium, either an invagination of the 
plasma membrane or a separate vesicle in the 
cytoplasm the interior of which is, or is derived 
from, the extracytoplasmic solution. 
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Claisen condensation  Substitution of the a carbon 
of an enolate or enamine for a leaving group, 
usually an alcohol, amine, or thiolate, at the 
acyl carbon of the respective derivative of a 
carboxylic acid to give a carbonyl or the derivative 
of a carbonyl. 

Cobalamin  Prosthetic group that contains a coor-
dinated cobalt ion to which four of the ligands 
are lone pairs of electrons from the four central 
nitrogens in a corrinoid ring. 

Coenzyme  Cofactor that is a small molecule relative 
to the enzyme itself, that associates with and 
dissociates from the enzyme during each 
turnover, either at the active site or at another 
site specific to the coenzyme, and that transfers 
chemical groups, hydrogens, or electrons among 
active sites. See also cofactor and prosthetic group. 

Cofactor  Any ion, usually a metallic cation, or any 
organic molecule that is required by an enzyme for 
its function. See also coenzyme and prosthetic 
group. 

Col  Lowest of all barriers of potential energy along 
all the paths between reactant and product on a 
surface of potential energy through which 
passes the reaction coordinate and, as at a pass 
in the mountains, at which the curvature is 
positive along the coordinate perpendicular to 
the reaction coordinate along which the curvature 
is negative. 

Colligation  Formation of a covalent bond by the 
combination or recombination of two radicals. 

Commitment forward, cf  Ratio between the forward 
elementary rate constant for a specific step in 
the mechanism of an enzymatically catalyzed 
reaction and the composite rate constant for 
the reversal of the reaction from the form of the 
enzyme immediately preceding this specific step 
to the point at which the reactant of interest has 
been released back into the solution. 

Commitment in reverse, cr  Ratio between the reverse 
elementary rate constant for a specific step in the 
mechanism of an enzymatically catalyzed reaction 
and the composite rate constant for forward 
flux from the form of the enzyme immediately 

 

following this step through the first kinetically 
irreversible step in the mechanism. 

Competitive inhibition  Inhibition produced by a 
competitive reversible inhibitor. See also mixed 
inhibition, noncompetitive inhibition, and 
uncompetitive inhibition. 

Competitive reversible inhibitor with respect to 
reactant A  Reversible inhibitor the addition of 
which to the solution decreases the observed 
value of the specificity constant or apparent 
specificity constant for reactant A while having 
no effect on the value of the catalytic constant 
or apparent catalytic constant for that reactant. 

Complete kinetic mechanism  Kinetic mechanism 
for a chemical reaction that includes explicitly 
every elementary step in that reaction and no 
steps other than elementary steps. 

Composite acid–base  Network of simple acid–bases, 
connected by hydrogen bonds, that has several 
tautomers in equilibrium with each other and 
from which hydrons can dissociate and associate 
at the periphery, often accompanied by shifts in 
the hydrons in the hydrogen bonds of the network. 

Composite rate constant  Rate constant for a compo-
site reaction, or a step in a kinetic mechanism 
that is a composite reaction, that can be expressed 
as a combination of several elementary rate 
constants for the several constituent elementary 
steps. It is sometimes called net rate constant. 
See also elementary rate constant. 

Composite reaction  Chemical reaction, or step in 
the proposed kinetic mechanism for a reaction, 
for which the expression for the rate involves 
rate constants of more than a single elementary 
reaction and which proceeds through more 
than one transition state. See also elementary 
reaction. 

Concerted elimination–addition  Elimination–addi-
tion reaction in which there is no carbanionic 
or carbocationic intermediate because the 
bond between the one carbon and the leaving 
group is breaking or forming in concert with the 
breaking or forming of the bond between the 
other carbon and the electrophile or hydron in 
an elementary reaction.  
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Concerted nucleophilic substitution  Nucleophilic 
substitution in which there is no intermediate 
because the bond between the leaving group 
and the electrophile is breaking as the bond 
between the electrophile and the nucleophile is 
forming in an elementary reaction. See also 
associative nucleophilic substitution and 
dissociative nucleophilic substitution. 

Conditional allosteric constant  Allosteric constant 
for an enzyme in the presence of saturating 
concentrations of one or more of its ligands. 
See also allosteric constant and fundamental 
allosteric constant. 

H conformation  Inhibited conformation of an 
enzyme from which a heterotropic allosteric 
inhibitor has the smaller dissociation constant. 
See also V conformation. 

R conformation  Conformation of a protein or enzyme 
that predominates when a ligand or substrate, 
the behavior of which is being examined and 
which displays cooperativity in its association 
with the protein, is present at saturating concen-
trations and often only when an allosteric 
activator or cosubstrate is present. See also T 
conformation. 

T conformation  Conformation of a protein or enzyme 
that predominates when a ligand or substrate, 
the behavior of which is being examined and 
which displays cooperativity in its association 
with the protein, is absent and often only when 
an allosteric inhibitor or cosubstrate is present. 
See also R conformation. 

V conformation  Activated conformation of an 
enzyme from which a heterotropic allosteric 
activator has the smaller dissociation constant. 
See also H conformation. 

Conformational selection  Sequence of events in 
which a conformational change occurs in the 
free enzyme before substrates can associate 
with the active site. See also induced fit. 

Conservation of enzyme  Principle that the total 
molar concentration of active sites, which is 
usually a known quantity but that always remains 
constant throughout the reaction, must be 
equal to the sum of the concentrations of all 
forms of the active site. 

Cooperativity  Allosteric interaction between two 
or more identical sites, usually but not always 
active sites, on an oligomeric protein in which 
the association of a ligand or substrate at one or 
more of the sites induces conformational 
changes in the remaining unoccupied sites, 
leading to an increase in the affinity of those 
sites for their ligand or substrate—or an increase 
in the limiting rate of the remaining active 
sites—and typically producing sigmoid behavior. 
See also sigmoid behavior. 

Corrinoid  A macrocyclic tetrapyrrole derived from 
the porphyrin uroporphyrinogen III in which 
two of the pyrrolyl groups in the macrocycle are 
partly reduced and the four pyrrolyl groups are 
joined by three methine groups and one direct 
carbon–carbon bond linking their a positions. 

Covalent intermediate  Intermediate in an enzymatic 
reaction in which the enzyme itself and the 
other atoms participating in the intermediate 
are covalently attached to each other. 

Covalent prosthetic intermediate  Intermediate in 
an enzymatic reaction in which the other atoms 
participating in the intermediate that are derived 
from the reactants are covalently attached to a 
prosthetic group that is itself covalently or 
noncovalently attached to the active site. 

Cyclic voltammetry  Procedure that can be used to 
determine the biochemical standard reduction 
potential of a prosthetic group that participates 
in a redox couple. 

Cycloaddition  Pericyclic reaction in which a total 
of (2n + 1) double bonds from two unsaturated 
molecules, or two parts of the same 
unsaturated molecule, participate to produce a 
cyclic adduct in which the number of p bonds 
has decreased by two and the number of 
s bonds has increased by two, namely, the two 
s bonds creating the cyclic adduct. 

Cytochrome  Visibly colored protein that contains 
one or more hemes as prosthetic groups and 
that acts as an electron-transferring coenzyme. 

Dead-end inhibition  Situation in which a reversible 
inhibitor forms a complex with an enzyme, 
either occupied or unoccupied by substrates, 
that is unable to engage in any further reaction 
while the inhibitor is bound. 



Glossary 
 

1856 

Dead time  Interval between the time of mixing and 
the time at which the flow has ceased completely 
in an apparatus for stopped flow, during which 
no observation of changes can be made. 

Deshielding  Shift of electrons away from the observed 
nucleus that decreases the shielding those 
electrons would normally provide. 

Desolvation  Process during which the layer of 
solvation surrounding a molecule is stripped 
away. 

Deuterium kinetic isotope effect  Change in a rate 
constant produced by substitution of a deuterium 
for a protium in a reactant. 

Diamagnetic, noncovalent intermediate  Intermed-
iate in an enzymatic reaction that forms within 
the active site, that is noncovalently associated 
with the active site, and in which all electrons 
are paired in atomic and molecular orbitals. 

Diastereotopic faces  Two faces of a trigonal atom with 
three different functional groups where addition 
to that atom of a functional group different 
from the other three would form one of a pair of 
diastereomers. See also enantiotopic faces and 
stereoheterotopic faces. 

Diastereotopic functional groups  Two identical 
functional groups on a prochiral atom where 
replacement of one of the two with a functional 
group different from the other two on the same 
atom would form one of a pair of diastereomers. 
See also enantiotopic functional groups and 
stereoheterotopic functional groups. 

Diels–Alder reaction  Cycloaddition in which four 
atoms in two adjacent, conjugated double bonds 
(the diene) form a cyclohexene by combining 
with a double bond (the dienophile) elsewhere 
in the same molecule or in another molecule. 

Disproportionation  Reaction in which two identical 
molecules are converted to two different 
molecules and, in a special case, two identical 
molecules at the same intermediate oxidation 
state are converted to one molecule at a higher 
oxidation state and one molecule at a lower 
oxidation state. 

 

Dissociative exchange Mechanism for the exchange 
of ligands to a metallic cation in which the 
leaving ligand dissociates from the metallic 
cation, contracting its coordination, and then 
the entering ligand occupies the open site of 
coordination. See also associative exchange. 

Dissociative nucleophilic substitution Nucleophilic 
substitution in which the bond between the 
leaving group and the electrophile is completely 
broken before the bond between the electrophile 
and the nucleophile begins to form and which 
necessarily involves an intermediate. See also 
associative nucleophilic substitution and 
concerted nucleophilic substitution. 

Distributive reaction  Situation in which an active 
site catalyzes a reaction within a particular 
segment of a linear homopolymer—be it a 
cleavage of the polymer beyond that segment, the 
addition of a new segment to that segment, or 
simply a chemical alteration of that segment—
by associating from solution before and disso-
ciating into the solution after the catalytic event 
within that segment. See also processive reaction. 

Donnan effect  Effect that causes a ligand that is 
charged to be depleted or enriched in the 
diffuse layer of dissolved counterions around 
the protein and that, consequently, decreases 
or increases, respectively, the measured concen-
tration of bound ligand in the compartment 
containing the protein. 

Double kinetic isotope effect  Change in a primary 
kinetic isotope effect associated with the overall 
enzymatic reaction that is brought about by 
substituting a heavier isotope at another position 
in the molecule at which another bond is formed 
or broken. 

Electric gradient  Gradient in electric potential estab-
lished when the molar concentration of ionically 
charged substance A is greater on one side of a 
biological membrane than on the other side. See 
also chemical gradient, electrochemical gradient, 
and gradient. 

Electrochemical gradient  Gradient in chemical activ-
ity of a substance, caused by the combination 
of chemical and electric gradients. See also 
chemical gradient, electric gradient, and 
gradient. 
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Electrochemical gradient of hydrons  Sum of the 
free energy stored in the electric potential and 
the free energy stored in the difference in the 
concentration of hydrons (the gradient of 
hydrons) across a membrane. 

Electrocyclic reaction  Pericyclic reaction in which 
a s bond is formed between the termini of a 
fully conjugated linear p molecular orbital system 
containing three (or 2n + 3) p bonds among six 
(or 4n + 6) atoms that become a ring with two 
(or 2n + 2) p bonds and the s bond connecting 
the former termini and in which the number of 
p bonds has decreased by one and the number 
of s bonds has increased by one. 

Electron-donating substituent  Group that donates 
electron density to an adjacent atom or p molec-
ular orbital system that is more electron-deficient 
than the donor. 

Electron repulsion  Positive, unfavorable free energy 
that results from overlap between filled orbitals. 

Electron-withdrawing substituent  Group that with-
draws electron density from an adjacent atom 
or p molecular orbital system that is less 
electron-deficient. 

Electronic matrix element, HAB  Term that quantifies 
the coupling of the electronic state of the donor 
of an electron with the electronic state of the 
acceptor of an electron in an outer-sphere electron 
transfer when both are in the configuration of 
the transition state. See also Marcus equation. 

Electrophilic aromatic addition  Addition of an 
electrophile to a carbon in an electron-rich and 
nucleophilic aromatic system to form a cationic 
adduct between the electrophile and an atom in 
the aromatic ring. 

Electrophilic aromatic substitution Electrophilic 
aromatic addition followed by the dissociation 
of another electrophile from the resulting 
adduct, usually (but not always) from the same 
carbon to which the first electrophile added, 
with the result that one electrophile replaces 
another electrophile. 

Electrostatic catalysis  Enhancement of the rate of 
a reaction that results from the electrostatic field 
created by the formal elementary charge of one 
or several nearby functional groups. 

Elementary rate constant  Rate constant for an 
elementary reaction. See also composite rate 
constant. 

Elementary reaction  Reaction for which no reaction 
intermediates have been detected or need to be 
postulated in order to describe the chemical 
reaction on a molecular scale, which occurs in a 
single step, and which passes through only a 
single transition state. See also composite 
reaction. 

Elimination–addition  Reaction in which an acid or 
electrophile and a base or nucleophile are 
removed from two adjacent carbons or two 
carbons separated by one or more double 
bonds to produce a double bond or an 
additional double bond, or a reaction in which an 
acid or electrophile and a base or nucleophile 
are added to a carbon–carbon double bond or the 
two ends of a conjugated set of double bonds. 

Enamine  Vinylic amine, which is the conjugate base 
resulting from removal of a hydron from the 
carbon atom a to an iminium. 

Enantiotopic faces  Two opposite faces of a trigonal 
atom with three different achiral functional groups 
where addition to that atom of an achiral 
functional group different from the other three 
would form one of a pair of enantiomers. See 
also diastereotopic faces and stereoheterotopic 
faces. 

Enantiotopic functional groups  Two identical 
functional groups on a prochiral tetrahedral 
atom where replacement of one of the two with 
an achiral functional group different from the 
other two on the same atom would form one of 
a pair of enantiomers. See also diastereotopic 
functional groups and stereoheterotopic functional 
groups. 

Encounter complex  Complex of all the necessary 
molecular participants in the transition state for 
the production of an intermediate or product, 
which have been assembled together at an 
encounter-controlled rate; most of the time, the 
participants dissociate before a transition state 
forms, except in the case of an encounter-
controlled reaction. 
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Encounter-controlled bimolecular rate constant  
Rate constant for a reaction in which every 
encounter between the two reactants results in 
product; also referred to as the “diffusion-
controlled rate constant”. 

Endergonic  Description of a reaction for which the 
overall standard Gibbs energy change DGª is 
positive. See also exergonic and isoergonic. 

End-product inhibition  Situation where one or 
several end products of a metabolic pathway 
inhibit the first committed reaction in that 
pathway. See also first committed reaction. 

Ene reaction  Pericyclic reaction in which the distal 
atom in the double bond adjacent to an allylic 
hydrogen adds to an atom in a second double 
bond unconjugated to the first, either in 
another molecule or within the same molecule, 
to form a new s bond while the allylic hydrogen 
is transferred to the other atom in the second 
double bond so that the number of p bonds has 
decreased by one and the number of s bonds 
has increased by one during the transfer of the 
hydrogen. 

Enethiolate  Vinylic thiolate, which is the conjugate 
base resulting from removal of a hydron from 
the carbon atom a to a thiocarbonyl. 

Enol tautomer  Vinylic tautomer of a ketone, alde-
hyde, ketimine, aldimine, or acyl derivative in 
which there is a hydron on the oxygen, 
nitrogen, or sulfur and a double bond between 
the carbonyl or acyl carbon and the carbon 
adjacent to it, and that is the conjugate acid of 
an enolate. See also keto tautomer. 

Enolate  Conjugate base of a ketone or aldehyde 
from which the acidic hydrogen on carbon 
adjacent to the carbonyl group has dissociated. 

Enzyme  Molecule of protein that acts as a catalyst 
for a particular chemical reaction by forming a 
molecular complex with the reactant or reactants 
and that increases the rate of the reaction, 
catalyzes only one specific reaction type, 
operates on only a limited or exclusive set of 
substrates, controls the regiospecificity of the 
reaction, and is specific to only one of the 
enantiomers or diastereomers of its substrates. 

Equatorial position  Position of the three substituents 
or ligands in a trigonal bipyramid or the four 
ligands in a pyramidal arrangement coplanar or 
almost coplanar with the central atom. See also 
apical position. 

Equilibrium dialysis  Method that can be used to 
determine the binding of a ligand to a protein 
in which the protein is placed on one side of a 
semipermeable membrane that separates two 
compartments, ligand is added to both compart-
ments, the system is allowed to reach 
equilibrium, and the concentration of protein 
on the one side and the concentrations of the 
ligand on the two sides are then measured. 

Equilibrium isotope effect  Change in the equilibrium 
constant for a reaction produced by isotopic 
substitution at an atom in the reactant and 
product. 

Equilibrium-ordered mechanism  Kinetic mechanism 
in which it is proposed that the association of 
reactants is ordered and each association of a 
reactant is at equilibrium. 

Equilibrium-random mechanism  Kinetic mechanism 
in which it is proposed that the association of 
reactants is random and each association of a 
reactant is at equilibrium. 

Evolutionarily shifting domains  Domains that are 
homologous, either in amino acid sequence or 
because their crystallographic molecular models 
are superposable, and appear at different locations 
in the polypeptides of apparently unrelated 
proteins. 

Exciton  Electronic excitation treated as if it were a 
quasi-particle capable of migrating through a 
network of chromophores. 

Exergonic  Description of a reaction for which the 
overall standard Gibbs energy change DGª is 
negative. See also endergonic and isoergonic. 

Expanded kinetic mechanism  Kinetic mechanism 
for a chemical reaction that expands one or 
more of the steps in a kinetic mechanism to 
include additional steps. 
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Extradiol dioxygenase  One of a family of enzymes 
that can dioxygenate an ortho or para dihydroxy-
phenyl or aminohydroxyphenyl group to turn it 
into the respective 6-oxohexa-2,4-dienoate by 
oxidatively cleaving the carbon–carbon bond 
adjacent to one of the hydroxy groups but not 
the carbon–carbon bond between two vicinal 
ortho hydroxy groups. See also intradiol 
dioxygenase. 

Final product  Product that dissociates from the 
active site for the last reaction in a sequence of 
successive reactions catalyzed by a multienzy-
matic complex. See also initial reactant and 
intermediate substrate. 

First committed reaction  Earliest step in any meta-
bolic pathway in which a metabolite is produced 
that can only be used in that pathway. See also 
end-product inhibition. 

Fixed molecule of water  Molecule of water that 
has a fixed location in a map of electron density 
because, at any given instant, that site in the 
crystal is occupied by a molecule of water. 

Fixed reactant  Reactant that is held at a constant 
concentration in a series of experiments to 
determine the initial rate of an enzymatic 
reaction. See also varied reactant. 

Flavin  Coenzyme that can be either free in solution 
or a tightly bound prosthetic group; that has, as 
its catalytically active portion, a 7,8-dimethyl-
isoalloxazine substituted at nitrogen 10; and 
that has three stable oxidation states differing 
sequentially by two one-electron steps between 
oxidized flavin, flavin semiquinone (a radical), 
and reduced flavin. 

Flavoenzyme  Enzyme with a flavin prosthetic group 
that is either covalently bound or tightly bound 
noncovalently. 

Fluorescent reporter  Functional group incorporated 
into an enzyme that can register, by changes in 
its fluorescence, changes occurring in the active 
site as reactants associate and are converted 
into intermediates. 

 

 

Formal transport of hydrons  Appearance of hydrons 
in the solution on one side of a membrane, 
resulting from their dissociation during the 
oxidation of one or more prosthetic groups on 
that side of the membrane, and disappearance 
of an equal number of hydrons from the 
solution on the other side of the membrane, 
resulting from their association during the 
reduction of one or more prosthetic groups on 
that side of the membrane. See also active 
transport of hydrons. 

Fractionation factor  Theoretically calculated or 
observed primary equilibrium isotope effect for 
transfer of a hydrogen from a particular position 
in a particular molecule to a reference molecule. 

Franck–Condon principle  Principle that an electronic 
transition is most likely to occur without changes 
in the positions of the nuclei in the molecular 
entity and its environment or, in other words, 
that the position and momentum of all nuclei 
in a system be the same before and after the 
transfer of an electron. 

Free energy change, DG, for an oxidation–reduction  
Change in free energy resulting from the 
difference between the reduction potential of 
the redox couple of oxidized reactant and its 
reduced product in an oxidation–reduction 
reaction and the reduction potential of the redox 
couple of reduced reactant and its oxidized 
product. 

Fundamental allosteric constant  Allosteric constant 
for an enzyme in the absence of any of its ligands. 
See also allosteric constant and conditional 
allosteric constant. 

Gap percent  Number of gaps for every 100 positions 
that have to be added to obtain the greatest 
percent identity in two sequences of amino 
acids being aligned. See also percent identity. 

General acid–base catalysis  Increase in the rate of 
a reaction due only to an increase in the concen-
tration of an added acid–base. 

General acid catalysis  Increase in the rate of a 
reaction due only to an increase in the concen-
tration of the conjugate acid of an added acid–
base, which may include hydronium ion and 
which is expressed as a rate constant multiplied 
by the concentration of the conjugate acid. 
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General base catalysis  Increase in the rate of a 
reaction due only to an increase in the concen-
tration of the conjugate base of an added acid–
base, which may include hydroxide ion and 
which is expressed as a rate constant multiplied 
by the concentration of the conjugate base. 

General redox couple  Widely used cytoplasmic 
redox couple—such as NAD+ and NADH, 
ubiquinone and ubiquinol, oxidized and reduced 
electron-transfer flavoprotein, or oxidized and 
reduced ferredoxin—that participates in an 
enzymatically catalyzed oxidation–reduction and 
that connects the particular reaction catalyzed 
by the enzyme to the overall reduction 
potential at which the cytoplasm is poised. See 
also nominal redox couple. 

Gradient  Change in a quantity—such as temperature, 
electric potential, or the concentration or 
chemical activity of a substance—with distance, 
expressed as a ratio or differential ratio of the 
quantity. See also chemical gradient, electric 
gradient, and electrochemical gradient. 

Haber–Bosch process  Industrial method for conver-
ting N2 to NH4

+ that uses a catalyst produced 
from a dust of magnetite (Fe2O3) that has been 
partially reduced to form a layer of ferrous 
oxide surrounded by a layer of porous metallic 
iron. 

Half-reaction  Oxidation or reduction of one of the 
two redox couples that together make up an 
oxidation–reduction. 

Hammond postulate  Principle that the transition 
state between a reactant or reactants and an 
intermediate of high energy should resemble 
the intermediate more closely than the reactant 
or reactants. 

Heme  Prosthetic complex, surrounded by protein, 
formed between an octahedrally coordinated 
iron ion and a porphyrin the four central 
nitrogens of which act as a tetradentate ligand 
providing four equatorial lone pairs of electrons 
as ligands to the iron ion, and the two axial 
ligands, which are opposite each other across 
the iron, are provided by the protein, the 
solvent, or solutes in the solution. 

 

Heme P450  Prosthetic heme that is found in a 
group of monooxygenases that catalyze several 
different types of oxidations and that, upon 
association with carbon monoxide, displays a 
characteristic absorption at 450 nm in its 
difference spectra, caused by the presence of a 
thiolate in an axial position of the heme. 

Heterolysis  Cleavage of a covalent bond so that 
both bonding electrons remain with one of the 
two fragments between which the bond is 
broken. See also homolysis. 

Heterolytic reaction  Reaction in the mechanism of 
which covalent bonds are broken by heterolysis 
or, when bonds are formed, both electrons 
forming each bond arrive on the same reactant. 
See also homolytic reaction. 

Heterotropic allosteric effect  Allosteric effect that 
occurs when the interacting sites bind different 
ligands. See also allosteric effect and homotropic 
allosteric effect. 

Heterotropic allosteric effector  Ligand that acts by 
associating with a protein or enzyme at a site 
different from a site for binding another ligand 
or an active site and altering association of 
ligands or substrates with this other site or its 
steady-state kinetics. 

High-potential [4Fe–4S] iron–sulfur cluster  Iron–
sulfur cluster that participates in the oxidation–
reduction between the monoanionic and 
dianionic states and for which the standard 
reduction potential lies between 0 and +500 mV. 

High-spin state  State of the ion of a transition metal 
in which its 3d electrons are distributed so that 
as many of the 3d orbitals as possible, even if 
they are not degenerate because of the effects 
of the ligands, contain unpaired electrons of the 
same spin as dictated by Hund’s rule. 

High-valent state  Formal oxidation state of a transi-
tion metal ion that is more positive than the 
oxidation states of that ion that are usually 
encountered. 

Hill coefficient  Slope of a plot of log [Y (1 – Y)–1] 
against log [L], for ligand or substrate L, where Y 
can be either occupancy or fraction of limiting 
velocity, which serves as a semiquantitative 
measure of the degree of cooperativity. 



Glossary 
 

1861 

Hill equation  One of two equations that are used 
to fit sigmoid behavior and that involve no 
explanation for sigmoid behavior. See also 
Adair equation, Monod–Wyman–Changeux 
equation, and sigmoid behavior. 

Homolysis  Cleavage of a bond so that each of the 
molecular fragments between which the bond 
is broken retains one of the bonding electrons. 
See also heterolysis. 

Homolytic reaction  Reaction in the mechanism of 
which covalent bonds are broken by homolysis 
or formed by colligation. See also heterolytic 
reaction. 

Homotropic allosteric effect  Allosteric effect that 
occurs when two or more interacting sites are 
composed of the same respective amino acids 
within two or more constituent subunits, each 
formed from a folded polypeptide of the same 
sequence, and consequently associate with the 
same ligand or set of ligands. See also allosteric 
effect and heterotropic allosteric effect. 

Hydride migration  Transfer of a hydrogen (formally 
a hydride), usually intramolecularly and often 
between two adjacent atoms (as in a 1,2-hydride 
migration), during the course of a molecular 
rearrangement. See also alkyl migration. 

Hydron  General name to be used without regard 
to the nuclear mass of the hydrogen entity, 
either for hydrogen in its natural abundance or 
where it is not desired to distinguish between 
the isotopes. See also proton. 

Hydron motive force  Difference in the free energy 
of a hydron between the two sides of a cellular 
membrane across which there is an electro-
chemical gradient of hydrons. 

Hydron wire  Chain of hydrogen bonds into one 
end of which a hydron enters and out of the 
other end of which a hydron emerges or out of 
one end of which a hydron is removed and into 
the other end of which a hydron enters. 

Hydronium ion  Species unavoidably present in 
aqueous solution that is composed of one 
hydron and either four molecules of water 
(H9O4

+), six molecules of water (H13O6
+), or 21 

molecules of water (H43O21
+) in some fluctu-

ating combination for which the mean number 
of waters is unknown. 

Hydrophobic effect  Decrease in standard free energy 
that results from the removal of hydrogen–carbon 
bonds from contact with water. 

Hydroxide ion  Species unavoidably present in 
aqueous solution that can be considered as a 
hydron hole, shared among the central oxygen 
and three, or perhaps more, of its nearest 
neighbors of water, in which there is one hydron 
fewer than two hydrogens for every oxygen. 

a-Hydroxy enamine Enamine in which the nitrogen 
of thiamine diphosphate participates, that is 
formed when an electrophile dissociates from 
the adduct between thiamine diphosphate and 
an aldehyde or ketone, and that is basic and 
nucleophilic at its a carbon because of the 
electron excess usually provided at such a 
carbon by an enamine. 

Hyperconjugation  Interaction of the two electrons in 
a s bond with the lowest unoccupied molecular 
orbital (LUMO) or a partially occupied molecular 
orbital of an adjacent p molecular orbital system 
or an adjacent unoccupied or partially occupied 
p atomic orbital. 

Induced fit  Change in the conformation of an 
enzyme that is thermodynamically linked to the 
association of its substrates and that usually 
produces a more competent active site. See also 
conformational selection. 

Inhibition constant, Ki  Dissociation constant of an 
inhibitor from an enzyme. 

Inhibitor  Chemical substance that, when added to 
the solution, decreases the initial rate of an 
enzymatically catalyzed reaction. 

Initial rate, v0  Rate of decrease in the 
concentration of reactant in an enzymatically 
catalyzed reaction, or the rate of increase in the 
concentration of product, observed immediately 
after the reaction is initiated, either by adding 
the enzyme or by adding the final reactant 
necessary to complete the set of reactants; or, if 
necessary, the rate extrapolated back to zero 
time. 



Glossary 
 

1862 

Initial reactant  Reactant that associates with the 
active site for the first reaction in a sequence of 
successive reactions catalyzed by a multienzy-
matic complex. See also final product and 
intermediate substrate. 

Inner-sphere catalysis  Increase in the rate of a 
reaction due to one or more reactants becoming 
inner-sphere ligands to a catalytic metallic cation 
and, during their coordination, participating in 
the reaction. See also outer-sphere catalysis. 

Inner-sphere electron transfer  Electron transfer, 
usually between two metal centers sharing a ligand 
or an atom in their respective coordination 
shells, that takes place when there is strong 
electronic coupling (>20 kJ mol-1) between 
donor (the reductant) and acceptor (the oxidant) 
in the transition state. See also outer-sphere 
electron transfer.  

Interaction coefficient  Slope of the line when a 
series of Brønsted coefficients is plotted as a 
function of the values of pKa for the conjugate 
acids of a series of homologous acids or bases 
participating in the reaction other than the 
participants that produced the Brønsted 
coefficients. 

Intermediate  Arrangement of atoms in the 
mechanism of a chemical reaction that has a 
lifetime longer than the time required for the 
intramolecular and intermolecular vibrations 
among those atoms to become established and 
that is formed from the reactants and reacts 
further to give the products. See also transition 
state. 

Intermediate isotopic exchange  Hydrogen or oxygen 
isotopic exchange observed at a position in one 
product as the reaction is proceeding in one 
direction, but the exchanged isotope is not an 
atom that would have been incorporated into 
the product from a stoichiometric hydron or a 
stoichiometric molecule of water during the 
normal course of the reaction. 

Intermediate substrate  Product of any of the succes-
sive reactions catalyzed by a multienzymatic 
complex except for the last reaction in the 
sequence. See also final product and initial 
reactant. 

Intermolecular, bimolecular reaction  Reaction that 
takes place between two different reactants. 

Intradiol dioxygenase  One of a family of enzymes 
that can dioxygenate an ortho dihydroxyphenyl 
group to turn it into a (2Z,4Z)-hexa-2,4-diene-
dioate by oxidatively cleaving the carbon–carbon 
bond between the two vicinal hydroxy groups. 
See also extradiol dioxygenase. 

Intramolecular, unimolecular reaction  Reaction in 
which a bond will be formed between two atoms 
within the same reactant. 

Intrinsic kinetic isotope effect  Kinetic isotope effect 
on a microscopic rate constant for a specific 
elementary step in the mechanism of an enzymat-
ically catalyzed reaction, not necessarily a step 
in which the bond at which isotopic substitution 
has been made is broken. 

Inverse kinetic isotope effect  Counterintuitive 
increase in an apparent rate constant that 
results from substitution of a lighter isotope 
with a heavier isotope. See also normal kinetic 
isotope effect. 

Inversion of configuration  Configurational change 
when a chemical species having a tetrahedral 
arrangement of bonds to a central atom, such 
as carbon or phosphorus, is converted into the 
chemical species having the opposite relative 
configuration. 

Iron–sulfur cluster  Array of two or more iron ions, 
bridging sulfide ions, and nonbridging sulfido 
groups of cysteines from the protein, in the most 
common arrangements of which four sulfurs 
are positioned tetrahedrally around each iron 
ion. 

[2Fe–2S] Iron–sulfur cluster  Iron–sulfur cluster that 
contains two iron ions with two of the 
tetrahedral positions around each iron ion 
occupied by sulfide ions and the other two 
positions occupied by sulfido groups of 
cysteines in the protein. 

[3Fe–4S] Iron–sulfur cluster  Iron–sulfur cluster that 
contains three atoms of iron and that is usually 
derived from a [4Fe–4S] iron–sulfur cluster in 
which one of the four irons has dissociated 
because a cysteine from the protein that would 
normally form a strong bond with this iron is 
either absent or unable to do so. 
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[4Fe–3S] Iron–sulfur cluster  Iron–sulfur cluster that 
is formally a [4Fe–4S] iron–sulfur cluster from 
which one of the sulfides has been removed. 

[4Fe–4S] Iron–sulfur cluster  Iron–sulfur cluster that 
contains four iron ions and four sulfide ions 
with three of the tetrahedral positions around 
each iron ion occupied by sulfide ions and the 
fourth occupied by the sulfido group of a 
cysteine from the protein. 

Isoergonic  Description of a reaction for which the 
overall standard Gibbs energy change DGª is 
close to zero. See also endergonic and exergonic. 

Isoprenoid  Compound formally derived from 
isoprene, the skeleton of which can generally be 
discerned in repeated occurrence of isoprenoid 
units in the molecule but that may differ from 
strict additivity of isoprene units by loss or shift 
of a fragment, commonly a methyl group. 

Isoprenoid unit  Five-carbon building block within 
a molecule formally, but not necessarily actually, 
derived from isoprene (2-methylbuta-1,3-diene), 
found in carotenoids, steroids, and terpenes. 

Isotopic exchange  Exchange of one isotope of an 
atom in a reactant for a different isotope of that 
atom catalyzed by the active site of an enzyme 
during which the exchanged isotope appears in 
either the reactant or product. 

Isotopic exchange at equilibrium  Isotopic exchange 
within one reactant that is observed when all 
reactants and products of the enzymatic reaction 
are present in the solution and the respective 
concentrations of reactants and products are 
purposely set so that they satisfy the equation 
for the equilibrium constant. 

Isotopic exchange at initial rate  Isotopic exchange 
that is observed at an atom in one reactant 
when all the reactants and none of the products 
are present and the reaction is proceeding only 
in one direction. 

Keto–enol tautomerization  Interconversion between 
keto and enol tautomers of a carbonyl carbon, 
with the equilibrium constant KE. 

 

Keto tautomer  Tautomer of a ketone, aldehyde, 
ketimine, aldimine, or acyl derivative in which 
there is a hydron on the carbon adjacent to the 
carbonyl or acyl carbon, and the double bond is 
between the carbonyl or acyl carbon and the 
oxygen, nitrogen, or sulfur. See also enol 
tautomer. 

Kinetic isotope effect  Change in a rate constant 
produced by substitution of the isotope of one 
or more atoms in a reactant for another isotope. 
See also primary kinetic isotope effect and 
secondary kinetic isotope effect. 

Kinetic mechanism  Proposal for the steps through 
which a chemical reaction proceeds between 
reactants and products, each step of which is 
associated with one rate constant (if proposed 
to be kinetically irreversible) or two rate constants 
(if proposed to be an equilibrium). 

Kinetic titration  Titration of the sites for an activator, 
substrate, or inhibitor of an enzyme that is 
followed by its effect on the kinetics of the 
enzymatic reaction in a situation in which the 
ligand has a small enough dissociation constant 
so that it is stoichiometrically bound by the 
enzyme. See also spectrophotometric titration. 

Kinetically irreversible step  Step in which the rate 
of the back reaction is so slow that it has no 
effect on the kinetics of the overall reaction. 

Leaving group  Atom or group of atoms that dissoc-
iates heterolytically from an electrophilic center, 
leaving behind the rest of the molecule. 

Leffler coefficient  Slope of a linear plot in which the 
changes in standard free energy of activation 
for a set of reactants participating in the same 
type of reaction are plotted against the overall 
changes in standard free energy of each 
individual reaction. 

Ligand  Molecule that binds to but is not chemically 
transformed by a protein. 

Light-harvesting prosthetic group  Prosthetic group 
in the antenna of a photosystem that absorbs 
light and from which the resulting electronically 
excited state migrates through the network of 
prosthetic groups in the antenna to a photo-
synthetic reaction center. 
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Limiting rate, V  Rate of the enzymatic reaction at a 
given total molar concentration of active sites at 
high concentrations of all reactants or at 
extrapolated infinite concentrations. 

Local conformational change  Conformational change 
that occurs within the tertiary structure of a 
single folded polypeptide, that is confined to 
that folded polypeptide, and that has an 
insignificant effect on neighboring subunits. 
See also quaternary conformational change.  

Low-potential [4Fe–4S] iron–sulfur cluster  Iron–
sulfur cluster that participates in the oxidation–
reduction between the dianionic and trianionic 
states and for which the standard reduction 
potential lies between -800 and 0 mV. 

Low-spin state  State of the ion of a transition 
metal in which its 3d electrons are distributed 
so that one or more of its 3d orbitals of low 
energy contain pairs of electrons of opposite 
spin while one or more of its 3d orbitals of high 
energy, as a result of electron repulsion from 
the ligands, remain vacant. 

Macroviscosity  Viscosity of a solution. See also 
microviscosity. 

Marcus equation  Relation that defines the rate 
constant for the outer-sphere transfer of an 
electron to be a thermodynamic function of 
temperature, electronic matrix element (HAB), 
reorganization energy (l), and free energy 
accompanying the transfer (DGª). See also 
electronic matrix element, HAB, and reorganization 
energy, l.  

Mechanism-based label  Active-site label that must 
be chemically altered at the active site, in a 
reaction resembling the one normally catalyzed 
by the enzyme, before it can modify a catalytic 
acid–base or side chain in the active site. 

Mediator  Small molecule that can be rapidly 
oxidized or reduced by one or two electrons at 
an electrode and also rapidly reduced or oxidized 
by the prosthetic group in a protein so that the 
concentrations of oxidized and reduced prosthetic 
group in the solution can be conveniently poised 
at the reduction potential of the electrode. 

Metabolism  Ensemble of the coordinated sequences 
of chemical reactions and physical processes 

that occur within all living cells to provide energy 
(catabolism) and to accomplish biosynthesis 
(anabolism). 

Michael addition  Addition to a carbon–carbon double 
bond conjugated to a carbonyl, imino, or acyl 
group in which a nucleophile adds to the 
carbon in the double bond peripheral to and a 
hydron or electrophile adds to the carbon distal 
to the carbonyl, imino, or acyl group. 

Michaelis constant for reactant A, KmA  Concentration 
of reactant A at which the rate of the enzymatic 
reaction at a given total molar concentration of 
active sites is half the limiting rate when all 
other reactants for the enzyme are present at 
high concentrations or have been extrapolated 
to infinite concentrations. 

Microscopic reversibility  Principle, which is a corol-
lary of absolute rate theory, stating that any 
chemical reaction must pass through the same 
transition states but in opposite order in the 
forward and reverse directions, so the mecha-
nism in one direction is exactly the reverse of 
the mechanism in the other direction even 
though the fluxes through the steps in the two 
directions differ when the reaction is not at 
equilibrium. 

Microviscosity  Viscosity experienced by a molecule 
in a solution. See also macroviscosity. 

Midpoint reduction potential, Em  Potential measured 
under a given set of conditions when the total 
molar concentration of the reduced participant 
in a redox couple, [reduced]t, in all its 
ionization states and tautomers is equal to the 
total molar concentration of the oxidized partici-
pant in the same redox couple, [oxidized]t, in all 
its ionization states and tautomers, and the 
conditions are such that the activity coefficients 
cancel, usually because the concentrations of 
the reactants are small. 

Mitochondrion  Organelle in all eukaryotic cells 
that is responsible for producing MgATP2– by 
oxidative phosphorylation; that is descended 
from an aerobic, nonphotosynthetic bacterium; 
and that has an inner membrane corresponding 
to the plasma membrane of the ancestral bacterial 
cell. 
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Mixed inhibition  Inhibition produced by a mixed 
reversible inhibitor. See also competitive inhibi-
tion, noncompetitive inhibition, and uncompetitive 
inhibition. 

Mixed reversible inhibitor with respect to reactant A  
Reversible inhibitor for which the inhibition 
constant that affects the specificity constant or 
apparent specificity constant for reactant A is 
different from the inhibition constant that affects 
the catalytic constant or apparent catalytic 
constant for reactant A, and both inhibition 
constants are finite. 

Molecular orbital  Wavefunction that describes an 
electron distribution over the effective field 
provided by the nuclei and all other electrons of 
a molecule, that can be expressed as a linear 
combination of atomic orbitals, and that is 
usually represented schematically as envelope 
encompassing a region of space in which there 
is an arbitrarily fixed high probability of finding 
the electron occupying the orbital. 

p  Molecular orbital system  Complete set of molecular 
orbitals—equal to the number of atoms in the 
system—each orbital of which is a linear 
combination of p atomic orbitals, one from 
each of the atoms, which are all adjacent to 
each other, and that delocalizes the electrons 
that occupy the constituent molecular orbitals 
over all the atoms in the system and in which the 
distribution of electrons can be approximated 
by examining resonance structures. 

s  Molecular orbital system  System containing two 
molecular orbitals that results from the combi-
nation of two atomic orbitals from two adjacent 
atoms, either s orbitals or hybrid orbitals 
formed from an s orbital and an atomic orbital 
of higher principal quantum number, and that 
forms a localized covalent bond between the 
two atoms. 

Molecular orbital system of the transition state  
Set of atomic and molecular orbitals that are 
formed by mixing of the atomic and molecular 
orbitals of the reactant or reactants in a chemical 
reaction and that can undergo permitted 
unmixing to generate the atomic and molecular 
orbitals of the product or products of the 
chemical reaction. 

Molybdoenzyme  Enzyme that contains a molyb-
denum ion coordinated by both sulfanyl groups 
from one or two molybdopterins. See also 
tungstoenzyme. 

Monod–Wyman–Changeux equation  General equa-
tion that explains sigmoid behavior on the basis 
of the proposal that the homooligomer involved 
undergoes a quaternary conformational change 
in which symmetry is conserved. See also Adair 
equation, Hill equation, and sigmoid behavior. 

Monomeric metaphosphate  Planar molecule in which 
phosphorus is trivalent, hybridized sp2, forms a 
s bond to each of the three oxygens, and contains 
three pairs of electrons in a p molecular orbital 
system. 

Mononuclear iron–sulfur cluster  Iron–sulfur cluster 
that contains one iron ion with all four tetrahedral 
positions occupied by the sulfido groups of 
cysteines from the protein. 

Multienzymatic complex  Assembly of the active 
sites for two or more different reactions in the 
same macromolecular complex. 

Nominal redox couple  Redox couple that is unique 
to a particular flavoenzyme and that gives the 
enzyme its name. See also general redox couple. 

Noncompetitive inhibition  Inhibition produced by 
a noncompetitive reversible inhibitor. See also 
competitive inhibition, mixed inhibition, and 
uncompetitive inhibition. 

Noncompetitive reversible inhibitor with respect 
to reactant A  Reversible inhibitor the addition 
of which to the solution decreases the specificity 
constant or apparent specificity constant for 
reactant A and the catalytic constant or apparent 
catalytic constant for reactant A by the same 
factor. 

Nonprocessive enzyme  Enzyme that catalyzes a 
distributive reaction. 

Normal kinetic isotope effect  Decrease in a rate 
constant that results from substitution of a 
lighter isotope with a heavier isotope. See also 
inverse kinetic isotope effect. 
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Nuclear Overhauser effect  Increase or decrease in 
the integrated intensity of the absorption of one 
nucleus in a nuclear magnetic resonance 
spectrum that occurs when a neighboring 
nucleus is saturated by applied radio frequency 
at which it absorbs and that results from the intra-
molecular transfer of nuclear spin polarization. 

Nucleophilic substitution  Heterolytic transfer of an 
electrophile between two lone pairs of electrons, 
each at a nucleophilic position, by which one 
nucleophile is replaced by another nucleophile. 

Omit map of difference electron density  Map of 
electron density produced when the molecular 
model of a substrate, ligand, or inhibitor is 
omitted from a crystallographic molecular model, 
a data set is calculated from this molecular 
model, and refinement against the observed 
reflections is initiated and continued until the 
positive electron density for these omitted 
participants in the maps no longer changes. 

One-electron oxidation–reduction  Oxidation–reduc-
tion in which a single electron is transferred to 
the oxidant from the reductant. 

Ordered association  Situation in which two or 
more reactants must add to an active site in a 
particular order to produce a Michaelis complex 
between all reactants and the active site. See 
also random association. 

Outer-sphere catalysis  Increase in the rate of a 
reaction produced by ligands coordinated to a 
metallic cation, rather than by the metallic 
cation itself. See also inner-sphere catalysis. 

Outer-sphere electron transfer  Electron transfer 
that takes place between a donor and an 
acceptor, usually separated from each other by 
several to many atoms, when there is weak or 
no electronic coupling between them in the 
transition state. See also inner-sphere electron 
transfer. 

Oxidation number  Number assigned to an atom 
that is the charge it would bear if all the ligands 
were removed, along with the electron pairs 
that were shared with the atom, and that is 
largely synonymous with its oxidation state. 

 

Oxidation–reduction  Complete balanced reaction 
that is the sum of two redox couples, in which 
the oxidant of one couple is reduced by the 
transfer of one or two electrons from the 
reductant of the other couple, causing the 
oxidation number of the reductant to increase 
and the oxidation number of the oxidant to 
decrease, and that is usually accompanied by 
association and dissociation of hydrons from 
the participants. 

Oxidation state  Degree of oxidation of an atom. 

Oxidation state of an alcohol  Oxidation state for a 
carbon that has one s bond to a heteroatom 
and three other s bonds to either carbon or 
hydrogen. See oxidation states of carbon. 

Oxidation state of an alkane  Oxidation state for a 
carbon that has four s bonds to either carbon 
or hydrogen. See oxidation states of carbon. 

Oxidation states of carbon  Five configurations 
defined by the number of bonds—none, one, 
two, three, or four—between a carbon atom 
and one or more heteroatoms, the transitions 
between which are oxidations–reductions that 
have their own distinct chemistry. See acyl 
oxidation state, carbonato oxidation state, 
carbonyl oxidation state, oxidation state of an 
alcohol, and oxidation state of an alkane. 

Oxidative decarboxylation  Oxidation that causes a 
carboxylato group to dissociate from a molecule 
as carbon dioxide and that usually involves the 
formation of a carbonyl or the derivative of a 
carbonyl at a carbon b to the carboxylato group 
that dissociates with an enolate intermediate. 

Oxocarbenium ion  Distinct type of carbenium ion 
in which one substituent of the carbon atom is 
an oxygen atom so that the positive charge is 
delocalized between carbon and oxygen. 

m-Oxo group  Oxide dianion or a hydroxide that 
bridges two or more metallic ions and partici-
pates in the coordination of each metallic ion. 

Oxyanion hole  Arrangement of donors for hydrogen 
bonds that associates with an oxyanion in a 
substrate or intermediate in an enzymatic 
reaction, but usually it stabilizes an oxyanion in 
an intermediate. 
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Partition function of the transition state, ‡Q0A   
Function calculated from all degrees of freedom 
available to the transition state except motion 
along the reaction coordinate. 

Patterson map  Map of all the vectors between all the 
atoms in the unit cell of a crystal. 

Pentadienyl carbenium ion  Intermediate in an 
electrophilic aromatic substitution on a phenyl 
group that is produced when the electrophile 
adds to one of the carbons in the ring, that is 
formed by mixing the five p atomic orbitals 
remaining in the ring, and that usually 
delocalizes a positive charge. 

Percent identity  Percentage of positions in two 
optimally aligned sequences of amino acids 
that are occupied by identical amino acids. See 
also gap percent. 

Perfectly processive enzyme  Processive enzyme 
that transforms every segment in a particular 
molecule of a polymer without dissociating 
from it. 

Pericyclic reaction  Concerted reorganization of 
bonding that takes place through a transition 
state that is a cyclic array of overlapping atomic 
orbitals and proceeds through an aromatic 
transition state. See cycloaddition, electrocyclic 
reaction, ene reaction, and sigmatropic 
rearrangement. 

Periplanarity  Location of atoms, bonds, and lone 
pairs of electrons that are within dihedral 
angles of ±30ª of a plane passing through a 
s bond and that allows overlaps of molecular 
and atomic orbitals to occur among them. 

pH–rate profile  Plot of the observed rate constants 
for a reaction as a function of pH at constant 
temperature and ionic strength in the absence 
of added general acid–bases that is usually 
presented as the common logarithms of the 
observed rate constant for the reaction as a 
function of pH. 

Pheophytin Macrocyclic prosthetic tetrapyrrole, 
derived from a porphyrin, that has an aromatic 
ring of 18 atoms over which a single electron 
can be delocalized, causing it to be capable of 
participating in one-electron transfer. 

Phosphodiester  Phosphoric acid that has been esteri-
fied with two alcohols, such as two nucleotides. 

Phosphomonoester  Phosphoric acid that has been 
esterified with only one alcohol, such as the 
6-hydroxy group of glucose. 

N-(5¢-Phosphopyridoxyl)enamine  Structure formed 
when an electrophile dissociates from the b carbon 
of an N-(5¢-phosphopyridoxyl)iminium and that 
is (as is the case with all enamines) electron-
rich, basic, and nucleophilic. 

Phosphotriester  Phosphoric acid that has been esteri-
fied with three alcohols. 

Photoisomerization Photochemical process accom-
plishing an isomerization of a prosthetic group 
by a bond rotation that causes an initial E or Z 
conformation to be changed to the opposite 
conformation as a result of absorbing a photon 
of light. 

Photosynthetic reaction center  Membrane-spanning 
enzyme that forces an electron to move from a 
donor of more positive standard reduction 
potential to an acceptor of more negative 
standard reduction potential by coupling that 
movement to the consumption of the energy in 
a photon of visible light. 

Photosystem  Complex between a photosynthetic 
reaction center and a number of proteins 
containing one or more types of chromophores 
such as chlorophylls, carotenoids, and bilins that 
together act as an antenna to absorb quanta of 
light. 

Ping-pong mechanism  Kinetic mechanism in 
which the active site oscillates between two 
forms, each separated from the other by a 
respective irreversible step, and each form has 
the same pattern of rate constants relating it to 
the other form. 

Porphyrin  Prosthetic group containing four pyrrolyl 
groups united through their a positions by four 
methine groups into a macrocyclic, aromatic 
ring, the four nitrogens of which can act as 
equatorial ligands to an octahedrally coordinated 
transition metallic ion. 
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Positional isotopic exchange  Intramolecular isotopic 
exchange of one atom in a substrate with another 
atom, of the same element but a different isotope, 
in such a way that the product of the isotopic 
exchange is chemically identical to the reactant 
except that the two isotopes within the molecule 
have been interchanged. 

Potentiometric titration  Procedure in which the 
reduction potential of a solution, which is 
monitored by an electrode, is changed while the 
degree of oxidation–reduction of the molecule 
that is the subject of the titration is monitored. 

Predominantly competitive inhibition with respect 
to reactant A  Type of mixed inhibition where the 
inhibitor has a greater affinity for the enzyme 
unoccupied by reactant A than for the active site 
occupied by reactant A. 

Predominantly uncompetitive inhibition with respect 
to reactant A  Type of mixed inhibition where the 
inhibitor has a greater affinity for the enzyme 
occupied by reactant A than for the active site 
unoccupied by reactant A. 

Primary equilibrium isotope effect  Equilibrium 
isotope effect for isotopic substitution at a 
particular atom that is transferred between a 
reactant and a product during a reaction. 

Primary kinetic isotope effect  Kinetic isotope effect 
for a reaction in which the bond between the 
one atom that has been isotopically substituted 
and an atom to which it is covalently attached is 
broken or in which such a bond is formed. See 
also kinetic isotope effect and secondary kinetic 
isotope effect. 

pro-R Functional group  Stereoheterotopic functional 
group on a prochiral atom to which arbitrary 
assignment of higher priority relative to the 
other identical functional group generates the 
R configuration at that atom. 

pro-S Functional group  Stereoheterotopic functional 
group on a prochiral atom to which arbitrary 
assignment of higher priority relative to the 
other identical functional group generates the 
S configuration at that atom.  

 

Processive enzyme  Enzyme that catalyzes a proces-
sive reaction. 

Processive reaction  Situation in which an active site 
catalyzes a reaction within a particular segment 
of a linear homopolymer—be it a cleavage of 
the polymer beyond that segment, the addition 
of a new segment to that segment, or simply a 
chemical alteration of that segment—and then 
moves, without dissociating, to an adjacent 
segment of that polymer to catalyze the same 
reaction again. See also distributive reaction. 

Processivity  Ratio of the rate at which the active 
site moves to the next segment of a polymer 
and completes its catalysis of the reaction at 
that location to the rate at which the polymer 
dissociates from the enzyme. 

Prochiral carbon  Tetrahedral carbon to which are 
attached two chemically identical functional 
groups and two other functional groups, each of 
which is different from the two identical ones 
and different from each other, and that is 
capable of becoming chiral if one of the 
identical functional groups were replaced by a 
functional group different from the other two or 
a trigonal carbon to which are attached three 
different functional groups and that is capable 
of becoming chiral if an additional functional 
group, different from the other three, were 
attached. 

Prochiral molecule  Molecule that is achiral but that 
is capable of becoming chiral by a single substi-
tution or addition. 

Product  Substrate that is being produced in the 
reaction catalyzed by an enzyme; or substrate 
that is not present when a solution is prepared 
to monitor a chemical reaction catalyzed by an 
enzyme but that is produced during the reaction. 

Promoter sequence  Sequence of nucleotides in 
double-stranded DNA that identifies a point at 
which transcription is to be initiated. 
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Prosthetic group  Molecule, in addition to the amino 
acids that comprise a protein, that is either 
covalently attached as a posttranslational modifi-
cation to the protein or remains tightly bound 
for an extended period of time (often equal to 
the lifetime of the protein) and that, when it is 
acting as a cofactor in an active site, provides a 
catalytic functional group. See also coenzyme 
and cofactor. 

Protomers  Identical, constituent complexes, between 
one or several folded polypeptides, each different 
from the others, that when combined in a fixed 
stoichiometry form the oligomeric protein. 

Proton  Nuclear particle of charge number +1 and rest 
mass of 1.007 276 470(12) unified atomic mass 
units. See also hydron. 

Proximal ligand  Axial ligand derived from the protein 
surrounding a heme that has only one ligand 
from the protein. 

Push  Interaction with a lone pair of electrons on an 
adjacent oxygen or nitrogen and the central 
atom in a nucleophilic dissociation or in the 
tetrahedral intermediate in a nucleophilic 
substitution, or the lone pair of electrons on an 
oxygen or nitrogen that is conjugated to the 
atom adjacent to the central atom, that results 
from an overlap between the filled orbital of the 
lone pair and the unoccupied orbital in the s bond 
between the central atom and the leaving group 
that produces electron repulsion between the 
lone pair of electrons and the s bond being 
broken, and that accelerates the departure of a 
leaving group. 

Pyridoxal 5¢-phosphate  Prosthetic group that 
provides an aldehyde as a catalytic functional 
group and that is usually bound covalently to 
the resting enzyme as an internal pyridoximine, 
formed at the aldehyde in a simple nucleophilic 
substitution with the primary amino group of a 
lysine in the active site of the enzyme. 

Pyridoximine  Imine formed between the carbonyl 
group of pyridoxal 5¢-phosphate and the amino 
group of a lysine within the enzyme (an internal 
pyridoximine) or an amino group in a substrate 
(an external pyridoximine). 

N-Pyruvoyl group  Pyruvoyl group that is covalently 
attached through an amide between its carboxy 

group and the amino terminus of an enzyme 
and that provides a ketone with a catalytic 
capacity similar to that of the aldehyde in 
pyridoxal 5¢-phosphate for the decarboxylation 
of a-amino acids. 

Q-cycle  Explicit series of electron transfers catalyzed 
by quinol—cytochrome-c reductase or plasto-
quinol—plastocyanin reductase that occur in 
an obligate order among a Rieske [2Fe–2S] 
iron–sulfur cluster, two hemes b, and a heme c. 

Quaternary conformational change  Conformational 
change in an oligomer that includes two or 
more of its subunits (but usually all of them), 
that usually occurs with retention of the 
symmetry of the oligomer, and that usually 
involves a change in the orientation of its 
constituent folded polypeptides with respect to 
each other. See also local conformational change. 

Quenched flow  Technique for following the progress 
of a reaction in an apparatus in which the 
reaction time can be controlled by connecting 
the outlet from a rapid mixing chamber to a 
length of tubing that is connected to a second 
mixing chamber or that simply ends in a 
quench solution and varying the time between 
mixing and the second mixing chamber or the 
quench solution by changing the flow rate or 
the length and cross-sectional area of the tubing 
connecting them and that permits products of 
the reaction to be assayed chemically rather 
than only spectroscopically. See also stopped 
flow. 

Quinol  Cyclic aromatic compound that has two 
hydroxy groups ortho or para to each other, or 
otherwise conjugated to each other, including 
ubiquinols, plastoquinols, menaquinols, and 
phylloquinol. 

Quinone  Derivative of a quinol in which the two 
hydroxy groups have been oxidized to carbonyl 
groups in a fully conjugated cyclic dione but that 
is not aromatic. 

Quinonoid intermediate  Structure formed when 
an electrophile dissociates from the carbon 
immediately adjacent to the iminium nitrogen 
in an external pyridoximine and that, as a result 
of this dissociation, is basic, nucleophilic, electron-
rich, and capable of push. 
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Radiationless transfer of energy by resonance  
Formalism that describes the transfer of elec-
tronic excitation without photon emission or 
absorption from the initially excited chromophore 
(the donor) to another chromophore (the acceptor) 
as the consequence of a dipole–dipole inter-
action, the magnitude of which depends on 
spectral overlap, intermolecular distance, and 
the relative orientation of the transition dipole 
moments of the molecules. 

Radical clock  Compound, such as a methylcyclo-
propane or trans-2-methyl-1-phenylcyclopropane, 
that rearranges rapidly at a known rate when the 
respective radical is produced upon abstraction 
of a hydrogen from its methyl group. 

Radical intermediate  Paramagnetic, noncovalent 
intermediate that possesses an unpaired 
electron and that forms in an active site when a 
hydrogen atom is abstracted from a reactant, 
when an electron is added or subtracted from a 
reactant, or when a reactant dissociates homo-
lytically. 

Random association  Situation in which the two or 
more reactants for an enzymatic reaction can 
add to the active site in any order to produce 
the same complex between all of them and the 
active site. See also ordered association. 

Rate-affecting step  Step in the complete kinetic 
mechanism of a reaction the elementary rate 
constant of which appears in the kinetic 
equation governing the rate of a reaction other 
than the rate-limiting rate constant for that 
reaction. 

Rate equation  Mathematical equation, derived from 
a written kinetic mechanism, that relates the 
observed initial rate, v0, of the reaction to the 
initial concentrations of reactants and total 
molar concentration of active sites, the only 
parameters of which are the rate constants in 
the mechanism. 

Rate-limiting step Last step in a series of reaction 
steps, the rate constant for which appears in the 
kinetic equation for the multistep reaction. 

Rate of dialysis  Unidirectional rate at which a ligand 
passes through a semipermeable membrane, 
which is directly proportional to the ligand’s 
free concentration. 

Re face  Stereoheterotopic face of a trigonal atom 
the functional groups of which, when viewed 
from that side of the carbon, appear in a 
clockwise sense in order of priority. See also 
Si face. 

Reactant  Substrate that is present when a solution 
is prepared by an investigator to undergo a 
reaction catalyzed by an enzyme. 

Reactant activation  Acceleration of the initial rate 
of an enzymatic reaction by a reactant as its 
concentration is increased, beyond the usual 
increase in rate resulting only from its 
association with the active site. 

Reactant antagonism  Effect that occurs when one 
reactant decreases the dissociation constant for 
another reactant and vice versa. 

Reaction coordinate  Path from reactant to product 
on a surface of potential energy that passes 
through a col on the surface at the transition 
state. 

Redox couple  Reduced molecule and oxidized mole-
cule, such as reduced flavin and oxidized flavin, 
that can be interconverted by subtracting or 
adding only electrons and hydrons. 

Reduction potential, E  Driving force, usually expres-
sed as a voltage, that a redox couple, under a given 
set of conditions, can provide to move electrons 
from a standard hydrogen electrode to the 
oxidized molecule of the redox couple to form 
the reduced molecule. 

Relaxation time, t   Reciprocal of the first-order rate 
constant observed for a given first-order relaxa-
tion, formally defined as the time t during which 
the overall change in concentration falls to e-1 
of its initial value. 

Reorganization energy, l   Difference between the 
free energy of a Franck–Condon state in which 
the position and momentum of the nuclei and 
their respective solvation are the same before 
and after the transfer of an electron and the sum 
of the free energies of the equilibrium nuclear 
configuration of the donor, the equilibrium 
nuclear configuration of the acceptor, and their 
respective solvations. See also Marcus equation. 
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Resonance Raman infrared spectrum  Raman spec-
trum observed when a chromophore in the active 
site is excited by a beam of light from a laser 
that is perpendicular to the beam of the laser 
that is registering the spectrum. 

Reverse hydronation  Situation in which a minor 
tautomer of either unassociated reactant or 
unassociated active site, rather than the respective 
major tautomer, or a minor tautomer of the 
Michaelis complex of the two, rather than the 
major tautomer, is the active form of the active 
site. 

Reversible inhibitor  Inhibitor that exerts its effect 
by associating noncovalently and reversibly with 
the enzyme and that, when associated, decreases 
or eliminates its ability to catalyze the reaction. 

Rieske [2Fe–2S] iron–sulfur cluster  [2Fe–2S] iron–
sulfur cluster in which there are two histidines 
from the protein as ligands to one of the irons 
instead of two cysteines. 

Secondary kinetic isotope effect  Kinetic isotope 
effect in which the isotopic substitution occurs 
at another atom that is attached covalently to 
an atom participating in the breaking of a bond, 
other than the two atoms between which the 
bond is broken. See also kinetic isotope effect, 
primary kinetic isotope effect, a-secondary kinetic 
isotope effect, and b-secondary kinetic isotope effect. 

a-Secondary kinetic isotope effect  Secondary kinetic 
isotope effect in which the isotopic substitution 
occurs at an atom bonded directly to one atom 
in a bond being broken during the reaction. See 
also kinetic isotope effect, primary kinetic isotope 
effect, secondary kinetic isotope effect, and b-secon-
dary kinetic isotope effect. 

b-Secondary kinetic isotope effect  Secondary kinetic 
isotope effect in which the isotopic substitution 
occurs at an atom bonded to an atom that, in 
turn, is bonded to an atom in the bond being 
broken during a reaction. See also kinetic isotope 
effect, primary kinetic isotope effect, secondary 
kinetic isotope effect, and a-secondary kinetic 
isotope effect. 

 

 

Selanyl group  Selenium analogue (–SeH) of a sulfanyl 
group. 

Selenocysteine  Amino acid homologous to serine 
and cysteine, in which a selenium replaces the 
oxygen or sulfur, respectively. 

Semipermeable membrane  Polymer film with pores 
large enough to permit small molecules to pass 
through them but too small to permit the passage 
of macromolecules such as proteins, polysac-
charides, or nucleic acids. 

Semiquinone  Intermediate oxidation state with an 
unpaired electron that is formed by the removal 
of one electron from a quinol or other one-
electron donor (such as reduced flavin) and 
from which another electron can be removed to 
produce the respective quinone or other donor 
oxidized by removal of two electrons. 

Shielding  Effect of electrons surrounding the 
observed nucleus and electrons surrounding 
neighboring nuclei that causes the local field of 
the nucleus to be less than the applied external 
magnetic field. 

Si face  Stereoheterotopic face of a trigonal atom the 
functional groups of which, when viewed from 
that side of the carbon, appear in a counterclock-
wise sense in order of priority. See also Re face. 

Sigmatropic rearrangement  Pericyclic reaction in 
which a s bond allylic to a p bond in the reactant 
is broken, a new s bond allylic to a p bond is 
formed, and two p bonds migrate to adjacent 
positions in a situation in which both reactant 
or reactants and product or products together 
have two (or 2n + 2) p bonds that are capable of 
participating in a cyclic, conjugated transition 
state in which the s bond of the reactant and 
the s bond of the product can also participate. 

Sigmoid behavior  Deviation from ideal behavior in 
which the slope of the curve describing occupancy 
of sites for ligands or substrates or for enzymatic 
activity increases as the concentration of ligand 
or substrate is increased before it then decreases 
as it approaches its rectangularly hyperbolic 
asymptote at saturation, producing an S-shaped 
(sigmoid) plot. See also cooperativity. 
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Solvation  Interactions, favorable or unfavorable, 
between a molecule of solute or a transition state 
and molecules of solvent in the vicinity that 
modify the behavior of the solvent molecules 
and which in turn affect the behavior of the 
molecule of solute or the transition state. 

Solvent deuterium kinetic isotope effect  Kinetic 
isotope effect that results from the substitution 
of a hydron in the molecules of solvent for a 
deuterium and which, in a biochemical context, 
is when 2H2O is used as solvent instead of 1H2O. 

Solvent kinetic isotope effect  Kinetic isotope effect 
that results from a change in the isotopic compo-
sition of the solvent, usually when another isotopic 
form of the solvent is substituted for the naturally 
occurring isotopic form. 

Special pair  Two chlorophylls that together make up 
the prosthetic group in a photosynthetic reaction 
center that undergoes initial excitation either 
directly from sunlight or indirectly by transfer of 
an exciton. 

Specific acid catalysis  Increase in the rate of a 
reaction due only to an increase in the concen-
tration of hydronium ion. 

Specific base catalysis  Increase in the rate of a 
reaction due only to an increase in the concen-
tration of hydroxide ion. 

Specificity constant for reactant A, kA  Observed 
apparent second-order rate constant, which is 
first-order with respect to the total molar concen-
tration of active sites and first-order with respect 
to reactant A, for the enzymatic reaction at low 
concentration of reactant A, or at extrapolated 
zero concentration, when all other reactants for 
the enzymatic reaction are present at high 
concentrations or have been extrapolated to 
infinite concentrations. 

Spectrophotometric titration  Titration of the sites 
for an activator, substrate, or inhibitor of an 
enzyme that is followed by its effect on the absor-
bance of the solution due to a change in the 
absorbance of the ligand or the protein or both 
of them. See also kinetic titration. 

Standard entropy of approximation, D‡Sªapprox  
Decrease in standard entropy that results when 
two reactants that are free in solution form a 

complex within a solvent cage with the align-
ments required to form the transition state for 
the reaction in which they participate. 

Standard entropy of molecularity, D‡Sªmolec  Change 
in standard entropy due solely to bringing two 
separate reactants together into the same solvent 
cage. 

Standard entropy of rotational restraint, D ‡Sª rot 
Decrease in standard entropy that is required to 
freeze rotational motions within a solvent cage 
enclosing two reactants during the formation of 
a transition state. 

Standard free energy of activation, D‡GªA  Difference 
between the standard chemical potentials of 
the reactants in an elementary reaction when 
they are free in solution and when they are in 
the transition state. 

Standard hydrogen electrode  Electrode in which 
diatomic hydrogen gas at a pressure of 105 pascals 
is poised electrochemically at equilibrium with 
two hydrons at pH = 0 in aqueous solution. 

Standard reduction potential, Eª  Reduction potential 
observed when the two members of a redox couple 
are present at equal activity at a pH of 0.	

Steady-state approximation  Assumption that, 
because the concentration of reactant is so much 
greater than the concentration of enzyme, after 
the first few molecules of reactant have been 
turned into product by each molecule of enzyme, 
the concentration of each species involving the 
enzyme has reached a constant, steady state. 

Stereoelectronic control  Control of the identity of 
products or rate of a reaction by particular rota-
tional alignments among atoms in a reactant that 
approximate and overlap molecular and atomic 
orbitals in the ground state preceding a transition 
state. 

Stereoheterotopic faces  Two faces that are either 
enantiotopic or diastereotopic. See also diastereo-
topic faces and enantiotopic faces. 

Stereoheterotopic functional groups  Two identical 
functional groups that are either enantiotopic or 
diastereotopic. See also diastereotopic functional 
groups and enantiotopic functional groups. 
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Sticky product  Product that dissociates slowly from 
the active site relative to either the rate of the 
back reaction to bound reactant or the rate of the 
forward reaction from bound reactant to bound 
product. 

Sticky reactant  Reactant that is converted to products 
free in solution faster than it can dissociate from 
the active site. 

Stopped flow  Technique for following the progress of 
a reaction in an apparatus where an observation 
chamber is located as close to a mixing chamber 
as possible, and rapid flow of two solutions 
containing reactants through the mixing chamber 
under high pressure is initiated and then arrested 
as abruptly as possible so that the progress of the 
reaction can be monitored in the observation 
chamber by some method with a rapid response, 
such as absorbance or fluorescence. See also 
quenched flow. 

Structure–activity correlation  Effect of changing 
the functional groups on a particular reactant 
on the rate of a common reaction. 

Substrates  All of the molecules that are interconverted 
by an enzyme as it catalyzes its particular chemical 
reaction and that appear in the equation for the 
equilibrium catalyzed by the enzyme. 

Swain–Schaad relation  Theoretical function that 
relates the rate constant for a reactant substituted 
at a particular position with tritium to the ratio 
of the rate constants for that reactant hydro-
nated and deuterated, respectively, at the same 
position. 

Swain–Scott correlation  Plot of common logarithms 
of observed second-order rate constants for a 
set of nucleophiles participating in a particular 
nucleophilic substitution as a function of a set 
of parameters, also known as nucleophilicities, 
that are related to the common logarithms of 
the respective rate constants for nucleophilic 
substitutions between the same set of nucleo-
philes and a reference electrophile. 

Syn elimination  Elimination in which the leaving 
group and the hydron or electrophile dissociate on 
the same side of a plane containing the carbons 
in a carbon–carbon bond to which they are 
attached. See also anti elimination. 

Synperiplanar conformation  Arrangement in which 
the two periplanar substituents of interest are 
oriented at a dihedral angle of 0ª ± 30ª from one 
another. See also antiperiplanar conformation. 

Synperiplanar push  Push exerted by a lone pair of 
electrons in the synperiplanar conformation. 
See also antiperiplanar push. 

Tautomerization  Dissociation of a hydron from one 
atom in a molecule before, after, or concurrent 
with the association of a hydron with another 
atom in the same molecule. 

Temperature jump  Relaxation technique in which 
the temperature of a chemical system is suddenly 
raised, the system then relaxes to a new state of 
equilibrium, and analysis of the relaxation process 
provides rate constants for the step or steps 
through which the system proceeds to reach the 
new equilibrium. 

Ternary complex  Complex between an active site 
and two reactants. 

Terpene  Isoprenoid of biological origin that can be 
designated as a monoterpene (C10), sesquiterpene 
(C15), diterpene (C20), triterpene (C30), or tetra-
terpene (C40). 

Terpenoid  Terpene that has been modifed so that 
it contains atoms of oxygen. 

Tetrahedral intermediate  Intermediate in a reaction 
in which an initially double-bonded carbon atom 
(typically an acyl carbon atom) has been trans-
formed from trigonal to tetrahedral. 

Thiamine diphosphate  Prosthetic group tightly, 
but noncovalently, bound to the active sites of 
certain enzymes, the functionally important site 
of which is a carbon sandwiched between the 
iminium nitrogen and the sulfur in a thiazolium 
and the conjugate base of which is an ylide. 

Thylakoid  Flattened vesicle of membrane, inside 
the outer membrane of a chloroplast in a plant 
cell or inside the plasma membrane of a cyano-
bacterium, that corresponds to a chromatophore 
in the ancestral photosynthetic bacterial cell that 
gave rise to chloroplasts. 
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Total molar concentration of active sites, [E]t  Sum 
of the concentrations of unoccupied active sites 
and of active sites occupied by substrates and 
intermediates in the enzymatic reaction. 

Transamination  Conversion of an amino group 
into an oxo group at one carbon and conversion 
of an oxo group into an amino group at another 
carbon, resulting in the transfer of ammonia or 
an amine between the two carbons. 

Transferred nuclear Overhauser effect  Nuclear 
Overhauser effect caused by the transfer of 
saturation from the atom in one molecule to 
the atom in another molecule that results from 
the two molecules being in intimate contact. 

Transimination  Conversion of an imine formed with 
one amino group into an imine formed with 
another amino group, usually at the same carbon. 

Transition state  Point of maximum potential energy 
along the reaction coordinate between reactant 
and product, which is located at a col, which 
lasts only as long as is necessary to pass over 
the col, and which is an assembly of atoms at 
the col that has an equal probability of forming 
the reactants or products of the elementary 
reaction in which it participates. See also inter-
mediate. 

Transition state theory  Theory applied to the rates 
of elementary reactions that assumes an equili-
brium, with an equilibrium constant ‡K A, exists 
between the reactants and the sole transition 
state for the reaction. 

Trigonal bipyramid  Arrangement in which three of 
the five substituents on a particular atom or 
ligands to a particular metallic cation, which are 
designated equatorial, lie close to or within a 
plane containing the central atom or metallic 
cation at approximately 120ª angles to each 
other and the other two substituents or ligands, 
which are designated apical, are located above 
and below the equatorial plane, respectively, 
close to or on a line perpendicular to the plane 
that passes through the central atom or metallic 
cation. 

Tritium kinetic isotope effect  Change in a rate con-
stant produced by substitution of a tritium for a 
protium in a reactant. 

Tungstoenzyme  Enzyme that contains a tungsten 
ion coordinated by both sulfanyl groups from 
one or two molybdopterins. See also molybdo-
enzyme. 

Tunneling  Process by which a particle or a set of 
particles crosses a barrier on a surface of potential 
energy without having the energy required to 
surmount this barrier and which is usually  
revealed in the behavior of isotopes. 

Two-electron oxidation–reduction  Oxidation–reduc-
tion in which two electrons are transferred to 
the oxidant from the reductant. 

Ultrafiltration  Method that can be used to 
determine the binding of a ligand to a protein 
in which the protein and the ligand are allowed 
to equilibrate in a solution, a portion of the 
solution is forced under pressure through a 
semipermeable membrane, and the concentra-
tion of protein on the unfiltered side and the 
concentrations of the ligand on the filtered and 
unfiltered sides are then measured. 

Uncompetitive inhibition  Inhibition produced by 
an uncompetitive reversible inhibitor. See also 
competitive inhibition, mixed inhibition, and 
noncompetitive inhibition. 

Uncompetitive reversible inhibitor with respect to 
reactant A  Reversible inhibitor the addition of 
which to the solution decreases the catalytic 
constant or apparent catalytic constant for 
reactant A while having no effect on the speci-
ficity constant or apparent specificity constant 
for reactant A. 

Varied reactant  Reactant that is varied at several 
discrete, different concentrations in a series of 
experiments that determine the initial rate of an 
enzymatic reaction. See also fixed reactant. 

Vibrational Stark effect  Shift in the frequency of the 
maximum of absorbance for a vibrational mode 
produced by an electric field. 

Ylide  Compound in which an anionic carbon or other 
anionic atom is attached directly to a hetero-
atom (usually nitrogen, phosphorus, or sulfur) 
carrying a fixed formal positive charge, a separa-
tion of charge that cannot be neutralized internally 
by a shift of p electrons in a p molecular orbital 
system. 
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Chapter1: Mechanism of  Reactions

acetaldehyde dehydrogenase (acetylating) 

acetate CoA-transferase 

acetate kinase 

acetoacetate decarboxylase 

acetolactate synthase 

acetylcholinesterase 

acetyl-CoA C-acetyltransferase 

acetyl-CoA carboxylase 

acetyl-CoA carboxytransferase 

acetylene hydratase 

N-acetylglucosamine-6-phosphate deacetylase 

N4-(b-N-acetylglucosaminyl)-¬-asparaginase 

b-N-acetylglucosaminylglycopeptide 
b-1,4-galactosyltransferase 

acetylglutamate kinase 

b-N-acetylhexosaminidase 

N-acetylneuraminate synthase 

N-acetylneuraminate lyase  

acireductone dioxygenase (Ni2+-requiring) 

acireductone synthase 

aconitate D-isomerase 

aconitate hydratase 

[acyl-carrier-protein] hydrolase 

[acyl-carrier-protein] S-acetyltransferase 

[acyl-carrier-protein] S-malonyltransferase 

acyl-CoA:acyl-CoA alkyltransferase 

acyl-homoserine-lactone synthase 

acyl-CoA dehydrogenase 

adenine deaminase 

adenine phosphoribosyltransferase 

adenosine deaminase 

adenosine kinase 

adenosylhomocysteinase 

adenosylmethionine decarboxylase 

adenylate kinase 

adenylosuccinate lyase 

adenylosuccinate synthase 

adenylyl-sulfate reductase 

ADP-glyceromanno-heptose 6-epimerase 

ADP-glucose phosphorylase 

adrenodoxin-NADP+ reductase 

aerobic carbon monoxide dehydrogenase 

alanine racemase 

alanine—tRNA ligase 

alcohol dehydrogenase 

aldehyde dehydrogenase (FAD-independent) 

aldehyde dehydrogenase (NAD+) 

aldehyde ferredoxin oxidoreductase 

aldehyde oxygenase (deformylating) 

aldehyde reductase 

alginate lyase 

aliphatic halogenase 

alkaline phosphatase 

1-alkyl-2-acetylglycerophosphocholine esterase 

alkylglycerone-phosphate synthase  

all-trans-8¢-apo-b-carotenal 15,15¢-oxygenase 

allantoin racemase 

alliin lyase 

alliin synthase 

allophycocyanin 

amicyanin 

amidophosphoribosyltransferase 

amidoxime reductase 

∂-amino-acid oxidase 

¬-amino-acid oxidase 

∂-amino-acid transaminase 

¬-aminoadipate-semialdehyde dehydrogenase 

2-(3-amino-3-carboxypropyl)histidine synthase 

2-amino-4-deoxychorismate synthase 

amino-acid N-acetyltransferase 
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aminoacylase 

4-aminobenzoate N-oxygenase 

4-aminobutyrate transaminase 

4-aminobutyrate—2-oxoglutarate transaminase 

aminocarboxymuconate-semialdehyde 
decarboxylase 

1-aminocyclopropane-1-carboxylate synthase 

aminocyclopropanecarboxylate oxidase 

aminodeoxychorismate synthase 

6-aminohexanoate-cyclic-dimer hydrolase 

2-aminohexano-6-lactam racemase 

2-amino-1-hydroxyethylphosphonate dioxygenase 
(glycine-forming) 

5-aminolevulinate synthase 

aminomethyltransferase 

8-amino-7-oxononanoate synthase 

AMP deaminase 

a-amylase 

b-amylase 

b-amyrin synthase 

anaerobic carbon monoxide dehydrogenase 

anthranilate 3-monooxygenase (deaminating) 

anthranilate synthase 

anthraniloyl-CoA monooxygenase 

¬-arabinose isomerase 

arachidonate 15-lipoxygenase 

aralkylamine dehydrogenase (azurin) 

arginase 

arginine deiminase 

arginine dihydrolase 

¬-arginine hydroxylase 

arginine kinase 

argininosuccinate synthase 

aristolochene synthase 

5-epi-aristolochene synthase 

aromatase 

aromatic-¬-amino-acid decarboxylase 

arsenate reductase (azurin) 

arsenite methyltransferase 

aryl-alcohol dehydrogenase 

aryl-alcohol oxidase  

aryldialkylphosphatase 

¬-ascorbate oxidase 

¬-ascorbate peroxidase 

asparaginase 

asparagine synthase (glutamine-hydrolyzing) 

asparagine—tRNA ligase 

aspartate—ammonia ligase 

aspartate 1-decarboxylase 

aspartate 4-decarboxylase 

aspartate ammonia-lyase 

aspartate carbamoyltransferase 

aspartate kinase 

¬-aspartate oxidase 

aspartate-semialdehyde dehydrogenase 

aspartate transaminase 

aspartate—tRNA ligase 

aspartic endopeptidase 

aspartoacylase 

aspoquinolone mycotoxin 

assimilatory sulfite reductase (NADPH) 

ATP citrate synthase 

ATP phosphoribosyltransferase 

auracyanin 

azurin 

bacteriorhodopsin 

benzoate 1,2-dioxygenase 

benzoin aldolase 

benzoyl-formate decarboxylase 

benzoyl-CoA 2,3-epoxidase 

benzoyl-CoA reductase 

benzoylformate decarboxylase 

benzylsuccinate synthase 

betaine-aldehyde dehydrogenase 

biotin carboxylase 

biotin synthase 

biphenyl-2,3-diol 1,2-dioxygenase 

bisphosphoglycerate mutase 

bisphosphoglycerate phosphatase 

botryococcene synthase 

branched-chain-amino-acid transaminase 

bromide peroxidase 
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butane monooxygenase (soluble) 

butyryl-CoA dehydrogenase 

calmodulin-dependent P-type Ca2+ transporter  

cAMP-dependent protein kinase  

camphor 5-monooxygenase 

carbamoyl-phosphate synthase (ammonia) 

carbamoyl-phosphate synthase        
(glutamine-hydrolyzing) 

carbazole 1,9a-dioxygenase 

carbide synthase 

carbonic anhydrase 

carboxy-S-adenosyl-¬-methionine synthase 

5-(carboxyamino)imidazole ribonucleotide mutase 

5-(carboxyamino)imidazole ribonucleotide 
synthase 

N2-(2-carboxyethyl)arginine synthase 

(carboxyethyl)arginine b-lactam-synthase 

3-carboxyethylcatechol 2,3-dioxygenase 

carboxylesterase 

3-carboxy-cis,cis-muconate cycloisomerase 

4-carboxymuconolactone decarboxylase 

carboxypeptidase 

carboxypeptidase A 

carboxypeptidase C 

carboxypeptidase D 

5-carboxyvanillate decarboxylase 

b-carotene 15,15¢-dioxygenase 

carotenoid oxygenase 1 

catalase 

catalase-peroxidase 

catechol O-methyltransferase 

catechol oxidase 

CDP-4-dehydro-6-deoxyglucose reductase 

CDP-6-deoxy-¬-threo-∂-glycero-4-hexulose-
3-dehydrase 

CDP-paratose 2-epimerase 

cellobiose dehydrogenase (acceptor) 

cellulase 

cellulose 1,4-b-cellobiosidase 

cellulose 1,4-b-cellobiosidase (reducing end) 

cellulose synthase 

cellulose synthase (UDP-forming) 

cephalosporin synthase 

chalcone isomerase 

chalcone synthase 

chitinase 

chloramphenicol O-acetyltransferase 

chloride peroxidase 

chlorite O2-lyase 

4-chlorobenzoate—CoA ligase 

4-chlorobenzoyl-CoA dehalogenase 

cholest-4-en-3-one 26-monooxygenase   
[(25S)-3-oxocholest-4-en-26-oate forming] 

cholesterol monooxygenase (side-chain-cleaving) 

cholesterol oxidase 

choline oxidase 

chondroitin AC lyase 

chorismate mutase 

chorismate mutase–prephenate dehydratase 

chorismate synthase 

chymotrypsin 

a-chymotrypsin 

citrate (pro-3S)-lyase 

citrate (Re)-synthase 

citrate (Si)-synthase 

c-Jun amino-terminal protein kinase 

coenzyme-B sulfoethylthiotransferase 

CO-methylating acetyl-CoA synthase 

coronamic acid synthase 

creatinase 

creatine kinase 

creatininase 

crotonyl-CoA carboxylase/reductase 

cupriplastocyanin 

cyanamide hydratase 

cyclic-AMP-dependent non-specific 
serine/threonine protein kinase 

cycloartenol synthase 

cyclohexanone monooxygenase 

cyclomaltodextrin glucanotransferase 

cyclopropane-fatty-acyl-phospholipid synthase 

cystathionine g-lyase  
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cystathionine b-synthase 

cystathionine b-synthase (O-acetyl-¬-serine) 

cystathionine g-synthase 

cysteine desulfurase 

cysteine dioxygenase 

¬-cysteine:1∂-myo-inositol 2-amino-2-deoxy-
a-∂-glucopyranoside ligase 

cysteine lyase 

cysteine synthase 

¬-cystine b-lyase 

cytidine deaminase 

cytidylate kinase 

cytochrome b5 

cytochrome b558  

cytochrome b562 

cytochrome c 

cytochrome c peroxidase 

cytochrome c2 

cytochrome c3 

cytochrome c550 

cytochrome c551 

cytochrome c-551i 

cytochrome c554 

cytochrome c6 

cytochrome c6A 

cytochrome cL 

cytochrome CymA 

cytochrome-b5 reductase 

cytochrome-c oxidase 

cytochrome-c peroxidase 

cytokinin dehydrogenase 

cytosine deaminase 

dCMP deaminase 

dCTP deaminase 

deacetoxycephalosporin-C synthase 

deacetylase LpxC 

dehalogenase 

dehaloperoxidase 

2-dehydro-3-deoxy-phosphogluconate aldolase 

2-dehydro-3-deoxy-phosphogluconate/2-dehydro- 
3-deoxy-6-phosphogalactonate aldolase 

3-dehydro-¬-gulonate-6-phosphate decarboxylase 

3-dehydro-∂-guloside 4-epimerase  

2-dehydropantoate 2-reductase 

3-dehydroquinate dehydratase 

3-dehydroquinate synthase 

deoxycytidine kinase 

deoxycytidylate 5-hydroxymethyltransferase 

deoxyhypusine synthase 

3-deoxy-manno-octulosonate cytidyltransferase 

3-deoxy-7-phosphoheptulonate synthase 

3-deoxy-8-phosphooctulonate synthase 

deoxyribodipyrimidine photo-lyase 

deoxyribonuclease 

deoxyribose-phosphate aldolase 

2-deoxy-scyllo-inosamine dehydrogenase 
(AdoMet-dependent) 

1-deoxy-∂-xylulose 5-phosphate synthase 

1-deoxy-∂-xylulose-5-phosphate reductoisomerase 

dethiobiotin synthase 

diacylglycerol O-acyltransferase 

2,2-dialkylglycine decarboxylase 

2,2-dialkylglycine decarboxylase (pyruvate) 

¬¬-diaminopimelate aminotransferase 

diaminopimelate decarboxylase 

diaminopropionate ammonia-lyase 

4,4¢-diapophytoene synthase 

2,4-dienoyl-CoA reductase (NADPH) 

2,4-dienoyl-CoA reductase              
[(3E)-enoyl-CoA-producing] 

dihydrodipicolinate synthase 

dihydroflavonol 4-reductase 

dihydrofolate reductase  

dihydrolipoyl dehydrogenase 

dihydrolipoyllysine-residue acetyltransferase 

dihydromethanophenazine:CoB-CoM 
heterodisulfide reductase 

dihydroorotase 

dihydroorotate dehydrogenase (fumarate) 

dihydroorotate dehydrogenase (NAD+) 

dihydroorotate dehydrogenase (quinone) 

6,7-dihydropteridine reductase 
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dihydropyrimidine dehydrogenase (NADP+) 

dihydroxy-acid dehydratase 

3,4-dihydroxy-2-butanone-4-phosphate synthase 

1,4-dihydroxy-2-naphthoyl-CoA synthase 

3,4-dihydroxyphenylacetate 2,3-dioxygenase 

dihydroxyacetanilide epoxidase  

diiron hydrogenase 

dimethyl sulfide:cytochrome c2 reductase 

dimethylallyltranstransferase 

4-dimethylallyltryptophan synthase 

N1-(1,1-dimethylallyl)tryptophan synthase 

dimethylglycine oxidase 

N1-(1,1-dimethylprop-2-enyl)tryptophan synthase 

dimethylpropiothetin dethiomethylase 

dimethylsulfoxide reductase 

dinitrogenase 

dinitrogenase reductase 

2,6-dioxo-6-phenylhexa-3-enoate hydrolase 

diphosphate—fructose-6-phosphate 
1-phosphotransferase 

diphosphomevalonate decarboxylase 

dipicolinate synthase 

DNA (cytosine-5-)-methyltransferase 

DNA b-glucosyltransferase 

DNA helicase 

DNA helicase I 

DNA helicase PcrA 

DNA helicase UvrD 

DNA ligase (ATP) 

DNA-(apurinic or apyrimidinic site) lyase 

DNA-formamidopyrimidine glycosylase 

DNA-3-methyladenine glycosylase II 

DNA-directed DNA polymerase 

DNA-directed DNA polymerase b  

DNA-directed RNA polymerase 

dopamine b-monooxygenase 

double-stranded uracil-DNA glycosylase 

dTDP-glucose 4,6-dehydratase 

dTMP kinase 

dUTP diphosphatase 

EcoRV endonuclease 

elastase 

electron-transferring flavoprotein 

electron-transferring-flavoprotein dehydrogenase 

enamidase 

endo-1,4-b-xylanase 

endoglucanase CelC 

endothiapepsin 

2-enoate reductase 

enoyl thioester reductase 

enoyl-[acyl-carrier-protein] reductase (NADH) 

enoyl-[acyl-carrier-protein] reductase   
(NADPH, Re-specific) 

enoyl-CoA hydratase 

epi-isozizaene synthase 

epoxidase 

epoxidase AsqJ 

epoxide hydrolase 

ethanolamine ammonia-lyase 

ethylenediamine‐N,N ¢‐disuccinate lyase 

ethylmalonyl-CoA mutase 

exodeoxyribonuclease (lambda-induced) 

exo-(1Æ4)-a-∂-glucan lyase 

exoribonuclease II 

exo-a-sialidase 

F1-ATPase 

(2E,6E)-farnesyl diphosphate synthase 

farnesyltranstransferase 

fatty acid synthase system 

ferredoxin 

ferredoxin hydrogenase 

ferredoxin reductase 

ferredoxin—NADP+ reductase 

ferredoxin—nitrite reductase 

ferredoxin:CoB-CoM heterodisulfide reductase 

ferredoxin:thioredoxin reductase 

flavin monooxygenase 

flavin prenyltransferase 

flavodoxin 

flavoenzyme NADPH—hemoprotein reductase 

flavoprotein of assimilatory sulfite reductase 
(NADPH) 
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FMN reductase (NADPH) 

formamidase 

formate C-acetyltransferase 

[formate-C-acetyltransferase]-activating enzyme 

formate dehydrogenase 

formate dehydrogenase (hydrogenase) 

formate—tetrahydrofolate ligase 

formimidoyltetrahydrofolate cyclodeaminase 

formyl CoA-transferase 

(5-formylfuran-3-yl)methyl phosphate synthase 

formylmethanofuran dehydrogenase 

b-fructofuranosidase 

fructosyl amine oxidase (glucosone-forming) 

fructose-1,6-bisphosphatase 

fructose-2,6-bisphosphate 2-phosphatase 

fructose-bisphosphatase 

fructose-bisphosphate aldolase 

¬-fuconate dehydratase 

¬-fucose isomerase 

¬-fucose mutarotase 

a-¬-fucosidase 

fumarate hydratase 

fumarate reductase 

fumarate reductase (quinol) 

fumarylacetoacetase 

galactarate dehydratase 

galactarate dehydratase (∂-threo-forming) 

galactonate dehydratase 

galactose oxidase 

b-galactosidase 

a-galactosidase MelA  

b-galactoside a-2,6-sialyltransferase 

galactosyl transferase 

galactosylgalactosylxylosylprotein 
3-b-glucuronosyltransferase 

GDP-¬-galactose phosphorylase 

GDP-∂-glycero-a-∂-manno-heptose 
4-dehydrogenase 

GDP-4-dehydro-6-deoxy-a-∂-mannose 
3-dehydratase 

GDP-mannose 3,5-epimerase 

GDP-perosamine N-acetyltransferase 

gentamicin 2AA-nucleotidyltransferase 

gentisate 1,2-dioxygenase 

geranyl diphosphate 2-C-methyltransferase 

glucan 1,4-a-glucosidase 

4-a-glucanotransferase 

glucarate dehydratase 

glucoamylase  

glucokinase 

glucosamine-1-phosphate N-acetyltransferase 

glucose 1-dehydrogenase (PQQ, quinone) 

glucose 1-dehydrogenase [NAD(P)+] 

glucose oxidase 

glucose-1,6-bisphosphate synthase 

glucose-6-phosphate dehydrogenase 

glucose-6-phosphate dehydrogenase (NADP+) 

glucose-6-phosphate isomerase 

glucose-fructose oxidoreductase 

∂-glucose/∂-galactose-binding protein 

a-glucosidase 

b-glucosidase 

glutamate N-acetyltransferase 

[glutamate—ammonia-ligase] adenylyltransferase 

glutamate decarboxylase 

glutamate dehydrogenase 

glutamate dehydrogenase [NAD(P)+] 

glutamate formimidoyltransferase 

glutamate racemase 

glutamate-1-semialdehyde 2,1-aminomutase 

glutamate-5-semialdehyde dehydrogenase 

¬-glutamate g-semialdehyde dehydrogenase 

glutaminase 

glutamine—fructose-6-phosphate transaminase 
(isomerizing) 

glutamine kinase 

glutamine synthetase 

glutamine—tRNA ligase 

glutamyl endopeptidase  

glutaredoxin 

glutaryl-CoA dehydrogenase (ETF) 

glutathione peroxidase 
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glutathione transferase 

glutathione-disulfide reductase 

glyceraldehyde-3-phosphate dehydrogenase 

glycerol dehydrogenase 

glycerol kinase 

glycine C-acetyltransferase 

glycine amidinotransferase 

glycine dehydrogenase (decarboxylating) 

glycine hydroxymethyltransferase 

glycine N-methyltransferase 

glycine oxidase 

glycine reductase 

glycogen phosphorylase 

glycogen synthase 

glycoprotein 3-a-¬-fucosyltransferase 

glyoxylate reductase 

GMP synthase (glutamine-hydrolysing) 

GTP 3A,8-cyclase 

GTP cyclohydrolase 

guanidinoacetate N-methyltransferase 

H+/K+-exchanging ATPase 

H+-transporting two-sector ATPase 

H2:CoB-CoM heterodisulfide 

haloacetate dehalogenase 

haloacid dehalogenase 

haloalkane dehalogenase 

halohydrin dehalogenase 

heme oxygenase (biliverdin-producing, ferredoxin) 

heme oxygenase (biliverdin-producing) 

hemerythrin 

hemocyanin 

hemoglobin 

hemoperoxidase 

hexokinase 

3-hexulose-6-phosphate synthase 

histidine ammonia-lyase 

histidine decarboxylase 

histidinol dehydrogenase 

histidinol-phosphatase 

histidinol-phosphate transaminase 

histone acetyltransferase 

histone deacetylase 

HIV-1 retropepsin 

homocitrate synthase 

homogentisate 1,2-dioxygenase  

homoisocitrate dehydrogenase 

homoserine O-acetyltransferase 

homoserine dehydrogenase 

hydrogen peroxide-dependent heme synthase 

hydrogenase (acceptor) 

[FeFe] hydrogenase H-cluster radical SAM 
maturase HydG 

:-2-hydroxyacid dehydrogenase (NAD+) 

(S)-2-hydroxy-acid oxidase 

3-hydroxyacyl-[acyl-carrier-protein] dehydratase 

3-hydroxyanthranilate 3,4-dioxygenase 

3-hydroxybenzoate 4-monooxygenase 

3-hydroxybenzoate 6-monooxygenase 

4-hydroxybenzoate 3-monooxygenase 

4-hydroxybenzoate 3-monooxygenase [NAD(P)H] 

4-hydroxybenzoyl-CoA reductase 

4-hydroxybutanoyl-CoA dehydratase 

3-hydroxybutyryl-CoA epimerase 

3-hydroxydecanoyl-[acyl-carrier-protein] 
dehydratase 

3-hydroxyisobutyryl-CoA hydrolase 

2-hydroxyethylphosphonate dioxygenase 

(R)-2-hydroxyisocaproyl-CoA dehydratase  

(R)-2-hydroxyisocaproyl-CoA dehydratase activator 

hydroxylamine dehydrogenase 

hydroxylamine reductase 

4-hydroxymandelate synthase 

hydroxymethylbilane synthase 

4-hydroxy-3-methylbut-2-en-1-yl diphosphate 
reductase 

(E)-4-hydroxy-3-methylbut-2-enyl-diphosphate 
synthase (flavodoxin) 

hydroxymethylglutaryl-CoA reductase 

hydroxymethylglutaryl-CoA reductase (NADPH) 

hydroxymethylglutaryl-CoA synthase 

3-hydroxy-2-methylpyridinecarboxylate         
monooxygenase 
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3-hydroxy-2-methylquinolin-4-one 
2,4-dioxygenase 

2-hydroxymuconate tautomerase 

6-hydroxynicotinate dehydrogenase 

6-hydroxynicotinate 3-monooxygenase 

4-hydroxy-2-oxoglutarate aldolase 

4-hydroxy-2-oxoheptanedioate aldolase 

4-hydroxy-2-oxovalerate aldolase 

4-hydroxyphenylacetate decarboxylase 

4-hydroxyphenylacetate 3-monooxygenase 

4-hydroxyphenylpyruvate dioxygenase 

17a-hydroxyprogesterone deacetylase 

(S)-2-hydroxypropylphosphonic acid epoxidase 

3b,20a-hydroxysteroid oxido-reductase 

4a-hydroxytetrahydrobiopterin dehydratase 

4-hydroxy-tetrahydrodipicolinate synthase 

hypoxanthine phosphoribosyltransferase 

imidazoleglycerol-phosphate dehydratase 

2-iminoacetate synthase 

IMP dehydrogenase 

indole-3-glycerol-phosphate lyase 

indole-3-glycerol-phosphate synthase 

indoleamine 2,3-dioxygenase 

inorganic diphosphatase 

inosine monophosphate dehydrogenase 

inositol oxygenase 

inositol-3-phosphate synthase 

interstitial collagenase  

iodide peroxidase 

isobutyryl-CoA mutase  

isochorismate lyase 

isochorismate synthase 

isocitrate dehydrogenase (NAD+) 

isocitrate dehydrogenase (NADP+) 

isocitrate lyase 

isoleucine—tRNA ligase 

isopenicillin-N synthase 

isopentenyl-diphosphate D-isomerase 

isoprene synthase 

2-isopropylmalate synthase 

isovaleryl-CoA dehydrogenase 

b-ketoacyl-[acyl-carrier-protein] synthase 

ketohexokinase 

kinesin ATPase 

KxxxW cyclic peptide radical SAM maturase 

kynureninase 

laccase 

b-lactamase 

∂-lactate dehydrogenase 

¬-lactate dehydrogenase 

¬-lactate dehydrogenase (cytochrome) 

lactate hydrogenase 

lactate 2-monooxygenase 

lactate racemase  

lactoperoxidase 

lactotransferrin 

lactoylglutathione lyase 

lanosterol synthase 

leucine—tRNA ligase 

leucyl aminopeptidase 

licheninase 

lignin peroxidase 

linoleate 13S-lipoxygenase 

lipopolysaccharide 4-a-galactosyltransferase  

lipoxygenase 

lipoyl synthase  

long-chain alkane monooxygenase 

long-chain-fatty-acid-CoA ligase 

lupeol synthase 

lysine 2,3-aminomutase 

b-lysine 5,6-aminomutase 

lysine 5,6-aminomutase 

¬-lysine-lactamase 

lysozyme  

lytic cellulose monooxygenase 
(C4-dehydrogenating) 

lytic chitin monooxygenase 

a-lytic endopeptidase 

macrophomate synthase 

malate dehydrogenase 

malate dehydrogenase (oxaloacetate-
decarboxylating) (NADP+) 



Enzymes and Other Proteins Discussed 
 

1883 

malate synthase 

maleate hydratase 

maleate isomerase 

mandelate racemase 

(S)-mandelate dehydrogenase 

manganese catalase 

manganese peroxidase 

mannose-6-phosphate isomerase 

mannuronate-specific alginate lyase 

medium-chain acyl-CoA dehydrogenase 

melilotate 3-monooxygenase 

menaquinone reductase 

3-mercaptopyruvate sulfurtransferase 

mercury(II) reductase 

methane monooxygenase (particulate) 

methane monooxygenase (soluble) 

methanol dehydrogenase (cytochrome c) 

¬-methionine adenosyltransferase 

methionine decarboxylase 

methionine g-lyase 

¬-methionine (R)-S-oxide reductase 

¬-methionine (S)-S-oxide reductase 

methionine synthase 

methionine—tRNA ligase 

methionyl aminopeptidase 

2-methylacyl-CoA dehydrogenase 

methylamine dehydrogenase (amicyanin) 

methylamine—glutamate N-methyltransferase 

methylamine utilization protein MauG 

methylaspartate mutase 

methylcrotonyl-CoA carboxylase 

methylated-DNA—[protein]-cysteine 
S-methyltransferase 

2-methyleneglutarate mutase 
methylenetetrahydrofolate dehydrogenase 

methylenetetrahydrofolate reductase (NADPH) 

methylenetetrahydrofolate reductase [NAD(P)H] 

methylenetetrahydrofolate—tRNA-(uracil54-C5)-
methyltransferase [NAD(P)H-oxidizing]   

2-C-methyl-∂-erythritol 4-phosphate 
cytidylyltransferase 

methylglyoxal synthase 

3-methyl-2-indolic acid synthase 

methylisocitrate lyase 

methylmalonyl-CoA carboxytransferase 

methylmalonyl-CoA decarboxylase 

methylmalonyl-CoA mutase 

3-methyl-2-oxobutanoate dehydrogenase 
(2-methylpropanoyl-transferring) 

3-methyl-2-oxobutanoate 
hydroxymethyltransferase 

4-methylphenol dehydrogenase (hydroxylating) 

methylphosphonate synthase 

5-methyltetrahydropteroyltriglutamate—
homocysteine S-methyltransferase 

mevalonate kinase 

micrococcal nuclease 

monoamine oxidase 

monophenol monooxygenase 

morphinone reductase 

mRNA interferase toxin RelE  

muconate cycloisomerase 

muconolactone D-isomerase 

mycofactocin radical SAM maturase 

myeloperoxidase 

myoglobin 

myosin 

myosin II 

Na+/K+-exchanging ATPase 

NADH peroxidase 

NADH:ubiquinone reductase (H+-translocating) 

NADPH—hemoprotein reductase 

naphthalene 1,2-dioxygenase 

neomycin C epimerase 

N-formylmethionylaminoacyl-tRNA deformylase 

nickel–iron hydrogenase 

nicotinamidase 

nicotinate dehydrogenase 

nicotinate-nucleotide diphosphorylase 
(carboxylating) 

nicotinate-nucleotide—dimethylbenzimidazole 
phosphoribosyltransferase 

nitrate reductase (quinone) 
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nitric oxide reductase (cytochrome c) 

nitric oxide reductase (menaquinol) 

nitric oxide reductase [NAD(P)+, nitrous          
oxide-forming] 

nitric-oxide synthase 

nitric-oxide synthase (flavodoxin) 

nitric-oxide synthase (NADPH) 

nitrile hydratase 

nitrite reductase 

nitrite reductase (cytochrome; ammonia-forming)  

nitrite reductase (NO-forming) 

nitroalkane oxidase 

nitrocyanin 

nitrogenase 

nitrous-oxide reductase 

nonspecific protein-tyrosine kinase Csk 

nonspecific protein-tyrosine kinase v-Fps 

(S)-norcoclaurine synthase 

nucleoside deoxyribosyltransferase 

nucleoside-diphosphate kinase 

5A-nucleotidase 

octenoyl-CoA reductase/carboxylase 

olefin-forming fatty acid decarboxylase 

oleoyl-[acyl-carrier-protein] hydrolase 

∂-ornithine 4,5-aminomutase 

ornithine aminotransferase 

ornithine carbamoyltransferase 

ornithine cyclodeaminase 

∂-ornithine/∂-lysine decarboxylase 

¬-ornithine N5-monooxygenase  

¬-ornithine N5-monooxygenase (NADPH) 

¬-ornithine N5-monooxygenase [NAD(P)H] 

orotate phosphoribosyltransferase 

orotate reductase (NADH) 

orotidine-5¢-phosphate decarboxylase 

oxalate decarboxylase 

oxalate oxidase 

oxalate oxidoreductase 

3-oxoacid CoA-transferase 

3-oxoacyl-[acyl-carrier-protein] synthase 

4-oxalocrotonate dehydrogenase 

3-oxoacyl-[acyl-carrier-protein] synthase 

2-oxo-4-carboxy-3-hexenedioate hydratase 

oxoglutarate dehydrogenase (succinyl-transferring) 

2-oxo-hept-4-ene-1,7-dioate hydratase 

2-oxo-3-hexenedioate decarboxylase 

2-oxopropyl-CoM reductase (carboxylating) 

palmitoyl-[glycerolipid] 7-desaturase 

pancreatic ribonuclease 

pectate lyase 

penicillopepsin 

pentalenene synthase 

pepsin 

pepsin A 

peptide deformylase 

peptidyl-glutamate 4-carboxylase 

peptidylglycine monooxygenase 

peptidylprolyl isomerase 

peroxidase 

peroxygenase 

persulfide dioxygenase 

phenacrylate decarboxylase 

phenol 2-monooxygenase (NADPH) 

phenylalanine aminomutase   
(∂-b-phenylalanine forming) 

phenylalanine aminomutase    
(¬-b-phenylalanine forming) 

phenylalanine ammonia-lyase 

phenylalanine dehydrogenase 

phenylalanine 4-monooxygenase 

phosphate acetyltransferase 

phosphoenolpyruvate carboxykinase 

phosphoenolpyruvate carboxykinase (ATP) 

phosphoenolpyruvate carboxykinase (GTP) 

phosphoenolpyruvate carboxylase 

phosphoenolpyruvate mutase 

6-phosphofructokinase 

6-phosphofructo-2-kinase 

b-phosphoglucomutase 

phosphoglucomutase 

phosphoglucomutase (a-∂-glucose-
1,6-bisphosphate-dependent) 
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phosphogluconate dehydrogenase 
(NADP+-dependent, decarboxylating) 

6-phospho-b-glucosidase  

phosphoglycerate dehydrogenase 

phosphoglycerate kinase 

phosphoglycerate mutase 

phosphoinositide-dependent protein kinase 

phosphoinositide phospholipase C 

phosphoketolase 

phospholipase A2 

phospholipase D 

phosphonate dehydrogenase 

phosphonoacetaldehyde hydrolase 

phosphopantothenate—cysteine ligase (CTP) 

phosphopantothenoylcysteine decarboxylase 

phosphoprotein phosphatase 

phosphopyruvate hydratase 

phosphoribosylamine—glycine ligase 

phosphoribosylaminoimidazolecarboxamide 
formyltransferase 

phosphoribosylaminoimidazolesuccino-
carboxamide synthase 

phosphoribosylanthranilate isomerase 

phosphoribosylformylglycinamidine synthase 

phosphoribosylglycinamide formyltransferase 

phosphoribulokinase 

phosphoserine phosphatase  

O-phosphoserine sulfhydrylase 
3-phosphoshikimate 1-carboxyvinyltransferase 

phosphotransferase system 

phosphotriesterase 

photosynthetic reaction center 

photosystem II 

C-phycocyanin 

phycocyanin 

phycoerythrin 

4-phytase 

(+)-a-pinene synthase 

¬-pipecolate oxidase 

pivalyl-CoA mutase 

plastocyanin 

plastoquinol—plastocyanin reductase 

poly(ADP-ribose) glycohydrolase 

poly(b-∂-mannuronate) C5 epimerase 

polysaccharide monooxygenase 

polyunsaturated fatty acid isomerase 

porphobilinogen synthase 

PqqA peptide cyclase 

premalbrancheamide halogenase 

prephenate dehydratase 

prephenate dehydrogenase 

preQ1 synthase  

primary-amine oxidase 

procollagen-lysine 5-dioxygenase 

procollagen-proline 4-dioxygenase 

proline dehydrogenase 

proline racemase 

propanediol dehydratase 

propionyl-CoA carboxylase 

prosolanapyrone-III cycloisomerase 

prostaglandin-endoperoxide synthase 

protein deglycase DJ-1 

protein farnesyltransferase 

protein geranylgeranyltransferase 

protein O-GlcNAcase 

protein-lysine 6-oxidase 

protein-tyrosine kinase  

protein-tyrosine kinase Csk 

protein-tyrosine-phosphatase 

protocatechuate 3,4-dioxygenase 

pseudouridylate synthase 

∂-psicose 3-epimerase 

∂-psicose-6-phosphate 3-epimerase 

P-type Ca2+ transporter 

P-type H+-exporting transporter 

P-type Zn2+ transporter 

purine nucleosidase 

purine-nucleoside phosphorylase 

purple acid phosphatase 

putidaredoxin—NAD+ reductase 

pyranose oxidase 

pyridoxamine—pyruvate transaminase 
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pyridoxine 5A-phosphate synthase 

pyrimidine oxygenase  

pyrogallol hydroxytransferase 

pyrroline-5-carboxylate reductase 

pyruvate carboxylase 

pyruvate carboxytransferase 

pyruvate decarboxylase 

pyruvate dehydrogenase (acetyl-transferring) 

pyruvate dehydrogenase complex 

pyruvate kinase 

pyruvate oxidase 

pyruvate synthase 

pyruvate, phosphate dikinase 

quercetin 2,3-dioxygenase 

quinate dehydrogenase 

quinol oxidase 

quinol—cytochrome-c reductase 

quinolinate synthase 

recBCD exodeoxyribonuclease V 

respiratory dimethylsulfoxide reductase 

retinoid isomerohydrolase 

rhamnulokinase 

rhamnulose-1-phosphate aldolase 

Rho protein kinase 

rhodopsin 

ribitol-5-phosphate 2-dehydrogenase (NADP+) 

∂-ribitol-5-phosphate cytidylyltransferase 

riboflavin synthase 

ribonuclease 

ribonuclease H 

ribonuclease T1 

ribonucleoside-diphosphate reductase 

ribonucleoside-triphosphate reductase 

ribose-5-phosphate isomerase 

ribosylpyrimidine nucleosidase 

ribulose-bisphosphate carboxylase 

ribulose-phosphate 3-epimerase 

¬-ribulose-5-phosphate 4-epimerase 

RNA ligase (ATP) 

RNA-directed DNA polymerase 

23S rRNA (adenine2503-C2)-methyltransferase 

ruberythrin 

rubredoxin 

rubredoxin—NAD+ reductase 

rubredoxin:oxygen oxidoreductase 

rusticyanin 

saccharopine dehydrogenase (NAD+,       
¬-lysine-forming) 

S-adenosylmethionine:tRNA ribosyltransferase-
isomerase 

salicylate 1-monooxygenase 

salicylate 5-hydroxylase 

sarcosine oxidase 

scytalone dehydratase 

¬-serine ammonia-lyase 

∂-serine ammonia-lyase 
serine C-palmitoyltransferase 

¬-seryl-tRNASec selenium transferase 

S-formylglutathione hydrolase 

shikimate dehydrogenase (NADP+) 

shikimate kinase 

short-chain acyl-CoA dehydrogenase 

sorbose reductase 

spermidine synthase 

sphingolipid 4-desaturase 

spore photoproduct lyase 

squalene synthase 

S-ribosyl homocysteine lyase 

stearoyl-[acyl-carrier-protein] 9-desaturase 

stearoyl-CoA 9-desaturase 

stellacyanin 

steroid D-isomerase 

sterol O-acyltransferase 

streptogrisin A 

strictosidine synthase 

subtilisin 

succinate dehydrogenase 

succinate—CoA ligase (ADP-forming) 

o-succinylbenzoate synthase 

succinyl-diaminopimelate desuccinylase 

2-succinyl-5-enolpyruvyl-6-hydroxy-
3-cyclohexene-1-carboxylic-acid synthase  
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2-succinyl-6-hydroxy-2,4-cyclohexadiene-
1-carboxylate synthase 

sulfate adenylyltransferase 

sulfate adenylyltransferase (ADP) 

sulfite oxidase 

sulfite reductase 

superoxide dismutase 

superoxide reductase 

∂-tagatose 3-epimerase 

tagatose-bisphosphate aldolase 

tartrate dehydrogenase 

∂(-)-tartrate dehydratase 

tartronate-semialdehyde synthase 

taurine dioxygenase 

TDP-4-oxo-6-deoxy-a-∂-glucose-3,4-oxoisomerase 

TEM-1b-lactamase 

thermolysin 

thiamine phosphate synthase 

thiazole methyltransferase 

thiazole synthase 

thioether S-methyltransferase 

thioredoxin 

thioredoxin-dependent peroxiredoxin 

thioredoxin-disulfide reductase 

thiosulfate dehydrogenase 

thiosulfate sulfurtransferase 

∂-threonine aldolase 

threonine ammonia-lyase 

threonine synthase 

threonine-phosphate decarboxylase 

threonine—tRNA ligase 

thymidine kinase 

thymidylate synthase 

thymidylate synthase (FAD) 

thymine-DNA glycosylase 

toluene 4-monooxygenase 

toxoflavin lyase 

transketolase 

triacylglycerol lipase 

trihydroxypterocarpan dimethylallyltransferase 

trimethylamine dehydrogenase 

trimethylamine-N-oxide reductase 

triose-phosphate isomerase 

tRNA 4-demethylwyosine synthase     
(AdoMet-dependent) 

tRNA pseudouridine synthase 

trypanothione-disulfide reductase 

trypsin 

trypsinogen 

tryptophan 2,3-dioxygenase 

tryptophan 2-monooxygenase 

tryptophan 5-monooxygenase 

tryptophan synthase 

tryptophan synthase (indole-salvaging) 

tryptophan—tRNA ligase 

tryptophanase 

type I topoisomerase 

type II site-specific deoxyribonuclease 

type II site-specific deoxyribonuclease BamHI 

type II site-specific deoxyribonuclease EcoRI 

type II topoisomerase 

tyramine b-monooxygenase 

tyrosine 2,3-aminomutase 

tyrosine 3-monooxygenase 

tyrosine ammonia-lyase 

tyrosine phenol-lyase 

tyrosine—tRNA ligase 

ubiquinol oxidase (H+-transporting) 

UDP-N-acetylglucosamine 
1-carboxyvinyltransferase 

UDP-N-acetylglucosamine 2-epimerase        
(non-hydrolysing) 

UDP-N-acetylglucosamine diphosphorylase 

UDP-4-amino-4,6-dideoxy-N-acetyl-     
b-¬-altrosamine transaminase 

UDP-galactopyranose mutase 

UDP-glucose 4-epimerase  

UDP-glucose dehydrogenase 

UDP-glucose—hexose-1-phosphate 
uridylyltransferase 

UDP-glucuronic acid 4-epimerase  

UDP-N-acetylglucosamine diphosphorylase 

UDP-N-acetylmuramate dehydrogenase 
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ulvan lyase 

unspecific monooxygenase 

uracil phosphoribosyltransferase 

uracil-DNA glycosylase 

urate hydroxylase 

urease 

uridine phosphorylase 

urocanate hydratase 

vanadium nitrogenase 

verruculogen synthase 

vetispiradiene synthase 

xanthine dehydrogenase 

xanthine oxidase 

xanthine phosphoribosyltransferase 

xylose isomerase 

∂-xylose reductase 

 


	Front matter
	2nd Ed. Chapter II1 formatted
	2nd Ed. Chapter II2 formatted
	2nd Ed. Chapter II3 formatted
	2nd Ed. Chapter II4 formatted
	2nd Ed. Chapter II5 formatted
	2nd Ed. Chapter II6 formatted
	Glossary and List of Enzymes



