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ABSTRACT 

 

The Effect of Soil Moisture Fluctuations on Microbial Stress-physiology and the  

Bio-availability of Soil Organic Carbon 

by 

Eric William Slessarev 

 

Wetting of dry soil triggers a pulse of elevated microbial respiration. This pulse may 

occur because microbes metabolize cellular carbon as they acclimate to moist conditions. 

Alternatively, wetting may mobilize extracellular soil carbon that is otherwise unavailable to 

microbes, fueling microbial growth and respiration. The latter mechanism can be expected to 

increase C availability in upper soil horizons that experience frequent cycles of drying and 

wetting, helping to explain the widely-observed relationship between C residence times and 

depth. I evaluated the relative importance of cellular and extracellular C sources across a 

range of grassland soils in California, and found that cellular carbon is likely a major 

contributor to respiration after wetting in surface horizons, while extracellular carbon 

availability is a more important C-source in deeper horizons. High-resolution measurements 

coupled with a model revealed that respiration after wetting in surface horizons incorporates 

a blend of cellular and extracellular sources. In addition, by translocating deep soil to the soil 

surface for 18 months, I found that surface microclimate increased microbial biomass 

without changing soluble C concentrations. These results indicate that wetting and drying 

cycles control microbial access to extracellular carbon, and thus have the potential to 

influence the residence time of soil C and the global C cycle. 
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Introduction 

Soil organic carbon (SOC) originates from C that is fixed by plants and processed by 

microbes, persisting over time under the influence of interacting physical, chemical, and 

climatic factors that limit its accessibility (Schmidt et al. 2011). These factors interact 

differently across depths and microsites within soil profiles. Consequently, a single soil 

profile can contain both recently fixed plant C and C fixed thousands of years ago 

(Trumbore 2009, Schmidt et al. 2011). Because soil C is protected from decomposition by 

interacting environmental controls, determining the response of soil C to future changes in 

climate—and thus its potential to drive climate feedbacks—remains a major challenge in 

understanding the global carbon cycle (Friedlingstein et al. 2006, Todd-Brown et al. 2013, 

Bradford et al. 2016). 

General relationships between average climate and SOC are well-described, but the 

physical processes that control the response of SOC to climate are poorly understood. For 

instance, mean annual temperature is positively correlated with soil respiration and 

negatively correlated with SOC stocks and mean residence times (Raich and Potter 1995, 

Jobbágy and Jackson 2000, Mathieu et al. 2015)—but the instantaneous temperature 

dependencies of microbial physiology and physical transport both contribute to these 

correlations, complicating prediction of SOC temperature response (Bradford et al. 2016). 

Similarly, decomposition is reduced at both low and high extremes of soil moisture 

(Davidson et al. 2012, Bauer et al. 2008)—but the functions that describe moisture response 

do not reflect specific biophysical controls, and thus can’t reproduce the response of SOC to 

rapid fluctuations in soil moisture (Xu et al. 2004, Manzoni et al. 2016). More generally, 

understanding the sensitivity of SOC to climate fluctuations is important because low-
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frequency, high-intensity events can have biological legacy effects (Yang et al. 2008), and 

may have an outsized role in elemental budgets over the long term (McClain et al. 2003).  

Ultimately, while it takes years to create significant changes in SOC stocks (Barré et al 

2010), the specific physical processes that control SOC turnover operate instantaneously, 

and in certain cases might be best-resolved at short timescales.       

Moisture fluctuations provide an excellent case for resolving mechanisms linking SOC 

and climate. Basic theoretical models of SOC moisture-response emphasize the limiting 

effects of substrate supply and oxygen availability on decomposition and microbial 

respiration at low and high soil moisture extremes (Skopp et al. 1990). However, the 

response of soil respiration to wetting events can vastly exceed expectations derived from 

steady-state models (Xu et al. 2004), and respiration pulses after wetting may add up to be a 

significant fraction of annual net ecosystem production (Xu et al. 2004, Kim et al. 2010, Lee 

et al. 2002). Identifying the sources that contribute to respiration after wetting is necessary 

for understanding the pulses themselves, but also for understanding how moisture 

fluctuations influence microbial access to SOC on a long-term basis (Schimel 2018). 

One possible source of C release after wetting may be microbial biomass. Drying and 

wetting may drive microbes to accumulate and then metabolize cellular C stores (Kaiser et 

al. 2015, Kieft 1987, Bottner 1985). In particular, wetting might force microbes to 

metabolize inducible osmolytes that they synthesize to withstand low water potentials during 

dry periods (Welsh 2000, Warren 2016, Schimel 2007). This hypothesis is supported by 

isotope labeling experiments, which have shown that a substantial fraction of the CO2 

respired after wetting is part of the microbial biomass before wetting (Bottner 1985, Fierer 

and Schimel 2003). If microbial cellular carbon is the primary source of C released after 
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wetting, this C may be primarily derived from relatively recently fixed plant C, which 

controls the abundance of microbial biomass within soil profiles (Xu et al. 2013).  

Alternatively, the source of C release after wetting may be extracellular SOC that is 

made available to microbes by the physical effects of wetting. Water extraction of dry soil 

yields more organic carbon than water extraction of moist soil (Lundquist et al. 1999, Guo et 

al. 2012, Homyak et al. 2018), indicating that wetting might temporarily increase C 

availability. Drying and wetting changes the nature of mineral surfaces and the bonds 

between soil minerals and organic matter (Kaiser et al. 2015, Todoruk et al. 2003). 

Furthermore, wetting events can mobilize relatively radiocarbon-depleted CO2 (Schimel et 

al. 2011, Borken et al. 2006), suggesting a contribution from a slow-cycling, mineral-

associated C source. Increased availability of mineral-associated SOC after wetting may 

explain how microbial biomass can be sustained or even grow over multiple cycles of drying 

and wetting (Miller et al. 2005, Xiang et al. 2008). 

The evidence thus supports two distinct possibilities: drying and wetting may mobilize 

microbial cellular C, or it may mobilize slow-cycling extracellular organic matter associated 

with minerals. Here I develop the hypothesis that these sources are not be mutually 

exclusive; rather, both sources may contribute to respiration after wetting. Determining the 

relative contributions of the two sources is crucial for understanding the influence of 

moisture fluctuations on the long-term availability of SOC. In particular, moisture 

fluctuations are strongly depth-dependent, and thus might influence SOC availability 

differently at different depths. 

The radiocarbon activity of SOC decreases with depth in virtually all measured soil 

profiles (Mathieu et al. 2015), indicating that the mean residence time of SOC is strongly 
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depth-dependent (Trumbore 2009, Mathieu et al. 2015).  The depth-distribution of plant 

inputs and clay minerals may partly explain this pattern (Fontaine et al. 2007, Lawrence et 

al. 2015)—but moisture fluctuations may be another control on the depth-dependence of 

SOC residence time. Specifically, high frequency and increased intensity of wetting events 

near the soil surface might periodically mobilize extracellular SOC and increase microbial 

metabolic capacity. In contrast, potentially bioavailable C might remain unavailable to 

microbes below the rooting zone of soils where moisture fluctuations are less frequent 

(Schimel 2018). Thus, the frequency of moisture fluctuations may be a direct physical 

control on the residence time of SOC.  

To evaluate these hypotheses, I first developed observational approaches to partition 

contributions of cellular and extracellular C to respiration after wetting. I identified major 

correlates of respiration pulses across a gradient of Californian grassland soils (Chapter 1). I 

then focused on the hourly-scale dynamics of respiration, soluble extracellular C, and 

microbial biomass chemistry in a single soil, using a numerical model to partition C fluxes 

after a wetting event (Chapter 2). Finally, I assessed the role of depth in determining 

microbial access to C by quantifying changes in microbial biomass, soluble C, and 

respiration potentials in subsurface soils that were translocated to the surface during an 18-

month field experiment (Chapter 3). By combining these observational, theoretical, and 

manipulative approaches, I aimed to understand transient response of soils to moisture 

fluctuations and evaluate the role of moisture fluctuations in controlling the response of SOC 

to changing climate. 
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I. Identifying Causes of Soil Respiration after Wetting across a 

Lithologic Gradient 

A. Abstract 

Soil respiration increases dramatically following wetting events. This respiration pulse 

has been attributed to two broad sets of mechanisms: microbial stress responses or C release 

from extracellular sources. We evaluated the relative importance of these two sets of 

mechanisms across a lithologic gradient, allowing variation in soil texture, mineralogy, and 

chemistry to create variation in the potential for microbial stress response and carbon 

subsidy. Across the lithologic gradient, cumulative CO2 release after wetting was correlated 

with both microbial biomass measured before wet-up and water-extractable organic carbon 

(WEOC), a proxy for the magnitude of carbon subsidy at wetting.  The dynamics of the 

wetting respiration pulse in surface soil were invariant across soils, and the relative 

abundance of C-rich compounds thought to play a role in microbial stress-adaptation—in 

particular trehalose—consistently decreased after wetting, suggesting consumption. Amino-

acids thought to function as osmolytes (proline, glutamate) consistently increased after 

wetting. In subsurface soil, microbial biomass was too scarce to account for the amount of C 

released during wetting. Subsurface respiration dynamics were highly variable across soils, 

and indicated that substantial microbial growth occurred when WEOC was abundant relative 

to microbial biomass. In aggregate, these results suggest that microbial stress physiology and 

carbon subsidy jointly contribute to the wetting respiration pulse and that their relative 

importance may vary with soil depth. While recycling of microbial carbon may dominate 
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individual wetting events, repeated wetting events have the potential to mobilize carbon that 

is otherwise unavailable, influencing long-term soil C persistence. 

B. Introduction 

Wetting of dry soil triggers a pulse of microbial respiration, elevating soil CO2 emissions 

over several days (Birch 1958). This pulse of respiration after wetting (“wetting respiration”) 

has been attributed to a variety of causes. Some explanations emphasize the role of microbial 

stress physiology, while others emphasize physical processes that enhance microbial access 

to soil organic matter (Borken and Matzner 2009, Kaiser et al. 2015; Schimel 2018). The 

relative importance of these potential causes of wetting respiration pulses is not well 

understood. Furthermore, differentiating these mechanisms across different soils is important 

given that repeated pulses of respiration can comprise a significant fraction of net ecosystem 

production (Xu et al. 2004, Kim et al. 2010, Lee et al. 2002), and thus might affect the long-

term capacity of soils to act as a sink for C. 

Carbon mobilized by wetting is proximately derived from microbial activity (Inglima et 

al. 2009), and the ultimate source of wetting-C may be the microbial biomass itself, which 

can be recycled and respired as microbes acclimate, die, and grow in response to wetting 

(“stress-response explanations”; Kaiser et al. 2015, Kieft 1987, Bottner 1985, Blazewicz 

2014, Warren 2016). Microbial stress-response explanations are supported by isotope 

labeling experiments, which have shown that a substantial fraction of wetting-C is part of the 

microbial biomass before wetting (Bottner 1985, Fierer and Schimel 2003).  

Wetting might generate CO2 by forcing microbes to metabolize and respire cellular 

constituents. In particular, wetting might mobilize C from inducible osmolytes: compounds 
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that microbes synthesize to withstand low water potentials during dry periods (Welsh 2000; 

Schimel 2018). After wetting, cells are expected to release or metabolize osmolytes to avoid 

osmotic shock (Schimel et al. 2007). Microbes synthesize a diversity of osmolytes in culture, 

including amino acids, amino-derivatives, sugars, and sugar alcohols (Imhoff 1986, Killham 

and Firestone 1984, Kempf and Bremmer 1998). However, evidence for osmolyte 

accumulation in soil is mixed, with some support from broad analyses (Warren 2016), but 

little support from compound-specific searches (Boot et al. 2013, Williams and Xia 2009, 

Kakumanu et al. 2013). 

Microbial stress response might also operate at the population level as cells die and are 

replaced during cycles of drying and wetting (Lund and Goksøyr 1980, Kieft 1987, 

Blazewicz et al. 2014). While net changes in microbial biomass following wetting may be 

relatively small, mortality can be balanced by rapid regrowth, which is detectable within 

hours after wetting (Blazewicz et al. 2014). The dynamics of growth and ribosomal RNA 

production post-wetting are phylogenetically constrained (Bapiri et al. 2010, Placella et al. 

2012, Barnard et al. 2013), which suggests that wetting respiration may emerge from a 

complex community-level response.  

Wetting may also mobilize extracellular organic C that is otherwise physically 

unavailable to microbes, fueling consumption and growth (“C subsidy explanations”; Kaiser 

et al. 2015, Sørenson 1974, Adu and Oades 1978, Xiang et al. 2008, Homyak et al. 2018). C 

subsidy explanations are well supported by observations of repeated wetting and drying 

cycles, which drive net growth of microbial biomass (Fierer and Schimel 2002, Xiang et al. 

2008), and can mobilize more C than can plausibly be attributed to recycling mechanisms 

alone (Scheu and Parkinson 1994, Miller et al. 2005). Furthermore, radiocarbon 
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measurements show that wetting can mobilize CO2 with a mean turnover time on the order 

of centuries (Schimel et al. 2011), even when soil CO2 sampled at the same site under static 

wet conditions is modern (Fierer et al. 2005), indicating that wetting links microbes with a 

pool of relatively less-available C. Mobilization of relatively less-available C might help to 

explain patterns of lagged microbial growth and respiration following wetting (Göransson et 

al. 2013). 

C subsidy explanations are also indirectly supported by measures of water-extractable 

organic C (WEOC), a proxy for bioavailable C availability. Dry soils typically yield more 

WEOC than soil under static moist conditions (Lundquist et al. 1999, Guo et al. 2012, 

Homyak et al 2018). WEOC might increase in dry soil because degradation of dead roots 

and other buried plant detritus may continue in the absence of microbial uptake (Miller et al. 

2005)—although root litter degradation appears to be negligible under dry conditions 

(Homyak et al. 2018). WEOC might also integrate microbial cellular constituents—

including osmolytes—that are released from the microbial biomass during wetting (Warren 

2016). Alternatively, WEOC might represent C that is associated with soil minerals: organic 

matter released from disruption of aggregates (Adu and Oades 1978, Kemper 1985, Denef 

2001), or C that is desorbed from mineral surfaces due to drying-induced shifts in ionic 

strength and pH (Kaiser et al. 2015, see Newcomb et al. 2017). 

Stress-response and C-subsidy explanations for wetting respiration are not mutually 

exclusive. Variation in the relative importance of the two sets of mechanisms may drive 

variation in both the magnitude and dynamics of wetting respiration across soils. The nature 

of this variation is largely unknown because studies of soil wetting typically involve detailed 

observation of at most a few soils (e.g. Fierer and Schimel 2002, Miller et al. 2005, 
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Göransson et al. 2013).  In this manuscript we address the following questions:  (1) What 

factors correlate with wetting respiration across different soils? And (2) can these 

correlations be used to infer the relative importance of stress-response versus C-subsidy? 

In general, we expect that the size of wetting respiration pulses should correlate with the 

dominant C source across different soils. If microbial stress response is the primary source of 

wetting-C, we hypothesize that total wetting respiration will scale with the amount of 

microbial biomass. Alternatively, if C-subsidy is the primary source of wetting-C, total 

wetting respiration will scale with the amount of mobilized C (i.e. WEOC). When the C-

subsidy is large relative to the microbial biomass, microbial populations will grow until 

available carbon is consumed. As a consequence, the dynamics of wetting respiration are 

likely to vary depending on the size of the pre-wetting microbial biomass and on the 

magnitude of C-subsidy, even if the total C released after wetting varies independently with 

each factor. 

We evaluated these hypotheses by quantifying correlations between wetting respiration, 

pre-wetting microbial biomass, and WEOC across a range of soils that varied in physico-

chemical properties. We sampled soil at two depths from 37 soil profiles that varied in 

parent rock composition, but were characterized by similar vegetation cover of exotic annual 

grasses and a similar climate within the Mediterranean portion of the California floristic 

province. By sampling soils formed from different parent materials, we varied soil clay 

content, mineralogy, and exchange chemistry—factors that affect the association between C 

and minerals, and thus the potential for C-subsidy. We incubated soils from the 

lithosequence under controlled conditions to quantify the magnitude and dynamics of 

wetting respiration, as well as shifts in the size and chemical composition of the microbial 
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biomass. Using this observational approach, we aimed to infer the mechanisms controlling 

wetting respiration. 

C. Methods 

1. Field Sites 

We sampled soils at seven sites across California selected to maximize variation in 

parent material while approximately constraining climate and biota (Table 1). All sampling 

was conducted in landscapes dominated by annual grass species (Avena spp., Bromus 

diandrus, Bromus hordeacus, Taeniatherum caput-medusae) with scattered oaks (primarily 

Quercus douglassii, with sub-dominant Quercus lobata and Quercus agrifolia). Rainfall and 

mean annual temperature varied to an extent across sites, but the climate at all sites was 

Mediterranean, defined by winter-spring rainfall, high summer temperatures, and virtually 

no summer rainfall. At some sites closed-canopy forest grows on cooler north-facing slopes 

(i.e. Hopland, Hastings), in which case sampling was restricted to south or east-facing slopes 

in grassy areas that supported Quercus douglasii. Whenever possible samples were collected 

at least three meters outside of the edge of an oak canopy. 

Individual sites could include more than one distinct parent material type, and when 

possible multiple parent materials were sampled within a site. At least three soil pits were 

excavated in each parent material, and within a given parent material individual soil pits 

were positioned at least 200 m apart (typically > 1000 m distant). Sampling locations were 

situated in convex or planar slope positions to avoid potential blending of parent materials 

that might occur in depositional areas. In general, soils were mapped as either Mollisols 

(Argixerolls and Haploxerolls) or Alfisols (Haploxeralfs), except in volcanic parent 
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materials, which were generally rocky and too poor in amorphous minerals to form Andisols, 

and thus overlain by Inceptisols (Haploxerepts) (Soil Survey Staff, 2017). 

2. Sampling Protocol 

Soil samples were collected during July of 2015 by excavating pits to a depth of 0.5 m. 

A-horizon soil was sampled at a fixed depth interval of 0-10 cm after removal of the litter 

layer, and deeper soil horizons (typically B or BC horizons) at a fixed depth of 40-50 cm. 

When a contact with hard rock occurred at a depth of less than 40 cm, soil was sampled at 

the deepest possible 10 cm interval overlying the rock, always below a depth of 25 cm. 

Depth intervals guided sampling rather than horizon boundaries in order to maximize 

contrast between surface and subsurface samples. Sampling took place during the dry 

season, and soil moistures in the field were low (typically <7%), even in deeper soil 

horizons. Soil samples were sieved through a 4 mm mesh in the field and soils were allowed 

to air-dry in the laboratory for several weeks prior to incubation. 

In addition to soil sampling, aboveground annual plant biomass was collected at each 

sampling site as an index of productivity during the growing season preceding sampling. 

Standing grass stems were sampled by hand in a 0.5m PVC quadrat. Standing litter was 

identified with the previous growing season based on stem color, although we could not 

totally exclude standing litter associated with previous seasons. After field sampling, 

aboveground plant biomass was oven dried at 60°C and weighed in the laboratory.  

3. Chemical and Physical Analyses 

Texture and water-holding capacity. Soil texture was analyzed via sequential wet sieving 

and sedimentation. Soil sub-samples were pretreated with sodium hexametaphosphate 



 

   12 

solution (37.5 g/l) and shaken for 12 hours at 140 rpm prior to texture measurement. Size 

fractions during sedimentation were assayed using the pipette method (Burt, 2004). Total 

water holding capacity was obtained by saturating subsamples of each soil with water in a 

paper filter placed in a conical funnel, and then allowing each sample to drain over 24 hours. 

Water holding capacity was then assumed to equal the gravimetric water content of the 

drained soil. 

Carbon fractions. Subsamples of each soil were ground to a fine powder by hand and 

quantified for total C and N by combustion using an elemental analyzer (Fisons NA1500). 

Inorganic C was quantified by measuring CO2 evolution following acid-digestion of finely-

ground soil in a sealed jar. The digestion reagent consisted of 1 M sulfuric acid in 5% ferric 

sulfate (Nelson and Somers 1996), and was injected through a rubber septum. Change in 

CO2 concentration in the jar was quantified using an infrared gas analyzer (LiCOR 

Biosciences Li820). 

Light-fraction and heavy-fraction organic C pools were separated by density using 

sodium polytungstate (SPT) at a density-cutoff of 1.6 g/cm3 (Cerli et al. 2012). The 1.6 

g/cm3 cm cutoff is highly effective at separating minerals from macroscopic plant detritus in 

California grassland soils (Lin et al. 2018). Density fractions were obtained by mechanical 

dispersion and centrifugation of 5 g soil samples in SPT. Light-fractions were collected on 

glass-fiber filters after two dispersion cycles, and both light and heavy-fractions were rinsed 

with DI water prior to drying and analysis. Total C in each fractions was analyzed with an 

elemental analyzer (Fisons NA1500). Total mass recovery was 101.9 ± 2.5 % (mean ± s.d.), 

recovery of C was 101.6 ± 9.45 % (mean ± sd). Total organic C and heavy-fraction organic 

C values were obtained by correcting for the contribution from inorganic C.   
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Soil chemical properties. Exchangeable cations (Ca2+, Mg2+, Na+, K+, and Al3+) were 

quantified by extraction with 0.1 M BaCl and analysis by ICP-OES (Perkin Elmer Optima 

7300DV). Samples were extracted for 2 hours on a reciprocal shaker, centrifuged for 10 

minutes, and then filtered to 0.45 um prior to analysis. Total effective cation exchange 

capacity was obtained by summing the molar charges of the BaCl extractable cations. 

Reactive iron and aluminum minerals were quantified by 0.1 M pH 3 ammonium oxalate 

extraction for two hours and analysis by ICP OES (Loeppert and Inskeep 1996). Soil pH was 

measured in a 1:1 water slurry using an electrode (Burt 2004). 

4. Incubation 

The lithosequence soils were subjected to a controlled cycle of drying and wetting in the 

laboratory over Fall-Winter of 2015-2016. To start the incubation, each soil was wetted to 

40% of its water-holding capacity and incubated in a sealed jar for 10 days. After the initial 

10-day preliminary incubation, the soils were exposed to the lab air and allowed to dry under 

ambient laboratory humidity for six weeks at 20°C. During the dry-down phase, soils were 

weighed to assess the rate of drying. All soils had reached a constant water content after 

three weeks, indicating that they equilibrated with the mean water potential of the laboratory 

air.  

After six weeks, sub-samples of the dry soils were placed in glass mason jars and wetted 

to 40% of their water holding capacity with deionized water. The jars were sealed and 

allowed to rest for 3 hours to allow for equilibration of water throughout the soil and to 

permit sequential capping and wetting of all jars. CO2 measurements were then made at 3, 6, 

27 and 51 hours after wet-up. CO2 concentrations were measured on small syringe samples 

collected through rubber septa and quantified using an infrared gas analyzer (LiCOR 
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Biosciences; Li820). After 51 hours the jars were opened and excess CO2 was vented to 

maintain headspace concentrations within the optimal analytical range of the gas analyzer. 

After re-sealing the jars, CO2 concentrations were quantified again at 144, 168, and 192 

hours after wetting.  

5. Respiration Indices  

We considered both the absolute magnitude of wetting respiration and several indices 

designed to describe wetting dynamics. To represent cumulative respiration after wetting 

(Rc), we calculated the total CO2-C evolved over the 3-51 hour period following wetting. To 

capture aspects of the shape of the wetting response, we calculated three ratios. First, we 

evaluated the degree of initial resource limitation after wetting by dividing the respiration 

rate 3-6 hours after wetting (Ri) by the substrate induced respiration (SIR) rate measured on 

pre-wetting soil (see below). Second, we evaluated the relative increase in respiration after 

wetting by dividing the mean rate over 6-27 hours post wetting (R1) by Ri. Third, we 

evaluated the relative magnitude of wetting respiration by dividing R1 by the rate 7-8 days 

after wetting (R7). 

6. Microbial Biomass 

We evaluated correlations between post-wetting respiration rates and microbial biomass 

using microbial biomass measurements made on dry soil, which we reasoned represent the 

amount of microbial biomass C and respiratory potential immediately before wet-up. We 

also evaluated net changes in microbial biomass after wetting, which might indicate net 

growth (indicative of C-subsidy) or net loss of biomass (indicative of stress-response 

mechanisms). Microbial biomass was quantified in subsamples of each soil pre-wetting after 



 

   15 

the soil had dried to a constant moisture content (after three weeks of dry-down), and again 

on a subsample of the soil used for CO2 measurements 8 days after the wetting event. We 

represented net changes in biomass by computing changes in the size of the microbial 

biomass between pre-wetting values and values measured 8-days after wetting. Total 

microbial biomass was quantified by two approaches: chloroform extraction (CE, Vance et 

al. 1987, Fierer and Schimel 2002, Setia et al. 2012), and substrate-induced respiration (SIR, 

West and Sparling 1986, Fierer et al. 2003).  

Chloroform extraction. CE was performed by adding 0.5 ml of chloroform to an 8 g sub-

sample of soil and extracting with 32 ml of deionized water on a reciprocal shaker for 4 

hours. Control extracts without chloroform were made in parallel, and total chloroform-

extractable C was obtained by difference. Deionized water was used because the control 

extracts doubled as extracts for quantifying WEOC. Deionized water and the more-typical 

weak salt solution (0.05M K2SO4) have similar CE yields (K. Marchus and E. Forbes, 

unpublished data). 

Extracts were sequentially filtered with glass-fiber filters followed by 0.45 um nylon 

filters to remove fine colloids prior to analyses of biomass chemistry (see below). CE 

extracts were analyzed for total organic C with a TOC analyzer (Shimadzu TOC-V, Kyoto, 

Japan). Separate blanks were analyzed for chloroform-amended and un-amended extracts 

and were used to correct the data for background organic C concentrations. We did not apply 

a correction factor to relate chloroform-labile C to actual biomass C to avoid assumptions 

related to the scaling factor; hence we report chloroform-labile C values rather than 

estimated total microbial biomass. 
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Substrate Induced Respiration. CE was effective in A-horizon soil where microbial 

biomass was relatively high, but it lacked sufficient sensitivity in deeper horizons with low 

biomass, consistently yielding near-zero or negative biomass values. We found that the SIR 

assay had a substantially higher sensitivity and precision than CE, and so we performed the 

SIR assay to obtain a measure of microbial biomass that applied well across both surface and 

subsurface soil samples. SIR was performed by agitating a slurry of soil and autolyzed yeast 

extract (12 g/L; 2:5 soil:liquid) in a sealed jar fitted with a rubber septum and measuring the 

rate of CO2 production over the period from 0.5-3 h. 

Biomass chemistry. We quantified chloroform-labile compounds that are thought to 

function as inducible osmolytes. Analyses were conducted on water extracts of chloroform-

amended soils (see above) and corrected for background concentrations in un-amended 

samples. When background concentrations were below the analytical detection limit (e.g. for 

mannitol) no correction was performed.  

Chloroform-labile total reducing sugars were quantified using a colorimetric microplate 

method (Fursova et al. 2012). Mannitol and trehalose were quantified using commercial 

colorimetric kits based on compound-specific enzyme reactions (Sigma Aldrich, St Louis, 

MO; Megazyme Inc, Bray, Ireland). All colorimetric analyses were conducted on a 

microplate reader (Tecan Infinite M200, San Jose, CA). A suite of 17 amino acids were 

quantified by high pressure liquid chromatography (Waters Acquity UPLC, Milford, MA). 

7. Statistical Analysis 

Partial correlations. We explored correlations between Rc and soil biological and 

physicochemical measures using partial correlation analysis. Partial correlation analysis 
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quantifies relationships between two variables while controlling for correlations with a 

larger set of covariates (Legendre and Legendre 1998). We tested correlations between Rc 

and each variable while controlling for all other variables simultaneously. We used a similar 

approach to explore correlations between WEOC and soil physiochemical variables. We 

excluded variables that were linear combinations of other variables (e.g. total organic 

carbon, which effectively equals heavy-fraction organic carbon plus light-fraction organic 

carbon). 

Mixed-effects models. To evaluate correlates of Rc, we incorporated WEOC, SIR 

biomass, and additional variables selected using partial correlation analysis into a mixed-

effects model. The model was specified to account for non-independence of observations 

within sites and between surface and sub-surface samples within individual soil profiles. 

Mixed effects models were coded with nested random-intercept terms accounting for site 

and soil pit, and were fit using the R package lme4 (Bates et al. 2015). Models were fit using 

maximum likelihood, and p values for individual variables were assessed by using ANOVA 

to compare the full model with a reduced model in which the variable was omitted. Model fit 

was assessed by computing the marginal R-squared, which accounts for variance explained 

by fixed effects alone, and the conditional R-squared, which includes random effects 

(Nakagawa and Schielzeth 2013, Lefcheck 2016). When testing model terms, we compared 

values of the Akaike information criterion (AIC, Akaike 2011), which we used to assess the 

information gain from additional predictors. We fit the mixed effects models across all soil 

samples with sampling depth initially included as a fixed-effect covariate. This allowed us to 

test for latent effects purely related to sampling depth that were not captured by other 

measured covariates. 
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Changes in biomass composition. We evaluated net changes in microbial biomass size 

and composition after wetting by computing changes in the size of the microbial biomass 

between pre-wetting values and values measured 8-days after wetting. Changes in bulk 

microbial biomass and biomass constituents were evaluated by computing the relative 

change: 

Relative change = 100*(dry soil value-wet soil value)/(dry soil value) 

We evaluated the statistical significance of changes by applying a paired Mann-Whitney test 

to compare dry-soil and wet-soil concentrations. P values were adjusted by using a 

Bonferroni correction to account for multiple comparisons. 

D. Results 

1. Lithosequence Soil Properties 

Some soil properties—in particular soil texture—varied substantially across the 

lithosequence. Clay content ranged from 6%-54%. Clay-poor soils tended to form over 

coarse-sedimentary facies and granitic parent materials, while volcanic and ultramafic parent 

materials tended to support clay-rich soils. The exchangeable cation pool was dominated by 

Ca and Mg, and the Ca:Mg ratio tended to be lowest in ultramafic and marine sedimentary 

parent materials. Soil pH ranged from 5.0-8.2. Sedimentary and granitic parent materials 

were associated with low pH values, while basalts and other volcanoclastics were associated 

with values in the pH 5-6 range, and ultramafic rocks with values in the pH 7-8 range. 

Other soil properties did not vary substantially across the lithosequence. In particular, 

exchangeable aluminum values were very low even in relatively acidic soils. Similarly, 

while oxalate-extractable Fe and Al varied to some extent across the lithosequence, 
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abundances of Fe-ox and Al-ox were low in general, never exceeding 1 % of the soil mass. 

Total organic C ranged from 1.37 % to 3.36 % in surface samples and from 0.38 % to 1.55 

% in subsurface samples. 

2. Wetting Incubation 

Partial correlation analysis revealed positive relationships between cumulative wetting 

respiration (Rc), pre-wetting SIR biomass and WEOC, and a negative relationship between 

Rc and clay content (Table 2). Pre-wetting SIR biomass was strongly positively related to Rc 

when controlling for all other variables. Similarly, WEOC and Rc were positively related 

after controlling for all other variables (Table 2). However, the relationship between pre-

wetting SIR and Rc was entirely driven by surface soil samples, while in the subsurface 

samples pre-wetting SIR biomass showed no relationship with Rc (Fig 1a). In contrast, 

WEOC concentrations varied widely in both surface and subsurface samples, and showed a 

weak relationship with Rc at both depths (Fig 1b). Clay content was negatively correlated 

with Rc at both depths (Fig 1c).  

We combined pre-wetting SIR, WEOC, and clay content in a multivariate mixed-effects 

model to assess their joint relationship with Rc. All three variables were statistically 

significant contributors to the model (SIR: p<0.001, χ2 = 83.28, WEOC: p < 0.001, χ2 = 

14.34; clay p < 0.001, χ2 = 13.52). We also tested oxalate extractable aluminum in the 

model based on its performance in the partial correlation analysis, but found that it did not 

significantly improve model fit (p = 0.12, χ2 = 14.34). We tested for latent effects of 

sampling depth by including sampling depth in the model, and discovered that depth did not 

contribute significantly to the model (p =0.64, χ2 =0.24). Finally, we tested for significant 

first-order interaction effects between WEOC, SIR and clay content and found no 
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interactions that satisfied a probability threshold of p=0.05, indicating that WEOC, SIR and 

clay likely have independent, non-interacting relationships with Rc. The final model 

including SIR, WEOC, and clay content yielded a marginal R-squared 0.85 and a conditional 

r-squared of 0.86. The variance associated with random effects associated with soil profile 

was 5.676, variance associated with sampling site was equal to zero, and residual variance 

was 47.377. This indicated that most of the variation in Rc could be explained by fixed 

effects with little to no contribution from site- or profile- level random effects.  

3. Respiration Dynamics 

Respiration dynamics—i.e. the shape of the wetting respiration curve over time—were 

virtually identical in all surface samples, but varied among subsurface samples (Fig 2a). 

Respiration from surface soils was highest during the initial measurement interval (3-6 hr 

after wetting) and then declined monotonically. In contrast, respiration in some subsurface 

soils remained high or increased over the first 24 hours after wetting (Fig 2b). This pattern is 

characteristic of lagged microbial growth dynamics, which include an initial period of 

resource-insensitive respiration followed by a burst of microbial growth and delayed 

respiration (Görranson et al. 2013). 

We reasoned that lagged respiration dynamics ought to (1) be associated with increases 

in microbial biomass over the course of the wetting event, and (2) ought to be most dramatic 

when resource availability (approximated by WEOC) was high relative to the amount of 

microbial biomass. To evaluate these ancillary hypotheses, we examined relationships 

between respiration dynamics, changes in SIR biomass after wetting, and the ratio 

WEOC:SIR, which we assumed would reflect the availability of resources relative to 

microbial demand. 
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First, we considered the ratio of the respiration rate 3-6 hours after wetting (Ri) to the 

theoretical maximum respiration rate defined by the SIR biomass measurement (Ri/SIR) to 

capture the degree of resource-sensitivity shortly after wetting. The ratio Ri/SIR approached 

the theoretical maximum value of 1 in some subsurface soil samples, particularly when the 

ratio WEOC:SIR was large (Fig 3a). The ratio Ri/SIR was not clearly related to changes in 

SIR biomass after wetting (Fig 3b). 

Second, we considered the ratio of the average respiration rate over 6-27 hours post-

wetting (R1) to Ri, which captures potential increases in respiration over the first day after 

wetting. In some subsurface soils (R1/Ri) exceeded 1, indicating a delayed increase in 

respiration after wetting. Values of R1/Ri greater than 1 appeared to be more common when 

WEOC:SIR was large (Fig 3c). Furthermore, larger values of R1/Ri were associated with 

increases in microbial biomass following wetting (Fig 3d). 

Finally, we considered the relative magnitude of wetting respiration by dividing R1 by 

the average respiration rate 7-8 days after wetting (R7). The relative size of the pulse was 

greatest in subsurface soil with a high WEOC:SIR ratio (Fig 3e) and tended to be greatest in 

soils that supported an increase in SIR biomass after wetting (Fig 3f). 

4. Chloroform-Extractable Biomass 

Chloroform-extractable microbial C was generally undetectable in subsurface samples, 

but was detectable in surface samples. We used chloroform C values from surface to confirm 

the correlation between microbial biomass and Rc in these soils. Chloroform-extractable C 

was linearly related to the SIR rate (CHCl3-C = 16.72*SIR + 16.79, R2 =  0.52, p <0.001). 

Rc and chloroform-extractable C sampled from dry soil were relatively well correlated 
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(Pearson’s R = 0.78, p<0.001), and on-average Rc was equal to 36% of the chloroform 

extractable C pool. This indicated that the relationship between Rc and microbial biomass 

was robust regardless of which measure of biomass was employed. 

While bulk measures of microbial biomass in surface soils varied between the pre-wet 

sampling point and samples taken 8 days after wetting, on average bulk biomass did not 

change significantly after wetting. Measures of bulk microbial biomass that did not change 

consistently in the A-horizon samples included SIR biomass, chloroform extractable C, and 

chloroform extractable N (Fig 4).  Amino acids all tended to become more concentrated in 

biomass extracted from wet soil (Fig 4). This was true of putative amino-acid osmolytes 

proline and glutamate, but also true of the four next most abundant amino acids after 

glutamate (glycine, alanine, asparagine, and leucine). Amino acids comprised a small 

fraction of the chloroform extractable C pool: the most abundant, glutamate, comprised 4% 

of dry-soil extractable C, and no other amino acid exceeded 1%. C-rich metabolites, 

including the non-reducing sugar trehalose, mannitol, and the total reducing sugar pool 

tended to decrease after wetting, but only trehalose decreased consistently (Mann-Whitney p 

<0.001). Mannitol comprised less than 1 % of extractable C on average. In contrast, reducing 

sugars and trehalose each comprised an average of 22% of chloroform-extractable C. 

5. Water Extractable Organic C 

Partial correlations revealed that WEOC was positively related to aboveground plant 

biomass and total light-fraction C, and weakly negatively related to exchangeable aluminum 

and oxalate extractable iron (Fe-ox)—a measure of reactive iron mineral content (Table 3). 

While WEOC was more strongly correlated with the light-fraction C than heavy-fraction C, 

WEOC was present in subsurface samples that had virtually no light fraction component 
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(Fig 5a-c). Thus, we developed an ancillary hypothesis that WEOC might consist of 

contributions from both light fraction and heavy fraction C, and investigated controls on the 

amount of WEOC relative to the amount of heavy-fraction C. This led us to discover that the 

amount of WEOC per unit heavy-fraction C was negatively related to the logarithm of Fe-

ox, a measure of iron associated with amorphous mineral phases (Fig 6a).  

We tested a mixed-effects model that incorporated the two strongest predictors of 

WEOC revealed by partial correlation analysis (light-fraction C and aboveground plant 

biomass), plus the apparent interaction between heavy-fraction C and Fe-ox. The full mixed-

effects model thus included light fraction C, aboveground plant biomass, heavy-fraction C, 

and an interaction term between heavy-fraction C and Fe-ox (log-transformed). All variables 

contributed significantly to the model (LF C p<0.001, χ2 = 25.12; Biomass p =0.007, χ2 = 

7.05; HF C p = 0.01, χ2 = 5.0; HF C / log10(Fe-ox) p<0.004, χ2 = 8.21). There was no 

significant effect of sampling depth (χ2=0.05, p=0.81). The marginal R2 and the conditional 

R2 were both equal to 0.57, and variance associated with both random effects was equal to 

zero. However, in testing the significance of terms in the model, we discovered that simpler 

models which included subsets of the predictors yielded AIC values that were similar to the 

AIC value obtained by the full model. In particular, omitting aboveground biomass from the 

model yielded a simpler model with an AIC of 550.9, versus an AIC of 545.9 for the full 

model. Similarly, omitting heavy-fraction C and the interaction with Fe-ox yielded a simpler 

model with an AIC of 550.5. Differences in AIC less than 10 are too small to reliably infer 

increases in model parsimony (Burnham and Anderson 2003). We thus concluded that a 

multivariate model was likely too complex to be supported by the data. 

E. Discussion 
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Our results demonstrate that both microbial stress response and mobilization of 

extracellular C contribute to wetting respiration pulses, and that the relative contributions 

vary by depth. Across the lithosequence, both microbial biomass and WEOC were correlated 

with wetting-C. A correlation between wetting-C and microbial biomass is consistent with 

stress-response explanations for wetting respiration, which imply that the amount of C 

released after wetting should scale with the pre-wetting size of the microbial biomass. 

However, the correlation between wetting-C and WEOC is consistent with C-subsidy 

explanations, which imply that wetting respiration should scale with extracellular C 

availability. Given that microbial biomass and WEOC appear to be independent, non-

interacting predictors of wetting-C, the patterns of correlation across the lithosequence 

suggest that both stress-response and C subsidies are involved in wetting respiration. 

Furthermore, shifts in microbial biomass chemistry and the timing of respiration dynamics 

reinforce the interpretation that both stress-response and C-subsidy mechanisms are 

contributors to wetting respiration. 

1. Stress-response explanations 

In surface soil, microbial biomass was abundant enough to potentially supply all of the 

wetting-C: total C released after wetting averaged 36% of the chloroform-extractable C pool. 

Furthermore, although we did not observe net changes in total microbial biomass before 

versus after wetting in surface soil, we did observe consistent shifts in the chemical 

composition of the biomass: C-rich metabolites decreased while amino acids increased after 

wetting.  

Some of these shifts—in particular the decrease in the sugar trehalose—were consistent 

with the hypothesis that microbes synthesize osmolytes to survive dry periods, and that these 
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can be used my microbes after wet up. Our data align well with a previous study that 

evaluated sugars as potential osmolytes (Warren 2016). By contrast, proline and glutamate—

which are also thought to function as osmolytes (Welsh 2000, Schimel 2018)—did not 

accumulate in dry soil. This finding corroborates existing data from one of our field sites 

(Boot et al. 2013). A large array of compounds are thought to function as inducible 

osmolytes, but many of these compounds have multiple functions (Welsh 2000). It is thus 

unsurprising that evidence for osmolyte accumulation is compound-specific.  

Given the diversity of potential osmolytes, it is challenging to evaluate their total 

contribution to cellular water potential. However, we can consider the role of trehalose 

alone, given a rough estimate of the volume of water in microbial cells. We estimate that the 

average water-volume in microbial biomass in surface soils was 0.92 ul H2O g soil-1 using 

measured chloroform flush-C values scaled by a factor of 0.45 (Joergensen 1996), and a 

factor of 2.8 nl H2O ug biomass C-1 (Manzoni et al. 2014, Bratbak and Dundas 1984). Given 

this estimate, cellular trehalose concentrations in dry soil averaged 0.25 M, which 

corresponds to an osmotic potential of -603 kPa. This value is higher than total water 

potentials estimated from a subset of the lithosequence soils before wet up, which ranged 

from -2.1 to -8.2 MPa. Thus, despite the fact that trehalose comprised 20% of chloroform 

extractable C on-average, trehalose alone could not balance the low water potentials during 

the incubation.  

Compounds like trehalose may not be sufficient to maintain normal cellular function in 

dry soil, but they may have other roles in helping microbes to survive drought. For instance, 

trehalose is a highly-effective molecular stabilizer that reduces the free energy of protein 

denaturation (Kaushik and Bhat 2003) and maintains function of core metabolic enzymes 
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during dehydration (Sampedro et al. 1998, Sun and Davidson 1998). Trehalose and other 

compounds might function as “osmo-protectants” rather than osmolytes, allowing microbial 

cells to survive extremely dry conditions while minimizing damage to enzymes and other 

cellular machinery (Schimel 2018). 

Consistent changes in biomass chemistry after wetting may also be attributed to 

biological processes that are not directly related to osmoregulation. For instance, the 

enrichment of amino acids we observed in wet soil might result from increased rates of 

protein synthesis associated with microbial growth after wetting (Boot et al. 2013, see 

Placella et al. 2012). We have no way of evaluating these processes with the available data. 

Regardless, changes in biomass chemistry are likely to incur respiratory costs. In this sense, 

consistent shifts in biomass chemistry provide generalized support for the idea that wetting 

drives recycling of microbial biomass. 

If recycling of microbial biomass occurs after wetting, it can be expected to influence 

respiration dynamics after wetting, especially in biomass-rich surface soil. Respiration 

dynamics in surface soil did not vary across the lithosequence, rather they all followed a 

distinctive pattern of rapid increase followed by monotonic decline. This suggests that a 

common set of processes controls respiration dynamics when the microbial biomass is large 

relative to the amount of available extracellular C—regardless of soil properties. Monotonic 

decline of respiration after wetting may reflect depletion kinetics as cellular C pools 

involved in stress response (e.g. osmolytes or osmo-protectants) are metabolized. Along 

these lines, patterns of 13CO2 evolution after wetting in the field indicate that microbial 

biomass C—which is expected to be 13C enriched—may dominate during the early phases of 

the wetting respiration pulse (Unger et al. 2010). Furthermore, the initial flush of CO2 after 
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wetting can be decoupled from DNA replication (Ioveno and Bååth 2008, Göransson et al. 

2013). These facts seem consistent with the idea that the initial stages of wetting respiration 

reflect depletion of an endogenous microbial C pool, but might not necessarily be linked to 

growth. 

2. C-subsidy Explanations 

Although microbial biomass recycling might explain most of the wetting respiration 

pulse in surface soil, it does not seem a plausible explanation in subsurface soil, where 

microbial biomass C is low. In contrast, WEOC is abundant in subsurface soil, and might 

represent extra-cellular sources of C that act as the ultimate fuel for microbial growth and 

associated respiration.  

The dynamics of respiration after wetting at depth strongly suggest that WEOC 

represents fuel for microbial growth. In subsurface soil with abundant WEOC and scarce 

biomass, respiration after wetting was initially resource-insensitive, and then increased over 

time to exceed the theoretical maximum set by the SIR assay. Similar patterns of delayed 

respiration have been associated with bacterial DNA replication, which can undergo a 

distinct lag-phase after wetting (Göransson et al. 2013, Meisner et al. 2015). Our data 

corroborate the association between delayed respiration and microbial growth: WEOC-rich 

soils experienced lagged respiration dynamics, and also tended to show an increase in SIR 

over the week following wetting. In aggregate, this shows that WEOC predicts the potential 

for microbial growth response—with the caveat that this response is only detectable when 

the initial biomass pool is relatively small.  
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While the respiration dynamics support the idea that WEOC is a proxy for C-availability, 

the origin of WEOC remains unclear. WEOC may be partly—but not completely—

comprised of soluble organics derived from light-fraction detrital material, which was the 

strongest predictor of WEOC concentrations across the lithosequence. This stands in 

contrast to the results of a field manipulation at one of our sites, in which plants were 

removed for over a year and WEOC concentrations increased in the absence of new litter 

inputs (Homyak et al. 2018). However, it seems consistent with the fact that annual plant 

detritus is rich in soluble C that might contribute to WEOC (Boyer and Groffman 1996). 

These facts are not mutually exclusive: soluble components of plant litter might contribute to 

WEOC, even while the integrated effects of plant removal may be to mobilize soluble C 

from non-litter C pools and drive a net increase in WEOC concentrations. 

Plant detritus cannot be the only proximate contributor to WEOC across the soils we 

sampled. We found that light-fraction C is scarce in subsurface soil, but that a substantial 

WEOC pool still exists in the sub-surface. This fact can be explained in two ways: (1) 

WEOC may integrate soluble C that has been leached from the surface into deeper horizons, 

or (2) WEOC includes a contribution from mineral-associated C that is mobilized in-situ. 

The first explanation seems consistent with a correlation we identified between WEOC and 

aboveground plant biomass. Presumably, increased productivity at the surface would 

translate into increased production of root exudates and litter degradation products, which 

might be transported into deeper soil horizons. Alternatively, WEOC in subsurface horizons 

could be derived from older, mineral-associated soil organic matter. This possibility seems 

more consistent with WEOC radiocarbon contents in a California grassland similar to those 
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we sampled in this study, which indicated that WEOC at depth has a mean residence time 

that is similar to the bulk soil organic matter (Sanderman and Amundson 2008).  

We could not identify a correlation between bulk C content and WEOC at depth, but we 

did find that the amount of WEOC was weakly negatively related with the amount of 

amorphous iron (Fe-ox), and Fe-ox appeared to influence the amount of WEOC relative to 

the amount of heavy-fraction C. Thus, the amount of Fe-ox may influence the fraction of the 

bulk C that can be mobilized as WEOC at depth. It seems plausible that WEOC 

concentrations might be suppressed by the presence of Fe-ox, which is reactive and has a 

high capacity to immobilize C (Torn et al. 1997, Kramer et al 2012). The relationship 

between WEOC and Fe-ox might be stronger outside of the semi-arid climate that defined 

our sampling design: under semi-arid conditions, amorphous Fe minerals are relatively 

scarce (Chadwick et al. 2003, Graham and O’Geen 2010), and so we expect their overall 

effect would be greater in humid climates. 

Regardless, the presence of WEOC in low-biomass subsurface soil raises important 

questions: if WEOC represents a bioavailable carbon pool, how does WEOC persist without 

being totally consumed by microbes? What is it about wetting that makes WEOC available? 

Answering these questions is complicated by the fact that WEOC may only approximate the 

carbon that is actually bioavailable in situ. Water extracts can yield C that is substantially 

older than tension-lysimeter samples of soil pore water (Sanderman and Amundson 2008), 

which indicates that extraction mobilizes C that would be unavailable in intact soil. In 

particular, clays impose diffusional constraints that limit the rate at which microbes can 

access C in small pores (Mayer et al. 2014). Water extraction can be expected to measure 

some C that is unavailable to microbes due to diffusional constraints because extraction 
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disperses aggregates, potentially exposing C trapped in pores to dissolution. This may 

explain why clay content was not a significant predictor of WEOC concentrations, even 

though it was related to wetting respiration across the lithosequence. 

Even so, the effects of wetting may not be entirely dissimilar from water extraction. 

Mass flow during wetting events might redistribute bioavailable C, partially eliminating 

spatial constraints that make C less-available to microbes (Manzoni et al. 2014). Particularly 

in deep soil, low microbial cell densities may mean that bioavailable C goes unused because 

microbes never encounter enough of any particular compound to invest in assimilatory 

capacity and grow (Schimel 2018). Water extraction might quantify the sum of these 

potentially useable compounds, while wetting events temporarily raise the effective 

availability of these compounds by alleviating diffusional constraints. 

This interpretation implies that the nature of wetting may affect the potential or C-

subsidy: fast wetting events may drive mass-flow and redistribution, while slower wetting 

events may not have this effect. In our laboratory incubation we subjected all soils to a 

relatively severe cycle of drying and abrupt wetting. Wetting of dry soil in the field—

especially at depth—is likely to occur slowly via capillary flow. The patterns we observed 

are thus unlikely to apply directly to natural systems, where the rate and direction of wet-up 

can influence the amount of C mobilized during wetting events (Smith et al. 2017). 

However, the basic mechanisms we identify likely still apply in the field, in that wetting 

respiration may still scale with both microbial biomass and measures of C availability. In 

any given wetting event, the bulk of wetting respiration might be derived from recycling of 

microbial biomass—but some amount of C-subsidy occurs, adding to wetting respiration and 

re-supplying C that might become part of microbial biomass in the next cycle. 
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F. Conclusions 

Our data support the interpretation that wetting respiration can be derived from both 

recycling of microbial biomass and from C-subsidy. In surface horizons where microbial 

biomass is plentiful, recycling of microbial biomass may be the dominant contributor to 

wetting-C in our study system. In deeper soil horizons the contribution from recycling of 

microbial biomass is necessarily small, and respiration dynamics follow a lagged pattern 

characteristic of microbial growth. 

Respiration due to C subsidy may be masked in surface soil or at the soil-profile scale in 

the field when microbial biomass is abundant. However, C subsidy mechanisms may operate 

simultaneously and provide a fraction of wetting-C and resupply C lost from the biomass 

during any single wetting cycle. The fraction of wetting respiration derived from C-subsidy 

mechanisms could be especially important if wetting mobilizes old, mineral associated C 

(Schimel 2018). To the extent that wetting drives C subsidy, it might represent an important 

linkage between fast-cycling microbial biomass and relatively slow-cycling mineral 

associated C pools that dominate a soil’s capacity to sequester C over the long-term.
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Figure 1. Cumulative respiration 3-51 hours post-wetting (Rc). Panel (a) shows Rc versus 
SIR, the substrate induced respiration rate; panel (b) shows Rc versus WEOC, or water 
extractable organic carbon; panel (c) shows Rc versus clay %. Surface soil samples are 
shown as gray diamonds, subsurface are shown as white circles. Partial Pearson correlation 
coefficients between Rc and each variable are shown in each panel. 
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Figure 2. Average relative wetting respiration over time. Rates are normalized by the 
respiration one week after wetting to emphasize dynamics rather than absolute magnitudes. 
Symbols show medians an error bars show 25th and 75th quantile’s. Panel (a) shows relative 
respiration over time in surface and subsurface soils, while panel (b) subdivides subsurface 
soils with respirations that either decreased or increased after 3-6 hours post wetting. 
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Figure 3. Indices of wetting respiration dynamics. Panels (a) and (b) show the initial 
saturation-state of the microbial biomass represented by the rate 3-6 hours after wetting (Ri) 
divided by the pre-wetting SIR rate. Panels (c) and (d) show the rate 6-27 hours after wetting 
(R1) divided by Ri. Panels (e) and (f) show the R1 divided by the rate after seven days, R7. 
Indices in the first column of plots (a,c, and e) are shown versus the ratio WEOC:SIR, and 
indices in the second column of plots (b,d,and f) are shown versus the fold-change in 
biomass after wetting, i.e. SIR measured on dry soil versus SIR measured 8 days after 
wetting. 
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Figure 4. Changes in microbial biomass constituents after wetting. Box plots show the 
relative change in each measure of microbial biomass after wetting. All data are from surface 
soils. Significance codes indicate results of Mann-Whitney tests: * = p<0.05, ** = p < 0.01, 
*** = p< 0.001. 
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Figure 5. Relationship between WEOC and organic C fractions. Panel (a) shows WEOC 
versus total organic C, panel (b) shows WEOC versus light-fraction C, and panel (c) shows 
WEOC versus heavy-fraction C. 
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Figure 6. Ratio of WEOC to heavy-fraction C versus Fe-ox. Panel (a) shows WEOC 
divided by heavy-fraction C versus oxalate extractable Fe, panel (b) shows the same 
relationship with Fe-ox shown log-transformed. 
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Site MAT (°C) MAP (mm) Parent materials sampled n pits 

Sierra Foothill Research 
and Extension Center 

16 879 Seafloor basalt. 3 

Sedgwick Reserve 16.7 398 Sandstone; Serpentinite; Shale-
derived conglomerate. 

9 

Dye Creek Preserve 16.6 751 Basalt and mixed 
volcanoclastics. 

3 

Hopland Research and 
Extension Center 

14.6 1223 Sandstone. 3 

McLauglin Reserve 14.6 981 Mudstones and sandstones; 
Basalt; Sepentinite. 

9 

Hastings Natural History 
Reservation 

14.5 607 Granodiorite; Basalt. 7 

Blue Oak Ranch Reserve 14.6 578 Sandstone. 3 

 
Table 1. Field sites. Mean annual temperature (MAT) and Mean annual Precipitation 
(MAP) are 30-year means (1981-2010) obtained from PRISM at 4 km resolution (PRISM 
2018). 
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Variable Partial R 

SIR 0.52*** 

WEOC 0.42*** 

Clay % -0.42*** 

NH4-oxalate Al -0.39** 

NH4-oxalate Fe 0.3* 

Exchangeable Al -0.26* 

pH -0.25* 

Heavy-fraction C -0.15 

Light-fraction C 0.15 

ECEC 0.11 

Exchangeable Ca -0.07 

Exchangeable Mg -0.04 

 
Table 2. Partial correlation coefficients relating Rc to select variables. Partial Pearson’s 
R coefficients represent correlation between Rc and each variable while controlling for all 
other listed variables. Significance codes: * = p<0.05, ** = p < 0.01, *** = p< 0.001. 
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Variable Partial R 

Light-fraction C 0.38* 

Aboveground biomass 0.34* 

NH4-oxalate Fe -0.26* 

Exchangeable Al -0.26* 

Heavy-fraction C -0.14 

pH -0.09 

Clay % 0.07 

Exchangeable Mg -0.06 

Exchangeable Ca -0.05 

ECEC 0.05 

SIR 0.01 

NH4-oxalate Al 0.01 

 
Table 3. Partial correlation coefficients relating WEOC to select variables. Partial 
Pearson’s R coefficients represent correlation between WEOC and each variable while 
controlling for all other listed variables. Significance codes: * = p<0.05, ** = p < 0.01, *** = 
p< 0.001. 
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II. Partitioning Sources of CO2 Emission after Soil Wetting using High-

resolution Observations and a Simple Model 

A. Abstract 

Wetting a dry soil typically triggers a pulse of microbial respiration. Respiration pulses 

after wetting can be complex, evolving through several stages before subsiding—possibly 

reflecting contributions from multiple C sources. We hypothesized that respiration after wet-

up combines C from cellular osmo-protectant compounds and soluble extracellular C made 

available by the physical effects of wetting, with osmo-protectants contributing early during 

the pulse and extracellular C dominating later. We tested this hypothesis by making high 

temporal-resolution measurements of soil respiration, microbial biomass chemistry, and 

water extractable organic carbon during a soil wetting event. We devised a simple 

microbially-explicit model to fit the data. The model revealed that wetting respiration 

dynamics in A-horizon soil can be explained by fast mobilization of the sugar trehalose from 

microbial biomass, combined with slower consumption of extracellular soluble C.  
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B. Introduction 

Drought suppresses soil biological activity, reducing diffusive transport and separating 

microbes from resources, while simultaneously imposing low water potentials that can be a 

physiological stress to microbes (Manzoni et al. 2012, Schimel et al. 2007, Stark and 

Firestone 1995). After dry soil is wetted, there is typically a rapid pulse of biological activity 

and elevated respiration as microbes access C made available by wetting (Navarro Garcia et 

al. 2012, Kaiser et al. 2015, Schimel 2018, Homyak et al. 2018). But microbes must also 

adjust their physiology, potentially releasing carbon as they metabolize C-rich compounds 

associated with acclimation to dry conditions (Fierer and Schimel 2003, Warren et al. 2016). 

Consequently, pulses of elevated respiration observed after wetting likely represent a 

complex biological response, blending extracellular C made available by wetting with 

cellular C (Chapter 1). The dynamics of respiration after wetting exhibit distinct phases 

(Göransson et al. 2013), raising the possibility that hourly-scale timing of respiration might 

be used to infer contributions of cellular and extra-cellular C sources over time. 

In the initial hours following wet-up, respiration rates often increase rapidly and then 

decline monotonically before microbial growth begins (Göransson et al. 2013). One 

candidate source for this initial flush of C is microbial cellular material—in particular 

osmolytes that microbes synthesize to maintain cellular water potentials, or more broadly 

defined “osmo-protectants” that preserve core enzyme function during desiccation (Fierer 

and Schimel 2003, Warren 2016, Chapter 1). Osmo-protectant compounds are likely found 

inside or in close proximity to cells that activate after wet-up, and are typically low 

molecular weight compounds that might be rapidly metabolized after wetting (Welsh 2000, 

Schimel et al. 2007). While some classes of osmo-protectants may not accumulate in the 
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field (Boot et al. 2013, Kakumanu et al. 2013, Williams and Xia 2009), simple mono- and 

di-saccharides do appear to accumulate and might account for CO2 released after wetting 

(Warren 2016, Chapter 1). For instance, concentrations of the sugar trehalose in microbial 

biomass consistently declined after wetting in a range of California grassland soils, 

suggesting consumption (Chapter 1). 

Later stages of the wetting respiration pulse may coincide with DNA replication (Ioveno 

and Bååth 2008, Göransson et al. 2013). In extreme cases, the maximum respiration rate can 

be delayed more than 24 hours after severe or prolonged drought stress (Meisner et al. 2015, 

Meisner et al. 2017). This pattern of delayed respiration is indicative of a lag-phase: a period 

during which microbes are physiologically active, but not growing (Pirt 1975). The duration 

of the lag phase depends on the stress-history of the microbial biomass (Meisner et al. 2017). 

However, the potential for delayed respiration pulses is also resource-dependent: delayed 

respiration pulses are most pronounced in soils that yield a large amount of water extractable 

carbon (WEOC) relative to the size of the microbial biomass (Chapter 1).  

WEOC yields are higher from dry soil than from wet soil, perhaps because wetting 

disrupts organo-mineral interactions, mobilizing water-soluble C and making it available to 

microbes (Denef 2001, Homyak et al. 2018, Schimel 2018). The exact physical drivers of C 

release on wetting are the subject of varied speculation (Kaiser et al. 2015). Regardless, a 

“C-subsidy” after wetting could compensate for any C losses due to microbial stress-

response or death, allowing microbes to maintain stable populations or even grow over 

multiple cycles of drying and wetting (Miller et al. 2005, Xiang et al. 2008).  

Comparative observations of wetting respiration dynamics support the idea that different 

C sources contribute to the pulse at different rates and hence different time points. Across a 

gradient of soils in California, respiration peaked within six hours after wetting when 
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microbial biomass was abundant relative to WEOC (Chapter 1). Putative osmo-

protectants—in particular the sugar trehalose—declined after wetting (Chapter 1). These 

results suggested that the kinetics of osmo-protectant consumption might matter most in the 

early stages after wetting, while metabolism of the extracellular carbon represented by 

WEOC might contribute more in later stages of the wetting respiration pulse (Chapter 1). 

However, while this prior study provides a conceptual map for interpreting wetting 

respiration dynamics, it was done at a daily temporal resolution, and thus leaves several 

questions unanswered. In particular, it does not address the relative contributions of osmo-

protectants and WEOC to wetting respiration over time.  

Here we address the following questions: (1) Do declines in osmo-protectants and 

WEOC coincide with different phases of the wetting respiration pulse? (2) Is carbon loss 

from these pools sufficient to account for C released in respiration and acquired by microbial 

biomass? Based on our earlier results (Chapter 1), we hypothesize that trehalose is 

metabolized within hours after wetting. Further out in time, respiration incorporates 

progressively more C from metabolism of extracellular pools, coinciding with declines in 

WEOC.  

To test these hypotheses, we collected fine-scale observations of soil respiration, WEOC, 

and microbial biomass from a single soil profile. We made near-continuous measurements of 

respiration from A-horizon soil sampled from the field during the summer dry-season in a 

Mediterranean-climate site in California and wetted in the laboratory under controlled 

conditions.  We focused on A-horizon soil because it had abundant microbial biomass, and 

allowing us to assess the role of osmo-protectants. We coupled our observations with a 

simple numerical model, which we devised for interpreting C dynamics during the wetting 

respiration pulse. We avoided the complexity of more physically-resolved models (e.g. 
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Lawrence et al. 2009, Manzoni et al. 2014, Evans et al. 2016) that explicitly represent 

diffusion of microbial enzymes and substrates to predict the causes and magnitude of WEOC 

production after wetting. Most of these models rely on an assumption that enzyme products 

accumulate at low water potentials, which does not appear consistent with empirical 

evidence from our region (Homyak et al. 2018).  Instead, we employed a minimal, data-

driven approach by taking the initial availability of extracellular C and cellular osmo-

protectant concentrations as givens, and then modeling the subsequent uptake and 

metabolism of C by microbial consumers. This approach allowed us to evaluate whether 

measured WEOC and osmo-protectant pools are sufficient to explain wetting respiration 

dynamics and patterns of microbial growth. 

C. Methods 

1. Field sampling 

We sampled soil from a single soil profile at the University of California McLaughlin 

Reserve. The site is an oak savanna with annual grass understory dominated by two grass 

species (Avena barbata, Bromus diandrus) and scattered blue oak (Quercus douglasii). The 

McLaughlin reserve has a Mediterranean climate with wet winters (typically November 

through April) and virtually no summer rainfall. Mean annual temperature over the period 

1985-2018 recorded near the site at Knoxville Creek was 15.1 °C and the mean annual 

precipitation was 728 mm (Western Regional Climate Center, 2018). The soil was situated 

on a west-facing hillslope and was derived from an intermediate textured sedimentary 

lithology (Great Valley sediments). We identified the soil as a Typic Haploxeralf in the 

USDA classification system. The soil had an organic carbon content of 1.9%, a pH of 5.8, 

and was composed of 16% clay, 41% silt, and 43% sand (Chapter 1). 
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Soil was collected from the field in September 2017 by taking 10-cm diameter, 10-cm 

deep cylindrical cores from the soil surface with a hand-made plastic coring device. 

Aboveground plant biomass and loose litter were cleared by hand prior to retrieval of the 

cores. Cores were sieved to 4 mm and stored at field moisture in plastic bags at 20°C for 

three months prior to incubation. Field moisture was 3-7% gravimetric water content, 

equivalent to the expected adsorbed water content after air drying, and no condensation was 

observed in the bags during storage. The laboratory study was conducted throughout 

October-December 2017 on field-moist soil without pre-incubation. 

2. Laboratory Wet-up 

Respiration measurements. We measured soil respiration following wet-up using a 

continuous-flow approach. Soil was incubated in a temperature-controlled microcosm and 

equilibrated under a humidified CO2-free carrier gas stream; respiration was quantified by 

measuring the difference in CO2 concentration between gas that had interacted with the 

sample and a parallel reference stream of carrier gas. Both gas streams were measured using 

a Li6252 infrared gas analyzer (Licor Biosciences, Lincoln, Nebraska) operating in 

differential mode, which allowed for continuous quantification of the difference between the 

gas streams.  

The respiration measurement system was calibrated by introducing known amounts of 

standard gas into an empty microcosm and averaging the differential signal over a five-

minute interval, which encompassed the mean residence time of gas in the system. Prior to 

calibration, raw voltages were transformed using the factory-default polynomial to account 

for the nonlinear relationship between voltage and pCO2. Data were also corrected for the 

effects of instrument temperature and fluctuations in atmospheric pressure, which was 
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quantified continually with a pressure transducer. Calibration was performed before and 

after each measurement and slopes always agreed within approximately 5%. 

A single dry soil sample (20 g) was equilibrated with the carrier gas stream for 36 hours 

prior to wet-up to ensure that trapped CO2 had diffused out of soil pores. After the 36-hour 

period, the difference between reference and sample gas streams did not change 

significantly, indicating equilibration. The soil was then wetted to 40% of its water holding 

capacity by injecting water through a rubber septum with a syringe. Respiration was then 

monitored over the following 60 h. Trials with soil-free microcosms revealed that dissolved 

CO2 in the water produced a measurable signal for approximately 50 minutes. Rather than 

correcting for this phenomenon, we exclude data from the first 50 minutes. Otherwise, we 

can state with high confidence that C-release during the incubation represents biotic CO2 

production rather than mobilization of inorganic C, given that the continuous flow approach 

we used for measuring respiration involved equilibrating the soil with CO2-free air. 

Furthermore, the soil had a pH too low to accommodate carbonates (pH = 5.8); thus a 

contribution from inorganic C is unlikely. 

Microbial biomass and water extraction. Subsamples of each soil were set aside in 

triplicate blocks at the beginning of each incubation for repeated destructive sampling to 

measure microbial biomass and water extractable organic carbon. Subsamples were pre-

weighed into small jars and wetted to 40% of their water capacity separately to avoid 

disturbance effects from repeatedly resampling a single bulk soil sample over the course of 

the incubation. Extractions were initially scheduled for 0 h (dry soil), 3, 18, 24, 40, and 50 

hours after wet-up.  

Microbial biomass was quantified by two methods: substrate induced respiration (SIR)—

a proxy approach that quantifies the catabolically active portion of the biomass (Anderson 
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and Domsch 1978, West and Sparling 1986)—and chloroform extraction (CE). We view 

these two methods as complementary, and explore both in our model simulations (see 

below). 

SIR was performed by adding 20 ml of autolyzed yeast extract (12 g l-1) to triplicate 8-g 

sub-samples of soil and agitating at 180 rpm on a reciprocal shaker (Fierer et al. 2003). The 

respiration rate in each jar was then quantified by measuring the change in CO2 

concentration in the jar headspace in small syringe samples using an infrared gas analyzer 

(Li820, Licor Biosciences, Lincoln, Nebraska). Data points were taken at 30-minute 

intervals over 3 hours and respiration was estimated by linear regression. 

Chloroform extraction was performed by using the direct addition procedure, with quick 

(30 minute) extractions (Gregorich et al. 1990, Setia et al. 2012). We chose to add 

chloroform directly to the soil and extract over a short time interval so that each 

measurement would provide a well-defined “snapshot” of the microbial biomass. The direct 

extraction procedure is well-correlated with vapor phase fumigation across a wide range of 

soil types, and there is no apparent difference between 30-minute extraction and longer 

extraction intervals (Setia et al. 2012). We used ultra-pure water rather than K2SO4 as an 

extractant because control extracts without chloroform doubled as WEOC measurements 

(Homyak et al. 2018). Water and K2SO4 have a comparable extraction efficiency (Elizabeth 

Forbes and Ken Marchus, unpublished data). Both chloroform-amended and un-amended 

extracts were filtered through glass-fiber filters, frozen, and then analyzed for total organic 

carbon using a TOC combustion analyzer (Shimadzu TOC-V, Kyoto, Japan). Chloroform 

was removed from chloroform-amended samples by bubbling with compressed air, and five 

separate method blanks for chloroform-amended and un-amended extracts were analyzed in 

parallel and used to correct for background levels of organic carbon. 
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Trehalose and glucose quantification. Trehalose and glucose were quantified 

colorimetrically in chloroform and water extracts using an enzyme-based kit (Megazyme 

Inc., Bray, Ireland). The assay quantifies glucose by first transforming it to glucose-6-

phosphate and then reacting that with glucose-6-phosphate dehydrogenase (EC 1.1.1.49); 

this converts NADP+ to NADPH, which is measured by absorbance at 340 nm. After 

quantifying background glucose concentrations, trehalose is measured by adding trehalase 

(EC 3.2.1.28), which hydrolyzes trehalose to yield two glucose molecules that subsequently 

react to produce NADPH. We quantified both sugars by measuring background NADPH 

absorbance and then re-measuring absorbance after each enzyme addition step. Absorbance 

was measured using a plate reader (Tecan Infinite M200, San Jose CA) and calibrated using 

known quantities of each sugar. 

3. Microbial Modeling 

General approach. We applied two modelling approaches to the data.  To build an initial 

description of the curve, we fit the respiration curve using an exponential decay model. 

Second, we fit a microbially-explicit model to all of the data, simulating the interactions 

between microbial consumers, osmo-protectants, and dissolved organic carbon pools.  

Exponential decay model. We initially fit the respiration data alone by assuming that 

changes in respiration after wetting integrate the parallel decay of two dynamic pools of 

carbon, C1 and C2: 

dC1/dt = -k1C1 

dC2/dt = -k2C2 

Solving this system requires four parameters: the initial sizes of both carbon pools (C1,0 and 

C2,0) and the decay constants for each pool (k1, k2). Respiration was assumed to equal the 
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summed flux out of the two pools, plus a contribution from decomposition sustained after 

the pulse (Rb). The contribution from this third pool was assumed to be constant and equal to 

the respiration rate of the soil measured by jar-incubation one week after wet-up, under the 

assumption that decomposition rates did not change substantially throughout the pulse:  

R = dC1/dt + dC2/dt + Rb 

This approach was purely descriptive, intended to derive initial estimates of the relative 

sizes and turnover rates of two hypothetical contributing sources to wetting respiration. As 

an alternative to the two-pool decay model, we considered a simpler one-pool decay model, 

which represented the null hypothesis that respiration dynamics might be best explained by a 

single first-order decay process plus a constant contribution from decomposition (Rb): 

dC1/dt = -k1C1 

R = k1C1 + Rb 

Microbially-explicit model. We devised a simple microbially-explicit model designed to 

represent changes in respiration, microbial biomass, combined trehalose and glucose pools, 

and WEOC over time. The model includes three dynamic carbon pools: dissolved organic 

carbon (Cd), microbial biomass carbon (Cm) and osmo-protectant carbon (Co), which we 

treated separately from the bulk of the microbial biomass. The rate of change of dissolved 

organic carbon was a function of uptake (Ud) and introduction of soluble C from 

decomposition (D): 

dCd/dt = -Ud + D 

The rate of change of osmo-protectant carbon was defined by the rate of metabolism of 

osmo-protectants (Mo): 

dCo/dt = -Mo 
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Finally, the rate of change of microbial biomass carbon (excluding osmo-protectants) 

was assumed to equal a fraction of metabolism of osmo-protectants and uptake of dissolved 

organic carbon, governed by separate metabolic efficiencies (Eo and Ed). Microbes were also 

assumed to lose cellular carbon via maintenance respiration (Rm), which combines both 

endogenous metabolism and respiration derived from death and recycling of the microbial 

biomass.  

dCm/dt = EdUd + EoMo - Rm 

Total respiration (Rt) was assumed equal to losses during metabolism plus maintenance: 

Rt = (1-Ed)Ud + (1-Eo)Mo + Rm 

The uptake rate for Cd was governed by a product term: 

Ud = Cd*Cm*kd 

Where kd is an assimilation rate parameter (g soil ug C-1 h-1). This simple product 

formulation has a basis in early consumer resource models (Volterra 1926, Lotka 1920), but 

is unorthodox for microbial models, which typically rely on saturating uptake functions 

(Todd-Brown et al. 2012) that reach maximal values at extreme consumer densities (Schimel 

and Weintraub 2003), extreme substrate densities (Allison et al. 2010), or both (Tang and 

Riley 2013). We did not use a saturating function because saturating functions were not 

identifiable from the data (see parameterization below), and the system could be described 

more effectively with a simple product term. This is to be expected given that microbial 

uptake kinetics—while in principle bounded under saturating conditions—are likely to be 

approximately linear across a wide substrate range (Schimel 2001). 

The metabolism rate for Co depended only on the size of Co: 

Mo = Coko 



 

   52 

We represented osmo-protectant metabolism as a first-order process because the osmo-

protectant pool was assumed to be primarily cellular, and thus at a fixed osmo-protectant 

amount the concentration of osmo-protectants at the site of metabolism is inversely 

proportional to the amount of microbial biomass. Consequently, increasing the size of the 

microbial biomass given a fixed osmo-protectant amount would not necessarily increase the 

metabolism rate because osmo-protectants would be diluted across a larger volume of 

microbial biomass. 

Maintenance respiration was a function of the size of the microbial biomass: 

Rm = Cm*τ 

Where τ is a biomass specific maintenance rate (h -1). For simplicity, we did not consider 

non-respiratory fluxes of microbial carbon into the bulk soil (e.g. enzyme and biofilm 

production, death) that are linked to this term (Hagerty et al. 2014, Hagerty et al 2018). 

While these fluxes might be very important at longer timescales, we had no way to constrain 

them with data. 

We did not represent enzyme production or decomposition explicitly—rather, we 

assumed that decomposition is a background process that occurs continuously throughout 

the wetting event. We assumed that at the timescale of the wetting event the influx of carbon 

from decomposition must approximately equal total respiration observed at the end of the 

pulse: 

D = Rb 

This assumption constrained the model with observations, ensuring that modeled respiration 

rates reached an asymptote consistent with measured respiration after the wetting pulse.  

Model parametrization. When possible, parameters were assumed using literature-

derived estimates or basic inferences from the data. Parameters that could not be assumed 
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were fitted using a Markov-Chain Monte Carlo approach (Haario et al. 2006), which allowed 

estimation of parameter uncertainty given error estimated from the data. We considered 

collinearity between parameter estimates during the initial stage of model testing, and 

avoided fitting combinations of parameters that were found to be collinear (collinearity 

index > 10), using the approach of Brun et al. (2001) and the function “collin” in the R 

package FME (Sotaert and Petzoldt 2010).  

In the microbially-explicit model, all parameters governing osmo-protectant 

consumption were assumed or inferred from the data (Table 1). CO2 release from osmo-

protectants in the microbially-explicit model depended only on a single rate constant (ko), 

which we obtained using the decay parameter from the faster pool in the exponential decay 

model (k1). To derive the amount of CO2 release during metabolism of osmo-protectants, we 

then assumed that trehalose C was converted to glucose C and metabolized at a metabolic 

efficiency (Eo) of 0.62 (Payne 1970). 

We assumed a value of 0.5 for Ed, which is by definition bounded between 0 and 1. We 

assumed this lower metabolic efficiency value for Cd than Co given that that bulk dissolved 

organic carbon likely includes a mix of molecules with intrinsic metabolic efficiencies that 

range below predicted values for easily-metabolized molecules like glucose (Schimel and 

Weintraub 2003). 

We estimated initial pool sizes directly from the data. First, we assumed that the initial 

size of Co was equal to the sum of dry-soil extractable trehalose C plus extractable glucose 

C. This included some trehalose (approximately 25% of the total) that was recovered from 

the water extracts, but which was not detectable three hours after wet-up. This pool was 

assumed to be cellular trehalose mobilized by the extraction procedure, or possibly 

extracellular trehalose that was assimilated rapidly after wetting. WEOC estimates were 
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corrected to account for this assumption by subtracting the mass of water-extractable 

trehalose C (~10 ug of C versus a total WEOC pool of 114 ug C). Chloroform-labile 

trehalose and glucose were assumed to have an extraction efficiency of 100%, given that 

they are low molecular weight cytoplasmic components that are likely comparatively mobile 

in soil relative to other cellular constituents. 

Second, we specified that the initial size of Cd was equal to the change in WEOC over 

the week following wet-up. We used the change in WEOC rather than the total initial 

WEOC value because water extraction likely captures DOC that is comparatively immobile 

(Sanderman and Amundson 2008). The change in WEOC provides an operational definition 

of the soluble C that microbes actually access after wet-up. We have no way of knowing 

whether the residual WEOC represents unused dissolved organic carbon that is potentially 

available to microbes in-situ, or whether it represents carbon that is only mobile under the 

conditions of the extraction procedure. We thus make no effort to predict the size of this 

residual pool, and define the predicted WEOC concentration as the sum of Cd and the 

residual pool. 

Finally, we calibrated the initial size of the microbial biomass carbon pool in two ways, 

using either CE-based estimates or SIR-based estimates. We used both approaches for 

representing microbial biomass because estimating total biomass C from either method 

requires scaling assumptions. First, we estimated biomass using values from CE. 

Chloroform only extracts a fraction of the total biomass C pool, and so CE data must be 

corrected to estimate the total biomass C using a scalar, Kec, which is most commonly 

assumed to equal 0.45 (Vance et al. 1987, Joergensen 1996). However, direct chloroform 

extraction yields roughly 40% more C than standard vapor phase fumigation (Setia et al. 

2012). As a consequence, direct extraction with chloroform implies a value of Kec 40% 



 

   55 

greater than the standard value (equal to 0.64). We used this factor to scale total microbial 

biomass from the non-osmo-protectant CE-derived C.  

Alternatively, we calibrated the size of the microbial biomass pool by using SIR. The 

relationship between SIR and total microbial biomass carbon varies depending on the exact 

measurement conditions and SIR approach used (Beck et al. 1997), and likely varies 

depending on soil type. We thus fit the model with an additional free parameter (sb) scaling 

SIR and biomass carbon. When fitting the model using SIR data, we weighted the SIR data 

by a factor of 100 to ensure that the fitting process captured observed changes in SIR.  

Model implementation. We implemented the model in the R computing platform (R core 

team 2018) using the package deSolve for numerical predictions (Sotaert et al. 2010) and the 

package FME for model fitting (Sotaert and Petzoldt 2010). To calibrate the model, we 

specified a model cost function that weighted each observation by its observed error: 

Cost = Σ(observations – predictions)/error 

The respiration data were averaged into 1-hour bins prior to fitting, and error was estimated 

as the standard deviation of the data in each bin. Error for extraction and biomass 

measurements was estimated using the standard deviation of the triplicate laboratory 

replicates, propagating error when measurements involved subtracting two measured values 

(e.g. for chloroform biomass). Data were also weighted for each variable by the frequency of 

the observations to ensure that the respiration data did not dominate the fitting process.   

Fitting was initially conducted using a least squares approach using the FME function 

“modFit” and the default Leveneberg-Marquart algorithm. The best parameters from least-

squares fitting were then used to initialize a Markov-chain Monte-Carlo fitting method 

(FME function “modMCMC”), which uses the delayed-rejection and adaptive Metropolis 

procedure to construct posterior distributions for the parameters (DRAM, Haario et al. 
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2006). We used the scaled covariance matrix from the initial model fit to specify jumps 

during the DRAM procedure and specified the initial variance structure using the 

unweighted model variance from least-squares fitting. The algorithm was run for 3000 

iterations updating the covariance structure every 50 iterations, and the trace of the fitting 

procedure was examined to confirm that the algorithm converged. 

Sensitivity analysis. Local sensitivity analysis to all parameters was conducted by 

perturbing the fitted parameters and quantifying the relative change in response variables, 

using FME function “sensFun”. 

D. Results 

1. Wetting Response 

Respiration from the dry A-horizon soil prior to wetting was nearly zero. After wetting, 

respiration increased and peaked within the first 3 h after wet-up, declined rapidly within 10 

h, and then declined more gradually over the remainder of the monitoring period (Fig 1a). 

WEOC yields declined sharply relative to the pre-wet value over the first 3 h after wet-up, 

and then continued to decline over the course of the incubation (Fig 1b). Microbial biomass 

estimated by SIR increased slightly over this period, approaching an asymptote at roughly 20 

hr (Fig 1c). 

We initially visualized the chloroform extractable biomass C using the unscaled 

“chloroform flush,” i.e. the raw difference between chloroform-extracts and water extracts. 

The chloroform flush increased sharply within three hours after wet-up, and then declined 

and remained stable (Fig 2a). Trehalose and glucose were detected in the chloroform flush—

the trehalose concentration in dry pre-wetting soil was 25 ug C g-1 soil, nearly 50% of 

chloroform flush C (Fig 2b). Trehalose, however, was not detectable within three hours after 
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wet-up, while glucose concentrations increased sharply after 3 h and then declined gradually 

over time (Fig 2b). 

2. Model Predictions 

Exponential decay models. We initially fit the respiration time series using simple 

exponential decay models, to obtain a data-driven description of respiration dynamics (Fig. 

3a). An exponential model assuming parallel decay of two C pools plus a background 

contribution of respiration from decomposition provided a near-perfect description of the 

respiration curve (Fig 3a). In contrast, a model that assumed exponential decay of one pool 

provided a comparatively poor description of the data (Fig. 3a). Parameters fitted using the 

exponential decay models are listed in Table 2. 

Microbially-explicit model. We fit the combined dataset using variants of a microbially 

explicit model, which helped us to link the respiration time-series with the extraction data 

and microbial biomass estimates; it also allowed us to test our hypothesis that trehalose and 

WEOC pools are sufficient for predicting wetting respiration dynamics. Given the 

uncertainties involved in estimating total microbial biomass C (see Methods), we fit 

microbially-explicit models using two CE-based and SIR-based estimates of microbial 

biomass separately. The two calibration strategies produced nearly identical fits to the 

respiration data (Fig 3b, overlapping lines). They also produced nearly identical fits to the 

WEOC data, but both underestimated WEOC consumption in the initial hours after wet-up 

(Fig 4a, overlapping lines). The two calibration approaches, however, produced divergent 

estimates of microbial biomass C. The model calibrated to the CE data produced 

comparatively lower estimates, and consistently underestimated the chloroform fumigation 

derived biomass (Fig 4b, solid line and filled circles). The SIR calibrated model yielded 
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higher predicted values of microbial biomass C when compared to the chloroform-extraction 

calibrated model (Fig 4b dotted red line and open red points). 

To represent alternatives to our central hypothesis, we considered two parametrizations 

for the initial pool sizes in which either the WEOC pool was discounted (Osmo-only) or the 

combined trehalose/glucose pool was discounted (WEOC-only). The Osmo-only model 

failed entirely: the fitting algorithm would not converge when the initial WEOC was set 

equal to zero. The WEOC-only model did converge, but it produced a poor description of 

the respiration data (Fig 3b, dashed line) and predicted a decline in microbial biomass that 

did not match the observations well (Fig 4b, dashed black line). However, the WEOC-only 

model provided a better match to the observed decline in WEOC (Fig 4a, dashed line). 

Sensitivity analysis. We evaluated the local sensitivity of respiration to all parameters by 

computing a sensitivity index over time, using the fitted parameters from the CE calibrated 

model. High absolute sensitivity values represent a strong response to small changes in the 

parameter value; sign indicates the direction of the response. Respiration early after wet-up 

was most sensitive to small changes in the osmo-protectant parameters (Eo and ko) (Fig 5a, 

blue and cyan lines). The model was only sensitive to the metabolic efficiency for DOC (Ed) 

in the first few hours after wet-up (Fig 5a; solid black line), while sensitivity to the 

assimilation rate for DOC (kd) declined over that time (Fig 5a, dashed black lines). In 

contrast, sensitivity to the maintenance respiration parameter (τ) became positive as time 

progressed, and the sensitivity to the decomposition rate (D) steadily increased over time 

(Fig 5a). 

We calculated the contributions of osmo-protectants, WEOC, and decomposition to 

respiration over time by coding a version of the model that partitioned respiration by C 

source (Fig 5b). Trehalose and glucose contributed substantially during the initial, rapidly-
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declining phase of the respiration pulse, with some sustained contribution farther out in time 

due to respiration from microbial biomass derived from the initial osmo-protectant pool (Fig 

5b, cyan area). WEOC sustained its contribution to respiration for longer (Fig 5b, gray area). 

Respiration derived from decomposition increased over time as the post-wetting WEOC 

pool was diluted by C derived from decomposition (Fig 5b, gold area). 

E. Discussion 

The data collected from this A-horizon soil support the interpretation that both trehalose 

and extracellular organic C contribute to respiration after wet-up. The time-series of 

chloroform extractions revealed a substantial initial pool of cellular trehalose that 

disappeared rapidly—apparently hydrolyzed to yield glucose, which then declined more 

gradually over the course of the incubation (Fig. 2). In parallel, WEOC declined 

substantially over time, suggesting that microbes were assimilating dissolved organic carbon 

made available by wet-up. 

The dynamics of respiration in the A-horizon were also consistent with the idea that both 

trehalose and extracellular C supply microbes with C. From a purely descriptive standpoint, 

the respiration dynamics could not be adequately predicted by an exponential model that 

included a single dynamic pool, but could be matched almost perfectly by a model that 

assumed decay of two pools. The more complex microbially-explicit model also fit the 

respiration time series well—but only when both the combined trehalose/glucose pool and 

WEOC were included as C-sources. WEOC alone—if treated as a homogenous pool—could 

not explain the initial stages of wetting respiration. 

The initial stages of the wetting respiration pulse thus required a C pool that was 

consumed rapidly. While we cannot directly trace the contribution of trehalose (which would 
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require an isotope label), hydrolysis of trehalose to glucose and subsequent consumption 

seems like the most parsimonious explanation for the initial pulse of respiration. Trehalose is 

synthesized by a wide range of bacteria and fungi in response to low osmotic potentials 

(Thevelein 1984, Argüelles 2000), but is also part of a more generalized response to 

starvation and a range of environmental stressors (Argüelles 2000). Both fungi and bacteria 

have the capacity to synthesize the trehalase enzyme that hydrolyzes trehalose to glucose, 

and can activate the enzyme rapidly to metabolize cellular trehalose reserves when exiting 

dormancy (Thevelein 1984, Argüelles 2000). Within the context of our data, the initial 

stages of the respiration pulse could be well-approximated by considering the size of the 

trehalose pool after accounting for microbial metabolic efficiency. 

One factor that complicates our interpretation is the sharp initial decline in WEOC and 

the simultaneous spike in chloroform extractable carbon (Fig 1d, Fig 2a). This pattern was 

not reproduced by the model, which assumed that uptake of dissolved organic carbon occurs 

in tandem with catabolism. The WEOC-only version of the model did a better job of 

predicting this pattern because it linked the rapid early decline in respiration with the rapid 

decline in WEOC—but ultimately this version of the model failed to reproduce the observed 

respiration dynamics or microbial biomass size, suggesting that at least two pools are 

required for fully explaining the observations. 

Perhaps microbes rapidly acquired a fraction of the soluble C released after wetting, but 

did not immediately grow or increase their catabolic capacity (i.e. their capacity to break 

down organic molecules, respire, and grow new biomass). This may explain why the model 

calibrated to the chloroform extraction data consistently under-predicted microbial biomass 

C. The observed increase in chloroform extractable C was large relative to the increase in 

microbial catabolic capacity, insofar as catabolic capacity could be inferred from the 
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combined information contained in the entire dataset. Furthermore, the relative change in 

chloroform extractable C was large relative to the relative change in biomass estimated by 

SIR—which in theory is a direct measure of the aggregate catabolic capacity of the microbial 

biomass (Anderson and Domsch 1978). The catabolic capacity of the microbial biomass 

quantified by SIR increased by 20%, while the decline in soluble C over the course of the 

60-hour time series exceeded the chloroform extractable biomass, and the chloroform 

extractable biomass more than doubled. These inconsistencies suggest that C was transferred 

to the microbial biomass without a proportionate increase in microbial population size, 

violating the simple assumptions of the model.  

This possibility is consistent with the observed behavior of microbes in culture isolates. 

In-vitro, bacteria increase their cellular volume and accumulate resources before dividing 

(Cooper 1991), and detailed models of the initial stages of bacterial growth represent the 

cellular resource pool and the microbial population size separately (Hills and Wright 1994). 

In soil, microbial populations can undergo extended lag-phases after wet-up, during which C 

uptake and metabolism may occur before DNA replication is induced (Meisner et al. 2015, 

Meisner et al. 2017). Similarly, additions of glucose to soil do not immediately trigger 

growth—rather, microbes have been shown to use resources to meet their maintenance needs 

without growing (Anderson and Domsch 2010). Our data seem consistent with these 

observations, suggesting that uptake of C was decoupled from increases in catabolic capacity 

at the timescale of the wetting event.  

Decoupling between uptake and growth is not represented by most existing microbial 

models, which assume that uptake and growth are tightly coupled (Allison 2010, Wang et al. 

2013). Some models do consider a dormant microbial population (Wang et al. 2015, 

Manzoni 2014), but they assume that the dormant fraction of the microbial population does 
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not take up carbon, and thus cannot explicitly represent lags between uptake and catabolism. 

This simplification is likely warranted at the daily timescales relevant for simulating longer 

term soil C dynamics. However, including a non-growing microbial population that 

participates in uptake would have interesting consequences for microbial models when they 

are used to capture transient dynamics at the hourly timescale. Transient C-additions are 

sometimes used to test microbial models, and include wetting events—but also C addition 

by rhizosphere processes (Oikawa et al. 2014) or experimental additions of labile substrate 

(Wang et al. 2015). During transient increases in C availability, microbes competing for 

available C might “hoard” C and use it to meet their maintenance needs without increasing 

overall catabolic capacity, following a strategy analogous to luxury consumption of nutrients 

by plants competing in low-nutrient environments where resource availability is pulsed 

(Chapin 1980). Pulsed additions of C would have smaller effects on the overall capacity of 

soil microbes to decompose C than one might predict given an assumption of tight coupling 

between uptake and growth.  

Apart from these theoretical considerations, the modelling exercise presented here 

provides insights regarding broader controls on wetting respiration pulses. It seems that the 

total amount of microbial biomass is likely to be a strong predictor of C-release after wet-up 

because the abundance of microbial biomass determines the rate at which soluble C is 

converted to CO2. In a direct physical sense, higher microbial biomass might mean that 

microbes are more widely distributed throughout soil pores, and thus may have increased 

access to soluble C that is otherwise spatially occluded (Schimel 2018). This spatial effect 

could be captured using more detailed models that consider diffusion length-scales when 

representing assimilation rates (Tang and Riley 2013, Manzoni et al. 2016). In particular, the 

“residual” WEOC pool measured after wetting dynamics have subsided could be more than 
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an artifact of the water-extraction procedure—rather, its size might be predicted from 

physical principles. Furthermore, if the spatial density of microbial biomass determines 

access to this residual C pool, repeated wetting cycles over time might drive growth of 

microbial biomass and increase microbial access to C, promoting a feedback of growth and 

C consumption (Xiang et al. 2008, Schimel 2018). In this way, the high frequency of wetting 

and drying cycles in upper soil horizons may increase microbial access to C, and thus 

decrease its overall mean residence time. 

F. Conclusions 

Joint mobilization of osmo-protectant compounds—in particular trehalose—and water 

soluble organic C are sufficient to explain patterns of C release through a single cycle of 

drying and wetting in the soil tested here. Our data suggest that trehalose is rapidly 

hydrolyzed to glucose within microbial cells after wet up, and that it fuels respiration at that 

time. Extracellular dissolved organic carbon (WEOC) appears to fuel respiration later in 

time after the wetting event, and may be assimilated and held by microbial cells more rapidly 

than it is metabolized and converted to CO2. More detailed models of soil wetting response 

might consider the nature of the relationship between microbial uptake and growth, and 

incorporate spatial factors that influence microbial access to soluble-C. Nonetheless, the 

simple approach presented here can accommodate additional extracellular C pools and 

classes of osmo-protectant, and might prove useful for partitioning contributions from 

cellular and extracellular C sources to soil respiration after wetting in other environments.
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Figure 1. Respiration, WEOC, and SIR over time. Panel (a) shows respiration rate 
estimates at the full temporal resolution of 2 hz (gray) and filtered with a 5-minute rolling 
average (black). Panel (b) shows WEOC and panels (c) shows SIR biomass, with error bars 
corresponding to standard error (n=3 replicates per point). 
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Figure 2. Chloroform extraction results. Panel (a) shows the difference between samples 
extracted with water plus chloroform versus samples extracted with only water (no scaling 
factor is applied). Panel (b) shows chloroform extraction data for trehalose (black points) 
and glucose (white triangles), obtained by difference as above. Error bars show standard 
error (n=3 replicates per point, with error propagated from chloroform-amended and un-
amended replicates). 
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Figure 3. Predicted respiration dynamics. Panel (a) shows respiration data and predictions 
of one-pool decay and two-pool decay exponential models, while panel (b) shows  
respiration data and predictions of three microbial-model variants calibrated using CE 
biomass estimates (solid line), SIR based estimates (dotted red line), or using CE based 
estimates and assuming that only WEOC contributes (dashed line). Observations are 1-hour 
averages of the time-series data, shown as gray circles. 
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Figure 4. C pools predicted by microbially-explicit model variants. Panel (a) shows 
WEOC data, while panel (b) shows microbial biomass C data estimated using scaled CE 
estimates (filled points) or estimates scaled from SIR using the free parameter sb (open red 
points). In both panels fits for the model variant calibrated to CE data are shown with solid 
lines, fits calibrated to SIR are shown with dotted red lines, and fits for the WEOC-only 
model variant are shown in dashed lines.
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Figure 5. Local sensitivity of respiration and contributions of C pools to respiration. 
Panel (a) shows the sensitivity of respiration to small perturbations in the parameters. Panel 
(b) shows the contributions of osmo-protectants, WEOC and background decomposition 
processes over time. For simplicity, here we group C derived from decomposition after the 
pulse with C derived from microbial biomass inherited from before the pulse (excluding 
osmo-protectants), under the reasoning that this C represents “background” respiration that 
is not directly tied to C mobilized during a single wetting event. 
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Parameter/pool Value Units Source 

Ed 0.5 ug C ug C-1 Schimel and Weintraub 2003 

Eo 0.62 ug C ug C-1 Payne 1970 

ko 0.37 h-1 this study 

Co,0 39 ug C g soil -1 this study 

Cd,0 75 ug C g soil -1 this study 

Cm,0 (CE based) 51 ug C g soil -1 this study 

Cm,0 (SIR-based) 68 ug C g soil -1 this study 
 

Table 1. Assumed parameters and initial pools used in the microbially-explicit model. 
Parameters are defined in the text. Initial pools Co,0 and Cd,0 were set to zero in the WEOC-
only and Osmo-only model variants respectively. 
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  Exponential decay     
One-pool model 

   
 

 
C1 75.7 ± 4.7 ug C g soil-1   

 
k1 0.045 ± 0.005 h-1 

 
     Two-pool model 

    
 

C1 13.0 ± 0.4 ug C g soil-1 

 
C2 85.8 ± 1.3 ug C g soil-1 

 
k1 0.37 ± 0.02 h-1 

 
 

k2 0.022 ± 0.001 h-1 
 

       Microbially explicit     
CE-calibrated 

    
 

kd 0.00057 ± 0.00001 g soil ug C-1 h-1 

 
τ 0.0097 ± 0.0002 h-1 

 
     SIR-calibrated 

    
 

kd 0.00029 ± 0.00005 g soil ug C-1 h-1 

 
τ 0.005 ± 0.001 h-1 

 
 

sb 13.2 ± 1.4 ug C ug C-1 h-1 

     WEOC-only 
    

 
kd 0.0020 ± 0.0001 g soil ug C-1 h-1 

 
τ 0.014 ± 0.001 h-1 

 
     Osmo-only 

    
 

kd n/a g soil ug C-1 h-1 
  τ n/a h-1   

 

Table 2. Fitted parameters. Parameters are defined in text. Values represent means derived 
from the DRAM procedure, followed by estimated standard deviations. Corresponding units 
are listed on the right. 
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III. Translocating B-horizon Soil to the Surface Reveals Independent 

Effects of Microclimate and Plants on Microbial Access to Soil Carbon 

A. Abstract 

The residence time of soil carbon varies greatly with depth within a soil profile. Plant 

inputs and microclimatic fluctuations decline with depth and both influence microbial access 

to C, and thus C residence times. We assessed the influence of plant inputs and microclimate 

separately by translocating B-horizon soil samples (50-60 cm depth) to the surface, and 

either excluding plant inputs or allowing plant growth in the translocated soil. Translocated 

soil increased in microbial biomass after 18 months of surface exposure without plant inputs, 

while water extractable organic carbon concentrations remained unaffected. Plant growth 

increased microbial biomass even further and also increased water extractable organic 

carbon. Respiration pulses from wetting of translocated B-horizon soil had a similar relative 

magnitude to pulses from A-horizon soil, and were smaller on a relative basis than pulses 

from B-horizon soil that had remained in situ—suggesting that acclimation to repeated 

wetting and drying cycles had occurred at the surface. Our results indicate that climatic 

fluctuations at the soil surface are sufficient to increase the availability of native soil C, 

promote growth of microbial biomass, and change the sensitivity of microbes to hydrologic 

perturbations. Based on these observations, we propose that depth-dependent climatic 

fluctuations—in combination with other factors—may help to explain the near-universal 

increase in organic carbon age with depth. 
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B. Introduction 

Depth within the soil column strongly influences the supply of C to microbes, which 

regulates microbial activity and growth (Rumpel and Kögel-Knabner 2011). Organic C 

concentrations are highest in uppermost soil horizons, where shallow roots and above-

ground litter provide a continual influx of plant C (Jobbágy and Jackson 2000). As a 

consequence, microbes are most active in upper soil horizons, and soil organic C is youngest 

near the surface (Rumpel and Kögel-Knabner 2011, Trumbore 2009, Mathieu et al. 2015). 

At the same time, upper soil horizons experience microclimatic fluctuations, including 

frequent wet-dry and freeze-thaw cycles, while deeper horizons experience less variable 

microclimatic conditions (Bonan 2008, Wagener and Schimel 1998, Fierer et al. 2003). 

Because both microclimate variability and plant inputs change with depth in the soil profile, 

their effects on soil C availability are challenging to separate.  

Microclimatic variation at the soil surface affects the physical state of soil in ways that 

should enhance C availability. For instance, freeze-thaw and wet-dry cycles change capillary 

pressures and the volume of expansible clays, increasing the turnover of macro-aggregates 

that are thought to protect organic matter from decomposers (Six et al. 2004). Wet-dry cycles 

can change the size and spatial organization of micropores, and may disrupt bonds between 

clays and organic matter (Todoruk et al. 2003). Periodic drying at the soil surface also 

facilitates diffusion of oxygen into soil pores, supporting oxidative breakdown of organic 

molecules (Davidson et al. 2012). The physical effects of variable microclimate thus 

temporarily mobilize C and increase its bioavailability, resulting in increased soil respiration 

(Henry 2007, Borken and Matzner 2009).  
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While the long-term effects of freeze-thaw cycles on the soil C balance are debated 

(Henry 2007, Matzner and Borken 2008), evidence suggests that wet-dry cycles can 

significantly increase time-integrated soil C fluxes (Miller et al. 2005, Borken and Matzner 

2009, Homyak et al. 2018). Wet-dry cycles stimulate microbial growth, indicating that 

overall C availability is enhanced by moisture fluctuations (Xiang et al. 2008, Chapter 1). 

Wetting events also temporarily increase water extractable organic carbon (WEOC) 

concentrations (Homyak 2018, Chapter 1). Some of the C that is released as CO2 after 

wetting is derived from recycling of microbial biomass C (Kieft et al. 1987, Schimel et al. 

2007, Warren 2016)—but a fraction of the respiration is derived from WEOC (Chapter 2). 

The amount of C mobilized as CO2 after wetting events is affected by the rate and the 

frequency of wetting (Miller et al. 2005, Smith et al. 2017), both of which decline with depth 

in the soil column (Brady and Weil 2012). A-horizons experience increased evaporation 

rates (Xiao et al. 2011). A-horizons also tend to be more strongly aggregated and have a 

higher porosity than deeper horizons, and thus experience faster rates of wetting due to 

infiltration of water through macropores. In B-horizons, drying is less frequent and severe 

because evaporation and uptake of water by roots is reduced (Xiao et al. 2011). Furthermore, 

wetting in B-horizon soil typically occurs slowly, via capillary flow (Smith et al. 2017, Yang 

et al. 2014). The higher frequency and rate of wetting events in A-horizon soil seems likely 

to enhance C availability relative to B-horizon soil. 

Plant inputs can increase the availability of soluble C and stimulate microbial biomass—

and these effects probably mask the influence of microclimate on C availability. In 

particular, most roots tend to be concentrated in in the top 30 cm of soil (Jobbágy and 

Jackson 2000, Schenk and Jackson 2002). Roots feed microbial biomass by producing C-

rich exudates and by senescing (Grayston et al. 1996, Rasse et al. 2005). As a consequence, 
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the depth distribution of microbial biomass closely matches the depth distribution of roots 

(Xu et al. 2013). C released during decomposition of aboveground litter (particularly as 

DOC) also contributes to biological activity in A-horizons (Michalzak et al. 2001, 

Sanderman and Amundson 2008, Neff and Asner 2001). The enhanced C availability near 

the soil surface supports distinct microbial communities (Fierer et al. 2003, Eilers et al. 

2012, Schimel and Schaeffer 2011), which exhibit higher biomass-specific C assimilation 

rates than microbes at greater depths (Spohn et al. 2016). Thus, resource availability, 

microbial demand, and microbial metabolic capacity are all shaped by the depth-distribution 

of plant inputs. By implication, low plant inputs may be the primary cause of low C 

availability and long C residence times below the A-horizon, while the effects of climatic 

perturbations are limited below the A-horizon because bioavailable C is scarce.  

Experiments that have applied artificial wetting cycles to soil from below the A-horizon, 

however, have suggested the opposite: a substantial pool of bioavailable C exists below the 

A-horizon, and this C can be mobilized by artificial wetting events. Upon wetting, the 

relative availability of resources in B-horizons—i.e. the amount of potentially soluble C 

relative to microbial biomass—can be several times higher than in the surface, fueling 

respiration pulses after wetting that are large relative to basal rates (Chapter 1; Xiang et al. 

2008). Furthermore, C respired from 1 m deep soil upon wetting can be centuries old 

(Schimel et al. 2011), indicating that bioavailable C can persist at significant depths below 

the A-horizon over long timescales.  This observation is supported by depth-resolved 

measurements of WEOC, which accounts for an increasing fraction of total organic carbon 

below the A-horizon, and may be structurally simpler at greater depths (Corvasce et al. 2006, 

Marshner et al. 2008). Thus, despite lower overall C inputs from plants, deep soil horizons 

can harbor relatively large quantities of soluble C. 
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Given that artificial wetting events can mobilize C from deeper soil horizons in the 

laboratory, we hypothesized that natural wetting cycles may influence the persistence of this 

bioavailable C in the field (Schimel 2018, Chapter 1). In A-horizon soil, high C inputs and 

high rates of wetting and drying increase C availability and maintain a large, active microbial 

biomass. In contrast, reduced rates and intensity of wetting and drying below the A-horizon 

may maintain physical protection mechanisms that make C unavailable to microbes, leading 

to a smaller microbial biomass and accumulation of soluble C despite lower C inputs 

(Schimel 2018, Chapter 1).  

In this study we answer three questions that address components of this general 

hypothesis: (1) Is exposure to surface microclimate sufficient to increase microbial biomass 

independently of plant inputs? (2) Does exposure to surface microclimate deplete soluble C, 

quantified as WEOC? (3) How does surface exposure affect the sensitivity of soil respiration 

to climatic perturbations—specifically cycles of drying and wetting? To answer these 

questions, we translocated intact cores of B-horizon soil from a significant depth below the 

A-horizon (50-60 cm depth) to the soil surface, where it was exposed to surface 

microclimate for 18 months. Translocated B-horizon soil was either kept plant-free or 

deliberately seeded with annual grasses. We then collected the translocated B-horizon soil 

after 18 months of surface exposure and compared it to A-horizon and B-horizon soil left 

under natural conditions. We predicted that exposing B-horizon soil to the surface 

microclimate in the absence of plant inputs would drive growth of microbial biomass and 

would deplete WEOC. We expected that plant inputs would further increase microbial 

biomass and also increase WEOC. Finally, we predicted that by increasing microbial 

biomass and depleting WEOC, surface exposure would reduce the relative availability of C 

after wetting, and thus the sensitivity of soil respiration to wetting events.  
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C. Methods 

1. Field Manipulation 

Overall design. We established a total of twelve research plots divided evenly across 

three field sites in California. The three sites had broadly similar climate and vegetation, 

dominated by non-native annual grasses and deciduous oaks. We divided our plots across 

three sites to help us ensure the generality of our results at a regional scale. Thus, sites and 

individual plots were treated as nested units of replication (see statistical analysis). Within 

each site, plots were situated across a range of soils which varied in texture due to 

underlying variation in parent material (Chapter 1). 

Site description. The three field sites were managed by the University of California and 

included Sedgwick Reserve, Hastings Natural History Reservation, and McLauglin Reserve. 

Plots at all three sites were situated in grasslands or savannas dominated by non-native 

annual grasses (Bromus diandrus and Avena spp.), and the oak Quercus douglasii. All three 

sites experience a Mediterranean climate with cool wet winters, hot summers, and virtually 

no summer rainfall. During the study period, seasonal patterns of rainfall and temperature 

were similar across the three sites, although the northernmost site (McLaughlin) experienced 

substantially higher rainfall during winter of 2017 than the two southern sites (1298 mm at 

McLaughlin versus 553 mm at Sedgwick and 588 mm at Hastings) (Western Regional 

Climate Center 2018; Supplemental Fig. 1). Soils at each site are mapped as either Mollisols 

(Typic Haploxerolls and Argixerolls; at all three sites), Alfisols (Typic Haploxeralfs; at 

McLaughlin), and one Inceptisol (a Lithic Haploxerept; at McLaughlin) (Soil Survey Staff, 

2017). All plots were situated on hillslopes (approximate slope gradient 10-20%) in areas 

that had likely seen past grazing, but likely no tillage. Soils sampled at the Sedgwick reserve 
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were formed over Franciscan mélange—blending marine sandstones, seafloor basalt, and 

ultramafic rocks—or alternately over the Paso Robles formation—terrestrial alluvium 

composed of Franciscan rocks and marine shales (Dibblee 1993). Soils sampled at the 

Hastings reserve were formed over grano-diorite or basalt (Dibblee 2007). Soils sampled at 

the McLaughlin reserve were formed over intermediate-texture sedimentary rocks, basalt, or 

serpentinite (Fox et al. 1973).  

Field plot installation. Plots were established in April-May of 2016. We established four 

plots per site, with each plot receiving four treatments: translocated B-horizon without plants 

(B-bare), translocated B with plants (B-plants), in situ B-horizon (B-control) and in situ A 

horizon (A-control). Each treatment was replicated within each plot in three separate plastic 

tubes. Thus, the entire experiment consisted of three nested levels of replication across the 

four treatments with a total sample size of 144: 3 sites * 4 plots * 3 tubes * 4 treatments. 

Initial soil sampling at each plot was conducted by excavating a soil pit to a depth of 50 

cm. Soil was sampled from a depth of 50 cm to ensure a strong contrast between B-horizon 

soil and A-horizon soil. Based on previous descriptions at the same sampling locations 

(Chapter 1), the 50 cm sampling depth was situated within the B-horizon at all sampling 

plots. B-horizon soil was sampled from the pit by coring. Cores were retrieved by gradually 

hammering 15 cm long, 10 cm-diameter ABS plastic tubes into the cleared floor of the soil 

pit, excavating the tubes, and then installing them vertically in pre-bored 10 cm deep holes at 

the surface. One plot at the McLaughlin reserve was situated in a basalt-derived Inceptisol 

that had an extremely rocky B horizon, which prevented coring. In this case, we retrieved 

subsurface soil at a shallower depth (30-40 cm) from between rocks using a knife, and 

loosely packed the soil into the plastic tubes for installation at the surface. 
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The plastic tubes were installed 1 m apart in a grid pattern 3-5 m from each soil pit. Once 

installed at the surface, the plastic tubes were left open at both ends, allowing vertical flow 

of water and oxygen over the course of the manipulation. The B-bare treatment tubes were 

capped with fine (approximately 1 mm) aluminum screen to prevent seeds from falling into 

the tubes and germinating in the following growing season. The B-plant tubes were left open 

and seeded with 15-20 annual grass seeds each from plants adjacent to the plot (Bromus 

diandrus and Avena spp.). Seeding ensured that plant growth was not dispersal-limited in the 

B-plant treatment. 

Control tubes were established in the A horizon soil by hammering a set of plastic tubes 

into the A-horizon soil in line with the B-bare and B-plant tubes. Installing tubes in the A-

horizon helped us to account for the effects of the plastic collar when comparing the A-

control treatment with translocated treatments. We could not employ this control measure at 

depth because leaving plastic tubes installed at the bottom of each soil pit would mean 

exposing the tubes to a large mass of overlying disturbed soil, which we reasoned would 

have a significant additional confounding effect. We thus sampled B-horizon control soil at 

a later date using an auger (see below) acknowledging that it was not the ideal control. 

Plot maintenance and sampling. Plots were revisited at 2-3 month intervals between 

May 2016 and August 2017 to ensure plant exclusion from the B-bare treatment. At each 

return visit, seeds and grass stems trapped in the aluminum mesh were removed and 

overlying grass stems were pushed aside to prevent C inputs from through-fall. Seeds and 

recently germinated plants below the mesh were carefully extracted by hand to prevent 

retention of root material in the tubes. 

In August 2017, tubes were removed from the soil surface and stored in plastic bags for 

transport to the laboratory at University of California Santa Barbara. A-control and B-plant 
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tubes were first sampled for aboveground plant biomass and litter by clipping all stems 

growing from within the circumference of the plastic tube at their base, and then collecting 

loose litter material. Aboveground biomass and litter was stored in small plastic bags and 

then dried at 60 °C and weighed at a later date. 

B-control samples were sampled from 50-60 cm using an auger with a 10 cm bore. 

Auger samples were obtained in-line with the 1-m grid of the experimental plot, which 

ensured that they were not retrieved from the disturbed area underlying the original soil pit. 

After sampling, soils were returned to the lab, allowed to air dry for one week, and 

sieved to 4 mm. The air-dried soils were then stored for 6 months prior to the incubation. 

Previous work suggests that the storage duration was unlikely to affect their response 

(Chapter 1). In that study, a six-month storage period had no effect on respiration rates 

provided soils were pre-incubated for 10 days prior to final incubation measurements. 

Soil texture. Soil texture data were obtained from a previous study that included the same 

set of sampling locations (Chapter 1). Clay content was measured by the pipette method 

following dispersion of soil in sodium hexametaphosphate (Burt 2004). 

2. Laboratory Incubation 

Prior to incubation, sub-samples of each field replicate were placed in plastic specimen 

cups and pre-incubated for 10 days by wetting them to 40% of their water holding capacity. 

After pre-incubation, the soils were dried to a constant gravimetric water content under 

laboratory air for 6 weeks.  

After 6 weeks of drying, the soils were sub-sampled to allow an initial set of microbial 

biomass measurements and water extractions. A remaining subsample of soil was then 

wetted to 40% of its water holding capacity and sealed in a glass mason jar for respiration 
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measurements. Respiration was measured by sampling CO2 in the jar headspace 3, 6, 27, and 

51 hours after wet-up using a 1-ml glass syringe and measuring CO2 concentrations with an 

infrared gas analyzer plumbed to quantify small volumes (Li820, Licor Biosciences, Lincoln 

Nebraska). After the initial respiration measurements, jars were vented to release excess 

CO2. Respiration was measured again 6-7 days after wetting (Chapter 1).  

Microbial biomass measurements. Microbial biomass was quantified using two methods: 

direct chloroform extraction (CE) (Vance 1987, Setia et al. 2012) and substrate induced 

respiration (SIR) (West and Sparling 1986, Fierer et al. 2003). WEOC extracts were 

obtained in parallel with CE extracts. Microbial biomass and WEOC samples were obtained 

2-3 days before the laboratory wetting event (pre-wet samples) and 7-8 days after the wetting 

event (post-wet samples).  

Chloroform extraction quantifies a fraction of microbial biomass carbon which is 

chloroform-labile (the “chloroform flush”). CE was performed by direct addition of 

chloroform (0.5 ml) to small sub-samples of soil (8g) in sealed glass containers with Teflon-

lined lids. The containers were allowed to remain sealed for 24 hours to allow time for 

chloroform to lyse microbial cells, and were then extracted with ultrapure water for 30 

minutes on a reciprocal shaker at 180 rpm. The 30-minute extraction time is sufficient when 

applying the direct extraction method (Setia et al. 2012). A set of extracts without added 

chloroform was made in parallel, and the chloroform flush was calculated as the difference 

in water extractable carbon between the chloroform-amended and the un-amended extracts 

(ug C g soil-1). We used water as an extractant because the un-amended extracts doubled as 

samples for WEOC quantification. Water has an equivalent extraction efficiency for C 

compared to the more standard salt-based extractants (Elizabeth Forbes and Ken Marchus, 

unpublished data). Both amended and un-amended extracts were filtered using glass fiber 
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filters (Pall type A/E). Chloroform-amended extracts were bubbled with compressed air to 

remove excess chloroform. Analytical blank extracts containing no soil were generated in 

parallel with the samples and used to correct for background carbon concentrations. 

CE has a low sensitivity in B-horizon soil that is low in microbial biomass (Chapter 1). 

During this study, some B-horizon soils consistently yielded negative CE biomass estimates 

across treatments, suggesting a chemical interaction between chloroform and soil that 

actually decreased C yields after chloroform treatment. We observed that the pH of 

chloroform-amended extracts could be more than one unit lower than the un-amended 

extracts used to correct for background C concentrations when calculating CE biomass. It 

seems possible that chloroform acidified CE samples triggered precipitation of acid-

insoluble organics and consistently reduced organic carbon yields in B-horizon soils. As a 

consequence, we considered CE unreliable in the context of this study, and focused on SIR 

biomass when interpreting our results. 

SIR is an indirect measure of microbial biomass that relies on the assumption that 

microbes respire at a maximum rate given saturating resources, and that this rate is 

proportional to the microbial biomass (Anderson and Domsch 1978). SIR was quantified by 

suspending 8 g soil samples in 20 ml of autolyzed yeast extract (12 g l-1) in sealed jars fitted 

with rubber septa. The jars were placed on a reciprocal shaker at 180 rpm for three hours and 

removed every 30-40 minutes to sample CO2 in the jar headspace. CO2 was measured by 

infrared gas analysis as above, and respiration rates were obtained by relating the amount of 

CO2 respired per unit soil to time elapsed using linear regression. 

3. Statistical Analysis 
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We used linear mixed effects models to represent the nested sampling design of our 

experiment across individual response variables. Mixed effects models were specified by 

treating site and plot as nested random effects and then testing for fixed effects of 

experimental treatment. We treated site and plot as random effects because our hypotheses 

were not directly concerned with variation between sites; rather, we replicated our 

experiment across sites to assess the generality of our results. However, at the plot level, we 

did considered variation in soil texture by evaluating interactions between the experimental 

treatment and texture as a fixed effect (see below). 

Mixed effects models were implemented in the R computing platform (R Core Team 

2018) using the package lme4 (Bates 2015). All variables were log-transformed prior to 

analyses to ensure normality of residuals, which was assessed by inspecting Q-Q plots. In the 

case of the CE data, some values from low-biomass B-horizon soil were negative due to 

small positive differences between the chloroform-amended extracts and the un-amended 

extracts. Given that these negative values preclude transformation of the data to achieve 

normality, we do not report mixed effects models for the CE data, which we otherwise 

consider unreliable in the context of this study (see above). 

We assessed the significance of differences across all treatments by computing p values 

for each mixed effects model. Statistics were computed by comparing the full model to a 

reduced, intercept-only model using analysis of variance. When applicable, we tested for 

significant changes in response variable before and after the laboratory wetting event, 

comparing pre-wetting and post-wetting measurements across all treatments. We did this by 

specifying an initial model for the difference between pre-wetting and post-wetting values 

with a single intercept term, and then comparing this model to one with a zero intercept, thus 
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testing for changes across all treatments. We proceeded without transformation in this case 

because the model residuals did not appear to deviate strongly from the normal distribution.    

Post hoc tests were performed by pairwise comparison of estimated marginal means 

(Searle et al. 1980) using the R package emmeans (Lenth 2017). Pairwise differences 

between treatments were judged significant at a threshold of p<0.05, using the Tukey 

method to correct for multiple comparisons.  

While our primary hypotheses did not deal specifically with variation in soil properties, 

we explored potential interactions between treatment effects and soil texture. We did this by 

fitting additional models with fixed-effect interaction terms between treatment and clay 

content. We only considered interaction effects if they substantially reduced the model 

Akaike Information Criterion (AIC), which indicated that they provided a more 

parsimonious description of the data (Akaike 2011, Burnham and Anderson 2003). 

Specifically, we report interactions that reduced the AIC by a value of at least 15, which 

indicates a substantial increase in parsimony independent of model fit (Burnam and 

Anderson 2003).  

D. Results 

1. Plant Growth 

Growth of aboveground biomass across the A-control and B-plant treatments was 

highest at Sedgwick (357 ± 160 g m-2, mean ± sd) second highest at McLaughlin (233 ± 144 

g m-2 ) and lowest at Hastings (156 ± 70 g m-2). Aboveground biomass growth was similar in 

the A-control and the B-plant treatments (273 ± 132 g m-2 in A-control, 225 ± 123 g m-2 in 

B-control). In general, the amount of variance in biological response variables that could be 
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attributed to random effects of site was close to zero (Table 1), indicating that the 

experimental effects were comparable across the three field sites. 

2. Microbial Biomass 

Microbial biomass measured by SIR was highest in the A-control tubes, second highest 

in the B-plant treatment, followed by the B-bare and the B-control treatments (Fig 2a,b). We 

tested for effects of wetting on SIR biomass and found that SIR was not significantly 

different in pre-wet versus post-wet samples (χ2 = 1.98, p=0.15). Biomass measured by CE 

also varied across treatments (Supplemental Fig 2). However, we determined that CE was 

unreliable as a measure of microbial biomass in the low-biomass B-horizon soils (see 

Methods), and thus emphasize the SIR results. 

3. Changes in WEOC 

Pre-wetting, WEOC was highest in A-horizon soil, intermediate in the B-plant treatment, 

and similar in the B-bare and B-control treatments (Fig 3a). Across all treatments, WEOC 

decreased after wetting (χ2 = 11.7, p<0.001). Post-wetting, A-horizon WEOC decreased 

substantially, and WEOC values were more similar across treatments (Fig 3b). However, 

WEOC still tended to be highest in the A-control soil, and was lowest in the B-bare 

treatment (Fig 3b). 

We were interested in how surface exposure might affect the relative availability of 

soluble C, which we represent using the ratio of pre-wetting WEOC to SIR biomass. The 

ratio WEOC:SIR was highest in the B-control treatment, substantially lower in the B-bare 

and B-plant treatments, and lowest in the A-control treatment (Fig 3c). 

We discovered that post-wetting WEOC yields were strongly influenced by an 

interaction between the experimental treatment and clay content (∆ AIC from including 
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interaction = 42). In soils with clay contents above 25%, post-wetting WEOC concentrations 

in the A-horizon treatment were higher than post-wetting WEOC concentrations in all of the 

B-horizon treatments. As clay contents decreased below 20%, this difference disappeared 

and reversed: B-horizon soils yielded more WEOC than A-horizon soils at low clay contents 

(Fig 4). 

4. Respiration after Wetting 

The respiration rate within the first 24 hours after wetting was highest in A-control soil, 

intermediate in the B-plant treatment, and similar in the B-bare and B-control treatments 

(Fig 5a). Seven days after wetting, respiration was highest in A-control soil, intermediate in 

the B-plant treatment, and slightly higher in the B-bare treatment than the B-control 

treatment (Fig 5b). The relative size of the respiration pulse after wetting can be represented 

by normalizing the average respiration over the first day after wet-up by the rate seven days 

after wet-up (R1/R7). The relative size of the wetting respiration pulse was greatest in the B-

control soils, lower in the B-bare treatment, and lowest in the B-plant treatment and the A-

control soils (Fig 5c). 

E. Discussion 

Eighteen months of translocation to the surface had measureable effects on microbial 

activity in B-horizon soil—even when plant inputs were excluded. In particular, our 

prediction that surface exposure would increase microbial biomass in B-horizon soil was 

supported by the results of the SIR assay. SIR measures the actively assimilating component 

of the microbial biomass (Anderson and Domsch 1978, Dilly 2006). It is thus possible that 

surface exposure caused an increase in SIR by increasing the active fraction of the microbial 

community without affecting total biomass C. Regardless, shifts in SIR after surface 
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exposure of B-horizon soils indicate that surface exposure increased the assimilatory 

capacity of the microbial biomass, either by increasing the biomass size, increasing activity 

levels, or both. Over the long term, microbial assimilatory capacity can be expected to reflect 

resource availability, which governs the size and activity level of the microbial biomass 

(Anderson and Domsch 2010). Microbial assimilation rates and maintenance costs adjust 

with C availability, with C-rich environments supporting higher assimilation rates and rates 

of biomass turnover (Spohn and Chodak 2015, Spohn et al. 2016). By implication, the 

increases in SIR indicate that surface microclimate increased C availability over 18-months.   

Allowing plant growth in the translocated B-horizon soil led to additional increases in 

microbial biomass, indicating that plants introduced resources to the translocated soil. At the 

timescale of the field manipulation, plants had a comparable effect to surface exposure 

alone. At longer timescales, we expect that the relative effect of plants on microbial biomass 

would likely have increased as plant C accumulated, making the planted B-horizon soil 

resemble the A-horizon soil. In contrast, exclusion of plant inputs depletes organic C at 

decadal timescales (Barré et al. 2010). While we did not observe significant declines in 

microbial biomass or WEOC over 18 months without plants, depletion of C is an inevitable 

long-term consequence of sustained outputs from respiration in the absence of C inputs. 

Thus, the effects of surface exposure and plant growth on microbial biomass are only 

incidentally similar at an 18-month timescale. 

While we did not see evidence that soluble C was significantly depleted in the B-bare 

treatment over the timespan of the field experiment, soluble C was not static—rather, 

WEOC yields declined substantially after wetting, indicating that a fraction of WEOC was 

available to microbes in the B-bare soils (Fig 3a,b). Consequently, some process must have 

regenerated WEOC between wetting events in the field to maintain equivalent WEOC 
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concentrations in the B-bare and B-control soils. Furthermore, the ultimate source of WEOC 

must have been sufficiently large to have maintained WEOC concentrations in the B-bare 

treatment over 18-months without new plant inputs. A similar pattern appeared in a previous 

manipulation at the Sedgwick site, in which WEOC was regenerated during dry periods in 

bare fallow plots (Homyak et al. 2018). Sustained regeneration of WEOC from dry soil in 

the absence of plant inputs suggests that a significant fraction of WEOC is derived from a 

mineral-associated C pool (Homyak et al. 2018). Much of the dissolved organic carbon 

below the rooting zone may be derived from mineral associated forms in situ (Fröberg et al. 

2007, Kaiser and Kalbitz 2012). The processes that convert mineral-associated C to WEOC 

upon wetting are poorly understood, but may include changes in micropore size and 

configuration (Todoruk et al. 2003) or weakening of bonds between organic functional 

groups and clay surfaces (Todoruk et al. 2003, Kaiser et al. 2015).   

Recent plant inputs can also contribute to WEOC: Allowing plant growth in the 

translocated B-horizon soil consistently increased pre-wetting WEOC concentrations. This 

finding is consistent with a broad survey of Californian soils, which identified a positive 

relationship between pre-wetting WEOC and low-density C (< 1.6 g cm-3), which was 

comprised of plant detritus (Chapter 1). However, this finding contradicts the result of a 

previous bare-fallow experiment at the Sedgwick field site, which identified substantial 

increases in WEOC in response to removal of aboveground biomass and associated shallow 

roots (Homyak et al. 2018).  

It is possible that removal of roots was incomplete in the Sedgwick bare-fallow 

experiment, and that C from decomposition of the residual roots caused this difference. 

Alternatively, the opposing effects of plant inputs in the Sedgwick bare-fallow experiment 

and this study may relate to soil structure. In the Sedgwick bare-fallow experiment, 
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removing plants from A-horizon soil reduced the mean weight diameter of water-stable 

aggregates and reduced the concentrations of polysaccharides that are thought to bind 

aggregates together (Blankinship et al. 2016, Marchus et al. 2018). Removing plants from A-

horizon soil in the Sedgwick bare-fallow experiment may have had the net effect of 

increasing WEOC yields by releasing C that is occluded in aggregates. In contrast, allowing 

plants to grow in translocated B-horizon soil in this study may have introduced WEOC from 

root litter without substantially altering soil structure at an 18-month timescale.  

In contrast to WEOC derived from dry soil, WEOC extractable 8 days after wetting 

(post-wetting WEOC) was broadly similar across treatments, suggesting that some fraction 

of WEOC may remain relatively unavailable to microbes. However, the amount of post-

wetting WEOC was not uniform across our sampling plots. In clay-poor soils, the A-control 

treatment yielded less post-wetting WEOC than B-horizon treatments, while in clay-rich 

soils, the A-control treatment yielded more post-wetting WEOC (Fig 4). This suggests that a 

larger fraction of WEOC was unavailable to microbial consumers in clay-rich A-horizons. 

Given that clay increases aggregate stability (Edwards and Bremmer 1967, Wagner et al. 

2007) and clays reduce diffusion rates of aqueous substrates (Mayer et al. 2004), WEOC in 

clay-rich A-horizon soil may have persisted after wet-up due to the physical protection 

provided by clays.   

Overall, the effects of translocation on WEOC were smaller than the effects of 

translocation on microbial biomass. As a consequence, both translocation treatments reduced 

the amount of WEOC relative to microbial demand, depressing the ratio of pre-wetting 

WEOC to SIR. In a previous study, this ratio was positively related to the relative size of soil 

respiration pulses after wetting events, which are largest when WEOC is abundant relative to 

SIR, causing net growth of microbial biomass (Chapter 1). Similarly, in this study 
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translocation reduced both the ratio of WEOC to SIR and the relative respiration rate after 

wetting. The reduced sensitivity of respiration to wetting in translocated soils may reflect the 

fact that translocation increased microbial biomass without proportionate increases in 

WEOC, limiting the capacity for additional microbial growth after wetting events. 

While translocation decreased the relative magnitude of wetting respiration pulses, the 

treatment increased the absolute respiration rate both immediately after wetting and one 

week following wetting. This result may be explained by the fact that wetting respiration 

integrates both endogenous cellular and extracellular C sources. Wetting respiration 

dynamics in Californian grassland soils are likely dominated by cellular C sources—such as 

the cellular osmo-protectant compound trehalose—when microbial biomass is high (Chapter 

2). In B-horizons where microbial biomass is low, consumption of extracellular C controls 

the dynamics of wetting respiration (Chapter 1). Translocation increased microbial biomass, 

and thus may have increased the contribution of cellular C sources to respiration. To the 

extent that these cellular C sources scale with total microbial biomass, respiration fueled by 

cellular C can be expected to correlate with respiration rates sustained by microbes after the 

wetting response subsides—constraining the relative size of respiration pulses after wetting.   

F. Conclusions 

 We found that surface exposure increased microbial assimilatory capacity, while WEOC 

concentrations remained unchanged, indicating that surface microclimate increased the 

accessibility of C without changing its quantity. The mechanism behind this effect might be 

purely spatial. Microbial uptake of soluble C is influenced by diffusion rates, which are in 

turn a function of spatial separation between microbes and substrate (Ågren and Wetterstedt 

2007, Manzoni et al. 2016). At depth, dissolved organic carbon may persist because 
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microbial colonies are sparsely distributed, and thus are more likely to be spatially separated 

from substrates (Marshner et al. 2008, Schimel 2018). Surface exposure might help to 

overcome this spatial separation by increasing the frequency of wetting and thus the rate of 

C redistribution, driving microbial growth and investment in metabolic capacity (Schimel 

2018).  

This redistributive effect may help to explain globally-observed patterns in the 

radiocarbon activity of soil C, which show that the mean residence time of C increases with 

depth across soil types, climate zones, and ecosystems (Leavitt et al. 2007, McFarlane et al. 

2013, Mathieu et al. 2015). Multiple factors likely contribute to the depth-dependence of C 

age. For instance, the increase in C residence time with depth may be related to the greater 

rates of clay accumulation and weathering reactions that stabilize C below the rooting zone 

(Lawrence et al. 2015). However, changes in mineral surface area alone cannot fully explain 

the depth-dependence of C residence time (Fontaine et al. 2007).  Instead, the depth-

dependence of C residence time may be linked to the rate of fresh C input, with recent plant 

C at the soil surface “priming” mineralization of older soil organic matter at depth by 

supporting microbial growth and enzyme production (Fontaine et al. 2007, Kuzayakov 

2010). By redistributing C and fueling microbial growth, wetting events and other climatic 

fluctuations might have an effect similar to priming. Microbial growth after climatic 

perturbations might increase the capacity of microbes to access C by increasing the spatial 

density of microbial colonies and providing energy to fuel enzyme synthesis. Thus, climatic 

fluctuations might drive positive feedbacks that stimulate decomposition and enhance the 

overall availability of C, influencing the mean residence time of C on a long-term basis.
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Figure 2. Translocation effects on SIR. Panel (a) shows SIR measured on dry soil before 
the laboratory wet-up, and panel (b) shows SIR after wet-up. Letters designate significant 
differences between treatments at the 0.05 significance threshold based on estimation of 
marginal means from mixed effects models. 
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Figure 3. Translocation effects on WEOC. Panel (a) shows pre-wetting WEOC values, 
panel (b) shows post-wetting WEOC values, and panel (c) shows pre-wetting WEOC 
divided by pre-wetting SIR. Letters designate significant differences between treatments at 
the 0.05 significance threshold based on estimation of marginal means from mixed effects 
models. 



 

   93 

 

 

Figure 4. Interaction between treatment effects and clay content. Points represent plot-
level average differences between A-control treatment and the three B-horizon treatment 
levels as a function of the A-horizon clay content. 
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Figure 5. Translocation effects on respiration after wetting. Panel (a) shows R1, the 
average respiration in the first 3-27 hours after wetting, panel (b) shows R7, the average 
respiration one week after wetting. Panel (c) shows the ratio R1/R7, an index of the relative 
size of the wetting respiration response. Letters designate significant differences between 
treatments at the 0.05 significance threshold based on estimation of marginal means from 
mixed effects models.
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Variable χ2 p Variance ∆AIC 

      Plot Site Resid.  %clay : treatment 

Pre-wetting: 
      

SIR 305.67 <0.001 0.08 0.00 0.09 12.7  

CHCl3 flush 212.46 <0.001 0.13 0.00 0.07 -4.1  

pre-wet WEOC 147.98 <0.001 0.03 0.04 0.04 -5.2  

Post-wetting:       

SIR 284.46 <0.001 0.11 0.00 0.09 2.8  

CHCl3 flush 242.82 <0.001 0.14 0.00 0.05 2.7  

WEOC 38.83 <0.001 0.07 0.06 0.11 42.2  

 
      

R1 191.19 <0.001 0.01 0.00 0.01 4.9 

R7 324.04 <0.001 0.06 0.00 0.07 0.7  

R1/R7 45.98 <0.001 0.01 0.00 0.02 7.6  

WEOC/SIR 197.65 <0.001 0.07 0.06 0.11 10.2 

 

Table 1. Mixed effects model statistics. Rows correspond to mixed-effect models for each 
variable with translocation treatment as a fixed effect and site and plot as a nested random 
effect. The first two columns show χ2 and p statistics for each model. Columns 3-5 show 
variance associated with random effects for pit and site and residual variance. The final 
column shows the change in model AIC incurred by including an interaction effect between 
% clay and experimental treatment.  
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Supplemental Figure 1. Climate across three sites over the experimental period. The top 
row of panels shows daily mean air temperature, and the lower row of panels shows daily 
rainfall totals. Total rainfall for July 2016 - July 2017 is reported on each panel. Panels (a) 
and (b) show climate for the Sedgwick Reserve, panels (c) and (d) show climate for the 
Hastings Natural History Reservation, and panels (e) and (f) show climate for the 
McLaughlin Reserve.   
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Supplemental Figure 2. Translocation effects on CE-estimates of microbial biomass. 
CE flush values represent the unscaled difference between chloroform-amended and un-
amended extracts. Panel (a) shows the CE flush measured on dry soil before the laboratory 
wet-up, and panel (b) shows the CE flush after wet-up. 
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Conclusion 

Collectively, the observations, model simulations, and experimental results presented in 

this dissertation show that the response of soil respiration to moisture fluctuations is multi-

causal, but reducible to a few key mechanisms. The response of soil C to moisture 

fluctuations is partly determined by microbial stress physiology (Chapters 1-2). However, 

moisture fluctuations also make extracellular C available, and thus have the potential to 

increase soil C losses over the long term (Chapters 1- 3). By increasing C availability at the 

soil surface, moisture fluctuations increase microbial assimilatory capacity (Chapter 3), and 

may influence the relationship between the mean residence time of SOC and soil depth.    

Chapter 1 revealed correlations respiration pulses after wetting and soil properties across 

grassland soils in California. These correlations suggested that both cellular and extracellular 

C sources contribute to respiration pulses after wetting. In A-horizon soil, the size of the 

microbial biomass was positively related to respiration rates after wetting. Cellular 

constituents—particularly the sugar trehalose—shifted in abundance after wetting, 

suggesting that consumption of osmo-protectant compounds was responsible for wetting 

respiration. While trehalose concentrations were likely not sufficient to maintain cellular 

hydration after drying (Chapter 1), trehalose may play an important role in stabilizing 

microbial proteins and storing energy in dry soil (Sampedro et al. 1998, Argüelles 2000). 

In soil sampled from below the A-horizon, respiration rates after wetting were more 

strongly correlated with water extractable organic carbon (WEOC) yields from dry soil, 

suggesting contribution of extracellular C to respiration after wetting (Chapter 1). B-horizon 

soil was too poor in microbial biomass to generate substantial wetting respiration from 

mobilization of cellular C alone. Instead, wetting of B-horizon soil caused delayed 
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respiration pulses accompanied by net microbial growth, which were largest in soils with the 

most WEOC (Chapter 1). Thus, soluble extracellular C apparently contributes to respiration 

after wetting—but its influence is most visible in biomass-poor subsoils, and may be masked 

in A-horizon soil where cellular C is a more significant source of respiration.  

Chapter 2 revealed that the fine-scale dynamics of respiration, changes in WEOC, and 

net changes in microbial biomass can be explained by modeling joint contributions from 

cellular and extracellular C sources. In a single A horizon soil, microbial biomass 

accumulated a substantial pool of cellular trehalose after drying—equal to almost 50% of 

chloroform extractable microbial C. On wetting, the trehalose was likely rapidly hydrolyzed 

to yield glucose and then consumed, likely causing the initial stages of the respiration pulse 

(Chapter 2). At the same time, soluble C quantified as WEOC declined after wetting, while 

the microbial biomass experienced net growth. In aggregate, the balance of carbon in the soil 

after wetting could only be modeled by accounting from contributions from both cellular 

trehalose and from C lost from the WEOC pool.  

Together, the broad correlations and the fine-scale dynamics indicate that that individual 

cycles of drying and wetting might produce CO2 dominated by microbial cellular pools—but 

extracellular C is the ultimate fuel that sustains C fluxes over multiple cycles. If recycling of 

microbial cellular C was the only source of elevated respiration, the biomass would decline 

over time (Miller et al. 2005). Instead, microbial biomass is maintained or grows over 

multiple wetting cycles, which can only be explained if wetting temporarily increases C 

availability and compensates for C lost from cellular sources (Miller et al. 2005, Xiang et al. 

2008). Over time, the C assimilated from extracellular sources may become the microbial 

cellular C released in the next cycle (Schimel 2018, Chapter 1). When biomass is small—as 

in deep soil—then this C subsidy is large relative to the microbial biomass, and drives net 
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microbial growth (Xiang et al. 2008, Chapter 1). Because a fraction of the C released after 

wetting is released extracellular sources, the wetting and drying probably increase C 

availability and net losses of C from soil over the long term. 

If wetting and drying cycles increase the availability of C, they may in fact be a 

meaningful control on the rate at which C cycles at different depths within the soil. The 

experimental translocation of B-horizon soil presented in Chapter 3 provided a field-based 

approach for testing this hypothesis. In B-horizon soil translocated to the surface across three 

grassland sites in California, exposure to surface microclimate for 18 months was sufficient 

to increase microbial biomass, even while yields of WEOC remained constant. By 

implication, surface microclimate—including more frequent cycles of wetting and drying—

increased microbial access to C over the 18-month experiment. More broadly, soluble C is 

abundant in B-horizon soil relative to the amount of microbial biomass (Marschner et al. 

2008, Chapter 1). Translocation brings microbial biomass into closer equilibrium with the 

amount of soluble C, indicating that this deep C is potentially bioavailable—and that 

climatic fluctuations are a control on its availability. 

These results support the idea that climatic fluctuations and SOC turnover are 

fundamentally linked. Climate fluctuations may have substantial legacy effects if they can 

increase the amount of microbial biomass over the long term. In particular, climate 

fluctuations may have effects similar to plant inputs in the rhizosphere (Chapter 3). In the 

rhizosphere, C release from exudates and root turnover may “prime” decomposition of older 

soil organic matter by increasing the size, metabolic capacity, and enzyme production of the 

microbial biomass (Fontaine et al. 2007, Kuzayakov 2010). Cycles of wetting and drying 

might have a similar stimulatory effect on decomposition, increasing the density of microbial 

colonies at the pore-scale and thus increasing microbial access to C (Chapter 3). In this way 
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the stimulatory effect of climate fluctuations may extend beyond individual perturbations, 

controlling microbial access to SOC over the long-term. 

The majority of the C stored in the world’s soils persists below the top 20 cm of soil 

(Jobbágy and Jackson 2000), and this C cycles more slowly than the C above it (Mathieu et 

al. 2015). However, this pool of deep C is potentially bioavailable: physical conditions in the 

subsoil, rather than biochemical structure, make it inaccessible to decomposers (Marschner 

et al. 2008, Schmidt et al. 2011). The frequency of climate perturbations—particularly 

wetting and drying cycles—is apparently one such control. By implication, changes in 

climate that affect the frequency and intensity of wetting events might also affect the 

stability of deep C, altering the C balance of the global land-surface.  

More generally, any environmental perturbation that increases the rate of physical 

disturbance in deep soils or exposes this subsurface soil C to variable physical conditions 

might return some of this C to the atmosphere (e.g. tillage, Sanderman et al. 2017). 

Conversely, ecological changes or management practices that introduce C into deeper soil 

horizons or bury C might shield a fraction of this C from the climate fluctuations that 

dominate at the soil surface, increasing its residence time (e.g. erosion and deposition, Berhe 

et al. 2007, Van Oost et al. 2007). Thus, while subsoil C cycles slowly on average, it is 

protected by depth-dependent environmental variables, and may not be intrinsically stable. 

Instead, subsoil C should be considered potentially dynamic, and thus central in projecting 

the future of the global carbon cycle and carbon-climate feedbacks. 
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