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Abstract 

Development of Tools for Whole-Organism High-Throughput Screening 

High-throughput screening (HTS) leverages laboratory automation and advanced analytics in order to 

perform experiments much more quickly than what can be accomplished by hand. Since its inception in 

the 1990s, HTS has revolutionized the field of drug discovery, and has been adopted by the leaders of 

the industry. However, the application of HTS technology has largely been limited to purified protein or 

cell-culture based assays, with detrimental consequences for the viability of lead compounds identified 

using this approach. In this dissertation, I discuss my work in developing new tools to implement HTS 

techniques in whole-organism models such as zebrafish and C. elegans. Whole organisms can be used to 

create more biologically-relevant disease models and to find cures for diseases with unknown etiology. 

Additionally, the use of whole-organism HTS opens up new possibilities in fields such as forward genetic 

screens. I describe how automated microscopy can be combined with computer vision and machine 

learning techniques in order to streamline the complicated logistics of imaging and analyzing whole 

organisms and whole-organism data. It is my hope that the tools and workflows detailed will increase 

adoption of whole-organism HTS and lead to improved drug development success rates as well as to 

facilitate scientific discovery. 

  



v 
 

Table of Contents 

Introduction .................................................................................................................................................. 1 

A High-Throughput Screening Primer ........................................................................................................... 2 

The HTS Mindset ....................................................................................................................................... 5 

1. Zebrafish HTS for Drug Discovery ............................................................................................................. 7 

1.1 A Short History of Drug Discovery ..................................................................................................... 11 

1.2 HTS in Zebrafish ................................................................................................................................ 13 

2. A High-Content Larval Zebrafish Brain Imaging Method for Small Molecule Drug Discovery ................ 17 

2.1 Assay Optimization ........................................................................................................................... 42 

2.2 Bioactive Screen Results ................................................................................................................... 44 

2.3 A Discussion of Assay Quality Metrics .............................................................................................. 48 

2.4 Addendum: Work in Behavior-Based Screening ............................................................................... 50 

2.5 The Future of Drug Discovery ........................................................................................................... 65 

3. HTS in C. elegans ..................................................................................................................................... 69 

3.1 Sample Handling ............................................................................................................................... 76 

3.2 Imaging, Photoactivation, and Analysis ............................................................................................ 79 

3.3 Hit Selection and Recovery ............................................................................................................... 81 

3.4 Alternative Method: Automated Microscopy ................................................................................... 82 

3.5 Closing Thoughts on the C. elegans HTS ........................................................................................... 87 

4. Other HTS Projects (Drosophila) ............................................................................................................. 87 

5. Open-top Selective Plane Illumination Microscope for Conventionally Mounted Specimens ............... 90 

Closing Remarks ........................................................................................................................................ 111 

References ................................................................................................................................................ 112 

 

 

  



vi 
 

List of Figures 

Figure 1: The three challenges of whole-organism high-throughput screening .......................................... 5 

Figure 2: The drug discovery process ............................................................................................................ 9 

Figure 3: Optimization of Mtz-mediated dopaminergic neuron ablation assay ......................................... 43 

Figure 4: Identification of hit compounds in a SelleckChem Bioactive Compound Library screen ............ 47 

Figure 5: An example motion index (MI) trace ........................................................................................... 51 

Figure 6: Behavior-based neuroactive drug discovery ............................................................................... 53 

Figure 7: PCA-map of known neuroactive drugs ........................................................................................ 55 

Figure 8: Results of feature reduction on the behavioral phenotypes of 35 different drug compounds .. 56 

Figure 9: Data pre-processing for use in classification ............................................................................... 60 

Figure 10: Feature importance ranking using the random forest classification model .............................. 63 

Figure 11: R&D costs to bring a drug to market ......................................................................................... 67 

Figure 12: EMS-based screening in C. elegans ............................................................................................ 70 

Figure 13: C. elegans HTS workflow ............................................................................................................ 73 

Figure 14: Overview of microfluidics-based C. elegans screening .............................................................. 75 

Figure 15: Imaging challenges in C. elegans ............................................................................................... 78 

Figure 16: Overview of the automated microscope approach to hts in C. elegans .................................... 84 

Figure 17: Image processing and classification of C. elegans using an automated microscope ................ 86 

  



1 
 

Introduction 

Our scientific understanding of the various diseases that afflict the human body grow more with each 

day. However, this knowledge alone is not enough to find cures – we need to simultaneously develop 

new methods of discovering new drugs that can leverage these scientific insights. Luckily, advancements 

in laboratory automation, sophisticated machine learning algorithms, and new gene-editing tools have 

the potential to revolutionize the field of high-throughput screening and vastly improve our efforts at 

developing new therapeutics. In the course of my graduate work, I have focused on a new and 

innovative area of high-throughput screening: whole-organisms. Performing drug screens at the whole 

organism level, instead of at the protein or cellular level, allows us to capture both the efficacy of the 

drug, as well as its absorption, distribution, metabolic and excretion (ADME) characteristics. The overall 

hope is that performing drug screens in whole organisms will result in biologically relevant lead 

compounds, an area that cell and protein-based screens suffer in. However, technology for whole-

organism based high-throughput screening is not well developed, it’s much more difficult, more 

expensive, and slower than traditional cell culture or other in vitro techniques. For my dissertation, I 

have focused on developing technologies, platforms, and assays to perform high-throughput screens of 

whole organisms. 

This dissertation is organized in two main sections. The first section concerns the development of a high-

throughput screening assay for use in zebrafish larvae with the goal of discovering neuroprotective 

compounds. This section covers the experiments performed during the development of the screen, as 

well as the final screening workflow and performance metrics. This section is capped by a discussion of 

future work with regards to behavior-based screening. The second part of this dissertation will consist of 

various side projects performed over the course of my graduate studies. These projects include my work 

on high-throughput screening in C. elegans and the development of an inverted SPIM system. This work 
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is interdisciplinary and spans multiple functional areas; I have incorporated elements of optics, 

instrumentation control, programming, computer vision, assay optimization, zebrafish husbandry, drug 

screening, and rapid prototyping. I will begin with a general introduction to topics that are universal 

across both projects. Namely applications of high-throughput screening as well as the metrics used to 

gauge the quality of a high-throughput screen. 

 

A High-Throughput Screening Primer 

Elegant experiments abound in biology. Perhaps one of the most famous is the work of Gregor Mendel, 

who demonstrated the existence of genetic alleles using pea plants. However, some biological problems 

cannot be solved so simply; in particular, when serendipitous discovery is the main driver of discovery. 

One example is in the field of drug discovery, where over a million compounds can be tested before 

discovering a new drug (4). Another example application is in forward genetic screens, in which an 

organism is randomly mutagenized and screened for a phenotype of interest. In both these cases the 

scientific “solution space” is large, and hundreds of thousands of conditions need to be tested. 

Laboratory automation and computer processing are required to perform this volume of experiments, 

resulting in the field of high-throughput screening (HTS). 

HTS owes much of its history to the pharmaceutical industry. For example, a drug discovery campaign to 

find a small molecule capable of inhibiting the activity of an enzyme may first utilize robotics to dispense 

enzyme aliquots and other reagents into multiwell plates, add compounds from a screening library, and 

then use a plate reader to record the activity of the enzyme as it cleaves a fluorogenic substrate. The 

field of HTS is exceedingly diverse, with new HTS methods utilizing assays significantly more complex 

than the (extremely simplistic) given example. Common areas of difference include: plate format (96-

well, 384-well, etc.), plate design, time length, single-or-multiple endpoint, readout technique 
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(fluorescence or luciferase-based assays are common), and readout method (automated microscope, 

plate reader, etc.). However, all HTS methods share certain attributes: a standardized assay, automation 

of routine laboratory tasks, a readout modality, tight control of data quality, and, most importantly, high 

experimental volume (4, 5). 

Since the scope of all available HTS methods is far too large to fit in one dissertation, I will limit my 

discussion to HTS methods for use in whole-organisms (e.g. zebrafish, C. elegans) that utilize imaging as 

the readout method. HTS in protein extracts and single cells have been extensively developed and 

published over the last thirty years, largely by the pharmaceutical industry, and will not be covered in 

this dissertation. Likewise, non-imaging HTS methods (whole-well fluorescence, binding assays, etc.) will 

also not be omitted. 

While HTS as a whole is a well-established field, applying these techniques to whole-organisms is a 

relatively new. Commonly used organisms include C. elegans, Drosophila, and zebrafish (Danio rerio) (3, 

6-8). The most common uses for whole-organisms are for forward genetic screens and drug discovery. 

Forward genetic screens involve randomly mutagenizing an organism (e.g. C. elegans) and searching the 

mutants for a phenotype of interest (1). Drug discovery involves producing a whole-organism model of a 

disease, usually in zebrafish, and testing various compounds to see if any can reverse the disease 

phenotype. More details on the specifics as well as prior work in each field can be found in their 

respective sections. 

Whole-organism screening is still relatively novel largely for practical reasons. It is often slower, costlier, 

and more technically challenging than traditional HTS in cells or purified proteins. However, whole-

organism screening has a number of advantages, especially in the case of drug discovery. Performing 

drug discovery in whole organisms allows for early screening of compound efficacy as well as ADME 

(absorption, distribution, metabolism, excretion), ensuring that hits are biologically relevant (9-11). This 
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last point has been a weakness in traditional HTS techniques, which rely upon simple assays and/or 

readouts. While the simplicity of assays (for example, enzyme inhibition) allows for rapid iteration 

through hundreds of thousands of compounds, the simplification of often complex diseases can lead to 

compounds that are highly effective in vitro, but fail in vivo (12). Because of this, current HTS 

technologies have not lived up to their initial promise in discovering new drugs, a shortfall critics blame 

on poor biological relevancy of protein/cell based disease models (4). Our hope is make whole-organism 

HTS easier to implement and adopt worldwide – creating more relevant disease-models that will spur 

scientific discovery. While whole-organism screening is unlikely to ever match cell or protein-based HTS 

in terms of throughput or cost, we can address a number of technical challenges that hamper the 

implementation of whole-organism screening. 

There are three main challenges that are particularly difficult when working with whole-organisms 

compared with cells: 

The first is how to handle the organism itself. Working with cells is fairly simple – cells can be suspended 

in liquid and dispensed uniformly both in quantity and in space. These factors make handling cells 

straightforward; a liquid handler can easily treat and dispense thousands of wells of cells. Whole-

organisms, on the other hand, are much more difficult to handle. Since whole-organisms are orders of 

magnitude larger than cells, dispensing whole-organisms is a non-trivial task.  

Second is how to image the organism. Cells are straightforward to image since they distribute 

themselves uniformly across the well surface, placing them at a pre-defined z-position with no xy bias. 

Whole organisms, on the other hand, have no such characteristics. They can be floating (unknown z), 

distributed randomly in the well (unknown xy), and have multiple axes of rotation (another unknown), 

making imaging much more challenging.  
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The third and final challenge is how to analyze the resultant images. Images can be particularly 

challenging due to the higher order structure of whole organisms. For example, to analyze images of C. 

elegans, the worms will often need to be “untangled” and “straightened,” since individual worms can 

end up tangled with each other in sinusoidal shapes (13). Likewise, the goal of the analysis is often to 

study a specific structure within the organism, and thus requires an object identification step before any 

sort of quantification can occur. 

 

FIGURE 1: THE THREE CHALLENGES OF WHOLE-ORGANISM HIGH-THROUGHPUT SCREENING 

These three challenges: sample handling, imaging, and hit identification are common problems that 

need to be addressed for each specific whole-organism screen. Specific details about how each of these 

three challenges are addressed in zebrafish and C. elegans screens can be found in their respective 

sections. 

 

The HTS Mindset 

HTS can be unintuitive and difficult for initiates to grasp. When most people initially think of HTS, their 

main concern is the accuracy of the technique – “the screening method must be at least as accurate as a 

human!” However, this is often not the case – HTS is about hit enrichment – whenever we perform HTS 

we go through multiple rounds of screening, and the goal is to increase the proportion of hits in each 

1. Sample 
Handling 2. Imaging 3. Image 

Analysis
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round of screening. For example, in the first round we may screen a library of 106 compounds with a 

true-positive rate of 0.1% and a false-positive rate of 1%. This will result in 103 true positives and 104 

false positives. At first glance, this screen appears to be terrible, only 10% of our “hits” have any real 

activity! However, if we look deeper, we have effectively gone from a 0.1% true positive rate (in the 

original screening library) to a 10% true positive rate (in the first round “hits”), this is a 100x enrichment 

in our hit rate. 

Most importantly, we can simply repeat the screen again, this time on the first-round hits. We would 

expect only 1% of the false-positives to reconfirm (assuming random statistical variation and not some 

systemic screening bias resulted in the false-positive identification), whereas true positives should re-

confirm again. Even better, the rescreen proceeds 100 times faster than the original screen as only 1% of 

the original library was identified as a “hit” in the first round. In this example, we would now have 1,000 

true positives and only 100 false positives; a first-round screening result that appears disastrous in 

reality is only a minor inconvenience. 

This simple example shows the central tenet of HTS: hit enrichment is the primary goal, and this is 

affected primarily by the false-positive rate of the screen. The higher the false-positive rate, the lower 

the hit enrichment of each round of HTS and the slower the overall screen will be. A proof showing the 

relationship between the false-positive rate and the enrichment of a HTS is as follows (TP = true positive 

rate, FP = false positive rate): 

𝐻𝐻𝐻𝐻𝐻𝐻 𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐻𝐻𝐻𝐻𝐹𝐹𝐹𝐹𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜 = 𝑇𝑇𝑇𝑇 

𝐻𝐻𝐻𝐻𝐻𝐻 𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐻𝐻𝐻𝐻𝐹𝐹𝐹𝐹𝑓𝑓𝑜𝑜𝑜𝑜𝑠𝑠𝑠𝑠 𝑜𝑜𝑜𝑜𝑟𝑟𝑜𝑜𝑟𝑟 = 𝑇𝑇𝑇𝑇
𝐹𝐹𝑇𝑇+𝑇𝑇𝑇𝑇

, if we assume FP >> TP, then 𝐹𝐹𝑇𝑇 + 𝑇𝑇𝑇𝑇 ≈ 𝐹𝐹𝑇𝑇 

𝐻𝐻𝐻𝐻𝐻𝐻 𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐻𝐻𝐻𝐻𝐹𝐹𝐹𝐹𝑓𝑓𝑜𝑜𝑜𝑜𝑠𝑠𝑠𝑠 𝑜𝑜𝑜𝑜𝑟𝑟𝑜𝑜𝑟𝑟 =
𝑇𝑇𝑇𝑇
𝐹𝐹𝑇𝑇
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𝐸𝐸𝐹𝐹𝐹𝐹𝐻𝐻𝐹𝐹ℎ𝑚𝑚𝑚𝑚𝐹𝐹𝐻𝐻 =
𝐻𝐻𝐻𝐻𝐻𝐻 𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐻𝐻𝐻𝐻𝐹𝐹𝐹𝐹𝑓𝑓𝑜𝑜𝑜𝑜𝑠𝑠𝑠𝑠 𝑜𝑜𝑜𝑜𝑟𝑟𝑜𝑜𝑟𝑟

𝐻𝐻𝐻𝐻𝐻𝐻 𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐻𝐻𝐻𝐻𝐹𝐹𝐹𝐹𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜𝑜
=
�𝑇𝑇𝑇𝑇𝐹𝐹𝑇𝑇�
𝑇𝑇𝑇𝑇

=
𝟏𝟏
𝑭𝑭𝑭𝑭

 

This proof assumes that the false negative rate is negligible, however, accounting for the false negative 

rate (FN) is simple, since it is a simple scaling factor on the number of true positives identified on the 

first round screen (e.g. a FN rate of 20% means that only 80% of the TPs are identified in the first round 

of screening. Thus, the enrichment factor in the presence of non-negligible false negative rates is: 

𝐸𝐸𝐹𝐹𝐹𝐹𝐻𝐻𝐹𝐹ℎ𝑚𝑚𝑚𝑚𝐹𝐹𝐻𝐻 =
𝑭𝑭𝑭𝑭
𝑭𝑭𝑭𝑭

 

 

1. Zebrafish HTS for Drug Discovery 

Pharmaceuticals is a trillion-dollar industry, and at its core is the discovery and development of new 

drugs. The goal is to find drugs that are potent, or causes the desired effect, with minimal toxicity and 

other side effects. A drug’s potency is affected by multiple factors: the drug must bind its target(s) with 

high affinity as well as modulate its activity. Additionally, drugs must have good ADME characteristics, as 

a drug that never reaches its target, or has toxic byproducts is less than ideal. Thus, finding an ideal drug 

is a gargantuan task – the “chemical space” in which all potential drugs reside is estimated to be 

approximately 1030 compounds, luckily, HTS techniques can assist in the development of new 

therapeutics (14, 15). Before going into more specifics, I will first give a short outline of the typical drug 

development process as well as to define some commonly used terms. 

The typical modern-day drug discovery campaign begins with a drug target, something that is 

responsible for causing a disease, typically a protein or a nucleic acid (5). Targets are usually identified in 

academic labs in the course of basic research, and the goal of a drug discovery campaign is to find a new 

compound that is able to affect the activity of the target in such that the disease is cured. Once a target 
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has been identified, the next step is to generate hit compounds, or compounds that have the desired 

effect on the target, but whose activity has not yet been validated or optimized. HTS is generally applied 

to a protein or cell-based assay in order to generate these hit compounds, and the overall process is 

termed lead generation. Once a number of high performing hit compounds have been validated, the 

drug is then optimized for binding and activity using medicinal chemistry. The lead compounds have 

their activities measured using in vitro or in vivo (such as in mice), with small modifications made to their 

chemical structures in an effort to increase potency or alleviate side effects, or both. This drug 

optimization step is an iterative process and repeats until no additional performance can be achieved. At 

this point the lead compound becomes a clinical candidate and is advanced to clinical trials where it has 

a chance to become an approved drug. This process, on average, takes more than a decade and an 

estimated $1.8 billion to bring a drug to market (2). Because it occurs so early on, HTS can be considered 

to be one of the lynchpins of the drug discovery process – it is, after all, much easier to optimize a good 

lead compound than a bad one. 
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FIGURE 2: THE DRUG DISCOVERY PROCESS 
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The goal of HTS in drug discovery is to identify lead compounds with high potency and low toxicity by 

testing a simple assay against compounds from a screening library (5). In practice, this is not as 

straightforward as it seems as there is often a tradeoff between the quantity and quality of the lead 

compounds we generate. To increase the quantity of screened compounds we must increase the 

throughput of our assay, simplifying and automating as much of it as possible in order to perform the 

assay more quickly. However, the more we simplify a biological phenomenon the less “biologically 

relevant” it becomes. For example, say we wish to cure Parkinson’s by removing amyloid fibers using 

antibodies. At the most complex, biologically relevant end, we could test a variety of antibodies directly 

in human subjects; ethical and legal concerns aside, this “screen” would be extremely expensive, and 

extremely slow, since we will have to wait years to see the results. However, any successes can 

immediately be translated into the clinic. On the simplest end, least biologically relevant end, we could 

test just the amyloid fibers alone in solution to see if any antibodies can bind it. This can be done quickly 

and we could test tens of thousands of antibodies at low cost. However, any hits we find in this 

simplified assay may not work in actual patients – perhaps immune cells do not recognize the 

antibodies, or they may not be specific enough, or have some other unforeseen side-effect like cellular 

toxicity. When researchers embark upon a drug discovery campaign, a conscious choice has to be made 

on how much biological relevancy must be sacrificed for higher throughput. Unfortunately, there is 

currently no agreed-upon criteria in the field by which to make such a decision, and these critical choices 

are typically guided by experience and “gut-feeling.” As detailed in the next section, classical drug 

discovery efforts were performed in low-throughput, biologically-relevant systems. However, advances 

in chemical synthesis techniques and laboratory automation unlocked the era of modern discovery, in 

which throughput was emphasized above all else (16). Attitudes in the drug discovery field have begun 

to shift recently, and researchers are now beginning to explore alternative HTS methods that again place 

more importance of biological relevancy in the never-ending quest for better therapeutics (6). My work 



11 
 

on HTS using zebrafish larvae represents this new renaissance in developing more biologically-relevant 

medium-throughput assays for drug discovery. 

1.1 A Short History of Drug Discovery 

The search for drugs to treat bodily ailments is likely as old as mankind. Early medicines were likely 

discovered through the trial-and-error ingestion of various (usually plant-based) compounds. The 

beginning of scientifically-guided drug discovery efforts was pioneered in 1856 by by William Perkin, 

who sought to convert the alkaloid naphthalidine (a coal tar extract) into the alkaloid drug quinine (16). 

In doing so, he laid the theoretical groundwork of methodical experimentation guided by chemistry; 

though ultimately unsuccessful at creating quinine, Perkin managed to synthesize of mauve, the first dye 

of its kind. The next breakthrough in experimentally-guided drug discovery came in 1910 from the 

efforts of Paul Ehrlich. Ehrlich sought to find a cure for syphilis by infecting rabbits with the disease and 

testing various chemical derivatives of arsenic-based organic dyes. He would use observations from each 

iteration of experimentation to rationally modify his compound and embark on another round of 

testing. Finally, on the 606th iteration, Ehrlich found a cure (dioxy-diamino-areseno-benzene) (16). In 

many ways, Ehrlich can be viewed as the grandfather of modern medicinal chemistry, establishing the 

concept of test-modify-test that is still used in today’s pharmaceutical industry to develop new 

compounds (16). 

Other innovations soon followed. Gerhard Domagk discovered the first sulfonamide antibiotic using 

mice infected with Streptococcus in 1932. Paul Janssen discovered over 35 drugs using mouse models, 

ex vivo intestine models, etc. Other breakthroughs occurred from the work of James Black, including the 

discovery of beta blockers using isolated guinea pig hearts in 1964 and the discovery of cimetidine to 

inhibit stomach acid production using isolated guinea pig stomachs in 1971. These classic drug discovery 

campaigns all shared a number of factors in common: the researchers started with molecules that were 
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known to have selective affinity for the tissue of interest, tested the compounds in whole animals or 

whole organ preparations, and used the experimental results to inform the next stage of compound 

synthesis and testing (16). This period of drug discovery was also unique in that researchers were able to 

find cures for diseases whose mechanisms were not well understood (if at all), simply by observing the 

phenotypic change induced by test compounds when applied to an ex vivo system. 

The largest influence of the age of classic drug discovery is to change the process of discovering drugs 

from an empirical exercise into one that instead relies upon methodical cycles of experimentation and 

refinement guided by scientific knowledge and hypothesis generation. The modern era of drug discovery 

began in the early 1990s with the advent of the new concept of high-throughput screening (HTS). In 

many ways, HTS can be seen as the natural offspring of classical drug discovery, but taken to its logical 

extreme. Classical drug discovery tested drugs on simplified biological systems – for example, instead of 

working with live guinea pigs, James Black used isolated guinea pig hearts in his work on beta-blockers. 

HTS takes this general concept – the simplification of complex biological systems – and extends it. 

Instead of working with a whole organ, HTS focuses just on the one protein that is responsible for the 

disease and removes all unnecessary biological “noise.” The molecular biology revolution and the ability 

to pinpoint specific causes of disease, combined with automation technology, contributed to the switch 

from slower, classical techniques, to the modern pharmaceutical industry we see today. 

These two types of drug discovery approach the same problem from different directions. Modern 

techniques begin with a known disease agent, generate hundreds of lead compounds, and then whittles 

down the number of compounds during the optimization and toxicology steps (5). Because the 

simplified assays can only measure a compound’s potency, and not its ADME properties, the modern 

pipeline focuses on compound binding and potency first, then optimizes the compound for ADME 

characteristics in the medicinal chemistry step. In contrast, the classical drug discovery workflow begins 

with compounds with known tissue selectivity, and therefore good ADME characteristics, and then 
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attempts to modify the lead compounds until they are potent enough to treat a disease. A fundamental 

difference can be seen in the two approaches: in the modern process, compound potency is considered 

to be the “harder” step – once a potent compound is found, its ADME characteristics should be easy to 

modify, and vice versa for the classical process. In the next section we shall discuss how performing HTS 

in whole organisms is a compromise between these two schools of thoughts, and how we can leverage 

the strengths of both to improve the drug discovery process.  

 

1.2 HTS in Zebrafish 

The two faces of drug development encapsulate competing philosophies: modern HTS techniques 

embraces the idea that diseases can be cured by focusing on a single target, and that we can then take 

compounds that hit that target and make them more selective and bioavailable. Thus, assays are 

simplified to the bare minimum required to measure target activity, and emphasis is placed on 

producing many lead compounds that are slowly eliminated in a survival-of-the-fittest manner (4, 5, 17). 

Classical techniques begin with the philosophy that the cause of the disease is not important from a 

practical standpoint – we simply look for drugs that can reverse the disease phenotype. Assays in this 

case are designed to mimic the original disease as closely as possible (e.g. ex vivo organ preparations), 

and the focus is on optimizing a smaller set of leads (16, 18). Thus, it is not surprising that modern HTS 

techniques are a powerful way to rapidly generate novel lead compounds, but suffers from poor 

biological relevancy of the leads it identifies. Classical drug discovery techniques, on the other hand, 

have the advantage in that the drugs it produces are biologically relevant. However, since it relies upon 

using compounds known to have specific tissue specificity (e.g. organic dyes), it is a poor method of 

generating new leads. Performing HTS in whole organisms promises to combine the strengths of each 

method. Using whole-organism assays allows us to more accurately capture the etiology of a disease, 
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while the use of automation and advanced data analysis allows us to screen through large compound 

libraries.  

In essence, whole-organism screening embraces the paradigm of phenotypic drug discovery, as opposed 

to the reductionist philosophy of modern techniques (19). Since phenotypic drug screening starts with a 

disease phenotype, and looks for compounds that can reverse the phenotype, we can perform drug 

discovery in the absence of a known target. This is especially useful in cases in which the disease 

etiology is either unknown, or the biology is too complex to capture in a cell-based format; a good 

example is in many neurodegenerative diseases such as Parkinson’s. Phenotypic drug screening can also 

serve as a mode of scientific discovery - once a hit is validated, we can then investigate the drug’s 

mechanism of action in order to shed light on the disease process. Additionally, due to the use of a 

whole intact organism, we capture the effects of drugs that exhibit polypharmacology in which a drug 

affects multiple biological pathways to produce its phenotypic effect. Polypharmacology is slowly being 

recognized as being the norm, rather than the exception, in most drugs, and protein or cell-based 

models by their nature cannot capture polypharmacological effects (15, 20-22). However, whole 

organism screening does carry some drawbacks. It is slower and more expensive than traditional 

techniques and data produced is less robust due to individual-to-individual variation amongst 

siblings/unrelated larvae. 

The discovery of the role of nitric oxide (NO) in vasodilation is a good illustration of the danger of 

excessive biological reductionism and the importance of having models that fully recapitulate a 

biological system. When injected into the bloodstream, acetylcholine causes blood vessels to relax and 

dilate. However, researchers were not able to recapitulate this behavior ex vivo; arterial muscle 

contraction was measured by cutting the muscle into a long spiral strip (to make any length changes 

easier to observe), however, application of acetylcholine to this preparation produced no change in 

length. Only when newly invented tension measuring machines were applied to arterial muscle rings 
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was the relaxation of the muscle observed. This startling change of results was due to the presence of an 

intact endothelium in the muscle ring – the process of creating a spiral strip destroyed the endothelium. 

As researchers soon discovered, acetylcholine indirectly causes muscle relaxation and blood vessel 

dilation – it targets the endothelial cells which in turn release NO, causing muscles to relax. This 

discovery was only possible when the muscle-endothelium interface was preserved, any more 

simplification of the system would return misleading results (16). As is often in the case of drug 

discovery, we don’t know what we don’t know, and it becomes dangerous to oversimplify systems which 

we understand very little, especially the case in diseases such as neurodegeneration (10, 19). Though 

slower and more expensive, whole-organism screening has a distinct advantage in that it allows us to 

compensate for problems (ADME or otherwise) that we could not have predicted beforehand. 

Though the rationale behind utilizing whole-organism based HTS for drug discovery is compelling, 

actually implementing such a screen is difficult. As mentioned previously, working with whole organisms 

introduces a host of problems not found in protein and cell-based systems – namely how to handle and 

image complex three-dimensional objects, as well as how to analyze the resultant images. These 

practical challenges combined with the higher cost and relative novelty of whole-organism based HTS 

has relegated the field to academic laboratories for now. However, interest in the field is growing 

quickly and new methods and tools are entering the literature. In the next section I present a paper that 

I authored regarding a new method of performing HTS in zebrafish larvae to discover new anti-

neurodegenerative drugs. In this paper, we sought to modify equipment and workflows currently 

utilized in cell-based HTS to work in zebrafish larvae as well. We utilized a liquid handler to handle and 

reposition the larvae, an automated widefield microscope to produce images, and computer vision 

techniques to deal with the three-dimensional image sets produced in order to quantify the screened 

compounds. After presentation of the paper I will next discuss the assay optimization we did prior to 
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publication (and not included in the paper), as well as follow-up results of our screen when applied to a 

bioactive compound library.  
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Abstract 

Drug discovery in whole-organisms such as zebrafish is a promising approach for identifying 

biologically-relevant lead compounds. However, high content imaging of zebrafish at cellular 

resolution is challenging due to the difficulty in orienting larvae en masse such that the cell type 

of interest is in clear view. We report the development of the multi-pose imaging method, which 

uses 96-well round bottom plates combined with a standard liquid handler to repose the larvae 

within each well multiple times, such that an image in a specific orientation can be acquired. We 

have validated this method in a chemo-genetic zebrafish model of dopaminergic neuron 

degeneration. For this purpose, we have developed an analysis pipeline that identifies the larval 

brain in each image and then quantifies neuronal health in CellProfiler. Our method achieves a 

SSMD* score of 6.96 (robust Z’-factor of 0.56) and is suitable for screening libraries up to 105 

compounds in size. 
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Introduction 

The drug discovery process typically involves screening large libraries of compounds using in 

vitro or cell culture-based disease models. Using these simplified models allows for expedited 

assessment of compound binding and efficacy, but makes other drug parameters, such as in 

vivo efficacy and toxicity, absorption, distribution, metabolism, and excretion (ADME), difficult to 

assay (1). Thus, this approach often results in final stage compounds that fail to show efficacy in 

whole-organism disease models or have unwanted toxicity (2). In contrast, high-throughput 

screening at the whole-organism level can assay both compound effectiveness and ADME; 

moreover, it can be performed in the absence of a known target (3). Zebrafish (Danio rerio) are 

particularly well suited for high-throughput screens. As a vertebrate genetic model organism, 

zebrafish are simple to breed and raise, with optically transparent embryos and larvae that are 

compatible with liquid handling technologies (4-6) (7, 8). However, the dearth of high-throughput 

imaging techniques for zebrafish is a major roadblock in the broad utilization of zebrafish 

models in drug discovery. 

 

A number of small molecule-based screens in zebrafish have been reported (9-11). The majority 

of screens image the fish at relatively low resolution, for example, quantifying bulk fluorescence 

using plate readers (12) or movement (behavior) using low resolution cameras (13-15). 

However, high content imaging with cellular level resolution is required for many applications. 

For instance, quantification of neuronal loss or regeneration requires imaging a specific 

anatomical region at single-neuron resolution. This type of high resolution imaging is 

challenging due to the fact that the larvae are complex three-dimensional objects in which the 

“pose” of the larvae is critical. In the case of imaging neuronal loss, the larval brain can be 

imaged only when the dorsal side of the larvae is oriented towards the microscope objective. 
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Otherwise, the heavily pigmented eyes obscure clear views of the brain. In our previous screen 

(16), larvae were manually positioned and imaged on a fluorescent microscope, which was 

labor intensive and slow (~20-50 compounds a day). One solution to the posing problem is the 

Vertebrate Automated Screening Technology (VAST) system, a dedicated instrument which 

uses a capillary tube and stepper motors with imaging feedback to precisely rotate a larva into a 

specified position (17, 18). However, such solutions can be expensive and space consuming. 

 

We are particularly interested in using zebrafish as a model system for the study of 

neurodegenerative diseases. Previously, we have developed a chemo-genetic zebrafish model 

of dopaminergic (DA) neuron degeneration, which occurs in Parkinson’s disease. In this model, 

we selectively express nitroreductase (NTR) and a mCherry marker in DA neurons. When 

zebrafish larvae are treated with the harmless prodrug metronidazole (Mtz), the NTR within the 

neuron converts Mtz into a cytotoxin, causing cell type-specific ablation (19, 20). This model 

system allows us to screen for compounds that protect DA neurons from degeneration or 

stimulates their regeneration. To enable such screening, a high-content imaging solution with 

cellular resolution is required to quantify the health of DA neurons in treated fish larvae. 

 

Here, we report a solution for high-resolution, high-content zebrafish larva imaging that requires 

no additional equipment other than what is already present in a standard small molecule 

screening facility. Our solution, the multi-pose imaging method, employs a liquid handler to 

reposition zebrafish larvae in a 96 well plate, and is compatible with ordinary high content 

microscopes (Fig 1). Our method enables fast imaging of up to 1,800 fish per day. Though we 

demonstrate DA neuron imaging of larval zebrafish in this work, the multi-pose imaging method 

can be generalized to the imaging of any cell type in the larval zebrafish brain. 
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Fig 1. Overview of the multi-pose imaging method. 
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Results  

Posing of zebrafish larvae 

A critical step in imaging a zebrafish larva is properly positioning it such that the structure of 

interest is in clear view. Specifically, to image the larval brain, the larva needs to be posed such 

that its dorsal side faces the objective of an inverted microscope and its pigmented eyes do not 

obscure the brain region of interest (Fig 2A). We have observed that anesthetized embryos tend 

to sink headfirst, but only 42.5% of the larvae had the correct dorsal-side-down orientation after 

sinking to the bottom of the wells in flat bottom 96-well plates (Fig 2B). We looked at other plate 

designs, specifically round bottom plates, to see if the posing rate could be improved. In the 

case of the round bottom plates, 68.8% of the larvae were oriented correctly (p = 8.3 × 10-4, Fig 

2B). We also found that round bottom plates had the added advantage of guiding the head into 

the center of the well, removing the need to search for the larvae within the well during imaging. 

 

The correct-posing rate was still too low, however, for high-throughput applications. We 

discovered that using a liquid handler to quickly aspirate and replace 40uL of liquid in each well 

caused the anesthetized embryo within to tumble and assume a new pose. Therefore, we were 

able to increase the chance of acquiring an image of a correctly posed larva by repeatedly re-

posing and imaging the larvae. In our test, 89% of the larvae had at least one good pose by the 

fourth posing cycle (Fig 2C). Considering practical robustness, we took five poses per larvae in 

our subsequent experiments.  

 

We further examined whether the curved bottom of the well introduces optical aberrations that 

impair the imaging quality. We compared the full-width at half-maximum (FWHM) of point 
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spread functions in round and flat bottom plates by imaging 0.5 μm fluorescent beads using our 

screening microscope (IN Cell 2000 high-content microscope with a 4× 0.2 NA objective). 

Within a ~ 2.2 mm diameter circle around the center of the well, where the larval head typically 

rests, we observed only a very minor difference in the average FWHM (1.53 μm for round 

bottom wells and 1.41 μm for flat ones) (Fig 2D). This result indicates that the geometry of the 

wells is well-suited for our applications, and that our image resolution is sufficient to resolve 

individual cells in the larval brain. 
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Fig 2. Round bottom 96-well plates preferentially orient larvae dorsal side down. 
(A) Zebrafish larvae must be oriented dorsal side down to image the brain region (boxed in red) using an inverted microscope. Larvae 
oriented side-down have their brains obscured by their large, pigmented eyes (scale bar = 500um). (B) Plots showing that round bottom 
96-well plates preferentially orient fish dorsal side down for brain imaging (n = 80 larvae). (C) Approximately 90% of the larvae have at 
least one dorsal side-down image by the fourth reposing cycle (n = 46 larvae). (D) Maximum z-projection of 0.5um fluorescent beads 
used to characterize the aberrations caused by the round bottom well on an IN Cell 2000 system using a 4× 0.2 NA objective (scale bar: 
1000um). Circled region indicates the typical area that a larval head rests, with the center of the circle marking the approximate center 
of the well. Insets show zoomed-in images of beads at different regions of the well. (i) and (ii) show no noticeable aberrations, whereas 
astigmatism and coma aberrations near the edges of the well are visible in (iii). 
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Zebrafish larva screening 

We performed the multi-pose imaging method using an IN Cell 2000 high-content microscope 

and applied it to our DA neuron degeneration model. The IN Cell system is an automated 

microscope designed for high-throughput screening applications; for the purposes of our 

method, the only required functions are the ability to automatically move between wells in a 96-

well plate and acquire fluorescence and bright field images at multiple z-depths. We screened 

and collected 2dpf (days post-fertilization) homozygous embryos, distributed them into 96-well 

plates with one fish per well, treated with Mtz or DMSO at 3dpf, and performed imaging at 5dpf 

(Fig 3A). With one bright-field image and a fluorescent image stack acquired for each fish (Fig 

3B), it took 15 min to image through one 96-well plate, while the re-posing operation between 

acquisitions took approximately 1 min. Overall, five cycles of imaging and re-posing took a total 

of 75 minutes per plate, allowing > 1,800 fish larvae to be analyzed per day. In this case, our 

screening throughput was primarily limited by the production rate of transgenic fish embryos and 

not by image acquisition speed. 
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Fig 3. Chemo-genetic model screening details. 
(A) Timeline showing the details of fish husbandry and chemical treatment. Larvae were treated with metronidazole at 3dpf and imaged 
in situ at 5dpf. (B) The nitroreductase-metronidazole method is able to specifically ablate dopaminergic neurons, which express 
mCherry, in 5dpf larvae (scale bar = 200um). Images are of zebrafish larvae in the dorsal-down position. (C) Anti-tyrosine hydroxylase 
and anti-GFP antibody staining of 3dpf zebrafish embryos show good overlap in the ventral forebrain region DA neurons. bfb DA, basal 
forebrain dopaminergic neurons; Po, preoptic region; sym NA, sympathetic noradrenergic neurons; Tel, telencephalon; retinal DA, 
retinal dopaminergic neurons. (D) Zoomed-in views of areas boxed in (C). 
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Automated detection and analysis of brain region 

With each larva imaged in five unique poses, we manually selected the best pose for 

subsequent automated analysis, taking into account the position of the eyes and visibility of the 

brain. We have developed a MATLAB script that identifies the in-plane image of the larva, 

rotates the image such that the larva adopts a head-up orientation, identifies the head, finds the 

eyes in the image, and then locates the brain using the eyes as landmarks (Fig 4). Correct 

identification of the brain is confirmed by a human and misidentifications, if any, are manually 

corrected. The maximum intensity z-projection of the fluorescence image of the brain for each 

larva was then exported to CellProfiler, a free open-source program designed to analyze images 

produced in high-throughput screens (21), for segmentation and quantification of DA neurons. A 

“brain health score” (BHS) was then calculated for each image, defined as the logarithm of the 

covariance between the image and an image of an idealized healthy brain. 
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Fig 4. Image processing pipeline 
(A) The fluorescence image is thresholded and a principal component analysis is used to rotate both images to a head-up 
position. The brightfield image is then thresholded and convolved with an eye-like filter to locate the eyes. The brain region is 
then identified using the eyes as landmarks, the image is cropped, and a maximum intensity z-projection is exported to 
CellProfiler for neuron identification. Red asterisks denote centroids of identified eye regions and the green box represents 
the final cropped area sent to CellProfiler for analysis. (B) Creation of an idealized brain template image. 35 healthy brains 
were registered and averaged in ImageJ. Background was subtracted and a Gaussian blur filter was applied to smooth and 
idealize the image. (C) The brain health score was defined as the logarithm of the covariance between an idealized brain 
template and an observed brain image. 
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Evaluation of screening performance 

We imaged larvae treated with a serial dilution of Mtz using our multi-pose imaging method and 

observed a clear dose response of Mtz-dependent DA neuron ablation (p = 1.95 × 10-9 using 

ANOVA) (Fig 5A). In contrast, when the same set of samples were analyzed by a plate reader 

for total fluorescence intensity, Mtz-treated and untreated larvae cannot be differentiated at any 

concentration of Mtz (p = 0.09 using ANOVA). The ineffectiveness of the plate reader can likely 

be attributed to the small size of the region of interest (the brain region) and the comparatively 

high autofluorescence of the larvae (e.g. the yolk sac), which demonstrates the necessity of our 

targeted, high-resolution imaging method to detect this phenotype change. 

 

Next, we evaluated the effectiveness of our chemo-genetic DA neuron ablation assay by 

splitting the larvae into Mtz treated and untreated groups and quantified neuronal health using 

the multi-pose imaging method. Z’-factor, a dimensionless number that measures the separation 

between the positive and negative controls, was initially used to quantify the quality of the 

assay. The Z’-factor of our assay using individual fish was -0.64, within the range of other 

similar zebrafish screens (from -7.1 to 0.78) (12). Considering that Z’-factor assumes the data is 

normally distributed and is susceptible to outliers, we also calculated alternative measures of 

screen quality, which include the robust Z’-factor and the robust strictly standardized mean 

difference (SSMD*) score. These metrics are more suited as quality control measures for whole-

organism screens that often have large data outliers (22-25). Our screen has a robust Z’-factor 

of 0.07 and a SSMD* score of 2.58, which corresponds to a good assay with a strong control 

(23, 26). 
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Performing a drug discovery screen requires tight control over the false positive and negative 

rates. To screen libraries of up to 105 compounds, it is desirable to have no higher than 0.5% 

false positive and 10% false negative rates, which would result in an expected 500 false 

positives for rescreening. With this standard, averaging the score from at least 3 larvae per 

condition is necessary to identify hits that fully restore BHS to the DMSO control level, whereas 

averaging 5 larvae allows reliable detection of hits that restore the brain health score to 70% 

between the DMSO control and full Mtz treatment. Correspondingly, SSMD* is increased to 6.96 

(robust Z’-factor = 0.56) (Fig 5D).  
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Fig 5. Screening metrics for the multi-pose imaging method. 
(A) Dose response of Mtz treatment. 7 dpf larvae treated with a serial dilution of Mtz were imaged using each technique and BHS values 
were plotted. Error bars represent 95% confidence intervals. (B) BHS returned using the multi-pose imaging method on 5 dpf untreated 
larvae and larvae treated with 9 mM Mtz. Shaded areas mark standard deviations. The SSMD* score of our assay is 2.58. (C) The number 
of fish averaged per condition sets the minimum detectable effect size relative to the DMSO controls, assuming a false positive rate of 
0.5% and false negative rate of 10%. (D) Estimated screening metric scores as a result of averaging data from multiple larvae on 
bootstrapped data (1000 iterations). SSMD*, Z’-factor and robust Z’-factor all dramatically increase as more larvae are averaged 
together.   

 



31 
 

Discussion 

Drug discovery in whole-organisms, such as zebrafish, offers a number of advantages over in 

vitro or cell culture-based approaches; for example, toxicity and polypharmacology, difficult to 

assay in vitro, are directly assayed at the whole-organism level. However, whole organism 

screens are still relatively rare, due in large part to lower throughput, higher cost, and relative 

novelty compared to traditional approaches. Our multi-pose imaging method addresses many of 

these challenges. Our technique is robust and has a throughput of approximately 1,800 fish per 

day. We have validated our model in a chemogenetic model of DA neuron degeneration, 

showing that it is sensitive enough for screens in library sizes up to 105 compounds (a scale at 

which embryo production becomes the rate-limiting step). Most importantly, the multi-pose 

imaging method is simple to implement, requiring only an automated microscope and a liquid 

handler, standard equipment already present in most screening facilities. 

 

There remain a number of possible improvements to the multi-pose imaging method. Acquiring 

images of the larval brain represents an extremely rich data source. Features such as the 

shape, size, and patterning of the neurons in space are potentially informative. We currently use 

the brain health score as a relatively simple measurement to identify hit compounds, but more 

sophisticated multi-parametric models that utilize multiple features can increase the sensitivity 

and specificity of our assay. Fish husbandry remains a large area of improvement for any 

zebrafish screen, and our assay was bottlenecked by the production of transgenic larvae. A 

large scale screen would require the maintenance of large numbers of transgenic adults and 

improved crossing techniques capable of generating the thousands of larvae a day required for 

screening. 
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Methods 

Establishment of a Chemo-genetic dopaminergic neuron degeneration model in larval 

zebrafish 

To gain genetic access of dopamine neurons in larval zebrafish, we used the 5’ and 3’ 

regulatory elements from the Fugu tyrosine hydroxylase (th) locus, reasoning that the compact 

Fugu genome likely leads to more closely juxtaposed regulated elements than that in zebrafish. 

Seven kilobases of sequences flanking the Fugu th gene were amplified from a Fugu BAC and 

cloned into a Tol2 vector flanking gal4uas-EGFP sequences. The plasmid was micro-injected 

into 1-cell stage zebrafish embryos, which were raised to adulthood. Germ-line transgenic 

founders were identified through genetic crossing and visual screening for fluorescent DA 

neurons under a Leica fluorescent stereomicroscope. The Tg[fuguth-gal4uas-EGFP] transgenic 

line (allele number: s2509)  was then established and verified by double immunostaining with 

anti-TH and anti-GFP antibodies, which recapitulated the endogenous th expression in the 

ventral forebrain region (Fig 3C, D).  A double transgenic line was created by mating Tg[fuguth-

gal4uas-EGFP] with Tg[uas-NTRmcherry] (27).  The tg[uas-NTRmcherry] line was obtained 

from ZIRC. Larvae were exposed to 9 mM MtzZ for 24-48 hours, resulting in specific ablation of 

DA neurons.  

 

Fish husbandry 

All adult zebrafish were raised at the UCSF zebrafish facility at 28 °C under a 14/10 hour 

light/dark cycle. Embryos used in experiments were created by pairing one transgenic and one 

wild-type fish in a breeding tank separated by a divider. The fish were left overnight and the 

divider removed at 9AM the next morning. The eggs were collected at 10 AM and cultured in 

blue egg water with 75 μM 1-phenyl 2-thiourea (PTU) for 48 hours to inhibit pigment production 
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and facilitate imaging. At 2 days post-fertilization (dpf) the embryos were screened for 

fluorescence under a dissection microscope to confirm DA expression of the NTR:mCherry 

transgene before being used in further experiments.  All Mtz treatment experiments were 

performed by incubating larvae in 9 mM Mtz in 0.2% DMSO and blue egg water for 48 hours. All 

work followed the NIH guidelines and was approved by the University of California San 

Francisco Committee on Animal Research. 

 

Posing comparison between plate designs 

200uL of 16mg/100 mL tricaine methanesulfonate in blue egg water was added to a 96-well 

round bottom plate (Corning) and one 5dpf larvae pipetted into each well (n = 80 larvae). The 

fish were inspected by eye under a dissection microscope and visually scored as either head 

down, side down, or floating (all data on wells with floating fish were discarded). The same 

larvae were then transferred to a standard 96-well plate (MatriPlate 96-well glass bottom) filled 

with the tricaine solution and with each larvae occupying its corresponding well. The larvae were 

then visually scored again. The proportion of larvae in the correct dorsal side down and 

incorrect lateral side down categories in each plate condition were then compared using a Chi-

squared test in Excel. 

 

Minimal pose experiment 

5dpf larvae were added to a 96-well round bottom plate and anesthetized in 16mg/100mL 

tricaine solution (n = 46 larvae). The larvae were imaged in bright-field and reposed seven times 

using the parameters described in the image acquisition section. The bright-field images were 

scored as either head down, side down, or not imageable (usually out of focus or missing from 

the field of view). The pose of the first head down image for each larvae was recorded, and the 
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cumulative fraction of larvae that had at least one good pose was plotted against the cumulative 

number of poses (Fig 2C). 

 

Image acquisition 

Images were acquired using an IN Cell 2000 automated microscope (GE Healthcare). Seven 

fluorescent z-sections spaced 100 microns apart (500ms exposure) was acquired of each well 

in the TexasRed channel using a 4x 0.2NA objective (Nikon) using the built-in 2.5D 

deconvolution setting. A brightfield image was also acquired of the well at zero offset (10ms 

exposure). Upon completion of imaging, plates were moved to a liquid handler (Biomek FXp) 

that mixed 40uL of the solution in each well to reorient the larvae within. A 96-channel head 

using P20 pipette tips was used in the liquid handling operation. The plates were then returned 

to the microscope for another round of imaging. Each plate underwent five cycles of imaging 

and reorientation to maximize the probability of acquiring an image of the larva in the correct 

pose.  

The resolution of the system was determined by acquiring images of 0.5um red fluorescent 

beads (FluoSpheres F8887, Molecular Probes) embedded in 1% agarose in round bottom 96-

well plates, as well as flat bottom 96-well plates (Falcon). A 50um thick z-stack with 1um steps 

was acquired using the above image acquisition parameters and a maximum intensity z-

projection was performed for both plate types. We then measured the 2D PSF of in-focus beads 

within the posing area (circled area in Fig 2D) in ImageJ using the “PSF Tool 2D” within the 

MosiacSuite plugin. The FWHMs for each plate were then compared in Excel using a Welch’s t-

test (nround = 132 PSFs, nflat  = 118 PSFs). 

 

Image analysis 
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Images were analyzed in two phases, the pre-processing phase and the feature extraction 

phase. In the pre-processing phase, the images were loaded into a custom Matlab script that 

presents the five poses associated with a given larva to the user. The user manually selects the 

best pose, accounting for the position of the eyes and view of the brain region (only poses that 

are dorsal side down with a clear view of the brain region were selected for analysis). Next, an 

automated image processing algorithm analyzes the fluorescence and brightfield images to 

extract a clear image of the brain region. First, a maximum intensity projection is made of the 

fluorescence image stack. Second, the brightfield image is resized to half its original size to 

speed up identification of gross anatomical features, such as the head and eyes. Third, the 

head region of the fish is identified in the first (usually out of focus) image in the fluorescence z-

stack by using a circular Hough transform looking for circular features between 80 to 150 pixels 

in diameter. The fluorescence image is thresholded using Otsu’s method, and a principal 

components analysis is run on the binarized image to identify the long axis of the fish (cranial-

caudal axis). Both fluorescence and brightfield images are then rotated such that the long axis 

of the fish is at zero degrees. Fourth, a black oval 60 x 90 pixels is convolved with the brightfield 

image and the result thresholded using Otsu’s method. The centroids of the two largest regions 

are marked as the eyes. Fifth, a line is drawn between the two eyes, and a region 35 pixels from 

the midpoint of the line in the perpendicular direction is marked as the center of the brain. 

Lastly, the coordinates of the brain center are transformed into the coordinates of the original, 

full size fluorescence image and a region 190 x 220 pixels centered on the brain is cropped. The 

brightfield image is also thresholded using Otsu’s method and cropped in the same manner to 

create an image mask that identifies the eye regions. The image of the brain and the mask of 

the eyes are then saved for further analysis. Once all fish have been processed, the results are 

displayed to the user to either accept or reject the automated analysis. Any fish that were not 

successfully processed are then manually rotated and cropped. 
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In the feature extraction phase the pre-processed images are first loaded into CellProfiler. The 

eye mask created using the brightfield image is overlaid on top of the fluorescence image to 

remove the autofluorescence due to the eyes from the image. The fluorescence image is then 

smoothed using the “Smooth” function with a Gaussian filter that has a full width at half-

maximum of 12 pixels. This image is then subtracted from the original image using “ImageMath” 

in order to remove the background in the image while preserving the neuronal signal. The 

neurons are then identified using “IdentifyPrimaryObjects” searching for objects between 5 and 

20 pixels in diameter and using a two class Otsu threshold with a threshold correction factor of 

5. These identified neurons are then overlaid on top of the original fluorescence image and 

various features such as the area, total fluorescence, mean fluorescence, etc. are extracted and 

saved to a spreadsheet for hit identification. 

 

Determination of brain health score 

A list of features returned by CellProfiler were analyzed to see which feature best distinguished 

the treated and untreated larvae. Welch’s t-tests were run on each feature and the brain health 

score was chosen for its high statistical significance (p = 10-29) and biological significance (the 

score quantifies both intensity and shape of the brain). The brain health score (BHS) was 

defined as the logarithm of the covariance between the brain image and a template image: 

𝐵𝐵𝐻𝐻𝐵𝐵 = 𝑙𝑙𝐹𝐹𝑙𝑙2 ∑ 𝐼𝐼𝑜𝑜𝑖𝑖𝑀𝑀𝑜𝑜𝑖𝑖𝑜𝑜,𝑖𝑖 , where I is the pixel intensity of the image and M is the pixel intensity of a 

template image at pixel i, j; the images are not registered prior to BHS calculation (Fig 4C). The 

template image was generated by registering and averaging 35 images of healthy brains. BHS 

is a measure of how much a given image resembles a healthy, idealized brain in both intensity 

and shape; healthy brains will have large pixel intensities where pixels values in the template 
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image are high resulting in a large summation value and vice versa. Calculation of the brain 

health score was done in CellProfiler using the “ImageMath” and “MeasureImageIntensity” 

modules. 

The idealized brain template was created by taking 35 maximum intensity z-projections of 

untreated 5dpf larvae, registering the images using the “Rigid Body Transform” in the ImageJ 

StackReg plugin, finding the average z-projection of registered image stack, using the Subtract 

Background ImageJ command (rolling ball radius of 150 pixels), and finally filtering the image 

using a Gaussian blur with a sigma of 7 pixels in order to smooth the image and further idealize 

it. The image was then scaled to values between 0 and 1 and saved (Fig 4B). 

 

Comparison of multi-pose imaging and plate-reader methods 

6dpf larvae were loaded into three 96-well plates with one larvae per well. Each row of the plate 

was dosed with a two-fold serial dilution of Mtz ranging from 18 mM at the highest 

concentration, to 281 μM at the lowest, with the last row receiving no Mtz. All wells had a final 

DMSO concentration of 0.2%. The larvae were incubated at 28 °C for 24 hours before being 

anesthetized by 16 mg / 100 mL tricaine. Floating larvae were removed from the assay – a total 

of 252 larvae were used in this assay with an average of 32 larvae per condition. The larvae 

were first imaged on an Envision 2104 plate reader (Perkin Elmer) with a 1 mm measurement 

height, 100 flashes, and a PMT gain of 150. The plates imaged using the multi-pose method as 

described in the image acquisition and analysis sections. The plate-reader measurements and 

the multi-pose method data were each analyzed using one-way ANOVA tests in Microsoft Excel 

to determine if any statistically significant differences were detected between the various Mtz 

concentrations using each method. 
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Z’-factor, SSMD*, and sample size calculations 

3dpf larvae were loaded into a 96-well plate with one larva per well. Half of the plate (rows A-D) 

were treated with 0.2% DMSO in blue egg water and the other half (rows E-H) were treated with 

9 mM Mtz in 0.2% DMSO and blue egg water. 44 larvae were used for each condition (4 larvae 

in each condition died of unknown causes) for a total of 88 larvae in one plate. After loading, the 

larvae were then incubated at 280C for 48 hours. At 5dpf, the larvae were anesthetized by 

adding tricaine to each well to reach a final concentration of 16mg/100mL. The anesthetized 

larvae were imaged using an IN Cell 2000 microscope and analyzed using the MATLAB and 

CellProfiler scripts described in the image acquisition and analysis sections.  

The brain health score was compared between Mtz treated and untreated larvae and the Z’-

factor was calculated using the formula: 𝑍𝑍′ =  1 − 3∗(𝜎𝜎++𝜎𝜎−)
|𝜇𝜇+−𝜇𝜇−|  . µ and σ refer to the mean and 

standard deviation respectively and + and – to embryos treated with DMSO-only and 9 mM Mtz 

respectively. The robust Z’-factor was calculated using the same formula, but using the sample 

medians and median absolute deviations instead of mean and standard deviations respectively. 

SSMD* was calculated using the formula 𝐵𝐵𝐵𝐵𝑀𝑀𝑆𝑆∗ = 𝑋𝑋�+−𝑋𝑋�−

1.4826��̃�𝑠+2+�̃�𝑠−2
 where 𝑋𝑋� and �̃�𝑠 represent the 

median and median absolute deviation of the DMSO and Mtz controls respectively (26). 

The relationship between larval sample size and the detectable effect size (Fig 5C) was 

calculated using the formula: 𝐹𝐹 =
�2×�𝑍𝑍𝛼𝛼+𝑍𝑍1−𝛽𝛽�

2×𝜎𝜎2�

∆2
 where n is the sample size, Zα = 2.81 and Z1-β 

= 1.28 (corresponding to a 0.5% false positive and 10% false negative rate respectively), 𝜎𝜎 is 

the pooled standard deviation of the DMSO and Mtz controls, and  ∆ = BHS(measurement) – 

BHS(Mtz) is the effect size (28). The normalized effect size (Fig 5C) is calculated by dividing ∆ 

with BHS(DMSO) – BHS(Mtz). 
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The effects of averaging upon Z’-factor and SSMD* were simulated by bootstrapping the data 

into 1000 bootstrapped samples. The observations within each bootstrapped sample were 

randomly assigned into groups ranging from 1 to 5 samples each. Each group of observations 

was then averaged, and the group averages used to calculate the Z’-factor and SSMD* score 

for its corresponding bootstrapped sample. A final Z’-factor and SSMD* score were determined 

finding the average Z’-factor and SSMD* across bootstrapped samples and reported in Fig 5D. 
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2.1 Assay Optimization 

Over the course of writing the paper, we carried out extensive experiments in order to optimize the final 

assay. The data was not included in the final paper, and will instead be included here. The goal when 

designing our assay was to maximize the BHS separation between the DMSO and Mtz controls (or 

maximize Z’-factor/SSMD). In order to accomplish this we needed to optimize the following parameters:, 

day of Mtz exposure, Mtz concentration, and length of Mtz exposure. We found that 7dpf larvae 

exposed to 4.5mM Mtz for 24 hours (exposure starts at 6dpf) gave us the most optimal assay. 

To determine the optimal day of Mtz exposure we exposed 5 and 7dpf larvae to 9mM Mtz for differing 

periods of time. We found that the older larvae had a larger separation between Mtz treated and 

untreated controls – due in large part to having more developed brains with brighter and more 

numerous neurons (Fig 3A). Next, we looked for the optimal Mtz concentration by exposing 6dpf larvae 

for varying concentrations of Mtz for 24 hours. Our goal was to keep the final Mtz concentration as low 

as possible, such that hit compounds would be able to show an effect, while still being effective at 

ablating neurons, to maximize assay quality. We determined that 4.5mM Mtz gave us similar ablation 

performance to higher concentrations, and chose that as our optimal concentration (Fig 3B). Finally, we 

determined the optimal Mtz exposure length by assaying 7dpf larvae exposed to 4.5mM Mtz for 

different lengths of time. We found that 24 hours of exposure gave us the maximal separation between 

Mtz treated and untreated controls as it represented where the ablation process bottomed-out (Fig 3C). 
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FIGURE 3: OPTIMIZATION OF MTZ-MEDIATED DOPAMINERGIC NEURON ABLATION ASSAY 

  

(A) Comparison of neuron ablation in 5dpf and 7dpf larvae. 7dpf larvae showed greater reduction in fluorescence and were chosen for 
the assay. (B) Determination of the optimal Mtz concentration. The convolution score is simply BHS2. (C) Finding the optimal length of 

Mtz exposure. (D) The data from (C) was replotted, but with time delays to mimic a theoretical hit which would extend a neuron’s 
survival time. As shown by the dotted line, at 24 hours there is a large separation between the plots of the theoretical hits and the Mtz 

control.  

A. B. 

C. D. 
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2.2 Bioactive Screen Results 

With the assay optimized, we then began a drug screening campaign using the SelleckChem Bioactive 

Compound Library, a 2,661 compound library which contains compounds with known bioactivity (and in 

many cases FDA approved). Library selection is an important decision in it of itself, and we chose the 

SelleckChem library so that we could easily follow up on any hits we discovered, as mechanisms of 

action of each compound is already known. Additionally, the small size of the library meant that we 

could screen its entirety in a reasonable time frame. We had tried a novel compound library in our 

preliminary screening efforts, but the sheer size of the library as well as the scarce information about 

the compounds contained within stymied our efforts. We performed the screen using the optimized 

assay conditions (7dpf imaging, 24 hour exposure to 4.5mM Mtz) with three larvae assigned to each 

screening compound. 

In order to identify hits, we required a quantitative measure of a compound’s effectiveness that could 

be compared across plates and different spawns. BHS alone is not enough, as its values are not 

normalized and therefore not comparable across weeks. The measure we chose was SSMD in which 

screened compounds were normalized against the negative controls on the same plate. The SSMD 

calculation used to quantify compound potency was not the same as the SSMD calculation used to 

establish the quality of the original assay. This is because we had between 1-3 observations for each 

compound – we occasionally lost fish due to bad positioning or floating – and the assay quality control 

SSMD is not suitable when sample sizes are this small, mostly due to its use of medians and MAD. We 

used the uniformly minimum-variance unbiased estimator of SSMD for each compound, but with used 

slight modifications depending on the number of observed samples. Our SSMD calculations are as 

follows, and detailed theory can be found in (23-25): 
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For compounds in which three datapoints were observed we used: 

𝐵𝐵𝐵𝐵𝑀𝑀𝑆𝑆 =
Γ�𝑛𝑛−12 �

Γ�n−22 �
� 2
𝑜𝑜−1

𝑟𝑟�𝑖𝑖
𝑠𝑠𝑖𝑖

, where 

�̿�𝑑𝑜𝑜 = 𝐵𝐵𝐻𝐻𝐵𝐵𝑜𝑜 − 𝐵𝐵𝐻𝐻𝐵𝐵𝑀𝑀𝑠𝑠𝑀𝑀 

n refers to the number of larvae observed for that compound, si refers to the standard deviation of the 

compound data, and Г refers to the gamma function. For compounds in which one or two datapoints 

were observed we used: 

𝐵𝐵𝐵𝐵𝑀𝑀𝑆𝑆 = 𝑟𝑟�𝑖𝑖

��2𝐾𝐾�(𝑜𝑜𝑁𝑁−1)𝑠𝑠𝑖𝑖
, where 

𝐾𝐾 = �
Γ �𝐹𝐹𝑁𝑁 − 1

2 �

Γ �nN − 2
2 �

�

2

 

nN is the sum of the number of observations in the Mtz and compounds conditions. Since a standard 

deviation cannot be obtained when only a single larvae is observed, we made the assumption that the 

standard deviation of the compound data was equal to that of the Mtz controls. Likewise, for the case in 

which only two larvae are observed, si was set to be: 

𝑠𝑠𝑠𝑠𝑡𝑡𝑜𝑜 𝑜𝑜𝑜𝑜𝑜𝑜𝑙𝑙𝑜𝑜𝑙𝑙 = �𝑠𝑠𝑀𝑀𝑠𝑠𝑀𝑀2 + 𝑠𝑠𝑐𝑐𝑐𝑐𝑐𝑐𝑟𝑟2  

Hits were identified by examining a dual-flashlight plot of the BHS and SSMD score for each candidate 

compound and manually selecting compounds with high scores in both categories (Fig 4A). We selected 

the top 25 performing candidates out of the 2,600 compounds screened and validated them by 

rescreening. Out of the identified hits, two validated: olmesartan and aliskerin, both of which are FDA-

approved drugs that target the renin-angiotensin pathway to treat high blood pressure (Fig 4B). The 

renin-angiotensin pathway has been implicated in neurodegeneration in previous studies (26, 27), and 
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we are currently following up on these screening results in other animal and cell-models. If these results 

continue to be validated in other model systems, this would be an exciting breakthrough in the quest 

understand and cure neurodegeneration. Though my work ends here, other students will continue the 

project and I have great hopes for the future of our technique. 
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FIGURE 4: IDENTIFICATION OF HIT COMPOUNDS IN A SELLECKCHEM BIOACTIVE COMPOUND LIBRARY SCREEN 

  

(A) GUI used to select hits. BHS is plotted on the x-axis and the compound’s SSMD score on the y-axis in a dual-flashlight plot. The top 
hits, circled in green, were manually selected, looking for compounds with high BHS and SSMD scores. A listing of the top 25 hits are 

shown in the table, with two validated hits (Olmesartan and Aliskeren) highlighted in yellow. (B) BHS plots of the validation screen. Error 
bars represent standard error. Olmesartan and Aliskiren were statistically significant at α=0.05. Both are inhibitors of the renin-

angiotensin pathway. 
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2.3 A Discussion of Assay Quality Metrics 

Though not discussed in the published paper, I believe it is important to discuss how HTS assays are 

evaluated. The traditional measure of the quality of a HTS assay is through the Z-factor metric, with a Z-

factor greater than 0.5 considered optimal. However, the Z-factor metric does not have a strong 

statistical basis – the 0.5 cutoff is an arbitrary one set by the original author and the score itself cannot 

be interpreted (23-25, 28). Additionally, Z-factor is highly susceptible to outliers as it relies upon 

standard deviation and averages in its calculations. Whole organism screens typically have large 

amounts of individual-to-individual variation (largely because larvae are siblings at best, instead of 

clones), which causes disastrous plummets in Z-factor. It is not uncommon for whole-organism assays to 

have Z-factors in the negatives, as opposed to cell-based assays in which the 0.5 cutoff is achievable 

(11). This has led to large skepticism amongst traditional HTS practitioners towards the viability of whole 

organism screening. 

However, I believe that this attitude needs to be re-examined. First, an alternative measure of assay 

quality should be considered: the SSMD score. SSMD has a strong statistical basis (based loosely on the 

Z-score) and its values can be easily interpreted to give an idea of the expected false-positive and false-

negative rate of an assay (23). As mentioned in the introduction, the goal of HTS is to enrich the initial 

screening library for hits, which in turn is primarily affected by the false-positive and false-negative rate. 

The higher the enrichment rate, the fewer rounds of screening need to be performed. To summarize: a 

lower SSMD assay will have lower enrichment factors (due to higher FP and FN rates) and thus require 

more rounds of rescreening, taking longer to perform the full screen.  

In this light, whole-organism screens having lower Z-factors as a whole is not necessarily as bad as it 

seems on the surface. The expectation that an assay have a Z-factor greater than 0.5 makes sense in for 

a traditional HTS campaign that screens through a million compound library – a 1% false-positive rate 
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requires rescreening 10,000 false-positives. However, in a whole organism screen which may only screen 

5,000 compounds, the same error rate will result in only 50 false positives. Z-factor being a non-ideal 

metric aside, it is apparent that larger scale screens require more stringent quality metrics, whereas 

smaller screens can have lower assay quality without major repercussions. Since whole-organism 

screens are smaller in scope, holding them up to the 0.5 Z-factor standard is inappropriate. More 

importantly, lower assay quality means that the screening process will take longer, which at first glance 

is a drawback, but in reality, may not matter much in the context of the entire drug discovery process. 

As diagrammed in Figure 2, lead compounds are generated in the HTS step, then either eliminated or 

optimized in the lead validation/optimization step (usually performed in rodents). This workflow applies 

mainly to protein and cell-based HTS which, due to biological reductionism, separates the measurement 

of compound potency and ADME into distinct steps. In whole-organism screening the lead generation 

and animal validation step happen simultaneously. This means that while whole-organism HTS is indeed 

slower at the lead generation step, it is likely to save significant time during the validation/optimization 

step since all lead compounds have had their ADME characters pre-screened in zebrafish. Since 

validation of compounds using rodents is both expensive and time consuming, the time and cost savings 

of streamlining this step has the potential to bring the “real throughput” of zebrafish-based screening to 

levels comparable to traditional HTS (2). In essence, a zebrafish screen shifts the majority of the cost and 

time of a drug discovery campaign from the in vivo validation step to the initial lead generation step.  

Unfortunately, how much of this holds true in practice is impossible to determine, as whole-organism 

screening is still too new and not enough information about drugs discovered through whole-organism 

screens exists. 
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2.4 Addendum: Work in Behavior-Based Screening 

Image-based screening is powerful in that it allows the direct observation of a biological phenomenon of 

interest. However, image-based screening has its drawbacks as well. Chief amongst them is the need for 

specific transgenic zebrafish lines that express the appropriate fluorophore and disease phenotype. 

Creating a disease model and raising a breeding population of adults can easily take months or even 

years. Because of this drawback, I also explored other methods of drug screening that could be 

performed in wild-type zebrafish. A particularly interesting application is behavior-based screening for 

neuroactive drug discovery in zebrafish larvae. Like the previous neurodegeneration drug project, 

behavior-based screening holds the potential to discover novel neuroactive drugs. More importantly, 

since behavior, not imaging, is the assay readout, a behavior-based screen does not require any specific 

transgenic lines and can be performed using wild-type larvae (3). 

Like anti-neurodegenerative drugs, neuroactive drug discovery is extremely difficult. The mechanism of 

action of neuroactive drugs are typically either unknown or extremely complex, with no “magic bullet” 

target that can be hit like other diseases. For example, haloperidol, a widely-used antipsychotic, derives 

its effect primarily from simultaneously affecting multiple dopamine receptors with different affinities – 

relative inhibition of multiple receptors at once is critical to its antipsychotic effects. This type of 

intricate polypharmacology is typical of neurologically active drugs, not surprising given the complexity 

of the brain and higher-order neural processes, and extremely difficult, if not impossible, to model ex 

vivo. For this reason, neuroactive drug development has proceeded largely through serendipitous 

empirically-based discovery or chemical modification of already known neuroactive compounds; target-

based methods have largely failed in the field of neuroactive compounds (3, 29). 

I collaborated with Dr. David Kokel’s lab at UCSF in using his behavior-based screening techniques. Up to 

ten larvae are added to each well of a 96-well plate along with a compound from a larger drug library. 
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The plate is then subjected to a number of tapping, light, and sound-based stimuli while larval 

movement is recorded using a camera. The larval response for each well is quantified by isolating a 

movie of each well and finding the frame-by-frame pixel intensity differences, quantified as the motion 

index (MI) (30). Higher MI values correspond to greater movement in the well in response to a particular 

stimulus. Assays used in behavior based screening are selected for their repeatability and robustness in 

larvae produced across parents and across weeks. The goal is to find combinations of stimuli that can 

produce stereotyped behavior in zebrafish; in such a way we can find assays that reflect fundamental 

neurological pathways within the larvae. A total of eleven assays were used in the work I performed in 

collaboration with the Kokel lab, with each assays representing various combinations of light and 

tapping (20). 

 

FIGURE 5: AN EXAMPLE MOTION INDEX (MI) TRACE 

The utility of behavior-based screening stems from the use of multiple stereotyped assays applied in 

sequence across multiple drug conditions. The larval response to each assay can be used to build up a 

“fingerprint” of the drug’s effect. More importantly, the behavioral phenotype of the query compound 

can be compared to other drugs within a screening library and matched with those that showed similar 

behavioral phenotypes, similar to a BLAST search (20). This can be performed without knowing any 

information about a drug’s mechanisms of action or creating a transgenic line for screening. This 

The MI is plotted on the y-axis and time on the x-axis (split into 11 assays). Gray traces represent DMSO controls and red traces 
represent larvae treated with haloperidol. Each assay represents a unique combination of visual (red, blue, purple light) and acoustic 

stimuli (tapping of different frequencies). The bottom inset shows specific timing of each stimulus (3). 
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approach greatly simplifies neuroactive drug discovery by offering a method to systematically search for 

new compounds. For example, to find new antipsychotics we can compare behavioral profiles of novel 

compounds against a known antipsychotic like haloperidol. We can rank a screened library of drugs by 

the similarity of their behavioral profiles to haloperidol and then begin validating the top hits. A 

behavior-based model of drug discovery is, however, predicated upon the assumption that neurological 

effects on zebrafish are comparable to those in humans. This is likely a reasonable assumption because 

of the assay stimuli selection method, which simply searches for responses that are as “universal” as 

possible rather than tied to any specific known-diseases phenotype (e.g. they are selected to be as 

generalizable as possible). Another flaw in this particular method of screening is that we can only find 

drugs that look alike from a behavioral-effect standpoint – the method itself gives no indication of a 

drug’s mechanism of action and will still have to be determined. 

While conceptually elegant, this behavioral phenotyping is a still a new concept that requires the 

development of practical tools. Initial work done by the Kokel lab quantified behavioral phenotype 

similarity using Pearson correlation coefficient, and chose to validate compounds with high behavioral 

correlations (30). This approach is the straightforward, but has a large drawback in that it assumes that 

every datapoint in a behavioral phenotype is equally important. However, this is often an incorrect 

assumption to make – for example, haloperidol increases tap sensitivity while leaving visual response 

largely unchanged – this implies that to find haloperidol-like compounds we should emphasize choosing 

compounds that produce similar tap-effects, while placing less weight on visual response. We have two 

general methods of identifying “hits” in this particular case. We can try clustering methods, of which 

there are dozens of published methods, to compare different compounds in their behavioral effects, and 

attempt to cluster compounds with similar effects into distinct groups. A second method is  
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(A) A library of compounds is screened, and their effects on larval behavior recorded. The results can be compared against the effects of 
known compounds, and promising candidates selected for validation. The hit compounds can then be validated by comparing their 

behavioral phenotypes against a known compound/compound class using behavioral features that are unique to the query compound. 
In order to implement this workflow we need to develop tools to perform dimensionality reduction, clustering, and identification of 
important behavioral features. (B) A theoretical plot showing compounds from a screening library with their behavioral phenotypes 

plotted in principal component space. Drug “clusters” determined from known compounds are marked in color. Screening compounds 
that fall within known clusters are candidates for further investigation – for example, the four compounds within the antidepressant 

cluster are promising antidepressant compounds according to the clustering algorithm. (C) Validation of potential hit compounds. We 
identify behavioral features that are unique to the compound class in question (e.g. antidepressants) and test if the hits previously 

identified hits match the drug/class of interest on these features. In this particular case, the behavioral phenotype of the third hit in the 
compound library closely matches our template compound (boxed in green) and is selected for further biological validation. 

A. 

B. 

C. 

FIGURE 6: BEHAVIOR-BASED NEUROACTIVE DRUG DISCOVERY 
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to train a machine learning classifier to classify drugs into different known/unknown groups, with 

dozens of different classification algorithms suitable for this purpose. 

These two methods, clustering and classification, each have their own unique strengths. Clustering is 

useful in that it allows us to quantitatively rank compounds based upon their similarity, as well as often 

allow us to visually see how compounds are clustered together. However, clustering algorithms are 

often do poorly at elucidating why two compounds are similar. Classification algorithms are usually the 

opposite; it can be difficult to see the “big picture” of how multiple compounds and compound classes 

are interacting, but classification algorithms can often give us insight into how and where two behavioral 

phenotypes diverge. As a reminder: our goal is to search for novel neuroactive compounds by comparing 

behavioral phenotypes produced from a screening library to a known neuroactive compound or 

compound class. Thus, it is apparent that clustering and classification offer complementary approaches 

to this problem. Clustering gives us an overview of the behavioral phenotype landscape, allowing us to 

see where known drugs cluster, and how novel compounds fall in relation. Likewise, classification 

approaches allow us to investigate exactly where drugs differ in their behavioral phenotypes, allowing 

us to form testable hypotheses and refine our search for new drugs. I worked on applying clustering and 

classification techniques to previously collected behavioral data to demonstrate the utility of this dual 

approach. Though I made significant progress on both fronts, time constraints ultimately cut my work 

short. 

The first line of investigation was to implement a clustering algorithm in order to obtain a high level 

overview of the behavioral phenotype landscape. Before implementing a clustering algorithm, however, 

it is useful to view how the data is spread by eye, such that we can begin to understand how drugs are 

positioned relative to each other and if clustering is even possible. To do this we performed a principal 
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component analysis (PCA) on a sample dataset containing 35 drugs, each at 7 different concentrations, 

and representing 11 different drug classes. PCA is a dimensionality-reduction technique, it takes in the 

10,500 different features in the dataset (each MI observation was considered a feature), and finds linear 

combinations of the features that account for the majority of the variance in the data. In this way, we 

can compress a 10,500 dimensional dataset, 

which is impossible to visualize, into a two or 

three-dimensional dataset, which we can 

visualize using standard plots. Using PCA, we 

can observe how different drugs are 

positioned in “principal-component space.” 

The top three principal components were used 

to create a three-dimensional plot to 

investigate how different drugs and concentrations affected their behavioral profile. From these plots, 

we were able to observe a number of interesting phenomena. We found that antidepressant behavioral 

phenotypes tended to cluster based upon chemical similarity, that anti-nausea behavioral phenotypes 

were a mix of stimulant and sedative profiles (again, reflecting their chemical composition), and that a 

number of antipsychotics and hypnotics had unique behavioral phenotypes. Using these results to guide 

further investigations, we looked into what elements of the behavioral phenotypes could account for 

some of the more unique drugs. We noted that trazadone (an antidepressant), for example, appeared to 

be the only drug that sensitizes larvae to tapping, and that zolpidem (a hypnotic), appeared to prevent 

the larvae from habituating to multiple tap events applied in rapid succession. These results are 

summarized in (Fig 8E,F). While these two results are notable, we were unable to determine why other 

drugs like maprotiline or the cannabinoids were determined to be unique from the others. It became 

apparent  

FIGURE 7: PCA-MAP OF KNOWN NEUROACTIVE DRUGS 
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FIGURE 8: RESULTS OF FEATURE REDUCTION ON THE BEHAVIORAL PHENOTYPES OF 35 DIFFERENT DRUG 
COMPOUNDS 

  

(A-D) are three-dimensional principal component plots. Selected compounds are highlighted in different colors, the triangle data markers 
represent averaged behavioral phenotypes at a particular concentration. The size of the triangle is inversely proportional to the concentration of 

the compound. Each plot is rotated different to best display the data. (A) Antidepressants group together based on structural similarity 
(duloxetine, fluoxetine, paroxetine cluster together, desipramine and clomipramine form another cluster), with maprotiline and trazadone having 

unique behavioral phenotypes. (B) Diphenhydramine is a antihistamine with known sedative effects, whose behavioral phenotype is similar to 
thiopental, a sedative. Dimenhydrinate, a 50% mix of diphenhydramine and a stimulant, has a behavioral phenotype midway between pure 

stimulants (like cocaine) and pure sedatives. (C) Olanzapine has a behavioral phenotype unique from all other antipsychotics. (D) Zolpidem, a 
hypnotic, has a unique behavioral phenotype. (E) Averaged MI plots of a tap train response, the y-axis tracks the magnitude of movement and the 

x-axis is the time. Blue traces represent DMSO treated controls and green and cyan lines represent a drug of interest. The top plot shows that 
standard antipsychotics cause quick habituation to tapping. Trazadone (bottom plot), on the other hand, sensitizes larvae to tapping. (F) Average 
MI traces during a tapping assay with DMSO in blue and zolpidem in green and cyan. Exposure to zolpidem prevents habituation to the tapping 

stimulus from occurring. 
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that visual inspection of behavioral phenotype data is able to identify only extremely obvious behavioral 

aberrations. To find more subtle phenotypes, and more importantly, be able to quantitatively identify 

where and how a behavioral phenotype differed from others, we would have to rely upon more 

automated techniques, necessitating additional work in machine learning.  

Thus far, dimensionality-reduction techniques let us know how data across all conditions are distributed, 

and how we can combine multiple features together to reduce the dimensionality of the data set. 

However, these techniques are unsuited for determining how any one particular compound or 

compound differs from the others. Knowing that a test compound is similar to our drug of interest is not 

enough, we need to confirm that they are similar in the metrics that matter. As a hypothetical example, 

say we are searching for new anesthetics and using etomidate as our query compound. Compounds A 

and B are both the same distance from etomidate in principal component space, so which do we choose 

to validate? In this particular case, we know that etomidate has a unique “soft tap” phenotype – larvae 

treated etomidate are sensitized to soft taps and non-responsive to hard taps. We have observed that 

this is a “signature” feature of etomidate that no other compound has. We would then test Compounds 

A and B to see if they exhibit the same soft-tap phenotype and select the most similar compound. From 

this example, it is apparent that it is not enough to know that a screening compound is similar to a query 

compound – we also need to know that they are similar in a way that matters. Thus, our goal is two-

fold. First, we must identify the signature features that make a query compound unique (e.g. the soft-

tap phenotype). Second, we need to find hit compounds that share similar features. This boils down to 

the underlying hypothesis that compounds that cause fish to act similarly must also work similarly. 

Currently, the identification of the signature features of a query compound, or feature ranking, is 

neglected. Behavioral profiles have their similarity quantified using Pearson correlation-based methods, 

in essence skipping directly to the second step of quantifying similarity. This approach implicitly assumes 

that all portions of the behavioral profile are equally informative, since Pearson correlations “weight” all 
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datapoints equally. In the case of screening for etomidate-like compounds, using a Pearson correlation 

means that the soft tap assay is considered equally as important as the visual stimulus assay, when the 

opposite should be true. The task of identifying what features are “unique” to a query compound (and 

therefore should be weighted more in comparisons) is a feature selection task. Feature selection is an 

active field of machine learning, and we decided to address this problem by implementing a simple 

random forest approach. We did this by training a random forest classifier to classify the query 

compound against all other drugs, and then used the classifier to calculate the importance of each 

feature in identifying the query compound. 

Before data analysis can begin, however, we have to first normalize and compress the data. The original 

dataset had 10,500 datapoints and the classifier was never able to finish the training phase due to the 

heavy computational load. I reduced the amount of data by five-fold to 2,100 datapoints using Matlab’s 

resample function, which first lowpass filters the data before resampling only one of every five 

datapoints. In this way, we can simultaneously remove high-frequency noise (MI “jitter” caused by 

random noise) as well as compress the behavioral profile such that the classifier can complete training in 

a reasonable time. The data also needs to be normalized such that data from different plates and 

different weeks can be compared fairly. To do this, we subtracted the average MI trace for the DMSO 

controls on a plate from the MI trace of each well on the corresponding plate. We additionally divided 

all the MI traces by the average variance of the DMSO controls during the first assay, a quiet phase in 

which no stimulus was applied. The first correction removes any MI offset and the second corrects for 

larval batches that may be especially over/underactive (Fig 9) 

Once the MI data is normalized, our next goal is to find the unique aspects of our drug of interest (e.g. 

haloperidol). We do this by first creating a random forest classifier to distinguish between our drug of 

interest and “all other” drugs (including DMSO). Random forest classifiers were chosen due to their 

accuracy, speed, and most importantly, the inspectability of classification decisions; other competing 
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classifiers, such as support vector machines, have opaque classification criteria. Random forest 

classifiers are an ensemble method that work by having multiple weak decision trees vote on a new 

observation, and assigning a class based on the majority vote. Though each decision tree is only weakly 

predictive, the collective decision accuracy of random forests is quite high, and the use of multiple trees 

helps reduce overfitting concerns (31). Each weak decision tree is trained by bootstrapping the training 

dataset – observations that are not included are termed “out-of-bag” and are used in later validation 

steps. The bootstrapped training set then uses only a subset of the total feature set (typically the square 

root of the number of features) to create a decision tree. Decision trees are created by iterating across 

all features, setting thresholds to split the observations into different classes, and calculating the 

effectiveness of the split. The feature that best separates the classes is selected as a node within the 

tree, and the process is repeated again for each node, creating branches along the decision tree.  This 

process is then repeated to create more decision trees using new bootstrapped data and randomly 

selected features for each additional tree. In this way, multiple weakly predictively decision trees are 

produced, resulting in the final random forest model (31). During the classification step, observations 

are passed to each decision tree, which make an individual classification decision. The final classification 

decision is then made through an ensemble vote. The ensemble vote increases classification accuracy, 

while having multiple weakly predictive trees safeguards against overfitting. 
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FIGURE 9: DATA PRE-PROCESSING FOR USE IN CLASSIFICATION 

  

(A) Data from DMSO controls from two different plates assayed in different weeks. The motion indices have a different baseline value, 
and the green dataset appears to be overall more active in the no-stimulus control assay (boxed in red). We normalize these datasets by 

subtracting their respective medians from the data to set the baselines to zero, and then divide the entire dataset by the average 
variance of the DMSO controls during the no-stimulus assay to correct for overall activity. The second plot shows the two datasets after 
normalization, which are now in agreement. (B) This plot shows the effect of resampling. The blue plot represents the original data and 
the green represents the data resampled by a factor of five. The resampling smooths out the dataset, removing high-frequency noise, 

and reduces the amount of features, reducing computational load during classifier training. 
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Once a random forest model is created to classify observations as belonging either to our query 

compound, or “other”, we can then begin to perturb our model to identify the most important features 

used in the classification decision. To do this, we iterate through each feature in each decision tree, 

randomly permuting the values of the selected feature across all training observations used for that 

decision tree. The out-of-bag observations are then used to quantify the accuracy before and after the 

feature value permutation. This is repeated across all features in the decision tree, and then across all 

decision trees, quantifying the error introduced by permuting each feature. The most important 

features in the classification decision, therefore, are the features in which the error increases the most 

when its values are permuted across training examples. 

Using this approach, we were able to reconfirm the importance of the “soft-tap” response of etomidate, 

as well as uncover other novel behavioral markers. For example, we identified that the tapping response 

was amplified in haloperidol-treated larvae, and that zolpidem produced a unique red-light response not 

observed in any other drugs. This is significant, because we were able to identify behavioral markers 

that were first noted through human observation, but in a way that is unbiased and automated. Using 

random forest classifiers and searching for important features, therefore, represents a straightforward 

and novel method for identifying unique drug-induced behavioral responses in zebrafish. 

In the previous example, we used a random forest classifier to identify features that can help us find 

other compounds that elicit similar behavioral phenotypes. This approach can also be generalized to 

compound classes with minimal modification to the workflow. The initial question we ask in this 

approach is “what makes this drug different from all others?” We can generalize this question to “what 

makes this class of drugs different from all others?” This can be accomplished by also performing a one 

versus all classification, but instead lumping all drugs that belong to a certain class into the “one” 

category. For example, to find new antipsychotics (as a class), we can group all known antipsychotics 
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(e.g. haloperidol, clozapine, etc.) as the antipsychotic class, and train it versus all other classes of drugs. 

Then we can proceed as normal by finding the most important features in this classification decision.  
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FIGURE 10: FEATURE IMPORTANCE RANKING USING THE RANDOM FOREST CLASSIFICATION MODEL 

  

Random forest classifiers were trained to distinguish a query compound versus all other compounds. Each feature was randomly 
permuting amongst training examples, and the average increase in classification error recorded. The most important features were 

those for which the error increased the most as a result of the permutation operation. Plotted are the results of two two drugs, 
etomidate (an anesthetic) and zolpidem (a hypnotic). The top plot is the actual MI trace, with arrows marking features determined to be 

highly significant. The middle plot is a heatmap showing the relative importance (average increase in error) of that feature – red being 
the most important and blue being less important. The bottom-most plot shows the stimulus timing. Analysis of etomidate shows that 

the third and fourth soft-tap are the most important features, consistent with previous manual inspection of behavioral phenotypes. The 
analysis shows that the most important features for zolpidem are increased response to a tap stimulus, as well as a small, but consistent 

response to red light (no other compound showed red light response). 
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This is powerful, because the most important features represent the behavioral hallmarks that denote 

how antipsychotics as a whole impact zebrafish behavior. In other words, this allows us to search for, in 

an unbiased way, the fundamental effects of a specific class of drugs upon zebrafish behavior (because 

we are applying low-order stimuli such as light and vibration). 

However, this runs into a few problems. First since the number of training examples for the drug of 

interest (haloperidol in this example) is small, on the order of 200 observations, compared to the 

“other” class, which has over 1000 observations, we will overtrain our classifier to preferentially identify 

all new examples as “other.” This can be remedied by obtaining more training examples of the drug of 

interest. However, I was not able to obtain this data due to logistical and time constraints. Another 

problem arises when attempting to quantify and rank drug similarities. Decision trees can make 

classification decisions, but the output cannot be used to make meaningful comparisons or to “rank” 

compounds based on similarities. One way to fix this is to use the random forest classifier to identify the 

most important features, then calculate the Pearson correlation coefficient for all candidate drugs using 

only data from the selected features. We can further increase the sophistication of this approach by 

weighting the correlation from each feature by its relative importance. However, my work on this line of 

inquiry was cut short due to time constraints. 

There is still much work to be done on improving behavior-based drug discovery, and early results, such 

as a screen that has identified haloperidol-like compounds, appear extremely promising (20). However, 

these results were found using relatively crude methods – manually identifying signature features and 

using simple Pearson correlations to measure phenotypic similarity. I have proposed a refined workflow 

that utilizes an initial clustering/dimensionality reduction step to observe the “behavioral landscape” 

created by different known drugs, and how screened drugs fall within this landscape. The second part of 

the workflow involves selecting compounds that fall within desired clusters (for example, those than 

cluster with antidepressants), and validating their activities by comparing them against features 
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identified as unique to that particular class. These methods are a significant improvement in that they 

allow us to rationally select and validate new neuroactive compounds using metrics that are maximally 

predictive of biological activity. However, there still remain much additional work to be done. I used PCA 

to develop a behavioral landscape, but other non-linear dimensionality reduction techniques like t-

distributed stochastic neighbor embedding may be more suitable given the non-linear nature of 

biological data. Additionally, a clustering algorithm needs to be developed and applied. For feature 

ranking, additional data is needed to build more accurate random forest models, and specifically to 

avoid overtraining. Though my work on this project was cut short, others in the Kokel lab are 

implementing these techniques in order to improve behavior-based drug discovery, and adding critical 

new capabilities to the field of drug discovery. 

 

2.5 The Future of Drug Discovery 

HTS has exploded in use since it was first termed in the 1990s, and a number of successful therapeutics 

have been discovered using HTS techniques. However, the initial hope that HTS would revolutionize the 

drug discovery field and herald a new age of drug discovery has largely remained unfulfilled. There are 

numerous reasons why HTS has not made lived up to its initial hype; HTS cannot be applied to diseases 

with unknown etiology, excessive biological reductionism emphasizes binding affinity over in vivo 

performance, and the inability to screen for toxicology all hamper the final productivity of HTS-based 

drug discovery. This is not, however, to say that HTS as a whole has been unsuccessful. In fact, a number 

of drugs can trace their beginnings to a HTS campaign (14). In truth, it is impossible to gauge the true 

impact of HTS; in the words of a Robert Hertzberg, a research lead at GlaxoSmithKline, “lots of 

compounds has ‘mixed pedigrees’ and there is little incentive for people to track the history.” 

Particularly telling, however, is that despite heavy investment in HTS, the pharmaceutical industry is 
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facing declining research and development productivity; 50% fewer new molecular entities were 

approved in the over the last five years compared to the previous five years (2). It is quickly becoming 

apparent that HTS techniques need to branch out from traditional protein and cell-based techniques, 

and move towards more integrated systems that are better able to model diseases under 

physiologically-relevant conditions. 

As shown in Fig. 11, the bulk of the out-of-pocket expense, as well as the highest chance of failure, in the 

development of a new drug occurs during the clinical trial phase. More biologically-relevant assay 

systems that are able to successfully screen out ineffective lead compounds (e.g. for ADME reasons) at 

an early stage would therefore greatly increase the probability of success upon reaching the clinical trial 

stage. This would lead to an overall reduction in the total drug development cost (2). Another driver of 

the low clinical trial success rate is the FDA requirement that new molecular entities (NMEs) outperform 

currently available drugs if it is not a first-in-class compound, with a consequent lowering of clinical trial 

success rates. New assay systems that can accurately model diseases that are currently out of reach of 

traditional HTS systems, such as neurodegeneration, could potentially spark an increase in novel NMEs 

and further increase the clinical trial success rate. 
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FIGURE 11: R&D COSTS TO BRING A DRUG TO MARKET 

  

From (2). Estimated cost of each stage of drug development. p(TS) refers to the probability of success, WIP to works in progress, and 
NME to new molecular entity. The costs of each stage interact with each other – clinical trial costs, for example, can be greatly reduced if 

p(TS) is increased by finding better lead compounds.  
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Exciting work is being done to better model disease states. iPSCs and even patient-derived cells are 

beginning to be utilized in screens, rather than the standard immortalized, and often aberrant, cell lines. 

Labs have also begun to implement sophisticated cell-culturing techniques (hanging drop, co-cultures), 

and even 3D organoids in order to better model the surrounding environment. Parallel work in 

microfluidics has also made great strides in producing culture environments that can be strictly 

controlled to mimic physiological conditions, as well as to add perturbations and measurement readouts 

that are more sensitive than current bulk-well methods (17). Whole-organism screening is part of the 

natural progression towards advanced techniques that seek to more closely mimic actual biology. 

Instead of creating an artificial liver to test new drugs on – we can use an actual (zebrafish) liver. 

This is, however, not to say that whole-organism screening is strictly superior to other techniques. There 

will obviously be issues translating leads discovered in zebrafish to mammalian biology – though 

parallels are often greater than they first appear (3, 6, 10). Additionally, data variance tends to be high in 

whole-organism based screens, which can be partially alleviated by allocating more larvae to each 

condition, which will subsequently lower throughput. Lastly, whole-organism screening is expensive; 

larvae need to be maintained, crossed, and dispensed. More reagents will also be required as larvae 

require substantially more liquid volume. Last, but not least, handling and imaging whole organisms will 

always be a challenge; we have presented one technique in this dissertation, which will only be 

applicable to imaging in the head area of the larvae. At the same time, the advantages of screening in 

whole organisms is compelling; fully capitulated organ/circulatory/nervous systems that are 

simultaneously observable and druggable. We can screen for cures to poorly understood diseases, and 

immediately assay a compounds ADME. Whether an image or behavior-based screen, the idea of 

screening in zebrafish larvae is a powerful one, and a concept I hope will continue to be explored by 

researchers in the field. 
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3. HTS in C. elegans 

This project was motivated by the need to screen thousands of C. elegans in forward genetic screens. 

Like in drug discovery, we are searching for a small number of “hits” amongst thousands of otherwise 

uninteresting mutants. In a forward genetic screen, worms are exposed to ethyl methanesulfonate 

(EMS), a potent mutagen that randomly mutagenizes the worm throughout its genome. The worms are 

allowed to propagate to the F2 generation (resulting in homozygous progeny) and are then screened to 

look for mutants with a phenotype of interest – the mutant is then selected and raised until a true-

breeding mutant line is established (1). The mutant line can then be sequenced and experimented on to 

discover what genes are responsible for the phenotype of interest, in the end adding to our scientific 

understanding of the pathway in question. 
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FIGURE 12: EMS-BASED SCREENING IN C. ELEGANS 

  

(A) Worms are exposed to EMS, randomly mutagenizing them throughout the genome. Adults are hermaphroditic and are allowed to 
self-fertilize, creating heterozygote offspring in the F1 generation. The F1 generation is also allowed to self-reproduce, producing one-
quarter homozygotes in the F2 generation. The F2 generation is then screened to identify mutants with phenotypes of interest (1). (B) 
Though increased rates of lipid metabolism in C. elegans has been linked to increased lifespan, the pathway is still poorly understood. 
Lipid droplets are first degraded in lysosomes, creating lipid messengers. A phagophore then begins to develop, eventually enveloping 
the lipid droplets to form an autophagosome. The components of the pathway leading to phagophore recruitment and formation are 

still unknown, however, and our HTS was designed to identify genes that are involved.  
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This type of forward genetic screening has been carried out for decades in worm labs across the country 

ever since Sydney Brenner first demonstrated the use of C. elegans in genetic research. While 

commonplace, the work is extremely tedious and slow. Mutagenesis rates have to strictly controlled – 

too high of a rate and lethal mutations begin to pile up (too many mutations also make it difficult to 

pinpoint exactly which mutation is responsible for the observed phenotype), too low of a mutation rate 

and the number of worms that need to be screened to find a hit skyrockets, with the optimal amount 

being approximately 10-100 mutation per haploid genome (32). 

The typical screening process consists of a mutation step in which the C. elegans is exposed to EMS. The 

worms are then allowed to recover and then placed on screening plates. A readout method is then 

required to find mutants of interest. In the case of body shape brightfield observation is usually enough 

to pinpoint classic mutations such as dumpy (short, fat worms). Other, more subtle phenotypes, such as 

the lgg-1 worms I used, require fluorescently labeled worms and subcellular imaging to identify mutants 

of interest. Once mutants of interest are identified, they are moved to a unique plate where they are 

allowed to reproduce. Their offspring are screened again for the phenotype of interest and hits are 

again allowed to reproduce – at this stage true-breeding mutants (homozygous at the gene of interest) 

are the desired outcome. Once a mutant line has bred true, the experimenter can then begin to unravel 

the mechanisms behind the phenotype of interest. 

The identification of mutants, or “hits” in HTS terminology, is often the rate-limiting step, especially 

since most phenotypes of interest in current research tend to be subtle in comparison to the pioneering 

work in C. elegans (33).  In my particular project, we were interested in lipid metabolism in C. elegans, 

and in particular, how autophagosomes are formed to degrade lipid droplets. Increased autophagy, or 

“self-eating,” is an intracellular process in which a cell degrades or recycles its own proteins and lipids, 

and has been linked with lifespan extension. However, the mechanisms behind the recruitment of the 

autophagy pathway are poorly understood. One hypothesis is that lipid droplets are initially recruited 
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into lysosomes, which contain lipases that begin to degrade the droplets, generating lipid messengers 

that then signal autophagosome formation (Fig 12B) (34). Our collaborator, Meng Wang, has shown that 

overexpression of lipl-4, a lysosomal lipase, increases autophagic activity within the cell evidenced by 

increased numbers of autophagosomes (35, 36). The goal of this project was to elucidate the genes 

involved in the autophagosome recruitment pathway by performing a forward genetic screen. 

We began with a line of worms that overexpressed LIPL-4, causing the worms to constitutively undergo 

autophagy. The worms also express LGG-1::mCherry, an autophagosome membrane protein, allowing 

the visualization of autophagosomes within the worm. We would thus observe large numbers of 

fluorescent punctae in LIPL-4(OE) worms corresponding to autophagosomes compared against wild-type 

controls, in which LGG-1::mCherry would expressed diffusely throughout the worm. Our goal in the 

genetic screen is to identify genes involved in the autophagy pathway, to identify genes which, if 

disrupted, would cause aberrant autophagy phenotypes (e.g. look like wild-type worms since 

autophagosomes cannot be formed). The forward genetic screen would be set up as follows: first the 

LIPL-4(OE) worms would be exposed to EMS to mutagenize them randomly throughout their genome, 

next the worms would be screened to identify mutants with a diffuse fluorescence phenotype (the wild-

type phenotype), and finally the identified mutants will be isolated and passaged to determine which 
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gene was mutated and thus is critical in the autophagy pathway.

 

FIGURE 13: C. ELEGANS HTS WORKFLOW 

The portion of the project in which I worked on was the screening technology, which is often the 

bottleneck in manual screening workflows. The process of identifying mutants is nontrivial – the screen 

must be significantly faster than manual methods, it must be approximately as sensitive and specific, 

and it must be relatively straightforward to implement. The first two points: throughput and sensitivity 

are codependent upon each other. A screen that is less sensitive can be compensated for by simply 

screening more worms. For example, assuming the differences in cultivation logistics are negligible, a 

screen that is half as sensitive, but twice as fast should have the same “real” throughput as its 

counterpart. This is an important point to raise, since an automated screening method is likely to be 

more error-prone than a human observer, thus making head-to-head comparisons of throughput 

misleading. In fact, I propose that a more apt comparison of throughput should be to use a new metric 

that normalizes for accuracy; for example, “screening hours per identified mutant.” Assuming that 1 out 

of every 1,000 worms carries a mutation of interest, one can calculate how long it would take a 

particular screening method to identify a single mutant given the throughput and accuracy of the 

method. A simple calculation is shown below: 

𝑅𝑅𝑚𝑚𝐹𝐹𝑙𝑙 𝐻𝐻ℎ𝐹𝐹𝐹𝐹𝑟𝑟𝑙𝑙ℎ𝑝𝑝𝑟𝑟𝐻𝐻 = 𝐹𝐹𝐹𝐹𝐹𝐹𝑟𝑟𝐹𝐹𝐹𝐹𝐹𝐹𝑎𝑎 ∗ 𝐻𝐻ℎ𝐹𝐹𝐹𝐹𝑟𝑟𝑙𝑙ℎ𝑝𝑝𝑟𝑟𝐻𝐻 

Mutagenize lipl-4 
worms

Identify hits with 
wt phenotype

Isolate and 
validate hits
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On top of identifying mutants, perhaps the biggest challenge from an automation standpoint is the 

recovery of identified mutants. In manual screens mutants are usually “picked” off the plate using a thin 

platinum wire. However, programming a robot to do this would be difficult, time-consuming, and a 

rather inelegant solution. In other work, such as Hang Lu’s screening system, instead uses microfluidic 

valves to redirect flow into “waste” and “mutant” reservoirs (37, 38). However, this method is 

necessarily slow – requiring the constant starting and stopping of microfluidic flows, limiting throughput. 

Thus one of our major innovations was to devise a strategy using photoactivatable fluorescent proteins 

(PAFPs) by which the mutant selection step can be automated, yet still remain easy to implement. 

Before getting into the details, I will begin with an overview of our screening strategy. 

As mentioned in the introduction, a whole-organism screening method has three distinct challenges that 

need to be addressed: sample handling, imaging, and image analysis. For this screen we initially started 

off utilizing microfluidics to move and position worms, a fluorescence line-scan camera for imaging, and 

on-the-fly image analysis using Matlab. Briefly, the screening method would consist of flowing worms 

through a microfluidic channel past a laser line oriented perpendicular to fluid flow, creating a laser 

“sheet” that would excite fluorescence along the worm as it passed through. A high-speed sCMOS 

camera on linescan mode would be focused on the laser line, recording fluorescence and allowing us to 

reconstruct an image of the worm as it passes through the channel. The image could then be sent to 

Matlab for analysis. Based upon the analysis, worms with a phenotype of interest (diffuse mCherry 

fluorescence) would be photoactivated using a 405nm laser further down the channel. The 

photoactivation would convert photoactivatable GFP (PA-GFP) from a dark to fluorescent state. The 

worms could then be recovered onto a standard petri dish and examined under a dissection microscope 

in the green channel. The photoactivated worms will be easily identified and picked out using a platinum 

wire for validation. 
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FIGURE 14: OVERVIEW OF MICROFLUIDICS-BASED C. ELEGANS SCREENING 

  

(A) Optical train of the line-sheet microscope. Dual imaging paths (IR and 532nm) allow for simultaneous brightfield and fluorescence 
observation of the microfluidic channel. A cylindrical lens forms a light sheet while a sCMOS camera (PCO.edge) records fluorescence in 

a linescan pattern at 26,000 FPS. (B) Microfluidic channel design. Worms are injected into the device, which has multiple branches in 
case one or more get clogged, and travel single-file down the imaging and sorting channel. The imaging and photoactivation laser lines 

are oriented perpendicularly across the channel. (C) Worms flow through the 532nm laser sheet projected across the channel while 
images are simultaneously captured. A second 405nm laser is positioned downstream and selectively toggled on/off in order to 

photoactivate hits. (D) After screening, all worms are recovered and plated on a Petri dish. The hits are photoactivated with the sorting 
laser, causing PA-GFP to become fluorescent. Thus, to manually recover the hits the plate is viewed in the green channel using a 
fluorescence dissection microscope, and fluorescent worms are retrieved for validation. (E) The limiting factor on this method’s 

throughput is the frame-rate of the camera. The faster the framerate of the camera, the faster we can flow the worms, and thus the 
more worms we can screen. In order to obtain a final 1um resolution, we must image the worm every δ = 500nm (the Nyquist rate). 
Assuming the average worm is 500um in length and the camera has a framerate of 26,000, we end with a theoretical throughput of 

47,000 worms per hour. 
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3.1 Sample Handling 

Microfluidics was chosen as the sampling handling method of choice for this particular project. 

Microfluidics is a well-established technology that has been proven to work in C. elegans models, 

perhaps most famously by the Hang Lu lab at Georgia Tech (37, 38). In our system, worms would be 

loaded into syringe pumps which would then inject the worms into our device at precisely controlled 

flows. The worms would then travel through our device, finally ending in a single channel that would be 

a precise fit for the worm, forcing it to travel straightened and pinned against the channel at a 

consistent speed so that images of a straight worm could be recorded by the linescan set-up. 

However, there were a number of significant challenges in this microfluidic set-up. First, worms did not 

behave well in the channels – anesthetized worms lose body tone and become limp thread-like objects 

traveling through the channel. The worms would often clog the channels in their anesthetized state. To 

complicate matters, unperturbed worms would often thrash in the channels, by itself not a problem 

since it often helped them get unstuck in a channel, but more importantly, often liked to tangle 

themselves with other worms, forming clumps that would invariably clog the channels (Fig 15A). From 

these early observations it became clear that using anesthetized worms was not tenable due to clogging 

tendencies. The unperturbed worm’s predilection towards forming worm tangles could also be offset by 

lowering the worm density in the syringe suspension. However, this would also require constant 

agitation of the syringe contents as well as lower the overall throughput of the system since the time 

between worms would increase due to lowered density. The Lu lab’s solution to these challenges was to 

institute rigorous error checking steps throughout their system (in fact, the majority of their work was 

on the back-end, separating worm tangles and flushing clogged channels). Additionally, the lowered 
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worm density was not an issue for their approach, which was focused on low-throughput, high-

resolution imaging. 

Another problem with the flow-through imaging approach was the biological variation in worms. Worms 

that were fatter or larger would become stuck in the channel or move slower through the channel due 

to increased contact with the channel sidewalls. Worm size can be controlled through strict 

synchronization of the worms, ensuring that all worms are at the exact same stage of development 

when injected into the device. However, enough natural variation exists such that the microfluidic 

device would reliable clog every few hundred worms. Compounding this problem, once random 

mutagenesis is introduced into the worm population, this size variation is further amplified by the 

presence of dumpy worms, one of the most common mutations. This is a critical flaw since microfluidic 

flow is used to drive the worm at a consistent speed through a laser sheet that stitches together a final 

image of the worm. Any variation in the flow rate of the worm through the laser sheet will result in 

image distortions in the direction of flow. In the case of our system, these distortions will largely consist 

of scaling inconsistencies along the length of the worm. For example, a small, thin worm that does not 

contact the walls of the device will travel faster than a fat worm, and the resultant image of the thin 

worm would be “compressed” along the head-tail axis.  

Altogether these two factors: difficulty of loading live worms, and inconsistent flow rates due to worm 

resistance, make a flow-through imaging approach infeasible. The better approach to take, in my 

opinion, is to stop the flow and image the worm using a widefield camera, the same strategy used by the 

Hang Lu group. The use of a flow through system, while theoretically elegant, has too many failure 

points in practice that prevent it from being a robust system. Since a stop-and-image workflow will 

necessarily reduce throughput significantly, a different strategy would have to be taken to turn worm 

screening into a true high-throughput screen. I will discuss my efforts at implementing an automated 

microscope to perform the HTS in later sections.  
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FIGURE 15: IMAGING CHALLENGES IN C. ELEGANS 

  

(A) Worms travelling through the microfluidic channel would often become tangled, or otherwise occlude the channel. Since the linescan 
imaging method requires constant, steady flow in the channel (otherwise the image becomes magnified or compressed along the axis of 
flow), these flow problems ultimately prevented this project from being successful. (B) Proof-of-concept images captured using the 
linescan and flow-through imaging technique. Though this procedure was usually successful, it was not robust enough for a true high-
throughput screen, which would require good performance across thousands of worms, instead of hundreds. (C) Proof-of-concept 
showing that the photoactivation scheme would be feasible. Worms that are selected as “hits” have PA-GFP expressed in their body wall 
muscles photoactivated with a 405nm laser, turning from a dark to a bright state. The highlighted worms can then be recovered 
manually under a fluorescence dissection microscope. 



79 
 

3.2 Imaging, Photoactivation, and Analysis 

In this set-up we imaged the worms as they passed through a laser sheet oriented perpendicular to the 

microfluidic channel. The laser sheet was created using a cylindrical lens and oriented perpendicular to 

the direction of flow. Focused and aligned with the laser sheet was a PCO.edge sCMOS camera modified 

to work as a line-scan camera to maximize its frame rate. Each frame captured by the camera can be 

thought of as a 1-D image slice of the transverse plane of the worm. 

The goal of this set-up was to maximize the throughput of the system. As worms flowed through the 

laser sheet, the resultant fluorescence would be captured by the camera and the individual “lines” of 

data stitched together to form a full image of the worm (Fig 15B). This “flow-through” imaging method 

has an extremely high theoretical throughput limited only by the framerate of the camera. To faithfully 

reconstruct an image of the worm, the distance between each captured frame must be half the xy 

resolution of the microscope objective in order to satisfy the Nyquist rate, or ~500nm. This sets an 

upper limit on the maximum flow rate (and therefore throughput) of the system as the worm can travel 

no more than 500nm in between camera frames. Therefore, the faster the framerate of the camera, the 

faster worms can be flowed through the device, up to a theoretical throughput of 47,000 worms per 

hour (Fig 14E) 

However, the functioning of the imaging system is highly dependent on achieving consistent flow rates 

in the microfluidic channel. I was, unfortunately, never able to solve the problems introduced in the 

previous section, and as such performed all the imaging either by manually moving an xy stage to “scan” 

a worm or using an automated stage with the worm immobilized on an agar pad and coverslip. As can 

be seen in Figure 15B, achieving a consistent scanning rate is critical to producing a good quality image. 

An important point to note is that distortions along the y-axis (the body length of the worm) caused by 

the flow rate is not necessarily bad as long as a.) the flow rate is low enough that the Nyquist sampling 
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rate is satisfied and b.) every worm experiences the same amount of distortion. We can theoretically 

“undo” this longitudinal distortion by accounting for the flow rate of the worm at the instant the images 

were taken, but in practice this is an extremely complicated proposition. While the linescan system was 

able to produce images when worms were scanned manually, the lack of precise flow control meant 

that actual scanning done in the microfluidic device would not be reliable. 

After images are acquired, the next step is to identify each image as being either a hit or a non-hit. This 

step must be done on the fly as the flow in the device is never stopped. Immediately after imaging the 

worm, a decision needs to be made whether or not to mark the worm as a hit before the worm exits the 

device. There are three steps to the image analysis. First, the individual slices of the worm must be 

stitched together to reconstruct an image. Second, the image must be processed and quantified. Lastly, 

the worm must be classified as either a hit or a non-hit. 

Reconstruction of the image is fairly straightforward. A small process runs in the background as the 

camera captures images, summing up the amount of signal captured by the camera. When the sum 

exceeds a threshold, a worm is considered to be in the imaging area and the image begins to be 

recorded. The image is reconstructed by lining up the 1-D slices together to form a 2-D image of the 

worm. As soon as the worm is no longer considered to be in the imaging area (e.g. the total signal drops 

below a threshold) the image is then sent onwards to the processing module. 

The main goal of the processing module is to extract features that will be able to distinguish the hits 

from non-hits. As a reminder, this screen is searching for worms with a disrupted autophagy phenotype 

in a lipl-4 background. Since lipl-4 worms undergo constitutive autophagy, worms with punctate 

mCherry phenotypes are considered non-hits with functional autophagy pathways. Worms with diffuse 

mCherry signal, on the other hand, are hits in this screen as the diffuse pattern indicates autophagy is 

not proceeding normally in these worms. Thus, the image processing challenge becomes clear: we must 
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identify worms with punctate mCherry patterns versus those with diffuse mCherry signal. To tackle this 

problem a simple Fourier filtering algorithm that removed low-spatial frequencies from the image, 

leaving only the puncta, was implemented. The total pixel intensity before and after this filtering could 

then be compared – worms with large amounts of intensity in the puncta would be marked as non-hits 

and vice versa. The puncta intensity of the worm could then be sent to the next stage of image 

processing: classification. 

The classification was done by using a linear SVM to calculate the relative weighting of the whole worm 

fluorescence and the punctae fluorescence. This returned an overall “feature score” that could be used 

to separate the two populations using a simple threshold. The Z’-factor of this particular approach was -

0.70, a relatively low-performing assay. However, it is likely that this score could have been increased 

with additional work, though I chose not to pursue any further development of this project. 

3.3 Hit Selection and Recovery 

Once hits are identified, the next step is to somehow select the hit. Since our flow-through strategy does 

not allow flow to be stopped and seeks to maximize throughput, a valve-based sorting method would 

not make sense due to slow actuation times (~1 second, (37)). To meet this challenge we split hit 

selection into two steps: hit marking and hit recovery. During the hit marking step, we use a 405nm laser 

to photoactivate PA-GFP expressed within the worm. This turns the worm from being dark in the GFP 

channel to fluorescent. Most importantly, this can be done extremely quickly (with laser response times 

in the nanoseconds), without stopping flow, and without any additional chip design. In this set-up we 

would focus the 405nm laser at a point downstream of the imaging region and trigger it if a worm 

passes our hit selection criteria. The appropriate triggering of the laser, however, depends again on the 

consistent flow through the device such that the laser can be active at the same time the worm is 

passing through its location. If the flow is inconsistent or if we miscalculate the flow rate, then the laser 
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can easily be triggered either before or after the worm has left the laser area. This feature was never 

implemented due to the difficulty in establishing consistent flow in the device. 

Hit selection (photoactivation) would be automated in this strategy, though hit recovery would be done 

manually. The impact of a manual recovery step on the overall throughput of the method would, 

however, be minimal. Since only 0.1% of worms would be expected to be a hit, this would translate into 

having to manually pick between 1-10 worms per plate (assuming a rough estimate of 1% false positive 

rate and 1,000 worms per plate), a relatively trivial task (1). The bulk of the screening time would be 

spent on imaging the worms and classifying their phenotype. Thus, this hit-selection-by-photoactivation 

strategy allows for hit identification that does not interrupt screening flow (as is done in Hang Lu’s 

system), increasing screen-time throughput while only minimally affecting overall throughput, especially 

since manual hit picking can be done in parallel with the screening of a fresh plate of mutants. 

 

3.4 Alternative Method: Automated Microscopy 

When it became apparent that this microfluidic flow-through strategy would not be feasible, we 

switched to a new method. Rather than acquiring images using microfluidics and a linescan camera, we 

would instead use an automated microscope to directly image worms on a plate. This would greatly 

simplify the image acquisition step, the main roadblock in the microfluidic imaging strategy, at the cost 

of potentially lower throughput (since the magnification of the image and the number of worms that 

can be captured per field of view are inversely proportional) and high image analysis complexity (since 

worms may be tangled or cut off at the edge of the field of view. 

To accomplish this, a Matlab program was created to coordinate the stage, camera, and shutter 

functions of an inverted Nikon Eclipse microscope in the Nikon Imaging Center. The workflow would 
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begin with plating worms suspended in a dilute solution of polystyrene beads onto a Petri dish with 

standard nematode growth medium (NGM). The dish would be flipped upside down (since an inverted 

microscope was used) and the plate’s z-profile mapped. The stage is translated from one field-of-view 

(FOV) to the next while the microscope captures a quick brightfield z-stack. Each image in the z-stack has 

its variance calculated – the image most in focus will have the highest variance, with the beads helping 

the focusing operation in areas in which worms are not present. In this way we can map out the 

optimum z-focus at every point within the plate; this is critical since plates are often slightly concave due 

to surface tension at the edges of the plate. To further complicate matters, the Nikon perfect focus 

system (PFS) was unable to focus on the petri dish, likely due to the rough and highly scattering nature 

of the agar surface. This necessitated the use of a slower, image-based focusing system. 
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FIGURE 16: OVERVIEW OF THE AUTOMATED MICROSCOPE APPROACH TO HTS IN C. ELEGANS 
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Once a map of the z-depth profile of the plate is created, the plate-scanning process is repeated. This 

time only a single brightfield and a single fluorescence image is taken of each FOV at the correct z-focus. 

These images are then processed in Matlab similar to the process used in the microfluidic strategy, with 

an additional step: worm identification. Since multiple worms can exist in one FOV and can often be 

tangled/overlapping, we need to first separate out individual worms before continuing with our analysis. 

A thresholding operation is applied to the image followed by an opening operation to account for noise, 

and a closing operation to remove any small gaps in the worms. To do this a thresholding Fourier 

filtering is used to remove general background, and the relative intensity within the punctae is used to 

classify worms as either hits or non-hits. 

However, around this time, the zebrafish screening project began to demonstrate early success, and my 

time was diverted away from the C. elegans screening project towards the zebrafish one. As a result, 

development of the worm project effectively ended. 
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FIGURE 17: IMAGE PROCESSING AND CLASSIFICATION OF C. ELEGANS USING AN AUTOMATED MICROSCOPE 

  

(A) Before analyzing the fluorescence images, the worms in the images first need to be segmented and identified. A brightfield image is 
taken of the worm. The image is inverted, background is subtracted using an opening operation, and then thresholded. A closing 
operation is then performed to fill the worm outlines. Finally, the individual objects are separated using Matlab’s “bwconncomp” 

function, which assigns identities to pixels based upon their connectivity (how many other pixels a given pixel is touching). (B) Images of 
the lipl-4 and wild-type worms. Lipl-4 worms have a grainier texture with a defined line of little fluorescence along their body. Wild-type 

worms (labeled lgg-1 here) have diffuse fluorescence throughout. In our screen worms with the wild-type phenotype are hits. (C) A 
support vector machine (SVM) using an RBF kernel was used to classify worms as either wild-type or lipl-4. A classification accuracy of 

94.6% using 10-fold cross-validation was achieved. 
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3.5 Closing Thoughts on the C. elegans HTS 

As my first major project in my graduate career, I was slightly overambitious. This project was 

significantly more challenging that I originally anticipated, mostly because each part of the project was 

highly dependent on the preceding part. The project represented a a highly tuned system in which each 

part had to work perfectly in relationship to the others. For example, without consistent flow rates, 

good imaging would be impossible. Without good images classification of worms would not be possible, 

etc. Failure at any point in the workflow would cascade downstream.  

However, I learned a number of lessons over the course of my time in this project. I learned the 

fundamentals of microscope/optics design, hardware programming, microfluidic design/fabrication, and 

the basics of image analysis. More importantly, I learned how to better structure projects going forward 

– especially in how to look for opportunities to “fail early.” In retrospect, I should have recognized the 

critical flaw in the project was the handling of the worms, and that as soon as I realized that achieving 

consistent flow was not realistic, that the rest of the project would be unfeasible. 

 

4. Other HTS Projects (Drosophila) 

As a side-project, I worked with Dr. Ryan McGorty, a postdoctoral scholar in the lab, to test a new 

selective plane illumination microscope (SPIM) and demonstrate its utility in HTS by integrating it with 

microfluidics. The use of SPIM systems in biological research has grown significantly – SPIM works by 

forming a thin light sheet, most commonly using a cylindrical lens coupled with an objective, to excite 

fluorescence within a sample while a second objective oriented perpendicular to the sheet records 

images. Like confocal systems, SPIM produces optical sections free of background fluorescence, with the 

thickness of each optical section determined by the NA of the excitation objective. SPIM holds a number 
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of advantages over traditional confocal imaging – since only the imaging plane is exposed to the 

excitation light (as opposed to the entire imaging volume in confocal), phototoxicity is minimal (39, 40). 

This makes SPIM ideally suited for in vivo, long-term imaging; such as in imaging developing embryos or 

in actively firing neurons (39, 41).  

However, SPIM comes with a number of downsides. The biggest perhaps being awkward sample 

mounting. The two perpendicular objectives are often oriented horizontally and the sample mounted 

vertically. This set-up precludes the use of traditional biological sample containers, such as plates and 

multiwell slides that lie on the stage horizontally. Instead, SPIM samples are typically mounted in 

capillary tubes or embedded in agarose. This makes it difficult to image more than a single sample at a 

time, making SPIM an ideal candidate for slow, high-resolution experiments, but far from ideal for more 

high-throughput methods. The need to integrate SPIM with traditional sample mounting techniques has 

been recognized by a number of groups. The most famous example being an inverted SPIM system 

developed by Hari Schroff’s group in which the two objectives are held at 45⁰ relative to the horizontal 

and suspended above the sample (42). While this iSPIM system allows for the use of slide-based sample 

mounting, multiwell and microfluidic set-ups remain incompatible since the excitation and imaging 

objectives remain above the sample, unable to focus on objects at the bottom of the plate. To address 

this challenge, we created a true inverted SPIM system in which the objectives are held underneath the 

stage, still at 45⁰ relative to the horizontal. With the objectives below the plate, samples can easily be 

mounted using traditional methods and plates. The main challenge in this approach is correcting for the 

aberrations that are introduced by imaging at an angle through multiple mediums (air, glass, water). We 

corrected for these aberrations using a small “water prism” oriented such that each face is 

perpendicular to an objective, and with the water directly contacting the bottom of the plate/slide. 

By greatly simplifying sample preparation, this inverted SPIM system holds great potential in HTS 

applications, especially when combined with microfluidics. Since samples are scanned using simple xy-
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stage translation, we can design microfluidic channels that can hold dozens of samples in linear channels 

that can then be imaged continuously by translating the stage along the channels. Additionally, we can 

introduce precisely perturbations to the samples using the microfluidic channels. To demonstrate the 

promise of this approach, we developed a microfluidic chip that uses branched mixing modules to 

produce a concentration gradient of methylmercury chloride, a neurotoxin, across a linear channel in 

which dozens of Drosophila embryos were arrayed. We then used the inverted SPIM system to 

continuously scan across the channel for over 24 hours, obtaining simultaneous 3D images of dozens of 

Drosophila embryos throughout their development. This particular experiment would not have been 

possible using any other system; confocal techniques would have quickly killed the embryos, traditional 

SPIM would be logistically difficult in terms of sample mounting and would also be unable to image 

more than one concentration of methylmercury chloride at once. 

The major downside of our inverted SPIM was the fact that though we were able to significantly reduce 

the amount of aberration introduced by imaging our sample at an angle, the image quality is still lower 

than traditional SPIM techniques. Additionally, we were limited to using low magnification air objectives 

in order to avoid further exacerbating existing aberrations and keeping the water prism filled with water 

is not elegant (a syringe pump continuously refilled the water prism, but also introduces small vibrations 

in the system). However, we believe this system has powerful niche applications in which long-term 3D 

imaging needs to be performed on dozens of samples and multiple experimental conditions. We foresee 

applications in developmental biology as well as drug validation. A copy of the paper follows: 
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Abstract:  We have developed a new open-top selective plane illumination microscope (SPIM) 
compatible with microfluidic devices, multi-well plates, and other sample formats used in 
conventional inverted microscopy. Its key element is a water prism that compensates for the 
aberrations introduced when imaging at 45 degrees through a coverglass. We have demonstrated 
its unique high-content imaging capability by recording Drosophila embryo development in 
environmentally-controlled microfluidic channels and imaging zebrafish embryos in 96-well plates. 
We have also shown the imaging of C. elegans and moving Drosophila larvae on coverslips. 

2015 Optical Society of America  

OCIS codes: (180.2520) Fluorescence microscopy; (170.6900) Three-dimensional microscopy.  
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1. Introduction  

Selective plane illumination microscopy (SPIM) [1, 2] in recent years has demonstrated its advantages over other 

optical sectioning techniques in fast volumetric imaging and much reduced phototoxicity. These advantages have 

made SPIM an attractive technique particularly for the imaging of developing embryos and the recording of whole 

brain activity [2–4]. In the most common configuration of SPIM, the illumination and detection objectives are placed 

orthogonally on two sides of a liquid filled chamber. The illumination objective generates a light sheet that is 

restricted to the focal plane of the detection objective. The specimen is immobilized within a cylinder of gel placed 
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vertically in the chamber. Volumetric imaging is achieved by scanning and/or sample rotation. An alternative 

configuration for SPIM is to have two water-dipping objectives oriented down at 45 degree into a petri dish [5–7], 

allowing the imaging of flat cell culture. Additionally, SPIM microscopes have been developed using a single high-

numerical-aperture (NA) objective [8–10], but they are typically not designed for whole organism imaging except for 

one recently reported [11].  

One important microscopy application that has not benefited from SPIM is high-content imaging which is used 

to systematically screen a large number of samples. For this purpose, multi-well plates or microfluidic chips are often 

used to enable the manipulation of the specimen and control of conditions. However, the small sized wells in multi-

well plates and the planar layout of polymer microfluidic chips and the need of tubing connection makes them 

inconvenient to be used on existing SPIM configurations. Therefore, we sought to develop a new “open-top” 

configuration for SPIM that has all the imaging optics located underneath the sample. This configuration should not 

only allow the use of microfluidic chips and multi-well plates, but also the imaging of samples mounted in any of the 

common formats used with regular inverted microscopes, such as samples in small dishes or directly on top of a 

piece of coverglass.  

2. Results 

2.1 Construction of the open-top SPIM system 

To develop our open-top SPIM system, we placed the illumination and detection objectives below the sample at 45 

degrees to the sample stage, as shown in Fig. 1(a). This configuration resembles the iSPIM configuration [5, 12], but 

differs in that both objectives sit at the opposite side of the coverglass from the sample. Such an arrangement frees 

the sample side of the coverglass, making it compatible with small dishes, flow cells and microfluidic chips. However, 

this arrangement also brings in major practical challenges: the two objectives no longer directly interface with the 

sample through water or air. Instead, both illumination and detection optical paths now cross a piece of coverslip at 

45 degrees. With air on one side and the sample medium on the other, this arrangement produces enormous optical 

aberrations, rendering the microscope useless. To solve this problem, we built a water-filled prism using a 3D printed 

scaffold and two pieces of coverslip. This prism is held beneath the sample holder, with water in direct contact with 
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the sample coverslip to allow free translation of the holder. Both air objectives (20× 0.42 NA for excitation and 10× 

0.3 NA for imaging) focus perpendicularly through glass windows on the sides of this water prism. A cylindrical lens 

is inserted in the excitation light path for the 20× objective to generate a light sheet with a thickness of approximately 

5 μm. 

 

FIG. 1. IMAGING WITH OPEN-TOP SPIM (A) SCHEMATIC DRAWING OF OPEN-TOP SPIM WITH THE TWO OBJECTIVES BENEATH THE SAMPLE STAGE. BENEATH 

THE 2D DRAWING WE SHOW A 3D RENDERING OF THE MICROSCOPE. (B) DETAILED EXCITATION PATH. THE LASER PASSES THROUGH AN OPTICAL DENSITY 

FILTER (OD), A 7× BEAM EXPANDER CONSISTING OF A 10× OBJECTIVE (L1, RMS10X, THORLABS) AND A 75 MM LENS (L2, AC254-075-A, THORLABS), A 

200 MM FOCAL LENGTH CYLINDRICAL LENS (CL1, LJ1653RM-A, THORLABS), AN ADJUSTABLE SLIT APERTURE, AND A 20× 0.42NA OBJECTIVE BEFORE 

GOING THROUGH THE WATER PRISM AND INTO THE SAMPLE. (C) EMISSION PATH. THE LIGHT IS COLLECTED THROUGH THE WATER PRISM BY A 10× 0.3NA 

OBJECTIVE, GOES THROUGH THE TUBE LENS (L3, AC254-200-A, THORLABS), THE ABERRATION-CORRECTING CYLINDRICAL LENS (CL2, SCX-50.8-5000.0, 

MELLES GRIOT), A PAIR OF LENSES RELAYING THE IMAGE TO THE CAMERA (L4 AND L5, AC254-075-A-ML AND AC254-150-A-ML, THORLABS), AND AN 

EMISSION FILTER (E, ET525/50 OR ET595/50, CHROMA). 
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Although the water prism cancels out the aberration from imaging across a 45 degree glass-air interface, the 

sample coverslip still introduces astigmatic aberrations because it sits at 45 degrees with respect to the optical axis 

of the detection objective. This aberration is apparent in the measured point spread function (PSF) [Fig. 2(a)] as well 

as in Zemax ray-tracing [Fig. 2(g)]. To correct this astigmatism, we inserted a weak cylindrical lens after the tube lens 

of the detection objective, as shown in Figs. 2(b) and 2(h). More details of the optical layout are presented in Section 

4. Materials and methods.  

A similar astigmatic aberration is expected on the illumination side, although it has much less profound 

consequences for the simpler task of focusing the excitation laser into a light sheet. In addition, we use an adjustable 

slit in the illumination path to effectively reduce the NA of the illumination objective. Such a method to reduce the 

NA of the illumination objective is often done to extend the length of the light sheet along the optical axis [2, 14]. In 

our system, it also works to inhibit the aberrations that would present themselves at higher NA. 
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FIG. 2. CHARACTERIZATION OF THE OPEN-SPIM. (A) THREE IMAGES OF 200 NM FLUORESCENT BEADS EMBEDDED IN AGAROSE FROM A SCAN OF THE 

SAMPLE. BETWEEN EACH FRAME THE SAMPLE HAS MOVED 2.5 ΜM IN X. THE SHAPE OF THE PSF CLEARLY SHOWS ASTIGMATISM. (B) SAME BEADS WITH THE 

CYLINDRICAL LENS INSERTED. (C) COMPARISON OF THE PSF FOR THE SAME 10× 0.3 NA OBJECTIVE USED IN A WIDEFIELD MICROSCOPE AND IN OUR OPEN-

TOP SPIM. (D) RENDERING OF WATER PRISM AND THE FIRST THREE ELEMENTS OF AN OBJECTIVE LENS USED IN ZEMAX RAY TRACING SOFTWARE FOR 

COMPUTING THE HUYGEN’S PSFS SHOWN IN (E)-(H). THE PSFS ARE DISPLAYED ON WITH A LOG SCALE AND COVER A 330 × 330 ΜM2 AREA UNDER THE 

FOLLOWING CONDITIONS: (E) WHEN IMAGING 500 ΜM INTO WATER PAST A COVERSLIP; (F) SAME AS (E) WITH AN ADDITIONAL 6 MM OF WATER PLUS AN 

ADDITIONAL COVERSLIP BETWEEN THE OBJECTIVE AND FOCAL PLANE; (G) SAME AS (F) BUT WHEN THE COVERSLIP CLOSEST TO THE FOCAL PLANE IS TILTED 

45°; AND (H) SAME AS (G) BUT WITH A 10 M FOCAL LENGTH CYLINDRICAL LENS INSERTED AFTER THE TUBE LENS. 
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We characterized the point spread function (PSF) of our microscope by imaging 200-nm beads embedded in 2% 

agarose gel across a field-of-view of approximately 300 μm × 300 μm (Fig. 2). The full-width half-maximum (FWHM) 

of the measured PSFs of 50 beads were 1.1 ± 0.03 μm in the lateral direction and 6.2 ± 0.6 μm in the axial direction 

(mean ± standard deviation), respectively. The larger axial width variation mainly reflects the increase in light sheet 

thickness away from focus of the illumination objective (FWHM of 5.9 μm for the 29 beads within a region of 150 

μm around the tightest focus of the light sheet, versus 6.5 μm for the 21 beads outside this region). In comparison, 

the same 10× imaging objective on a regular wide-field inverted microscope produces a PSF size of 0.9 μm and 10.9 

μm [Fig. 2(c)]. The similar lateral widths indicate that the cylindrical lens in the imaging path has efficiently corrected 

the astigmatic aberrations, while the small axial width for our SPIM system is the result of optical sectioning by light-

sheet illumination.  

To acquire 3D data, we simply scanned the sample stage so that the specimen moves at a constant velocity 

through the stationary light sheet. This method of capturing volumetric data is straightforward to implement as the 

only required moving part is a motorized sample stage. More importantly, it allows us to cover a large volume only 

bounded by the travel range of the stage in x and y and by the extent of the light sheet in z. Stages with additional 

travel in z, (for example, a piezo z stage), could allow a larger sample volume to be scanned through the light sheet. 

Typically, we move the stage at speeds of between 20 and 100 μm/sec and acquire images at 20 to 100 Hz when 

imaging stationary or slowly moving specimens, although our motorized stage and camera could achieve much 

higher speeds. This process is illustrated in imaging Caenorhabditis elegans (confined between a glass slide and 

coverslip) expressing GFP in PVD sensory neurons or nuclei of intestinal cells, shown in Fig. 3. The camera records 

slices at a 45 degree angle relative to the scanning direction. We use the coordinates x' and y' to refer to the plane 

recorded directly on the camera. The stack of images captured is transformed (see Appendix) to generate slices in 

the x-y plane [Fig. 3(a) and Media 1] and z projections [Fig. 3(b)], which can be used for 3D reconstruction (see Media 

2). 
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FIG. 3. (A) TWO SLICES THROUGH VOLUMETRIC DATA OF C. ELEGANS WITH PVD SENSORY NEURONS LABELED WITH GFP. THE SLICE OUTLINED IN RED 

SHOWS THE RAW CAMERA IMAGE PRIOR TO ANY TRANSFORMATION. THE OTHER SLICE IS AN X-Y SECTION OF THE TRANSFORMED VOLUMETRIC DATA. (B) Z-

PROJECTION OF DATA SHOWN IN (A) (SEE MEDIA 1 AND MEDIA 2). 
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2.2 Imaging Drosophila development in microfluidic channels 

For the study of embryo development, the large scan range of our microscope enables simultaneous imaging of 

many embryos for parallel analysis. To demonstrate this capability, we imaged a large number of developing 

Drosophila embryos with GFP-expressing central nervous system (CNS) neurons in a PDMS microfluidic device 

containing a single, snaking channel that has multiple 14-mm long straight sections, which is depicted in Fig. 4. We 

designed the channel dimension so that, when loaded in, the embryos can line up single-file with their anterior-

posterior axis along the channel in a given straight section. To ensure embryo viability, we used a syringe pump to 

flow solution through the channel. Given that an embryo is approximately 400 μm long, we were able to load 32 of 

them along a straight section of our microfluidic channel. Then, by scanning the stage linearly along the length of 

the channel, we captured optical sections of all embryos (Fig. 4 and Media 3). We managed to acquire one 3D dataset 

of all 32 embryos in a 0.2 × 0.22 × 14 mm3 volume in as short as 2.3 minutes, with the stage scanned at a speed of 

100 μm/sec and the camera recording at 100 Hz. The light exposure for each embryo was estimated to be 

approximately 2.4 mJ during each scan, which is comparable to reported value for other SPIM systems [5]. This low 

light dosage allowed us to record the development of these embryos for about 12 hours at 40 min interval and with 

minimum phototoxicity, as indicated by the expected morphogenesis process of their CNS. 

Integration of SPIM with microfluidic devices allows the screening of embryo development under precisely 

controlled conditions. As a demonstration, we fabricated a more complicated device that maintained a 0 to 200 μM 

linear gradient of methylmercury chloride along a straight channel. Utilizing this device, we have recorded the full 

methylmercury dosage-response dataset on CNS development disruption in one single imaging experiment. Over 36 

hours, the condensation of the ventral nerve cord which normally occurs at 13 to 16 hours after egg laying (AEL) was 

observed in only six embryos at the lowest end of the gradient (Fig. 5 and Media 4). Similar devices could be used 

for systematic characterization of Drosophila embryo development under other controlled conditions such as 

specific enzyme inhibitors and even temperature [15]. 
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FIG. 4. PARALLEL IMAGING OF DEVELOPING DROSOPHILA EMBRYOS. (A) THE Z-PROJECTIONS OF 32 DROSOPHILA EMBRYOS THAT HAVE BEEN LOADED INTO 

AN APPROXIMATELY 14 MM SECTION OF A MICROFLUIDIC CHANNEL. ONLY EVERY 10TH FRAME WAS USED TO GENERATE THE FIGURE. A Z-PROJECTION IS 

SHOWN AT T=0 (TOP) AND AT T = 650 MIN. (BOTTOM). (B) THE TWO EMBRYOS IN THE RED BOX IN (A) ARE SHOWN AT DIFFERENT TIMES. THE IMAGES AGAIN 

DISPLAY Z-PROJECTIONS BUT ALL FRAMES ACQUIRED WERE USED. (C) THE SAME EMBRYOS AND SAME TIME POINTS AS (B) ARE SHOWN AS Y-PROJECTIONS. (D) 

TWO SLICES IN THE X-Y PLANE ARE SHOWN CORRESPONDING TO THE RED LINES IN (C) (SEE MEDIA 3). (E) IMAGE OF EMBRYO AS ACQUIRED BY CAMERA AND 

CORRESPONDING TO THE POSITION INDICATED BY THE RED LINES IN THE LAST TIME POINT IN (B) AND (C). (F) SHOWN IS A DRAWING OF THE MICROFLUIDIC 

CHANNEL USED.  
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FIG. 5. IMAGING OF DEVELOPING DROSOPHILA (A) SHOWN ARE Z-PROJECTIONS OF 32 DROSOPHILA EMBRYOS LOADED INTO A STRAIGHT MICROFLUIDIC 

CHANNEL ALONG WHICH A DECREASING GRADIENT IN METHYLMERCURY CHLORIDE RUNS FROM LEFT TO RIGHT AT TIME T = 0 (TOP) AND T = 1089 MIN. 

(BOTTOM). ONLY EVERY 6TH FRAME RECORDED WAS USED TO GENERATE THE PROJECTIONS. (B) THE EMBRYOS IN THE LEFT RED BOX IN (A) AT DIFFERENT 

TIME POINTS. THE IMAGES AGAIN DISPLAY Z-PROJECTIONS BUT ALL FRAMES ACQUIRED WERE USED. (C) THE Z-PROJECTIONS OF THE EMBRYO IN THE RIGHT 

RED BOX AT THE SAME TIMES POINTS AS (B) (SEE MEDIA 4).  (D) THE SCHEMATIC DRAWING OF THE MICROFLUIDIC DEVICE SHOWS THE EMBRYO-CONTAINING 

CHANNEL IN GREEN AND THE GRADIENT GENERATION CHANNELS IN ORANGE. 
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2.3 Imaging of moving Drosophila larva 

The open-top nature of our SPIM system also enables the imaging of certain freely behaving animals. We 

demonstrated this capability by recording first instar larvae (36:00 AEL) of Drosophila with CNS neurons expressing 

GFP moving in water atop a coverslip. To ensure that the crawling of the larvae is along the microscope scanning 

direction, we placed two pieces of coverslips side-by-side on top of another piece of coverslip to form a trough 

approximately 300 μm wide and 1.5 cm long. A glass slide was taped to the top for support. We trapped 4 larvae in 

a roughly 1 cm section of the trough. To reduce potential motion blur, we used a scanning speed of 800 μm/sec (120 

Hz camera recording). A time sequence of SPIM images were acquired at approximately 22 sec intervals (Fig. 6) (the 

interval can be as short as 1.3 sec if only one larva is imaged). During recording, the larvae exhibited different speeds 

of movement and even inversion of moving direction. Combined with genetically encoded calcium sensors [13], our 

SPIM system could be potentially used to follow neuronal activity in these freely behaving larvae. 
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FIG. 6. IMAGING CRAWLING DROSOPHILA LARVAE (A) Z-PROJECTIONS OF FOUR MOVING FIRST INSTAR LARVAE AT DIFFERENT TIME POINTS. (B) A Z-

PROJECTION OF THE LARVA HIGHLIGHTED. (C) A Y-PROJECTION OF THE SAME LARVA SHOWN IN (B). (D) SKETCH OF SLIDE AND COVERSLIPS USED TO CREATE 

CHANNEL TO HOLD MOVING LARVAE. 
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2.3 Fast 3D imaging in multi-well plates 

Lastly, we highlight the potential of open-top SPIM to perform whole-organism phenotypic screening by imaging 

zebrafish embryos in a 96-well plate. We placed 48 hours post-fertilized embryos with mRFP or tdTomato tagging 

either the nucleus or plasma membrane, respectively, in a glass-bottomed 96-well plate and allowed them to settle 

to the bottom. Fig. 7 displays the 3D images acquired by our SPIM system. The nuclei or the membrane of individual 

cells can be clearly resolved throughout the fish embryo, which could enable to detailed characterization of 

development defects. At a scanning speed of 20 μm/sec and camera recording rate of 20 Hz, we were able to acquire 

a full 3D scan in 95 sec for one embryo. On the other hand, when fixing the stage position to a single focal plane, we 

were additionally able to use continuous 60 Hz recording to monitor the heartbeat and blood flow in the embryo 

(see Media 5). In both scanning and non-scanning cases, our imaging speed is largely limited by the camera frame 

rate. With our capability of accumulating 3D images while scanning from one well to the next, our system could read 

through multiple wells in one continuous scan without stopping the stage, thus enabling fast, high-through imaging 

that is essential in drug or mutation screening.  
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FIG. 7. IMAGING ZEBRAFISH IN 96-WELL PLATES (A) ONE X-Y SLICE OF A 48 HPF ZEBRAFISH IN A 96-WELL PLATE. ALL CELL NUCLEI ARE LABELED WITH MRFP. 

(B) MULTIPLE SLICES FROM THE SAME EMBRYO SHOWN IN (A). THE SLICE OUTLINED IN RED IS THE RAW CAMERA IMAGE BEFORE ANY TRANSFORMATIONS. 

THE OTHER TWO SLICES SHOW AN X-Y AND X-Z CUT. (C) AN IMAGE OF THE SAME EMBRYO AS RECORDED ON THE CAMERA. (D) SIX X-Y SLICES THROUGH THE 

TAIL OF A ZEBRAFISH WITH TDTOMATO LABELING OF THE CELL MEMBRANES. EACH SLICE IS SPACED 23 ΜM APART IN Z. (E) AN IMAGE AS RECORDED BY THE 

CAMERA OF THE SAME EMBRYO AS SHOWN IN (D) (SEE MEDIA 5). 
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3. Discussion 

Here we have demonstrated the capabilities of our open-top SPIM system to image samples prepared in formats 

common to high-content imaging and regular inverted microscopy methods. This allows SPIM to be paired with 

powerful and versatile microfluidic devices. With this pairing we obtained 3D images of many embryos developing 

in parallel for over a day and were able to quickly screen for the effect of methylmercury concentration on embryo 

development. In addition to being compatible with microfluidic devices, our open-top SPIM accepts traditionally 

used sample holders like multi-well plates. Our imaging of zebrafish embryos in a 96-well plate demonstrates how 

our microscope may be easily inserted into existing high-throughput workflows. Other sample holders may be used 

as well, provided the bottom surface is made of glass coverslip, which allowed us to image whole crawling Drosophila 

larvae.  

In designing an open-top SPIM, we have focused our efforts on making it straightforward to implement and 

usable with an assortment of commonly used sample formats. Therefore, the reported system has not been 

specifically optimized for image quality or spatial resolution. Indeed, many previous methods to reduce sample 

shadowing, enhance illumination homogeneity and improve 3D resolution could be adapted to our platform, 

including the generation of the light sheet by scanning a focused laser beam [16, 17], the use of Bessel beam 

illumination [18], and the dual-view SPIM configuration which alternatively illuminates and detects fluorescence 

from both objectives [12]. What would not be compatible with our configuration is multi-view imaging by rotating 

the sample [1] which would improve the imaging homogeneity for thick samples.  

On the other hand, our configuration does contain additional sources of aberration that are not present in other 

SPIM configurations, primarily due to imaging across the water in our prism and then a tilted coverslip. We have 

shown that placement of a cylindrical lens in the imaging path effectively corrects the lower-order astigmatic 

aberrations. Nevertheless, higher-order aberrations, which would be especially important when using higher-NA 

imaging objectives, would likely require a stationary phase plate or adaptive optics [19, 20]. Alternatively, corrections 

could be made post-acquisition with deconvolution software [21].  
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Finally, the imaging throughput of our SPIM system will benefit from sample holders that can organize the 

specimens in a linear manner. Our Drosophila embryo imaging in microfluidic channels perfectly illustrates this 

application. For 96-well plates where the well width exceeds the size of the microscope view field, specifically 

designed wells that confine embryos to the center of the well can allow them to be imaged in one single scan, thus 

improving the acquisition efficiency. Combining these sample handling methods and our open-top SPIM system, we 

expect to see new kinds of live imaging experiments and high-throughput screenings.  

4. Materials and methods 

4.1 SPIM setup 

Our microscope uses 473 nm and 532 nm diode-pumped solid state lasers (MBL-FN-473-50mW and MGL-FN-532-

500mW, Changchun New Industries Optoelectronics, China) for excitation. The laser light is directed through a 200 

mm cylindrical lens (LJ1653RM-A, Thorlabs) and then a 20× 0.42NA objective with a working distance of 20 mm 

(Mitutoyo). This illumination objective focuses the excitation light to a sheet approximately 7 mm past the window 

of and into the water prism. We use a 10× 0.3NA air objective with a working distance of 15.2 mm (Nikon) for 

detection. The image is then directed to and captured on an sCMOS camera (Flash 4.0, Hamamatsu). A cylindrical 

lens of focal length 10 m (SCX-50.8-5000.0, Melles Griot) is placed after the tube lens of the detection objective for 

aberration correction. The placement of this cylindrical lens was determined by visually inspecting the PSF of 

fluorescent beads as the cylindrical lens was translated between the tube lens and the following relay lens. After the 

cylindrical lens, a 75 mm focal length lens followed by a 150 mm lens (AC254-075-A-ML and AC254-150-A-ML, 

Thorlabs) together relay the image to the camera and provides an additional 2× magnification. Before the camera 

we place an emission filter (ET525/50 or ET595/50, Chroma) to block reflected laser light. A simplified schematic of 

the optical elements without fold mirrors is shown in Fig. 1.  

Both objectives are mounted in translation stages that allow for 1/2” travel along their axes (CT1, Thorlabs). This 

allows us to finely align both objectives so that their focal planes overlap.  

To the stationary mechanical components that hold the illumination objective we fix the water prism so that it is 

positioned between both objectives and directly underneath the sample stage. The water prism is constructed out 
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of 3D printed ABS plastic (Dimension μPrint). Two 9×18 mm2 pieces of coverslip glass are glued to the sides of the 

prism facing the two objectives. The top surface of the prism has dimensions of 18 mm × 13 mm and is left open to 

be filled with water. Once filled, the top surface of water contacts the glass- or plastic-coverslip bottomed sample 

holder, such as a multi-well plate or microfluidic device. The sample holder moves in x and y by a motorized stage 

(MS-2000, ASI).  The stage is raised approximately 38 cm above our optical table with posts to accommodate the 

optical components underneath.  

The power of the excitation light exiting the objective was about 120 to 480 μW when imaging the developing 

Drosophila embryos. Since it took between 5 and 20 seconds to image an entire embryo, the energy delivered to an 

embryo in one scan was approximately 2.4 mJ. Since a typical embryo is approximately 400 μm × 150 μm × 150 μm, 

the energy density was approximately 0.3 nJ/μm3. When imaging the moving Drosophila larvae we used a slightly 

higher laser power but reduced the time to image one specimen to just over 1 second. Therefore, the energy 

delivered to a larva was approximately 1.1 mJ. For zebrafish imaging shown in Fig. 6, approximately 93.6 mJ was 

delivered to the embryo in each imaging pass.  

4.2 Microfluidic device fabrication 

Microfluidic devices were fabricated using standard PDMS-based soft lithography techniques. Two layered master 

molds were made by spin coating negative photoresist (SU-8, Microchem) 30 μm and 200 μm thick, respectively. 

Devices were cast using a 10:1 PDMS pre-polymer to cross-linker mix (Sylgard 184, Dow Corning). The device was 

de-molded and through-holes created using 1.5 mm and 0.75 mm diameter biopsy punches for embryo loading and 

liquid loading channels respectively (Miltex). The devices were then oxygen plasma treated (Harrick Plasma) and 

bonded to a glass coverslip (24×30 mm No. 1.5, VWR). Embryos were loaded by inserting a glass Pasteur pipette 

(VWR) into the device and filling the pipette with embryos suspended in PBS and 0.1% Triton X-100 (Sigma-Aldrich). 

4.3 Drosophila imaging  

Drosophila embryos were loaded by pipette into the microfluidic device depicted in Fig. 3(g). Such a device could 

hold hundreds of embryos but we loaded less than 50 embryos and only imaged those that occupied one of the 

straight 14 mm long sections of the channel. The channel’s width and height were 215 μm and 200 μm so that 
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embryos lined up single-file along the channel. We could not control for the embryos’ dorsoventral orientation 

resulting in poorer quality images of the ventral nerve cord due to tissue scattering in some embryos with 

unfavorable orientations.   

With our motorized stage we moved the sample through the light sheet in the x-direction to image 32 embryos. 

We began imaging the developing embryos by moving the stage at 20 μm/sec and recording images at 20 Hz and 

later increased to 100 μm/sec and 100 Hz to reduce image blur caused by twitching of the embryos. Therefore, it 

took either 11.5 or 2.3 minutes to image the entire row of embryos. Such scans were automatically repeated every 

40 minutes for about 12 hours.  

Because of the long imaging duration, water in the water-prism would evaporate. Therefore, we used a syringe 

pump to replenish the water at a flow rate of between 600 and 1000 μL/hour.  

To observe the development of Drosophila exposed to a chemical gradient we used the microfluidic device 

depicted in Fig. 5e with methylmercury chloride, a known teratogen [22]. This device contains a single, straight 

channel to hold the embryos. A linear concentration gradient runs perpendicular to this channel. This method of 

creating a chemical gradient was adapted from literature [23]. In short, a solution of 100% PBS buffer and a solution 

of 200 μM methylmercury chloride in PBS were flowed into two input valves with syringe pumps and subsequent 

branches in the device mix and distribute the two solutions. The entire channel containing 32 embryos was 

automatically imaged about every 20 minutes for over 36 hours. During imaging, the stage was moved at 80 μm/sec 

and the camera acquired frames at 80 Hz.  

We imaged living Drosophila larvae after placing them in a roughly 300 μm channel between a glass slide and 

coverslip. The edges of two coverslips acted as the walls of the channel and as spacers between the glass slide and 

coverslip. While moving the stage at 800 μm/sec back and forth along the length of the channel we acquired images 

at 120 Hz.   

4.4 Image processing  

In order to display images of our samples in the x-y or x-z planes as the axes in Fig. 1 indicate we need to transform 

the data acquired by our camera. The images acquired by our camera were loaded as stacks into Fiji [24]. We then 
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used an affine transform comprising of a shear, scaling and rotation in order to produce an image stack aligned to 

the xyz axes.  

The required amount of shear and scaling depends on the ratio of the pixel size on the camera and the distance 

the sample was translated by the motorized stage in x between adjacent frames. The size of a pixel in the sample 

plane corresponds to about 285 nm. We typically used 2 × 2 binning so that the new pixel size is 570 nm. If the 

sample was moved at 100 μm/sec and we image at 100 Hz, then the sample moved along the x-direction 1 μm 

between consecutive frames. Therefore, we would need to shear the data by 0.57 μm / √2 / 1 μm ≈ 0.4. The square 

root of 2 enters the expression since images are recorded in a plane tilted 45° from the x-axis. 

4.5 C. elegans sample 

Strains of C. elegans were cultured and maintained using standard protocols. We used the strain wdIs51 

(PF49H12.4GFP) (Fig. 3 and Media 1) which had GFP-labeled PVD sensory neurons, and the ruIs32 (Ppie-

1GFP::H2B) strain which had GFP-labeled nuclei in the intestinal cells (Media 2). 

4.6 Drosophila sample 

We used Drosophila expressing membrane-targeted GFP in all neurons (elav-gal4(iii)/UAS-CD4::tdGFP). Embryos 

were collected using standard protocols and aged for given hours on grape agar plates at 25°C. They were 

dechorionated in a solution of 50% bleach before imaging experiments.  

4.7 Zebrafish sample 

Zebrafish were maintained at UCSF in accordance with National Institutes of Health and UCSF guidelines. Individual 

embryos were dechorionated and placed in the wells of a 96-well plate containing Danieau's solution (NaCl 17.4 

mM, KCl 0.21 mM, MgSO4·7H2O 0.12 mM, Ca(NO3)2 0.18 mM, HEPES 1.5 mM). They were cultured at 28°C. The 

following transgenic lines were established and used in this study:  tg[EF1α-H2BmRFP] (in which the nuclei are 

fluorescently labeled) and tg[EF1α-myrTdTomato] (in which the cell membranes are fluorescently labeled). 

H2BmRFP or myrTdtomato were cloned into the transposon vector PT2KXIG, driven by the ubiquitous promoter 

EF1α, to obtain the DNA plasmids EF1α-H2BmRFP-PT2KXIG and EF1α-myrTdTomato-PT2KXIG. These DNA constructs 
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were micro-injected together with tol2 transposase RNA into 1-cell stage wild type (AB) zebrafish embryos. We used 

a 532 nm laser for the mRFP and tdTomato imaging. 
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Closing Remarks 

The projects I have undertaken over the course of my graduate studies have been diverse, drawing from 

numerous functional areas. I have learned hardware design, hardware programming, animal 

husbandary, computer vision, computer learning, microfluidics, optics, and assay design, amongst other 

topics. However, all these areas have a unifying theme in developing new tools to enable HTS in whole-

organisms. The last decade has seen great advances in our scientific understanding of the natural world 

heralded by collaboration between disparate research fields. HTS, and specifically drug discovery, is no 

different. Collaboration between biologists, chemists, engineers, and computer scientists has improved 

our understanding of various diseases, and created a vast array of tools that can be used to find cures. 

However, there still remain a large number of challenges that need to be addressed. Many diseases, 

especially those related to the nervous system, have no cure; due in large part to the lack of appropriate 

tools for drug discovery. I believe whole-organism screening holds great potential as a biologically-

relevant model system that can be used as a platform for drug discovery. I hope that my work and the 

work of others working on similar projects will create the necessary tools and workflows necessary to 

translate whole-organism based HTS from academic laboratories to industrial endeavors, and, most 

importantly, lead to the discovery of the next generation of life-saving therapeutics. 
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