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Highly surface active nano-scale materials, when released into the natural environment, tend to adsorb geo- and
bio-macromolecules and end up presenting a modified interface to biological species. Capped nanocrystals and
polymer/surfactant modified nanomaterials also are known to undergo ligand exchange when exposed to natu-
ral systems. Thus, nano-bio interactions will primarily be governed by the adsorbed or exchanged natural mac-
romolecules. To-date there has been no established technique determining the kinetics of ligand exchange or
characterizing the bound geo-biomacromolecular corona in an environmental setting. Single-molecule imaging
utilizing near-infra red spectrometry, and single-molecule imaging of fluorophore-tagged polymeric ligands
can enable detailed characterization of biopolymeric corona. This perspective aims to highlight the importance
of ligand exchange, identify roles of surface ligands on nano-bio interaction, and present initial evidence of mac-
romolecular characterization on nanotube surfaces using single-molecule techniques. This commentary also
aims to outline the challenges facing nano-environmental health and safety community on assessing biological

interaction with complex nano-scale heterostructures in a realistic environmental matrix.

Published by Elsevier B.V.

1. Introduction

Physicochemical transformation of nanomaterials (NMs) is inevita-
ble when released into the natural environment (Lowry et al. 2012),
which strongly influences the interaction of these surface-active mate-
rials at the environmental and biological interfaces (Louie et al., 2016a).
Geo- and bio-macromolecules present in natural waters will interact
with NM surfaces and will adsorb either via direct binding onto pristine
or covalently functionalized materials or by replacement of pre-existing
engineered ligands of capped nanocrystals (Amal et al., 1992; Diegoli et
al., 2008; Keller et al., 2010; Zhou and Keller, 2010; Zhang et al., 2009;
Yang et al., 2009; Wang et al., 2010). Thus, biological systems and
their membranes will interact with NMs first at the interface of the
geo- or bio-molecular corona the NM has accrued prior to reaching
the biological structure in question. Detailed characterization of this co-
rona is essential for nano environmental health and safety (EHS) studies
in complex but realistic natural environmental conditions.

* Corresponding author at: Department of Chemical and Biomolecular Engineering,
University of California-Berkeley, Berkeley, CA 94720, United States.
E-mail address: landry@berkeley.edu (M.P. Landry).
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Reduction in free energy by bringing in a monomer to a surface has
been identified to be relatively large compared to its thermal energy,
hence is known to drive macromolecular adsorption onto colloidal
surfaces (De Gennes, 1987). Naturally occurring geo- and bio-macro-
molecules are subjected to solid-liquid distribution in geochemical
systems due to their amphiphilicity. During adsorption process a net
reduction in free energy is achieved by expulsion of water molecules;
this is attained via a reduction in enthalpy (through elimination of van
der Waals forces between water molecules and hydrophobic compo-
nents), which is somewhat compromised by entropic loss (via dis-
lodgement of oriented water molecules) (Lowry et al., 2012).
Presence of high surface area NMs when suspended in natural waters
(Tanford, 1980) enhances this adsorption process. NOM when at the
vicinity of a surface introduces strong van der Waals interaction be-
tween the sorptive surface and the sorbing high molecular weight
macromolecule (Schlautman and Morgan, 1994). Furthermore, hydro-
gen bonding between the NOM functional groups and surface moieties
can drive macromolecules toward interfaces (Lau et al., 2013). Thus,
preferential adsorption of NOM onto uncoated NM surfaces is a likely
outcome, which will govern the interfacial interaction of these mate-
rials in the environment.
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Metal and metal oxide nanocrystals are mostly capped with polymers
and polymeric surfactants. The interaction of these pre-existing ligands
with naturally occurring macromolecules may undergo via partial or
complete ligand exchange (Lowry et al., 2012). Such exchange will be dic-
tated by ligand and macromolecular types and will be modulated by the
surrounding environmental matrix. Energetic gain due to replacement
of relatively smaller ligands with larger NOM (Lau et al., 2013) or reaction
(Murphy et al., 1990; Parfitt et al., 1977) of humic functional moieties
with those at the capping agents will determine the kinetics and extent
of ligand exchange. Furthermore, NM physicochemical properties will
also influence NOM adsorption and ligand exchange processes (Aich et
al,, 2014), where complexity in emergent nano-heterostructures present
an additional degree of complexity (Aich et al.,, 2014; Plazas-Tuttle et al.,
2015; Saleh et al,, 2015; Saleh et al., 2014). These key factors of the ligand
exchange process will eventually result in the evolution of NM surface
chemistry and thus the eventual nano-bio interaction.

Irrespective of whether the NOM will bind to NM surfaces by adsorp-
tion or via ligand exchange, the corona formed on these surfaces necessi-
tate detailed characterization. To-date, indirect approaches have been
utilized in characterizing geo- and bio-macromolecules on NM surfaces;
e.g., Tracking protein, surfactant, and polymer coatings has been accom-
plished via attenuated total reflection-FTIR, absorption, and bulk fluores-
cence techniques, which have evaluated desorption of these ligands from
various nanomaterial surfaces (Mudunkotuwa and Grassian, 2015; Jain et
al., 2015; Louie et al., 2016b; Tsai et al,, 2011; Smith et al., 2015). Addition-
ally, calorimetry has been used in conjunction with electrophoresis to
measure protein adsorption on NM, and small angle neutron scattering
experiments to measure nanomaterial-adsorbed polymers (Cosgrove et
al, 1987; Cardenas et al., 2005). Fourier transformed infrared (FTIR) spec-
troscopy (Karajanagi et al., 2004), interfacial force measurements (Treuel
and Nienhaus, 2012), ellipsometry (Byrne et al., 2008), contact stylus in-
struments (Consiglio et al., 1998), are prominent experimental tech-
niques while theoretical modeling (Phenrat et al., 2008) of bound NOM
layers provide further insight into these complex corona. However, a ro-
bust technique is yet to be developed to directly characterize the confor-
mation of the macromolecules on NM surfaces, kinetics of ligand
exchange, and extent of macromolecular adsorption or exchange. Al-
though many tools exist to characterize both NMs and the interfacial syn-
thetic or biological coronas (Sapsford et al.,, 2011), these methods are
currently unable to give a detailed picture of biomolecular structure at
the nano-bio interface (Nel et al., 2009). As a result, the molecular basis
for local electronic properties, bioavailability, toxicological effects, struc-
ture and conformation of biomolecules on NMs remain unclear
(Shvedova et al,, 2010; Hauck et al., 2008).

Single-molecule imaging, utilizing near-infra red spectrometry and
visible fluorophores, can enable detailed characterization of optically
dense biopolymeric corona (Beyene et al., 2009). Single molecule imag-
ing is a powerful technique to study individual molecules and singular in-
termolecular interactions (Zhang et al., 2013; Bisker et al., 2016). In
particular, single-molecule fluorescence microscopy can be used to
study individual polymers and macromolecules and their interactions
both in vitro (Kruss et al., 2014; Wong et al., 2016) and in biologically
complex environments (Giraldo et al., 2015; Giraldo et al., 2014; Landry
et al., 2014). Single-molecule total internal reflection fluorescence mi-
croscopy (smTIRF) can achieve sub-diffraction limited imaging resolution
by imaging molecules within a ~100 nm-deep field of view that is excited
by an evanescent field, thereby eliminating signal from out-of-focus
fluorophores. smTIRF allows nanometer spatial resolution and millisec-
ond temporal resolution of single fluorescently-labeled polymers. As we
show here, we can extend this technique to also spatially and temporally
resolve interactions of polymers, and ligands, both among themselves
and with synthetic nano-scale materials (Jain et al., 2011).

The focus of this perspective is to introduce single molecule imaging
as an effective technique for bio-corona characterization. Differences in
NOM chemical composition based on variation in natural water com-
partments is characterized, and the role of corona composition on

environmental and nano-bio interaction is also analyzed. This article
also highlights the challenges associated with characterization of com-
plex nano heterostructures. A brief description of single molecule imag-
ing with smTIRF and preliminary corona characterization data are
presented. Strategies are discussed for adoption and utilization of this
technique to study the detailed kinetics, extent and conformation of
natural macromolecule adsorption, and corona formation on NM
surfaces.

1.1. Environmental macromolecules and ligand exchange

The chemistry of naturally occurring bio- and geo-macromolecules
widely vary depending on the phase of origin, i.e., terrestrial vs. fresh-
water or marine aquatic environment, and other environmental param-
eters (Niederer et al., 2007). These natural macromolecules can be
broadly classified as non-humified (that originate from minor alteration
via decay of tissue from living organisms) and humified (that are de-
composition products of non-humified constituents) substances
(Mulder et al., 1994). Carbohydrates, amino acids, proteins, lignin, hor-
mones and low molecular organic acids are the first degradation prod-
ucts or non-humified substances that decomposes further to humified
humic acids, fulvic acids, and humins (the combination is known as
NOM). Among these natural macromolecules, NOM and polysaccha-
rides are the most ubiquitous, which also are composed of a wide vari-
ety of functional groups and can demonstrate anionic/cationic as well as
hydrophilic/hydrophobic behavior, depending on their chemical struc-
ture (Vannote et al., 1980; Mao et al., 2000). Thus, appreciation of the
complex and variable chemistry of the geo- and bio-macromolecules
when studying NM interaction is critical.

In a natural water body, the organic components can either be dis-
solved or suspended as particulates. The non-humic substances origi-
nate from viable cells and are relatively amenable to degradation,
which generate altered molecular structure of new aquatic organic sub-
stances (Jose, 2009). Among these non-humified substances, carbohy-
drates are the most ubiquitous. These can be present as simple
monosaccharide structures (composed of 3 to 6 carbon atoms) (Aich
et al., 2014) or more complex branched polysaccharides (generally
composed of 40 to 3000 carbon atoms) (Aich et al., 2014). Among
these carbohydrates, monosaccharides and disaccharides are the
water soluble and biodegradable fractions (Pigman, 2012); whereas,
starch and glycogen, the primary energy sources of plants and animals,
respectively, are the most biodegradable fractions in polysaccharides
(Pigman, 2012). The availability of primary and secondary hydroxyl
groups in starch and glycogen makes these polysaccharides hydrophilic
in nature (Lu et al,, 2009). Other polysaccharides such as cellulose and
chitins, on the other hand, are not readily biodegradable and neither
are water soluble. These carbohydrates are comprised of uniform glu-
cose structures which allow these to resist enzymatic breakdown
(O'Sullivan, 1997).

Proteins with amino acids as the primary building block (with
amines and carboxyl functional moieties) are another important macro-
molecule in the aquatic environment, that can be structurally complex
and can exhibit variation in surface charge (cationic, anionic, or non-
ionic) (Goldenberg and Steinberg, 2010). Amino acids, such as cysteine
and other proteins containing cys-residuals also possess thiol functional
groups (Trivedi et al., 2009), which enhance the affinity of these bio
macro-molecules for some metal and metals oxides surface that are re-
active to such disulfide and thiol groups (Aryal et al., 2006). Based on
the environmental conditions, these thiol-containing proteins can
form disulfide bonds, which might entirely change the interaction
with NMs. Another prominent source of these non-humic substances
is EPS, which can be excreted by both unicellular and multicellular or-
ganisms. The chemical composition of EPS varies depending on the or-
ganism from which these are produced (Wotton, 2004; Decho, 1990;
Flemming and Wingender, 2010). EPS is typically responsible for condi-
tioning environmental surfaces to allow formation of biofilms on
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granular media and sediments. Proteins and polysaccharides are the key
components of EPS. Polysaccharides found in EPS can be either linear or
branched and are primarily comprised of organic moieties such as O-
acetyl, N-acetyl, succinyl, piruvyl as well as inorganic components
such as sulfates and phosphates (Wingender et al., 1999). Other func-
tional moieties such as amino, CH,, and CHs groups are also be present
in EPS (Wingender et al.,, 1999; Chen et al., 2013). The complexity in
structure and variation in functional moieties of non-humified carbohy-
drates and proteins calls for attention when assessing nano-EHS.

Humic substances on the other hand, are heavily decomposed and
cannot be biodegraded by most aquatic organisms. While humic and
fulvic acids are mostly water soluble, humins are insoluble in water at
environmental pHs (Thurman and Malcolm, 1981; Schnitzer, 1982).
Humic substances can also demonstrate different elemental composi-
tion and physicochemical behavior depending on the aquatic environ-
mental compartment of residence; i.e., ground water vs. surface water.
Due to the presence of mineral collector surfaces in the subsurface, com-
position of NOM shows functional differences between the collector
surfaces and porewater. Hydrophobic components of the NOM tend to
adsorb onto mineral surfaces, leaving behind more hydrophilic compo-
nents in the pore water as dissolved organic matter (Parfitt et al., 1977).
In comparison, surface water tends to possess a higher quantity of un-
bound and mobile humic fraction with a larger presence of hydrophobic
chemical moieties compared to groundwater. The origin of these mac-
romolecules is also largely different between these compartments due
to the differences in the presence of biota and microorganisms. For in-
stance, the fulvic acids in groundwater have relatively lower oxygen
content that those in surface water. The fulvic acids in the subsurface
are also less aromatic in nature than those above surface because of a
group of benzoate-metabolizing bacteria that resides in underground
(Pettersson et al., 1994). Such physicochemical and structural difference
in organics and macromolecules will thus play a significant role in mod-
ifying NM interaction with environmental interfaces (Murphy and
Zachara, 1995).

1.2. NM interaction with macromolecules: knowledge gap and challenges

NMs can be released into the environment during their manufactur-
ing process (Bello et al., 2008; Yeganeh et al., 2008), usage, and/or at the
end-of-life disposal (Farkas et al., 2011; Geranio et al., 2009; Kaegi et al.,
2010; Kaegi et al., 2008; Benn and Westerhoff, 2008; Benn et al., 2010;
Hsu and Chein, 2007; Kohler et al., 2008), as well as can pass through
wastewater facilities (Kiser et al., 2009; Kaegi et al., 2011). The EHS of
these NMs thus is strongly affected by the environment these are re-
leased into or eventually might end up in. While studying the NM-mac-
romolecule interaction, the general focus is on overall environmental
conditions, i.e., typical composition of water in surface water or ground-
water. These conditions can be considered relatively mild compared to
extreme environments such as landfills, estuaries, and marshes. Non-
humic and humic composition can vary widely in these environments,
modulated by different organisms that reside in the respective areas.
For example, landfills are repositories of abandoned products over a
long period of time thus house a high concentration of organics com-
pared to natural water and most soils (Kulikowska and Klimiuk,
2008). Marshes have stagnant water also with high concentration of or-
ganic matter (Tanner et al., 1998). Estuaries and coastal regions are
highly saline and are perfectly conditioned for destabilizing colloidal
particles and engineered NMs. It is extremely challenging to mimic
such extreme conditions in the lab scale while studying the NM-macro-
molecule interaction. Hence, researchers have tried addressing such in-
teraction with rather simple experimental designs. Several studies have
highlighted the importance of NOM and complexity in NOM chemistry
on aggregation, transport, and toxicological behavior of NMs (Afrooz et
al,, 2013a; Afrooz et al., 2013b; Aich et al., 2016; Khan et al., 2013; Khan
et al,, 2015a; Saleh et al., 2008; Afrooz et al., 2016; Lin et al., 2010; Kang
et al., 2009; Baalousha et al., 2008; Hotze et al,, 2010). However, most of

these studies use standardized humic and fulvic acids (e.g., Suwanee
River humic acid and NOM) as representative NOMs nano-EHS studies
(Afrooz et al., 2013a; Afrooz et al., 2013b; Aich et al., 2016; Khan et al.,
2013; Khan et al., 2015a; Saleh et al., 2008; Afrooz et al., 2016) and an-
alyze the role NOM adsorption on nano-EHS. Though the complexity in
NOM chemistry is appreciated in literature, little attention has been
given to deconvolute the real-life complexity of NOMs.

Complexity of NM interaction in natural environment further in-
creases from the presence of pre-existing surface coatings on
engineered NMs, which are intentionally introduced to particle surfaces
for achieving higher colloidal stability (Buffle et al., 1998). Small
charged molecules (e.g., citrate) and larger synthetic macromolecules,
polymeric surfactants, polyelectrolytes (e.g., poly acrylic acid), or non-
ionic polymers (e.g., polyvinylpyrrolidone) are the most commonly
used capping agents for engineered NMs(Rao et al., 2006). Surfactants
and polymers can be anionic, cationic, zwitterionic, and nonionic
(Somasundaran and Krishnakumar, 1997), and can either be chemically
bound via covalent bonding (Zeng et al., 2006; Chao et al., 2006),
physisorbed by electrostatic or short ranged hydrophobic interactions
(Khan et al., 2015b; Aich et al., 2013), or grafted (Kumar et al., 2013)
onto or from the NM surfaces. Different biomolecules are also intro-
duced on NM surfaces as stabilizers, primarily in biomedical and thera-
peutic applications (Wang et al., 2009); such biomolecules include:
nucleic acids (i.e., DNA/RNA/PNA/LNA as genes, oligomers, aptamers,
ribozymes/DNAzymes), antibody, fatty acids, lipids, mono and polysac-
charides, different types of proteins, and peptides (Sapsford et al., 2013).

The data gap in this literature further exacerbates via the expansion
in the material space and development of complex nano-
heterostructures (Rigdon and Huang, 2014; Das et al., 2016). These
heterostructures can be classified as carbon-carbon, carbon-metal,
core-shell meta-metal, among others (Aich et al., 2014). Conjugation
of multiple NMs result in the emergence of unique and synergistic elec-
trical, optical, mechanical, catalytic, sensing ability and magnetic prop-
erties, and are being used for a wide range of applications in
biomedical and nanotherapeutics, electro- and photo-catalysis (Eder
and Windle, 2008), electronics (Alley et al., 2012), gas sensing (Llobet
et al., 2008), biosensing (Liu et al., 2008), laser technology (Zhu et al.,
2006) and other emerging areas. Upon hybridization, these novel
heterostructures have demonstrated emergent properties, which are
different more than the sum of parts; e.g., hybridization of TiO, with car-
bon nanotubes lowers band gap of the heterostructures and thus ex-
hibits enhanced photocatalytic activity (visible photo-activation) and
ROS generation compared to component TiO, and CNTs (Jung et al.,
2002). The intrinsic van der Waals interaction energy of NMs are also
found to be altered via hybridization (Hua et al., 2016) and will likely re-
sult in unknown interaction of the NHs with environmental interfaces
(ie., aggregation, deposition, and toxicity).

In order to address such wide data gap and reduce uncertainties in
EHS studies, the field has utilized a wide range of state-of-the-art ana-
lytical techniques to characterize NM surfaces. In this quest, shift in
NM surface Plasmon resonance due to the NOM, protein, and biopoly-
mer binding has been monitored (Diegoli et al., 2008; Lundqvist et al.,
2004). Ellipsometry (Brewer et al., 2005), total reflection infrared spec-
troscopy (Yang et al., 2005; Vargas et al., 2011), atomic force microscopy
(Kim et al., 2003) combined with flow field fractionation (Baalousha
and Lead, 2007a; Baalousha and Lead, 2007b), contact stylus instrument
(Consiglio et al., 1998), nuclear magnetic resonance with size-exclusion
chromatography (Hellstrand et al., 2009), and other optical techniques
such as dynamic light scattering (Inomoto et al., 2009), circular dichro-
ism (You et al., 2005) have been applied to analyze adsorbed macromo-
lecular layer thickness, ligand conformation, etc. Many of these
techniques have effectively captured the protein/polymer layer thick-
ness on the NM surfaces, however, have yet to successfully characterize
ligand exchange and corona structure on NM surfaces. Ligand exchange
is a dynamic process and depends on the thermodynamics of the sys-
tem; thus, rate and extent of exchange need to be quantified. Moreover,
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NM-macromolecular corona conformation is also dynamic and is de-
pendent on the chemistry of the macromolecule being exchanged as
well as the surface chemistry of the NMs. A robust analytical technique
is thus necessitated that can characterize time-dependent macromolec-
ular exchange as well as conformation of the corona to complete our un-
derstanding at the nano-bio interface.

1.3. Probing the bio-accessibility of nanoparticle-ligand conjugates

1.3.1. Single-molecule visualization of polymeric ligands on nanomaterial
surfaces

We introduce a smTIRF-based microscopy platform (Roy et al.,
2008) to probe transient interactions of bio-macromolecules on a NM
surface at the single-molecule level. In this platform, fluorophore-la-
beled polymeric ligands serve to quantify and track in real-time the
binding strength, binding kinetics, and propensity for ligand exchange
of NM-adsorbing polymers on the surface of a single-walled carbon
nanotube (SWNT) with unprecedented precision. We show that indi-
vidual nanotube-bound polymeric ligands can be tracked in their inter-
actions with a competing unlabeled ligand, resulting in partial
desorption of the original ligand from the nanotube. Fluorescence mi-
croscopy is used to track the degree to which a competing ligand in-
duces desorption of the original ligand, thus enabling a quantitative
assessment of ligand binding to—and displacement of—a polymer-en-
capsulated nanoparticle. In our example, we use the known hybridiza-
tion affinities of one DNA sequence with its complementary sequence
to test the ability of smTIRF and visualize the hybridization process. In
this manner, nanotube-bound polymeric ligands are imaged via with
smTIRF to observe the position and distribution of polymer ligands on
the NM surface. In this platform, fluorescent polymeric ligands are
adsorbed onto a SWNT surface, and the resulting polymer-SWNT moie-
ty is surface-immobilized on a functionalized microscopy flow chamber.
The polymer-SWNTs can then be studied in real-time upon exposure to
different environmental conditions, controlled by fluid exchange in the
~200 pL microscopic imaging channel (Harvey et al,, 2017).

Here, we present the visualization of three distinct polymer ligands
adsorbed to the surface of SWNT: (i) Fifteen single-stranded DNA poly-
nucleotide repeats of GT followed by a thirty-base random sequence
((GT)15-Rndsy), (ii) fifteen consecutive GT repeats followed by a six-
teen-base random sequence labeled with Cyanine 5 ((GT);5-Rnd¢-
Cy5), and (iii) Rhodamine B isothiocyanate (RITC) labeled polyethylene
glycol (RITC-PEG-RITC). (GT);5 was chosen as a base sequence because
each of the 30 aromatic bases of the (GT);5 polymer provides a series of
pi-stacking anchors for adsorption to the SWNTs, as we've shown previ-
ously (Landry et al., 2015). Conversely, the RITC-PEG-RITC block copol-
ymer only has two aromatic ends which can pi-stack to the SWNT,
flanking a hydrophillic 5000 Da polyethylene glycol chain that does
not interact with SWNT surface. Thus, the effects of a strongly-NM
adsorbing (GT);5 and a weakly-NM adsorbing RITC-PEG-RITC polymer
can be independently studied. The Cy3 fluorophore, and RITC
fluorophores, will quench when adsorbed to the SWNT due to fluores-
cence resonance energy transfer, and are expected to de-quench if
desorbed from the SWNT.

Polymer-adsorbed nanotubes were prepared via non-covalent ad-
sorption of the polymeric ligand onto the nanotubes as described in
Materials and methods. Briefly, 0.2 mg (GT);5-Rndsp or (GT);5-Cy3
DNA polymers were mixed in a w/w 2:1 ratio with HiPCO SWNT in
1 mL 100 mM NaCl. The mixture was ultra-sonicated via tip sonication
and subsequently purified via centrifugation to recover individually-
dispersed (GT);5-Cy3 DNA-SWNT complexes (see Supplemental Fig.
S2). The RITC-PEG-RITC polymer was adsorbed onto SWNTs, first by
sonicating 0.2 mg of HIPCO SWNT with a w/w excess of sodium dodecyl
sulfate (SDS) and subsequently exchanging the SDS corona for RITC-
PEG-RITC at a concentration of 60 mg/mL with a 10 kDa dialysis mem-
brane in PBS buffer. Subsequent purification yielded individually-dis-
persed RITC-PEG-RITC-SWNT. Microfluidic imaging chambers for

smTIRF microscopy were prepared using a BSA-biotin and NeutrAvidin
surface immobilization protocol, as described previously (Chio et al.,
2017; Landry et al., 2017).

1.3.2. Imaging and quantifying DNA duplex formation on single SWNT

Non-fluorescent surface-immobilized (GT);5-Rndso-SWNT were
imaged via the addition of a short fluorescently-labeled single-stranded
DNA oligonucleotide complementary to the 30-base random sequence
carrying a 3’-terminally labeled Cy5 fluorophore tag Cy5-cRndsq. The
appearance of fluorescence on the imaging surface thus corresponds
to instances of DNA hybridization in which partial desorption of the
Rnds, polymer from the SWNT results from DNA hybridization by a
complement strand. The test system of DNA strands, one originally
bound to a SWNT, interacting via hybridization serves as a proxy for
using smTIRF to study ligand-nanoparticle interactions. Fig. 2 shows
the imaging surface upon addition of Cy5-cRndsq to surface-
immobilized (GT);5-Rnd3o-SWNT. Our imaging platform resolves Cy5-
duplex labeled nanotubes, whereby the fluorescent signal originates
from the in-situ hybridization of Cy5-cDNA to the random 30 base
ssDNA sequence on the SWNT ((GT);5-Rnd3o-SWNT). We highlight
that Cy5 cDNA hybridization results in a partial desorption of the
ssDNA strand wrapping the SWNT with a hybridized duplex attached,
and does not constitute a full desorption of the DNA from the SWNT.
In Fig. 2, the duplexes formed resulted in 103 fluorescent nanotubes
within the sample field, in contrast to no fluorescence emission from
the (GT)15-Rnd3o-SWNT only or Cy5-cRndsg only samples. We thus con-
clude that the association between the Cy5-labeled Cy5-cDNA oligonu-
cleotide and the nanotube is due to DNA hybridization only, without
non-specific adsorption of the oligonucleotide. The photobleaching of
Cy5 fluorophores can be used to determine the number of unique du-
plexes per diffraction-limited DNA-SWNT spot. The intensity-time
trace of a particular single nanotube shows discrete steps of comparable
intensity corresponding to the photobleaching of 4 Cy5 molecules on
the nanotube surface (Fig. 2d). Because each duplex contains a single
fluorophore, the number of photobleaching steps observed per mole-
cule represents the number of duplexes formed per functionalized
nanotube. The number of duplexes per DNA-SWNT follows a non-nor-
mal skewed distribution with most SWNT spots showing 2 hybridized
duplexes per SWNT, and anywhere between 1 and 4 duplexes observed
per SWNT (Fig. 2e, f). Adsorbing a low density of SWNT on the imaging
surface ensures that most SWNT emitters within a ~300 nm diffraction-
limited spot will exist as singular SWNT per spot. However, we highlight
that a small proportion of fluorescent spots could result from multiple
SWNT within a diffraction-limited spot. As such, our platform enables
direct optical tracking of ligands on nanomaterials. This imaging
technique can thus be leveraged to study the adsorption of one ligand
to another, demonstrated here by the hybridization of one DNA oligonu-
cleotide to its SWNT surface-adsorbed complement (Fig. 1).

1.4. Quenching & de-quenching of pi-stacked dyes as proxy for polymer
conformation on SWNT surface

1.4.1. Imaging polymer desorption from a single SWNT via DNA
hybridization

Quenching of organic fluorophores such as Cyanine 5 (Cy5), or RITC
occurs as a function of proximity to the surface of SWNTs (Yang et al.,
2008), thereby creating a fluorescent ruler to quantify the degree of
polymer desorption at a single-molecule scale. Quenching of
fluorophores is expected for fluorophores adsorbed to the SWNT surface
via pi-stacking, whereas brightening of fluorophores is expected from
fluorophore de-quenching if the associated polymeric ligand partially
desorbs from the surface. Surface-immobilized (GT);5-Rnd;e-Cy5-
SWNT were imaged prior to (Fig. 3a) and after (Fig. 3b) the addition
of unlabeled cRnd;¢ oligonucleotide. (GT);5-Rnd;5-Cy5-SWNT initially
exhibit a large degree of Cy5 fluorophore quenching due to Cy5 pi-
stacking to the SWNT surface. Addition of cRnd;e-oligonucleotide
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Fig. 1. Schematic representing macromolecular adsorption and ligand exchange on NM
surfaces, which can be systematically characterized with single molecule imaging.

promotes de-stacking of the Cy5 fluorophore via hybridization of the
fluorophore-labeled (GT);5-Rnd;¢-Cy5-SWNT, and results in de-
quenching of the terminal Cy5. An average of N = 50 image captures
shows the addition of cRnd;g increases the number of de-quenched
Cy5 by 69.3%, from 242 + 67 Cy5 spots, to 410 + 68 Cy5 spots (Fig.
3¢, error is standard error). As such, our platform allows quantification
of the displacement of a polymeric ligand, (GT)5-Rnd;, by a competing
sequence-specific ligand, cRnd;e, on the surface of a single-walled car-
bon nanotube.

1.4.2. Imaging polymer desorption from a single SWNT via ligand disruption

Here, we imaged surface-immobilized RITC-PEG-RITC SWNT and
tested the change in the RITC-PEG-RITC ligand adsorption upon expo-
sure to a competing ligand, estradiol. A 5 mg/L solution of RITC-PEG-
RITC SWNT were surface-immobilized in a microfluidic chamber with
the same surface-adsorption scheme used for DNA-SWNTs (see

c
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Materials and methods) within a ~200 pL volume, and initial RITC
diffraction-limited fluorescent spots were counted. To quantify the con-
formation of the RITC-PEG-RITC polymer with respect to its SWNT sur-
face-adsorption, we counted the number of diffraction-limited SWNT
molecules and RITC molecules in the absence or presence of 500 1M es-
tradiol. Upon addition of 500 uM estradiol, we observe a 12% increase in
the number of fluorescent RITC molecules per imaging field of view,
from 271.7 £+ 4.5 to 304.5 + 4.4; mean =+ SE (Fig. 4). We hypothesize
that RITC fluorescence increase upon estradiol exposure is a result of
the intercalation of estradiol between the aromatic carbons of the
SWNT surface, and the RITC fluorophores of the RITC-PEG-RITC poly-
mer. The physical intercalation of the estradiol analyte may yield sepa-
ration between the SWNT surface and the RITC-PEG-RITC polymer
without causing polymer desorption, thereby causing RITC de-
quenching. A similar perturbation without full DNA polymer desorption
was observed for DNA hybridization on SWNT in Figs. 2 and 3. This di-
rect relationship between a nanoparticle's polymeric corona fluores-
cence and interaction with a competing (unlabeled) ligand may
enable quantification of NOM adsorption to a polymer-functionalized
nanoparticle. While this platform is presented as a modular interaction
and partial displacement of a singular polymeric structure on a SWNT
surface by a ligand, it can readily be extended to quantify multiple li-
gand-NOM interactions. Furthermore, smTIRF enables direct visualiza-
tion and quantification of partially-desorbed phases, which is a
missing dimension in the bulk corona ligand exchange described
below. As such, we can use smTIRF microscopy to quantify the degree
of polymer ligand disruption from its nanomaterial-adsorbed phase,
when exposed to a competing ligand. Together, smTIRF with existing
bulk-phase techniques can provide a full picture of partially and fully
desorbed nanoparticle corona phases, and the extent to which these
phases are perturbed by NOM ligands.

1.4.3. Bulk characterization of nanoparticle corona ligand exchange: UV-
Vis-IR spectroscopy

Orthogonal to smTIRF visualization of polymeric ligand corona ex-
change, UV-Visible-Near Infrared absorption spectrometry, and near-
infrared fluorescence emission spectrometry, can be utilized to validate
the occurrence and degree to which a nanoparticle corona is exchanged
for another ligand in bulk. Here, we compare the adsorption of either a
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Fig. 2. (a) Cy5-cRnds only and (b) (GT)15-Rnd3o-SWNT only, on the imaging surface, show no fluorescence (c) Fluorescence is due to Cy5 specifically, not due to non-specific adsorption of

contaminants or stray Cy5-cRndso (n > 20 for all controls) (d) counts per SWNT spot

of Cy5 intensity quenching enable quantification of DNA duplexes formed per SWNT spot.

Corresponding (e) Intensity time trace (100 ms time resolution) of a Cy5-cDNA hybridized to an immobilized (GT);5-Rnd3o-SWNT complex shows 4 photobleaching steps and
corresponding (f) fluorescence intensity counts, each representing to a unique Cy5-cDNA ligand.
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Fig. 3. smTIRF fluorescence microscopy of DNA-carbon nanotubes. (a) Nanotubes encapsulated with (GT);s-Rnd;s-Cy5 polymer ligand show quenched Cy5 fluorescence (b) addition of
cRND;¢ hybridizes to the (GT);5-Rnd;6-Cy5 and results in Cy5 de-stacking from the SWNT, and de-quenching in the fluorescence microscope (scale bar 5 um). (c) Quantification of all
fluorescent ligands on all nanotubes in the sample shows an increase in de-quenched fluorescent SWNT spots after addition of unlabeled cRnd;.

RITC-PEG-RITC polymeric ligand, or sodium cholate (SC) surfactant, to
SWNT. Using our RITC-PEG-RITC ligand adsorption to SWNT as a
proxy, we demonstrate quantifiable tracking of RITC-PEG-RITC ligand
exchange with a sodium cholate SWNT corona. Briefly, we first create
a suspension of SC-adsorbed SWNT in water, using a 0.2 mg mass of
HiPCO SWNT and a w/w excess, 2% solution of SC probe-tip sonicated
for 1 h at 10 W power. Excess RITC-PEG-RITC is removed from solution
through centrifugal filtration with a 100 kDa molecular weight cutoff
prior to experimentation. The absorption (Fig. 5a) and fluorescence
emission (Fig. 5b) spectra of 80 mg/L RITC-PEG-RITC-SWNT show dis-
tinct peaks, each corresponding to a unique electronic transition within
the SWNT, whose magnitude and frequency can be modulated by the
dielectric SWNT environment. We show that the difference between a
SC SWNT-adsorbed phase, and a RITC-PEG-RITC SWNT-adsorbed
phase, can be quantified by a solvatochromic shift in peak values. Nor-
malized absorbance spectra of SWNTs in the near-infrared region before
and after corona phase exchange show that SWNT peaks corresponding
to Eq; transitions (multiple chiralities between 900 nm and 1300 nm)
shift after replacement of SC by RITC-PEG-RITC on the SWNT surface,
while E;; transitions (multiple chiralities between 600 and 900 nm) re-
main comparable. Correspondingly, the near-infrared fluorescence of

SWNT

RITC-PEG-RITC

the two samples also reflect a change in relative peak intensities, as
well as a red-shift in RITC-PEG-RITC-SWNT peak wavelength, corre-
sponding to a more polarizable environment provided by the PEG as
compared to SDS.

2. Materials and methods
2.1. Materials

Raw HipCO (High-pressure Carbon Monoxide synthesis process)
SWNTs were purchased from Nanolntegris (batch #HR27-104). All cya-
nine dye (Cy3 and Cy5) tagged ssDNA sequences were obtained from
Integrated DNA Technologies (sequences below). Reagents were pur-
chased from Sigma Aldrich unless otherwise specified. The following
are polynucleotide sequences were used to encapsulate SWNTSs, or to
hybridize to DNA-encapsulated SWNTSs, as noted below:

1) DNA = (GT);5-Rnds, used to encapsulate SWNT:

5" GTGTGTGTGTGTGTGTGTGTGTGTGTGTGT CTA AGG ATG CGT GTA
TTG GTA GGA TCA GTT 3/

SWNT + ED

RITC-PEG-RITC + ED

Fig. 4. Effect of estradiol on RITC-PEG-RITC: infrared SWNT fluorescence and visible RITC fluorescence. Upon addition of 500 uM estradiol to individually surface-immobilized RITC-PEG-
RITC-SWNT (a) Near-infrared fluorescence of SWNT quenches with after exposure to estradiol. (b) Visible fluorescence of the RITC fluorophore de-quenches after exposure to estradiol.

Scale 1 pm.
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Fig. 5. UV-Vis-IR Absorption, and near-IR fluorescence spectroscopy characterization of RITC-PEG-RITC polymer ligands. (a) Absorption spectra of SWNT are red-shifted when RITC-PEG-
RITC is adsorbed on the SWNT (orange), in comparison to sodium cholate adsorbed to SWNT (black, dashed). (b) Corresponding fluorescence emission spectra with 721 nm excitation of
RITC-PEG-RITC adsorbed SWNT (orange) red-shifted in comparison to sodium cholate adsorbed to SWNT (black). Time between spectra is 1 h.

2) cDNA = Rnds(-Cy5, hybridizes to DNA1 on SWNT:

5 AAC TGA TCC TAC CAA TAC ACG CAT CCT TAG/Cy5/3'
3) DNA = (GT);5-Rnd;6-Cy5-SWNT, used to encapsulate SWNT:

5 GTG TGT GTG TGT GTG TGT GTG TGT GTG TGT CTA AGG ATG CGT
GTAT/Cy5/3'

4) ¢DNA = cRnd,g, hybridizes to DNA1 on SWNT:

5" ATA CACGCATCCTTAG 3’
2.2. DNA SWNT suspension

Solid SWNTs were added to a 100 mM Nacl solution in a 2:1 mass
ratio with DNA. An Eppendorf tube containing 1 mL total volume of
this mixture was placed in a cooling block and sonicated using an ultra-
sonic processor (Cole Parmer) with a 3 mm probe tip for 10 min at a
power output of 6 W. The resulting suspension was incubated at room
temperature for 30 min then centrifuged at 16,000 x g. 90% of the super-
natant was collected so as to keep the pellet of SWNT aggregates intact.
UV-Vis absorbance (GE Nanovalue Plus, Fairfield, CT) was used to deter-
mine the concentration in mg/L of SWNT suspensions.

2.3. smTIRF microscopy of immobilized SWNT suspensions

DNA SWNT suspensions were immobilized on the surface of a glass
coverslip for fluorescence imaging. The surfaces of a glass microscope
slide and #1.5 glass coverslip were washed using isopropanol and
water and then were dried. Strips of double-sided tape were laid across
the microscope slide in parallel rows, 0.5 cm apart. The coverslip was
then placed on top creating distinct microfluidic channels with volumes
of approximately 20 piL (see Fig. S1). Each channel was first washed with
100 pL of 100 mM NaCl solution by pipetting from one of the two open-
ings and holding a Kimwipe on the other end to induce flow. Next, 50 L
of biotinylated bovine serum Albumin in 100 mM NaCl (Thermo Scien-
tific, 1 mg/mL) was flowed through the channel. The BSA-biotin solution
filled channel was incubated at room temperature for 5 min and then
washed with 50 pL NaCl solution. The incubation and wash steps were
repeated with NeutrAvidin (0.2 mg/mL, Thermo Scientific). Following
rinsing of unbound NeutrAvidin, a 5 mg/L concentration of DNA-
wrapped SWNTs were introduced into the imaging chamber, resulting
in NeutrAvidin linked binding between DNA-SWNTs and the surface
adsorbed BSA-biotin-NeutrAvidin, as described previously (Chio et al.,
2017; Landry et al., 2017). Immediately before imaging, all channels
were flushed with 50 pL of an oxygen scavenging buffer consisting of:

20 mM Tris (pH 8), 200 mM NaCl, 2 mM trolox, 0.16 mg/mL glucose ox-
idase, and 0.02 mg/mL catalase.

Microfluidic slides were imaged on a Zeiss Elyra microscope with a
100 x TIRF objective. Cy3 and Cy5 were excited with laser of 561 nm
and 642 nm wavelengths, respectively. A series of 1000 images were
collected with 100 ms exposure. For samples which required imaging
before and after hybridization, the complementary DNA was added in
excess following the initial data collection. The channels were left to
rest for 5 min and then washed with imaging buffer a second time.
The channels were then immediately imaged again using the same
laser and detector settings.

3. Conclusion

Current experimental tools fall short to probe the structure of poly-
meric ligands on the surface of NMs during the dynamic changes in
aqueous environments. Our work outlines the development of a fluo-
rescence microscopy-based platform, which allows spatial and tempo-
ral resolution of polymeric structure and activity at this interface.
Carbon nanotube-encapsulated nucleic acids and synthetic PEG-based
block co-polymers, designed to explore polymer-dependent affinity to
the nano-surface, are observed via total internal reflection (TIR) micros-
copy at the single-molecule level. Taking advantage of the single
fluorophore resolution that allows us to observe individual ligand inter-
actions with a SWNT, our measurements reveal novel dynamic proper-
ties and inter-molecular interactions of nano-scale systems that are not
measurable from ensemble experiments. The application of single mol-
ecule fluorescence microscopy to NM provides evidence that ligand sus-
ceptibility to (i) targeted interaction with another ligand, (ii)
intercalation or perturbation by another ligand, or (iii) full exchange
by a competing ligand, is a process that can be imaged and quantified
in real-time with smTIRF and infrared spectrometry. This platform, val-
idated by several example applications, is generally applicable for nano-
bio systems to answer questions of ligand structure, adsorption affinity,
exchange propensity, and could enable future studies in environmental
remediation and toxicity. This is another powerful toolset that will aid in
resolving geo- and bio-macromolecular complexity at NM-water inter-
faces. Appreciating the complexity of chemical functionality and hetero-
geneity of natural organic matter, we note here that successful
utilization of this technique for NOM binding will largely depend on
deciphering specific spectral signature upon binding. Furthermore, sin-
gle-molecule techniques are optimally suited to study single or few in-
teractions. As such, single-molecule imaging will be most useful in its
application to study the interaction of NOM and NOM surrogates with
nanoparticles. We propose that analysis of NOM with the novel single-
molecule imaging technique ought to begin by utilizing NOM surrogate
molecules (i.e., pyromellitic acid, salicylic acid, phthalic acid, thiol, and
monosaccharide). Once relative nanomaterial-NOM surrogate binding
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or displacement strengths have been characterized, the platform can be
extended to analyze complex geo- and bio-macromolecular corona
characterization.
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