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ABSTRACT OF THE DISSERTATION 
 
 
 

Fourier Transform Infrared Difference Spectroscopy Studies of Residue Roles at the Mn4Ca 
Cluster and the Hydrogen Bonding Network in Photosystem II 

 
by 

 
Rachel Jae Service 

 
Doctor of Philosophy, Graduate Program in Biochemistry and Molecular Biology 

University of California, Riverside, June 2011 
Dr. Richard J. Debus, Chairperson 

 
 
 

Photosystem II (PSII) from both plants and cyanobacteria is a multiprotein, 

intramembrane complex responsible for the intricate processes of water oxidation and oxygen 

evolution. The oxygen evolving complex (OEC) of the active site is a four manganese and 

calcium (Mn4Ca) cluster coordinated by carboxylate and histidine residues along with four water 

molecules. The OEC accumulates oxidizing equivalents in discrete one-electron steps during the 

catalytic cycle called storage states, or S-states, resulting in proton and electron transfer, and 

ultimately generation of dioxygen, which is then released from the active site through a channel 

in the protein. Identifying the amino acid residues directly involved in this process as well as 

those which stabilize the intermediate states of the catalytic cycle through a series of hydrogen 

bonds is important in understanding the mechanism as a whole.  Spectroscopic methods such as 

Fourier transform infrared (FTIR) difference spectroscopy can probe the dynamic nature of bond 

creation/destruction that occurs in the structural rearrangements taking place in the OEC during 

catalysis. FTIR spectroscopy reproducibly shows many vibrational modes for each S-state 

throughout the cycle, indicating an arranged routine by residues during the catalytic cycle that is 

best viewed in the midfrequency region for amide I stretching, amide II bending, 
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symmetric/asymmetric carboxylate stretching, and carbonyl of carboxylic acid stretching. FTIR 

difference spectra show changes in vibrational modes, positive/negative peaks, that result from 

differences between Sn+1-minus-Sn states. FTIR difference spectra can compare S-state transitions 

of an amino acid mutant to that of wild-type to observe the effect of mutation on PSII. 

Data have been collected for two ligands to the Mn4Ca cluster, Glu354 of subunit CP43 

and Glu333 of subunit D1, characterizing the former as a ligand that does not change its 

coordination mode transition from the S1 to the S2 state, and suggesting ligation to the Mn3 and 

Mn4 ions of the OEC. The latter residue plays an integral role in structure reinforcement as well 

as dynamic interactions, though its specific role is not yet clear. Two different channels, an 

oxygen channel (large) and water/proton egress channel (broad) are seen in the crystal structure 

of PSII. CP43-Glu354 and D1-Glu329 are in the large channel and D1-Glu65, D2-Glu312, D1-

Glu333, D2-Glu323, and D2-Lys317 are in the broad channel. FTIR of a CP43-E354Q mutant 

gave evidence that Glu354 has some effect on the hydrogen-bonding network at the large 

channel, but did not directly engage the OEC as D1-Glu329 does. In the broad channel, only D1-

Glu65 and D2-Glu312 showed clear signs of participating in the network. D1-Glu333 and D2-

Lys317 showed evidence of being involved in stabilizing the structure of the OEC, a likely 

situation considering their proximity to an essential chloride ion. This study shows the complex 

and sensitive nature of the structure of PSII and not just localized to the OEC during the catalytic 

cycle. 
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CHAPTER 1 
 
 

INTRODUCTION AND LITERATURE REVIEW 

 

1.1 Introduction to Photosynthesis 

Approximately 3 billion years ago, biology developed the ability to harness photons from 

sunlight to synthesize organic molecules and split water molecules for energy. This 

photosynthetic process of using light energy to convert water into protons, electrons, and 

molecular oxygen established an oxygenic atmosphere and ozone layer. Availability of oxygen 

allowed for more efficient metabolism, leading to evolution of eukaryotes and multicellular 

organisms. Though it is a fundamental mechanism to support life, not all photosynthetic reactions 

have been resolved. The process of photosynthesis is completed by two distinct reactions, Light 

Dependent and Light Independent. Light Independent reactions occur in the stroma of 

chloroplasts and do not require light energy to proceed. It is here that the carbon fixing Calvin 

cycle takes place, converting carbon dioxide and water into sugar while turning over one 

nicotinamide adenine dinucleotide phosphate (NADP+) and two adenine diphospate (ADP) 

molecules for the Light Dependent reaction. Light Dependent reactions occur in thylakoid 

membranes organized as grana in chloroplast organelles of leaf cells (Figure 1) and loose in 

cytoplasm near the plasma membrane of prokaryotic cells (Figure 2). In the Light Dependent 

processes, light is absorbed in antenna complexes which transfer excitation energy to chlorophyll 

a (P680), exciting electrons to a higher energy state, P680* (Figure 3). Following this is a charge 

separation and electron transfer series ultimately creating NADPH to be oxidized in the Calvin 

cycle and a proton gradient which drives the proton ATPase, creating ATP for use in two separate 

reactions in the Calvin cycle (Figure 4). 
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The antenna complex and location for water oxidation are in the thylakoid membrane 

protein Photosystem II (PSII). It is here that the Light Dependent reactions take place. During the 

four photon charge separation sequence, two water molecules held at the oxygen evolving 

complex (OEC) of PSII are split, reducing metals. The details of this process will be discussed 

further on. The result of this water splitting reaction at the OEC is four protons and dioxygen, an 

equation which can be written as:  

2H2O --4hν--> O2 + 4H+ 

The precise mechanism of this reaction is presently unknown. However, the location of 

the OEC and its environment has been illustrated with x-ray crystallography. X-ray 

crystallography is a method for obtaining a three dimensional image for a molecule or protein. 

This technique uses x-ray diffraction to determine the arrangement of atoms within a protein 

crystal structure and builds structure information from the collected data. The resulting crystal 

structure data produces an overall structure of a protein and chemical bonds between atoms. Once 

the image has been created defining the structure, the function of a protein is more easily studied, 

especially when used in conjunction with spectroscopic techniques. When used together, these 

methods give a better understanding of the structure/function relationship of the protein. 

 

1.2 Structure of Photosytem II 

Photosystem II (PSII) crystal structures have been studied with x-ray crystallography, 

providing three-dimensional views of the protein as well as any active site and channels that exist 

within it. This is useful in isolating residues which surround the OEC and could be involved with 

water oxidation (Figure 5). Of those structures published, four are currently used with resolutions 

of 3.5, 3.0, 2.9, and 1.9 Å (1 - 4). The crystal structures of PSII collectively show a large 

polypeptide complex, about 650 kDa, consisting of 20 protein subunits and 77 cofactors per 
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monomer. There are 25 integrally bound lipids per monomer, approximately 0.7 lipids per 

transmembrane helix, which reside where monomers contact in the protein. This suggests the 

lipids are useful in providing a flexible interface for assembly/disassembly between the 

monomers, controlling overall dimer formation (3). Subunits comprising PSII are centrally 

located D1 and D2, flanked on either side by polypeptides CP43 and CP47 which function in 

transferring excitation energy from the antenna complex to D1 and D2. D1 and CP43 retain 

closest proximity to the active OEC. Outside these are 16 additional subunits (2, 3). The OEC of 

the PSII multisubunit complex can be seen in Figure 6. The transmembrane helix organization of 

these four main polypeptides has been compared in both plants and cyanobacteria. The x-ray 

crystallographic structures (Figure 7) show for D1, D2, CP43 and CP47, the formation and 

location within PSII are alike. Cyanobacteria shows an additional transmembrane helix at the 

periphery, but this does not interfere with the reaction center of PSII (5). Residues surrounding 

the OEC are conserved in both plants and cyanobacteria. 

The OEC lies within the lumen near the surface of the thylakoid membrane and consists 

of a cluster of four manganese and one calcium. This Mn4Ca cluster is the focal point of both the 

four electron water splitting catalytic cycle and the one electron photochemistry via Tyrosine-161 

of the D1 subunit, often regarded as YZ, and quinones. The manganese atoms are held in 

formation through oxo bridges with five oxygen atoms which can be seen in Figure 8. Three of 

the four manganese, calcium, and four oxygens form a cubane structure where metals and 

oxygens occupy corners alternately while a fourth manganese juts out from the structure (4). The 

overall shape takes a distorted chair form. It is thought that oxygen-5 may exist as a hydroxide 

ion and could provide one of the substrates for dioxygen formation (4). For three x-ray 

crystallography structures, resolutions 3.5, 3.0, and 2.9 Å, there is a discrepancy of structure 

which can be attributed to x-ray radiation damage (1 – 3). This is caused by manganese III and 
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manganese IV reduction to manganese II, breaking the u-oxo-bridge structures and changing the 

structure surrounding the OEC. Only the recent x-ray crystallographic structure at 1.9 Å gives an 

accurate representation of ligating residues to the Mn4Ca due to preparation and testing 

procedures which reduce or eliminate manganese reduction (4).  

 

1.3 Electron Transfer and S-state Cycle 

Absorption of photons within PSII by antennae complexes initiate the electron transfer 

process beginning with two water molecules, the electron source. Excitation energy absorbed by 

these pigments is transferred to the photosynthetic reaction center. The reaction center 

chlorophyll, P680, absorbs energy from the other pigment molecules generating P680*, the excited 

state of P680 and a strong reducing agent. P680* reduces a pheophytin molecule (Pheo) in 

picoseconds resulting in P680°
+ Pheo°- configuration. Pheo°- then reduces QA, the primary 

quinone, within a few hundred picoseconds creating P680°
+ PheoQA

-. P680°
+ oxidizes YZ to form 

YZ° radical in nanoseconds. Simultaneously, QA
- reduces a second quinone, QB, forming 

YZ°PheoQAQB, and YZ° extracts an electron from manganese of the Mn4Ca cluster. A second 

photon induces a duplicate reaction and produces QB
2- which is protonated and released from D1 

to be oxidized by cytochrome b6f complex. The YZ° oxidizes another manganese of the Mn4Ca 

cluster as two more photons push the mechanism toward another QB
2-, further oxidizing the 

Mn4Ca cluster, and ultimately splitting the two water molecules which release dioxygen (6). A 

diagram of this process can be seen in Figure 9. The stages of this process, often referred to as 

storage states, are cyclic beginning with the dark stable S1 state. The first photon drives the cycle 

to the S2 state and so on until S4 rapidly degrades to S0 with simultaneous release of dioxygen, 

proceeding again to dark stable S1. This progressing cycle represents a charge separation process 
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that accumulates within the four manganese at the OEC (7). The time scale of the S-state cycle 

can be seen in Figure 10. 

The positive charge accumulating on the manganese at the Mn4Ca cluster is partially 

balanced by proton release (8 - 10). Proton release studies in PSII illustrate a 1:0:1:2 pattern in 

S0S1S2S3S0 transitions, though the integers are an estimation of the results. Partial 

proton numbers of 1.1:0.3:1.0:1.6 for the S-state transitions, as seen experimentally, can be 

attributed not only to substrate water but titratable residues at or near the Mn4Ca cluster (7, 11). 

Net charge changes of 0:+1:0:-1 previously detected is in agreement with this proton pattern seen 

for the four transitions (12). Effects of pH on transition show dependency in all but S1S2, with 

inhibition occurring below 5 pH (13, 14). Previously, FTIR spectroscopy has been used to 

monitor proton release or shifts to strong hydrogen bonds, indicated by negative bands in the OH 

region, for the S2S3, S3S0, and S0S1 transitions (15, 16). The S3S0 transition gives double 

intensity in this region compared to the other bands, which suggests this transition accounts for 

two water OH bond reactions (8). The carbonyl of a carboxylic acid stretching region is another 

useful region to observe hydrogen bonding interactions. During S-state transitions, a band appears 

at 1747 cm-1, either positive or negative depending on the S-state. This signifies a change in 

ν(C=O) region in response to the transition, representing a carboxylic acid’s changing pKa. It is 

likely that residues responsible for partial protonation in S1S2 and reprotonation in S3S0 are 

Asp, Glu, Arg, Lys, and/or Tyr (8). 

 The amino acids here mentioned can be found near the Mn4Ca cluster and also in channel 

systems which run throughout the protein. Each channel is thought to aid in either water/proton or 

oxygen shuttling and has been designated broad or large respectively, seen in Figure 11 (1, 11, 

17, 18). Methods testing solvent access channels via methanol (18), measurement of pKa of 

titratable residues (11), and anomalous diffraction locating Ca2+ (19) or Xenon (17) have helped 
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to identify likely roles of channels. Some residues, which aid in proton exit or water entrance 

channels would likely have characteristics of those affecting proton release during the S-state 

transitions and would be of particular interest in the study of hydrogen bonding effects during the 

catalytic cycle. 

 
1.4 Fourier Transform Infrared Spectroscopy in Photosystem II 

As previously mentioned, different methods of spectroscopy are useful to further 

understand the implications of the structure illustrated through x-ray crystallography. Electron 

paramagnetic resonance, x-ray absorption near edge, x-ray absorption fine edge, and Fourier 

Transform Infrared (FTIR) spectroscopy are methods for examining dynamic and static 

interactions within an enzyme such as PSII. FTIR spectroscopy is a form of vibrational 

spectroscopy that monitors the vibration of atoms within molecules and their environment. 

Following applied radiation, in this case infrared light, chemical bonds vibrate characteristic to 

their group. The vibration occurs at a specific frequency and is used to identify the species. The 

midfrequency infrared region, 4000 -  400 cm-1, is commonly observed in protein study. Here 

frequencies for bending groups such as amide II and stretching groups such as amide I, symmetric 

and asymmetric carboxylates, and carbonyl of the carboxylate can be viewed (Table 1). When 

examining a protein with FTIR spectroscopy such as PSII, the absorbance measured in the 

midfrequency region shows two very large amide peaks representative of the protein’s peptide 

backbone. Small changes which occur as a result of the water splitting process would not be seen 

in this instance. However, the method of FTIR difference spectroscopy allows small changes in 

measured frequencies to be observed. Using PSII as an example, the protein’s absorbance data for 

the dark stable S1 state is measured followed by illumination of the sample which drives the S-

state cycle to S2 (Figure 11). Data for the S2 state is collected and subtracted from the S1 state. 

The resulting difference spectrum monitors bands that have disappeared, reappeared, or shifted 
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during the transition. Regions of band changes are identified by frequency and can be attributed 

to specific groups, identifying amino acids responsible for the changes seen. This data is useful in 

determining dynamic processes that occur during the water splitting reaction in PSII. Residues 

can be observed to coordinate the Mn4Ca cluster based on changes in carboxylate stretching 

regions, to be involved in a carboxylic acid changing its pKa in carboxylic acid stretching region, 

and to be necessary in maintaining structural integrity of PSII in amide stretching/bending region. 

There are currently two general areas of activity in PSII under scrutiny. The first is the 

OEC of PSII, which has varying arrangement among the crystal structures (1 - 4). The second is a 

series of water channels, which guide the water molecules to or protons and oxygen away from 

the OEC during water oxidation (4, 17, 18). While the crystal structures for the OEC show 

multiple potential ligands, only one has been determined by FTIR difference spectroscopy to 

contribute a coordinate bond which changes its coordination mode in the S1 to S2 transition, 

Alanine-344 of the D1 polypeptide (20). FTIR difference spectroscopy has been used to monitor 

complex structure/restructure throughout the catalytic cycle induced by laser radiation. As 

previously described, this method follows changes between each storage state of the catalytic 

cycle. The changes observed can be attributed to residues’ interactive role with the Mn4Ca 

cluster, YZ°, and protons. Changing peaks in the midfrequency region observed during the Sn+1-

minus-Sn transition in the spectra can be ascribed to bond creation, destruction, and strength, 

changing pKa, environmental interactions, and polypeptide conformation (21). 

Carboxylic acid stretching modes in the 2000 - 1000 cm-1 region are carefully studied for 

changes against wild-type spectra as these modes are a way of indicating interactions during the 

catalytic cycle. This is due to the carboxylic acid functional group which is capable of 

contributing coordinate bonds to the manganese, such as with the previously mentioned Alanine-

344. After labeling PSII with 13C alanine, D1-Ala344 showed a downshift in the symmetric 
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carboxylate stretching mode. The downshift in the symmetric carboxylate region is the only 

vibrational feature in any of the midfrequency Sn+1-minus-Sn FTIR difference spectra that has 

been identified as contributing a coordinate bond to a manganese (20). This method of following 

changes in identified vibrational modes helps to characterize structural changes or bonding during 

the catalytic cycle. Using the x-ray crystallographic structural models as a guide, residues which 

have likely roles in manganese ligation are chosen for examination. These residues are D1-

Asp170, D1-Glu189, D1-Glu333, D1-Asp342, and CP43-Glu354 and can be seen in Figure 12. 

Site-directed mutagenesis studies are employed in conjunction with FTIR difference spectroscopy 

for studying residues individually. However, D1-Asp170, D1-Glu189, and D1-Asp342 have all 

been previously examined with this process and showed no evidence of coordinating a 

manganese that undergoes oxidation in S0 through S3 transitions at a resolution of 4 cm-1 (22, 23, 

24). Site-directed mutagenesis of a single amino acid followed by FTIR spectroscopic studies 

isolates the function of that particular residue through examination of the resulting change of 

vibrational modes. Target amino acids are those shown by x-ray crystallographic structures to be 

possible ligands to the Mn4Ca cluster, in the second coordination sphere, or possible hydrogen 

bond acceptors in channels. FTIR difference spectroscopy reveals changes that occur after residue 

mutation for S-state transitions, so the function of the residue in a particular environment can be 

recognized. The mutated residues each provide a portion of information for the entire system. 

Should a mutated carboxylate residue have an effect on a manganese with increasing charge, the 

resulting decrease of frequency within the symmetric or asymmetric carboxylate stretching modes 

as compared to wild-type spectra would be observed. The resulting frequency gives additional 

information on the nature of coordination, described in Figure 13. Mutants with no apparent 

change in the Sn+1-minus-Sn FTIR difference spectra suggest that the carboxylate group either 

does not ligate the Mn4Ca cluster, or instead ligates a manganese ion that does not increase its 
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charge during the S0 through S3 transitions. Two residues which remain in question are Glu333 of 

the D1 polypeptide and Glu354 of the CP43 polypeptide (2). D1-Glu333 is represented in the 3.5 

Å, 3.0 Å, 2.9 and 1.9 Å structural models as a bidentate ligand between Mn3 and Mn4. CP43-

Glu354 is represented in the 3.5 Å structural model as a chelating ligand of Mn3 and in the 3.0 Å 

2.9, and 1.9 Å structural models as a bidentate ligand between Mn2 and Mn3, one of which is the 

same Mn ion ligated by D1-Ala344 (1 - 4). 

 In conjunction with the water-splitting active site, water and proton channels within PSII 

could be contributing to the bands seen in the FTIR difference spectra. Both D1-Glu333 and 

CP43-Glu354 are located in the narrow water channel as potential H-bond acceptors contacting 

the channel wall. Additionally, CP43-Glu354 is located at the large water channel and D1-Glu333 

is at the mouth of the broad channel, next to the chloride 1 ion, Cl-1 (4, 18). In addition to these 

two, there are three carboxylate functional grouped residues near the Mn4Ca cluster that are 

potential H-bond acceptors in channels. These are D1-Glu329 of the large channel and D2-

Glu312 and D1-Glu65 of the broad channel. D1-Glu65 has an additional role as a “gate function” 

as it is one of four residues blocking free water access (18). The broad channel Cl-1 contributes 

some amount of stability to the catalytic cycle, though specific function is not well understood. 

Surrounded by two water molecules, D1-Glu333, and D2-K317, it is also a matter of interest with 

respect to activity within the hydrogen bonding network and effect on the Mn4Ca cluster (4, 25). 

As the control center for the water-splitting activity, understanding the role of specific residues 

and their impact on the Mn4Ca cluster is imperative. The Mn4Ca cluster actively regulates water 

oxidation while controlling oxidized intermediates thereby retaining structural integrity within the 

PSII active site and channels. This study focuses on Glu354 of the CP43 polypeptide, Glu329, 

Glu333, and Glu65 of the D1 polypeptide, and Glu312 and Lys317 of the D2 polypeptide.  
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Table 1. Infrared frequencies for symmetric and asymmetric carboxylate stretching, 
carbonyl of carboxylic acid stretching, amide stretching, and amide bending groups. 
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Figure 1.1 Diagram showing the specific location of the oxygen evolving complex 
beginning with a leaf cell and ending with the OEC. 
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Figure 1.1 
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Figure 1.2 Diagram showing the specific location of the oxygen evolving complex 
beginning with a cyanobacterial cell and ending with the OEC. 
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Figure 1.2 
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Figure 1.3 Antenna complex absorbs multiple wavelengths of light, transferring excitation 
energy to chlorophyll a, P680. 
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Figure 1.4 Diagram of interactive nature of Light Dependent and Light Independent 
processes of photosynthesis. 
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Figure 1.4 

 22



Figure 1.5 Oxygen evolving complex (OEC) where water splitting occurs in Photosystem II. 
Mn4Ca. Manganese in purple, calcium in yellow, and oxygen in red spheres. Residue 
environment in grey stick. 
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Figure 1.6 Photosystem II multisubunit complex with OEC. Subunits individually defined 
by color. Four polypeptides which surround the OEC D1 (light tan), CP43 (light pink), CP47 
(dark peach), and D2 (turquoise). OEC circled in sphere cluster on lumenal side. 
 

 25



 

Stroma

Lumen

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 1.6 

 26



Figure 1.7 Comparison of transmembrane helix organization of PSII core dimers from 
cyanobacteria Synechocystis elongatus (left) and spinach (right). Difference in transmembrane 
helix area in white. 
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Figure 1.7 
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Figure 1.8 The cubane structure of the Mn4O5Ca cluster which takes an overall distorted 
chair form. Bond lengths in angstrom.
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Figure 1.9 Complete pathway of electron transfer from oxidation at Mn4Ca cluster to 
reduction and protonation of plastoquinone QB. 
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Figure 1.9 
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Figure 1.10 The storage state cycle with transition times between states. 
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Figure 1.10 
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Figure 1.11 Large and broad channels of PSII. OEC in sphere, protein backbone in 
grey ribbons, channel residues in yellow stick, water molecules in red dots. Two chloride 
ions in free, green spheres in large channel. 

 35



 Large Channel

Broad Channel

 36



 
Figure 1.12 FTIR difference spectra for PSII S1 to S2 transition. Difference is taken by 
subtracting S2 from S1.  
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Figure 1.13 X-ray crystallographic described ligands to the OEC. Ligands in blue stick, 
manganese in purple sphere, calcium in yellow sphere, oxygen in red sphere. 
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Figure 1.14 Infrared vibrational frequencies for asymmetric and symmetric carboxylate 
stretching coordination modes bridging, bidentate chelating, unidentate, and free ionic. 
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CHAPTER 2 
 

PARTICIPATION OF GLUTAMATE-354 OF THE CP43 POLYPEPTIDE IN THE 

LIGATION OF MN AND BINDING OF SUBSTRATE WATER IN PHOTOSYSTEM II 

 

2.1 Abstract 

 In the current x-ray crystallographic structural models of photosystem II, Glu354 of the 

CP43 polypeptide is the only amino acid ligand of the oxygen-evolving Mn4Ca cluster that is not 

provided by the D1 polypeptide. To further explore the influence of this structurally unique 

residue on the properties of the Mn4Ca cluster, the CP43-E354Q mutant of the cyanobacterium 

Synechocystis sp. PCC 6803 was characterized with a variety of biophysical and spectroscopic 

methods, including polarography, EPR, x-ray Absorption, FTIR, and mass spectrometry. The 

kinetics of oxygen release in the mutant were essentially unchanged from those in wild-type. In 

addition, the oxygen flash-yields exhibited normal period-four oscillations having normal S-state 

parameters, although the yields were lower, correlating with the mutant’s lower steady-state rate 

(approx. 20% compared to wild-type). Experiments conducted with H2
18O showed that the fast 

and slow phases of substrate water exchange in CP43-E354Q thylakoid membranes were 

accelerated 8.5- and 1.8-fold, respectively, in the S3 state compared to wild-type. Purified 

oxygen-evolving CP43-E354Q PSII core complexes exhibited a slightly altered S1 state Mn-

EXAFS spectrum, a slightly altered S2 state multiline EPR signal, a substantially altered S2-

minus-S1 FTIR difference spectrum, and an unusually long lifetime for the S2 state (> 10 hours) in 

a substantial fraction of reaction centers. In contrast, the S2 state Mn-EXAFS spectrum was nearly 

indistinguishable from that of wild-type. The S2-minus-S1 FTIR difference spectrum showed 

alterations throughout the amide and carboxylate stretching regions. Global labeling with 15N and 

specific labeling with L-[1-13C]alanine revealed that the mutation perturbs both amide II and 
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carboxylate stretching modes and shifts the symmetric carboxylate stretching modes of the -

COO group of D1-Ala344 (the C-terminus of the D1 polypeptide) to higher frequencies by 3 – 4 

cm-1 in both the S1 and S2 states. The EPR and FTIR data implied that 76 – 82 % of CP43-E354Q 

PSII centers can achieve the S2 state and that most of these can achieve the S3 state, but no 

evidence for advancement beyond the S3 state was observed in the FTIR data, at least not in a 

majority of PSII centers. Although the x-ray absorption and EPR data showed that the CP43-

E354Q mutation only subtly perturbs the structure and spin state of the Mn4Ca cluster in the S2 

state, the FTIR and H2
18O exchange data show that the mutation strongly influences other 

properties of the Mn4Ca cluster, altering the response of numerous carboxylate and amide groups 

to the increased positive charge that develops on the cluster during the S1 to S2 transition and 

weakening the binding of both substrate water molecules (or water derived ligands), especially 

the one that exchanges rapidly in the S3 state. The FTIR data provide evidence that CP43-Glu354 

coordinates to the Mn4Ca cluster in the S1 state as a bridging ligand between two metal ions, but 

provide no compelling evidence that this residue changes its coordination mode during the S1 to 

S2 transition. The H2
18O exchange data provide evidence that CP43-Glu354 interacts with the Mn 

ion that ligates the substrate water molecule (or water-derived ligand) that is in rapid exchange in 

the S3 state.  

 
2.2 Introduction 

 The light-driven oxidation of water in Photosystem II (PSII) 1 produces nearly all of the 

O2 on Earth and drives the production of nearly all of its biomass. Photosystem II is an integral 

                                                 
1 Abbreviations: Chl, chlorophyll; EDTA, ethylenediaminetetraacetic acid; EPR, electron paramagnetic 
resonance; EXAFS, extended X-ray absorption fine structure; FTIR, Fourier transform infrared; MES, 2-
(N-morpholino)-ethanesulfonic acid; NTA, nitrilotriacetic acid; P680, chlorophyll multimer that serves as 
the light-induced electron donor in PSII; Pheo, pheophytin; PSII, photosystem II; QA, primary 
plastoquinone electron acceptor; QB, secondary plastoquinone electron acceptor; RH, relative humidity; 
XANES, X-ray absorption near edge structure; YZ, tyrosine residue electron transfer mediary between the 
Mn4Ca cluster and P680

+, YD, second tyrosine residue that can reduce P680
+ in PSII.  
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membrane protein complex that is located in the thylakoid membranes of plants, algae, and 

cyanobacteria. It is a homodimer in vivo, having a total molecular weight of over 700 kDa. Each 

monomer consists of at least 20 different subunits and contains over 60 organic and inorganic 

cofactors including 35 Chl a and 12 carotenoid molecules. Each monomer’s primary subunits 

include the membrane spanning polypeptides CP47 (56 kDa), CP43 (52 kDa), D2 (39 kDa), and 

D1 (38 kDa), and the extrinsic polypeptide PsbO (26.8 kDa). The D1 and D2 polypeptides are 

homologous and together form a heterodimer at the core of each monomer. Within each 

monomer, the CP47 and CP43 polypeptides are located on either side of the D1/D2 heterodimer 

and serve to transfer excitation energy from the peripherally-located antenna complex to the 

D1/D2 heterodimer, and specifically to the photochemically active Chl a multimer known as P680 

(1-6). 

 The O2-evolving catalytic site consists of a pentanuclear metal cluster containing four Mn 

ions and one Ca ion. The Mn4Ca cluster accumulates oxidizing equivalents in response to 

photochemical events within PSII and then catalyzes the oxidation of two molecules of water, 

releasing one molecule of O2 as a by-product (7-11). The Mn4Ca cluster serves as the interface 

between single-electron photochemistry and the four-electron process of water oxidation. The 

photochemical events that precede water oxidation take place in the D1/D2 heterodimer. These 

events are initiated by the transfer of excitation energy to P680 following capture of light energy 

by the antenna complex. Excitation of P680 results in the formation of the charge-separated state, 

P680
+Pheo. This light-induced separation of charge is stabilized by the rapid oxidation of Pheo 

by QA, the primary plastoquinone electron acceptor, and by the rapid reduction of P680
+ by YZ, 

one of two redox-active tyrosine residues in PSII. The resulting YZ
 radical in turn oxidizes the 

Mn4Ca cluster, while QA
 reduces the secondary plastoquinone, QB. Subsequent charge-

separations result in further oxidation of the Mn4Ca cluster and in the two-electron reduction and 
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protonation of QB to form plastoquinol, which subsequently exchanges into the membrane-bound 

plastoquinone pool. During each catalytic cycle, two molecules of plastoquinol are produced at 

the QB site and the Mn4Ca cluster cycles through five oxidation states termed Sn, where “n” 

denotes the number of oxidizing equivalents that are stored (n = 0 – 4). The S1 state predominates 

in dark-adapted samples. Most interpretations of Mn-XANES and EPR data have concluded that 

the S1 state consists of two Mn(III) and two Mn(IV) ions and that the S2 state consists of one 

Mn(III) and three Mn(IV) ions (11-14). The S4 state is a transient intermediate. Its formation 

triggers the rapid oxidation of the two substrate water molecules, the regeneration of the S0 state, 

and the release of O2.  

 Refined x-ray crystallographic structural models of PSII are available at 3.5 Å (1), 3.0 Å 

(2), and 2.9 Å (5). These models, plus less-complete models at somewhat lower resolutions (15, 

16), provide views of the Mn4Ca cluster and its ligation environment, including 1 – 2 

catalytically-essential Cl– ions that are located 6 – 7 Å distant. However, there are significant 

differences between these views. For example, in the 2.9 and 3.0 Å structural models, most of the 

carboxylate ligands are bidentate and the α-COO– group of D1-Ala344 (the C-terminus of the D1 

polypeptide) ligates the Mn4Ca cluster, whereas in the 3.5 Å structural model, most of the 

carboxylate ligands are unidentate and the α-COO– group of D1-Ala344 ligates no metal ion. One 

reason for these differences is that the resolutions of the diffraction data are limited. A second 

reason is that the Mn(III/IV) ions of the Mn4Ca cluster were undoubtedly reduced by x-ray 

generated radicals to their Mn(II) oxidation states during collection of the x-ray diffraction data 

(17, 18). This reduction would have disrupted the cluster’s Mn-O-Mn bridging moieties and 

altered Mn-ligand interactions. Consequently, the structures of the Mn4Ca cluster depicted in the 

x-ray crystallographic models represent unknown superimpositions of native and disrupted 

Mn4Ca clusters, with the metal ions in the latter being retained in the vicinity of their native 
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positions by virtue of the crystals being kept frozen at 100 K during data collection. Importantly, 

none of the crystallographic structural models is fully compatible with polarized EXAFS studies 

of single crystals of PSII that were conducted with low x-ray fluxes that minimize photoreduction 

of the Mn ions (19) 2. Nevertheless, the existing crystallographic studies agree with each other, 

and with the earlier mutagenesis studies (20), on the identity of most of the Mn4Ca cluster’s 

amino acid ligands. Furthermore, the structure of PSII outside the immediate environment of the 

Mn4Ca cluster should be largely unaffected by the radiation-induced reduction of the cluster’s Mn 

ions. Consequently, the existing crystallographic structural models are serving as valuable guides 

for spectroscopic studies designed to provide insight into the structure, dynamics, and mechanism 

of the Mn4Ca cluster throughout its catalytic cycle. 

 To satisfy the very severe energetic and mechanistic constraints of oxidizing water, the 

Mn4Ca cluster’s reactivity in each of its oxidation states is tightly controlled by its protein 

environment. The amino acid residues in this environment choreograph the proton and electron 

reactions associated with water oxidation and play important roles in the delivery of substrate 

water and the release of O2 and protons. In particular, these residues minimize the energetic 

requirements for water oxidation by coupling the requisite proton and electron extraction 

reactions (7, 13, 21, 22), minimize deleterious side-reactions by preventing unregulated access of 

water to the Mn4Ca catalyst (23), and minimize oxidative damage by promoting rapid egress of 

newly formed O2 (24). Understanding the influence on the Mn4Ca cluster of specific residues in 

this environment is crucial to understanding the mechanism of water oxidation in PSII.  

                                                 
2 An x-ray crystallographic structural model of PSII at 1.9 Å was recently reported at the 15th International 
Congress of Photosythesis in Beijing, China by J.-R. Shen, Y. Umena, K. Kawakami, and N. Kamiya 
(poster PS6.5). In addition to being obtained at much higher resolution than in previous studies, the 
diffraction data were obtained with much lower x-ray fluxes in order to minimize radiation-induced 
reduction of the Mn(III/IV) ions. To a large extent, the coordination modes of the ligating amino acid 
residues in this model appear to resemble those in the 3.0 Å and 2.9 Å structural models, but the new 
model’s compatibility with the polarized EXAFS studies of single crystals is not known as of this writing. 
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 This study focuses on Glu354 of the CP43 polypeptide 3. In all of the current x-ray 

crystallographic structural models, this residue is depicted as being a ligand to the Mn4Ca cluster 

and is the only amino acid ligand of the cluster that is not provided by the D1 polypeptide. In the 

3.5 Å model, this residue is a bidentate ligand of a single Mn ion [Mn(3)]. In the 3.0 Å and 2.9 Å 

models, this residue bridges two Mn ions [Mn(2) and Mn(3)], including the Mn ion that is ligated 

(in these models) by the -COO group of D1-Ala344, the C-terminus of the D1 polypeptide 

[Mn(2) in these models]. The CP43-E354Q mutation severely impedes the photoautotropic 

growth of the cyanobacterium Synechocystis sp. PCC 6803 and sharply diminishes its O2 

evolving activity (26-28). To better understand the role of CP43-Glu354 in influencing the 

reactivity of the Mn4Ca cluster, we have characterized the CP43-E354Q mutant with a variety of 

biophysical and spectroscopic methods including polarography, EPR, FTIR, XANES, EXAFS, 

and mass spectrometry, the latter to measure the exchange rates of the two substrate water 

molecules in the S3 state. Our results provide evidence that CP43-Glu354 coordinates to the 

Mn4Ca cluster as a bridging ligand between two metal ions, in agreement with the 2.9 and 3.0 Å 

x-ray crystallographic structural models (2, 5) and with a recent FTIR study of the same mutant 

(28). However, our FTIR data provide no compelling evidence that this residue changes its 

coordination mode during the S1 to S2 transition, contrary to one of the conclusions of the earlier 

FTIR study (28). Our results also provide evidence that CP43-Glu354 interacts with the Mn ion 

that ligates the substrate water molecule or water-derived ligand that is in rapid exchange in the 

S3 state. A preliminary account of this work has been presented (27).  

 

                                                 
3 Multiple numbering systems are in use for CP43 (25). The different numbering systems arise because 
psbC (the gene encoding CP43) has an unusual start codon, because CP43 is post-translationally processed 
at its amino terminus, and because, in Synechocystis sp. PCC 6803, there is a deletion of one residue at 
position 7 compared to the amino acid sequences of CP43 in other organisms. The numbering system used 
in this study is the same as that used in the X-ray crystallographic studies (1, 2, 5). 
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2.3 Materials and Methods 

Construction of Mutant and Propagation of Cultures. 

The CP43-E354Q mutation was constructed in the psbC gene of Synechocystis sp. PCC 

6803 and transformed into a host strain of Synechocystis that lacks the large extrinsic loop of 

CP43 and contains a hexahistidine-tag (His-tag) fused to the C-terminus of CP47 [the cloned 

psbC gene was the kind gift of W. F. J. Vermaas (Arizona State University); our strategy for 

introducing mutations into the large extrinsic loop of CP43 is similar to that described in Ref. 29; 

the addition of a His-tag to CP47 has been described previously (30)]. The wild-type strain was 

constructed in an identical manner as the mutant strain except that the transforming plasmid 

carried no site-directed mutation. Single colonies were selected for ability to grow on solid media 

containing 5 μg/mL kanamycin monosulfate. Solid media contained 5 mM glucose and 10 µM 

DCMU. The DCMU and antibiotic were omitted from the liquid cultures. Large-scale liquid 

cultures (each consisting of three 7 L cultures held in glass carboys) were propagated as described 

previously (31). For the purification of PSII core complexes that had been uniformly labeled with 

15N, liquid cultures were propagated in the presence of 10 mM Na15NO3 as the sole nitrogen 

source (98% 15N enrichment, Cambridge Isotope Laboratories, Andover, MA) (32). For the 

purification of L-[1-13C]alanine-labeled PSII core complexes, liquid cultures were propagated in 

the presence of 0.5 mM L-[1-13C]alanine (99% 13C enrichment, Cambridge Isotope Laboratories, 

Andover, MA) (31, 33, 34). To verify the integrity of the mutant cultures that were harvested for 

the purification of thylakoid membranes and PSII core complexes, an aliquot of each culture was 

set aside and the sequence of the portion of the psbC gene that encodes the large extrinsic loop of 

CP43 was obtained after PCR amplification of genomic DNA (35). No trace of the wild-type 

codon was detected in any of the mutant cultures.  
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Purification of Thylakoid Membranes. 

Thylakoid membranes were isolated under dim green light at 4 C with a procedure (34) 

that was modified from that of Tang & Diner (36). Harvested cells were concentrated and 

suspended in a buffer containing 1.2 M betaine, 10% (v/v) glycerol, 50 mM MES-NaOH (pH 

6.0), 5 mM CaCl2, 5 mM MgCl2, 1 mM benzamidine, 1 mM ε-amino-n-caproic acid, 1 mM 

phenymethylsulfonyl fluoride, and 0.05 mg/mL DNAse I, then broken by nine cycles of (5 s 

on/15 min off) in a glass bead homogenizer (Bead-Beater, BioSpec Products, Bartlesville, OK). 

After separation of unbroken cells and debris by low speed centrifugation, the resulting thylakoid 

membranes were concentrated by ultracentrifugation (20 min at 40,000 rpm in a Beckman Ti45 

rotor) and suspended to a concentration of 1.0–1.5 mg of Chl/mL in a buffer containing 1.2 M 

betaine, 10% (v/v) glycerol, 50 mM MES-NaOH (pH 6.0), 20 mM CaCl2, 5 mM MgCl2. The 

concentrated thylakoid membranes were either flash-frozen as 1 mL aliquots in liquid nitrogen 

and stored at -80 C, or used immediately for the purification of PSII core complexes.   

Purification of PSII core complexes. 

Isolated oxygen-evolving PSII core complexes were purified under dim green light at 4 

C with Ni-NTA superflow affinity resin (Qiagen, Valentia, CA) as described previously (34). 

For most of the experiments, the purification buffer consisted of 1.2 M betaine, 10% (v/v) 

glycerol, 50 mM MES-NaOH (pH 6.0), 20 mM CaCl2, 5 mM MgCl2, 50 mM histidine, 1 mM 

EDTA, and 0.03% (w/v) n-dodecyl β-D-maltoside. For some of the FTIR experiments described 

in Figure 8, the betaine was omitted from the cell and thylakoid membrane suspension buffers 

and from the purification buffer and the concentration of glycerol was increased to 25% (v/v). 

The purified PSII core complexes were concentrated to ~ 1.0 mg of Chl/mL by ultrafiltration, 

frozen in liquid N2, and stored at 196 C (vapor phase nitrogen).  
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Flash O2 Yield and Kinetic Measurements.  

Measurements were performed with a bare platinum electrode that permits the centrifugal 

deposition of samples onto the electrode surface (37). Before deposition, thylakoid membranes 

were concentrated by centrifugation and suspended at ~ 0.8 mg of Chl/mL in 50 mM HEPES-

NaOH (pH 7.2), 5 mM CaCl2, 10 mM MgCl2, and 1 M sucrose (38). For each measurement, 3.2 

µg of Chl were deposited on the platinum surface of the platinum electrode by being centrifuged 

at 18,000 x g for 10 min in a Sorvall HB-4 swing-out rotor. Samples were given a series of 20 

preflashes and then dark-adapted for 10 min prior to the initiation of the measuring flash 

sequence. Flashes were provided by a xenon flash lamp (6 μs FWHM). The preflash sequence 

was applied to oxidize PSII centers that may populate the “super-reduced” S-1 and S-2 states. The 

10 min dark-adaptation period was incorporated to allow PSII centers to relax to the S1 and S0 

states. Polarization of the electrode (0.73 V) was initiated 10 s before the initiation of data 

acquisition and the measuring flash sequence (15 flashes at a frequency of 4 Hz) was initiated 333 

ms after that. Numerical extraction of the S-state parameters was performed assuming a four-state 

model (39, 40). The kinetics of O2 release was estimated from the rising portion of the O2 signal 

using the exponential method (41).  

Preparation of EPR and X-ray Absorption Samples. 

For the experiments of Figures 3A and 4, samples were concentrated to 7 – 8 mg of 

Chl/mL with Centricon-100 concentrators, transferred into standard quartz 4 mm OD EPR tubes 

(Wilmad LabGlass, Buena, NJ), dark adapted for 18 hours at 4 C, then frozen in liquid nitrogen. 

For the experiments of Figure 3A, condensed O2 was purged from the EPR tubes immediately 

prior to measurement by warming the tubes to 198 K (in dry ice and methanol) and directing a 

stream of Ar gas over the sample for 10 min in absolute darkness followed by rapid freezing in 

liquid N2 (42). For the EPR experiments of Figure 3B and for the x-ray absorption measurements 
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(Figures 5 and 6), samples were transferred to a buffer containing 1.2 M betaine, 40% (v/v) 

glycerol, 50 mM MES-NaOH (pH 6.0), 20 mM CaCl2, 5 mM MgCl2, and 0.03% (w/v) n-dodecyl 

β-D-maltoside by concentrating them to ~ 9 mg of Chl/mL with Centricon-100 concentrators, 

diluting them 20-fold with a buffer containing 42% (v/v) glycerol, then concentrating them to ~ 

11 mg of Chl/mL. The concentrated samples were transferred to lucite sample holders that were 

designed to fit in both EPR and x-ray cryostats (43), dark-adapted for 12 hours at 4 C followed 

by six hours at room temperature, then frozen in liquid N2. For the experiments of Figures 3B and 

4, the S2 state was generated by illuminating samples for 5 min in a non-silvered Dewar at 198 K 

(dry ice/ethanol) with a focused, heat-filtered, 350-Watt Radiac light source. The samples were 

then immediately frozen in liquid nitrogen.  

EPR Measurements. 

For the experiments of Figures 3A and 4, continuous-wave EPR spectra were recorded 

with a Bruker ER 300 EPR spectrometer (Bruker BioSpin Corporation, Billerica, MA) equipped 

with either a Bruker ER 4116 DM dual mode cavity (parallel mode experiments) or a Bruker ER 

4102 ST standard cavity (perpendicular mode experiments) . For these experiments, the sample 

temperature was controlled with an Oxford ESR900 liquid helium cryostat (Oxford Instruments, 

Oxfordshire, United Kingdom). For the experiments of Figure 3B, continuous-wave EPR spectra 

were recorded with a Varian E-109 EPR spectrometer equipped with a standard TE102 cavity. 

For these experiments, the sample temperature was controlled with a Heli-tran liquid helium 

cryostat (Air Products, Allentown, PA). Sample manipulations were conducted under dim green 

light at 4 C.  

Preparation of FTIR Samples. 

All manipulations were conducted under dim green light at 4 C. Samples (approx. 70 μg 

of Chl a) were exchanged into FTIR analysis buffer [40 mM sucrose, 10 mM MES-NaOH (pH 
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6.0), 5 mM CaCl2, 5 mM NaCl, 0.06% (w/v) n-dodecyl -D-maltoside (32, 44)] by passage 

through a centrifugal gel filtration column at 27 x g (45). Concentrated samples (approx. 10 L in 

volume) were mixed with 1/10 volume of fresh 100 mM potassium ferricyanide (dissolved in 

water) to serve as the electron acceptor, spread to a diameter of about 10 mm on a 15 mm 

diameter BaF2 window, then dried lightly (until tacky) under a stream of dry nitrogen gas. For 

experiments in which only the S2-minus-S1 FTIR difference spectrum was recorded (Figures 8B-

8D, 9, and 11), samples were placed in a controlled humidity chamber at 95% RH for 10 min. For 

experiments in which four successive flashes were applied (Figure 7), 1 L of 20% (v/v) glycerol 

(in water) was spotted onto the window, adjacent to the sample, but not touching it to maintain 

the humidity of the sample in the FTIR cryostat at 99% RH (46). A second IR window with a 

Teflon spacer (0.5 mm thick) was placed over the first and sealed in place with silicon-free high-

vacuum grease. The sample was loaded immediately into the FTIR cryostat at 273.0 K or 250.0 K 

and allowed to equilibrate in darkness for 2 h or 18 h, depending on the experiment. Sample 

concentrations and thicknesses were adjusted so that the absolute absorbance of the amide I band 

at 1657 cm-1 was 0.7  1.1.   

Measurement of FTIR Spectra. 

Midfrequency FTIR spectra were recorded with a Bruker Equinox 55 spectrometer 

(Bruker Optics, Billerica, MA) at a spectral resolution of 4 cm-1 as described previously (31, 34, 

44, 45, 47). Flash illumination (~ 20 mJ/flash, ~ 7 ns fwhm) was provided by a frequency-

doubled Q-switched Nd:YAG laser [Surelite I (Continuum, Santa Clara, CA)]. After dark 

adaptation, either four successive flashes were applied with an interval of 96 sec between each 

(Figure 7) or a single flash was applied (Figures 8, 9, and 11). Two single beam spectra were 

recorded before the first flash and one single-beam spectrum was recorded starting 0.33 sec after 

the first and subsequent flashes (for the experiments of Figure 7, 8B, 9, and 11, each single beam 
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spectrum consisted of 800 scans; for the experiments of Figures 8C and 8D, each single beam 

spectrum consisted of 200 scans). The 0.33 sec delay was incorporated to allow for the oxidation 

of QA
 by the ferricyanide. Difference spectra were obtained by dividing the single-beam 

spectrum that was recorded after the nth flash by the single-beam spectrum that was recorded 

immediately before the nth flash and the ratio was converted to units of absorption. Each sample 

was subjected to a single set of four flashes (Figure 7), a single flash (Figures 8B, 9, and 11), or to 

single flashes spaced by 30 min (Figures 8C and 8D). To improve the signal-to-noise ratio, the 

difference spectra recorded with multiple samples were averaged.  

Measurement of Mn XANES and EXAFS Spectra. 

X-ray absorption spectroscopy (XAS) was performed at the Stanford Synchrotron 

Radiation Laboratory (SSRL) on beamline 9-3 and 7-3 at an electron energy of 3.0 GeV with an 

average current of 85-100 mA. The radiation was monochromatized by a Si(220) double-crystal 

monochromator. The intensity of the incident x-ray beam was monitored by a N2-filled ion 

chamber (I0) in front of the sample. The monochromator energy was calibrated using a pre-edge 

peak of KMnO4 (6543.3 eV). These standards were placed between two N2-filled ionization 

chambers (I1 and I2) after the sample. The x-ray flux at 6.6 keV was at 1 x 1013 photons s-1mm-2. 

The monochromator was detuned at 6600 eV to 50% of maximal flux to attenuate the x-ray 2nd 

harmonic. Samples were kept at a temperature of 10 K in a liquid helium flow cryostat to 

minimize radiation damage. The procedures for data reduction have been described previously 

(48).  

Measurement of Substrate Water Exchange Rates by Mass Spectrometry 

Frozen thylakoid samples were thawed and diluted to 0.25 mg/mL Chl in 40 mM MES 

(pH 6.5), 15 mM MgCl2, 15 mM CaCl2, 10% glycerol, and 1.2 M betaine, with potassium 

ferricyanide added to 0.5 mM to serve as the electron acceptor. Immediately before measurement, 

 54



individual samples were prepared in total darkness (visualized by IR goggles) and subjected to a 

one pre-flash, 10 min dark adaptation period to maximize the concentration of PSII centers in the 

S1 state. Flashes were provided with a xenon flash lamp (FWHM = 5.2 µs). The rapid mixing 

sample chamber that is interfaced to the spectrometer has been described previously (49). Two 

saturating flashes were applied to poise the sample in the S3 state, then 25 μL of 95% H2
18O was 

injected rapidly (mixing rate, kinj = 175 s-1) to produce a final 18O enrichment of 12.0 ± 0.5%. A 

third saturating flash (the turnover flash) was then applied at varying delay times (t) after H2
18O 

injection to induce O2 evolution.  Measurements of O2 evolved (YC) as a function of t were 

made at m/e = 34 for the mixed labeled 16,18O2 using an in line mass spectrometer (Vacuum 

Generation MM6, Winford, UK). The biphasic plots of YC versus t at m/e = 34 were analyzed as 

the sum of two exponential functions using the following equation (50), revealing fast phase k2 

and slow phase k1 rate constants for substrate water exchange according to the expression, 

   YC = 0.57(1 – exp(–k2 t)) + 0.43(1 – exp (–k1 t))  

Further details of the data analysis procedures are provided in ref. 49. No data were recorded at 

m/e = 36 for the double labeled 18,18O2 because of the low 18O enrichment and small oxygen 

signals in the mutant samples. 

 

2.4 Results 

The light-saturated, steady-state O2 evolving activity of CP43-E354Q cells was 90  100 

µmol O2 (mg of Chl)-1 h-1 compared to 480  500 µmol O2 (µg of Chl)-1 h-1 for wild-type cells. 

The lower rate in mutant cells (18  20% compared to wild-type) is consistent with earlier reports 

(26, 28). The light-saturated O2 evolving activity of purified CP43-E354Q PSII core complexes 

was 0.52 – 0.70 mmol O2 (mg of Chl)-1 h-1 compared to 5.1 – 5.5 mmol O2 (mg of Chl)-1 h-1 for 

wild-type PSII core complexes. The lower activity of the purified mutant PSII core complexes 
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(10  14% compared to wild-type) suggests that the Mn4Ca cluster in the Synechocystis CP43-

E354Q mutant is somewhat labile.  

O2 Flash Yields and Kinetics of O2 Release. 

To further investigate the lower rates of O2 evolution that are caused by the CP43-E354Q 

mutation, wild-type and mutant thylakoid membranes were isolated and examined with a bare 

platinum electrode that permits the centrifugal deposition of samples upon the electrode surface. 

The pattern of O2 yields that are produced by the individual flashes in a series of saturating 

single-turnover flashes provides a measure of the efficiency of the individual S-state transitions. 

The pattern of O2 flash yields in CP43-E354Q thylakoid membranes (Figure 1) showed the same 

period-four oscillations that are observed in wild-type membranes, although the amplitudes were 

much smaller, consistent with the lower steady-state rates of O2 evolution observed in the mutant 

cells and PSII core complexes. Analysis of these data revealed that the parameters that describe 

the factors that contribute to the damping of the oscillations (i.e., the parameters that describe 

misses, double-hits, and the deactivations that occur in the dark intervals between flashes) are 

virtually the same in the mutant as in the wild-type control (Table 1). This analysis also revealed 

that, after a 10 min period of dark-adaptation, the distribution of S-states in the mutant thylakoid 

membranes was only slightly different from that in wild-type: the percentages of PSII centers in 

the S1 and S2 states increased (the latter from 2% to 6%), whereas the percentage in the S0 state 

decreased. The kinetics of O2 release in CP43-E354Q thylakoid membranes in comparison with 

wild-type are presented in Figure 2. Analysis of these data showed that the kinetics of O2 release 

are virtually the same in the mutant as in the wild-type, being characterized by half-times of 

approximately 1.2 ms.  
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EPR Spectra. 

A parallel polarization multiline EPR signal was observed in extensively dark adapted 

CP43-E354Q PSII core complexes (Figure 3A, lower trace). Between 375 G and 650G, the signal 

resembled the S1 state multiline EPR signal observed in wild-type PSII core complexes (upper 

trace), in terms of both peak positions and spacings. However, the intensity of the spectrum was 

low and the features below 375 G and above 650 G could not be obtained reproducibly. A 

perpendicular polarization multiline EPR signal was observed in extensively dark-adapted CP43-

E354Q PSII core complexes after illumination at 195 K (Figure 3B, lower trace). This signal was 

originally observed before illumination in mutant PSII core complexes that had been dark adapted 

for only 2 h. Further investigation revealed that the signal decayed very slowly at 4 °C (Figure 4), 

with about 60% of the signal decaying with a half-time of about 2.5 h and the remainder decaying 

with a half time greater than 20 hours (Figure 4). For the data shown in Figure 3B, the mutant 

core complexes were dark adapted 12 hours at 4 C followed by 6 h at room temperature to fully 

relax the S2 state before illumination. In terms of peak positions and spacing, this signal 

resembles the S2 state multiline EPR signal that is observed in wild-type PSII core complexes 

(Figure 3B, upper trace). We assign this signal to the S2 state and conclude that the S2 state is 

unusually stable in CP43-E354Q PSII core complexes. The signal’s superfine structure is 

different from that in wild-type, especially above 3500 G, and the peaks in the mutant spectrum 

are shifted 10 – 20 G to lower field compared to their positions in the wild-type spectrum. No 

features were evident between 600 and 2000 G in the mutant spectrum (Figure 3B, insert); the 

broad features observed in this region in the wild-type spectrum may correspond to cytochrome 

heme groups.  

 The integrated area of the seven peaks indicated in the mutant S2 state multiline EPR 

spectrum (asterisks in the lower trace of Figure 3B) was approximately 76% of the integrated area 
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of the corresponding peaks in the wild-type spectrum (asterisks in the upper trace of Figure 3). 

Accordingly, approximately 76% of the CP43-E354Q PSII core complexes were estimated to 

contain photooxidizable Mn4Ca clusters on the basis of the EPR data.  

 To determine if the mutant reaction centers are able to advance beyond the S2 state, 

extensively dark-adapted CP43-E354Q PSII core complexes were illuminated at 0ºC in the 

presence of 0.5 mM phenyl-1,4-benzoquinone as electron acceptor before being rapidly frozen in 

liquid nitrogen. The illuminated samples exhibited no “split” EPR signal characteristic of the 

S2YZ
• state in PSII preparations that are unable to advance to the S3 state (51-54) (data not 

shown). This observation implies that a majority of CP43-E354Q PSII core complexes are able to 

advance beyond the S2 state to the S3 state.  

X-ray Absorption Data. 

The Mn K-edge XANES spectra of CP43-E354Q PSII core complexes poised in the S1 

and S2 states were compared with the corresponding spectra of wild-type PSII core complexes 

(Figure 5). In the mutant core complexes, the S1 state was prepared by dark-adapting samples for 

12 hours at 4 C followed by six hours at room temperature. The Mn XANES spectra of the 

mutant core complex in both the S1 and S2 states, including the pre-edge features (inserts in 

Figure 5A and 5B) were similar to those of wild-type. In particular, the S2 state XANES spectrum 

of the mutant was identical to that of wild-type. The similarity of the wild-type and CP43-E354Q 

spectra is most clearly shown by the similarity of the second derivative spectra (Figures 5C and 

5D for the S1 and S2 states, respectively).    

 The Mn K-edge EXAFS spectra of CP43-E354Q PSII core complexes poised in the S1 

and S2 states were also compared with the corresponding spectra of wild-type PSII core 

complexes (Figure 6). The wild-type and mutant Mn EXAFS spectra in the S2 state were nearly 

indistinguishable, whereas small differences were apparent in the EXAFS spectra of the S1 state.  
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FTIR Data. 

The unusual stability of the S2 state multiline EPR signal in CP43-E354Q PSII core 

complexes led us to investigate the stability of the S2 state with FTIR difference spectroscopy. 

The spectrum induced by a single flash given to dark-adapted PSII core complexes corresponds 

predominantly to the S2-minus-S1 FTIR difference spectrum (55-58). In CP43-E354Q PSII core 

complexes, the difference spectrum that was generated by a single saturating flash given after 18 

h of dark adaptation at 273 K could only be fully regenerated by a subsequent flash after a 

lengthy dark recovery period of at least 10 hours at 273 K. However, most of the features in the 

difference spectrum were evident after 30 min of dark recovery (data not shown). Slowest to 

recover were features in the sym(COO) region, particularly the positive band at 1363 cm-1. 

Consequently, the unusually stability of the S2 state observed in the EPR experiments, and its 

multiphasic decay, were confirmed with FTIR, although the rates of decay were slower in the 

EPR samples than in the FTIR samples. Accordingly, most of the FTIR data were collected by 

dark adapting samples for 18 h at 273 K and subjecting each sample to single set of four 

excitation flashes. The samples were then discarded. To increase the signal-to-noise ratio of the 

recorded spectra, 800 scans were recorded after each measuring flash instead of the 100 scans that 

we employed previously (31, 44, 45). Consequently, the time spacing between flashes was 96 s 

instead of the 10 – 12 s that has been used in most previous FTIR studies of S-state turnovers 

[e.g., (32, 44, 46)].  

 The FTIR difference spectra induced by four successive flashes given to wild-type and 

CP43-E354Q PSII core complexes at 273 K after 18 h of dark adaptation are compared in Figure 

7. As noted in the previous paragraph, the spectra that are induced by the first flash should 

correspond predominantly to S2-minus-S1 FTIR difference spectra. When the overall amplitudes 

of the S2-minus-S1 FTIR difference spectra were normalized to the extent of flash-induced charge 
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separation in the samples (accomplished by normalizing the mutant and wild-type spectra to the 

peak-to-peak amplitudes of the negative ferricyanide peak at 2115 cm-1 and the positive 

ferrocyanide peak at 2038 cm-1 produced by the oxidation of QA
 by the ferricyanide), the 

amplitude of the mutant spectrum was found to be approximately 82% of the amplitude of the 

wild-type spectrum. Accordingly, approximately 82% of the CP43-E354Q PSII core complexes 

were estimated to contain photooxidizable Mn4Ca clusters on the basis of the FTIR data.   

 Because of the long time intervals between flashes (96 s), it was expected that significant 

fractions of wild-type PSII centers would relax between flashes (from the S2 state to the S1 state 

or from the S3 state to the S2 and S1 states). Consequently, it was expected that the difference 

spectra induced by the second, third, and fourth flashes applied to wild-type PSII core complexes 

would represent mixtures of S-state transitions. In support of this expectation, the fourth-flash 

difference spectrum of wild-type resembles the S0-minus-S3 FTIR difference spectrum that has 

been observed in previous studies after the third flash [e.g., (32, 44, 46)], although its amplitude 

is smaller. Evidently, the long time interval between flashes dampened the period-four 

oscillations of the wild-type FTIR difference spectra sufficiently that the S0-minus-S3 FTIR 

difference spectrum dominates after the fourth flash. Note especially the features at 1544(+) and 

1510(-) cm-1 and the features between 1440 and 1350 cm-1 in the fourth flash spectrum. These 

features, typically observed in S0-minus-S3 FTIR difference spectra (56-58), partly reverse 

spectral features that are present in the S2-minus-S1 and S3-minus-S2 FTIR difference spectra. In 

CP43-E354Q PSII core complexes, because of the unusual stability of the S2 state, the long time 

intervals between flashes should cause less damping of the FTIR difference spectra. In this 

regard, it is noteworthy that the second-flash spectrum of CP43-E354Q PSII core particles 

generally resembles the second-flash spectrum of wild-type and that the third- and fourth-flash  
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difference spectra of the mutant show no hint of spectral features reversing sign from those 

present in the first- and second-flash spectra.  

 The features in the third- and fourth-flash spectra of the CP43-E354Q PSII core particles 

differ from those in the first-flash spectrum. In particular, note the presence of the positive feature 

at 1586 cm-1 in the first-flash spectrum and its absence in the third- and fourth-flash spectra, the 

change in appearance of the spectra between 1460 and 1380 cm-1 between the first- and third-

flash spectra, and the appearance of features at 1375(-), 1362(+), and 1346(-) cm-1 in the third-

flash spectra. These spectral changes provide evidence that the majority of CP43-E354Q PSII 

core complexes advance beyond the S2 state, in agreement with the EPR data described earlier. 

Importantly, because the third- and fourth-flash difference spectra show no hint of spectral 

features reversing sign from those present in the first- and second-flash spectra, these data 

provide no evidence for S-state advancement beyond the S3 state in a majority of CP43-E354Q 

PSII core particles, although advancement beyond S3 in a minority of reaction centers (i.e., the 

approximately 20% that evolve O2 with normal flash yields and kinetics) would likely escape 

detection.  

 Because the second-, third-, and fourth-flash difference spectra represented mixtures of S 

oxidation states, we focused our attention on the features of the first-flash difference spectra. 

Because the wild-type and mutant samples were not given a preflash, the first-flash spectra may 

contain contributions from YD•-minus-YD (33). One of the largest features in the YD•-minus-YD 

FTIR difference spectrum is a negative band at 1703 cm-1 (32, 33, 59, 60). Because the negative 

feature at 1704 cm-1 in the wild-type first-flash spectrum is not significantly larger than the 

feature that is usually observed near this frequency in wild-type S2-minus-S1 FTIR difference 

spectra (55-58), the spectral features of YD•-minus-YD probably make only small contributions to 

the wild-type and CP43-E354Q first-flash spectra that are shown in Figure 7. However, the first-
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flash spectrum of the CP43-E354Q PSII core complexes should contain contributions from YZ•-

minus-YZ (31) because only 76 – 82% of the mutant complexes contain photooxidizable Mn4Ca 

clusters on the basis of our EPR and FTIR data (see above). The larger negative bands at 1702-

1703 cm-1 in the CP43-E354Q FTIR difference spectra compared to wild-type probably reflect 

the flash-induced formation of YZ
• in the fraction of CP43-E354Q PSII reaction centers that lack 

Mn4Ca clusters. However, the features of the YZ•-minus-YZ FTIR difference spectrum are 

relatively small except for positive bands at 1699, 1550, and 1512 cm-1 (31, 61). Therefore, we 

conclude that first-flash spectra are dominated by the wild-type and mutant S2-minus-S1 FTIR 

difference spectra and that differences between the wild-type and mutant spectra can be attributed 

to the CP43-E354Q mutation and not to contaminating features of YZ•-minus-YZ.  

 The S2-minus-S1 FTIR difference spectra of wild-type and CP43-E354Q PSII core 

complexes show many differences, especially throughout the symmetric carboxylate stretching 

[sym(COO)] region and the overlapping amide II and asymmetric carboxylate stretching 

[asym(COO)] regions (Figure 7, top set of traces). The largest differences include substantially 

diminished negative features at 1747, 1543, and 1522 cm-1, a substantially diminished positive 

feature at 1504 cm-1, the appearance of large positive features at 1667 cm-1 and 1528 cm-1, the 

appearance of a negative feature at 1570 cm-1, and a variety of peak shifts and/or amplitude 

changes between 1450 cm-1 and 1380 cm-1 in the mutant spectrum. These mutation-induced 

changes are substantially larger than those that are induced by mutations of other residues that 

have been assigned as Mn ligands in the current x-ray crystallographic structural models [e.g., 

D1-D170H (44, 62), D1-E189Q (45, 63), D1-D342N (31), and D1-A344G (33, 64-66)].  

 While this work was originally being prepared for submission, another study of the same 

mutant constructed independently in the same organism was published (28). The S2-minus-S1 

FTIR difference spectrum of CP43-E354Q reported in this study differs in many respects from 
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ours. In particular, the mutant spectrum more closely resembles that of wild-type, showing no 

significant differences near 1747 or 1543 cm-1 and fewer differences in the symmetric carboxylate 

stretching region between 1450 and 1380 cm-1 [see Figure 4 of ref. 28]. In comparing the two 

studies, we noticed three procedural differences that stood out. First, we had purified our PSII 

core complexes in the presence of 1.2 M betaine and 10% (v/v) glycerol, whereas they employed 

no betaine, instead using 25% (v/v) glycerol. Second, our samples had been dark-adapted for 18 

hours, whereas theirs were dark adapted for only 20 min. Third, our samples had been subjected 

to a single set of illuminating flashes, whereas theirs were flash-illuminated repeatedly, with a 20 

min period of dark adaptation between illuminations. Accordingly, we set out to acquire more 

FTIR data with samples that had been purified in the presence of 25% (v/v) glycerol (and no 

betaine), with samples that had been subjected to shorter periods of dark adaptation, and with 

samples that had been illuminated repeatedly after a suitable period of dark adaptation.   

 We first determined that S2 state was similarly stabilized in CP43-E354Q PSII core 

complexes whether they had been purified in the presence of 25% (v/v) glycerol or 1.2 M betaine 

and 10% (v/v) glycerol. This determination was made by comparing the decay of the S2 state 

multiline EPR signal in mutant PSII core complexes purified in the two types of buffer (data not 

shown). We also determined that the S2-minus-S1 FTIR difference spectrum of mutant PSII core 

complexes purified in the presence of 25% (v/v) glycerol appeared to exhibit the same FTIR 

difference spectra as those purified in the presence of 1.2 M betaine and 10% (v/v) glycerol when 

examined under the conditions of Figure 7 (i.e., an 18 hour dark adaptation time followed by a 

single set of flashes, data not shown). Accordingly, we examined the effect of shorter dark 

adaptation times.  

 The S2-minus-S1 FTIR difference spectra of wild-type and CP43-E354Q PSII core 

complexes recorded under a variety of conditions are compared in Figure 8. A comparison of 
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wild-type and mutant PSII core complexes that had been purified in the presence of 25% (v/v) 

glycerol, dark adapted for only two hours, then given a single flash is shown in Figure 8B (the 

same number of scans were accumulated after the flash as in Figure 7; to obtain a stable dark-

minus-dark baseline after only two hours of dark adaptation required recording these data at 250 

K instead of at 273 K). These data closely resemble the data acquired after an 18 h adaptation 

(top pair of traces in Figure 7, reproduced in Figure 8A to facilitate comparison). The primary 

differences are that the large positive feature at 1668 cm-1 in the mutant is less prominent and the 

positive feature at 1509 cm-1 is diminished to a larger extent. The other mutation-induced changes 

to the features at 1747 cm-1, 1569 cm-1, 1543 cm-1, 1528 cm-1, 1522 cm-1, and between 1450 cm-1 

and 1380 cm-1 noted earlier were still evident.  

 Next, we investigated the effect of repeatedly illuminating samples. For this purpose, 

wild-type and mutant PSII core complexes were compared after a 2 h dark adaptation time 

followed by 16 single flashes spaced by 30 min. For these experiments, PSII core complexes 

were purified in the presence of either 25% (v/v) glycerol (Figure 8C) or 1.2 M betaine and 10% 

(v/v) glycerol (Figure 8D). The data shown in Figures 8C and 8D closely resemble each other, 

again showing that the features of the spectra are not determined by the sample purification 

buffer. These data also closely resemble the data shown in Figure 8B: the positive feature at 1667 

cm-1 is less prevalent and the positive feature at 1507 cm-1 is diminished to a greater extent than in 

samples dark adapted for 18 h (Figure 8A). The primary difference between the data of Figured 

8C and 8D and the samples not subjected to repeated illuminations (Figures 8A and 8B) is a loss 

of positive intensity at 1364 cm-1 and the appearance of a derivative feature at 1370(+)/1359(-) 

cm-1 in the mutant difference spectra. As noted earlier, the 1364 cm-1 feature required ~ 10 h of 

dark adaptation for full recovery between flashes. We observed that the 1370(+)/1359(-) cm-1 

derivative feature became increasingly prominent as the flash illuminations increased (data not 
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shown). Consequently, only 16 illuminations were accumulated for the data shown in Figures 8C 

and 8D.   

 The data of Figure 8 show that, regardless of sample purification buffer, time of dark 

adaptation, or whether samples were illuminated once or multiple times, we obtained essentially 

the same spectral features in the S2-minus-S1 FTIR difference spectra of wild-type and CP43-

E354Q PSII core complexes. Consequently, the reasons for the different features of the spectra in 

ref. 28 remain unknown. To determine if the features between 1650 and 1450 cm-1 correspond to 

amide or asym(COO) modes, both wild-type and CP43-E354Q PSII core particles were 

uniformly labeled with 15N. A comparison of the midfrequency S2-minus-S1 FTIR difference 

spectra of unlabeled and 15N-labeled wild-type and CP43-E354Q PSII core complexes is shown 

in Figure 9. The difference spectrum of 15N-labeled wild-type PSII core complexes (Figure 9A, 

blue trace) closely resembles spectra reported previously for 15N-labeled PSII preparations from 

spinach (67), Thermosynechococcus elongatus (68) and Synechocystis sp. PCC 6803 (32, 69). In 

particular, the bands at 1552(+), 1543(–), 1531(+), and 1522(–) cm-1 have previously been 

identified as amide II modes because all four bands downshift appreciably after global 

incorporation of either 15N (32, 68, 69) or 13C (32, 68-70). The large positive band at 1587 cm-1 

was previously assigned to a νasym(COO–) mode because it is largely insensitive to the global 

incorporation of 15N (32, 68, 69), but downshifts by 30 – 35 cm-1 after global incorporation of 13C 

(32, 68-70). Of particular importance to this study, the large positive band at 1509 cm-1 appears to 

consist of overlapping amide II and νasym(COO–) modes (32, 68, 69). Similar 15N-induced shifts 

are observed in CP43-E354Q PSII core complexes (Figure 9B). In particular, the global 

incorporation of 15N downshifts the 1667 cm-1 feature to 1666 cm-1 and downshifts the positive 

feature at 1551 cm-1 to 1537 cm-1. The magnitudes of these shifts (1 cm-1 and 14 cm-1,  
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respectively) are consistent with the 1667 and 1551 cm-1 features corresponding to amide I and 

amide II modes, respectively (32, 68, 69).  

 To isolate the vibrational modes altered by the CP43-E354Q mutation and to display 

them more clearly, wild-type-minus-mutant double difference spectra were calculated for the four 

experimental conditions shown in Figure 8. Included with these double difference spectra (shown 

in Figure 10) are double difference spectra calculated with 15N-labeled wild-type and mutant PSII 

core complexes that were examined under two of the experimental conditions (blue traces in 

Figures 10A and 10C). As shown previously (Figs. 7 and 8), the CP43-E354Q mutation 

substantially diminishes the negative feature at 1747 cm-1. This feature has recently been assigned 

to the carbonyl stretching vibration (C=O) of a carboxylic acid residue whose pKA decreases in 

response to the S1 to S2 transition (47). Of particular interest to this study is the large negative 

band near 1524 cm-1 that appears in all of the double difference spectra. Because this band is 

largely unaltered by the global incorporation of 15N (Figs. 10A and 10C), it must correspond to 

the asym(COO) mode of a carboxylate residue that appears near 1524 cm-1 in the S1 state in wild-

type PSII preparations, but that is eliminated by the CP43-E354Q mutation. If the mutation 

eliminates this mode from the S1 state, then the mutation must also eliminate it from the S2 state. 

Consequently, there should be a corresponding positive peak in the double difference spectrum. It 

would be tempting to assign the positive feature near 1508 cm-1 in the double difference spectra 

to the asym(COO) mode in the S2 state. Indeed, this assignment was made by the authors of ref. 

28. However, the global incorporation of 15N causes the 1508 cm-1 mode to downshift by 13 – 15 

cm-1 (Figures 10A, C), showing that, although both amide II and νasym(COO–) modes contribute to 

the 1504 – 1509 feature in the wild-type S2-minus-S1 FTIR difference spectra, it is the amide II 

mode that is altered by the CP43-E354Q mutation, causing it to appear in the double difference 

spectrum. Nevertheless, because the 1506 – 1508 cm-1 feature in the double difference spectra is 
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quite broad, we cannot exclude the possibility that the νasym(COO–) mode of CP43-Glu354 also 

appears at 1506 – 1508 cm-1 in the double difference spectra of the 15N-labeled samples (e.g., see 

Figure 10C, blue trace at this frequency).  

 The large number of features present in the double difference spectra (Figure 10) shows 

that the CP43-E354Q mutation perturbs multiple carboxylate residues. To determine if the 

mutation perturbs the -COO group of D1-Ala344 at the C-terminus of the D1 polypeptide, the 

frequency of this mode was determined by specifically labeling wild-type and CP43-E354Q PSII 

core complexes with L-[1-13C]alanine (31, 33, 34, 66). A comparison of the unlabeled and L-[1-

13C]alanine-labeled S2-minus-S1 FTIR difference spectra of wild-type and CP43-E354Q PSII core 

complexes is shown in Figures 11A and 11B. The positive feature at 1600 cm-1 in the L-[1-

13C]alanine-labeled CP43-E354Q PSII core particles (Figure 11B) is characteristic of Mn-

depleted PSII (33) and is consistent with our conclusions that only 76 – 82% of the mutant PSII 

core complexes contain photooxidizable Mn4Ca clusters (see above). In Mn-depleted PSII core 

complexes, the incorporation of [1-13C]alanine produces no changes in the light-minus-dark FTIR 

difference spectrum between 1450 and 1200 cm-1 (33). Consequently, the [1-13C]alanine-induced 

changes that are apparent in the νsym(COO–) region of the S2-minus-S1 FTIR difference spectrum 

of CP43-E354Q PSII core complexes (Figure 11B) can be attributed to mutant PSII complexes 

that contain Mn4Ca clusters, and not to PSII complexes that lack Mn4Ca clusters.   

To isolate the L-[1-13C]alanine-shifted sym(COO–) modes and to display them more 

clearly, the 12C-minus-13C double difference spectra of the region between 1380 and 1280 cm-1 in 

the wild-type and mutant samples are presented in Figure 11C. The data show that the positions 

of the L-[1-13C]alanine-shifted modes are shifted 3 – 6 cm-1 to higher frequency in both the S1 and  

S2 states in CP43-E354Q PSII core complexes compared to their positions in wild-type, showing 
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that the -COO group of D1-Ala344 is perturbed by the CP43-E354Q mutation 4. 

Substrate water exchange data 

The results of 18O exchange measurements conducted with wild-type and CP43-E354Q 

thylakoid membranes poised in the S3 state are shown in Figure 12. The data revealed the 

biphasic kinetics that have been observed in all other PSII preparations and that are characteristic 

of the two substrate water binding sites (49, 71-75). The wild-type (black circles) and CP43-

E354Q (red circles) data are presented in Figure 12 along with the exchange kinetics, fit 

according to Equation 1 and depicted with solid lines. The extracted rate constants are listed in 

Table 2. The inset to Figure 12 shows a shorter time scale to better compare the kinetics of the 

fast phase. The exchange rate constants for the wild-type thylakoids were k1 = 0.47 ± 0.04 s-1 and 

k2 = 19.7 ± 1.3 s-1 for the slow and fast phases, respectively. The exchange rates for the CP43-

E354Q thylakoids were k1 = 0.86 ± 0.35 s-1 and k2 = 167 ± 38 s-1 for the slow and fast phases, 

respectively. The most striking impact of the CP43-E354Q mutation is its profound acceleration 

of the fast exchange rate. The CP43-E354Q mutation accelerated the fast phase of substrate water 

exchange, k2, by a factor of 8.5 ± 2.0 and accelerated the slow phase, k1, by a factor of 1.8 ± 0.8. 

Evidently, both substrate-binding sites are perturbed by the mutation and both interact more 

weakly with substrate water in the mutant in the S3 state compared to wild-type. However, the 

profound acceleration in the fast phase underlies a far more significant perturbation to the 

substrate water site that is in rapid exchange.  

 
2.5 Discussion 

Our observation that CP43-E354Q thylakoid membranes evolve O2 with normal S-state 

parameters and release kinetics shows that, in at least a fraction of CP43-E354Q PSII reaction 

                                                 
4 Specific L-[1-13C]alanine-labeling of PSII shifts the sym(COO–) mode of the -COO– group of D1-
Ala344 by either ~ 19 or ~ 36 cm-1 (31, 33, 34, 66). It is not yet possible to distinguish between these two 
possibilities. 
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centers, the S-state transitions proceed normally. This fraction was estimated to be about 20% on 

the basis of the steady state rate of O2 evolution in CP43-E354Q cells and the amplitudes of the 

O2 flash yields in CP43-E354Q thylakoid membranes. In contrast, between 76% and 82% of the 

purified CP43-E354Q PSII core complexes contain photooxidizable Mn4Ca clusters, as estimated 

on the basis of the amplitude of the mutant S2 state multiline EPR signal and the amplitude of the 

mutant S2-minus-S1 FTIR difference spectrum. Although both the EPR and FTIR data provide 

evidence that a majority of CP43-E354Q PSII reaction centers advance beyond the S2 state, the 

FTIR data provide no evidence that a substantial fraction advances beyond the S3 state. We 

conclude that the CP43-E354Q PSII reaction centers are heterogeneous, with a minority able to 

evolve O2 with normal S-state parameters and O2 release kinetics and a majority capable of 

achieving the S3 state, but unable to advance beyond the S3 state. Evidence for heterogeneity was 

also provided by the decay kinetics of the S2 state. In the EPR samples, the S2 state multiline EPR 

signal decayed with approximate half-times of ~ 2.5 h and > 20 h, respectively. In the FTIR 

samples, the decay times were much faster, with the S2 state decaying within 30 min in most PSII 

reaction centers, but requiring up to 10 hours in others. We presume that the difference in decay 

kinetics in the EPR and FTIR samples reflects differences in the illumination protocols employed 

for generating the S2 state and/or differences in the buffers employed for the two sets of 

measurements. It should be noted that a recent study of an independently constructed CP43-

E354Q mutation in Synechocystis sp. PCC 6803 reported no apparent heterogeneity (28). 

However, the characterizations reported in that study did not include measurements of O2 flash 

yields and is unclear if the delayed luminescence data would have been sensitive to a small (~ 

20%) fraction of Mn4Ca clusters that evolve O2 with normal S-state parameters.   

 What could be the reason for the heterogeneity our CP43-E354Q PSII reaction centers? 

Proton-coupled electron transfer processes are believed to provide the driving force for oxidizing 
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the Mn4Ca cluster in its higher oxidation states (7-10). Recent models postulate that CP43-

Arg357 (or D1-Asp61) serves as a redox-activated catalytic base that facilitates the oxidation of 

the Mn4Ca cluster during the S2 to S3 and S3 to S4 transitions (7, 13, 21, 22, 76-79). In these 

models, the formation of YZ
• when the Mn4Ca cluster is in its S2 or S3 states triggers the 

deprotonation of CP43-Arg357 (or D1-Asp61) to the thylakoid lumen. Deprotonation to the 

lumen is necessary from energetic considerations (80) and takes place via a network of 

protonatable amino acid side chains and water molecules such as those envisaged to exist in the 

potential proton egress channels that have been identified in the x-ray crystallographic structural 

models (1, 5, 81-84). Kinetically efficient proton transfer through these channels requires finely 

tuned pKa differences between key residues and transient formation of clusters of water molecules 

(80, 85-87). An alteration of these pKa values may slow oxidation of the Mn4Ca cluster in the 

same manner that mutations that impair proton uptake also slow the transfer of an electron from 

QA
•– to QB

•– in reaction centers of Rhodobacter sphaeroides (88-90) and the reduction of O2 to 

H2O in cytochrome c oxidase (91-93). The heterogeneity of CP43-E354Q may arise from a 

mutation-induced alteration of the pKa value(s) of one or more key residues that alters the static or 

dynamic properties of a network of hydrogen bonds that comprises part of a dominant proton 

egress channel.  

 A mutation-induced alteration of a network of hydrogen bonds in the vicinity of the 

Mn4Ca cluster is evident from the S2-minus-S1 FTIR difference spectrum of CP43-E354Q PSII 

core complexes. The data, obtained under a variety of conditions (Figure 10), show that the 

mutation substantially diminishes or eliminates the negative feature at 1747 cm-1 that was recently 

assigned to a carboxylate group whose pKa decreases during the S1 to S2 transition (47). This 

carboxylate group participates in a network of hydrogen bonds that extends at least 20 Å across 

the lumenal face of the Mn4Ca cluster and includes D1-Asp61, D1-Glu65, D1-Glu329, and D2-
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Glu312, and presumably also includes the Cl ion that is coordinated by D2-Lys317 (47). The near 

or complete elimination of the negative feature at 1747 cm-1 suggests that CP43-Glu354 

participates in the same network and shows that the CP43-E354Q mutation disrupts the network 

sufficiently that, in at least a majority of PSII reaction centers, the structural perturbations 

associated with the S1 to S2 transition are no longer transmitted to the carboxylate group that 

gives rise to the 1747 cm-1 band.  

 An unusually stable S2 state is also characteristic of PSII preparations that have been 

depleted of Ca in the presence of the flexible poly-carboxylic acids EDTA, EGTA, or citrate (94-

97). The inability of these Ca-depleted PSII preparations to advance beyond the S2YZ
 state, and 

the unusual stability of the S2 state in these preparations, has been attributed to the participation 

of the Ca ion in the network of hydrogen bonds that facilitates the oxidation of the Mn4Ca cluster 

in its higher oxidation states (98, 99). Consequently, the unusually stability of the S2 state in 

CP43-E354Q PSII core complexes may also reflect a mutation-induced alteration to the pKa 

values of residues involved in the deprotonation reactions that facilitate oxidation of the Mn4Ca 

cluster in its higher oxidation states.  

 The small differences between the wild-type and mutant Mn-XANES and Mn-EXAFS 

spectra show that the geometric structure and electronic characteristics of the Mn4Ca cluster are 

only subtly perturbed by the CP43-E354Q mutation. The light-driven assembly of the Mn4Ca 

cluster involves the binding and photooxidation of a single Mn(II) ion to Mn(III), followed by 

protein structural rearrangements that create or increase the affinity of the binding sites for the 

additional Mn(II) ions and the Ca ion (100, 101). After these ions bind, the Mn ions are 

photooxidized to their Mn(III/IV) oxidation states characteristic of the physiological S-states. 

Evidently, the elimination of a negatively charged glutamate residue at position 354 of the CP43 

polypeptide has little effect on the cluster’s ability to assemble and to achieve its native 
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conformation, at least in the S1 and S2 states. In contrast, the D1-H332E mutation of 

Synechocystis sp. PCC 6803 substantially alters both the geometric structure and electronic 

characteristics of the Mn4Ca cluster, shifting the Mn K-edge energy to a lower energy and 

elongating the Mn-Mn and Mn-ligand interactions to a far greater extent than are caused by any 

biochemical treatment (e.g, removal of Ca, exchange of Sr for Ca, or inhibition with NH3) (102). 

In the case of the D1-H332E mutation, these substantial alterations were interpreted in terms of a 

negatively charged carboxylate oxygen replacing the τ histidyl nitrogen of D1-His332 as a ligand 

to a Mn(III) or Mn(IV) ion (102). In the case of the CP43-E354Q mutation, because of the 

insensitivity of the Mn-XANES and Mn-EXAFS to the mutation, it remains an open question 

whether the carboxylate oxygen(s) of Glu354 is(are) replaced by the carbonyl oxygen and/or 

amine nitrogen of Gln or by one (or two) small molecule(s) (e.g., water), or if the Mn ion(s) 

become(s) coordination deficient in the mutant.  

 The similarity of the S2 state multiline EPR signals of wild-type and CP43-E354Q PSII 

core complexes also shows that the mutation has little effect on the structure or electronic 

properties of the Mn4Ca cluster in the S2 state. The small differences between the appearance of 

the wild-type and mutant spectra show that the magnetic interactions that give rise to the S2 state 

multiline EPR signal (103-105) are only subtly altered by the CP43-E354Q mutation. In contrast, 

both the Synechocystis D1-H332E mutation (30, 106) and the substitution of Sr for Ca (e.g., refs. 

34 and 107) substantially perturb these interactions and substantially alter the appearance of the 

S2 state multiline EPR signal. The spectral features of the mutant S1 state multiline EPR signal 

below 375 G and above 650 G could not be obtained reproducibly. Consequently, it cannot be 

concluded that the signal is the same as in wild-type. Nevertheless, the similarity of the wild-type 

and mutant spectra between 375 and 650 G in terms of both peak positions and spacings suggests 
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that the magnetic interactions that give rise to this signal are also only subtly altered by the CP43-

E354Q mutation.   

 Our FTIR data show that the CP43-E354Q mutation introduces far more perturbations 

into the environment of the Mn4Ca cluster that than are introduced by mutations that have been 

constructed at other putative cluster ligands such as D1-Asp170 (44, 62), D1-Glu189 (45, 63), 

D1-Asp342 (31), and the -COO group of D1-Ala344 (33, 64-66). In particular, the S2-minus-S1 

FTIR difference spectrum of CP43-E354Q PSII core complexes showed alterations throughout 

the amide II, asym(COO) and sym(COO) regions. This was true whether the PSII core 

complexes were purified in the presence of 1.2 M betaine or 25% (v/v) glycerol, whether the 

samples were dark adapted for 18 h or 2 h, or whether the samples were illuminated only once or 

repeatedly with 30 min of dark adaptation between flashes. Global labeling with 15N showed that 

the CP43-E354Q mutation perturbs both amide II and carboxylate stretching modes. Specific 

labeling with L-[1-13C]alanine showed that the CP43-E354Q mutation shifts the sym(COO) 

mode of the -COO group of D1-Ala344 to higher frequencies by 3 – 6 cm-1 in both the S1 and 

S2 states. These data are an indication that the CP43-E354Q mutation perturbs multiple 

carboxylate groups in the vicinity of the Mn4Ca cluster. Because the sym(COO) mode of the -

COO group of D1-Ala344 downshifts in frequency during the S1 to S2 transition to 

approximately the same extent in both wild-type and CP43-E354Q PSII core complexes, these 

data also show that the same Mn ion undergoes oxidation during the S1 to S2 transition in the 

mutant as in wild-type 5.  

                                                 
5 The spectrum reported in a preliminary version of this study (27) as corresponding to the S2-minus-S1 
FTIR difference spectrum in CP43-E354Q PSII core complexes actually corresponds most closely to the 
S3-minus-S2 FTIR difference spectrum. The error arose because of the unusual stability of the S2 state in the 
mutant and because the samples examined in ref. 27 were given a pre-flash 5 min before measurement. 
Consequently, two conclusionS-stated in ref. 27, namely that a different Mn ion undergoes oxidation during 
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 As noted earlier, the S2-minus-S1 FTIR difference spectrum of CP43-E354Q PSII core 

complexes that was published recently by Shimada et al. (28) has fewer differences with wild-

type than our mutant spectrum. Because our wild-type and mutant S2-minus-S1 FTIR difference 

spectra were essentially the same regardless of sample purification buffer, time of dark 

adaptation, or whether the samples were illuminated once or multiple times, the reasons for the 

differences between the spectra presented in ref. (28) and the current study remain unknown. In 

ref. 28, the four largest features in the wild-type-minus-mutant double difference spectrum were 

assigned to the asym(COO–) and sym(COO–) modes of CP43-E354Q on the basis of their 

insensitivity to D2O/H2O exchange (28). In that study, the negative features at 1525 cm-1 and 

1394 cm-1 were assigned to the asym(COO–) and sym(COO–) modes of CP43-E354Q in the S1 

state, respectively, and the positive features at 1502 cm-1 and 1431 cm-1 were assigned to the 

asym(COO–) and sym(COO–) modes of CP43-E354Q in the S2 state, respectively (28). On the 

basis of these assignments, CP43-Glu354 was proposed to bridge two Mn ions in the S1 state and 

shift to chelating bidentate coordination of a single Mn ion in the S2 state (28).   

 However, we consistently observed more features in the sym(COO–) region of our double 

difference spectra than the authors of ref. 28. In particular, our double difference spectra contain 

an extra pair of bands at 1406(+) and 1416(–) cm-1 that are as intense as those at 1429(+) and 

1395(–) cm-1. Consequently, we were unable to uniquely assign a particular sym(COO–) mode to 

CP43-Glu354 in either the S1 or S2 states. In addition, we could not identify the asym(COO–) 

mode of CP43-Glu354 in the S2 state. Although the authors of ref. 28 assigned a positive feature 

at 1502 cm-1 to this mode, we observed that the corresponding feature in our double difference 

spectra (appearing at 1506 – 1508 cm-1) downshifted by 14 – 15 cm-1 after global labeling with 

                                                                                                                                                 
the S1 to S2 transition in the mutant and that different functional groups necessarily give rise to the 1400(–) 
cm-1 and 1588(+) cm-1 bands in the wild-type S2-minus-S1 FTIR difference spectrum, are invalid. 
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15N, consistent with the assignment of this feature to an amide II mode but incompatible with the 

assignment of this feature to a carboxylate mode. Because the 1506 – 1508 cm-1 feature is quite 

broad, we cannot exclude the possibility that the νasym(COO–) mode of CP43-Glu354 appears at 

this frequency and underlies the amide II mode in the double difference spectrum of the 15N-

labeled samples. However, a more straightforward interpretation of our 15N data is that the 

positive feature at 1506 – 1508 cm-1 in our double difference spectrum corresponds solely to an 

amide II mode. This would imply that the asym(COO–) mode of CP43-Glu354 in the S2 state 

appears elsewhere in the spectrum and is obscured by the amide II or asym(COO–) mode of 

another residue that is perturbed by the mutation.  

 Our data show that the CP43-E354Q mutation eliminates a asym(COO–) mode at 1524 

cm-1 from the wild-type S2-minus-S1 FTIR difference spectrum. We assign this mode to the 

asym(COO–) mode of CP43-Glu354 in the S1 state, in agreement with the authors of ref. 28. The 

presence of this mode in the S2-minus-S1 FTIR difference spectrum of wild-type shows that the 

carboxylate group of CP43-Glu354 is perturbed by the electrostatic influences that arise from the 

positive charge that develops on the Mn4Ca cluster during the S1 to S2 transition. The elimination 

of this mode by the CP43-E354Q mutation is consistent with ligation of the Mn4Ca cluster by 

CP43-Glu354. This conclusion is in agreement with the authors of ref. 28 and supports a recent 

prediction made on the basis of QM/MM calculations that CP43-Glu354 ligates along the Jahn-

Teller axis of a Mn(III) ion and that its asym(COO–) mode shifts during the S1 to S2 transition (22, 

78).  

 The frequencies of the νasym(COO) and νsym(COO) modes in metalcarboxylate 

complexes, and the difference in frequency between them, Δν, vary significantly with the metal 

ion and the type of carboxylate coordination (108-112). The νsym(COO) and νasym(COO) modes 

of free ionic Glu and Asp residues generally appear near 1402 – 1404 cm-1 and between 1556 and 
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1579 cm-1, respectively, corresponding to Δν = 152 – 177 cm-1 (113-116). Indeed, having Δν  

160 cm-1 is typical of free ionic carboxylates. Unidentate ligation of a metal ion generally shifts 

the νsym(COO) and νasym(COO) modes to lower and higher frequencies, respectively, increasing 

Δν to more than 200 cm-1 (108-112). Bidentate chelating coordination (characterized by both 

carboxylate oxygens ligating a single metal ion) generally shifts the νsym(COO) and νasym(COO) 

modes to higher and lower frequencies, respectively, resulting in Δν < 100 cm-1 (108-112). 

Bidentate bridging ligation (characterized by the carboxylate group bridging two metal ions) can 

shift the νsym(COO) and νasym(COO) modes in either direction and typically results in Δν being 

similar to the values found in free ionic carboxylates (108-112). Because the νasym(COO) mode 

of CP43-Glu354 appears at ~ 1524 cm-1 in the S1 state, a frequency much lower than that of free 

ionic Asp and Glu residues, our data are inconsistent with unidentate coordination of CP43-

Glu354 to a single metal ion, at least in the S1 state. If the νsym(COO) of CP43-Glu354 in the S1 

state corresponds to one of the negative bands observed at 1416, 1395, or 1351 cm-1 in our wild-

type-minus-mutant double difference spectra, then our data would be most consistent with CP43-

Glu354 bridging two metal ions, such as depicted in the 3.0 and 2.9 Å crystallographic structural 

models (and in the recently announced 1.9 Å structural model – see footnote 2). Consequently, 

our data support the conclusion of ref. 28 that CP43-Glu354 serves a as a bridging ligand between 

two Mn ions. However, because we cannot attribute the positive feature at 1506 – 1508 cm-1 in 

our double difference spectra to the asym(COO–) mode of CP43-Glu354 in the S2 state and cannot 

uniquely assign specific sym(COO–) modes to CP43-Glu354, we cannot confirm another 

conclusion of ref. 28, that CP43-Glu354 residue changes its coordination mode during the S1 to S2 

transition. We would note that 15N labeling is more reliable than D2O/H2O exchange for 

differentiating amide II from asym(COO–) modes because 15N labeling does not rely on D2O 

replacing H2O in all regions of an assembled protein complex.  
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 One of the most striking results of the FTIR studies on PSII to date is the stunning 

insensitivity of the individual FTIR difference spectra to the mutation of at least three of the 

Mn4Ca cluster’s six putative carboxylate ligands. Not only do mutations of D1-Asp170 (44, 62), 

D1-Glu189 (45, 63), and D1-Asp342 (31) fail to eliminate any carboxylate vibrational stretching 

modes, they fail to produce significant changes in polypeptide backbone conformations as shown 

by the lack of significant mutation-induced alterations to the amide I and amide II regions of the 

spectra. Whereas some of the features in the Sn+1-minus-Sn FTIR difference spectra of PSII clearly 

correspond to first coordination sphere ligands (i.e., CP43-Glu354 and the -COO group of D1-

Ala344), the majority of these features evidently correspond to residues in the cluster’s second 

coordination sphere and beyond and reflect the response of the protein to the positive charge that 

develops on the Mn4Ca cluster during the S1 to S2 transition [e.g., see ref. 47] and to the structural 

changes that are associated with the S2 to S3, S3 to S0, and S0 to S1 transitions.  

 The exchange rates of the rapidly exchanging and slowly exchanging substrate water 

molecules in the S3 state were increased 8.5-fold and 1.8-fold in CP43-E354Q thylakoid 

membranes, respectively. These results show that the CP43-E354Q mutation weakens the binding 

of both substrate water molecules to their respective binding sites in the S3 state, especially that of 

the more rapidly exchanging substrate water molecule. The 8.5-fold acceleration is the largest 

perturbation to the rapid exchange rate yet observed in any system. In earlier work, we considered 

whether the substrate water molecule in fast exchange was kinetically limited by (i) substrate 

diffusion into/out of the catalytic site, or (ii) metal ligand exchange (49, 50, 75, 117). Either 

possibility would be kinetically tenable, with the former possibility implying rapid ligand 

exchange followed by kinetically limiting substrate accessibility. Conversely, the substrate water 

molecule in slow exchange was argued to be kinetically limited by metal ligand exchange. Recent 

molecular dynamics simulations of water diffusion in PSII provide evidence that substrate entry 
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takes place many orders of magnitude faster than the measured rates of substrate water exchange 

(118). Consequently, the measured exchange rates for both substrate water molecules must reflect 

metal-ligand oxygen exchange rates. The rates of metal ligand exchange depend on many factors 

including the charge and ionic radius of the metal ion, the electronic occupancy of the d orbitals, 

the degree of protonation of the bound water molecule, and the degree of protonation of 

neighboring ligands (75, 117). Despite our limited knowledge of these factors with respect to the 

Mn4Ca cluster in PSII, the fact that the CP43-E354Q mutation substantially perturbs the exchange 

rate of the rapidly exchanging substrate water molecule provides strong evidence that CP43-

Glu354 interacts with a substrate water-derived ligand in the S3 state. Whether this interaction is 

direct or indirect remains unclear. If the interaction is direct (i.e., if CP43-Glu354 coordinates to 

the Mn ion that binds the substrate water that is in fast exchange), then the Mn-oxygen bond must 

be weakened by the change in Mn ligation produced by the CP43-E354Q mutation. If the 

interaction is indirect, (i.e., if CP43-Glu354 interacts with a substrate water molecule on a 

different metal ion via one or more hydrogen bonds), then the metal-oxygen bond must be 

weakened because of changes to the hydrogen bonds that connect the water molecule to CP43-

Glu354. Both possibilities are potentially feasible and both imply a close association of the 

substrate water-derived oxygen ligand with CP43-Glu354. On the basis of earlier estimates of 

substrate water-metal bond strengths derived from an analysis of Arrhenius parameters with 

transition state theory (50), the 8.5-fold increase in exchange rate corresponds to an 

approximately 5.3 kJ/mol decrease in the barrier to ligand exchange, corresponding to a 14% 

decrease in the total predicted bond enthalpy. A change in predicted bond enthalpy of this 

magnitude can readily be accommodated by a change in the first coordination sphere of a metal 

ion; for example, replacing Glu with Gln could produce either cis or trans ligand effects on a 

substrate water molecule or water-derived ligand such as a μ-oxo bridge (75, 119). It might also 
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be accommodated by a change in the second coordination sphere (i.e., to the hydrogen bonds that 

interact with the substrate water molecule), but we are unaware of any documented examples of 

this in the inorganic literature.  

 The identification of water molecules coordinated to Mn or Ca in high resolution x-ray 

crystallographic structural models of PSII (e.g., see footnote 2) would be highly significant 

because two of these water molecules may ultimately provide the substrate oxygen atoms for the 

O-O bond. Mass spectrometry studies of H2
18O-exchange have shown that both substrate water 

molecules are already bound in the S2 state and that these are bound in different chemical forms 

or environments (e.g., to different metal ions) (50, 120). However, the precise chemical nature of 

this water molecule (i.e., whether it corresponds to a terminal water molecule, to a water-derived 

metal ligand such as a terminal hydroxo or oxo species, or to a μ-oxo bridge between two metal 

ions) remains to be established, although a terminal species has been advocated on the basis of 

rate constants and activation energies (50, 75). The final unresolved question central to the 

chemistry of water oxidation is whether both substrate oxygen atoms correspond to the terminal 

water molecules detected in FTIR studies (121-123), or if at least one corresponds to a μ-oxo 

bridge between two Mn ions, as proposed on the basis of pulsed EPR studies employing 17O and 

2H (124, 125). 

 Our discovery, that the CP43-E354Q mutation perturbs the substrate water molecule (or 

water-derived ligand) that is in fast exchange complements the data presented in the recent FTIR 

study of Shimada et al. (28). The authors of this study examined the weakly H-bonded O-H 

stretching region of the S2-minus-S1 FTIR difference spectrum of wild-type and CP43-E354Q 

PSII particles and concluded that a water molecule binds to same Mn ion that is ligated by CP43-

Glu354, although an indirect interaction via hydrogen bonds was not excluded. Our mass 

spectrometry data are consistent with these results and additionally show that the water molecule 
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detected in ref. 28 and in earlier FTIR studies (120, 121) corresponds to a substrate water 

molecule. One interesting aspect of our 18O exchange measurements is that the substantially 

accelerated rates of substrate water exchange in the S3 state have no apparent effect on the S-state 

parameters or O2 release kinetics that were measured polarographically. This lack of correlation 

implies that the binding affinities of the substrate water molecules in the S3 state do not factor in 

the rate limiting step of O-O bond formation. 

Summary and Conclusion 

 Mutant CP43-E354Q PSII reaction centers are heterogeneous, with a minority able to 

evolve O2 with normal S-state parameters and O2 release kinetics and a majority capable of 

achieving the S3 state, but unable to advance beyond the S3 state. Although both EPR and x-ray 

absorption data show that the CP43-E354Q mutation only subtly perturbs the structure and 

electronic properties of the Mn4Ca cluster in the S1 and S2 states, FTIR and H2
18O exchange data 

show that CP43-Glu354 interacts with the Mn4Ca cluster sufficiently that the CP43-E354Q 

mutation perturbs numerous amide and carboxylate stretching modes and weakens the binding of 

both substrate water molecules, especially the one that exchanges rapidly. Our FTIR data provide 

evidence that CP43-Glu354 coordinates to the Mn4Ca cluster in the S1 state as a bridging ligand 

between two metal ions, but provide no compelling evidence that this residue changes its 

coordination mode during the S1 to S2 transition. Our H2
18O exchange data additionally provide 

evidence that CP43-Glu354 interacts with the Mn ion that ligates the substrate water molecule (or 

water-derived ligand) that undergoes rapid exchange in the S3 state. 
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2.8 Tables and Figures 
 
Table 2.1 Membranes were given a series of 20 pre-flashes followed by a 10 min dark-
adaptation period prior to the initiation of the measuring flash sequence. Numerical analysis of 
the O2 flash-yield amplitudes was performed assuming a four-state model as described previously 
(39, 40).  
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Table 1. S-state decay cycling parameters of CP43-E354Q membranes  

 

 

Strain 

S-state distribution: 

S0:S1:S2:S3 (%) 

 

Misses 

 (%) 

 

Hits 

 (%) 

 

Double hits 

 (%) 

 

Deactivations 

 (%) 

 
Wild-Type 

 

 
36:62:2:0 

 
9 

 
86 

 
3 

 
2 

 
CP43-E354Q 

 

 
31:63:6:0 

 
9 

 
84 

 
4 

 
3 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Table 2.1 
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Table 2.2 Buffer solution medium: 40 mM MES, pH 6.5, 15 mM MgCl2, 15 mM CaCl2, 
10% glycerol, 1.2 M betaine. 
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Table 2: Rate constants for 18O exchange in the S3 state of Wild-type and CP43-E354Q thylakoid 
membranes from Synechocystis sp. PCC 6803  
 

Sample 
 

k1 (s
-1) k2 (s

-1) 

WT 
 

0.47±0.04 19.7±1.3 

CP43-E354Q 
 

0.86±0.35 167±38 

 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Table 2.2 
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Figure 2.1  Comparison of the flash O2 yield patterns of wild-type (A) and CP43-E354Q (B) 
thylakoid membranes in response to 15 saturating xenon flashes applied at a frequency of 4 Hz. 
Equivalent amounts of thylakoid membranes were deposited centrifugally on the surface of a 
bare-platinum electrode, subjected to 20 preflashes, then dark-adapted for ten minutes before the 
sequence of measuring flashes was initiated.  
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Figure 2.2 Comparison of the flash-induced O2 signals of wild-type (black traces) and 
CP43-E354Q (red traces) thylakoid membranes plotted on (A) linear and (B) logarithmic time 
scales. The traces have been normalized to facilitate comparison (the data of the mutant was 
multiplied vertically by a factor of 3.6). Equivalent amounts of thylakoid membranes were 
deposited centrifugally on the surface of a bare-platinum electrode and given a sequence of 100 
saturating xenon flashes at 4 Hz. The data show the averages from each set of 100 kinetic traces.   
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Figure 2.3 Comparison of the parallel polarization S1 state (A) and light-minus-dark 
perpendicular polarization S2 state (B) multiline EPR signals of wild-type (black) and CP43-
E354Q (red) PSII core complexes. The wild-type and mutant samples in (A) contained 125 μL of 
6.7 mg of Chl/mL and 8.1 mg of Chl/mL, respectively and were deaerated prior to measurement 
to remove condensed O2. To facilitate comparison, the mutant spectrum has been multiplied 
vertically by a factor of 4. Features below 375 G or above 650 G in the mutant spectrum were not 
reproducible. The sample buffer in (A) consisted of 1.2 M betaine, 10% (v/v) glycerol, 10 mM 
MES-NaOH (pH 6.0), 10 mM CaCl2, 5 mM MgCl2, 50 mM histidine, 1 mM EDTA, and 0.03% 
(w/v) n-dodecyl -D-maltoside. The wild-type and mutant samples in (B) contained 100 μL of 
11.0 mg of Chl/mL and 60 μL of 10.9 mg of Chl/mL, respectively. The sample buffer consisted 
of 1.2 M betaine, 40% (v/v) glycerol, 10 mM MES-NaOH (pH 6.0), 10 mM CaCl2, 5 mM MgCl2, 
and 0.03% (w/v) n-dodecyl -D-maltoside. The data in (A) were recorded at 4.7 K with a 
microwave frequency of 9.3822 GHz, a microwave power of 50 mW, a modulation amplitude of 
9 G, a modulation frequency of 100 GHz, a time constant of 81 ms, and a scan time of 170 s/1100 
G. The wild-type and mutant spectra represent the averages of 25 and 100 scans, respectively. 
The data in (B) were recorded at 9 K with a microwave frequency of 9.2579 GHz, a microwave 
power of 5 mW, a modulation amplitude of 8 G, a modulation frequency of 100 kHz, a time 
constant of 250 ms, and a scan time of 4 min/3300 G. To generate the S2 state in (B), samples 
were illuminated for 5 min at 195 K before being flash-frozen in liquid nitrogen. Both spectra in 
(B) have had the large signal of YD

 at g = 2 excised for clarity. Each spectrum in (B) represents 
the average of 60 scans. To correct for the lower amount of Chl in the mutant sample, the mutant 
spectrum in (B) has been multiplied vertically by a factor of 1.67.  Asterisks denote peaks used to 
estimate the relative amplitudes of the signals (see text). The insert in (B) shows light-minus-dark 
scans between 600 and 3800 G. 
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Figure 2.4 The decay of the S2 state in CP43-E354Q PSII core complexes as measured from 
the decay of the S2 state multiline EPR signal at 4°C. The signal amplitude was estimated from 
the area under the six low-field lines shown as asterisks in Figure 3.  
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Figure 2.5 Comparison of the Mn K-edge XANES spectra of wild-type (blue traces) and CP43-
E354Q (red traces) in PSII core complexes poised in the S1 state by extensive dark-adaptation (A) 
and in the S2 state after illumination (B). The corresponding second derivatives of the data in (A) 
and (B) are shown in (C) and (D), respectively.    
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Figure 2.6 Comparison of the Fourier transforms of k3-weighted Mn-EXAFS of wild-type 
(A) and CP43-E354Q (B) PSII core complexes poised in the S1 (blue traces) and S2 traces (red 
traces). The wild-type spectra from (A) are reproduced in (B) in grey. 
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Figure 2.7 Comparison of the midfrequency FTIR difference spectra of wild-type (black 
traces) and CP43-E354Q (red traces) PSII core complexes in response to four successive flash 
illuminations applied at 273 K and spaced by 96 s. The spectra were normalized to the peak-to-
peak amplitudes of the negative ferricyanide peak at 2115 cm-1 and the positive ferrocyanide peak 
at 2038 cm-1 (these peaks reflect the reduction of the ferricyanide electron acceptor by QA

). The 
wild-type spectra represent the averages of seven samples (5,600 scans). The CP43-E354Q 
spectra represent the averages of nine samples (7,200 scans). Samples were given a single set of 
four flashes at 273 K after having been dark adapted for 18 hours at the same temperature. The 
data recorded after the 1st flash are dominated by the S1 to S2 transition and represent S2-minus-S1 
FTIR difference spectra. Dark-minus-dark control spectra are included to show the noise level 
(lower traces). 
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Figure 2.8 Comparison of the midfrequency S2-minus-S1 FTIR difference spectra of wild-
type (black traces) and CP43-E354Q (red traces) PSII core complexes purified and examined 
under a variety of conditions. In panel (A), samples were purified in the presence of 1.2 M 
betaine and 10% (v/v) glycerol, dark adapted for 18 hr, then subjected to a single set of flashes at 
273 K (data reproduced from Figure 8, top set of traces). In panel (B), samples were purified in 
the presence of 25% (v/v) glycerol, dark adapted 2 h, then given a single flash at 250 K [the wild-
type and mutant samples correspond to the averages of three samples (2,400 scans) and four 
samples (3,200 scans), respectively]. In panel (C), samples were purified in the presence of 25% 
(v/v) glycerol, dark adapted 2 h, then given 16 flashes spaced 30 min apart at 273 K [the wild-
type and mutant samples correspond to the averages of four samples each (12,800 scans each). In 
panel (D), samples were purified in the presence of 1.2 M betaine and 10% (v/v) glycerol, dark 
adapted 2 h, then given 16 flashes spaced 30 min apart at 273 K [the wild-type and mutant 
samples correspond to the averages of four samples each (12,800 scans each). Within each panel, 
the spectra were normalized to the peak-to-peak amplitudes of the negative ferricyanide peak at 
2115 cm-1 and the positive ferrocyanide peak at 2038 cm-1.   
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Figure 2.9 Comparison of the midfrequency S2-minus-S1 FTIR difference spectra of 
unlabeled (black traces) and 15N-globally-labeled (blue traces) wild-type (A) and CP43-E354Q 
(B) PSII core complexes in response to a single flash applied at 273 K. The unlabeled spectra in 
(A) and (B) are reproduced from Figure 7, top traces (black and red, respectively). The 15N-
labeled wild-type and CP43-E354Q spectra represents the averages of nine (7,200 scans) and 
eight samples (6,400 scans), respectively.  Samples were given a single flash at 273 K after 
having been dark adapted for 18 hours at the same temperature.   
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Figure 2.10 Comparison of the double difference spectra (wild-type-minus-mutant) that were 
obtained by subtracting the S2-minus-S1 FTIR difference spectrum of unlabeled or 15N-labeled 
CP43-E354Q PSII core complexes from the S2-minus-S1 FTIR difference spectrum of unlabeled 
or 15N-labeled wild-type PSII complexes recorded under each of the conditions shown in Figure 
9. Double difference spectra obtained by subtracting the spectra of unlabeled samples are shown 
with black lines. Double difference spectra obtained by subtracting the spectra of 15N-labeled 
samples are shown with blue lines. The unlabeled double difference spectra in panels (A), (B), 
(C), and (D) were obtained by directly subtracting the data of Figure 9A, 9B, 9C, and 9D, 
respectively. The 15N-labeled double difference spectrum in panel (A) was obtained by 
subtracting the 15N-labeled spectra shown in Figure 8.   
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Figure 2.11 Comparison of the midfrequency S2-minus-S1 FTIR difference spectra of 
unlabeled (black traces) and L-[1-13C]alanine-labeled (red traces) wild-type (A) or CP43-E354Q 
(B) PSII core complexes. Each sample was given a single flash at 273 K after having been dark-
adapted for 18 hours at the same temperature. The spectra of the unlabeled wild-type and CP43-
E354Q PSII core complexes have been normalized to the peak-to-peak amplitudes of the negative 
ferricyanide peak at 2115 cm-1 and the positive ferrocyanide peak at 2038 cm-1. The unlabeled 
and L-[1-13C]alanine-labeled wild-type spectra in (A) represent the averages of seven samples 
(5,600 scans) and eight samples (6,400 scans), respectively. The unlabeled and L-[1-13C]alanine-
labeled CP43-E354Q spectra in (B) each represent the averages of nine samples (7,200 scans). 
Within each panel, the spectra have been normalized to maximize their overlap between 1500 and 
1350 cm-1. Panel (C) shows the double difference spectra, 12C-minus-13C, of wild-type (black 
trace) and CP43-E354Q (red trace) PSII core complexes that were obtained by subtracting the S2-
minus-S1 FTIR difference spectra of the L-[1-13C]alanine-labeled core complexes from the S2-
minus-S1 FTIR difference spectra of the unlabeled core complexes (the spectra shown in Figures 
11A and 11B were subtracted directly). Only the regions between 1380 and 1280 cm-1 are shown.   
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Figure 2.12 18O exchange measurements in the S3 state of wild-type (black circles and line) 
and CP43-E354Q (red circles and line) thylakoid membranes. The data are shown as filled circles 
with the kinetic fit shown by a line. The inset shows the same data plotted a shorter expanded 
time scale to show the fast phase of exchange.  
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CHAPTER 3 

EVIDENCE FROM FTIR  DIFFERENCE SPECTROSCOPY OF AN EXTENSIVE 

NETWORK OF HYDROGEN BONDS NEAR THE OXYGEN-EVOLVING MN4CA 

CLUSTER OF PHOTOSYSTEM II INVOLVING D1-GLU65, D2-GLU312, AND D1-

GLU329 

 

3.1 Abstract 

Analyses of the refined x-ray crystallographic structures of photosystem II (PSII) at 

2.9−3.5 Å have revealed the presence of possible channels for the removal of protons from the 

catalytic Mn4Ca cluster during the water-splitting reaction. As an initial attempt to verify these 

channels experimentally, the presence of a network of hydrogen bonds near the Mn4Ca cluster 

was probed with FTIR difference spectroscopy in a spectral region sensitive to the protonation 

states of carboxylate residues and, in particular, with a negative band at 1747 cm−1 that is often 

observed in the S2-minus-S1 FTIR difference spectrum of PSII from the cyanobacterium 

Synechocystis sp. PCC 6803. On the basis of its 4 cm−1 downshift in D2O, this band was assigned 

to the carbonyl stretching vibration (C═O) of a protonated carboxylate group whose pKa 

decreases during the S1 to S2 transition. The positive charge that forms on the Mn4Ca cluster 

during the S1 to S2 transition presumably causes structural perturbations that are transmitted to 

this carboxylate group via electrostatic interactions and/or an extended network of hydrogen 

bonds. In an attempt to identify the carboxylate group that gives rise to this band, the FTIR 

difference spectra of PSII core complexes from the mutants D1-Asp61Ala, D1-Glu65Ala, D1-

Glu329Gln, and D2-Glu312Ala were examined. In the x-ray crystallographic models, these are 

the closest carboxylate residues to the Mn4Ca cluster that do not ligate Mn or Ca and all are 

highly conserved. The 1747 cm−1 band is present in the S2-minus-S1 FTIR difference spectrum of 
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D1-Asp61Ala but absent from the corresponding spectra of D1-Glu65Ala, D2-Glu312Ala, and 

D1-Glu329Gln. The band is also sharply diminished in magnitude in the wild type when samples 

are maintained at a relative humidity of ≤85%. It is proposed that D1-Glu65, D2-Glu312, and D1-

Glu329 participate in a common network of hydrogen bonds that includes water molecules and 

the carboxylate group that gives rise to the 1747 cm−1 band. It is further proposed that the 

mutation of any of these three residues, or partial dehydration caused by maintaining samples at a 

relative humidity of ≤85%, disrupts the network sufficiently that the structural perturbations 

associated with the S1 to S2 transition are no longer transmitted to the carboxylate group that 

gives rise to the 1747 cm−1 band. Because D1-Glu329 is located approximately 20 Å from D1-

Glu65 and D2-Glu312, the postulated network of hydrogen bonds must extend for at least 20 Å 

across the lumenal face of the Mn4Ca cluster. The D1-Asp61Ala, D1-Glu65Ala, and D2-

Glu312Ala mutations also appear to substantially decrease the fraction of PSII reaction centers 

that undergo the S3 to S0 transition in response to a saturating flash. This behavior is consistent 

with D1-Asp61, D1-Glu65, and D2-Glu312 participating in a dominant proton egress channel that 

links the Mn4Ca cluster with the thylakoid lumen. 

 

3.2 Introduction 

The light-driven oxidation of water in photosystem II (PSII)1 produces nearly all of the 

O2 on Earth and drives the production of nearly all of its biomass. Photosystem II is an integral 

membrane protein complex that is located in the thylakoid membranes of plants, algae, and 

                                                 
1 Abbreviations: Chl, chlorophyll; EDTA, ethylenediaminetetraacetic acid; EPR, electron paramagnetic 
resonance; EXAFS, extended x-ray absorption fine structure; FTIR, Fourier transform infrared; MES, 2-(N-
morpholino)ethanesulfonic acide; NTA, nitrolotriacetic acide; P680, chlorophyll multimer that serves as the 
light-indunced electron donor in PSII; Pheo, pheophytin; PSII, photosystem II; QA, primary plastoquinone 
electron acceptor; QB secondary plastoquinone electron acceptor; RH, relative humidity; XANES, x-ray 
absorption near edge structure; YZ, tyrosine residue that mediates electron transfer between the Mn4Ca 
cluster and P680+●; YD, second tyrosine residue that can reduce P680+● in PSII. 

 121



cyanobacteria. It is a homodimer in vivo, having a total molecular mass of >700 kDa. Each 

monomer consists of at least 20 different subunits and contains more than 60 organic and 

inorganic cofactors, including 35 Chl a and 12 carotenoid molecules. Each monomer’s primary 

subunits include the membrane spanning polypeptides CP47 (56 kDa), CP43 (52 kDa), D2 (39 

kDa), and D1 (38 kDa) and the extrinsic polypeptide PsbO (26.8 kDa). The D1 and D2 

polypeptides are homologous and together form a heterodimer at the core of each monomer. 

Within each monomer, the CP47 and CP43 polypeptides are located on either side of the D1−D2 

heterodimer and serve to transfer excitation energy from the peripherally located antenna 

complex to the D1−D2 heterodimer, and specifically to the photochemically active Chl a 

multimer known as P680 (1-6). 

The O2-evolving catalytic site consists of a pentanuclear metal cluster containing four Mn 

ions and one Ca ion. The Mn4Ca cluster accumulates oxidizing equivalents in response to 

photochemical events within PSII and then catalyzes the oxidation of two molecules of water, 

releasing one molecule of O2 as a byproduct (7-11). The Mn4Ca cluster serves as the interface 

between single-electron photochemistry and the four-electron process of water oxidation. The 

photochemical events that precede water oxidation take place in the D1−D2 heterodimer. These 

events are initiated by the transfer of excitation energy to P680 following capture of light energy 

by the antenna complex. Excitation of P680 results in the formation of the charge-separated state, 

P680
•+Pheo•−. This light-induced separation of charge is stabilized by the rapid oxidation of Pheo•− 

by QA, the primary plastoquinone electron acceptor, and by the rapid reduction of P680
•+ by YZ, 

one of two redox-active tyrosine residues in PSII. The resulting YZ
• radical in turn oxidizes the 

Mn4Ca cluster, while QA
•− reduces the secondary plastoquinone, QB. Subsequent charge 

separations result in further oxidation of the Mn4Ca cluster and in the two-electron reduction and 

protonation of QB to form plastoquinol, which subsequently exchanges into the membrane-bound 
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plastoquinone pool. During each catalytic cycle, two molecules of plastoquinol are produced at 

the QB site and the Mn4Ca cluster cycles through five oxidation states termed Sn, where n denotes 

the number of oxidizing equivalents that are stored (n = 0−4). The S1 state predominates in dark-

adapted samples. Most interpretations of Mn-XANES data have concluded that the S1 state 

consists of two Mn(III) and two Mn(IV) ions and that the S2 state consists of one Mn(III) and 

three Mn(IV) ions (11-14). The S4 state is a transient intermediate. Its formation triggers the rapid 

oxidation of the two substrate water molecules, the regeneration of the S0 state, and the release of 

O2. 

Refined x-ray crystallographic structural models of PSII are available at 3.5 (1), 3.0 (2), 

and 2.9 Å (5) (although the 2.9 Å structural model was developed by reprocessing the data used 

for the 3.0 Å model). These models, and less complete models at somewhat lower resolutions (15, 

16), provide views of the Mn4Ca cluster and its ligation environment, including one or two 

catalytically essential Cl− ions that are located 6−7 Å distant. However, there are significant 

differences between these views. For example, in the 2.9 and 3.0 Å structural models, most 

carboxylate ligands are bidentate and the α-COO− group of D1-Ala344 (the C-terminus of the D1 

polypeptide) ligates the Mn4Ca cluster, whereas in the 3.5 Å structural model, most carboxylate 

ligands are unidentate and the α-COO− group of D1-Ala344 ligates no metal ion. One reason for 

these differences is that the resolutions of the diffraction data are limited. A second reason is that 

the Mn(III/IV) ions of the Mn4Ca cluster were undoubtedly reduced by x-ray-generated radicals 

to their fully reduced Mn(II) oxidation states during collection of the x-ray diffraction data (17, 

18). This reduction would have disrupted the cluster’s Mn−O−Mn bridging moieties and altered 

Mn−ligand interactions. Consequently, the structures of the Mn4Ca cluster depicted in the s-ray 

crystallographic models represent unknown superimpositions of native and disrupted Mn4Ca 

clusters, with the metal ions in the latter being retained in the vicinity of their native positions by 
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virtue of the crystals being kept frozen at 100 K during data collection. Importantly, none of the 

crystallographic structural models is fully compatible with polarized EXAFS studies of single 

crystals of PSII that were conducted with low x-ray fluxes that minimize photoreduction of the 

Mn ions (19). The low-radiation flux studies must be reconciled with future x-ray 

crystallographic studies. Nevertheless, the existing crystallographic studies agree with each other, 

and with the earlier mutagenesis studies (20), on the identity of most of the Mn4Ca cluster’s 

amino acid ligands. Furthermore, the structure of PSII outside the immediate environment of the 

Mn4Ca cluster should be largely unaffected by the radiation-induced reduction of the cluster’s Mn 

ions. Consequently, the existing crystallographic structural models are serving as valuable guides 

for spectroscopic studies designed to provide insight into the structure, dynamics, and mechanism 

of the Mn4Ca cluster throughout its catalytic cycle. 

To satisfy the very severe energetic and mechanistic constraints of oxidizing water, the 

Mn4Ca cluster’s reactivity in each of its oxidation states is tightly controlled by its protein 

environment. The amino acid residues in this environment choreograph the proton and electron 

reactions associated with water oxidation and play important roles in the delivery of substrate 

water and the release of O2 and protons. In particular, these residues minimize the energetic 

requirements for water oxidation by coupling the requisite proton and electron extraction 

reactions (7, 13, 21, 22), minimize deleterious side reactions by preventing unregulated access of 

water to the Mn4Ca catalyst (23), and minimize oxidative damage by promoting rapid egress of 

newly formed O2 (24). For example, the deprotonation of CP43-Arg357 or D1-Asp61 to the 

thylakoid lumen has been proposed to provide the thermodynamic driving force for oxidizing the 

Mn4Ca cluster in its higher oxidation states (7, 13, 21, 22, 25-28). Deprotonation is envisioned to 

take place via one or more proton egress pathways or “channels”. Several possible channels for 

water access, O2 egress, and proton egress have been identified in the current crystallographic 
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structural models on the basis of visual examinations (1, 29-31), electrostatic calculations (32), 

solvent accessibility simulations (33), cavity searching algorithms (5, 34, 35), and molecular 

dynamics simulations of water diffusion (36). In the 2.9 Å structural model, nine discrete 

channels have been identified on the basis of cavity searching algorithms, including four 

attributed to water access or O2 egress channels and five attributed to proton egress channels (5, 

35). These predicted channels are presumably dynamic in nature and presumably contain 

extensive networks of hydrogen-bonded amino acid side chains and water molecules. Our goal is 

to employ FTIR difference spectroscopy to further delineate the proton egress pathways leading 

from the Mn4Ca cluster to the lumen and to determine if multiple pathways are active or if a 

single pathway dominates. Such a situation prevails in reaction centers of Rhodobacter 

sphaeroides, where a single proton entry point and a single proton access channel dominate the 

transfer of protons to the QB site (37-39). 

FTIR difference spectroscopy is an extremely sensitive tool for characterizing the 

dynamic structural changes that occur during an enzyme’s catalytic cycle (40-44). It is 

particularly suited for analyzing protonation−deprotonation reactions, pKa shifts, and changes in 

hydrogen-bonded structures in proteins. The carbonyl stretching mode [ν(C═O)] of a protonated 

carboxylate residue appears between 1770 and 1700 cm−1, a region where no other protein bands 

occur. The actual frequency of this mode depends on the number and strengths of hydrogen bonds 

involving this group (45-49). The O−H stretching frequency of weakly hydrogen bonded O−H 

groups appears between 3700 and 3500 cm−1 (50-52), the O−D stretching frequency of weakly 

deuteron-bonded O−D groups between 2600 and 2200 cm−1 (51), and the D−O−D bending region 

of D2O molecules between 1250 and 1150 cm−1 (53, 54), also in a region mostly devoid of other 

protein vibrational modes. This mode is also sensitive to hydrogen (deuteron) bonding and 

disappears upon deprotonation, making it particularly suitable for monitoring proton release 
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reactions. Changes in the hydrogen bonding status of amino acid residues and water molecules 

participating in putative water access or proton egress pathways can be monitored at these easily 

accessible frequencies. 

In PSII, numerous vibrational modes are altered in frequency as the Mn4Ca cluster is 

oxidized through the S-state cycle, including many modes that can be attributed to carboxylate 

residues and hydrogen-bonded water molecules (55-57). In this study, on the basis of the presence 

or absence of the ν(C═O) mode of a protonated carboxylate group in the S2-minus-S1 FTIR 

difference spectrum, we present evidence that residues D1-Glu65, D1-Glu329, and D2-Glu312 

participate in a hydrogen-bonded network that extends at least 20 Å across the lumenal face of the 

Mn4Ca cluster. This network presumably also includes D1-Asp61. The D1-D61A, D1-E65A, and 

D2-E312A mutations were also found to substantially decrease the fraction of PSII reaction 

centers that undergo the S3 to S0 transition in response to a saturating flash. Consequently, the 

hydrogen-bonded network that includes D1-Asp61, D1-Glu65, D2-Glu312, and D1-Glu329 may 

comprise part of a dominant proton egress pathway leading from the Mn4Ca cluster to the 

thylakoid lumen. The participation of D1-Asp61, D1-Glu65, and D2-Glu312 in such a pathway 

has been proposed previously (1, 5, 32-35), but the participation of D1-Glu329 in the same 

network is unexpected because it is located far from any proposed proton egress channel. 

 

3.3 Materials and Methods 

Construction of Mutants and Propagation of Cultures  

The D1-D61A, D1-E65A, and D1-E329Q mutations were constructed in the psbA-2 gene 

of Synechocystis sp. PCC 6803 (58) and transformed into a host strain of Synechocystis that lacks 

all three psbA genes and contains a hexahistidine tag (His tag) fused to the C-terminus of CP47 

(59). Single colonies were selected for their ability to grow on solid media containing 5 μg/mL 
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kanamycin monosulfate. The D2-E312A mutation was constructed in the psbD-1 gene of 

Synechocystis sp. PCC 6803 (60) and transformed into a host strain of Synechocystis that lacks 

both psbD genes and contains a hexahistidine tag (His tag) fused to the C-terminus of CP47 (59). 

Single colonies were also selected for their ability to grow on solid media containing 5 μg/mL 

kanamycin monosulfate. Solid media contained 5 mM glucose and 10 μM DCMU. The DCMU 

and antibiotic were omitted from the liquid cultures. Large-scale liquid cultures (each consisting 

of three 7 L cultures held in glass carboys) were propagated as described previously (61). To 

verify the integrity of the mutant cultures that were harvested for the purification of PSII core 

complexes, an aliquot of each culture was set aside and the sequence of the relevant portions of 

the psbA-2 or psbD-1 gene was obtained after PCR amplification of genomic DNA (58). 

Purification of PSII Core Complexes  

Oxygen-evolving PSII core complexes were purified under dim green light at 4 °C with 

Ni-NTA superflow affinity resin (Qiagen, Valencia, CA) as described previously (62). The 

purification buffer consisted of 1.2 M betaine, 10% (v/v) glycerol, 50 mM MES-NaOH (pH 6.0), 

20 mM CaCl2, 5 mM MgCl2, 50 mM histidine, 1 mM EDTA, and 0.03% (w/v) n-dodecyl β-d-

maltoside. The purified PSII core complexes were concentrated to 1.0 mg of Chl/mL by 

ultrafiltration, frozen in liquid N2, and stored at −196 °C (vapor phase nitrogen). 

Preparation of FTIR Samples  

All manipulations were conducted under dim green light at 4 °C. Samples (approximately 

70 μg of Chl a) were exchanged into FTIR analysis buffer [40 mM sucrose, 10 mM MES-NaOH 

(pH 6.0), 5 mM CaCl2, 5 mM NaCl, and 0.06% (w/v) n-dodecyl β-d-maltoside (63, 64)] by 

passage through a centrifugal gel filtration column at 27g (65). Concentrated samples 

(approximately 10 μL in volume) were mixed with 1/10 volume of fresh 100 mM potassium 

ferricyanide (dissolved in water), spread to a diameter of 10 mm on a 15 mm diameter BaF2 
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window, and then dried lightly (until tacky) under a stream of dry nitrogen gas. To maintain the 

humidity of the sample in the FTIR cryostat, 1 μL of a solution of glycerol in water was spotted 

onto the window, adjacent to the sample, but not touching it (66). For most experiments, 1 μL of 

20% (v/v) glycerol was employed to maintain the samples at 99% RH. For the experiments 

depicted in Figure 1A, lower relative humidities were obtained with an increase in the 

concentration of glycerol in the 1 μL droplet [e.g., 40, 50, and 60% (v/v) glycerol for 95, 85, and 

73% RH, respectively (66)]. A second IR window with a Teflon spacer (0.5 mm thick) was 

placed over the first and sealed in place with silicon-free high-vacuum grease. The sample was 

immediately loaded into the FTIR cryostat and allowed to equilibrate to 273.0 K in darkness for 2 

h. Sample concentrations and thicknesses were adjusted so that the absolute absorbance of the 

amide I band at 1657 cm−1 was 0.8−1.2. For the experiments depicted in Figure 1B, the FTIR 

analysis buffer and the potassium ferricyanide and glycerol solutions were prepared with D2O 

(99.9% enrichment, Cambridge Isotope Laboratories, Andover, MA). The pD of the FTIR 

analysis buffer prepared in D2O was adjusted with freshly opened NaOD (99.5% enrichment, 

Cambridge Isotope Laboratories). The pD value was obtained by addition of 0.40 to the pH meter 

reading (67, 68). 

Measurement of FTIR Spectra  

Midfrequency FTIR spectra were recorded with a Bruker Equinox 55 spectrometer 

(Bruker Optics, Billerica, MA) at a spectral resolution of 4 cm−1 as described previously (61, 64, 

65). Flash illumination ( 20 mJ/flash, 7 ns fwhm) was provided by a frequency-doubled Q-

switched Nd:YAG laser [Surelite I (Continuum, Santa Clara, CA)]. For the experiments depicted 

in Figure 1, a single flash was applied after dark adaptation. Two single-beam spectra were 

recorded before the flash, and one single-beam spectrum was recorded starting 0.33 s after the 

flash (each single-beam spectrum consisted of 200 scans). The 0.33 s delay was incorporated to 
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allow for the oxidation of QA
•− by the ferricyanide. To obtain a difference spectrum, the spectrum 

that was recorded after the flash was divided by the spectrum that was recorded immediately 

before the flash and the ratio was converted to units of absorption. To estimate the background 

noise level, the second preflash spectrum was divided by the first and the ratio was converted to 

units of absorption. The sample was dark-adapted for 30 min, and then the measurement cycle 

was repeated. Each sample was subjected to a total of 16−18 measurement cycles. The difference 

spectra recorded with several samples were averaged. For the experiments depicted in Figures 

2−6, one preflash was applied after dark adaptation and followed by dark adaptation for an 

additional 5 min. This treatment was employed to oxidize YD and to maximize the proportion of 

PSII reaction centers in the S1 state. Six successive flashes then were applied with an interval of 

12.2 s between each. Two single-beam spectra were recorded before the first flash, and one 

single-beam spectrum was recorded starting 0.33 s after the first and subsequent flashes (each 

single-beam spectrum consisted of 100 scans). To obtain difference spectra corresponding to 

successive S-state transitions, the spectrum that was recorded after the nth flash was divided by 

the spectrum that was recorded immediately before the nth flash and the ratio was converted to 

units of absorption. To estimate the background noise level, the second preflash spectrum was 

divided by the first and the ratio was converted to units of absorption. The sample was dark-

adapted for 30 min, and then the entire cycle was repeated, including the preflash and the 5 min 

additional dark adaptation period. The entire cycle was repeated 12 times for each sample, and 

the difference spectra recorded for several samples were averaged. 

Other Procedures  

Chlorophyll concentrations and light-saturated, steady state rates of O2 evolution were 

measured as described previously (69). 
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3.4 Results 

Wild-type PSII core complexes from the cyanobacterium Synechocystis sp. PCC 6803 

frequently exhibit a negative band at 1747 cm−1 in the S2-minus-S1 FTIR difference spectrum (61, 

64, 65, 70, 71) (Figure 1A, black trace). In this study, this band was altered or eliminated by a 

number of mutations of highly conserved carboxylate residues in the D1 and D2 polypeptides of 

Synechocystis 6803. The 1790−1710 cm−1 region contains the C═O carbonyl stretching mode 

[ν(C═O)] of protonated carboxylate residues (42, 43, 72) and also the keto and ester C═O 

vibrations of chlorophyll, pheophytin, heme, and lipids (73). In carboxylic acids, the C═O 

stretching and C−O−H bending modes of the COOH group are weakly coupled. This coupling is 

removed by deuteration, causing the ν(C═O) mode to downshift by 4−20 cm−1 (45, 47-49, 72). 

Accordingly, to test whether the 1747 cm−1 band corresponds to the ν(C═O) mode of a protonated 

carboxylate residue, the S2-minus-S1 FTIR difference spectra of wild-type PSII core complexes 

was obtained after exchange into buffer containing D2O (Figure 1B). In D2O, the 1747 cm−1 mode 

appeared at 1743 cm−1, a downshift of 4 cm−1. Therefore, we attribute it to the ν(C═O) mode of a 

protonated carboxylate residue whose environment changes during the S1 to S2 transition (see 

Discussion). 

The negative (C═O) band at 1747 cm−1 is not observed in PSII core complexes from 

Thermosynechococcus elongatus (51, 66, 74-76) or PSII membranes from spinach (77-80). 

Nevertheless, we observe this feature consistently in PSII core complexes from Synechocystis sp. 

PCC 6803 when the samples are maintained at relative humidities of 99% (61, 62, 64, 65, 69) 

(Figure 1A, black trace) or 95% (not shown). The band has also been observed by others in PSII 

core complexes purified from the same organism (70). In this study, the amplitude of the 1747 

cm−1 band was diminished substantially at relative humidities of 85% (Figure 1A, blue trace), 
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73% (not shown), or lower [i.e., when a dry film was placed in the sample cell (Figure 1A, red 

trace)]. Evidently, the degree of sample hydration is an important factor in the manifestation of 

this band. Interestingly, whereas other bands in the S2-minus-S1 FTIR difference spectrum are 

sensitive to the degree of sample hydration, none is altered as dramatically at the 1747 cm−1 band 

and many are relatively unperturbed by changes in the sample’s relative humidity (see below). 

Exchange into D2O induced additional alterations to the wild-type S2-minus-S1 FTIR 

difference spectrum (Figure 1B). The D2O-induced alterations between 1700 and 1500 cm−1 

resemble those reported previously in PSII membranes from spinach (78) and PSII core 

complexes from T. elongatus (51). The apparent upshift of a negative band from 1561 to 1578 

cm−1 was previously attributed to a D2O-induced shift of the νasym(COO−) mode of a carboxylate 

residue that accepts a strong hydrogen bond from a Mn-bound water molecule (78). The D2O-

induced alterations to the amide I region, including the appearance of a positive band at 1636 

cm−1, were previously attributed to D2O-induced changes in stretches of polypeptide having 

random coil conformations (78). The apparent upshift of the large positive feature from 1587 to 

1593 cm−1 is consistent with the D2O-induced upshift of the νasym(COO−) mode of another 

hydrogen-bonded carboxylate residue (78). The feature has been assigned to a νasym(COO−) mode 

because it downshifts by 30−35 cm−1 after global incorporation of 13C (63, 74, 81, 82) but is 

largely insensitive to global incorporation of 15N (63, 74, 82). 

When the samples were maintained at a relative humidity of ≤85%, spectral alterations 

were present throughout the overlapping amide II/νasym(COO−) region and in the amide I region, 

whereas few alterations were present elsewhere (except near 1747 cm−1, as described earlier). 

Some of the largest alterations were to the 1551(+), 1543(−), 1531(+), and 1522(−) cm−1 bands, 

whose amplitudes decreased substantially. The 1551(+) and 1543(−) cm−1 bands were assigned 

previously to amide II modes because both downshift by 11−20 cm−1 after global incorporation of 
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13C or 15N (63, 74, 78, 81, 82). The 1531(+) and 1522(−) cm−1 bands downshift similarly (63, 74, 

78, 81, 82) and presumably can also be assigned to amide II modes. The magnitude of a positive 

band at 1622 cm−1 also diminished substantially. This band downshifts significantly after global 

incorporation of 13C (63, 82), but not appreciably after global incorporation of 15N (63, 82), 

thereby identifying it as an amide I mode. 

The D1-E239Q (83) and D2-E312A mutants examined in this study were 

photoautotrophic, whereas the D1-D61A and D1-E65A cells (84) were only weakly so. The O2 

evolving activity of D2-E312A cells was 330−380 μmol of O2 (mg of Chl)−1 h−1 compared to 

500−580 μmol of O2 (μg of Chl)−1 h−1 for wild-type cells (i.e., 60−70% compared to that of the 

wild type). The O2 evolving activities of D1-D61A, D1-E65A, and D1-E329Q cells have been 

reported previously to be 19, 21, and 100% of the wild-type value, respectively (83, 84). The 

O2 evolving activities of the D1-D61A, D1-E65A, D1-E329Q, and D2-E312A PSII core particles 

examined in this study were 870, 730, 3340, and 1380 μmol of O2 (mg of Chl)−1 h−1, 

respectively, compared to 4900−5400 μmol of O2 (mg of Chl)−1 h−1 for the wild type. The O2 

evolving activity of the D1-D61A PSII core complexes ( 17% of that of the wild type) correlated 

with the lower O2 evolving activity of D1-D61A cells, but the O2 evolving activities of the D1-

E65A, D1-E329Q, and D2-E312A PSII core complexes ( 14, 65, and 27%, respectively, of 

that of the wild type) were lower than in intact cells, suggesting either that the Mn4Ca clusters in 

D1-E65A, D1-E329Q, and D2-E312A cells are less stable than those in the wild type or that the 

S-state transitions proceed less efficiently in PSII core complexes purified from these mutants 

than in intact cells. 

The midfrequency FTIR difference spectra of wild-type and D1-D61A PSII core 

complexes that were induced by four successive flashes are compared in Figure 2 (black and red 

spectra, respectively). The spectra that were induced by the first, second, third, and fourth flashes 
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given to the wild-type PSII core complexes correspond predominantly to the S2-minus-S1, S3-

minus-S2, S0-minus-S3, and S1-minus-S0 FTIR difference spectra, respectively. These spectra 

closely resemble the Sn+1-minus-Sn difference spectra that have been reported previously for wild-

type PSII core complexes from Synechocystis sp. PCC 6803 (61, 63-65, 85). The S2-minus-S1 

FTIR difference spectrum of D1-D61A PSII core complexes (top red trace in Figure 2) showed 

substantial differences from the wild-type spectrum throughout the overlapping amide 

II/νasym(COO−) region. As was the case with partly dehydrated samples (Figure 1A), the 

magnitudes of the bands at 1552(+), 1543(−), 1531(+), and 1522(−) cm−1 were diminished 

substantially. The magnitudes of positive bands at 1635, 1622, 1587, and 1509 cm−1 were also 

diminished substantially, with the 1587 cm−1 band being downshifted to 1583 cm−1 and the 1509 

cm−1 band being upshifted to 1512 cm−1. The 1635 and 1622 cm−1 bands can be identified as 

amide I modes because both downshift significantly after global incorporation of 13C (63, 82), but 

not appreciably after global incorporation of 15N (63, 82). The 1552(+), 1543(−), 1531(+), and 

1522(−) cm−1 bands can be identified as amide II modes because all four bands downshift 

appreciably after global incorporation of 13C (63, 74, 81, 82) or 15N (63, 74, 82). Similarly, the 

1587 cm−1 band was previously assigned to a νasym(COO−) mode because it downshifts by 30−35 

cm−1 after global incorporation of 13C (63, 74, 81, 82) but is largely insensitive to the global 

incorporation of 15N (63, 74, 82). The 1509 cm−1 band appears to consist of overlapping amide II 

and νasym(COO−) modes (63, 74, 82). Of particular importance to this study is the fact that the 

negative band at 1747 cm−1 was unaffected by the D1-D61A mutation. 

The FTIR difference spectrum induced by the second flash applied to D1-D61A PSII 

core complexes contained some of the features that are present in the S2-minus-S1 FTIR 

difference spectra of the wild type (compare the top two sets of black and red traces in Figure 2). 

These include bands at 1543(−), 1510(+), 1399(−), and 1365(+) cm−1. The presence of these 
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bands shows that a significant fraction of D1-D61A PSII reaction centers failed to undergo the S2 

to S3 transition following the second flash. 

The FTIR difference spectra induced by the third and fourth flashes applied to D1-D61A 

PSII core complexes were practically devoid of features (bottom two red traces in Figure 2). 

Typically, spectral features that appear during the S1 to S2 and S2 to S3 transitions in wild-type 

PSII are reversed during the S3 to S0 and S0 to S1 transitions (55-57). If large fractions of PSII 

reaction centers fail to advance between S-states in response to saturating flashes, PSII reaction 

centers that undergo the S3 to S0 or S0 to S1 transition after the third or fourth flash, respectively, 

may have their spectral features canceled by PSII reaction centers undergoing the S1 to S2 or S2 to 

S3 transition after these flashes. The absence of clear, distinct peaks after the third and fourth 

flashes in D1-D61A PSII core complexes shows that a large fraction of D1-D61A PSII core 

complexes failed to advance beyond the S3 state in response to the these flashes. 

The midfrequency FTIR difference spectra of wild-type and D1-E65A PSII core complexes that 

were induced by four successive flash illuminations are compared in Figure 3 (black and red 

spectra, respectively). The S2-minus-S1 FTIR difference spectrum of D1-E65A PSII core 

complexes (top red trace in Figure 3) showed substantial differences from the wild-type spectrum 

throughout the overlapping amide II/νasym(COO−) region. As was the case with D1-D61A PSII 

core complexes, the magnitudes of the positive bands at 1622 and 1552 cm−1 and the negative 

band at 1543 cm−1 were diminished substantially. As noted above, the 1622 cm−1 band 

corresponds to an amide I mode and the 1552 and 1543 cm−1 bands correspond to amide II 

modes. Of particular importance to this study is the fact that the negative band at 1747 cm−1 in the 

S2-minus-S1 FTIR difference spectrum of wild-type PSII core complexes was eliminated by the 

D1-E65A mutation (compare the top traces in Figure 3). 
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The FTIR difference spectrum induced by the second flash applied to D1-E65A PSII core 

complexes contained some of the features present in the S2-minus-S1 FTIR difference spectra of 

the wild type (compare the top two sets of black and red traces in Figure 3). These include bands 

at 1544(−), 1506(+), 1398(−), and 1373(+) cm−1. The presence of these bands shows that a 

significant fraction of D1-E65A PSII reaction centers failed to undergo the S2 to S3 transition 

following the second flash. As was observed with D1-D61A, the spectra induced by the third and 

fourth flashes applied to D1-E65A PSII core complexes are nearly devoid of features (bottom two 

red traces in Figure 3). Evidently, as was the case with D1-D61A, a large fraction of D1-E65A 

PSII core complexes fail to advance beyond the S3 state in response to saturating flashes. 

The midfrequency FTIR difference spectrum of D2-E312A PSII core complexes that was induced 

by the first of six successive flash illuminations is shown in Figure 4 (red spectrum). The 

presence of a large derivative feature at 1706(−)/1699(+) cm−1 suggests that the D2-E312A PSII 

core complexes contain a significant fraction of PSII reaction centers that lack Mn4Ca clusters 

(61). The spectrum of Mn-depleted wild-type PSII core complexes obtained under conditions 

identical to those described in ref 61 is shown for comparison (Figure 4, black trace). This 

spectrum corresponds to the YZ
•-minus-YZ FTIR difference spectrum in Synechocystis sp. PCC 

6803, whose primary features are positive peaks at 1699, 1677, 1651, 1550, 1521, and 1512 cm−1 

and negative peaks at 1706, 1624, 1453, and 1250 cm−1 (86). To estimate the fraction of Mn-

depleted PSII reaction centers in the D2-E312A PSII core complexes, the amplitudes of the 

negative 1706 cm−1 band in intact wild-type, Mn-depleted wild-type, and D2-E312A PSII core 

complexes were compared after normalization of all three spectra to the peak to peak amplitudes 

of the negative ferricyanide band at 2115 cm−1 and the positive ferrocyanide band at 2038 cm−1 

(i.e., the spectra were normalized to the extent of flash-induced charge separation in each sample, 

as determined from the reduction of ferricyanide to ferricyanide by QA
•−). On this basis, assuming 
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that 0% of intact and 100% of Mn-depleted wild-type PSII core complexes lack Mn4Ca clusters, 

we estimated that 31% of D2-E312A PSII core complexes lack Mn4Ca clusters (presumably the 

Mn4Ca clusters in D2-E312A cells are less stable than those in wild-type cells, despite the 

cluster’s distance from D2-Glu312). Accordingly, we corrected the first flash spectrum of the D2-

E312A PSII core complexes by subtracting from it 31% of the spectrum of Mn-depleted wild-

type PSII (61). No correction was applied to the second, third, or fourth flash spectra because 

Mn-depleted PSII makes no significant contribution to these spectra (61). 

The midfrequency FTIR difference spectra of wild-type and D2-E312A PSII core 

complexes that were induced by four successive flash illuminations are compared in Figure 5 

(black and red spectra, respectively). The corrected S2-minus-S1 FTIR difference spectrum of D1-

E312A PSII core complexes (top red trace in Figure 5) showed substantial differences from the 

wild-type spectrum throughout the overlapping amide II/νasym(COO−) region. As was the case 

with D1-D61A PSII core complexes, the magnitudes of the bands at 1543(−), 1532(+), and 

1523(−) cm−1 were diminished substantially. As noted earlier, the 1543(−) and 1532(+) cm−1 

bands can be identified as amide II modes on the basis of global labeling experiments. Other 

changes include increased amplitudes of bands at 1674, 1652, and 1637 cm−1 in the amide I 

region, a slight downshift of the positive band at 1622 cm−1 [assigned to an amide I mode (see 

above)], and changes to amplitudes of bands in the symmetric carboxylate stretching region, 

including decreased amplitudes of positive bands at 1442, 1366, and 1342 cm−1 and an increased 

amplitude of the negative band at 1400 cm−1. Of particular importance to this study is the fact that 

the negative band at 1747 cm−1 in the S2-minus-S1 FTIR difference spectrum of wild-type PSII 

core complexes was eliminated by the D1-E312A mutation (compare the top traces in Figure 5). 

The FTIR difference spectrum induced by the second flash applied to D2-E312A PSII 

core complexes contained some of the features present in the S2-minus-S1 FTIR difference spectra 
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of the wild type (compare the top two sets of black and red traces in Figure 5). These include 

bands at 1542(−), 1510(+), 1397(−), and 1372(+) cm−1. The presence of these bands shows that a 

significant fraction of D2-E312A PSII reaction centers failed to undergo the S2 to S3 transition 

following the second flash. As was the case with D1-D61A and D1-E65A, the spectra induced by 

the third and fourth flashes applied to D1-E312A PSII core complexes were nearly devoid of 

features (bottom two red traces in Figure 5). Evidently, as was the case with D1-D61A and D1-

E65A, a large fraction of D2-E312A PSII core complexes failed to advance beyond the S3 state in 

response to these flashes. 

The midfrequency FTIR difference spectra of wild-type and D1-E329Q PSII core 

complexes that were induced by four successive flash illuminations are compared in Figure 6 

(black and red spectra, respectively). The S2-minus-S1 FTIR difference spectrum of D1-E329Q 

PSII core complexes (top red trace in Figure 6) showed many fewer differences from the wild-

type spectrum than the other mutants. The differences included decreased amplitudes of bands at 

1543(−), 1442(+), 1342(+), and 1220(+) cm−1 and increased amplitudes of bands at 1651(+), 

1635(+), 1398(−), and 1364(+) cm−1. As indicated previously, the 1543(−) and 1635(+) cm−1 

bands correspond to amide II and amide I modes, respectively. The 1442(+), 1364(+), and 

1342(+) cm−1 bands correspond to νsym(COO−) modes because they downshift by 20−45 cm−1 

after global incorporation of 13C (63, 74, 81, 82) but are largely insensitive to the global 

incorporation of 15N (63, 74, 82). 

The FTIR difference spectrum induced by the second flash given to D1-E329Q PSII core 

complexes contained some of the features present in the S2-minus-S1 FTIR difference spectra of 

wild-type PSII (compare the top two sets of black and red traces in Figure 6). These include 

bands at 1546(−), 1397(−), and 1373(+) cm−1. The presence of these bands shows that a 

significant fraction of D1-E329Q PSII reaction centers failed to undergo the S2 to S3 transition 
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following the second flash. However, in contrast to the other mutants examined in this study, the 

FTIR difference spectra induced by the third and fourth flashes resembled those of wild-type PSII 

core complexes. The primary differences were the slightly diminished amplitudes of the 1544(+) 

and 1509(−) cm−1 bands in the S0-minus-S3 FTIR difference spectrum and the minor changes 

between 1667 and 1538 cm−1 in the S1-minus-S0 FTIR difference spectrum. Note the similarities 

between the S0-minus-S3 and S1-minus-S0 FTIR difference spectra of wild-type and D1-E329Q 

PSII core complexes between 1450 and 1350 cm−1 (compare the bottom two pairs of black and 

red traces in Figure 6). Evidently, D1-E329Q PSII core complexes advance relatively efficiently 

between S-states in response to saturating laser flashes, in marked contrast to the PSII core 

complexes of D1-D61A, D1-E65A, and D2-E312A. Of particular importance to this study is the 

fact that the negative band at 1747 cm−1 in the S2-minus-S1 FTIR difference spectrum of wild-

type PSII core complexes was eliminated by the D1-E329Q mutation (compare the top traces in 

Figure 6). 

It is noteworthy that the second flash spectra of D1-D61A, D1-E65A, D2-E312A, and 

D1-E329Q PSII core complexes resemble one another (Figures 2, 3, 5, and 6). All four mutant 

spectra show similar deviations from the wild-type S3-minus-S2 FTIR difference spectrum, 

including negative features at 1546−1542 and 1399−1397 cm−1 and positive features at 

1510−1506 and 1373−1365 cm−1. The similarities between the second flash spectra of all four 

mutants suggest that all four mutations decrease the efficiency of the S2 to S3 transition to similar 

extents. In contrast, the essentially featureless third and fourth flash spectra of D1-D61A, D1-

E65A, and D2-E312A PSII core complexes show no resemblance to the third or fourth flash 

spectra of wild-type or D1-E329Q PSII core particles. Evidently, the D1-D61A, D1-E65A, and 

D2-E312A mutations decrease the efficiency of the S3 to S0 transition far more substantially than 

they decrease the efficiency of the S2 to S3 transition. 

 138

http://pubs.acs.org/doi/full/10.1021/bi100730d#fig6
http://pubs.acs.org/doi/full/10.1021/bi100730d#fig6
http://pubs.acs.org/doi/full/10.1021/bi100730d#fig2
http://pubs.acs.org/doi/full/10.1021/bi100730d#fig3
http://pubs.acs.org/doi/full/10.1021/bi100730d#fig5
http://pubs.acs.org/doi/full/10.1021/bi100730d#fig6


 

3.5 Discussion 

One of the most striking results of the FTIR studies on PSII to date is the stunning 

insensitivity of the individual FTIR difference spectra to the mutation of at least three of the 

Mn4Ca cluster’s six putative carboxylate ligands. Not only do mutations of D1-Asp170 (64, 87), 

D1-Glu189 (65, 88), and D1-Asp342 (61) fail to eliminate any carboxylate vibrational stretching 

modes, they fail to produce significant changes in polypeptide backbone conformations as shown 

by the lack of significant mutation-induced alterations to the amide I and amide II regions of the 

spectra. This result was entirely unexpected. The individual FTIR difference spectra of wild-type 

PSII core complexes contain a wealth of spectral features. It had long been assumed that most of 

these features would correspond to amino acid residues that ligate the Mn4Ca cluster. Whereas 

some of these features clearly correspond to first coordination sphere ligands [i.e., CP43-Glu354 

(71, 85) and the α-COO− group of D1-Ala344 (62, 69, 89)], the majority of these features 

evidently correspond to residues in the cluster’s second coordination sphere and beyond. These 

features must reflect the response of the protein to the electrostatic influences that arise from the 

positive charge that develops on the Mn4Ca cluster during the S1 to S2 transition and to the 

structural changes that are associated with the S2 to S3, S3 to S0, and S0 to S1 transitions. 

The simplest explanation for the insensitivity of the S2-minus-S1 FTIR difference 

spectrum to the individual mutation of most the cluster’s putative carboxylate ligands is that the 

positive charge that develops on the Mn4Ca cluster during this transition is highly delocalized at 

ambient temperatures. There is ample precedent for such delocalization in mixed-valence 

inorganic metal complexes (90-92). Such delocalization would be consistent with a comparative 

inelastic x-ray scattering (RIXS) study of Mn oxides, Mn coordination complexes, and spinach 

PSII membranes (93). The authors of this study concluded that the electron that leaves the Mn4Ca 
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cluster during the S1 to S2 transition originates from a highly delocalized orbital (93). 

Delocalization would also be consistent with QM/MM analyses that have been based on the 3.5 Å 

x-ray crystallographic structural model (7, 22, 27, 94). The authors of these studies concluded that 

the oxidation of the Mn4Ca cluster during the S1 to S2 transition would cause little increase in the 

electrostatic charge of the individual Mn ions. In their analyses, the greatest increase in 

electrostatic charge during this transition is actually on the Ca ion. These authors also proposed 

that the α-COO− group of D1-Ala344 is a unidentate ligand of Ca. However, a recent 13C ENDOR 

study shows that this group ligates Mn (95) (ligation of both Mn and Ca is possible), consistent 

with the 3.0 and 2.9 Å crystallographic structural models (2, 5) and with an earlier FTIR study 

involving the replacement of Ca with Sr (62). The QM/MM analyses also predict that CP43-

Glu354 ligates along the Jahn−Teller axis of a Mn(III) ion (7, 22, 27, 94). On the basis of recent 

FTIR studies, it has been proposed that CP43-Glu354 changes its coordination mode during the 

S1 to S2 transition (85) (but see ref 71) and that D1-Ala344 significantly changes its orientation 

(96). Consequently, the reason that both the νsym(COO−) mode of D1-Ala344 (62, 69, 89) and the 

νasym(COO−) mode of CP43-Glu354 (71, 85) shift during the S1 to S2 transition may be that the 

carboxylate group of one ligates along the Jahn−Teller axis of the Mn(III) ion that undergoes 

oxidation and the carboxylate group of the other changes its coordination mode or orientation. 

Most of the Mn4Ca cluster’s putative carboxylate ligands appear to facilitate the cluster’s 

assembly (97, 98) rather than regulate its function: D1-Asp170, D1-Glu189, and D1-Asp342 each 

can be replaced by at least one other amino acid that supports significant O2 producing activity 

(20, 99-101). In contrast, residues in the Mn4Ca cluster’s second coordination sphere and beyond 

are postulated to play key roles in providing the driving force for oxidizing the cluster in its 

higher oxidation states and in regulating the access of substrate water. In particular, recent models 

postulate that CP43-Arg357 (or D1-Asp61) serves as a redox-activated catalytic base that 
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facilitates the oxidation of the Mn4Ca cluster during the S2 to S3 and S3 to S4 transitions (7, 13, 21, 

22, 25-28). In these models, when the Mn4Ca cluster is in its S2 or S3 state, the formation of YZ
• 

triggers the deprotonation of CP43-Arg357 (or D1-Asp61) to the thylakoid lumen. Protonation to 

the lumen is necessary from energetic considerations (102). The subsequent oxidation of the 

Mn4Ca cluster involves the simultaneous transfer of a proton from the Mn4Ca cluster to the now 

deprotonated CP43-Arg357 (or D1-Asp61). In these models, the pKa of CP43-Arg357 (or D1-

Asp61) is decreased substantially by the presence of the positive charge on the YZ
•/D1-His190 

pair (hence, the formation of YZ
• triggers the residue’s deprotonation). The pKa value is restored 

when the charge on the YZ
•/D1-His190 pair is neutralized by the transfer of an electron from the 

Mn4Ca cluster to YZ
•. Hence, the reprotonation of CP43-Arg357 (or D1-Asp61) is highly favored 

and provides a strong thermodynamic driving force for oxidizing the Mn4Ca cluster in its higher 

oxidation states. The initial, YZ
•-induced deprotonation of CP43-Arg357 (or D1-Asp61) requires 

its deprotonation to the lumen via a network of protonatable amino acid side chains and water 

molecules such as those envisaged to exist in the potential proton egress channels that have been 

identified in the x-ray crystallographic structural models (1, 5, 32-35). Kinetically efficient proton 

transfer through these channels requires finely tuned pKa differences between key residues and 

transient formation of clusters of water molecules (102-105). Consequently, mutation of key 

residues in a dominant proton egress pathway would be expected to slow oxidation of the Mn4Ca 

cluster in the same manner that mutations that impair proton uptake slow the transfer of an 

electron from QA
•− to QB

•− in reaction centers of Rhodobacter sphaeroides (37-39) and the 

reduction of O2 to H2O in cytochrome c oxidase (106-108). In support of their proposed roles in 

proton transfer, mutations of D1-Asp61 (109-111) and CP43-Arg357 (112, 113) slow oxidation 

of the Mn4Ca cluster substantially during one or more of the S-state transitions. 
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As an initial attempt to verify the proposed proton egress channels in PSII 

experimentally, we have used the negative band at 1747 cm−1 in the wild-type S2-minus-S1 FTIR 

difference spectrum to probe for the presence of a network of hydrogen bonds near the Mn4Ca 

cluster. Residues D1-Asp61, D1-Glu65, D2-Glu312, and D1-Glu329 are highly conserved and 

are the closest carboxylate residues to the Mn4Ca cluster that do not ligate Mn or Ca (1, 2, 5). In 

the 2.9 Å crystallographic structural model, these residues are located 4.6, 10.8, 11.3, and 7.5 Å 

from the nearest Mn ion, respectively (5) (Figure 7). The peptide carbonyl of D1-Glu329 accepts 

a hydrogen bond from D1-His332, a putative Mn ligand. The side chain of D1-Glu329 has been 

proposed to participate in an O2 egress channel (5, 35), while the side chains of D1-Asp61, D1-

Glu65, and D2-Glu312 have been proposed to participate in a proton egress channel (1, 5, 32-35) 

with D1-Glu65 located at the channel’s narrowest point (5, 35). 

Our data show that the D1-D61A, D1-E65A, and D2-E312A mutations perturb the 

properties of the Mn4Ca cluster far more than do mutations of the putative Mn ligands D1-

Asp170, D1-Glu189, and D1-Asp342. The fraction of PSII reaction centers that advance through 

the S-state cycle in response to saturating flashes is substantially diminished in PSII core 

complexes from all three mutants (Figures 2, 3, and 5). In all three mutants, the efficiency of the 

S2 to S3 transition is lower than in the wild type and the efficiency of the S3 to S0 transition 

appears to be substantially lower. The latter point is best illustrated via comparison of the second 

and third flash spectra of D1-E329Q with the corresponding data of D1-D61A, D1-E65A, and 

D2-E312A. Whereas the efficiency of the S2 to S3 transition appears to be decreased to similar 

extents in all four mutants, the efficiency of the S3 to S0 transition is much lower in D1-D61A, 

D1-E65A, and D2-E312A than in D1-E329Q. In contrast, D1-D170H, D1-E189Q, D1-E189R, 

and D1-D342N PSII core complexes advance efficiently through the S-state cycle, with no 

apparent decrease in the efficiency of any S-state transition (61, 64, 65). A substantially 

 142

javascript:void(0);
javascript:void(0);
http://pubs.acs.org/doi/full/10.1021/bi100730d#fig7
javascript:void(0);
javascript:void(0);
javascript:void(0);
http://pubs.acs.org/doi/full/10.1021/bi100730d#fig2
http://pubs.acs.org/doi/full/10.1021/bi100730d#fig3
http://pubs.acs.org/doi/full/10.1021/bi100730d#fig5
javascript:void(0);


decreased efficiency for the S3 to S0 transition in D1-D61A PSII core complexes would be 

consistent with earlier data showing that the rate of O2 release is slowed 8-fold in D1-D61A cells 

(109). The D1-D61N mutation also decreases the efficiency of the S-state transitions and slows 

the rate of O2 release 10-fold (109). In D1-D61N PSII core complexes, the S1 to S2 and S2 to S3 

transitions are slowed 2-fold (109) and the S3 to S0 transition is slowed 10-fold (110). A similar 

slowing of the S-state transitions is likely to occur in D1-D61A PSII core complexes and, by 

inference, in D1-E65A and D2-E312A PSII core complexes. Slowed oxidation of the Mn4Ca 

cluster during the S-state transitions would be consistent with a role for all three residues in a 

dominant postulated proton egress pathway linking the Mn4Ca cluster with the thylakoid lumen, 

such as those identified in analyses of the existing x-ray crystallographic structural models (1, 5, 

32-35). 

The S2-minus-S1 FTIR difference spectra of D1-D61A, D1-E65A, D2-E312A, and D1-

E329Q PSII core complexes are altered far more than the corresponding spectra of D1-D170H, 

D1-E189Q, and D1-D342N PSII core complexes. Several amide II modes are altered 

substantially in the S2-minus-S1 FTIR difference spectra of D1-D61A, D1-E65A, and D2-E312A. 

These alterations show that these mutations alter the conformational rearrangements of the 

polypeptide backbone that normally accompany the S1 to S2 transition. Evidently, the D1-D61A, 

D1-E65A, and D2-E312A mutations substantially alter part of the protein’s structural response to 

the increased charge that develops on the Mn4Ca cluster during this transition. The D1-E329Q 

mutation evidently alters this response to a much lesser extent because only the negative amide II 

mode at 1543 cm−1 is affected significantly. 

The primary focus of this study is on the negative band at 1747 cm−1. This band is 

observed in the S2-minus-S1 FTIR difference spectrum of moderately hydrated wild-type PSII 

core complexes (Figure 8). This band is eliminated by partial dehydration (Figure 8A). It is also 
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eliminated by the D1-E65A, D2-E312A, and D1-E329Q mutations (Figure 8D−F). In contrast, it 

is unaltered by the D1-D61A mutation (Figure 8C). The elimination of this mode does not 

correlate with substantial changes in the protein’s structural response to the S1 to S2 transition 

because it is present in D1-D61A and absent in D1-E329Q. In carboxylic acids, deuteration 

removes the weak coupling that exists between the C═O stretching and C−O−H bending modes 

of the COOH group, causing the ν(C═O) mode to downshift by 4−20 cm−1 (45, 47-49, 72). This 

D2O-induced downshift is diagnostic for the ν(C═O) mode of protonated carboxylate residues 

and has been used as such in many systems, including bacteriorhodopsin (45, 114-117), 

rhodopsin (118, 119), bacterial reaction centers (120-123), heme-copper oxidases (124-127), and 

photoactive yellow protein (128). Exchange of wild-type PSII core complexes into buffer 

containing D2O downshifted the 1747 cm−1 band by 4 cm−1 (Figure 8B). Deuteration-induced 

downshifts of 4 cm−1 have been reported previously for the ν(C═O) mode of Asp212 in 

bacteriorhodopsin (117), Glu L212 in bacterial reaction centers (121), and Glu278 in cytochrome 

c oxidase from Paracoccus denitrificans (124, 126) (also see ref 125). On the basis of its 

downshift in D2O, we attribute the negative 1747 cm−1 band to the ν(C═O) mode of a protonated 

carboxylate residue whose environment changes during the S1 to S2 transition. 

The frequency of the ν(C═O) mode of a carboxylic acid residue depends on the numbers 

and strengths of hydrogen bonds involving the C═O and O−H groups (45, 47-49, 72). Its 

appearance at 1747 cm−1 in wild-type PSII core complexes suggests that it participates in a single 

hydrogen bond that involves the C═O group (48, 49), although participation in two hydrogen 

bonds, with one involving the C−O−H oxygen, cannot be excluded (49). In an FTIR difference 

spectrum, the peak corresponding to the ν(C═O) mode of a carboxylic acid residue can change in 

a number of ways. Partial protonation (deprotonation) of an Asp or Glu residue gives rise to a 

single positive (negative) absorption band. Proton transfer between two Asp/Glu residues gives 
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rise to positive and negative bands of approximately equal amplitudes [assuming that the two 

ν(C═O) modes are well separated]. A change in the environment of a carboxylic acid causes the 

band to shift and gives rise to a differential band. The shape of the negative 1747 cm−1 peak in 

wild-type PSII core complexes suggests that a carboxylate residue partly deprotonates (i.e., its 

pKa decreases) in response to the S1 to S2 transition. The partial depronation of this residue should 

increase the amplitudes of the νasym(COO−) and νsym(COO−) modes of the same residue in its 

carboxylate form. These modes should appear near 1580−1560 and 1400 cm−1, respectively (72). 

Consequently, the loss of the negative peak at 1747 cm−1 should correlate with a loss of positive 

spectral features (or the increase in negative spectral features) near 1580−1560 and 1400 cm−1. 

Although a decreased positive amplitude at 1587 cm−1 is observed in the S2-minus-S1 FTIR 

difference spectrum of partly dehydrated wild-type PSII (blue and red traces in Figure 1A), the 

same change is not observed in D1-E65A, D2-E312A, or D1-E329Q (top traces in Figures 3, 5, 

and 6, respectively). Similarly, while an increased negative amplitude near 1400 cm−1 is observed 

in the S2-minus-S1 FTIR difference spectra of D1-E65A, D2-E312A, and D1-E329Q (Figures 3, 

5, and 6), the same change is not observed in the partly dehydrated wild type (Figure 1A). We 

presume that the expected changes to the νasym(COO−) and νsym(COO−) modes are masked by 

other mutation-induced or dehydration-induced structural changes in these regions. 

The structural response of PSII to the development of charge on the Mn4Ca cluster during 

the S1 to S2 transition presumably is propagated both electrostatically and through networks of 

hydrogen bonds involving amino acid residues and water molecules. We propose that this 

propagated structural response alters the environment of the carboxylate group responsible for the 

1747 cm−1 band, decreasing this group’s pKa value. We also propose that D1-Glu65, D2-Glu312, 

and D1-Glu329 participate in the same network of hydrogen bonds as the carboxylate group 

responsible for this band. Finally, we propose that the mutation of any of these three residues to a 
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nonprotonatable residue, or the partial dehydration caused by maintaining samples at a relative 

humidity of ≤85%, disrupts the network sufficiently that the structural perturbations associated 

with the S1 to S2 transition are no longer transmitted to this carboxylate, thereby eliminating the 

1747 cm−1 band from the spectrum. The carboxylate group that corresponds to the 1747 cm−1 

band could be the side chain of D1-Glu65, D2-Glu312, or D1-Glu329. Alternatively, it could 

belong to another carboxylate residue located in the same proposed network of hydrogen-bonded 

side chains and water molecules. Because the side chain of D1-Glu329 is located 20 Å from D1-

Glu65 and D2-Glu312 in the 2.9 Å crystallographic structural model (5), the extended network of 

hydrogen bonds identified in this study must extend for at least 20 Å across the lumenal face of 

the Mn4Ca cluster and probably includes the chloride ion identified in this model. The existence 

of extensive networks of hydrogen bonds in the lumenal domains of PSII was predicted recently 

on the basis of a molecular dynamics study (36). Because mutations of D1-Asp61, D1-Glu65, and 

D2-Glu312 substantially decrease the fraction of PSII reaction centers that undergo the S3 to S0 

transition in response to a saturating flash, the hydrogen-bonded network that includes these 

residues may form part of a dominant proton egress pathway leading from the Mn4Ca cluster to 

the thylakoid lumen. In is noteworthy that D1-Glu329 does not form part of the same putative 

access/egress channel as D1-Asp61, D1-Glu65, and D2-Glu312 in recent analyses of static PSII 

structures (1, 5, 32-35). It is an open question whether features of this network, particularly the 

apparent connection between D1-Glu329 and the other three residues, exist permanently or 

fleetingly, like the networks of hydrogen bonds that transiently connect hydrophilic pockets in the 

recent molecular dynamics study (36). 

In the 2.9 Å crystallographic structural model, the side chain of D1-Asp61 is located only 

4.8 Å from the side chain of D1-Glu65 and only 6.4 Å from the side chain of D2-Glu312 (5). 

Furthermore, D1-Asp61 is located between the Mn4Ca cluster and both of these residues. 
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Consequently, it seems likely that D1-Asp61 participates in the same network of hydrogen bonds 

as D1-Glu65, D2-Glu312, and D1-Glu329. Nevertheless, the 1747 cm−1 band is unaltered by the 

mutation of D1-Asp61 to Ala. This lack of an effect provides a constraint on attempts to identify 

the source of the 1747 cm−1 band and suggests that the carboxylate residue that gives rise to this 

band is located closer to D1-Glu65, D2-Glu312, or D1-Glu329 than to D1-Asp61. Possible 

candidates include D2-Glu302, D2-Glu308, D2-Glu310, D2-Glu323, PsbO-Asp184, and PsbO-

Asp250. 

Comparison of the individual FTIR difference spectra of wild-type PSII core particles 

(e.g., Figure 2, black traces) shows that the negative band at 1747 cm−1 in the S2-minus-S1 

spectrum appears to correlate with a positive band at 1747 cm−1 in the S0-minus-S3 spectrum and 

that a positive band at 1745 cm−1 in the S3-minus-S2 spectrum appears to correlate with a negative 

band at 1745 cm−1 in the S1-minus-S0 spectrum. It is tempting to speculate that the structural 

perturbations responsible for the negative 1747 cm−1 band during the S1 to S2 transition are 

reversed during the S3 to S0 transition and that another carboxylate group has its pKa increased 

during the S2 to S3 transition and restored during the S0 to S1 transition. It is interesting to note 

that the 1745 cm−1 band was eliminated by all four mutants examined in this study. However, 

conclusions regarding the reversibility of the 1747 cm−1 band and the nature of the 1745 cm−1 

band must await D2O exchange analysis of the S3-minus-S2, S0-minus-S3, and S1-minus-S0 

transitions in wild-type PSII core complexes. 

In PSII core complexes from the cyanobacterium T. elongatus, the S2-minus-S1 FTIR 

difference spectrum contains no large negative features at 1747 cm−1 (51, 66, 74-76). 

Furthermore, the exchange of T. elongatus PSII core complexes into D2O produces no downshift 

of any mode in the ν(C═O) region (51). The band is also absent from the S2-minus-S1 FTIR 

difference spectrum of spinach PSII membranes (77-80), although a positive band at 1747 cm−1 
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was reported in spinach PSII core complexes (129). Exchange of spinach PSII membranes into 

D2O also produces no downshift of any mode in the ν(C═O) region (78). One possible 

explanation for the lack of this band in T. elongatus and spinach PSII preparations derives from 

the slight differences between the amino acid sequences of the PSII polypeptides of spinach, T. 

elongatus, and Synechocystis sp. PCC 6803. Because the sequences differ, the orientations of side 

chains and water molecules in the extended network of hydrogen bonds are likely to differ. 

Perhaps these networks differ to the extent that the structural perturbations associated with the S1 

to S2 transition in T. elongatus and spinach are not transmitted to the carboxylate group that is 

responsible for the 1747 cm−1 band in Synechocystis sp. PCC 6803. The sensitivity of this band to 

the extent of sample hydration and to the mutation of selected single amino acid residues shows 

the sensitivity of the corresponding carboxylate group to minor changes in the protein 

environment. Alternatively, this carboxylate residue may not be conserved in all organisms. 

However, a third explanation is that the observation of this band is preparation-dependent. For 

example, this band has been reported previously in some PSII preparations from Synechocystis 

sp. PCC 6803 (61, 62, 64, 65, 69, 70), but not in others (85, 87-89, 130). Nevertheless, we have 

observed it under a variety of conditions, including in PSII core complexes that have been 

purified in the presence of 25% (v/v) glycerol instead of 1.2 M betaine. 

Concluding Remarks 

On the basis of the presence or absence of the ν(C═O) mode of a protonated carboxylate 

group in the S2-minus-S1 FTIR difference spectrum, we conclude that residues D1-Glu65, D1-

Glu329, and D2-Glu312 participate in a hydrogen-bonded network that extends at least 20 Å 

across the lumenal face of the Mn4Ca cluster. This network presumably also includes D1-Asp61. 

The D1-D61A, D1-E65A, and D2-E312A mutations appear to substantially decrease the fraction 

of PSII reaction centers that undergo the S3 to S0 transition in response to a saturating flash. 
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Consequently, elements of the hydrogen-bonded network that includes D1-Asp61, D1-Glu65, 

D2-Glu312, and D1-Glu329 may comprise part of a dominant proton egress pathway leading 

from the Mn4Ca cluster to the thylakoid lumen. 
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3.7 Figures 
 
Figure 3.1 Comparison of the midfrequency S2-minus-S1 FTIR difference spectra of wild-
type PSII core complexes (A) maintained at a relative humidity of 99% (black) or 85% (blue) or 
as a dry film in the sample cell (red) or (B) exchanged into FTIR buffer containing H2O (black) or 
D2O (red) and maintained at a relative humidity of 99% (in an atmosphere of H2O or D2O, 
respectively). In panel A, the spectra have been normalized to the peak to peak amplitudes of the 
negative ferricyanide peak at 2115 cm−1 and the positive ferrocyanide peak at 2038 cm−1. In panel 
B, the spectra have been normalized to maximize overlap between 1450 and 1350 cm−1. The 
black, blue, and red traces in panel A represent the averages of four, seven, and four samples, 
respectively, and consist of 13800, 24200, and 13400 scans, respectively. The black and red 
traces in panel B each represent the average of four samples and consist of 13800 and 13600 
scans, respectively. The sample temperature was 273 K. 
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Figure 3.2 Comparison of the midfrequency FTIR difference spectra of wild-type (black) 
and D1-D61A (red) PSII core complexes in response to four successive flash illuminations 
applied at 273 K. The wild-type spectra correspond predominantly to the S2-minus-S1, S3-minus-
S2, S0-minus-S3, and S1-minus-S0 FTIR difference spectra, respectively. The data (plotted from 
1770 to 1170 cm−1) represent the averages of nine wild-type and eight D61A samples (10800 and 
9600 scans, respectively). To facilitate comparisons, the mutant spectra have been multiplied by 
factors of 1.1 after normalization to the peak to peak amplitudes of the negative ferricyanide 
peak at 2115 cm−1 and the positive ferrocyanide peak at 2038 cm−1 to maximize overlap with the 
wild-type spectra. Dark-minus-dark control traces are included to show the noise level (bottom 
traces). 
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Figure 3.3 Comparison of the midfrequency FTIR difference spectra of wild-type (black) 
and D1-E65A (red) PSII core complexes in response to four successive flash illuminations 
applied at 273 K. The data (plotted from 1770 to 1170 cm−1) represent the averages of nine wild-
type and 12 D1-D61A samples (10800 and 14400 scans, respectively). To facilitate comparisons, 
the mutant spectra have been multiplied by factors of 0.83 after normalization to the peak to 
peak amplitudes of the negative ferricyanide peak at 2115 cm−1 and the positive ferrocyanide 
peak at 2038 cm−1 to maximize overlap with the wild-type spectra. Dark-minus-dark control 
traces are included to show the noise level (bottom traces). 
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Figure 3.4 Comparison of the midfrequency FTIR difference spectra of Mn-depleted wild-
type (black) and intact D2-E312A (red) PSII core complexes in response to the first of six 
successive flash illuminations applied at 273 K. The data (plotted from 1770 to 1170 cm−1) 
represent the averages of nine Mn-depleted wild-type and nine D2-E312A samples (10800 scans 
each). The fraction of D2-E312A PSII reaction centers lacking Mn4Ca clusters (0.31) was 
estimated from the amplitude of the negative peak at 1706 cm−1 (see the text for details). 
Accordingly, the spectrum of the Mn-depleted wild-type sample shown in this figure was 
multiplied by a factor of 0.31 after normalization to the peak to peak amplitudes of the negative 
ferricyanide peak at 2115 cm−1 and the positive ferrocyanide peak at 2038 cm−1. 
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Figure 3.5 Comparison of the midfrequency FTIR difference spectra of wild-type (black) 
and D2-E312A (red) PSII core complexes in response to four successive flash illuminations 
applied at 273 K. The data (plotted from 1770 to 1170 cm−1) represent the averages of nine wild-
type and nine D2-E312A samples (10800 scans each). The S2-minus-S1 FTIR difference spectrum 
of D2-E312A was corrected for the presence of a significant population of Mn-depleted PSII 
reaction centers (see the text for details). To facilitate comparisons, the mutant spectra have been 
multiplied by factors of 1.4 after normalization to the peak to peak amplitudes of the negative 
ferricyanide peak at 2115 cm−1 and the positive ferrocyanide peak at 2038 cm−1 to maximize 
overlap with the wild-type spectra. Dark-minus-dark control traces are included to show the noise 
level (bottom traces). 
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Figure 3.6 Comparison of the midfrequency FTIR difference spectra of wild-type (black) 
and D1-E329Q (red) PSII core complexes in response to four successive flash illuminations 
applied at 273 K. The data (plotted from 1770 to 1170 cm−1) represent the averages of nine wild-
type and four D1-D329Q samples (10800 and 4800 scans, respectively). The spectra have been 
normalized to the peak to peak amplitudes of the negative ferricyanide peak at 2115 cm−1 and the 
positive ferrocyanide peak at 2038 cm−1. Dark-minus-dark control traces are included to show the 
noise level (bottom traces). 
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Figure 3.7 Mn4Ca cluster and its environment as depicted in the 2.9 Å crystallographic 
structural model of PSII from T. elongatus (PDB entry 3BZ1) (5). The four residues discussed in 
this panel are colored bright yellow (Asp61, Glu65, and Glu329 of the D1 polypeptide) or bright 
orange (Glu312 of the D2 polypeptide). The Mn, Ca, and Cl ions are depicted as red, orange, and 
green spheres, respectively. Tyrosine YZ and the protein ligands of the Mn4Ca cluster are colored 
light yellow or orange (residues of D1 and CP43, respectively). Portions of water access, proton 
egress, and O2 egress channels identified in the 2.9 Å structural model are colored blue, gray, and 
maroon, respectively (the channel coordinates from ref 35 were graciously provided by A. 
Zouni). In this model, the shortest distances between the carboxylate group and the nearest Mn 
ion are 4.6, 10.8, 11.3, and 7.5 Å for D1-Asp61, D1-Glu65, D2-Glu312, and D1-Glu329, 
respectively (5). 
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Figure 3.8. ν(C═O) region of the S2-minus-S1 FTIR difference spectra of (A) wild-type PSII 
core complexes maintained at a relative humidity of 99% (black) or 85% (blue) or as a dry film in 
the sample cell (red), (B) wild-type PSII core complexes exchanged into FTIR buffer containing 
H2O (black) or D2O (red), (C) wild-type (black) and D1-D61A (red) PSII core complexes, (D) 
wild-type (black) and D1-E65A (red) PSII core complexes, (E) wild-type (black) and D1-E312A 
(red) PSII core complexes [after correction of D2-E312A for the presence of Mn-depleted 
reaction centers (see the text for details)], and (F) wild-type (black) and D1-E329Q (red) PSII 
core complexes. The data have been reproduced from Figures 1A,B, 2, 3, 5, and 6, respectively. 
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CHAPTER 4 

STUDY OF DEUTERIUM SUBSTITUTION AND THE MUTATION OF THREE POLAR 

RESIDUES OF THE BROAD CHANNEL ON HYDROGEN BONDING EFFECTS 

 

4.1 Abstract 

Thanks, in part, to the recent high resolution x-ray crystallographic structures, better 

guides exist for spectroscopic analysis. Different sized channels exist throughout PSII leading to 

and from the Mn4Ca cluster and have been tentatively identified. Presence of polar groups, 

especially carboxylic acids, along the channels suggest a capacity for an interconnecting 

hydrogen bonding route, allowing dynamic bonding processes to occur during water oxidation. In 

an effort to examine this process, six mutations for three residues within the broad channel, a 

likely water or proton channel, were studied using FTIR difference spectroscopy. Careful 

inspection of the ν(C=O), particularly at the 1747 cm-1 band showed no effect by any of the 

mutants, D2-E323Q, D1-E333Q, D2-K317A, E, Q, and R. This indicates these residues are likely 

not involved in the hydrogen-bonding network. However, D1-E333Q did show many spectral 

variations, which can be attributed to heavy conformational change both at the Mn4Ca cluster and 

a chloride ion to which its backbone nitrogen bonds. The D2-K317A, E, and Q mutants were 

unable to progress beyond S2 storage state, suggesting D2-Lys317 serves as an important 

participant in a halogen bond to the chloride ion of the broad channel as well as a basis for 

structural integrity at the mouth of channel. D2-E323Q did not show evidence of any deviation 

from wild-type and is likely not directly involved in the extensive hydrogen-bonding network. 

 
4.2 Introduction 

The network of residues creating channels throughout PSII has a connection to an 

extending hydrogen-bonding network. As revealed in (1), a carboxylate within or at the edge of 
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this chain is shown to decrease its pKa in response to the transition from S1 to S2 and can be 

monitored at the ν(C=O) region as previously discussed in Chapter 1.3. In an effort to identify 

this residue, carboxylates within purported water or proton egress channels are of particular 

interest, such as the broad channel (2 - 4). Such carboxylates do not have to be near the Mn4Ca 

cluster as initially discovered with D2-Glu312, D1-Glu329, and D1-Glu65 to have an effect on 

the changing vibrational mode at 1747 cm-1 (1). A residue, D2-Glu323 was found in the broad 

channel, approximately 16 Å from the Mn4Ca cluster and 10 Å from a chloride ion within the 

broad channel (3 - 5). In addition to a carboxylic acid residue, a free metal chloride ion, Cl-, was 

located. Cl- ions in PSII have been considered to play an important role in oxygen evolution (6 – 

9). For decades, the role, benefit, and necessity of chloride has been studied with respect to 

photosynthesis and PSII, though the full spectrum of Cl- participation with respect to the active 

site and protein channels is still not well understood (9). 

Only now, with the recent x-ray crystallographic studies has the location of two Cl- in 

two distinct areas been identified near the Mn4Ca cluster using Br- or I- substitution (2 - 5). 

Location of Cl-1 with respect to the OEC and broad channel can be seen in Figure 4.1. A residue 

which could contribute to an extensive hydrogen-bonding network within this channel is D2-

Glu323 and is depicted within the channel in Figure 4.2. Cl-1, greater than 6.5 Å from the Mn4Ca 

cluster (5) is involved in a halogen bond with a nitrogen from the side-chain amine group of D2-

Lys317 and backbone of D1-Glu333 which can be seen in Figures 4.3 and 4.4 respectively. Cl-2, 

greater than 7 Å from the cluster, is between CP43-Glu354 and D1-Asn 338 backbone nitrogens. 

Both Cl- are also surrounded by two water molecules.  

Cl-1 likely does not interact with the cluster directly. Based on evidence from similarly 

structured proteins such as α-amylase and angiotensin converting enzyme, the presence of Cl-1 

within the channel has been proposed to prevent a salt-bridge from forming between D2-Lys317 
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and/or D1-Glu333 with nearby D1-Asp61. The salt bridge would cause a conformational change 

resulting in shifted D1-Glu333, D1-His332, and lowering the pKa of D1-Asp61 making proton 

egress a more difficult procedure, inhibiting the catalytic cycle (10). A Cl- binding location exists 

within the broad channel, Cl-1, and large channel, Cl-2 (2, 3, 5). Cl-1 exists near the opening of 

the broad channel, which contains two of the previously discussed hydrogen bonding network 

residues, D1-Glu65 and D2-Glu312 (1). In an effort to better comprehend the source of changes 

seen in the ν(C=O) region as well as the activity of Cl-1, the residue D2-Glu323 as well as the 

two residues near Cl-1, D2-Lys317 and D1-Glu333 all in the broad channel were examined using 

site directed mutagenesis and FTIR spectroscopy. 

 

4.3 Materials and Methods 

Sample Preparation 

For wild-type tests prepared in D2O, samples (approximately 70 μg of Chl a) were 

exchanged into deuterated water FTIR analysis buffer [40 mM sucrose, 10 mM MES-NaOH (pH 

6.0), 5 mM CaCl2, 5 mM NaCl, and 0.06% (w/v) n-dodecyl β-d-maltoside (11, 12)]. The FTIR 

analysis buffer and the potassium ferricyanide and glycerol solutions were prepared with 99.9% 

D2O. The pD of the FTIR analysis buffer prepared in D2O was adjusted with freshly opened 

99.5% NaOD and the pD value was obtained by addition of 0.40 to the pH meter reading (13, 14). 

The sample passed through a 70 μL centrifugal gel filtration column at 27g (15). Samples 

concentrated to 10 μL were mixed with 1/10 volume of fresh 100 mM potassium ferricyanide 

(dissolved in 99.9% deuterated water), spread to a diameter of 10 mm on a 15 mm diameter 

BaF2 window, and then dried lightly (until tacky) under a stream of dry nitrogen gas. Relative 

humidity of the sample in the FTIR cryostat was obtained by adding 20% (v/v) glycerol made 

with 99.9% deuterated water dropwise, away from but adjacent to the sample. A second IR 
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window with a 0.5mm Teflon spacer was placed between the windows and sealed with silicon-

free high-vacuum grease. The sample was then loaded into the FTIR cryostat and equilibrated for 

2 h at 273.0 K. Absorbance of the amide I band at 1657 cm−1 was no less than 0.8 and no greater 

than 1.2 for optimum spectral quality. 

  All mutant manipulations were conducted under dim green light at 4 °C. Samples of 30 

μg of Chl a were exchanged into FTIR analysis buffer [40 mM sucrose, 10 mM MES-NaOH (pH 

6.0), 5 mM CaCl2, 5 mM NaCl, and 0.06% (w/v) n-dodecyl β-d-maltoside (11, 12)] passing 

through 70 μL centrifugal gel filtration column at 27g (15) and further concentrated to 10 μL in 

Microcon centrifugal filter units. Sample was pipetted onto a 25 mm diameter BaF2 window in a 

10 mm area with 1/10 volume of fresh 100 mM potassium ferricyanide in water and dried under a 

gentle stream of nitrogen gas until tacky. Relative humidity of 99% was maintained using 1 μL x 

4 drops of 20% (v/v) glycerol on the outer edge of the BaF2 window, sealed with a rubber o-ring 

and additional BaF2 window, creating a contained environment between the sandwiched windows 

(16). The sample was immediately loaded into the water-cooled FTIR cryostat and brought to ~ 

273.0 K in darkness for 1½  h. Absorbance of the amide I band at 1657 cm−1 was no less than 0.8 

and no greater than 1.2 for optimum spectral quality. 

Measurement of FTIR Spectra  

Deuterated water wild-type experiments were done on a Bruker Equinox 55, collecting 

midfrequency FTIR spectra at a spectral resolution of 4 cm−1 as described previously (12, 13, 17). 

Illumination by frequency-doubled Q-switched Nd:YAG laser was supplied at 25 mJ/flash ( 7 

ns fwhm). One preflash was applied after dark adaptation and followed by 5 minutes of dark 

recovery time in order to oxidize YD. Six successive flashes occurred over an interval of 12 s 

each. Two single-beam spectra were recorded before the first flash, and one single-beam 

spectrum was recorded starting 0.33 s after the first and subsequent flashes to allow for the 
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oxidation of QA
•− by the ferricyanide added to the sample. Each spectrum consists of 100 scans 

and was collected over 12 series and averaged. Difference spectra were created by dividing the 

each preceding flash by its following flash, showing transitions between S-state. Each flash 

pushes the cycle to the next S-state which then loops after the fourth flash, S2-minus-S1 for the 

first flash and so on for S3-minus-S2, S0-minus-S3, and S1-minus-S0. After 30 minute dark 

adaptation back to the dark stable S1, the process repeats. 

Mutant experiments were tested similarly in a Bruker Vertex 70 spectrometer. Mutants 

studied in the Vertex 70 did not require a preflash. For the experiments, a series of 6 flashes were 

applied after initial 1½  h dark adaptation and 30 min dark adapting intervals 13 times after, each 

“series” consisting of 100 scans per single flash. Two single-beam spectra were recorded before 

the flash, and a single-beam spectrum was recorded starting 0.33 s after the flash. Difference 

spectra were obtained as explained above and averaged at 10,000 or greater scans. 

Oxygen Rate 

Light-saturated, steady state rates of O2 evolution and chlorophyll a (Chla) concentrations 

were measured as described previously (18). 

 

4.4 Results 

4.4.1  Comparison of mutant to wild-type oxygen evolving rate 

The O2 evolving rates for D2-E323Q, D2-K317A, D2-K317E, D2-K317Q, D2-K317R, 

and D1-E333Q compared to that of the wild-type rate are provided in Table 1. Activity of 

mutants show D2-E323Q to have about half oxygen evolving rate of wild-type or O2 µmol (mg of 

Chl)-1 h-1. The D2-Lys317 mutants vary between rates with D2-K317A being the highest at 81%, 

D2-K317E and D2-K317Q about 14%, and D2-K317R at 24%. The D1-E333Q mutant used for 
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these experiments has an unusually high rate of 21% that of wild-type compared to previous 

preparations of the same mutant, used in other studies. 

 

4.4.2  Effect of 99.9% deuterated water on vibrational stretching modes in ν(C=O) of wild-type 

during the S1 to S2, S2 to S3, S3 to S0, and S0 to S1 transitions  

Previously studied effects of relative humidity and deuterated water FTIR buffer showed 

a correlation of hydration to the vibrational mode at 1747 cm-1 of the ν(C=O) region (1). Only S2-

minus-S1 were previously examined, though effects should be seen throughout all S-states. To 

show this, FTIR difference spectra were taken for wild-type samples prepared using 99.9% D2O 

in FTIR buffer and compared to wild-type prepared in regular FTIR buffer. The spectra that 

were induced by the first, second, third, and fourth flashes correspond to the S2-minus-S1, 

S3-minus-S2, S0-minus-S3, and S1-minus-S0 FTIR difference spectra, respectively, in 

Figure 4.5. 

 

4.4.3  Function of Glutamate-323 of the D2 polypeptide during the S1 to S2, S2 to S3, S3 to S0, 

and S0 to S1 transitions  

The midfrequency difference spectra for the mutant D2-E323Q S-state cycle is shown 

against wild-type in Figure 4.6 followed by the S2-minus-S1 spectrum only in Figure 4.7 and the 

double difference wild-type-minus-D2-E323Q in Figure 4.8. The data are an average of 12,200 

scans and normalized vertically at ferri/ferro peaks 2115 and 2038 cm-1 by a factor of 2.6 times 

wild-type, then at 1442 and 1400 cm-1 by 1.2 times wild-type and added 0.0000198 to baseline. 

The spectra of these figures show a mutant which can perform the four S-states very similarly to 

wild-type, with a S2-minus-S1 spectrum that is nearly identical to that of wild-type. Slight 
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difference occurs at amide I as well as a very slight shelf of 1385 cm-1 of the νsym(COO−), made 

more visible in the double difference spectrum. There is no significant change seen at the ν(C=O). 

 

4.4.4  Function of Glutamate-333 of the D1 polypeptide during the S1 to S2, S2 to S3, S3 to S0, 

and S0 to S1 transitions  

FTIR difference spectra for the mutant D2-E333Q were taken in four successive flash 

illuminations resulting in spectra corresponding to the S2-minus-S1, S3-minus-S2, S0-minus-S3, and 

S1-minus-S0, displayed in Figure 4.9.  D1-E333Q spectra, shown in red, represent an average of 

10,800 scans.  It should be noted that the averaged data sets show characteristics of manganese 

depletion, consisting of a large negative peak at 1706 cm-1 and positive peaks at 1698 and 1512 

cm-1.  For better spectral clarity, the manganese depleted spectrum was subtracted from S2-minus-

S1, as seen in Figure 4.10.  Resulting deviations from wild-type-minus-mutant D1-E333Q FTIR 

double difference spectra for the first flash are seen in Figure 4.11.  Significant differences are 

seen in both amide and asym(COO-) regions, mostly consisting of positive peaks. Additional 

changes, less pronounced, are located in the (C=O) and sym(COO-) regions consisting of a small 

positive peak and small negative peak, respectively. 

 

4.4.5  Function of Lysine-317 of the D2 polypeptide during the S1 to S2, S2 to S3, S3 to S0, and 

S0 to S1 transitions  

FTIR difference spectra were taken for four D1-Lys317 mutants including alanine, 

glutamic acid, glutamine, and arginine. The first, D1-K317A was observed at all four transitions, 

S2-minus-S1, S3-minus-S2, S0-minus-S3, and S1-minus-S0. Difference spectra are an average of 

11,200 scans and are normalized vertically at ferri/ferro peaks 2115 and 2038 cm-1 against wild-

type by factor of 1.5, then normalized at 1442 and 1399 cm-1 by factor of 1.85 to the mutant data.  
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Though a full cycle program was used, the mutant did not show evidence of cycling (data 

not shown), so only S2-minus-S1 data are presented (Figure 4.12). The mutant D1-K317A as 

compared to wild-type show some variation in the amide I/II and symmetric/asymmetric 

carboxylate regions. There is little change in the carbonyl of the carboxylic acid stretching region. 

The double difference spectrum for wild-type-minus-D2-K317A is shown in Figure 4.13. A very 

large negative peak at 1526 cm-1 either belongs to amide II or νasym(COO−). The lysine to alanine 

mutation could cause a rather large conformational change due to the missing side-chain nitrogen 

to Cl-1 halogen bond. Since Cl-1 is also bound to D1-Glu333, the change could effect the position 

of that residue, a bidentate ligand to Mn3 and Mn4, creating slight changes seen in the spectrum 

carboxylate regions. No apparent change is seen in the ν(C=O) region. 

The second mutation, D2-K317E, was also done in four successive flash illuminations 

and is an average of 12,000 scans, presented against wild-type in Figure 4.14.  Data is normalized 

vertically against wild-type by factor of 1.3 at ferri/ferro peaks 2115 and 2039 cm-1 then 1.5 times 

wild-type at 1442 and 1397 cm-1, subtracting 0.00003 from baseline. As with the D2-K317A 

mutant, D2-K317E did not show evidence of cycling through any storage state beyond S2. The 

mutant versus wild-type spectra show variation in both amide regions as well as νasym(COO−). 

There are slight differences at the νsym(COO−) region and very little change at ν(C=O) region as 

compared to wild-type, The double difference spectrum for wild-type-minus-D2 K317E is shown 

in Figure 4.15. As with D2-K317A mutant, D2-K317E has a very large negative peak at 1526 cm-

1. The lysine to glutamic acid mutation could act similar to alanine as it does not have a side-

chain nitrogen for Cl-1 halogen bond.  

The third mutant, D2-K317Q, followed four successive flash illuminations and is an 

average of 11,000 scans, presented against wild-type in 4.16.  Data is normalized vertically 

against wild-type by factor 2.27 at ferri/ferro, 2115 and 2039 cm-1 then 1.2 at 1433 and 1397 cm-1, 
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subtracting 0.00002 from baseline. As with the previous two mutants, D2-K317Q did not show 

evidence of cycling through any storage state beyond S2. The double difference spectrum for 

wild-type-minus-D2-K317Q is shown in Figure 4.17. For the S2-minus-S1 spectrum, clear 

differences can be seen in amide I/II and asymmetric carboxylate. There is little change in 

νsym(COO−) and only a small, positive difference at ν(C=O) regions. Additionally, like D2-K317A 

and D2-K317E, D2-K317Q has a large negative peak at 1526 cm-1. The lysine to glutamine 

mutation does have a side-chain nitrogen, though is not charged and also, depending on the 

conformation, may not be positioned within range of Cl-1. This could cause similarity of results 

as the previous two mutants described. In addition, it may create an environment for an addition 

hydrogen bond to be created at the channel, explaining the slight positive peak at 1747 cm-1 in the 

double difference spectrum. 

The last mutant, D2-K317R, followed four successive flash illuminations and is an 

average of 13,200 scans, presented against wild-type in Figure 4.18 and closer inspection of the 

first flash is seen in Figure 4.19. The double difference S2-minus-S1 spectrum for wild-type-

minus-D2-K317R is shown in Figure 4.20. Since the mutant had similar magnitude at the 

ferri/ferro peaks, mutant data was only normalized at 1431 and 1400 cm-1 vertically by factoring 

1.6 times wild-type data. 

Unlike the previous D2-Lys317 mutants, D2-K317R did show slight evidence of cycling 

through storage states. The mutant spectral magnitude is smaller than wild-type for S2-minus-S1, 

S3-minus-S2, S0-minus-S3, and S1-minus-S0, but is normalized for equivalency throughout the 

comparison. Characteristics of cycling through the S-states are apparent, suggesting a complete 

cycle is taking place. The mutant versus wild-type S2-minus-S1 spectrum shows numerous 

deviations throughout the 1800 – 1200 cm-1 range, a slight difference at the νsym(COO−) and 

ν(C=O) regions while the majority in amide I/II and νasym(COO−). Interesting deviations seen in 
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the double difference spectrum from the previous D2-K317 mutants are a positive peak at 1756 

cm-1, negative peak at 1510 cm-1 , and the lack of negative peak at 1526 cm-1. The lysine to 

arginine mutation has a similar size as well as a positively charged side-chain nitrogen. 

Opportunity exists for arginine to have a similar interaction as lysine with Cl-1.  

 
4.5 Discussion 

Comparison of the individual FTIR difference spectra of wild-type PSII core particles 

exchanged into 99.9% D2O shows that the negative band at 1743 cm−1 in the S2-minus-S1 

spectrum appear to correlate with a positive band at 1742 cm−1 in the S0-minus-S3 spectrum and 

that a positive band at 1740 cm−1 in the S3-minus-S2 spectrum appears to correlate with a negative 

band at 1740 cm−1 in the S1-minus-S0 spectrum. The H2O wild-type behaves similarly with 1747 

cm−1 1st flash, 1746 cm−1 3rd flash and then 1745 cm−1 2nd flash, 1744 cm−1 4th flash. Between D2O 

and H2O wild-type samples there is a consistent down shift of between 3 and 5 wavenumbers, 

through rounding (from decimal places not seen in figure) it is actually closer to a shift of 4 over 

the course of the cycle. The peaks do not stay aligned in a single frequency but wobble slightly, 

about 2 wavenumbers, between each S-state.  This could be due to two different carboxylates 

acting oppositely. A carboxylate decreases its pKa,, shown by the negative 1747 cm−1 band during 

the S1 to S2 transition, then reverses during the S3 to S0 transition. Then another carboxylate group 

increases its pKa during the S2 to S3 transition and reverses during the S0 to S1 transition. Any 

effect of the hydrogen bonding network’s influence on the carboxylate’s environment would be 

difficult to determine since not all participants have been accounted for. Since the shifts are a 

characteristic of both D2O and H2O wild-type samples, they are likely not due to buffer 

interactions as both samples were made otherwise identically. 

Further testing interactions within the ν(C=O) region, the D2-E323Q mutant was made 

and observed through FTIR difference spectra. Though the mutant exists within the broad channel 
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as D1-Glu65 and D2-Glu312 do, it does not show the same spectral features at 1747 cm−1 as these 

mutants do (3 - 5). In fact, the D2-E323Q mutant cycles as wild-type spectra do, though at at a 

magnitude factor of 2.6 less. Given the oxygen evolving rate is 50% less than that of wild-type, 

this is a reasonable result. The residue D2-Glu323 shows no evidence of participation within the 

hydrogen-bonding network. 

Closer to the Mn4Ca cluster yet still in the broad channel, the D1-Glu333 residue lies 

with its side chain oxygens coordinated to Mn3 and Mn4 and backbone nitrogen facing the Cl-1 

within the channel (5, 10). Mutation of this residue causes apparent manganese disruption as 

shown by the manganese depleted features in the first flash spectrum. However, enough features 

remain that activity can be observed, with some evidence of at least partial cycling. There are 

noticeable variations between mutant and wild-type spectra, mostly occurring within the amide 

I/II and νasym(COO-) regions, but also less distinctly at ν(C=O) and νsym(COO-). The D1-E333Q 

mutation seems to cause enough conformational changes within the structure that the oxygen 

evolving rate is, at best, only one-fifth that of wild-type and seems to struggle completing 

transitions through S-state cycling. This mutant regularly gives very low oxygen evolving rates as 

well as low magnitude FTIR difference spectra. Perhaps the conformational changes taken on by 

the D1-E333Q mutant are not always the same as it seems to be in a key location between the 

Mn4Ca cluster and water/proton egress (broad) channel, immediately next to the Cl-1 ion, thus 

giving regularly inconsistent activity and expressing “noise” observed in a lot of the spectra. 

On the other side of Cl-1 within the broad channel lies D2-Lys317. This residue is 

thought to participate in halogen bonding to Cl-1. Considering the similarly structured α-amylase 

and angiotensin converting enzyme and lysine interactions, this seems to be a very likely case 

(10). Four mutations were performed with alanine, glutamic acid, glutamine, and arginine. D2-

K317A showed no difference from wild-type in the ν(C=O) region. While some variation does 
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exist within the amide I/II and νasym(COO-) regions, this is likely due to conformational change as 

a result of the mutation so near Cl-1. However, the oxygen evolving rate for this mutant is rather 

good at 81% that of wild-type. This is counterintuitive to the FTIR difference spectra represented, 

which show no ability to pass beyond the S2 state. It is possible that whatever structural 

perturbations occur as a result of the mutation briefly allow oxygen to evolve but cannot readapt 

to the S1 state easily nor precisely pass through the S-states with much synchronicity. D2-K317E 

and D2-K317Q show very similar FTIR difference spectra between each other, particularly the 

large negative peak at 1526 cm-1 of the double difference spectra, which is shared by these three 

mutations. Both 317E and 317Q have a low oxygen evolving rate of 13-14% that of wild-type. In 

addition, FTIR difference spectra do not advance beyond the S2 state. There many differences in 

the amide I/II and νasym(COO-) regions and small changes at νsym(COO-) region. Any change at 

ν(C=O) region, particularly 1747 cm-1, is very slight. As with D2-K317A, these two mutants may 

be out of range to contribute to a halogen bond with Cl-1, allowing a salt bridge to occur with D1-

Asp61 and disrupting activity within the broad channel. The final mutant, D2-K317R, showed 

FTIR difference spectra very similar to that of wild-type. Though the oxygen evolving rate was 

approximately 25% that of wild-type, the mutant managed to successfully cycle through all S-

states, though at a magnitude factor of 1.6 less. The double difference first flash spectrum for 

317R does not have a large negative peak at 1526 cm-1 like the other three. It does, however, 

show some changes in all five regions under consideration. Many differences occur in amide I/II 

and νasym(COO-) regions, but some noticeable changes occur as a positive peak at ν(C=O) and 

negative peak at νsym(COO-) regions. Theoretically, the positively charged side-chain nitrogen 

could participate in a halogen bond with Cl-1 as lysine does, retrieving some of the catalytic 

activity, but could also cause some structural perturbations in the process as there are still two 

other nitrogens jutting into the channel explaining the perturbed amide I/II region seen in the 
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difference spectra. None of the mutations for D2-Lys317 seem to affect first flash negative peak 

at 1747 cm-1 suggesting this residue, while important in the overall function of water oxidation, 

does not directly participate in the extensive hydrogen-bonding network as seen with D1-Glu65, 

D1-Glu329, and D2-Glu312. 
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4.7 Tables and Figures 
 
Table 4.1: Comparison of PSII core complex particles for broad channel mutants D2-
E323Q, D1-E333Q, D2-K317A, D2-K317E, D2-K317Q, and D2-K317R oxygen evolving rates 
against wild-type in O2 µmol (mg of Chl)-1 h-1. 
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Evolving Rate 
O2 µmol 

(mg of Chl) h 

Percent(%) 
Activity 

of Wild-type 
D2-E323Q 2914 48 
D1-E333Q 1312 21 
D2-K317A 4955 81 
D2-K317E 874 14 
D2-K317Q 800 13 
D2-K317R 1457 24 
  
Wild-type 6120   

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 

Table 4.1 
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Figure 4.1 Chloride-1 ion in broad channel at OEC. Cl-1 green sphere, oxygen red sphere, 
manganese purple sphere, calcium yellow sphere. Channel residues in stick. 
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Figure 4.1 
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Figure 4.2 Chloride-1 ion in broad channel at OEC. Cl-1 green sphere, oxygen red sphere, 
manganese purple sphere, calcium yellow sphere (not visible). Channel residues in stick, D1-
Glu323 in yellow stick. 
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Figure 4.2 
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Figure 4.3 Chloride-1 ion in broad channel at OEC. Cl-1 green sphere, oxygen red sphere, 
manganese purple sphere, calcium yellow sphere (not visible). Channel residues in stick, D1-
Glu333 in yellow stick. 
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Figure 4.3 
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Figure 4.4 Chloride-1 ion in broad channel at OEC. Cl-1 green sphere, oxygen red sphere, 
manganese purple sphere, calcium yellow sphere. Channel residues in stick, D2-Lys317 in yellow 
stick. 
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Figure 4.4 
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Figure 4.5  Comparison of the ν(C═O) region S-state FTIR difference spectra of wild-type 
sample prepared in (99.9%) deuterated FTIR buffer (red) compared to normally prepared wild-
type sample (black).
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Figure 4.5
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Figure 4.6  Comparison of the midfrequency S2-minus-S1, S3-minus-S2, S0-minus-S3, and S1-
minus-S0 D2-E323Q (red) versus wild-type (black) at 273K. Mutant spectra normalized to 
highlight cycling characteristics against wild-type. 
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Figure 4.6

 206



 
Figure 4.7 Comparison of the midfrequency S2-minus-S1 D2-E323Q (red) versus wild-type 
(black) at 273K. Mutant spectrum normalized against wild-type. 
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Figure 4.7 
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Figure 4.8 S2-minus-S1 double difference spectrum of wild-type-minus-mutant D2-E323Q, 
subtracted 2.7 times. 
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Figure 4.8 
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Figure 4.9 Comparison of the midfrequency 1st through 4th flash spectra D1-E333Q (red) 
versus wild-type (black) at 273K. Mutant spectrum normalized against wild-type. 
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Figure 4.9 

 212



Figure 4.10 Comparison of the midfrequency S2-minus-S1 difference spectrum for D1-
E333Q. First Flash (black) over Mn depleted spectrum (red). Mn depleted spectrum is subtracted 
from mutant to remove characteristics of manganese depletion. Taken at 273 K.
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Figure 4.10 
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Figure 4.11 S2-minus-S1 double difference spectrum of wild-type-minus-mutant D1-E333Q. 
Mn depleted spectrum subtracted 0.15 times from mutant first. Mutant subtracted from wild-type 
1.9 times. 
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Figure 4.11 
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Figure 4.12 Comparison of the midfrequency S2-minus-S1 FTIR difference spectra D2-
K317A (red) versus wild-type (black) at 273K. Mutant spectrum normalized against wild-type. 
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Figure 4.12 
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Figure 4.13 S2-minus-S1 double difference spectrum of wild-type-minus-mutant D2-K317A, 
subtracted 1.2 times. 
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Figure 4.13 
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Figure 4.14 Comparison of the midfrequency S2-minus-S1 FTIR difference spectra D2-
K317E (red) versus wild-type (black) at 273K. Mutant spectrum normalized against wild-type. 
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Figure 4.14 
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Figure 4.15 S2-minus-S1 double difference spectrum of wild-type-minus-mutant D2-K317E, 
subtracted 2 times. 
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Figure 4.15 
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Figure 4.16 Comparison of the midfrequency S2-minus-S1 FTIR difference spectra D2-
K317Q (red) versus wild-type (black) at 273K. Mutant spectrum normalized against wild-type. 
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Figure 4.16
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Figure 4.17 S2-minus-S1 double difference spectrum of wild-type-minus-mutant D2-K317Q, 
subtracted 2.9 times. 
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Figure 4.17 
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Figure 4.18 Comparison of the midfrequency S2-minus-S1, S3-minus-S2, S0-minus-S3, and S1-
minus-S0 FTIR difference spectra of D2-K317R (red) versus wild-type (black) at 273K. 
Annotated points of interest include 1757 cm−1 of ν(C=O), 1511 cm−1 of either amide II or 
νasym(COO−), 1404 and 1398 cm−1 of νsym(COO−). 
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Figure 4.18 
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Figure 4.19 Comparison of the midfrequency S2-minus-S1 FTIR difference spectra of D2-
K317R (red) versus wild-type (black) at 273K. Mutant spectrum normalized against wild-type. 
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Figure 4.19 
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Figure 4.20 S2-minus-S1 double difference spectrum of wild-type-minus-mutant D2-K317R, 
subtracted 1.5 times. 
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Figure 4.20 
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CHAPTER 5 
 

ROLES OF CHARGED AND CARBOXYLIC ACID RESIDUES NEAR THE MN4CA 

CLUSTER AND WITHIN SURROUNDING WATER ENTRANCE OR PROTON EGRESS 

CHANNELS 

 
 
5.1 The Role of CP43-Glu354 in Photosystem II 

The unexpected findings of Debus et. al. (1 - 3) showed that three putative ligands to the 

Mn4Ca cluster do not change coordination modes during S-state transitions. The FTIR difference 

spectra for mutations done on these three residues show no variation from wild-type in vibrational 

mode characteristics and progress through all S-states. This data is perplexing as wild-type FTIR 

difference spectra clearly and reproducibly show characteristic activity in amide and carboxylate 

vibrational modes for each S-state. Since the data do not represent activity from purported ligands 

around the cluster, the source of these vibrational modes is a mystery. In an effort to identify this 

source, expansion to residues of the second coordination sphere around the Mn4Ca cluster as well 

as polar or charged belonging to water, proton, or oxygen channels were considered (4 - 6). 

Mutations for residues in these locations were monitored in the amide I/II, νasym(COO-), 

νsym(COO-), and ν(C=O) regions of FTIR difference spectra. Changes seen in these regions 

represent hydrogen bond creation or abolition in the carbonyl of carboxylic acid, effects on 

structure conformation in amide I or II, and possible coordination to a metal in symmetric or 

asymmetric carboxylate stretching region. 

 Two ligands to the Mn4Ca cluster have demonstrated their participation in a coordinate 

bond with manganese. D1-Ala344 (7) and CP43-354 (8) both show evidence in FTIR difference 

spectra in the carboxylate stretching modes of a coordinate bond to a manganese that increases its 

charge in S1 to S2 transition. CP43-E354Q required a variety of spectroscopic analyses to 
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establish its role at the Mn4Ca cluster including polarography, water exchange H2
18O mass 

spectrometry, x-ray absorption, electron paramagnetic resonance, and Fourier transform infrared 

spectroscopy (8). This residue was shown to be a ligand to Mn2 and Mn3 by Kamiya et. al. (9) in 

the 1.9 Å resolution x-ray crystallographic structure, as well as participating in the large channel 

leading to the Mn4Ca cluster (5). Study of this mutant was complex, possibly because of its 

function in this location at the water splitting active site, Cl-2, and mouth of the large channel. 

Preparation of the CP43-E354Q sample for FTIR spectroscopic study required a significantly 

longer period to dark adapt and inability to progress beyond the S3 state. EPR showed evidence of 

unusually high S2 stability as the S2 decay half time was 2.5 hours. These are characteristics of 

unusually high S2 stability. O2 flash yield polarography tests of the mutant showed similar signal 

patterns compared to wild-type data, though at a lower amplitude, corresponding to the 10% 

steady state oxygen evolving rate. X-ray absorption data for both near edge and fine structure 

showed a great likeness to that of wild-type, indicating the mutant has a similar overall energy 

and environment with only slight perturbations to the manganese. Water exchange data showed 

mutant slow and fast exchange rates were greater than wild-type rates in two water substrate sites. 

The fast rate, in particular, was a factor of 8.5 times greater than wild-type, indicating a weakly 

bound water. These data suggest the CP43-Glu354 residue interacts with Mn ion that ligates the 

substrate water undergoing rapid exchange in S3. Also, the EPR data showed 76% of mutant PSII 

core complexes have photooxidizable Mn4Ca clusters as compared to wild-type. FTIR difference 

spectra of this mutant show more perturbations than any other mutant made of the purported 

ligands of the cluster (1-3, 7). These data show deviations from wild-type spectra in the amide II, 

νasym(COO-), and νsym(COO-) regions. Specificity in vibrational modes, accomplished through 15N 

labeling studies, showed that indeed, the CP43-E354Q mutant did create many structural 

perturbations. However, in the wild-type-minus-mutant double difference spectrum, there is a 
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negative peak at 1524 cm-1 which is not shifted as a result of the labeling and so can be assigned 

to νasym(COO–). The presence of this mode in the S2-minus-S1 difference spectrum of wild-type 

shows that the carboxylate group of CP43-Glu354 is perturbed by the electrostatic interactions of 

the positive charge developing on  the Mn4Ca cluster during the S1 to S2 transition.  The removal 

of this mode by the CP43-E354Q mutation proposes the CP43-Glu354 does ligate the Mn4Ca 

cluster by CP43-Glu354, likely that the residue ligates along the Jahn-Teller axis of a Mn(III) ion 

and that its asym(COO–) mode shifts during the S1 to S2 transition (10, 11).  Assignment of a 

correlating positive feature could not be accomplished, which seems to be a result of vibrational 

modes masking the asym(COO–) frequency in with an amide II frequency, such as with the 

positive feature of 1506 – 1508 cm-1.  Also, a pair of positive and negative peaks in the wild-type-

minus-mutant double difference spectra in the νsym(COO-) region at 1406(+), 1416(–), 1429(+), 

and 1395(–) cm-1 were detected but could not be assigned due to equal intensity of the peaks. 

Thus it cannot be confirmed that CP43-Glu354 residue changes its coordination mode to 

manganese during the S1 to S2 transition, only that it is a bridging ligand to Mn2 and Mn3. It 

should be noted that previously studied putative ligand mutants have not shown such sensitivity 

in preparation or testing methods as was the case with CP43-E354Q. The sensitivity expressed by 

this mutant suggests CP43-Glu354 plays an active, important role at the Mn4Ca cluster, as well as 

maintaining structural integrity at Cl-2 and the large channel. 

 

5.2 The Roles of Three Carboxylic Acid Residues in a Hydogen-Bonding Network 

The structural perturbations caused by mutation at this residue are not only evident by the 

altered amide I/II vibrational modes but also in the ν(C=O) region at 1747 cm-1. This region is 

associated with the carbonyl bond of carboxylic acids and is an indicator of changing pKa of a 

carboxylic acid. This is useful in identifying groups which are involved in a hydrogen-bonding 
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network which extends at least 20 Å across the lumenal side of Photosystem II. To characterize 

the mode, wild-type PSII core complexes were exchanged into D2O compared against wild-type 

prepared in normal buffer. The FTIR difference spectra for D2O wild-type show evidence of a 

downshifted band in the v(C=O) region of about approximately four wavenumbers over the entire 

S-state cycle. A shift of four wavenumbers is characteristic of a single carboxylic acid changing 

its pKa. It is reasonable to suggest that this illustrates carboxylic acid proton interactions and 

possibly represents two carboxylates alternating decreasing and increasing pKa activity as the 

positive and negative peaks alternate for the four states. In an attempt to identify the source of this 

vibrational mode, the residues CP43-Glu354 and D1-Glu329 of the large channel, and D1-Glu65, 

D1-Glu333, D2-Glu312, D2-Glu323 and D2-Lys317 of the broad channel, were observed. 

Evidence of residue interaction with a hydrogen-bonding network and/or the carboxylic acid 

changing its pKa would be evident in v(C=O) region. Residues were chosen based on their 

position of polar side chains in either the large or broad channel (4-6, 9, 12). Since the CP43-

Glu354 residue, at the mouth of large channel, interacts with this dynamic system, exploring the 

polar residues within these channels could better explain activity to/from/around the Mn4Ca 

cluster during the catalytic cycle.  

Starting with D1-Glu329 of the large channel, FTIR difference spectra for the D1-E329Q 

mutant show the abolition of the negative peak in the ν(C=O) region compared to wild-type. This 

indicates that the mutation of this residue to glutamine prevents the proton exchange from 

occurring. Thus, it is likely this residue belongs to the hydrogen-bonding network. D1-Glu65 and 

D2-Glu312, at the other side of the Mn4Ca cluster, reside within the broad channel. FTIR 

difference spectra for mutants of both these residues show the same abolition of negative peak 

when compared to wild-type in the ν(C=O) region. Again, it is likely that mutations done at either 

of these residues prevents proton exchange, indicating D1-Glu65 and D2-Glu312 are both 
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members of the hydrogen bonding network. D1-Glu65, D2-Glu31, and D1-Glu329 are highly 

conserved and located greater than 5 but less than 12 Å from the nearest manganese atom (13 -

15). The side chain of D1-Glu329 has been proposed to participate in an O2 exit (large) channel 

(15, 16), while the side chains of D1-Glu65, and D2-Glu312 have been proposed to participate in 

a water or proton egress (broad) channel (13, 15 -19) with D1-Glu65 and D2-Glu312 forming a 

potential gate in the broad channel (15, 16). FTIR difference spectra showed that the mutation of 

any of these three residues, or the partial dehydration caused by maintaining samples at a relative 

humidity of ≤85%, disrupts the network sufficiently that the structural perturbations associated 

with the S1 to S2 transition are no longer transmitted to this carboxylate, thereby eliminating the 

1747 cm−1 band from the spectrum. This happens as a result of the altered environment of a 

carboxylate which decreases its pKa value. These residues seem to all participate in the network. 

The carboxylate group that corresponds to the 1747 cm−1 band could be one of these three 

residues, but may also be another that has not yet been identified, such as either of the two 

carboxylate residues located at the other end of the broad channel, D2-Glu310 and D2-Asp308. 

 

5.3 The Role of D1-Glu333 with Respect to Three Areas of Interest in Photosystem II 

With recent x-ray crystallographic structures at 2.9 and 1.9 Å, the location of two 

chloride ions near the Mn4Ca cluster have been identified (9, 15), one of the chloride ions, Cl-1, 

located near two residues of interest within the broad channel, D1-Glu333 and D2-Lys317. These 

residues were observed for interactions with Cl-1 as well as the hydrogen-bonding network, and 

for D1-Glu333, interactions with the Mn4Ca cluster were also considered. 

The D1-Glu333 residue lies in a crucial position, ligating Mn3 and Mn4 with side-chain 

oxygens while donating its backbone nitrogen to a range within halogen bonding distance to Cl-1. 

It is also at the mouth of the broad channel. It is unsurprising, then, that the D1-E333Q mutation 
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shows significant deviations from wild-type in the FTIR difference spectra of the amide I/II 

region. Though there is some semblance of S-state transition characteristics, the overall spectra 

are noisy and difficult to reproduce with the same characteristics every time. There are many 

deviations throughout the amide, carboxylate, and carbonyl of carboxylate regions, suggesting 

structural conformation that also affects a carboxylate interaction with the Mn4Ca cluster. While 

assignment of vibrational modes is dependent on isotopic labeling, it is clear in the S2-minus-S1 

double difference spectrum for wild-type-minus-mutant that there are a vast number of deviations 

which may be difficult to pick apart from one another. As for interaction with the Cl-1, specific 

interactions are difficult to identify, but it is clear that mutation of D1-Glu333 considerably 

changes structure conformation and this could be in part to the Cl-1 displacement. 

 

5.4 The Role of D2-Lys317 in the Broad Channel and at a Chloride Ion 

The other residue in the immediate vicinity of Cl-1, D2-Lys317, seems to play a role with 

it. Two similarly structured enzymes, α-amylase and angiotensin converting enzyme both have 

similar structures to PSII where a chloride ion is within halogen bonding distance to a lysine. 

Upon chloride removal, a salt-bridge can form between two charged residues (20). In this case, 

the D2-Lys317 could form a salt-bridge with nearby D1-Asp61 which could affect both structure 

as well as water oxidation dynamics due to its position at mouth of the broad channel. FTIR 

difference spectroscopy was performed on four mutations of D2-Lys317. Three of the mutations,  

alanine, glutamate, and glutamine, show difference spectra that are unable to advance beyond the 

S2 state. There is a unique negative band at 1526 cm-1 evident in the S2-minus-S1 double 

difference spectrum for wild-type-minus-mutant whose vibrational mode could be identified with 

isotopic labeling but as of yet either belongs to amide II or νasym(COO-). Some variations from 

wild-type occur in amide I/II, illustrating a structural change in PSII for all three mutants. This 
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could explain the inability of the three mutants to progress beyond S2. However, a fourth 

mutation was performed, D2-K317R, which substitutes lysine with another positively charged 

side chain residue of similar length. This mutation could pass through all S-states, though with 

some variation from wild-type characteristics. The S2-minus-S1 double difference spectrum for 

wild-type-minus-mutant show variation in amide I/II, νasym(COO-), νsym(COO-), and ν(C=O), 

though smaller amplitudes compared to the other three mutations of this residue. It is possible that 

the D2-K317R mutation retrieves catalytic functionality but incurs structural rearrangement in the 

process. This corroborates Pokhrel et. al. in proposing the lysine Cl-1 halide (20). However, as 

pertains to the hydrogen-bonding network, the FTIR difference spectra did not show the 

characteristic 1747 cm-1 mode elimination for any mutation in D2-Lys317, suggesting its role is 

more closely associated to the chloride ion and less to the network dynamics. 

 
5.5 No Evidence of Interaction with a Hydrogen-Bonding Network by D2-Glu323 

Finally, another broad channel carboxylate residue was observed with FTIR 

spectroscopy. D2-Glu323, which sits rather far from the Mn4Ca cluster at 16 Å and 10 Å from Cl-

1, potentially could still interact within the broad channel. FTIR difference spectra for the D2-

E323Q mutant did not show any significant variation from wild-type, though. Not only did it 

cycle through all S-states, the characteristics for each band were nearly identical to wild-type. 

Also, the spectra did not show the feature 1747 cm-1 abolition as with D1-Glu65, D2-Glu312, and 

D1-Glu329. It can be presumed that D1-Glu323 is not involved with the extensive network of 

hydrogen bonds. 

 

5.6 Final Thoughts on Interplay Between the Mn4Ca Cluster and Network Channels 

In summation, through use of high resolution x-ray crystallographic structures, channel 

building programs, and spectroscopic analyses, the structure dynamics of Photosystem II 
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continues to gradually progress. Individual roles of residues can range from structure assembly, 

metal coordination, proton transfer, and halogen ligand. These features in FTIR difference spectra 

reflect more than activity at the Mn4Ca cluster. Bands seen in amide I/II regions describe 

structural changes that occur during water oxidation for S-state transitions. The band seen in the 

ν(C=O) region in must reveal the response of the protein to the electrostatic influences arising 

from the positive charge developing on the cluster. It seems likely that a hydrogen bonding 

network consists of more residues than those uncovered in the data presented in this dissertation, 

determined by the sheer distance between the participants already detected. Also, carboxylates 

contributing vibrational modes to the wild-type FTIR difference spectra may not necessarily be 

within the primary coordination sphere of the Mn4Ca cluster. The interactions of residues within 

water, oxygen, and proton egress channels to the network of hydrogen bonds and chloride ions 

show a complex, collective nature which may be difficult to isolate but are necessary to illustrate 

the intricate function of water oxidation in Photosystem II. 
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