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ABSTRACT OF THE DISSERTATION

Evaluating the role of group 2 innate lymphoid cells in muscular dystrophy

by
Jenna Marie Kastenschmidt
Doctor of Philosophy in Biomedical Sciences
University of California, Irvine, 2020

Armando Villalta, Chair

Duchenne muscular dystrophy (DMD) is a lethal, x-linked genetic neuromuscular disorder
caused by mutations in the dystrophin gene. The resulting non-functional dystrophin protein
renders muscle myofibers susceptible to contraction-induced injury, and normal ambulation leads
to muscle degeneration and eventual death. Further contributing to disease is the activation of
chronic immune responses caused by asynchronous and continuous bouts of injury. This
distributes the homeostasis-promoting balance of immune responses, further causing
exacerbated muscle degeneration and impaired regeneration. Importantly, different facets of the
immune system, such as type | or type Il immunity, are implicated as being injury-promoting or
pro-regenerative, respectively. In acute injury settings, type Il immune responses such as the
activation of M2-like macrophages and eosinophils are critical for efficient muscle regeneration.
It is suspected that a similar type Il immune response is activated in dystrophic muscle, but its
role in promoting regeneration is disrupted by competing pro-inflammatory responses. However,
the regulation of type Il immunity in dystrophic muscle is largely unknown.

Intriguingly, a recently identified subset of immune cells, group 2 innate lymphoid cells
(ILC2), have been shown to be potent regulators of type Il immunity and promote repair in other
diseases. The focus of this dissertation is aimed at understanding the role of ILC2s in regulating

skeletal muscle type Il immune responses during chronic muscle disorders such as DMD

Xii



(Chapter 3). We found that mdx muscle ILC2s were increased in number and expressed higher
levels of type Il cytokines interleukin-5 and interleukin-13 compared to wildtype controls, indicating
that muscle degeneration activates ILC2s. We also sought to identify how muscle ILC2s are
activated and found that fibro/adipogenic progenitors were the primary source of IL-33, an alarmin
known to activate ILC2s. We found that muscle ILC2s are activated by exogenous cytokines,
including IL-2/anti-IL-2 complex (IL-2c) and IL-33, which we also used to induce the expansion of
ILC2s in vivo. Using additional mouse models in which ILC2s are genetically depleted, we found
that ILC2s are potent regulators of skeletal muscle eosinophilia. As ILC2s have also been shown
to activate M2-like macrophages in other tissues, we also evaluated this interaction in dystrophic
skeletal muscle. To our surprise, ILC2s did not regulate macrophage numbers or phenotype in
mdx muscle during this study.

In addition to investigating the role of ILC2s in muscle dystrophy, another aim of this work
was focused on the development of software that evaluates the morphological features of skeletal
muscle (Chapter 2). Muscle function is commonly assessed by evaluating and quantifying
histological features of muscle cross-sections. This includes evaluating myofiber size, the
expression of markers for injury and regeneration, as well as measuring centrally-located myofiber
nuclei. Historically, the time-consuming and tedious nature of manually quantifying muscle
samples hindered accurate evaluation, as many analyses were limited to the sampling of parts of
the entire cross-section. Furthermore, morphological features are much more complex in
diseased muscle compared to healthy, which further inhibited the ability to use software to
automatically evaluate the tissue in a high-throughput manner. To address these issues in the
field, and provide a tool that we could use to evaluate how perturbations to the immune system
effect muscle pathology, we developed QuantiMus. QuantiMus is a machine learning-based
software that allows the accurate detection of muscle myofibers as well as the location of nuclei
(i.e., centrally-located) and intra-myofiber presence of investigator-chosen proteins stained by
immunofluorescence in entire muscle cross-sections. To date, we have successfully used
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QuantiMus to measure myofiber regeneration, myofiber injury, centrally-nucleated fibers, and to
determine the myofiber type distribution of entire muscle cross-sections. The ability to measure
full cross-sections is an advancement in the field that allows investigators to avoid random
sampling of tissue sections and prevents bias in the data.

All together, this study defines a role for ILC2s in regulating skeletal muscle eosinophilia
during muscular dystrophy. We also developed software that allows us to evaluate muscle
morphology in a high-throughput manner. Future directions will be aimed at understating what, in
addition to regulating muscle eosinophilia, role ILC2s play in regulating DMD pathogenesis. In
part, these future studies will encompass the power of QuantiMus to histologically evaluate how

perturbations to ILC2s and eosinophils regulate pathology.

Xiv



CHAPTER 1

Introduction

Incorporates components from the published article:
Kastenschmidt J.M., Mannaa A.H., Mufioz K.J., Villalta S.A. Immune System Regulation of

Muscle Injury and Disease. Muscle Gene Therapy. 2019 Springer



Muscle stem cells and the maintenance of skeletal muscle homeostasis

Skeletal muscle is a highly resilient and regenerative tissue that maintains homeostasis
despite dynamic changes in activity, mechanical load, and stress. Nonetheless, acute trauma or
genetic and environmental factors that exceed this homeostatic threshold of resilience, cause
muscle injury and loss of function. Post-natal growth and regeneration of muscle are dependent
(Lepper et al., 2011; McCarthy et al., 2011; Murphy et al., 2011) on paired box 7 (Pax7) expressing
myogenic precursors (Seale et al., 2000), known as muscle satellite cells (mSC), which reside the
basal lamina and myofiber plasma membrane (i.e., sarcolemma) (Katz, 1961; Mauro, 1961)
(Figure 1.1).

In mice, these post-mitotic cells express characteristic markers including, vascular cell
adhesion molecule 1, integrin alpha-7, and integrin beta-1 (Maesner et al., 2016). In response to
injury, mSCs become activated and enter a well-characterized transcriptional program that gives
rise to new or repaired myofibers (Figure 1.2). Upon activation, mSCs migrate towards sites of
injury and differentiate into proliferating myoblasts. This process is associated with the
upregulation of myogenic factor 5 (Myf5) and myogenic differentiation 1 (MyoD) (Cornelison and
Wold, 1997; Hawke and Garry, 2001). Following proliferation, myoblasts terminally differentiate
to form myocytes (i.e., muscle cells), which is accompanied by decreases in Pax7 and Myf5
expression and an upregulation of myogenin (MyoG) and myogenic regulatory factor 4 (MRF4).
Finally, myocytes fuse to form new multinucleated myofibers or fuse with injured fibers to promote
repair. Of note, mSCs undergo asymmetric cell division, where a subpopulation of activated mSCs
(Pax7*, Myf5™ cells) (Kuang et al., 2007) returns to a quiescent state to maintain the myogenic
progenitor pool (Figure 1.2). Altogether, these stem-cell mediated responses following skeletal
muscle insult lead to the restoration of homeostasis. In the following sections, the immune system-

mediated regulation of this regenerative response will be discussed.



Immune responses following muscle injury

Muscle injury activates multiple immune system pathways that cooperatively regulate the
spatiotemporal dynamics of immune cell subpopulations (e.g., macrophages and T cells) recruited
to injured muscle (Figure 1.3). These events are characterized by an early innate immune
response, running in parallel with T cell responses that together enhance the regeneration of
damaged myofibers by promoting satellite cell proliferation and/or differentiation. These carefully
controlled series of immunological events ensure the effective and complete recovery of acutely
injured muscle.

Muscle fiber necrosis results in the release of damage-associated molecular patterns
(DAMPs) that activate innate immunity (Rayavarapu et al., 2013). Ly6G™ neutrophils are the first
immune cells to infiltrate the site of injury (Haiyan Lu et al., 2011), causing secondary damage by
secreting free radicals (Nguyen and Tidball, 2003) and pro-inflammatory cytokines, the latter of
which promotes the homing of bone marrow-derived monocytes (Pizza et al., 2005; Swirski et al.,
2010; Tidball, 2005). A recent study revealed that CD18 (integrin beta 2) is required for the
extravasation of neutrophils into the acutely injured muscle, and mice deficient in CD18 exhibited
enhanced signs of muscle repair, suggesting that neutrophils have a detrimental role in the repair
process (Hammers et al., 2015). Following the neutrophil response, CD11b*Ly6C"CX3CR1"
monocytes enter the damaged tissue and differentiate into pro-inflammatory M1-like
macrophages (Geissmann et al., 2003). M1 macrophages secrete the inflammatory cytokines,
interleukin-1p (IL-1B) and tumor necrosis factor-a (TNFa) and phagocytose necrotic debris,
suggesting that they participate in the repair process by clearing dead muscle (Geissmann et al.,
2003). A requirement for M1-like macrophages in muscle repair is further supported by in vitro
studies showing that they promote myoblast proliferation while having no effect on differentiation
(Geissmann et al., 2003). Although previous studies have shown that M1-like macrophages
promote the cytolysis of muscle cells in vitro, it is not clear whether they promote myofiber injury

in vivo during acute injury (Nguyen and Tidball, 2002).
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CD11b*Ly6C"F4/80", anti-inflammatory M2 macrophages infiltrate injured muscle as M1
macrophages begin to resolve (Arnold et al., 2007). M2-like macrophages can be further divided
into distinct M2a, M2b, and M2c populations (Liu et al., 2014; Rigamonti et al., 2014; Wermuth
and Jimenez). In skeletal muscle, M2a macrophages are characterized as F4/80"9"Ly6C""
Arg1"" (Capote et al., 2016) macrophages that may have a pro-fibrotic function (Song et al.,
2000). Alternately, M2c macrophages are F4/80"9"Ly6C'°*CD163"9"CD206"9"Arg1"*" and have
been shown to deactivate M1-like macrophages and have a pro-regenerative phenotype, as they
promote mSC proliferation in vitro (Villalta et al., 2009). The transition from M1 to M2
macrophages is necessary for efficient regeneration of injured muscle. Although the mechanisms
that regulate this process are not completely understood, recent studies highlighted regulatory T
cells (Tregs) and IL-10 as having important roles in this transition; the ablation of either impeded
on the M1 to M2 transition during acute injury (Burzyn et al., 2013; Deng et al., 2012). The
importance of this transition is demonstrated by an increase in myofiber injury and altered
regeneration in this setting (Burzyn et al., 2013; Deng et al., 2012).

The central role of M2-like macrophages in muscle repair is supported by several studies
showing that depletion or the inability to induce M2 activation impedes muscle regeneration
(Mounier et al., 2013; Tidball and Wehling-Henricks, 2007). The depletion of F4/80" macrophages
during the time when M2-like macrophages infiltrate muscle impairs regeneration (Tidball and
Wehling-Henricks, 2007). Moreover, the deficiency of AMPKa1 in macrophages, which prevented
M2 activation, also resulted in an impairment in muscle regeneration following cardiotoxin-induced
muscle injury (Mounier et al., 2013). Recent studies also showed that the adoptive transfer of
CD11b*Ly6C"F4/80" macrophages into mouse skeletal muscle increased the regeneration and
functional recovery of skeletal muscle in an ischemia-reperfusion model of injury (Hammers et al.,
2015).

Although the role of M2-like macrophages in muscle regeneration is well accepted, we are
only recently beginning to uncover the molecular basis of M2 macrophage-mediated regeneration.
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Recent studies show that M2-like macrophages promote regeneration, in part, by secreting
factors that regulate inflammation and regeneration. For example, they secrete the anti-
inflammatory cytokines transforming growth factor beta (TGF-) and IL-10 that modulate the
inflammatory response to establish an environment favorable for muscle regeneration (Martinez
et al., 2009). Reparative macrophages also express growth differentiation factor 3 (Varga et al.,
2016) and insulin growth factor 1 that promote regeneration by enhancing satellite cell fusion and
differentiation (H Lu et al., 2011; Musaro et al., 2004; Tonkin et al., 2015).

Recruitment of macrophage populations to damaged muscle is an additional layer of
regulation controlling the macrophage-specific contributions to muscle regeneration. A recent
study by Brigitte and colleagues demonstrated that following acute injury, muscle resident
macrophages (CD11b*F4/80*CD11cLy6C CX3CR1") orchestrate early immune responses
through the production of chemoattractants that recruit neutrophils and monocytes (Brigitte et al.,
2010). The CCL2:CCR2 chemotactic axis is required for macrophage recruitment to injured
muscle, and preferentially recruits inflammatory monocytes that are Ly6C"CCR2" (H Lu et al.,
2011; Haiyan Lu et al., 2011). In contrast, the chemokine receptor CX3CR1 is not required for
macrophage recruitment to injured muscle but is important for regulating macrophage
phagocytosis (Zhao et al., 2016). Macrophages also promote chemotaxis of immune cells through
their intrinsic production of chemokines. For example, macrophages expressing CCL5 (RANTES)
recruit CD8+ T cells following cardiotoxin-induced injury (Kohno et al., 2011) and other immune
cells, including eosinophils (Alam et al., 1993; Ying et al., 2016). Recent studies showed that
eosinophils are required for efficient muscle regeneration, and their accumulation in injured
muscle paralleled an increase in CCL5 (Heredia et al., 2013). Given that macrophages are known
to express CCL5, a potent eosinophil chemoattractant, these studies collectively suggest that
macrophages recruit eosinophils, and both cooperatively promote regeneration.

Although myeloid cells dominate the immune cell infiltrate following injury, lymphocytes are

also recruited and regulate muscle regeneration. Recent investigations showed that following
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cardiotoxin injury, forkhead box P3 (FoxP3)"CD25"CD4" Tregs were recruited to skeletal muscle
at the time when the M1 to M2 macrophage transition occurs (Burzyn et al., 2013; Castiglioni et
al., 2015). The functional importance of Tregs in acute muscle injury was shown by loss- or gain-
of-function experiments where muscle regeneration was hindered or enhanced, respectively
(Burzyn et al., 2013). Although muscle Tregs in acutely injured muscle expressed high levels of
amphiregulin (Areg), and intramuscular and intraperitoneal injections of Areg in injured mice
enhanced a transcriptional signature associated with muscle regeneration, it remains to be
defined whether Treg-derived amphiregulin directly promotes muscle regeneration in vivo (Burzyn
et al., 2013). Burzyn and colleagues showed that Areg treatment enhanced satellite cell
proliferation and differentiation, further supporting a regenerative function for Areg in acutely-
injured muscle. Further corroborating these findings, Castiglioni and colleagues independently
demonstrated that muscle Tregs promoted regeneration by increasing satellite cell proliferation
but inhibited differentiation (Castiglioni et al., 2015). In their studies, Castiglioni et al. cocultured
Tregs with satellite cells, in contrast to the Burzyn et al. study, where satellite cells were treated
with recombinant Areg (Burzyn et al., 2013; Castiglioni et al., 2015). Thus, the contradicting
results on satellite cell differentiation in these two studies may be attributed to differences in the
experimental assays used. Collectively, these studies highlight a critical role for macrophages

and T regs in muscle regeneration following acute injury.

Duchenne muscular dystrophy and cellular mechanisms of disease

Duchenne muscular dystrophy (DMD) is a fatal X-linked childhood disease caused by
dystrophin gene mutations (Hoffman et al., 1987; Koenig et al., 1987) that arise in approximately
1:5000 males (Mendell et al., 2012; Moat et al., 2013). The dystrophin protein resides at the
myofiber sarcolemmal surface and interacts with membrane proteins known as the dystrophin-
glycoprotein complex (DGC) to form an interaction between the intracellular cytoskeleton and
extracellular matrix (Figure 1.4). Together, dystrophin and its interactions (i.e., the DGC)
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mechanically stabilize and protect the sarcolemma from longitudinal and radial forces generated
during muscle contraction (Lapidos et al., 2004; Petrof et al., 1993). Importantly, dystrophin also
plays a role in regulating intracellular calcium homeostasis and the production of reactive oxygen
species (ROS) (Khairallah et al., 2012) and nitric oxide (NO) (Garbincius and Michele, 2015).
During DMD, gene mutation(s) lead to the translation of nonfunctional dystrophin protein,
which subsequently disrupts the DGC and its homeostatic functions. This loss of structural
support renders the sarcolemma susceptible to contraction-induced injury (Petrof et al., 1993)
and normal ambulation induces myofiber injury, inflammation, and progressive degeneration
(Lapidos et al., 2004). Dystrophin deficiency also leads to increased intra-myofiber calcium and
ROS, which further exacerbate myofiber degeneration (Mariol and Ségalat, 2001; Rando et al.,
1998). Additionally, the loss of dystrophin disrupts normal muscle NO signaling, causing functional
ischemia and exaggerated muscle fatigue (Brenman et al., 1995; Garbincius and Michele, 2015)

which further exacerbates disease.

Clinical manifestations and comorbidities during DMD

DMD patients appear normal at birth, but clinical symptoms arise at 3-5 years of age. A
diagnosis of DMD can be made with physical examination, and is confirmed by a muscle biopsy
or genetic testing (Bushby et al., 2010). Early physical symptoms begin with proximal muscle
weakness, followed by distal weakness (Mercuri and Muntoni, 2013) that leads to abnormal gait
and eventually, frequent falls (Wood and Straub, 2018). Symptoms progressively worsen, and on
average, patients lose ambulation by their preteens (Allsop and Ziter, 1981; Desilva et al., 1987;
Gardner-Medwin, 1980). Pathological features of the disease are also observed histologically
(Bell and Conen, 1968). These include regions of muscle necrosis and degeneration,
inflammation, myofiber regeneration as indicated by centrally-located nuclei, and in later stages

of disease, fibrosis (Kharraz et al., 2014).



Other comorbidities include orthopedic complications (e.g., bone fractures (Khoury and
Szalay, 2007; Larson and Henderson, 1981) and progressive scoliosis (Hsu and Quinlivan, 2013))
and mental defects including lower IQ (Rasic et al., 2014). Similar to skeletal muscle, the lack of
functional dystrophin affects cardiomyocytes, causing cardiac muscle wasting that hinders
cardiac function (e.g., decreased systolic function (Spurney, 2011) and resting sinus tachycardia
(Thomas et al., 2012)). As a result of weakened respiratory muscles and scoliosis, respiratory
function is compromised in DMD, and patients often experience hypoventilation, and in later
stages of disease, respiratory failure (Lo Mauro et al., 2015). It is the combination of respiratory
and cardiac comorbidities that are the main causes of mortality in DMD, usually occurring around

the second to third decade of life (Passamano et al., 2012).

Therapeutic management of DMD

There is no cure for DMD and therapies are mostly aimed at optimizing muscle growth
and development, while delaying disease progression and preventing or alleviating comorbidities.
However, substantial progress in the research areas of cellular and gene therapy have provided
new therapeutic approaches for DMD treatment. Gene therapies (Pachavant 2011), which aim to
restore functional dystrophin gene expression and subsequent restoration of muscle function,
have shown great promise. For example, the recent FDA approval of Eteplirsen, an antisense
oligo nucleotide that leads to the “skipping” of mutated exons, is a major therapeutic milestone
that could be effective in a wide spectrum of DMD patients who harbor mutations in “hotspot”
exons (i.e., Exons 45-63), nearly 13% of all DMD cases (Charleston et al., 2018; Lim et al., 2017).
Even though strides to find a cure and new management strategies for DMD are actively being
pursued, most current therapies are palliative and usually include long-term glucocorticosteroid
(GC) treatment.

Standard GC treatment includes daily dosing based on a patient’s body weight. Studies
show steroid treatment increases muscle mass (Rifai et al., 1995) and function (Mendell et al.,

8



1989), improves pulmonary function (Brooke et al., 1987) and cardiac performance (Duboc et al.,
2005; Silversides et al., 2003), prolongs ambulation (Desilva et al., 1987) and increases the
overall length of survival (McDonald et al., 2018; Passamano et al., 2012). Although not well
understood, GCs are thought to elicit these beneficial effects through several mechanisms. The
immunosuppressive actions of GCs (Coutinho and Chapman, 2011) lead to decreased infiltration
of many immune subsets In DMD that may prevent further muscle injury by inhibiting certain
inflammatory subsets (as discussed below). GCs also help to preserve muscle mass by inhibiting
proteolysis and skeletal muscle breakdown (Rifai et al., 1995). Furthermore, certain GCs induce
the transcriptional repression of genes that negatively affect myocyte viability, providing another
mechanism by which these agents regulate disease progression (St.-Pierre et al., 2004).

GCs slow disease progression but are accompanied by significant side effects that can be
poorly tolerated in DMD patients. Long-term GC use is associated with weight gain that can further
hinder ambulation (Mendell 1989, Angelini 2012), a reduction in bone density which may or
(Picado 1996) may not (Mcdonald 2002) increase the risk for fractures, and cataract development
(Rice 2018). Additionally, the broad immunosuppressive actions of these drugs hinder both the
injury-promoting and pro-regenerative inflammatory responses activated following skeletal
muscle insult that exacerbate disease and prevent degeneration, respectively. Indeed, future
therapeutic targets would ideally preserve pro-regenerative responses while suppressing

pathogenic ones.

Immune responses during Duchenne muscular dystrophy

The current understanding of the immune system’s role in regulating dystrophic muscle
pathology has largely been uncovered using the mdx mouse model of DMD. The mdx mouse
lacks functional dystrophin caused by a spontaneous mutation on exon 23 of the dystrophin gene,
yielding a premature stop codon and a truncated, nonfunctional protein (Bulfield et al., 1984; Ng
et al., 2012). Although both mdx mice and human DMD patients lack dystrophin, mdx mice display
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lessened disease severity and delayed progression compared to their human counterparts. For
example, mdx mice maintain a relatively normal life span, rarely lose ambulation, and display
minimal clinical symptoms. In mdx mice, severe dystrophic phenotypes such as muscle wasting,
scoliosis, and heart failure are not observed until after 15 months of age (McGreevy et al., 2015).
Even though the pathology of mdx mice differs in human patients, chronic inflammatory responses
to muscle injury are conserved and provide an experimental system to evaluate the immune-
mediated regulation of DMD.

The critical function of inflammatory immune cells in muscle regeneration during acute
injury is dysregulated in DMD, consequently promoting muscle degeneration. Persistent myofiber
injury triggers a chronic muscle inflammatory response that contributes to the development and
progression of DMD (Spencer and Tidball, 2001). Muscle injury during DMD induces an oscillating
pattern of chronic muscle inflammation that mirrors the asynchronous and cyclic nature of injury
(Figure 1.5). This dysregulated inflammatory response subsequently promotes fibrosis and
failure of regeneration (Spencer and Tidball, 2001). The increased immune cell numbers and
expression of genes related to immune cell function in DMD muscle further support the immune
system’s contribution to the pathogenesis of muscular dystrophy (Haslett et al., 2002; Lundberg
et al., 1995; McDouall et al., 1990; Pescatori et al., 2007). Moreover, the immunosuppressive
activity of glucocorticoids (Coutinho and Chapman, 2011), and their known role in promoting
muscle atrophy (Schakman et al., 2013), suggests that the incremental delay in disease
progression is mediated by inhibition of the immune system. This argument is supported by
studies performed in mdx mice, which demonstrated that glucocorticoid treatment reduces the
expression of adhesion molecules required for immune cell extravasation and the number of
immune cells present in dystrophic muscle (Wehling-Henricks et al., 2004). More specific methods
of immune cell ablation in mdx mice have demonstrated that the depletion of eosinophils,
macrophages or T cells in muscle causes a 60-80% decrease in muscle pathology (Cai et al.,
2000; Spencer et al., 2001; Wehling et al., 2001). These early studies aided in establishing

10



inflammation as a secondary disease process contributing to the severity of muscular dystrophy,
and are the basis for much of the research aimed at uncovering the cellular and molecular basis
of immune-mediated pathology in DMD.

In addition to promoting muscle injury, the immune system is also critical in mediating
muscle regeneration during muscular dystrophy (De Paepe and De Bleecker, 2013; Madaro et
al., 2014; Rosenberg et al., 2015; Tidball, 2017; Villalta et al., 2015). This dichotomy can be partly
explained by a division in functional facets of the immune system, in which distinct immune cell
populations are responsible for causing injury or promoting regeneration (Figure 1.6). This
process is exemplified by the accumulation of macrophages with distinct polarized states of M1-
or M2-like activation that are known to promote either injury or repair, respectively. M1 and M2
macrophages reflect polar extremes of activation. However, macrophages present in dystrophic
muscle likely exist as a broad continuum in which cells transition from one state of activation to
another according to changes in the pro- and anti-inflammatory environment (Gordon, 2003;
Mosser and Edwards, 2008). Although the epigenetic regulation of gene expression may influence
macrophage function in this setting (Hoeksema and De Winther, 2016), the presence of different
cytokines elicits distinct macrophage responses. Pro-inflammatory cytokines such as IFNy and
TNFa promote the classical activation of M1 macrophage that induces myofiber injury through an
iINOS-dependent mechanism (Villalta et al., 2009). In contrast, cytokines such as IL-4, IL-13, and
IL-10 induce M2 activation of macrophages that antagonize the action of M1-like macrophages
via arginase-dependent mechanisms (Villalta et al., 2009). Recent studies have begun to identify
the cell types that orchestrate changes in the inflamed environment of dystrophic muscle. Tregs,
for example, have been implicated as critical regulators of muscle inflammation and regeneration
due to their capacity to shift the balance between M1 and M2 macrophages in favor of M2
activation.

As discussed above, Tregs are elevated in regenerating muscle and promote muscle

regeneration by regulating macrophage activation and enhancing myogenesis through Areg-
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dependent mechanisms. Comparably, studies in the mdx mouse and in patients with chronic
muscle disorders indicate that muscle Tregs are also increased (Antiga et al., 2010; Vercoulen et
al., 2014; Vetrone et al., 2009; Villalta et al., 2014). Tregs in mdx muscle were elevated in number
and expressed high levels of IL-10, and inhibited M1 macrophage activation and reduced myofiber
injury (Villalta et al., 2014). Similarly, Tregs and IL-10 were elevated in human dystrophic muscle
(Villalta et al., 2014), supporting the view that the Treg-mediated suppression of muscle
inflammation is mediated by IL-10. Additionally, in vitro studies have shown that human Tregs
express IL-10 and induce M2 macrophages (Tiemessen et al., 2007). Although the Treg-specific
role of IL-10 in suppressing muscle inflammation has not been tested, its importance is supported
by studies showing that IL-10 deficiency in mdx mice exacerbates dystrophinopathy (Nitahara-
Kasahara et al., 2014; Villalta et al., 2011). However, the mechanism of Treg-mediated
suppression of immunity in other tissues is multifaceted, involving the inhibition of antigen-
presenting cells (i.e., dendritic cells), cytolysis of conventional T cells and the production of anti-
inflammatory cytokines IL-10 and IL-35 (Tang and Bluestone, 2008; Vignali et al., 2008).
Moreover, recent studies indicate that tissue Tregs also harness specialized functions adapted to
their environment. Thus, in addition to suppressive activity, Tregs in dystrophic muscle are likely
involved in the promotion of regeneration through Areg, and/or other growth factors, as seen
during acute injury (Burzyn et al., 2013).

The role of eosinophils in DMD pathology has also been investigated. Although Heredia
and colleagues demonstrated that eosinophils enhance muscle regeneration following acute
injury (Heredia et al., 2013), their role in chronic muscle diseases such as DMD is not completely
understood. Several studies suggest that eosinophils have a pathogenic role in DMD, and skeletal
muscle eosinophilia is observed in a number of myopathies (Baumeister et al., 2009; Cantarini et
al., 2009; Schroder et al., 2013; Weinstock et al., 1997). Studies have also shown that eosinophil
derived factors promote myofiber degradation (Sugihara et al., 2001) and myofiber lysis (Wehling-
Henricks et al., 2008) in dystrophin-deficient mice. In contrast, more recent studies demonstrated
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that eosinophils do not drive pathology in the mdx mouse (Sek et al., 2019). Interestingly,
eosinophil-derived granule proteins (Aceves, 2014; Noguchi et al., 1992) have been shown to
promote fibrosis in a variety of chronic diseases. Although fibrosis is a secondary pathogenic
feature found in DMD patients (Kharraz et al., 2014), the role of eosinophils in these pro-fibrotic
processes has yet to be elucidated. Finally, although effector T cells promote dystrophic muscle
eosinophilia in a perforin-dependent manner (Cai et al., 2000), the mechanism of regulation of
skeletal muscle eosinophils has yet to be fully elucidated. In contrast, the regulation of eosinophils
in other tissues like the lung and adipose tissues, are regulated by group 2 innate lymphoid cells
(Molofsky et al., 2015; Nussbaum et al., 2013). However, this axis has not been studied in skeletal
muscle and additional investigation as to the role and regulation of eosinophils in this setting is

warranted.

Group 2 innate lymphoid cells (ILC2)

Innate lymphoid cells are a subset of lymphocytes that include three distinct subsets, ILC1,
ILC2, and ILC3, which mirror the transcriptional profiles and effector functions of T helper cells 1,
2 and 17 cells, respectively (Figure 1.7) (Eberl et al., 2015). These cells share a common lineage
with other lymphocytes, such as B and T cells, and are progeny of the common lymphoid
progenitor (CLP). The upregulation of transcriptions factors such as inhibitor of DNA binding 2
(Id2) induces the differentiation into common helper-like ILC progenitors (CHILP) that give rise to
ILC1, ILC2 and ILC3 (Figure 1.8) (Diefenbach et al., 2014). ILC2s are largely tissue-resident and
are enriched in parenchymal tissues. Recent parabiosis studies demonstrated that ILCs rarely
undergo replenishment from the bone marrow under steady-state conditions (Gasteiger et al.,
2015; Moro et al., 2016; Peng et al., 2013). Distinct from other lymphocytes such as B and T cells,
ILC2s lack antigen-specific receptors (Cella et al., 2014; Spits and Cupedo, 2012). Alternatively,

ILC2s are activated to elicit their effector functions (i.e., cytokines production) in an antigen-
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independent manner through activating signals in the local environment, hence their classification
as “innate-like” cells.

Group 2 innate lymphoid cells (ILC2s) (Spits et al., 2013), previously known as natural
helper cells (Moro et al., 2010), nuocytes (Neill et al., 2010), and type 2 innate helper cells (April
E Price et al., 2010), are dependent on the expression of transcription factors RORa and GATA3
(Furusawa et al., 2013; Hoyler et al., 2012; Walker and Mckenzie, 2013) and can be distinguished
by their surface expression of KLRG1, CD25, CD127(IL-7ra), Sca1, ICOS. Furthermore, ILC2s are also
characterized by their expression of ST2 (IL-33 receptor), TSLP, and IL-25 receptor. ILC2s are activated
by tissue alarmins, including IL-25, IL-33, and TSLP, which are induced following tissue trauma.
Upon activation, ILC2s produce type Il cytokines (Herbert et al., 2019). Importantly, ILC2s are
widely disseminated cells that are present in the respiratory airways (Mjoésberg et al., 2011) and
lung (Chang et al., 2011; Halim et al., 2012; Monticelli et al., 2011), intestinal lamina propria

(Hoyler et al., 2012), liver (Mchedlidze et al., 2013) and skin (Roediger et al., 2013).

Biological functions of ILC2s

Requlation of type Il immunity

Type Il immunity was first shown to be associated with responses against helminth
infections that is characterized by an increase in cytokines, including IL-4, IL-5, and IL-13 and
eosinophil recruitment and/or the activation of M2 macrophages (Lloyd and Snelgrove, 2018).
Type Il immunity also plays a role in wound healing and the return to homeostasis following insult,
however, when dysregulated, this response can lead to asthma, rhinitis, and dermatitis.
Importantly, ILC2s have been implicated as key mediators of type || immune responses and are
potent secretors of the canonical type Il cytokines IL-5 and IL-13 (Molofsky et al., 2013; Moro et
al., 2010; Neill et al., 2010; April E Price et al., 2010; Pulendran and Artis, 2012) and in some

settings IL-4 (Pelly et al., 2016). ILC2-derived IL-5 is required for the maintenance of eosinophil
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homeostasis (Nussbaum et al., 2013) and ILC2s promote eosinophilia in several tissues, including
lung (Halim et al., 2012; Monticelli et al., 2011) and visceral adipose tissue (VAT) (Molofsky et al.,
2013). Additionally, ILC2s have been implicated in promoting the activation of M2-like
macrophages in both visceral adipose tissue (Molofsky et al., 2013) and in mouse models of
cerebral malaria (Besnard et al., 2015). Recent in vitro coculture experiments have also
demonstrated that ILC2s decrease the bone marrow-derived macrophage-production of IL-1p, a
pro-inflammatory cytokine produced by canonical M1 macrophages (Omata et al., 2018).
Together these studies show an important role for ILC2 in regulating type Il immune cells such as

macrophages and eosinophils in multiple biological settings.

Protection against helminth infections

ILC2s have a critical role in the innate protection and clearance of helminth infection
(Omata et al.,, 2018). Some of the earliest studies identifying ILC2s described these IL-25
responsive cells were involved in the rapid expulsion of the parasitic nematode Nippostrongylus
brasiliensis (NB) in a T and B cell-independent manner (Fallon et al., 2006; April E Price et al.,
2010). More recent studies have shown that the ILC2-derived IL-5 and IL-13 are critical for
effective pathogen protection (Neill et al., 2010; April E Price et al., 2010). Furthermore, the
absence of IL-25 and IL-33 signaling leads to impaired worm expulsion, but the adoptive transfer

of ILC2s can restore efficient pathogen protection and clearance (Neill et al., 2010).

Allergic diseases

Recent studies demonstrate that ILC2s are critical for the initiation and progression of
allergic disease in skin and lung. During allergic airway inflammation, the ILC2-mediated secretion
of type Il cytokines (Barlow et al., 2012) promotes the recruitment of eosinophils (Gold et al.,
2014). Importantly, eosinophilia is a hallmark of allergic inflammation and has been implicated in

promoting airway hyperresponsiveness and tissue remodeling (Humbles et al., 2004) which
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contributes to pathology. ILC2s promote eosinophilia in the lung, in part, through the secretion of
IL-5 (Van Gool et al., 2014). An additional proposed mechanism is through the secretion of IL-13,
which induces epithelial cell secretion of eosinophil chemoattractants (Li et al., 1999; Nussbaum
et al., 2013; Pope et al., 2001). It has also been suggested that ILC2s play a pathogenic role in
asthma, as increased numbers of type Il cytokine-secreting ILC2s are found in the blood and
sputum of patients with severe asthma compared to those with a more mild phenotype (Smith et
al., 2016). This is further supported by evidence from clinical trials showing that antibody-
mediated blockade of TSLP, an activating signal for ILC2s, reduced asthma symptoms in humans
(Gauvreau et al., 2014). Similar to asthma patients, ILC2s are present in human nasal polyps and
are enriched in patients with chronic rhinosinusitis (Miljkovic et al., 2014; Mjésberg et al., 2011;
Poposki et al., 2017) implicating that ILC2s also have a disease-exacerbating role in this setting.

ILC2s have also been implicated in the health and disease of skin. ILC2s are found in
healthy skin of mice and humans, and in during the inflammatory skin disease atopic dermatitis
(AD), type Il cytokines are considered the main contributors to pathogenesis. Recent studies have
shown that ILC2-derived IL-5 and IL-13 are necessary for inflammation in AD mouse models
(Kim et al., 2013; Roediger et al., 2013). ILC2s are also enriched in human AD lesions, suggesting

a similar pathogenic role.

ILC2 cells and Metabolism

In obese individuals, chronic type 1 inflammation in visceral adipose tissue (VAT)
promotes insulin resistance and metabolic dysregulation, including type Il diabetes (Chawla et al.,
2011; Hotamisligil, 2006). However, in normal lean VAT, type Il immune responses promote
insulin sensitivity and metabolic homeostasis. Recent studies have shown that VAT resident
ILC2s are critical regulators of type Il immunity and the main sources of IL-5 and IL-13, which
promote the accumulation of eosinophils and macrophages, respectively (Molofsky et al., 2013).
Tissue adipose M2 macrophages are required for the maintenance of glucose homeostasis, and
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Wu and colleagues demonstrated that eosinophils are a major source of IL-4, which sustains
these cells (Wu et al.,, 2011). Together these studies show that ILC2s regulate metabolic
homeostasis and promote glucose tolerance through multiple mechanisms, including the
maintenance of VAT eosinophils and by directly and indirectly promoting the activation of M2

macrophages.

Tissue repair and homeostasis

ILC2s also promote tissue repair and the return to homeostasis by producing the
epidermal growth factor, amphiregulin (Areg) (Monticelli et al., 2011). Following Nippostrongylus
infection, ILC2s produce Areg and promote lung tissue repair (Turner et al., 2013). Similarly, ILC2-
derived Areg is critical for the repair of lung epithelium following influenza infection (Monticelli et
al., 2011). ILC2s and Areg are also involved in epithelium repair following inflammation in the

intestine (Monticelli et al., 2015) and the skin (lordanov et al., 2005; Salimi et al., 2013).

Introduction to the dissertation - the role of ILC2s in muscle disease

Type Il immune responses characterized by the infiltration of eosinophils and M2-like
macrophages have been demonstrated to be important for muscle repair and regeneration. The
presence and activation of M2-like macrophages are critical for the resolution of muscle insult and
the return to homeostasis following both acute injury and during disease (e.g., DMD). Similarly,
eosinophils play a pro-regenerative role in acute injury. Contradicting studies on the role of
eosinophils in dystrophic muscle leaves a gap in our understanding as to their function in this
setting. Further, the regulation of eosinophils has yet to be fully elucidated, which provides a
barrier to completely understanding eosinophil function in muscular dystrophy. One aim of this
dissertation was to evaluate the role of ILC2s, which are potent regulators of type Il immunity in
other settings, in regulating macrophage and eosinophil responses in muscle. We also aimed to
understand the functional role that ILC2s play in regulating DMD pathology. One method of
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evaluating pathology includes the histological assessment of skeletal muscle tissues. However,
previous methods relied on time-consuming, manual methods that were prone to bias. To
circumvent this limitation and allow us to fully evaluate the role of ILC2s in dystrophic muscle, we
first generated a new analysis software that allows for the high throughput and objective analysis
of skeletal muscle. This body of work first describes the development and validation of a new
histological tool, known as QuantiMus, to quantify metamorphic features of skeletal muscle
(Chapter 2). Chapter 3 describes a study investigating the role of ILC2s in regulating type Il
immunity in muscular dystrophy. We found that indeed, ILC2s are potent regulators of skeletal
muscle eosinophilia. The role of these cells in regulating macrophage function as well as DMD

pathology are ongoing and future studies that are further discussed in Chapter 4.

18



Figure 1.1. Schematic illustrating the structure of skeletal muscle. Pax7+ cells reside near
the myofiber sarcolemma, beneath the basal lamina. Adapted from (Dumont et al., 2015).
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Figure 1.2. Myogenic lineage progression.

Following muscle injury quiescent satellite cells (Pax7+ and Myf5+/-) are activated and
differentiate to myoblasts (Pax7+, Myf5+,and MyoD+). After several rounds of proliferation,
myoblasts exit the cell cycle and become myocytes (Pax7-, MyoD+, myogenin+,and MRF4+).
Myocytes can undergo a fusion process to form multinucleated myotubes (myogenin+,
MRF4+,and MyHC+) that eventually mature into myofibers. The satellite stem cell subpopulation
(Pax7+ and Myf5-) can also self-renew to replenish the satellite cell pool. Adapted from (Dumont
et al., 2015).
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Figure 1.3. Frequencies of immune cell populations in acutely injured muscle.

Postulated macrophage and Treg frequencies during acute muscle injury. Red, blue, and dashed
black lines represent frequencies of M1-like macrophages, M2-like macrophages, and Tregs,
respectively. Adapted from (Kastenschmidt et al., 2019b).
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Figure 1.4. The dystrophin—glycoprotein complex.

Dystrophin interacts with other transmembrane proteins in the sarcolemma, serving as a bridge
to connect the actin cytoskeleton and extracellular matrix. Incorporated from (Nowak and
Davies, 2004).
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Figure 1.5. Frequencies of immune cell populations in dystrophic muscle.

Postulated macrophage and Treg frequencies during muscular dystrophy. Red, blue, and dashed
black lines represent frequencies of M1-like macrophages, M2-like macrophages, and Tregs,
respectively. Adapted from (Kastenschmidt et al., 2019b).
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Figure 1.6. The Ying-Yang function of degenerative and regenerative immune cells in
muscular dystrophy.

In healthy muscle degenerative and regenerative immune cell populations are balanced,
maintaining homeostasis (center). During muscular dystrophy, shifts in this balance either
promote degeneration (left) or regeneration (right). A degenerative type 1 inflammatory response
is characterized by increased expression of pro-inflammatory cytokines such as IFNy and TNFa
and the presence of polymorphonuclear neutrophils (PMN), M1-like macrophages (M1 M¢), CD4*
Th1 cells, and CD8" cytoxic T lymphocytes (CTL). Regenerative responses are characterized by
the presence of Tregs and M2-like macrophages (M2 M¢) that express amphiregulin (Areg) and
IL-10. Eosinophils are not depicted because they are suspected to play a role in degeneration
and regeneration. Adapted from (Kastenschmidt et al., 2019b).
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Figure 1.7 Activation and functions of ILCs.

The tissue signals that expand and activate ILC1s, ILC2s, and ILC3s, and the effector functions
of ILCs, mirror the activation and functions of Tcells. In this figure ILC1s, ILC2s, and ILC3s could
be replaced by T helper 1, T helper 2, and T helper 17 cells, respectively. Incorporated from

(Forkel and Mjosberg, 2016).
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Figure 1.8. The lineage of ILCs.

ILCs share a common progenitor with other lymphoid cells, the CLP. ID2 expression induce the
differentiation of the CHILP that give rise to ILC1, ILC2, and ILC3s. CLP, common lymphoid
progenitor; CILP, common ILC progenitor; CHILP, common helper-like ILC progenitor; NKP,
cNK- restricted progenitor. Adapted from (Diefenbach et al., 2014).
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CHAPTER 2

QuantiMus: a machine learning-based approach for high precision analysis of skeletal

muscle morphology

Jenna M. Kastenschmidt, Kyle L. Ellefsen, Ali H. Mannaa, Jesse J. Giebel, Rayan Yahia,

Rachel E. Ayer, Phillip Pham, Rodolfo Rios, Sylvia A. Vetrone, Tahseen Mozaffar, S. Armando

Villalta. Frontiers in Physiology 2019.
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ABSTRACT

Skeletal muscle injury provokes a regenerative response, characterized by the de novo
generation of myofibers that are distinguished by central nucleation and re-expression of
developmentally-restricted genes. In addition to these characteristics, myofiber cross-sectional
area (CSA) is widely used to evaluate muscle hypertrophic and regenerative responses. Here we
introduce QuantiMus, a free software program that uses machine learning algorithms to quantify
muscle morphology and molecular features with high precision and quick processing-time. The
ability of QuantiMus to define and measure myofibers was compared to manual measurement or
other automated software programs. QuantiMus rapidly and accurately defined total myofibers
and measured CSA with comparable performance, but quantified the CSA of centrally-nucleated
fibers (CNFs) with greater precision compared to other software. It additionally quantified the
fluorescence intensity of individual myofibers of human and mouse muscle, which was used to
assess the distribution of myofiber type, based on the myosin heavy chain isoform that was
expressed. Furthermore, analysis of entire quadriceps cross-sections of healthy and mdx mice
showed that dystrophic muscle had an increased frequency of Evans blue dye* injured myofibers.
QuantiMus also revealed that the proportion of centrally-nucleated, regenerating myofibers that
express embryonic myosin heavy chain (eMyHC) or neural cell adhesion molecule (NCAM) were
increased in dystrophic mice. Our findings reveal that QuantiMus has several advantages over
existing software. The unique self-learning capacity of the machine learning algorithms provides
superior accuracy and the ability to rapidly interrogate the complete muscle section. These
qualities increase rigor and reproducibility by avoiding methods that rely on the sampling of
representative areas of a section. This is of particular importance for the analysis of dystrophic
muscle given the ‘patchy’ distribution of muscle pathology. QuantiMus is an open source tool,
allowing customization to meet investigator-specific needs and provides novel analytical

approaches for quantifying muscle morphology.
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INTRODUCTION

Acute trauma, prolonged periods of mechanical unloading or genetic mutations can all
independently cause skeletal muscle cell death, atrophy and changes in myofiber cross-sectional
area (CSA). The resilience of skeletal muscle to overcome these environmental and genetic
insults is partly attributed to its highly adaptive and regenerative capacity (Dumont et al., 2015).
Although mechanical load influences myofiber CSA, muscle injury and regeneration provokes a
larger variance in CSA because of the de novo formation of growing myofibers (McDonald et al.,
2015; Torres and Duchen, 1987). In addition to their variance in CSA, developing myofibers
express embryonic myosin heavy chain (eMyHC) and neural cell adhesion molecule (NCAM)
during regeneration (Capkovic et al., 2008; Dubois et al., 1994; Dumont et al., 2015; Rochlin et
al., 2010; Schiaffino et al., 1986; Tedesco et al., 2010). Thus, measuring the frequency or
expression of regeneration markers and CSA is frequently used to quantitively assess muscle
regeneration (Capkovic et al., 2008; Charlton et al., 2000; Covault and Sanes, 1985; Dubach-
Powell, 2011; Dubois et al., 1994; llla et al., 1992; Schiaffino et al., 1986).

The manual quantification of myofiber type, CSA and centrally-nucleated fibers (CNF) by
histological methods is time-consuming and prone to user bias, negatively affecting the quality of
data. Further, quantifying protein expression by microscopy methods is difficult because several
factors (sensitivity and dynamic range of the imaging system; specificity of the antibodies;
technical anomalies; inappropriately performing image post-processing prior to image analysis)
can comprise the proportional relationship between protein expression and fluorescence intensity.
Recently, multiple groups have successfully developed software that address the above
limitations for the semi-automated, morphometric analysis of healthy skeletal muscle. For
example, the Semi-automatic Muscle Analysis using Segmentation of Histology (SMASH) method
was developed as an open source MATLAB application that measures myofiber properties such
as size (CSA and minimum Feret diameter), CNFs and myofiber type in immunofluorescence-
labeled images (Smith and Barton, 2014). More recently, MyoVision was developed to evaluate
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CSA, myofiber type and myonuclear number (Wen et al., 2017). Although MyoVision does not
have the function to quantify CNFs, the software expands the automated potential of these
aforementioned histological analyses by using algorithms that decrease the amount of user
supervision.

Current software packages reliably assess the morphology of healthy muscle, in which
morphometric features are uniform. However, the performance of a subset of these packages has
not been validated in more complex model systems that vary greatly in morphology._Accurate
assessment of diseased muscle (e.g. dystrophic muscle of the mdx mouse model of Duchenne
muscular dystrophy (DMD)) is challenged by muscle necrosis and inflammation, and constant
tissue remodeling that contributes to large variance in myofiber size and increased interstitial
tissue (McDonald et al., 2015; Torres and Duchen, 1987). We found that these complex disease
features hinder the ability of existing software from discerning a true myofiber from artifact. To
circumvent this limitation, we developed QuantiMus, a machine learning-based tool that uses a
support vector machine (SVM) algorithm (Artan, 2011) to define myofibers with high fidelity.
QuantiMus can be downloaded at https://quantimus.github.io. QuantiMus was developed as a
plugin for the software program Flika (Ellefsen et al., 2014) which can be downloaded at
https://flika-org.github.io.

QuantiMus integrates the analytical features of previous morphometric software
programs, such as measurement of CSA and CNFs (Smith and Barton, 2014; Wen et al., 2017),
with the capability to measure myofiber fluorescence intensity. Together, these features provide
a single tool to simultaneously quantify fluorescence intensity, CNFs and CSA, and the use of
machine learning algorithms reduces processing time and computing power. We compared the
performance of QuantiMus to other semi-automated methods and validated that this tool
accurately determined myofiber CSA and CNFs in healthy and diseased skeletal muscle.
QuantiMus rapidly determined the proportion of type | and Il myofibers in healthy mouse and
human skeletal muscle, and the CSA of each myofiber type. QuantiMus also quantified the
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frequency of Evans blue dye (EBD), NCAM or eMyHC positive myofibers in dystrophic muscle,
and measured their fluorescence intensity. Collectively, we demonstrate the utility of QuantiMus
as a tool for the rapid and rigorous quantification of multiple molecular and morphological features

of skeletal muscle during homeostasis and disease.

MATERIALS
Ethical approval

Deidentified frozen, muscle cross-sections from archived human muscle biopsies were
provided by UCI pathology laboratory, and their identity remained confidential throughout the
study. Prior to biopsy collection, participants were informed about the requirements and potential
risks of the procedures before providing their written informed consent. Biopsies were collected
from patients because a suspected inflammatory myopathy, which after pathological assessment
revealed no skeletal muscle involvement. The experimental procedures adhered to the standards
in the latest revision of the Declaration of Helsinki and were approved by the Institutional Review

Board at the University of California, Irvine (HS#2016-3191).

Animal models

In compliance with federal regulations, the use of mice in our study was approved by the
University of California Irvine Institutional Animal Care and Use Committee. Mice were housed in
a temperature-controlled facility under a standard 12 hour light-12 hour dark cycle with food and
water provided ad libitum. C57BL/10 wildtype and C57BL/10ScSn-Dmd™®/J (mdx) mice were
originally obtained from Jackson laboratory (Bar Harbour, ME) and breeding colonies were
maintained in-house. Mice were euthanized at 4 weeks of age with carbon dioxide using a gradual
fill method per American Veterinary Medical Association guidelines, followed by cervical
dislocation. For Evans blue dye (EBD) injected mice, animals were interperitoneally injected with
a 1% EBD solution at a dose of 50 mg/kg, 16 hours before euthanasia.
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Mouse tissue preparation

Quadriceps were isolated from 4-wk-old WT and mdx mice. Quadriceps were embedded
in optimal cutting temperature (O.C.T) compound (Sakaura Fine Tech, 25608-930), frozen in
liquid nitrogen-cooled isopentane for 1 minute and stored at -80°C. Eight-micron cross-sections
were prepared on a Leica CM1950 cryostat, mounted on positively-charged microscope slides
and stored at -80°C until the time of staining. Although most section thicknesses can be
accommodated, we choose 8 ym as the optimal thickness for image quantification in this study;
sections below 8 uym resulted in a larger occurrence of gaps in laminin labeling, whereas sections

greater than 8 um yielded artifactual laminin labeling that obscured the myofiber perimeter.

Immunofluorescence labeling and imaging

All immunofluorescent labeling procedures were performed with routine and validated
protocols (Capkovic et al., 2008; llla et al., 1992; Schiaffino et al., 1986; Wen et al., 2017).
Sections were all labeled on the same day to eliminate inter-experimental variation. Images were
acquired in a manner to ensure that fluorescence signals were not saturated, and specificity of
the stain was ensured by comparison to control sections in which the primary antibody was
omitted. Fluorescently-labeled sections were protected from light through the staining procedure
and image acquisition. Further the measurement of fluorescence intensity was done on unaltered
images (i.e. native brightness and contrast settings were never manipulated). A RGB image was
converted to its single channel components and saved as an 8-bit TIFF file for compatibility with
the QuantiMus pipeline.

Myofiber Regeneration and laminin: to quantify the frequency and CSA of regenerating
myofibers, frozen cross-sections of mouse quadriceps were labeled with anti-laminin, anti-NCAM

and anti-eMyHC antibodies (Table 2.1). Briefly, cross-sections were fixed with 2%
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paraformaldehyde for 5 minutes and endogenous biotin was blocked with an avidin/biotin blocking
kit (Vector Laboratories, SP-2001) per manufacturer instructions. Following washes with 1X PBS,
endogenous mouse IgG was blocked with Mouse-on-Mouse blocking reagent (Vector
laboratories, MKB-2213) for 1 hour at RT. Muscle sections were washed in 1X PBS and incubated
for 5 min at RT in blocking buffer comprised of 1X Tris-buffered saline with 2.5% normal donkey
serum. Primary antibodies against laminin, NCAM and eMyHC were diluted in blocking buffer at
concentrations described in Table 2.1 and were incubated with sections for 1 hour at RT. Primary
antibodies were detected by indirect immunofluorescence staining with Alexa 488- and Alexa 647-
conjugated secondary antibodies (Table 2.1) for 1 hour at RT, protected from light. For the
detection of eMyHC labeling, sections were incubated with biotinylated anti-mouse antibodies for
10 min followed by ing with Alexa 594-conjugated streptavidin for 5 minutes. Sections were
counter-stained  with  4',6-Diamidino-2-Phenylindole,  Dihydrochloride  (DAPI,  Sigma,
10236276001, 1.2 nM in 1X PBS) for 10 minutes to visualize nuclei. For the staining of laminin in
human muscle, sections were fixed as described above, and were blocked with 5% normal
donkey serum, 3% BSA and 0.05% Tween-20 in 1X Tris-buffered saline for 1 hour. Blocking
solution was removed and sections were stained with anti-laminin antibody for 1 hour at RT.
Sections were washed and stained with secondary antibodies and DAPI as described above.
Myofiber typing: The immunofluorescent detection of myofiber expression of myosin heavy
chain isoforms was performed as previously described (Wen et al., 2017). Briefly, mouse
quadriceps cross-sections were air-dried for 10 minutes, rehydrated with 1X PBS and were
blocked with Mouse-On-Mouse blocking reagent (Vector laboratories, MKB-2213) for 1 hour at
RT. Cross-sections were stained with type 1, lla, lIlb MyHC-specific antibodies and anti-laminin
(Table 2.1) for 1.5 hours. For human samples, antibodies against myofiber type lIx were used
instead of type IIb (Table 2.1). To detect myofiber types and laminin, sections were stained with
secondary antibodies Dylight 405 goat anti-mouse IgG2b, Cy2 goat anti-mouse 1gG1, Dylight 594
goat anti-mouse IgM and anti-rabbit Alexa 647 (Table 2.1) to detect type |, lla, lIb/x MyHC and
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laminin staining, respectively. Sections were washed with 1X PBS and mounted for imaging. All
tissue sections were imaged with a Keyence BZ-X700 inverted fluorescence microscope with a
10x (human) or 20x (mouse) objective and were stitched using BZ-X Analyzer software

(Keyence).

FIJI analysis

To define muscle myofibers, images of laminin-stained cross-sections were first imported
into FIJI and converted to binary images using the ‘make binary’ function. The FIJI ‘wand tool’
(Legacy mode, Tolerance= 0) was used to define the edge of operator-selected myofibers. The
area (um?) and minimum Feret diameter (um) of these operator-selected myofibers were
measured using the FIJI ‘measure’ function. To manually define CNFs, DAPI-stained images were
binarized and overlaid onto corresponding binarized images of laminin-stained sections.
Operators used the FIJI ‘wand tool’ (Legacy mode, Tolerance= 0) to manually select CNFs. The

CSA of CNFs was measured using the FIJI ‘measure’ function.

SMASH Analysis

Because SMASH (Version 5) requires RGB files for analysis, we used FIJI to convert
acquired 8-bit greyscale images to a RGB format. As previously described (Smith and Barton,
2014), the detection of myofibers and CNFs using SMASH was performed using the following
parameters: pixel size (um/pixel)= 1.216 (mouse) or 1.780 (human); segmentation filter= 8
(mouse) or 25 (human); minimum fiber area= 12 (mouse) or 1000 um? (human); maximum fiber
area= 5000 (mouse) or 20000 ym? (human). For the determination of CNFs the following settings

were used: distance from edge= 1.5 ym; nuclear size= 5 ym?; nuclear smoothing= 5.

MyoVision Analysis
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Images of laminin-stained sections were analyzed using MyoVision Basic (Version 1) as
previously described (Wen et al., 2017). Various settings were tested, and the optimal following
values were used: Min Area= 10, Maximum Area= 5000 (mouse) or 50000 (human), Pixel/uym=

1. Myofiber size was manually converted to um after export.

Determination of accuracy and variance

As previously described, accuracy for the number of defined myofibers, average CSA and
number of CNFs was determined by Eq. 1, where test software is defined as QuantiMus,
MyoVision or SMASH and manual measurement are values obtained by FIlJI analysis (Wen et al.,
2017).

| Test Software Value - Manual Measurement |
Manual Measurement

Eq. 1: Accuracy = (1 ) X 100%

Coefficient of variation (CV) is defined by Eq. 2.

Standard Deviation
Eq.2: CV =( Average ) x 100

Data are expressed as the average + standard error of the mean (SEM) or individual replicate

values where indicated.

Statistics

All statistical analyses were performed using GraphPad Prism Version 7.0 (GraphPad
Software, Inc.). A two-way repeated measures ANOVA with a multiple comparison test (main
column effect) was performed for fiber counting, CNF detection and CSA accuracy

measurements. A paired two-tailed t-test was performed for the analysis of the accuracy of CNF
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number and average area of CNFs. Statistical analysis for comparisons of WT and mdx

measurements was performed using an unpaired two-tailed t-test with Welch’s correction.

METHODS
Overview of the QuantiMus pipeline

The QuantiMus analysis pipeline is composed of 5 steps. Laminin-stained images of
muscle cross-sections are first imported into the QuantiMus software. The ‘Fill Myofiber Gaps’
function (Figure 2.1, Step 1) ensures accurate boundary definition by filling-in discontinuous
regions of the laminin stain, which is used to define the myofiber perimeter and generate a binary
image used in the myofiber detection function. The ‘Myofiber Detection’ function accurately
classifies regions of interest (ROI) as myofibers (Figure 2.1, Step 2), generating a classified
image used in downstream functions. The ‘Centrally-Nucleated Fibers’ function (Figure 2.1, Step
3) defines myofibers with centrally-located nuclei by overlaying binarized images of laminin-
corresponding DAPI-stained images onto the classified image. The ‘Measure Fluorescence’
function of the QuantiMus pipeline (Figure 2.1, Step 4) allows users to measure myofiber
fluorescence intensity emanating from immunofluorescence-labeled proteins. The ‘Save and
Export Data’ function is used to export processed data as an Excel sheet for further analysis and

statistical testing (Figure 2.1, Step 5).

Segmentation of Myofibers

Image segmentation assists the automation of image analysis by partitioning pixels of
similar characteristics to define the boundary of an object (Liu and Structures, 2009; Zaitoun and
Agel, 2015). However, structural deformities in the tissue or technical artifacts in the staining
procedure that result in discontinuous boundaries, prevents current segmentation methods to

accurately determine the myofiber perimeter (Kostrominova et al., 2013). To circumvent this
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limitation, we developed an algorithm to fill discontinuous myofiber boundaries (i.e. ‘gaps’) by
coupling thresholding techniques with novel methods we developed and describe below.

The ‘Fill Myofiber Gaps’ function is executed within the ‘Fill Myofiber Gaps’ tab of the
QuantiMus user interface (Figure 2.2A). TIFF images of laminin-stained sections (Figure 2.2B,C)
are firstimported and the user defines the myofiber boundary by manipulating the ‘Blue Threshold’
and ‘White Threshold’ sliders within the ‘Fill Myofiber Gaps’ tab, such that the blue indicates the
thickest possible boundary and white indicates the thinnest (Figure 2.2A,D). These slider settings
are used to generate an evenly spaced list of thresholding values that are sequentially applied to
the original image to form a series of binary images. Contiguous pixels from the binary image
resulting from the lowest threshold value are grouped together into regions that become seeds
for segmented regions. Each region of pixels is compared to the corresponding region from the
binary image generated with the next higher threshold value. If the area of a respective region
exceeds a defined size and increases by more than 20%, the region is considered to have
exceeded the boundaries of the candidate myofiber and is erroneously ‘expanded’. In this case,
a ‘white filler (Figure 2.2E, yellow arrows) is inserted at the intersection of the original and
‘expanded’ regions. These two steps — evaluating increases in candidate myofiber area and
building borders when the increase is too large — are repeated for every region in each binary
image of the series. Contiguous regions of pixels remaining at the end of this process are
considered segmented regions and are fed into the next step of the QuantiMus pipeline.
Binarization alone fails to resolve gaps within the myofiber perimeter, leading to the
misclassification of adjacent myofibers as one combined region. An example of this is illustrated
in Figure 2F, where each colored region demonstrates the incorrect clustering of multiple fibers.
The ‘Fill Myofiber Gaps’ methodology fills in breaks within the myofiber boundary to generate a
binarized image (Figure 2.2G) with ‘corrected’ myofiber detection. Although breaks in non-
myofiber regions may also be filled in, these erroneously segmented regions are not classified as
true myofibers during the "define myofibers” step (Figure 1, Step 3).
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Binary classification of myofibers and interstitial space

The ‘Fill Myofiber Gaps’ function yields a binary segmented image that contains
contiguous regions of pixels that are converted to unique regions of interest (ROIs) in the ‘Define
Myofibers’ tab (Figure 2.3A). We used a machine learning algorithm, a support vector machine
(SVM), to accurately classify ROIs as myofibers. Initially, binary images are selected (Figure
2.3B) in the ‘Define Myofibers’ tab, and the user manually classifies ROls into two categories. As
shown in Figure 2.3C, user-selected green ROls are categorized as myofibers, whereas, red ROls
are categorized as non-myofiber features (i.e. interstitial space or artifact). Four properties are
determined for each ROI using functions from the open source scikit-image toolbox: area,
eccentricity, convexity, circularity (Van Der Walt et al., 2014). Area is defined as the number of
pixels within each ROI (Figure 2.3D, grey area). Eccentricity describes the ellipticity of a region
and is defined as the focal distance (Figure 2.3E, green line) divided by the major axis length
(Figure 3E, red line). Convexity is defined as the ratio between the area (Figure 2.3F, hatched
area) and the convex area of a region (Figure 2.3F, blue area) which is the area of the smallest
convex polygon that encloses the region. Circularity (Figure 2.3G) describes the roundness of a

region and is calculated as in Eq. 3.

Eq. 3 Gircularit 417 -Area
. 3: Circularity =——
a y Perimeter?

These properties are then used to train a SVM with a radial bias function as the kernel, which is
implemented from the open source scikit-learn library for machine learning in Python (Pedregosa
etal., 2012). The trained SVM can then be applied to classify ROls of the remaining image (Figure
2.3H). Training data can also be saved and later used to classify ROIls in binarized images of

multiple muscle samples, reducing analysis time. Furthermore, the ‘Correction Filter’ feature
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within the ‘Define Myofibers’ tab provides a degree of flexibility that allows users to remove

incorrectly classified myofibers (Figure 2.3A).

Defining CNFs

In the ‘CNF’ tab of QuantiMus (Figure 2.4A), a classified image from the ‘Myofiber
Detection’ function (Figure 2.4B) is selected and a corresponding binarized DAPI-stained image
of the same area (Figure 2.4C) is overlaid (Figure 2.4D). Using functions from the scikit-image
toolbox (Van Der Walt et al., 2014), the area of myofibers (green ROIs) are eroded (Figure 2.4E,
yellow regions) to exclude peripheral nuclei during the classification of CNFs. The degree of
erosion is determined by a user-defined value from 0-99, where 99 is equal to approximately 99
percent myofiber erosion; 80 is used as the default (Figure 2.4A). If there is colocalization of the
eroded myofiber ROI (Figure 2.4E, yellow regions) and DAPI signal, then a myofiber is classified
as centrally nucleated. CNFs are then recolored to purple (Figure 2.4F) and myofiber CNF status

is saved for later data export.

Measuring myofiber fluorescence

The ‘Measure Fluorescence’ function, selected in the ‘Measure Fluorescence’ tab (Figure
2.5A), was used to measure the frequency of regenerating myofibers based on their expression
of eMyHC, a marker of regeneration (Schiaffino et al., 1986). Classified images (Figure 2.5B) are
superimposed with fluorescently-labeled eMyHC images (Figure 2.5C) to yield an overlay (Figure
2.5D). Scikit-image functions are used to measure the NCAM and eMyHC mean fluorescence
intensity (MFI), defined as the average fluorescence intensity of all pixels within a given myofiber
(Van Der Walt et al., 2014). The ‘Determine Positive Fibers’ feature (Figure 2.5A), is used to
manually select a subset of myofibers in the overlay image (Figure 2.5D) with the lowest positive
fluorescence signal (Figure 2.5E, yellow myofibers). These user-defined positive myofibers serve
as a threshold to classify eMyHC positive myofibers in the entire cross-section; myofibers with an

39



MFI equal to or greater than the threshold value are considered positive. After the algorithm
completes the classification, positive myofibers are relabeled blue (Figure 2.5F). The MFI of all
myofibers and the classification status (i.e. positive or not) is then saved for downstream analysis

and data export.

Data Export

All measurements generated in earlier steps are saved for final data export. When
applicable, the pixel/micron ratio is entered in the ‘Print Data’ tab of QuantiMus (Figure 2.6A). It
is important to note that when analyzing stitched images, pixel/micron ratios are distinct for each
image and should be recorded during acquisition. In the BZ-X Analyzer software (Keyence) used
to acquire images in this study, this value is found in the pop-up window that is displayed when
inserting a scale bar. Alternatively, the ‘Set Scale’ function in FIJI can be used to determine the
pixel/micron ratio for images that contain scale bars inserted during acquisition. ROl number,
myofiber area (um?), minimum Feret diameter (um), CNF classification, MFI and regenerating

myofiber classification are exported as an Excel (XLS) file by clicking on ‘Print Data’.

RESULTS
Image processing time using multiple methods

Assessing morphometric features of entire muscle cross-sections removes potential
biases inherent to random-sampling techniques and is recommended by the TREAT-NMD
(Nagaraju and Willmann, 2009). The manual assessment of an entire muscle cross-section is
time consuming, and the requirement for high computational processing power by some analysis
software makes these tools inaccessible to some users (Kostrominova et al., 2013; Wen et al.,
2017). QuantiMus was developed for the accurate evaluation of entire muscle cross-sections
without requiring large computational resources. A laptop computer containing 12.0 gigabytes of
random access memory and a 2.50 gigahertz critical processing unit (i7-6500U) was used to
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evaluate the processing time of an entire muscle cross-section using FIJI, SMASH, MyoVision or
QuantiMus. 108 .TIFF images of 4-week-old mdx mouse quadriceps taken with a 20x objective
(1920x1440 pixels each) were stitched together with BZ-X Analyzer software to reconstruct the
entire muscle cross-section. Our analysis showed that SMASH and QuantiMus had similar
processing times, but QuantiMus classified myofibers and measured size with higher precision
(Table 2.2). Using TIFF images, MyoVision was unable to complete image segmentation and
myofiber measurement within a four-hour analysis time; this software could not process the image
beyond the “Separated Seeds Step 10” step. It is important to note that MyoVision was able to
processes a lower resolution .PNG image of a full cross-section, however this analysis resulted
in inaccurate myofiber detection and CSA measurements (Data not shown). Together our analysis
shows QuantiMus’ ability to rapidly assess morphology in a high content image of an entire muscle

section

Accuracy of myofiber classification and CSA measurement

We next tested the accuracy of QuantiMus in classifying myofibers and measuring CSA.
QuantiMus was compared to SMASH, MyoVision and manual detection with FIJI, which was used
to establish the ground truth. Due to the inability of MyoVision to completely process a stitched
.TIFF image of the entire muscle cross-section, we used a single image of a representative field
taken at 20x for further analysis. We found that all methods were accurate and detected a similar
number of myofibers, although MyoVision overestimated the number of myofibers in WT mice
(Figure 2.7A,B). We also found that QuantiMus, MyoVision and FIJI performed with similar
accuracy when measuring the average myofiber CSA in WT mice, but was overestimated by
SMASH (Figure 2.7C,D). This observation is likely due to SMASH’s method of image
segmentation where measured myofibers include some of the extracellular region leading to
larger CSAs for each fiber (Smith and Barton, 2014). In mdx quadriceps, our analysis showed
that the average size of myofibers defined by QuantiMus was similar to those measured with FIJI,
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but MyoVision grossly underestimated myofiber CSA (Figure 2.7C). We anticipate this finding to
be a result of more ROIs of smaller size being inappropriately classified as true myofibers. As a
result of over and underestimated CSA measurements, MyoVision and SMASH accuracies are
variably influenced by different muscle conditions (i.e. healthy versus diseased muscle, Figure
2.7D). Taken together, although each program detected a similar number of myofibers,
QuantiMus most accurately measured area across different muscle conditions.

We also assessed the ability of QuantiMus to accurately detect myofibers and measure
myofiber CSA in de-identified tissue sections of archived human skeletal muscle. Biopsies were
collected from patients with a suspected inflammatory myopathy, which after pathological
assessment revealed no skeletal muscle involvement. We found that QuantiMus detected a
similar number of myofibers compared to FIJI (Figure 2.7E) and was more accurate than
MyoVision (Figure 2.7F), which detected fewer fibers (Figure 2.7E). We also evaluated CSA in
cross-sections of human muscle. Although QuantiMus measured a similar average CSA
compared to manual measurement using FIJI, SMASH and MyoVision measured an artificially
larger CSA, thus reducing their accuracy (Figure 2.7G,H). Collectively, these results validate
QuantiMus as an accurate and reliable tool for the rapid and accurate assessment of CSA in

mouse and human skeletal muscle.

Accuracy of CNF classification and CSA

We also compared the ability of QuantiMus and SMASH to accurately determine and
measure CNFs. MyoVision was not included in the comparison, as this analytical feature is not
available in its current version. All methods measured CNF number in 4-week-old mdx quadriceps
with similar accuracy (Figure 2.8A,B). We next determined the lower threshold of CNF size
detection. Our analysis showed that the lowest CSA determined by FIJI and QuantiMus was on
average 51.16 + 8.61 and 50.32 + 7.47 ym?, respectively. SMASH was unable to define CNFs

smaller than on average 258.09 + 22.48 uym?, likely explaining the overestimation of CSA (Figure
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2.8C). Furthermore, this overestimation of CNF CSA by SMASH resulted in decreased accuracy
(Figure 2.8D). The lower threshold of detection for CNF size led QuantiMus to reliably measure

the CSA of CNFs (Figure 2.8D).

Myofiber Typing of full muscle cross-sections

Skeletal muscle is composed of multiple myofiber types that differ in their metabolic
profiles and contractile properties, and can be classified based on their expression of specific
myosin heavy chain isoforms. We tested the ability of QuantiMus to assess the myofiber
expression and distribution of specific myosin heavy chain isoforms to define the proportion of
type I, lla, lIb, and lIx myofibers in entire cross-sections of WT mouse quadriceps (Figure 2.9A).
As previously shown (Rederstorff et al., 2011), this analysis revealed that the majority of myofibers
in quadriceps are type IIb fibers (70.3%), followed by type lIx (19.7%), type lla (6.0%) and type |
(1.1%) (Figure 2.9B). A small proportion of ‘Hybrid’ myofibers that express more than one myosin
heavy chain isoform were also detected (Figure 2.9B) (Matsuura et al., 2007). The quantification
of myofiber type-specific CSA revealed that Type IIb are the largest in mouse quadriceps (Figure
29C). The accumulation of endogenous IgG in injured myofibers, despite blocking with
commercially available mouse-on-mouse blocking reagents, precluded the ability to accurately
type myofibers in mdx mice (data not shown). We also tested the ability of this tool to perform
myofiber typing of various human muscles (Figure 2.9D). Our analysis showed the majority of
myofibers in an entire muscle cross-section of biceps brachii from patient 1 were type | fibers
(49.9%) followed by type lla (22.4%) and lIx (18.2%) fibers (Figure 2.9E). The gastrocnemius of
the second patient was primarily comprised of type | fibers (34.5%) followed by type lIx (31.2%)
and lla (28.1%) fibers (Figure 2.9F). Additionally, hybrid myofibers that expressed more than one
myosin heavy chain isoform were also detected (Figure 2.9E,F). The average CSA of each
myofiber type was also measured in the biceps (Figure 2.9G) and gastrocnemius (Figure 2.9H).
Together, this analysis shows the capacity of QuantiMus to measure myofiber type distribution
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and their myofiber type-specific CSA in entire skeletal muscle cross-sections of mouse and

human.

Morphometric analysis of dystrophic muscle using QuantiMus

We also evaluated the ability of QuanitMus to assess the morphological features of
dystrophic muscle, which contains more complex structural features (i.e. injured myofibers,
varying myofiber size, increased interstitial space). Evaluating myofiber injury provides a
histological index of the severity of muscular dystrophy and is routinely evaluated by measuring
the accumulation of Evans blue dye (EBD) in injured myofibers (Hamer et al., 2002; Straub et al.,
1997). We tested the ability of QuantiMus to measure muscle injury in EBD-injected WT and mdx
mice by assessing the frequency of EBD positive fibers and their fluorescence intensity within the
entire quadriceps cross-section. As shown previously (Straub et al., 1997), these studies revealed
an increased proportion of injured fibers in mdx muscle compared to healthy controls (Figure
2.10A). Furthermore, we measured the EBD fluorescence intensity of individual myofibers with
the ‘Measure Fluorescence’ function. Notably, we found a broad range in the fluorescence
intensity of EBD+ myofibers, which was absent in WT muscle (Figure 2.10B, inset).

QuantiMus was also used to histologically assess regeneration in healthy and dystrophic
mouse muscle (Figure 2.10C). Using CNFs as an indicator of regeneration, we found the
proportion of regenerating myofibers was elevated in mdx quadriceps and nearly absent in WT
controls (Figure 2.10D) (McDonald et al., 2015; Torres and Duchen, 1987). Nascent myotubes
and regenerating myofibers can also be distinguished by their expression of developmental genes
like eMyHC (DiMario et al., 1991) or NCAM (Capkovic et al., 2008). We, therefore, used
QuantiMus to quantify the frequency of eMyHC™ and NCAM® regenerating myofibers. Our analysis
showed that the proportion of both eMyHC* and NCAM* myofibers was elevated in dystrophic
muscle (Figure 2.10E,F), consistent with the increased proportion of CNFs. Moreover, the
individual myofiber MFI of eMyHC and NCAM was higher in mdx mice compared to WT,
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suggesting a relative increased expression of these markers in mdx quadriceps (Figure 2.10G,H).
The use of mean or median fluorescence intensity as an indirect measure of protein expression
is a common technique used in variety of semi-quantitative and quantitative platforms to report
relative changes in protein or gene expression (Banks et al., 2014, Cirak et al., 2012; Gongalves
et al., 2011; Guirado et al., 2018; Guiraud et al., 2019; McCabe et al., 2005; Omairi et al., 2017;
Van Battum et al., 2014). We next evaluated the relationship between CSA and eMyHC (Figure
2.101,J) or NCAM (Figure 2.10K,L) MFI and found no correlation in WT mice (Figure 2.101,K).
However, eMyHC and NCAM MFI and CSA were negatively correlated in mdx mice, with the
smallest myofibers having the highest MFI for these markers (Figure 2.10J,L). We also noted
that there was a larger proportion of large NCAM* myofibers (>1000 um?) that did not express
eMyHC (compare Figure 2.10L-J), suggesting that the loss of eMyHC precedes the loss of
NCAM as regenerating myofiber differentiate and grow. This observation also likely accounts for
the increased proportion of NCAM* myofibers compared to eMyHC"™ myofibers in mdx mice
(compare Figure 2.10F to 2.10E). The ability of QuantiMus to simultaneously measure CSA and
MFI provided a novel analytic approach using linear regression analysis to quantify small

myofibers expressing high levels of NCAM or eMyHC in regenerating muscle (Figure 2.10I-L).

DISCUSSION

The histomorphological and molecular assessment of injured or diseased skeletal muscle
historically required time-consuming, manual methods. More recently, the histological evaluation
of muscle tissue has been significantly accelerated by the development of semi-automated tools
(Kostrominova et al., 2013; Reyes-Fernandez et al., 2019; Smith and Barton, 2014; Wen et al.,
2017). These methods are able to successfully measure uniform myofibers of healthy muscle.
However, these methods are not readily adaptable to the highly variable terrain of diseased
muscle. Here we introduce QuantiMus, a machine learning-based software that addresses this

and accelerates the histological evaluation of skeletal muscle. Benchmark comparisons validate
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this tool for the high-throughput and semi-automated determination of CSA, CNFs, fluorescence
intensity and myofiber type of entire skeletal muscle cross-sections.

The implementation of unique segmentation and SVM-based classification algorithms
advances current morphometric methods by enhancing the ability to define individual myofibers
and assess muscle pathology of entire muscle cross-sections. SVMs have been previously
utilized to segment images (Wang et al., 2012, 2011) and classify objects (Adamiak et al., 2016)
by using descriptors in a trained image as inputs for its supervised learning methods (Nayak et
al., 2015). In the histological assessment of skeletal muscle, the SVM generates a complex
nonlinear decision boundary between myofibers and other structural features, thereby removing
the reliance on rigid user-defined parameters used by other methods that may lead to ROI
misclassification. The novel development and implementation of the ‘Fill Myofiber Gaps’ function
also enhances accurate myofiber classification by ‘filling’ artifactual gaps in the laminin-stained
image used to define the myofiber perimeter. A binarized image with more precise boundaries is
generated, consequently increasing the SVM’s ability to accurately classify ROIs as myofibers.
An additional layer of accuracy has been added by implementing a semi-automated “Correction
Filter” and a point-and-click user interface that allows investigators to manually change ROI
status. These features allow the removal of myofibers at the edge of the muscle cross-section or
in areas with poor sectional integrity. Further, the point-and-click feature allows the addition of
true myofibers that were missed during classification. Together these features integrate to form
an accurate and user-friendly method for segmenting skeletal muscle images and classifying
myofibers for downstream analysis.

We also implemented a novel myofiber eroding feature that facilitates the accurate
classification of regenerating, CNFs ranging widely in size. We used an open-source algorithm
(Pedregosa et al., 2012) to erode each myofiber by a percent area that scales with changing CSA
size. In contrast, the use of hard-set parameters prevents the accurate discernment of small
CNFs. As a result, SMASH failed to detect CNFs smaller than 258.09 + 22.48 um?, which are

46



prevalent in regenerating regions of dystrophic muscle (Torres and Duchen, 1987). We attributed
the increased CNF detection accuracy of QuantiMus to the erosion method, which is not adversely
affected by heterogenous myofiber populations. Currently, the difficulty to resolve single nuclei in
areas of high cellular density and overlapping nuclei limit our tool to detecting centrally-located
nuclei. These limitations especially arise in settings of muscle inflammation, were infiltrating
immune cells juxtaposed with myofibers make it difficult to discern infiltrating nuclei from
peripheral myofiber nuclei. However, the ability to quantify peripheral nuclei in healthy muscle that
lack densely compacted nuclei has been successfully performed (Wen et al., 2017).

We coupled machine learning-based classification and fluorescence intensity
measurement methods to evaluate muscle function by simultaneously assessing the morphology
and molecular features of a myofiber. We took rigorous measures, including labeling all sections
on the same day; fluorescence signals were not saturated during image acquisition; specificity of
the antibodies was validated (i.e. we used biological samples —mdx vs WT- known to have
increased expression of eMyHC and NCAM; fluorescently-labeled sections were protected from
light; measurement of fluorescence intensity was done on unaltered images, to preserve a
proportional relationship between MFI and protein expression. Combining these functions
provided the capability to ascertain a relationship between myofiber size and eMyHC or NCAM
fluorescence intensity at single-myofiber resolution. This becomes a critical analytical quality
given that eMyHC* and NCAM" regenerating myofibers represent a minor fraction of total
myofibers. Thus, small, but physiologically impactful changes in size or protein expression in this
population may be missed because of their low prevalence. Although previous studies
characterized NCAM expression in regenerating muscle, they did not measure CSA (Dubois et
al.,, 1994; llla et al., 1992). Here, measuring CSA and NCAM expression permitted a linear
regression analysis that revealed a negative correlation between NCAM expression and myofiber
size, which was also true for eMyHC™ myofibers. The reduction of eMyHC and NCAM expression
with increasing myofiber size in mdx mice is consistent with other studies showing that these
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markers of regeneration are down-regulated with myofiber differentiation and/or growth (Agbulut
et al., 2003; Covault and Sanes, 1986; Dubois et al., 1994; Schiaffino et al., 2015). Further,
QuantiMus reliably identified a subset of very small myofibers expressing high levels of eMyHC
and NCAM protein (Figure 2.10I-L green box), likely representing nascent myotubes present in
mdx muscle (Charlton et al., 2000). Our study demonstrates that QuantiMus measures protein
expression over a high dynamic range and accurately classifies small regenerating myotubes, to
assess muscle regeneration with unprecedented sensitivity and accuracy.

QuantiMus was designed to segment and classify images for myofiber determination and
measuring their fluorescence intensity. This design does not allow QuantiMus to measure
unsegmented areas, preventing the quantification of injured or fibrotic areas over the entire cross
section. However, the ‘Measure Fluorescence’ feature can be used to quantify the frequency of
necrotic myofibers and their uptake of Evans Blue dye by measuring the MFI (Hamer et al., 2002;
Straub et al., 1997). Similar approaches have been used to measure muscle membrane injury
following acute injury detected with procion orange (Tidball and Wehling-Henricks, 2007). As
expected, QuantiMus revealed a greater than 15-fold increase in EBD" injured myofibers in mdx
mice compared to WT mice. Further, measuring the MFI of EBD of all myofibers in a cross-section
revealed a broad range in the fluorescence intensity of EBD in dystrophic muscle. We attribute
this broad distribution to an increase in the number and/or size of lesions in the sarcolemma of a
single myofiber that causes a larger and variable influx and accumulation of EBD. Measuring the
MFI of EBD consequently becomes useful to measure injury when the frequency of injured
myofibers is not different between experimental conditions, but the number of lesions per myofiber
or size are significantly altered.

QuantiMus is an open-source software plug-in written in the Python programming
language and is available at no cost. Python has a large open-source community that actively
maintains a rich set of software libraries and packages that can be used to customize the
functionality of QuantiMus for investigator-specific needs. The algorithms designed for QuantiMus
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were written to rapidly process high-content images and must be launched through the computer
terminal, which may require some guidance to operate. To circumvent this limitation for novice
users, we have provided extensive instructions for installation and program start-up of QuantiMus
at https://quantimus.github.io.

Through extensive benchmarking, we validated QuantiMus as a novel machine learning-
based tool for quantitative skeletal muscle morphometry. QuantiMus quantified the frequency of
centrally-nucleated, injured and regenerating myofibers in whole cross-sections with high
precision. Further, QuantiMus rapidly typed myofibers based on the expression of MyHC
isoforms. The capability to simultaneously measure fluorescence intensity and cross-sectional
area provided a novel analytical approach for quantifying myofiber injury and regeneration. In
summary, QuantiMus operates with equal and for many parameters exceeds the performance of
existing software in quantifying histological and molecular features of muscle disease in human

and mouse.
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Table 2.1. Antibodies used for histology.

Antibody/labeling reagents Vender Clone Dilution Final (ug/ml)
eMyHC DSHB F.1652 30 0.6
NCAM SCBT H28-123 200 0.5
Rabbit anti-Laminin Sigma Polyclonal 200 25
Biotin Anti-Mouse 1gG Jackson Immuno  Polyclonal 80 15
MyHC Type | DSHB BA-D5 200 1.4
MyHC Type lla DSHB SC-71 200 1.9
MyHC Type IIb DSHB BF-F3 200 2
MyHC Type lIx DSHB 6H1 20 1.1
Streptavidin Alexa Fluor 594 Invitrogen Polyclonal 80 25.0
Anti-Rat Alexa Flour 488 Invitrogen Polyclonal 200 10
Anti-Rabbit Alexa Flour 647 Invitrogen Polyclonal 200 10
Anti-Mouse IgG 2b DyLight 405 Jackson Immuno Polyclonal 400 4.3
Anti-Mouse 1gG1 Cy2 Jackson Immuno Polyclonal 400 4
Anti-Mouse IgM DyLight 594 Jackson Immuno  Polyclonal 400/1500° 3.8/1

@ Final dilution of 1:400 was used for mouse sections. 1:1500 was used for human.
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Table 2.2. Comparison of imaging processing times of different methods.

Method Time (min)®  Fibers/cross section CSA (um2)® Min Feret (um)°

Fl1JI 133421 6699+153 745.53112.69 24.49+0.88
QuantiMus 71 763815 710.73+0.38 23.10+0.00
SMASH 5+0.5 86300 813.86+0.00 26.51+0.00
MyoVision  Failed N.D. N.D. N.D.

Data is the average +* standard error of the mean of three independent analyses of one entire
muscle cross-section

@ Processing time (minutes) required to analyze myofiber size in full quadriceps cross-section
image

b Average cross-sectional area (CSA)

¢ Average minimum Feret diameter

? Analysis did not complete within a four-hour period

N.D. not determined
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Figure 2.1. QuantiMus application workflow.

The QuantiMus analysis pipeline is composed of 5 steps: 1) the ‘Fill Myofiber Gaps’ function; 2)
‘Myofiber Detection’ function; 3) ‘Centrally-Nucleated Fibers’ function; 4) ‘Measure Fluorescence’
function; and 5) ‘Save and Export Data’ function.
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Figure 2.2. The ‘Fill Myofiber Gaps’ function corrects gaps in myofiber boundaries that
hinder single myofiber discrimination.

A) Screenshot of the QuantiMus user interface used for the ‘Fill Myofiber Gaps’ function. B)
Representative image of a cross-section of 4-week-old mdx quadriceps, stained with anti-laminin
antibody (white). C) Zoomed in region of the cross-section in B (yellow box). D) Interactive display
showing thresholds set by the user with sliders in the Fill Myofiber Gaps tab. E) Myofiber gaps
detected and filled by the algorithm (white regions highlighted by yellow arrows). F) Binary image
generated from the cross-section in C that was not corrected with the ‘Fill Myofiber Gaps’ function;
colored regions indicate grouped ROlIs incorrectly detected as one myofiber. G) Binary image
generated from the cross-section in C that was corrected using the ‘Fill Myofiber Gaps’ function.
Scale bar= 200 pym.
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Figure 2.3. Classification of skeletal muscle myofibers.

A) Image of the QuantiMus user interface used to classify myofibers. B) Binary image of
quadriceps from 4-week-old mdx mice generated during the ‘Fill Myofiber Gaps’ function. C)
Binary image highlighting user-classified ROIs (an ROl is defined as any contiguous region of
pixels) used to train the machine learning algorithm for subsequent automated ROI
classification. Green ROIs= myofibers, red ROIs= interstitial space and artifacts. D-G) Properties
used to classify regions as myofibers. D) Area (grey) is the total number of pixels in the region.
E) Eccentricity is calculated by dividing the focal distance (f, green line) by the major axis length
(m, red line). Focal distance is defined as the length between the foci and the major axis length
is the longest diameter of a region. F) Convexity of an ROI is calculated by dividing the area
(hatched area) by the convex area (blue area). The convex area is defined as the area within the
smallest convex polygon that can be drawn around a region. G) Circularity is determined using
Eq. 3 as shown. Area= grey region, Perimeter= red boundary. H) A representative final image
rendered by automated classification subsequently used for myofiber quantification and
downstream analysis. Scale bar= 200 uym.
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Figure 2.4. Detection of CNFs.

A) The QuantiMus user interface that is utilized for the detection of CNFs. B) Representative
cross-section of 4-week-old mdx mouse quadriceps previously classified using the ‘Myofiber
Detection’ function. C) The corresponding DAPI image of the cross-section in B. D) The overlay
of classified and DAPI images. E) Eroded myofibers (yellow) generated during the “Centrally-
Nucleated Fibers’ function. F) The ‘Centrally-Nucleated Fibers’ function end-product provides an
image with CNFs labeled purple. Scale bar= 200 um.
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Figure 2.5. Measurement of fluorescence intensity in single myofibers.

A) QuantiMus user interface that is utilized for measuring the myofiber mean fluorescence
intensity (MFI) of an overlaid fluorescence image. B) Classified image generated by the ‘Myofiber
Detection’ function. C) Fluorescence image of anti-eMyHC antibody-stained quadriceps. D)
Image in C is overlaid onto the corresponding classified image in B. E) User-defined eMyHC"”
myofibers (yellow) are used as a threshold for the automated determination of remaining eMyHC"*
myofibers. F) eMyHC" myofibers are relabeled blue following the “Determine Positive Fibers”
step. Scale bar= 100 pm.
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Figure 2.6. Data export. QuantiMus user interface utilized for the export of saved data.
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Figure 2.7. QuantiMus accurately measures myofiber CSA and minimum Feret diameter.
A) The number of myofibers detected using FIJI, QuantiMus (QM), MyoVision (MV) and SMASH
in 4-week-old WT and mdx quadriceps. B) The percent accuracy of the number of myofibers
detected by each method. C) The average (Avg) CSA (um?) of myofibers in A. D) The percent
accuracy of average myofiber CSA for each method. Greater than 2000 fibers from 5
representative fields, taken from two mice were used for each group. E) The number of myofibers
detected in human muscle. F) The percent accuracy of myofiber classification for each method in
E. G) The Avg CSA (um?) detected by each method in E. H) The percent accuracy of average
myofiber CSA for each method in G. Over 2400 myofibers from 6 representative fields, taken from
2 patients were measured. Connected data points are indicative of a single image analyzed by
each method. * p<0.05, ** p < 0.01 *** p <0.001 and **** p < 0.0001 using a two-way repeated
measures ANOVA with a multiple comparison test (main column effect). Statistics are compared
to FIJI (A,C,E,G) or QM (B,D,F,H).
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Figure 2.8. Defining CNFs.

A) The number of CNFs detected using manual measurement (FIJI), QuantiMus (QM), and
SMASH in 4-week-old mdx quadriceps. B) The percent accuracy of QuantiMus and SMASH to
detect CNFs in A. C) The average CSA (um?) of CNFs detected by manual measurement (FIJI),
QuantiMus, or SMASH. D) The percent accuracy of QuantiMus and SMASH in measuring the
CSA of detected CNFs compared to FIJI. Connected data points are indicative of a single image
analyzed by each method. 5 representative fields taken from 2 mice were used for analysis. **
p<0.01 using a two-way repeated measures ANOVA with a multiple comparison test (main column
effect) (A,C) or an paired two-tailed t-test (B,D). Statistics are compared to FIJI.
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Figure 2.9. Myofiber typing of mouse and human muscle.

A) Representative image of WT mouse quadriceps cross-sections stained with antibodies against
myosin heavy chain-specific isoforms. Blue= Type 1, Green= Type lla, Red= Type lIb. Fibers with
no isoform present are defined as type lIx. B) The proportion of each myofiber type. C) The
average (Avg) cross-sectional area (CSA) of each fiber type. Data is displayed as the average +
SEM from full section measurements of 4 WT mice. A total of 25,757 fibers were measured. D)
Representative image of human cross-sections stained with antibodies against myosin heavy
chain-specific isoforms. Blue= Type 1, Green= Type lla, Red= Type lIx. E-F) The proportion of
each fiber type in human biceps brachii or gastrocnemius. G-H) The Avg CSA of each fiber type
in both muscle groups. Data is measured from full cross-sections and is displayed as the average
+ SEM CSA of each patient sample (G,H). 1,488 (Biceps) and 2036 (Gastroc) fibers were
measured. Scale bars= 100 (A) or 200 (D) ym.
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Figure 2.10. Morphometric analysis of dystrophic pathology in mdx mice.

A) Frequency of injured fibers (% EBD®) in entire quadriceps cross-sections of WT and mdx mice.
B) Histogram of muscle EBD expression showing individual myofiber EBD expression displayed
as mean fluorescence intensity (MFI). n= 4 for each group. C) Representative images of mdx
mouse quadriceps cross-sections stained with DAPI (Blue), NCAM (Green), eMyHC (Red), and
laminin (White). The percentage of centrally-nucleated (CNF, D), eMyHC* (E) and NCAM* (F)
fibers (of all fibers) in entire WT and mdx quadriceps cross-sections. G-H) Histogram of eMyHC
and NCAM expression showing individual myofiber expression displayed as MFI. Teal= WT;
orange= mdx. I-L) Linear regression analysis comparing eMyHC or NCAM MFI| and myofiber CSA
(um?) in WT and mdx mice. Each dot represents a single myofiber. Red-dashed line corresponds
to the equation generated by the linear regression analysis. n=4 for each group. The boxed
regions reflect data points that were above the background signal. Scale bar= 100 ym. AU=
Arbitrary units. 4-week-old mice were used. * p<0.05, ** p<0.01, *** p<0.001 and **** p<0.0001
using an unpaired two-tailed t-test with Welch’s correction.
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CHAPTER 3

Muscle injury activates group 2 innate lymphoid cells to induce muscle eosinophilia

Jenna M. Kastenschmidt, Gerald Coulis, Philip Pham, Rodolfo Rios, Ali H. Mannaa, Rachel
Ayer, Rayan Yahia, Adam K. Savage, Richard M. Locksley, Jeffery A. Bluestone, Steven A.

Moore, Tahseen Mozaffar, Carlee R. Giesige, Scott Q. Harper, S. Armando Villalta
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ABSTRACT

Type Il innate immunity, characterized by muscle eosinophilia and M2-like macrophages,
is required for efficient muscle regeneration. However, chronic activation and dysregulation of this
response is a signature of the mdx mouse model of Duchenne muscular dystrophy (DMD).
Sustained eosinophilia and activation of M2-like macrophages promote myofiber injury and
fibrosis, respectively, but the mechanism underlying this response in dystrophic muscle is
unknown. In the current study, we found that ST2-expressing ILC2s are present in healthy skeletal
muscle and are expanded following acute muscle injury and during muscular dystrophy. IL-33
was upregulated in dystrophic muscle and was predominantly expressed by fibro/adipogenic
progenitors (FAPs). Treatment of mdx mice with exogenous IL-2 and IL-33 expanded muscle
ILC2s and significantly increased dystrophic muscle eosinophilia in an ILC2-dependent fashion.
Interestingly, macrophage activation was unaffected in these studies. Skeletal muscle eosinophils
expressed CCR3 and IL-5R and muscle ILC2s were shown to produce ligands for these
receptors, CCL5 and IL-5, respectively. Thus, we discovered a novel ST2-mediated ILC2 and
FAP interaction, leading to increased expression of IL-5 and CCL5 that promotes eosinophilia

during muscular dystrophy.

INTRODUCTION

Type Il immunity is characterized by the production of cytokines, including IL-4, IL-5, IL-9,
and IL-13, as well as the activation of cells such as T-helper 2 T cells, eosinophils, and
alternatively activated macrophages (M2-like). These cellular responses are traditionally
associated with allergy and host protection against helminth infection but are also critical for the
initiation and promotion of tissues repair and remodeling following injury (Gieseck et al., 2018). In
skeletal muscle, type Il immune responses are essential for efficient and complete regeneration.
For example, studies have shown that M2-like macrophages promote the differentiation of muscle
progenitor cells (S Armando Villalta et al., 2009), and the prevention of their activation impairs
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regeneration following acute injury (Arnold et al., 2007). Eosinophils have also been shown to
promote regeneration in acute muscle injury models through the secretion of IL-4, which promotes
fibro/adipogenic progenitors to support muscle regeneration (Heredia et al., 2013). In muscle
disease such as Duchene muscular dystrophy (DMD), type Il immunity is still essential for
regeneration. However, asynchronous bouts of injury and repair lead to persistent activation of
these responses that can further promote fibrosis and exacerbate disease. Although type Il
immunity plays an important role in regulating tissue homeostasis, its regulation is not completely
understood.

The recent identification and characterization of group 2 innate lymphoid cells have
revealed new regulatory networks of type Il inflammation. ILC2s are tissue-resident lymphocytes
that lack antigen receptors, are activated by tissues alarmins (i.e., IL-33, IL-25, TSLP) and are
potent secretors of type Il cytokines including IL-5 and IL-13 (Moro et al., 2010; Neill et al., 2010;
April E. Price et al.,, 2010). Group 2 innate lymphoid cells (ILC2s) also promote eosinophil
homeostasis and tissue eosinophilia (Molofsky et al., 2013; Nussbaum et al., 2013; Van Gool et
al., 2014) and have been shown to promote the alternative activation of macrophages (Molofsky
et al., 2013).

Here, we tested the hypotheses that ILC2s regulate type Il immunity in skeletal muscle,
specifically during chronic muscle disease. We report that ILC2s are increased following muscle
damage and are activated to produce IL-5 and IL-13. The expansion of ILC2s using (IL-2/anti-IL-
2 complex (IL-2c) together with IL-33 or the genetic deletion of ILC2s caused an increase or
decrease in dystrophic muscle eosinophils, respectively. We found that muscle eosinophils
expressed CCR3 and the production of CCR3 chemokines by ILC2s (including CCL5 and CCL9)
were elevated in mdx muscle. We also provide evidence for a novel interaction between muscle
ST2-expressing ILC2s and FAPs, which were an abundant source of IL-33. Our findings highlight
a role for ILC2s in regulating the immunopathogenesis of muscular dystrophy by promoting
muscle eosinophilia.
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MATERIALS AND METHODS
Mice

Mdx mice (C57BL/10ScSn-Dmdmdx/J, The Jackson Laboratory stock #001801) were
purchased from the Jackson Laboratory and bred in our colony. New mdx breeders were
purchased after the 5th generation of breeding to avoid genetic drift. Mdx mice lacking ILC2s were
generated by crossing mdx mice with the YetCre13.DTA mouse (April E. Price et al., 2010) in
which the endogenous IL-13 promoter drives the expression of a yellow fluorescent protein (YFP)-
Cre recombinase fusion protein. YetCre13 mice were subsequently crossed with transgenic mice
in which a DTA transgene carrying a flox-stop-flox cassette was knocked into the ROSA26 locus
(B6.129P2-Gt(ROSA)26Sortm1(DTA)Lky/J, The Jackson Laboratory #009669) (Voehringer et al.,
2008). Cre expression in IL-13-producing cells leads to the excision of the stop cassette and
subsequent expression of DTA, resulting in the ablation of IL-13-producing cells, including ILC2s.
The mdx.ILC2 reporter mouse was generated by crossing mdx mice with Red5 transgenic mice,
in which the endogenous IL-5 promoter drives the expression of tdTomato (B6(C)-
[15tm1.1(icre)Lky/J; The Jackson Laboratory stock # 030926) (Molofsky et al., 2013).
Mdx.dbIGATA mice were generated by crossing mdx mice with dblIGATA mice that lack
eosinophils due to a deletion of the GATA-1 locus (C.129S1(B6)-Gata1tm6Sho/J; Jackson
Laboratory stock #005653) (Yu et al., 2002). Mdx mice that lack T cells were generated by
crossing the mdx and TCRa knock out mice (B6.129S2-Tcratm1Mom/J; Jackson Laboratory
stock #002116). C57BL/6J mice used for cardiotoxin (CTX)-induced injury were purchased from
the Jackson Laboratory (stock # 000664).

Unless otherwise noted, mice used in this study were analyzed at four weeks of age. Both
male and female mice were assessed and analyzed separately (data not shown) and together. In
compliance with federal regulations, the use of mice in our study was approved by the University

of California Irvine Institutional Animal Care and Use Committee.
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Acute muscle injury

Acute muscle injury was induced by injecting a total of 200 ul of 10um (in 1X PBS)
Cardiotoxin (CTX; Latoxen laboratory; France) into the hindlimb muscles (30 ul quadriceps, 50ul
hamstring, 20 ul gastrocnemius) of 8-wk-old C57BL/6J mice. Both limbs were injected with CTX,

and muscles were pooled then interrogated by flow cytometry as described below.

Cell isolation and flow cytometry analysis

Single-cell suspensions from hindlimb muscles were prepared as previously described
(Kastenschmidt et al., 2018). Briefly, mice were first euthanized with carbon dioxide using a
gradual fill method per American Veterinary Medical Association guidelines and were perfused
with 1X PBS. The popliteal lymph node was removed, and all hindlimb muscles were excised then
mechanically and enzymatically digested, filtered through 40 and 70 um mesh and cells were
purified using gradient centrifugation. Cells were stained with Zombie NIR fixable viability dye
(Biolegend), and the FC receptor was blocked by incubating cells for 15 minutes in TruStain FcX
anti-mouse CD16/32 antibody (Biolegend). Anti-mouse antibodies used in this study are listed in
Table 3.1. Intracellular staining of transcription factors was performed using the
Foxp3/Transcription factor staining buffer set (eBioscience) per manufacturer directions. Surface
and intracellular stains were incubated for 30 minutes while on ice and protected from light. Single-
cell suspensions were analyzed or sorted using a FACSAria Fusion (BD Biosciences) equipped
with 405, 488, 561, and 640 lasers. Data were analyzed, and plots were generated using FlowJo

software (FlowJo, LLC, Version 10.4).

In vivo cytokine treatment
Mice were treated with IL-2/anti-IL-2 complex (IL-2c) as previously described (Villalta et

al., 2014). Briefly, IL-2c was prepared by combining 0.5 ug recombinant mouse IL-2 (eBioscience)
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with 5 ug anti-mouse-IL2 antibody (clone JES6-1A12, eBioscience) and incubating at 37°C for 15
minutes. Mice were treated with Isotype control, IL-2c, 0.5 ug recombinant mouse IL-33 (Life
Technologies), IL-2¢c in combination with IL-33, 0.5 ug recombinant mouse IL-25 (R and D
systems), or IL-2¢c+IL-25. Mice in all treatment groups were administered agents intraperitoneally
starting at two weeks of age. Animals were injected every other day for a total of 3 injections and

were analyzed at four weeks of age.

Examination of gene expression using quantitative reverse transcription PCR (RT-qPCR)
Liquid nitrogen-frozen muscle samples were homogenized, and RNA was extracted using
TRIsure (Bioline) and the Quick-RNA Miniprep kit (Zymo Research) per manufacturer instructions.
Cell populations were isolated using fluorescence-activated cell sorting (FACS), and RNA was
isolated using the Quick-RNA Microkit (Zymo Research). Cells were FACS sorted directly into
lysis buffer. Complementary DNA (cDNA) was synthesized from 150 ng (sorted cells) or 2000 ng
(whole muscle) of RNA using the SensiFAST cDNA synthesis kit (Bioline). Gene expression was
quantified using TagMan expression assay probes (Applied Biosystems, Table 3.2) and 2x

SensiFAST probe No-ROX mix (Bioline). All gene expression was normalized to 18s expression.

Histological analysis

Mouse muscles were excised, frozen in liquid nitrogen-cooled isopentane and stored at -
80°C. Eight-micron cross-sections were prepared on a Leica CM1950 cryostat, mounted on
positively charged microscope slides (Fisher), and stored at -80°C until the time of staining. Cross-
sections were removed from -80°C and were stained with Harris modified hematoxylin (Fisher)
and eosin (Richard-Allen Scientific).

FAP analysis: For the immunofluorescence staining of IL-33 and PDGFRa, slides were

first fixed in 2% paraformaldehyde (PFA) and endogenous peroxidases were blocked with 3%
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H20,. Sections were blocked for 1 hour with 5% normal donkey serum and 3% bovine serum
albumin in 1X tris-buffered saline with 0.1% Tween 20. Sections were incubated with primary
antibodies (Table 3.3) for 3 hours, washed with 1X PBS, and stained with secondary antibodies.
A Tyramide SuperBoost kit (Invitrogen) was used for the detection of PDGFRa. per manufacturer
instructions.

Fibrosis: Muscle sections were fixed in 2% PFA, blocked for 1 hour with 5% normal donkey
serum and 3% bovine serum albumin in 1X tris-buffered saline with 0.05% Tween 20, and stained
with antibodies against collagen 1 alpha (Table 3.3) for 1 hour. Secondaries antibodies used to
detect collagen were added to sections and allowed to incubate for 1 hour at room temperature
while protected from light. Nuclei were visualized by staining with 4’,6-Diamidino-2-Phenylindole
Dihydrochloride (DAPI) for 10 minutes while protected from light.

Myofiber typing: Myofiber typing of mouse soleus was performed as previously described
(Kastenschmidt et al., 2019a). Briefly, sections were allowed to thaw and air dry then blocked
using MOM blocking reagent. Sections were incubated with primary and secondary antibodies
listed in Table 3.3 hour each at room temperature and protected from light.

Stained sections were imaged using a Keyence BZ-X700 inverted fluorescence
microscope (Keyence). The analysis of the positive collagen area was conducted using FIGI.
Single-channel images of collagen 1a-stained sections were thresholded to define the positive
signal of collagen 1a which was divided by the total muscle cross-sectional area to define % area
positive. The quantification of myofiber type distribution was conducted using QuantiMus as

previously described (Kastenschmidt et al., 2019a).

Treadmill running
Chronic exercise protocol: As previously described, mdx.dbIGATA" knock out mice and

littermate controls (mdx.dbl.GATA®) were exercised three times per week on an Exer-3/6
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(Columbus Instruments) treadmill at and inclination of 0 for 30 minutes at a speed of 12 meters
per minute as previously described (Pessina et al., 2014). Mice were allowed to rest for 5 minutes
for every 10 minutes of exercise. Mice were run for a total of 4 weeks and were allowed to rest
one week before analysis.

Exhaustion treadmill test: Mice ran on an Exer-3/6 at an inclination of 0 and speed of 5
meters per minute for minutes. At 5 minutes of running, the speed was increased by 1 meter per
minute until exhaustion. Mice were considered fatigued, and the test was stopped when the
animal remained on the shocker plate for 20 seconds without attempting to reengage the

treadmill.

Mouse activity monitoring

During the fourth week of the chronic exercise protocol, mdx.dbIGATA and mdx.dbIGATA*
littermate controls were placed in PhenoMaster (TSE systems) metabolic cages immediately
following the running protocol. Mouse activity was monitored for 48 hours following exercise.
Movement was determined by the total number of beam breaks in all directions within specified

time intervals.

In situ muscle force production measurements

Mice were anesthetized for the entire procedure using an isoflurane apparatus with
supplemental oxygen continuously delivered to the animal. Mice were also placed on a heating
pad to maintain body temperature. The tibialis anterior (TA) muscle was exposed, and the tendon
was tied to a muscle lever system motor (Aurora Scientific) using silk ligature. The sciatic nerve
was cut, and an electric stimulus was delivered using a nerve cuff that was fabricated in-house.
The optimal muscle length was determined by manipulating the length until the maximum twitch
force was generated. The tetanic force was measured at the optimal length following an electric
stimulus at a rate of 650 pulses per second for a 350-millisecond duration with a 4-minute rest
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between stimuli. Mice were euthanized with CO; and cervical dislocation following the procedure.

Force is displayed as Newtons (N) per gram of TA.

Statistics

All statistical analysis was performed with GraphPad Prism software (Version 8.0,
Graphpad Software Inc. San Diego, CA). The analysis includes a Student’s t-test with Welch
correction or a One-way ANOVA with Bonferroni correction where indicated. Error bars indicate

standard error of the mean.

RESULTS
Injury promotes the expansion of innate lymphoid cells in acutely-damaged muscle

We used the cardiotoxin (CTX)-induced model of acute muscle injury to determine the
temporal regulation of innate lymphoid cells (ILCs) following injury. This model provides a highly
reproducible and synchronous model of muscle injury and regeneration, characterized by
widespread myofiber necrosis during the first two days following CTX injury, extensive
mononuclear infiltration by day 4, and complete clearance of cellular debris and active muscle
regeneration by day 7 (Figure 3.1A) (Hardy et al., 2016; Lukjanenko et al., 2013). The hindlimb
muscles of 8-wk-old, C57BL/6 mice were harvested before injection (uninjured) and 1, 4 and 7
days after injection with CTX and interrogated by flow cytometry to quantify the number of innate
lymphocyte subsets in the tissue. Representative contour plots demonstrate the gating strategy
used to identify subsets of CD45"Thy1* lymphocytes, including NK1.1* (ILC1, NK cells) and linage
negative (Lin: CD3, CD19, TCRp, CD11c, CD11b negative) KLRG1" (ILC2) and RORyt™ (ILC3)
cells (Figure 3.1B and Supplemental Figure 3.1A). We also identified a temporal increase in
the frequency and number of CD45'Thy1'NK1.1* (NK/ILC1 cells, Figure 3.1C) and
CD45'Thy1'Lin KLRG1" cells (ILC2, Figure 3.1D), with a proportionally greater increase in

NK1.1" cells compared to KLRG1" cells (Supplemental Figure 3.1B and 3.1C). There was no
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significant increase in the number and frequency of CD45"Thy1*Lin"RORyt” (ILC3) cells in acutely
injured muscle at day 7 (Figure 3.1E and Supplemental Figure 3.1D). Noteworthy, the number
of KLRG1" and NK1.17 cells were elevated during the stage of muscle regeneration in mdx mice

(day 7, Figure 3.1C and 3.1D).

Group 2 Innate lymphoid cells are increased in diseased muscle

Next, we determined the regulation of innate lymphoid cells in mdx mice, a mouse model
of chronic muscle degeneration. We prepared single-cell suspensions of 4-wk-old, wildtype (WT)
and mdx hindlimb muscle, and interrogated ILCs by flow cytometry (Figure 3.1F). Similar to
acutely-injured muscle, CD45"Thy1"NK1.1" and CD45'Thy1*Lin"lKLRG1" innate lymphoid cells
were increased in number (Figure 3.1G and 3.1H) and frequency (Supplemental Figure 3.1E
and 3.1F). A negligible number of CD45'Thy1*LinRORyt" cells were detected in dystrophic
muscle (Figure 3.11 and Supplemental Figure 3.1G). Given the previous observation that type
Il innate immunity facilitates muscle regeneration, and that ILC2s are critical regulators of type |l
innate immunity, we further examined CD45"Thy1*Lin"KLRG1" cells. We used flow cytometry to
quantify the expression of prototypical markers of ILC2s, including GATA3, CD25, CD127,
KLRG1, IL-17RB (IL-25 receptor) and ST2 (IL-33 receptor) in CD45*Thy1*Lin" cells (Figure 3.1J
and Supplemental Figure 3.1H). We found that 70-90% of CD45"Thy1*Lin" cells expressed
these ILC2 markers (Supplemental Figure 3.11), and their numbers were significantly increased
in mdx mice (Supplemental Figure 3.1J).

We then quantified CD45'Thy1*Lin"KLRG17CD127" ILC2 cells (Supplemental Figure
3.1H) during acute (4 wk) and chronic (12 wk) stages of disease in mdx mice. We found that
ILC2s are presentin WT muscle (~200-600 cell/g of muscle) at 4 and 12 wk of age (Supplemental
Figure 3.1K and 3.1L). However, the number of ILC2s was significantly increased in 4-wk-old

mdx mice (~4000 cell/g), and although they declined by 12 weeks, they were still significantly
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elevated compared to WT, age-matched control mice. We also found that the number of
KLRG1'CD127* ILC2s was increased by ~10-fold in an inducible mouse model of
facioscapulohumeral muscular dystrophy (FSHD) (Supplemental Figure 3.1M). These data
reveal that ILC2s are activated in response to multiple causes of muscle damage.

Upon activation, ILC2s have been shown to be potent producers of type Il cytokines,
including IL-13 (Monticelli et al., 2011; April E. Price et al., 2010). We next used flow cytometry to
evaluate the production of IL-13 by skeletal muscle ILC2s in 4-wk-old WT and mdx mice. We
found that the proportion of ILC2s producing IL-13 was increased in mdx (48.2%) mouse muscle
compared to healthy WT (22.6%) controls (Figure 3.1K and 3.1L). Furthermore, the number of
IL-13" ILC2s was also higher in dystrophic muscle (Figure 3.1M). The IL-13 mean fluorescence
intensity (MFI) of ILC2s was also increased in mdx muscle, indicating that dystrophic muscle
ILC2s produce more IL-13 than their WT counterparts (Figure 3.1N). Together these data

indicated injury effectively induces the activation of ILC2s in skeletal muscle.

Interleukin-33 is predominantly expressed by fibro/adipogenic progenitors and activates
muscle ILC2s

To characterize the signal/s that activate ILC2s in dystrophic muscle, we used RT-gPCR
to measure expression levels of the known ILC2-activating cytokines IL-25, IL-33 and TSLP. We
found that IL-25, IL-33 and TSLP were upregulated in 4-wk-old dystrophic hamstring muscle
compared to WT controls (Figure 3.2A). Importantly, lower quantitation cycle (Cq) values,
indicating a higher copy number, revealed that IL-33 is the most abundantly expressed ILC2-
activating cytokine in muscle (Figure 3.2B). We next sought to determine the cellular source of
IL-33. We fractionated whole muscle by preparing single-cell suspensions, and FACS-purified key
cellular populations, including CD45" immune cells (1), CD31* vascular endothelial cells (ll),
PDGFRa" fibro/adipogenic progenitors (FAPS, Ill), ITGa7" satellite cells (SC, V) and PDGFRa

and ITGa7" double-negative cells (IV) (Figure 3.2C). RT-gPCR analysis of the FACS-purified
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populations revealed that IL-33 mRNA was most abundantly-expressed by FAPs (Figure 3.2D).
We next confirmed the expression of IL-33 protein in PDGFRa* FAPs by immunofluorescent
staining of 4-wk-old mdx quadriceps, which revealed that a proportion of PDGFRa" FAPs
expressed nuclear-localized IL-33 (Figure 2E) (Moussion et al., 2008). Further analysis using
flow cytometry also revealed that live PDGFRa" cells express Sca-1 but not CD45, CD31, or
ITGa7, indicating these are bona fide FAPs (Figure 3.2E, Lower).

Given the observation that IL-33 is the most abundantly expressed ILC2-activating
cytokine (Figure 3.2A and 3.2B) and muscle ILC2 express the IL-33 receptor (ST2, Figure 3.1J
and Supplemental Figure 3.11-J), we examined the responsiveness of muscle ILC2 to expand
to exogenous IL-33. Systemic administration of IL-33 in 2-wk-old mdx mice caused a significant
increase in muscle ILC2s two weeks after the initial dose was provided (Figure 3.2F). As reported
previously, IL-2 complex (IL-2c) also increased muscle ILC2 (Nussbaum et al., 2013; Roediger et
al., 2013; Van Gool et al., 2014) and further potentiated muscle ILC2 expansion when used in
combination with IL-33 (cIL-33, Figure 3.2F). Because muscle Tregs also express ST2 and
expand in response to exogenously administered IL-33, we crossed mdx mice with T cell receptor
alpha chain (TCRa)-deficient mice (mdx.TCRa™), which lack all af T cells, including Tregs, to
eliminate any competitive mechanism that would obscure the effect of exogenous IL-33 on muscle
ILC2s. Systemic administration of IL-2¢ as well as IL-33 in 2-wk-old mdx.TCRa”" mice caused a
significant increase in muscle ILC2s two weeks after the initial dose was provided (Figure 3.2G).
Similar to mdx mice, we found treatment with IL-2c in combination with IL-33 further increased
the number of ILC2s in skeletal muscle. These data show that IL-2 and IL-33 are potent activating

signals for skeletal muscle ILC2s.

ILC2s promote eosinophilia in dystrophic muscle
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Eosinophilia is a feature of chronic muscle inflammation in mdx mice (Cai et al., 2000;
Capote et al., 2016; Wehling-Henricks et al., 2010, 2008, 2004). Flow cytometry analysis of
muscle single-cell suspensions showed that the frequency and absolute number of eosinophils
were significantly elevated in mdx mice (Supplemental Figure 3.2A-B). Eosinophil numbers
were greatest at 4 weeks of age when myofiber necrosis is most prominent in mdx mice, and
although they declined in number by 12 weeks, eosinophils remained significantly higher than
age-matched controls (Supplemental Figure 3.3B). Given that ILC2s are known to regulate
eosinophils, we tested the hypothesis that the expansion of muscle eosinophilia in dystrophic
mice is regulated by ILC2s. Mdx mice were crossed with the YetCre13-DTA" mouse model (April
E. Price et al., 2010), in which the IL-13-mediated expression of diphtheria toxin A (DTA gene)
causes the deletion of IL-13-producing cells, including ILC2s (Figure 3.1K-N). Muscle ILC2s were
reduced by ~85% in 4-wk-old, mdx.YetCre13-DTA" compared to DTA" littermate mdx mice
(Figure 3.3A-B). The reduction in ILC2s was accompanied by a significant decrease in the
frequency and absolute number of muscle eosinophils (Figure 3.3C-D). Further, we also find that
treatment of DTA" animals with cIL-33 lead to an expansion of the frequency and number of ILC2s
(Figure 3.3E-F) as well as eosinophils (Figure 3.3G-H). However, there was no expansion of
eosinophils in the muscle of mice lacking ILC2s (DTA") (Figure 3.3H), demonstrating that ILC2s

play a significant role in promoting skeletal muscle eosinophilia.

Muscle ILC2 are a source of eosinophilia-promoting factors

Activated ILC2s have been shown to promote eosinophilia in other tissues, in part by their
production of IL-13 that induces the expression of eosinophilia promoting chemokines (Nussbaum
et al., 2013; April E. Price et al., 2010). Next, we wanted to further understand the mechanism in
which ILC2s regulate dystrophic muscle eosinophilia by first testing the hypothesis that ILC2s
promote eosinophil chemotaxis. We used flow cytometry to evaluate the expression of chemokine
receptors known to be expressed on eosinophils (Lee et al., 2012). We found that the main
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receptors on 4-wk-old mdx skeletal muscle eosinophils were CCR3 and IL5r (Supplemental
Figure 3.2C). To elucidate what factors were promoting muscle eosinophilia, we evaluated the
expression of CCR3 ligands (Larose et al., 2017; Zlotnik and Yoshie, 2012) in 4-wk-old WT and
mdx skeletal muscle (Supplemental Figure 3.2D). Our assessment revealed that that CCL9,
CCL7, CCL5, and IL5 are all upregulated in diseased muscle compared to WT. We further aimed
to elucidate the cellular source of CCL5, CCL7, CCL9, by evaluating their expression in FACS-
isolated CD45" (Non-immune cells), CD11b* (Myeloid) and ILC2s (Lin'KLRG1") cells from 4-wk-
old mdx skeletal muscle (Figure 3.21). We found that muscle ILC2s produced both CCL5 and
CCL9 but were not significant producers of CCL7. Further, although ILC2s were a source of these
factors, the myeloid cell compartment (CD11b* cells) also produced almost the same or higher
levels of CCL5 and CCLJY, respectively.

To further understand how ILC2s contribute to the chemotaxis of eosinophils to skeletal
muscle, we used RT-gPCR to measure CCL5, CCL7, CCL9, and IL-5 in the muscle of
mdx.YetCre13 DTA® and DTA" littermate control mice following treatment with clL-33
(Supplemental Figure 3.2E). Our analysis showed that the skeletal muscle expression of CCL5
was slightly increased in mice lacking ILC2s. Further, we found that treated DTA+ mice had
decreased expression of skeletal muscle IL-5 (Supplemental Figure 3.2E). Since IL-5 is an
important mediator of eosinophil development, survival, migration, and proliferation (Rothenberg
and Hogan, 2006; Yamaguchi et al., 1988), we next evaluated its production by skeletal muscle
ILC2s using the mdx.ILC2 reporter mice, where an endogenous IL-5 promoter drives tdTomato
expression. We found that compared to WT, dystrophic muscle ILC2s expressed more IL-5 at
both 4 and 12 weeks, as displayed by an increased MFI (Figure 3.2J). Together these data
suggest that muscle ILC2s contribute to the promotion of muscle eosinophilia through both the

production of eosinophil survival factors (IL-5) and chemokines (CCL5, CCLD9).

Eosinophils in dystrophic muscle pathology
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We next aimed to further reveal the role of eosinophils in mdx pathology. Although
eosinophils have been shown to promote regeneration in acute settings, their role in dystrophic
muscle has been more elusive. Eosinophil derived factors promote myofibrillar degradation
(Sugihara et al., 2001) and myofiber lysis (Wehling-Henricks et al., 2008) in dystrophin-deficient
mice and eosinophils contain granule proteins (Noguchi et al., 1992; Wehling-Henricks et al.,
2008) that promote fibrosis, a secondary pathogenic feature of DMD patients (Kharraz et al.,
2014). In contrast, more recent studies have demonstrated that eosinophils do not promote
muscle injury in mdx mice (Sek et al., 2019). To further define the role of eosinophils in DMD
pathology, we histologically assessed the colocalization of eosinophils with regenerating or
injured myofibers in WT and mdx muscle. To evaluate regenerating myofibers, 4-wk-old WT and
mdx mouse quadriceps cross-sections were stained with antibodies against embryonic myosin
heavy chain (eMyHC), a developmentally restricted gene expressed in newly regenerated fibers
(Schiaffino et al., 2015). Cross-sections were also stained with Siglec-F to identify eosinophils
(Zhang et al., 2004). Compared to WT mice, mdx cross-sections displayed a larger degree of
regeneration, and more eosinophils were observed in these areas (Figure 3.4A). To assess
muscle injury, mice were injected with Evans blue dye (EBD), a serum albumin binding dye that
is taken up by injured fibers (Hamer et al., 2002). WT cross-sections displayed no injured fibers
as well as very few eosinophils (Figure 3.4B). Although mdx sections had more injury present,
very few eosinophils were found near these injured fibers (Figure 3.4B). More eosinophils were
observed in regenerating versus injured areas of mdx muscle, suggesting that eosinophils are
associated with regenerative responses and not those that promote injury during muscular
dystrophy.

Since eosinophils have been shown to promote fibrosis in other chronic diseases, we
further aimed to evaluate their potential role in regulating fibrosis during muscular dystrophy.
Since mdx mice do not show extensive amounts of fibrosis until very late stages of disease, we
adopted previously described protocols that utilize chronic exercise to accelerate the fibrotic
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phenotype (Pessina et al., 2014). Adult mdx mice lacking eosinophils, mdx.dbIGATA", as well as
littermate controls (mdx.dbIGATA"), were ran on a treadmill three times per week for a total of 1
month then analyzed following seven days of rest (see Materials and Methods). To assess
fibrosis, diaphragm cross-sections were stained with antibodies against collagen 1o and the
percent area that was collagen positive was calculated. We found that compared to mdx mice
that have eosinophils, those lacking these cells had a similar amount of collagen present (Figure
3.4C-D). These data suggest that eosinophils may not regulate fibrosis in dystrophic muscle.

We also aimed to assess whether eosinophils play a further role in regulating muscle
function. Voluntary mouse movement assessed by open field activity monitoring is a method to
evaluate muscle function, and mdx mice display decreased activity compared to their wildtype
counterparts. This effect is even more pronounced following exercise (Gibbs and Crosbie-
Watson, 2017). In the fourth week of the chronic exercise regimen, mouse activity was monitored
immediately following the treadmill run using metabolic cages. We observed that for the first 3
hours following exercise, mdx.dbIGATA" mice displayed less activity than mdx.dbIGATA*
littermate controls. Interestingly, this difference was decreased by 12 hours post-run, and mice in
both groups displayed the same amount of activity by 24 hours post-run (Figure 3.4E). Although
not significant, we also found that the area under the curve of the movement for 24 hours post-
run was also decreased (Figure 3.4F). These data suggest that dystrophic mice without
eosinophils have greater fatigue following exercise. We further assessed muscle function by
measuring the tetanic force generated by the tibialis anterior (TA) muscle in vivo. We found that
there was no difference in force production between mdx.dbIGATA" and mdx.dbIGATA™ mice,
indicating that the observed decreased activity following exercise was not due to altered strength
of the muscle.

As mice in these experiments were exercised for weeks, we predicted that the myofibers
had been stimulated to adopt a more pro-endurance phenotype. Myofibers associated with

increased endurance are fast-twitch, type 2 fibers, which can be further categorized based on
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their energy metabolism (e.g., oxidative vs. glycolytic). To test this, we evaluated the myofiber
type distribution in the soleus of mdx.dbIGATA® and mdx.dblIGATA™ mice following chronic
exercise. The soleus, which is primarily composed of slow-twitch type 1 fibers, was evaluated to
better observe transitions to fast-twitch type 2 fibers (Talbot and Maves, 2016). Solei cross-
sections were stained with antibodies against isoform-specific myosin heavy chains to detect type
1 (slow, oxidative), type lla (Fast, oxidative), and type llb (fast, glycolytic) fibers (Talbot and
Maves, 2016). Myofibers negative for these myosin heavy chain isoforms are classified as type
2x fibers (Figure 3.4H). Our analysis revealed no difference in the myofiber type distribution
regardless of the presence of eosinophils (Figure 3.4l). To further understand if eosinophils
contribute to metabolic changes that may not result in changes to myofiber type distribution, we
used RT-qPCR to evaluate the expression of metabolic genes in the soleus of these animals
following chronic exercise (Figure 3.4J). Genes associated with glycolysis, including the glucose
transporter Glut4, as well as hexokinase 2 (Hk2) and phosphofructokinase (Pfk), which are
involved in glucose metabolism, were evaluated (Richter and Hargreaves, 2013). We also
measured the expression of genes associated with oxidative metabolism, including carnitine
palmitoyltransferase 1A (Cpt1a) and Peroxisome proliferator-activated receptor-y coactivator-1 o
(PGC1a). Our analysis revealed however, that the presence or absence of eosinophils did not
regulate the expression of these genes following chronic exercise (Figure 3.4J). All together,
these data suggest that eosinophils do not regulate myofiber type or energy metabolism in

dystrophic muscle.

Muscle ILC2s do not regulate muscle macrophages
Recent studies have also implicated ILC2s in promoting the alternative activation of
macrophages (Molofsky et al., 2013). As different activation states of macrophages can promote

muscle injury or promote efficient regeneration, we assessed whether ILC2s play a role in

79



regulating their activation in dystrophic muscle. We used flow cytometry to evaluated the number
and phenotype of macrophages in dystrophic muscle deficient in ILC2s (mdx.YetCre13-DTA"
mice) compared to WT littermate controls (DTA"). We found that the proportion and number of
skeletal muscle macrophages were not altered in DTA™ mice compared to littermate controls
(DTA") (Supplemental Figure 3.3A and 3.3B). We also evaluated various subpopulations of
macrophages to assess classically activated, m1-like (Ly6c*) cells associated with injury and M2-
like cells (CD206%) shown to promote repair and regeneration. Macrophages are heterogeneous
and highly plastic cells, and these traditional makers don’t always completely describe all
populations in muscle. To globally characterize all macrophage populations, we also quantified
macrophages negative for both markers, which were designated double negative (DN). Our
analysis showed that the number of cells composing each macrophage population was not
affected by the presence or absence of ILC2s in dystrophic muscle (Supplemental Figure 3.3C-
E).

We used an alternative strategy to evaluate the ILC2-mediated regulation of skeletal
muscle macrophages by measuring them following treatment with exogenous cytokines that
preferentially expand ILC2s in vivo. To delineate between ILC2- and T cell-mediated macrophage
regulation, mdx.TCRo'/ mice were treated with IL-2c, IL-33, clL-33 and isotype control antibodies.
Cells from dissociated skeletal muscle were then assessed using flow cytometry. Although ILC2s
were increased following treatment with IL-2c and to an even higher degree, cIL-33 (Figure 3.2),
there was no change in the proportion or number of macrophages (Supplemental Figure 3.3F
and 3.4G). Interestingly, the proportion, but not the number of total macrophages, were
decreased in mice treated only with IL-33 (Supplemental Figure 3.3F and 3.3G). Further, there
was no change in the number of cells comprising macrophage subpopulations in any treatment
combination. Taken together, these data suggest that ILC2s do not regulate macrophage

activation in dystrophic muscle.
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DISCUSSION

A common feature of muscle injury is the induction of type Il innate immunity that shapes
the quality and timing of skeletal muscle regeneration. Type Il innate immunity in injured tissue is
characterized by preferential expression of Th2-associated cytokines, IL-4, IL-5 and IL-13, and
recruitment of M2-like macrophages and eosinophils. Although it is known that eosinophilia is a
feature of in inflamed muscle in mdx mice, the mechanism regulating eosinophil recruitment to
dystrophic muscle has not been elucidated. Here, we report that ST2-expressing ILC2s are
present in healthy muscle and expand upon injury, indicating that they are a constituent of the
muscle-resident immune cell niche, poised to respond to muscle injury. We also found that FAPs
were the predominant source of IL-33, and exogenous IL-33 and IL-2c robustly expanded muscle
ILC2s, which subsequently increased muscle eosinophils in dystrophic mice. Moreover, the
deletion of ILC2s in mdx mice abrogated the IL-33-mediated expansion of eosinophils, showing
that ILC2s are key regulators of muscle eosinophilia. The current study significantly advances our
understanding of how type Il innate immunity during muscle injury and regeneration is regulated
by revealing that ILC2s are the principal regulators of muscle eosinophilia. Our findings highlight
anovel FAP and ILC2 interaction, mediated by the ST2:IL-33 signaling axis, that promotes muscle
eosinophilia during muscular dystrophy.

ILC2s are tissue-resident, innate lymphocytes activated by perturbations in tissue
homeostasis and regulate type Il innate immunity. We found that ILC2s are resident in skeletal
muscle that expand following injury, and this expansion was associated with a concurrent
increase in muscle eosinophilia. Muscle ILC2s did not express the IL-25 receptor (IL-17RB), nor
did they expand in response to IL-25 treatment, suggesting that muscle ILC2s do not resemble
the inflammatory ILC2s described in helminthic infection (Huang et al., 2015). Rather, muscle
ILC2s expressed a canonical natural ILC2 phenotype (Huang and Paul, 2015), consistent with
the notion that ILC2s regulate muscle homeostasis and regeneration. Exogenous IL-33 and IL-2

81



complex further increased the number of muscle ILC2s and the number of eosinophils in
dystrophic muscle, and this expansion was lost when ILC2s were deleted in mdx mice. Notably,
of the chemokine receptors interrogated in this study, CCR3 was the only receptor expressed by
muscle eosinophils. CCR3 chemokines were elevated in dystrophic muscle compared to controls,
implicating these factors, in conjunction with IL-5, as the pathophysiological regulators of
eosinophilia in muscular dystrophy. Collectively, our findings indicate that muscle ILC2s promote
type Il innate immunity and muscle eosinophilia by producing IL-5 and eosinophil chemotactic
factors to maintain skeletal muscle homeostasis.

Our findings contribute to the developing paradigm that type Il innate immunity is activated
during muscle regeneration by positioning ILC2s as key regulators of this response, namely by
promoting eosinophilia. Given that type Il innate immunity is required for muscle regeneration, our
results also implicate an ILC2-eosinophil nexus that is critical in maintaining muscle homeostasis
and promoting regeneration. In support of this hypothesis, muscle regeneration following cardio
toxin-induced muscle injury was impaired in mice lacking eosinophils (AdbIGATA mice), owing to
reduced FAP proliferation and their enhanced propensity to differentiate into adipocytes (Heredia
etal., 2013). We also found that eosinophils preferentially localized to areas of active regeneration
and were closely juxtaposed to eMyHC" regenerating myofibers (Figure 3.3). It is, however,
important to consider the consequences of chronic activation of ILC2s and eosinophilia, in which
case, these responses may become pathogenic. In this regard, chronic eosinophilia promotes
muscle injury during muscular dystrophy; the depletion of eosinophils in mdx mice caused a
reduction in myofiber injury (Wehling-Henricks et al., 2008). And although we did not observe a
role for eosinophils in regulating fibrosis in these studies, additional experiments may be
warranted since chronic eosinophilia promotes tissue fibrosis in other settings (Aceves, 2014).
This is of the utmost importance as muscle fibrosis is a pathogenic feature of DMD.

ILC2s also promote the activation of M2-like macrophages, presumably through their

production of IL-13, a potent type Il cytokine that induces M2 macrophage activation (Molofsky et
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al., 2013; April E. Price et al., 2010). Thus, we tested the hypothesis that muscle ILC2s promote
M2 macrophage activation in dystrophic mice. Unexpectedly, we found that the expression of M2
macrophage markers or the number of M2-like macrophages were not affected in mdx mice
lacking ILC2s. These results indicate that ILC2s or IL-13 do not regulate M2-like muscle
macrophages in muscular dystrophy, and point at other type Il cytokines as activators of M2
muscle macrophages. Eosinophils in acutely injured muscle expressed IL-4 and are required for
regeneration, suggest that eosinophils similarly induce M2 macrophages in dystrophic muscle.
However, our findings that the deletion of ILC2s caused a large decrease in muscle eosinophilia,
but did affect M2 activation, argue against the hypothesis that eosinophils are a substantial source
of IL-4 that promote M2-like macrophages during muscular dystrophy. Rather our data suggest
that muscle macrophages acquire an M2-like program independent of type Il innate immunity
during muscular. An alternate mechanism guiding macrophage function in dystrophic muscle may
center on the metabolic regulation of macrophage activation (Juban and Chazaud, 2017).
Consistent with this postulate, studies performed in models of acute muscle injury have revealed
that metabolism is a key determinant shaping macrophage activation and function during muscle
injury and regeneration (Juban and Chazaud, 2017; Mounier et al., 2013).

Myeloid cell recruitment and activation of skeletal muscle-resident immune cells is a
generalized response to various forms of muscle damage that is required for efficient muscle
regeneration. However, continued and asynchronous muscle damage in muscular dystrophy
dysregulates the inflammatory response, promoting chronic muscle inflammation that further
exacerbates the severity and progression of muscular dystrophy. Our study reveals that ILC2s
are a previously unappreciated facet of this response. The functional consequence of the muscle
injury-induced regulation of ILC2s serves to induce type Il innate immunity, specifically the
recruitment of eosinophils, which is required for muscle regeneration. Our study also highlights a
role for chemokines and IL-5 in the ILC2-mediated recruitment and/or local expansion of
eosinophils in injured muscle. The preferential localization of eosinophils to sites enriched in
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eMyHC™ myofibers suggests that they preferentially promote regeneration. Further, our studies
define an ILC2:eosinophil nexus that is regulated by FAPs, which induces a type Il innate immune
response to likely guide muscle regeneration. It will be equally important to determine the
functional consequence of acute versus chronic activation of ILC2s and muscle eosinophilia on
regeneration and the pathogenesis of muscular dystrophy. In summary, our studies highlight that
ILC2s are the principal regulators of muscle eosinophilia following muscle damage, and reveal a
potential therapeutic opportunity to target ILC2s and its eosinophil-tropic factors in muscle

disorders.
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Table 3.1 Antibodies used for flow cytometry analysis.

Final

Marker |Color Vendor Cat# Clone dilution

Zombie |NIR Biolegend 423105 - 1:1000
IL-5Ra.  |APC Biolegend 153405 DIH37 1:100
CCR1 |PE Biolegend 152507 S15040E 1:200
CCR3 |APC-Fire750 |Biolegend 144521 JO73E5 1:100
CCR5 |A488 Biolegend 107008 HM-CCR5 1:100
CCR2 |BV605 Biolegend 150615 SA203G11 1:100
Thy1 PerCP Biolegend 105322 30-H12 1:100
KLRG1 [FITC Biolegend 138410 2F/KLRG1 1:100
CD45 |APC Biolegend 103112 30-F11 1:800
CD4 BV605 Biolegend 100548 RM4-5 1:500
ST2 PE Biolegend 145303 DIH9 1:200
IL17RB |PE Biolegend 146305 9B10 1:100
CD25 |PE-Cy7 Biolegend 102016 PC61 1:200
NK1.1  |BV605 Biolegend 108739 PK136 1:300
CD11b  |PerCP-Cy5.5 |Biolegend 101228 M1/70 1:100
F4/80 |PE Biolegend 123110 BMS 1:100
CD127 |PE-Cy7 eBioscience |25-1271-82 |A7R34 1:100
CD19 |Pac-Blue eBioscience |48-0193-82 |eBio1D3 1:200
CD11b |Pac-Blue eBioscience [48-0112-82 |M1/70 1:200
CD11c  |Pac-Blue eBioscience [48-0114-82 |N418 1:200
NK1.1 Pac-Blue eBioscience |[48-5941-82 |PK136 1:100
CD3 Pac-Blue eBioscience |48-0032-82 |17A2 1:100
TCRB  |Pac-Blue eBioscience  [48-5961-82 |H57-597 1:100

GATA3 |PE eBioscience [12-9966-41 [TWAJ 1:25

RORyT |PE eBioscience  [12-69-81 B2D 1:300
IL-13 PE eBioscience |[25-7133-80 |eBio13A 1:150
Siglec-F | BV421 BD 562681 E50-2440 1:150
CD11b  |PerCP-Cy5.5 |Biolegend 101228 M1/70 1:100
F4/80 |PE Biolegend 123110 BMS 1:100
Ly6C FITC eBioscience |128006 HK1.4 1:500
CD206 |A647 Biolegend 141712 C068C2 1:200
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Table 3.2 TagMan probes used for gene expression analysis in mouse muscle.

Gene Assay ID

18s Hs99999901_s1
IL-25 Mm00499822_m1
TSLP MmO01157588_m1
IL-33 MmO00505403_m1
IL-5 Mm00439646_m1
IL-13 Mm00434204_m1
CCL3 Mm00441259_g1
CCL5 Mm01302427_m1
CCL7 Mm00443113_m1
CCL8 Mm01297183_m1
CCL9 Mm00441260_m1
CCL11 Mm00441238_m1

CCL24 MmO00444701_m1
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Table 3.3. Antibodies used for histology.

Antibody Vendor Cat# Clone Dilution
FAPs

Rat anti-mPDGFRa eBioscience 14-1401-81 APAS 1:300
Goat anti-mlIL-33 R&D Systems AF3626 Polyclonal 1:300
Donkey anti-rat-HRP Jackson Immuno 712-035-153 N/A 1:100
Alexa Fluor 594 Tyramide Invitrogen B40957 N/A 1:100
Anti-goat Alexa Flour 488 Invitrogen A-11055 N/A 1:200
Fibrosis

Anti-rat Alexa Flour 488 Invitrogen A21208 N/A 1:200
Sheep anti-Collagen 1a R&D Systems AF6220 Polyclonal 1:500
Anti-sheep Alexa Flour 594 Invitrogen A11016 N/A 1:200
Myofiber typing

Rabbit anti-Laminin Sigma L9393 Polyclonal 1:200
Anti-rabbit Alexa Flour 647 Invitrogen A31573 N/A 1:200
Myosin Heavy Chain Type | DSHB BA-D5 BA-D5 1:200
Anti-Mouse 1gG1 Cy2 Jackson Immuno 715-225-150 Polyclonal 1:400
Myosin Heavy Chain Type IIA DSHB SC-71 SC-71 1:200
Anti-Mouse 1gG 2b DyLight 405 Jackson Immuno 115-475-207 Polyclonal 1:400
Myosin Heavy Chain Type |IB DSHB BF-F3 BF-F3 1:200
Anti-Mouse IgM DyL.ight 594 Jackson Immuno 115-516-020  Polyclonal 1:400
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Figure 3.1. Innate lymphoid responses in acutely-injured and mdx skeletal muscle.

A) Experimental schematic of cardiotoxin (CTX)-injury in 8-week-old C57/BL6 mice (Top) and
representative hematoxylin and eosin-stained tibialis anterior cross-sections (Bottom) in pre-
injured (Pre Inj.) and days 1, 4 and 7 following injury. Scale bar= 100um. n=5-6. B) Representative
flow cytometry plots used to interrogate (from live, single cells) innate lymphoid cell populations
in CTX-injured muscle. Numbers are frequencies are of the parent population. (C-E)
Quantification of flow cytometry showing the number (per gram of muscle) of CD45"Thy1*NK1.1%,
and CD45'Thy1*lineage' KLRG1" and CD45"Thy1*lineage’Roryt" cells in uninured muscle and on
day 1, 4, and 7 post-injury. Uninj= uninjured. Lineage dump= CD19,CD11b,CD11¢,TCR,CD3.
F) Gating strategy and representative flow plots of innate lymphoid cells (from live, single cells) in
4-week WT and mdx skeletal muscle. Lineage dump= CD19,CD11b,CD11¢c, TCRB,CD3, NK1.1.
G-l) Quantification of cells as in F normalized to mass. n= 4 for each group. J) Representative
histogram of common ILC2 markers on muscle Lin™ cells of WT and mdx mice. Iso= Isotype/FMO.
Modal= normalized to mode. CD4" cells from mdx mice serve as a control. K) Representative flow
plots of IL-13 expression in ILC2s of WT and mdx muscle. L) Percent of ILC2s that express IL-
13. M) Number per gram of IL-13-expressing ILC2s. N) representative histogram (left) and
quantification of MFI (right) of IL-13 expression in Lin" KLRG1" cells of WT (grey) and mdx (clear)
mice. Light grey peak= Isotype control. n= 3-4. *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 using
an unpaired t-test with Welch’s correction or a one-way ANOVA with Bonferroni post hoc analysis.
Asterisks indicate statistical analysis compared to control (A-I).
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Figure 3.2. Interleukin-33 is predominantly expressed by fibro/adipogenic progenitors and
activates muscle ILC2s.

A) Expression of known ILC2 activators in whole WT and mdx muscle at 4 weeks of age. AU=
arbitrary units. B) Cq values associated with expression data in A. n= 8-10. C) Representative
flow plot and gating strategy (from live, single cells) for populations sorted from mdx skeletal
muscle at 4 weeks of age. D) IL-33 expression in cell populations as gated in C. E) PDGFRa and
IL-33 immunofluorescence staining of mdx mouse quadriceps cross-sections at 4 weeks of age
(Top) and flow cytometry histograms of marker expression on live PDGFRa" cells (Bottom)
displayed as mean fluorescence intensity. modal= normalized to mode. F-G) ILC2 responses in
mdx (F) and mdx.TCRa/ (G) muscle following respective treatments shown as number per gram
of muscle. n=6-11(F) and 3-5 (G). Iso= Isotype control, IL-2c= IL-2 complex, cIL-33= IL-2¢c + IL-
33 and clL-25= IL-25 + IL-2c. *p<0.05, **p<0.01 and ****p< 0.0001 using a one-way ANOVA with
Bonferroni post hoc analysis.
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Figure 3.3. ILC2s promote skeletal muscle eosinophilia.

A) Tnse plot showing 5000 Live, CD45"Thy1" cells from mdx.YetCre13 DTA and DTA" mice.
Grey= CD45'Thy1" cells, Red= ILC2s. B) Number per gram of muscle of ILC2s in DTA" (-) and
DTA" (+) mice. C) Representative flow plots of cells from 4 week old mdx.Yetcre13 DTA" and
DTA" mice (previously gated on live, single, CD11b*F4/80" cells) showing macrophages
(F4/80+CD11b"*Siglec-F) and eosinophils (Eos; F4/80°CD11b*Siglec-F*). D) The number per
gram of muscle of Eos in DTA" and DTA" mice. n= 3 (DTA-) and 4 (DTA+). Data representative
of 1 experiment. E) Tnse plot showing 5000 Live, CD45"Thy1* cells from mdx. YetCre13 DTA
and DTA" mice treated with IL-2c and IL-33 (cIL-33). F) Number per gram of muscle of ILC2s in
—and + mice following treatment. G) Representative flow plots of cells from 4-week mdx.Yetcre13
DTA" and DTA- mice showing macrophages and eos as gated in C. H) The number per gram of
muscle of eos in treated DTA- and DTA" mice. n= 4-10. |) Gene expression expressed as fold
change of eosinophilia-promoting chemokines in CD457, CD11b*, and ILC2s (Lin'KLRG1" cells)
sorted from the skeletal muscle of 4-week mdx mice (n= 4 pooled mice). Data is normalized to
CD45- cells. (J) Representative histogram and MFI quantification of ILC2s
(CD45"Thy1*Lin*"KLRG1°CD127" cells) from 4- and 12 wk-old WT and mdx Red5 reporter mice
(TdTomato reporter driven by the IL-5 promoter) n=11-12. *p<0.05, ***p<0.001 and ****p<0.0001
using an unpaired t-test with Welch’s correction or a one-way ANOVA with Bonferroni post hoc
analysis. Asterisks indicate statistical analysis compared to control.
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Figure 3.4. Eosinophils during muscular dystrophy.

A-B) Representative immunofluorescence staining of embryonic myosin heavy chain (eMyHC),
Siglec-F, and Evans blue dye (EBD) in 4-week WT and mdx mouse quadriceps. C)
Representative immunofluorescence staining of collagen 1a (Col1a) in diaphragms of 6-7 month
of mdx.dbIGATA* (+) and mdx.dbIGATA" (-) mice following 1 month running protocol. D)
Quantification of percent area positive for Col1a in diaphragms of mice in C. n=8. E) Activity of +
(white) and - (black) mice in the 0-3, 3-12, and 12-24 hours (hr) immediately following running.
F) Area under the curve (AUC) calculated for data in E. n=8. G) Maximum tetanic force produced
by the tibialis anterior of + and - mice following running protocol. Values are Newtons (N) per
gram (g) of muscle. n= 6-7. H) Representative immunofluorescence staining of isoform-specific
myosin heavy chains in the soleus of mice following running protocol. 1) Quantification of H
showing the frequency of each myofiber type in the entire soleus. n=8. J) Fold expression in
arbitrary units (AU) of metabolic genes in the contralateral soleus of mice in H-l. n= 8. *p<0.05,
using an unpaired t-test with Welch’s correction.
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Supplemental Figure 3.1. Evaluation of ILCs in skeletal muscle.

A) Gating strategy used to interrogate innate lymphoid cells in CTX-injured, WT, and mdx muscle
at 4 weeks of age. Plots are representative of 4 pooled samples from CTX-injured muscle 1 day
following injury. Numbers are frequencies of parent population. B-D) Percent (of parent
populations) of innate lymphoid cells following CTX injury. E-G) Percent (of parent populations)
of innate lymphoid cells in WT-injured and 4-week mdx skeletal muscle. H) Representative gating
strategy for the interrogation of Lin~ and ILC2s as quantified in I-L. I-J) Frequency (I) and number
per gram (J) of Lin~ or CD4" cells that express common ILC2 markers in WT and mdx mice at 4
weeks of age. CD4" cells from mdx mice serve as a control. K-L) Quantification of ILC2s in WT
and mdx muscle at 4 and 12 weeks of age expressed as number of cells per gram. M) Tnse plots
showing 2000 live, CD45"Thy1" cells from control (CNTRL) and DUX4 overexpressing mice.
Frequency (within live, CD45"Thy1" cells) and number per gram of muscle of ILC2s in control and
DUX4 overexpressing muscle. n=4-5. Grey= CD45"Thy1" cells, Red= ILC2s. *p<0.05, **p<0.01,
***p<0.001, ****p<0.0001 using an unpaired t-test with Welch’s correction or a one-way ANOVA
with Bonferroni post hoc analysis.
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Supplemental Figure 3.2. Eosinophils and eosinophilia promoting factors in skeletal
muscle.

A) Tnse plot showing 5000 live cells from WT and mdx mouse muscle at 4 weeks of age. Grey=
all live cells, Red= eosinophils (Eos). B) The frequency (of total live cells) and number (per gram
of muscle) of eos in the hind limb muscle of 4 and 12-wk-old WT and mdx mice. n= 3-5. C)
Expression displayed as mean fluorescence intensity (MFI) for receptors on eosinophils
(CD11b*F4/80"SiglecF* cells) from 4 week mdx muscle. n=5. D) Gene expression, in arbitrary
units (AU), of CCR3 ligands expressed in WT or mdx muscle at 4 weeks of age. n= 6 for each

group. E) Gene expression (AU) of chemokines in skeletal muscle from mdx.YetCre13 DTA and
DTA™ mice treated with IL-2c and IL-33 (cIL-33).
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Supplemental Figure 3.3. ILC2-mediated regulation of dystrophic muscle macrophages.
A-E) Enumeration of flow cytometry data evaluating macrophages (Live single
CD11b*F4/80"SiglecF") cells from 4-wk-old mdx.YetCre13 DTA™ (-) and DTA" (+) mice. A)
Frequency of all macrophages (of live total cells). B) Number per gram of muscle macrophages.
Number of Ly6c™ macrophages (C ), CD206™ macrophages (D) and macrophages lacking both
markers (double negative= DN) normalized to muscle mass. n= 3(-) and 4(+) F-J) Quantification
of muscle macrophage form mdx.TCRa-/- mice treated with exogenous cytokines. Iso= Isotype
control, IL-2c= IL-2 complex and cIL-33= IL-2¢ + IL-33. Cells are defined as in A-E. n=5 (Iso), 3
(IL-2¢), 3 (IL-33), and 4 (cIL-33). Data pooled from 2 independent experiments. Statistics were
performed using an unpaired t-test with Welch'’s correction or a one-way ANOVA with Bonferroni
post hoc analysis; *p<0.05.
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CHAPTER 4: Summary and Conclusions

Summary

The immune system has a well-established role in regulating the pathogenesis of DMD.
Distinct facets of the immune system are shown to both exacerbate disease as well as promote
regeneration. However, the regulation and exact mechanisms of these programs remain to be
completely elucidated. This work was aimed at further understanding how type Il immunity, which
is classically associated with muscle regeneration, is regulated in dystrophic muscle by group 2
innate lymphoid cells (ILC2) (Chapter 3). ILC2s were increased and activated in dystrophic
muscle and produced the type Il cytokines IL-5 and IL-13. The regulation of these cells in muscle
was also evaluated, and we found that IL-33 was the predominant alarmin expressed in skeletal
muscle and is produced by FAPs. Importantly, we found that muscle ILC2s responded to
exogenous IL-33, providing a method to expand these cells in vivo to further understand their role
in DMD. Using exogenous cytokine treatment as well as ILC2-ablated mice, we found that ILC2s
are potent regulators of skeletal muscle eosinophilia. Interestingly, the manipulation of ILC2s in
vivo did not affect the number or phenotype of skeletal muscle macrophages, suggesting that
ILC2s do not regulate dystrophic muscle macrophages.

We also aimed to understand the role that ILC2s play in regulating DMD pathology
(Chapter 3). As we found that ILC2s are major drivers of muscle eosinophilia in mdx mice, we
took the approach to evaluate skeletal muscle pathology in dystrophic mice with or without
eosinophils. We also performed muscle function assays, and found that mice deficient in
eosinophils became more exhausted following exercise compared to eosinophil-competent mice.
However, the mechanism for this phenotype has yet to be determined. We further evaluated the
force production, myofiber type distribution, and the muscle expression of metabolic genes in

these experiments, but found no difference between mice with or without eosinophils. Further, we
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also found that eosinophils were co-localized to areas of active regeneration, suggesting that
these cells may play a role in promoting this response.

In addition to evaluating the ILC2-mediated regulation of type Il immunity in dystrophic
muscle, another arm of this dissertation focused on the generation of a method that allows for the
accurate histological assessment of skeletal muscle morphology in a high-throughput manner
(Chapter 2). QuantiMus is a software plugin for the histological analysis software, Flika, and it
allows for the histological analysis of entire muscle cross-sections, a feature that is rare in other
analysis software. QuantiMus uses machine learning algorithms to accurately and rapidly define
myofibers in muscle cross-sections, which allows for further downstream analysis. QuantiMus is
a complete tool that allows for the analysis of many morphometric features including, myofiber
size, centrally-nucleated fibers, and the intracellular expression of any fluorescently-detected
protein (e.g., Evan’s blue dye to assess injury or embryonic myosin heavy chain to evaluate
regeneration). QuantiMus has already been cited by 3 papers, indicating that this method is

already having an impact in the field of muscle physiology.

ILC2s in muscle regeneration

In this study, we found that ILC2s promote muscle eosinophilia, and our data show that
eosinophils are enriched in regenerating areas of skeletal muscle, but are found in very low
numbers in injured sites (Figure 3.4A and 3.4B). This is surprising and contradictory to other
studies, which showed that eosinophils promote myofiber lysis (Wehling-Henricks et al., 2008). A
more recent study suggested that eosinophils do not drive dystrophic muscle pathology in mdx
mice (Sek et al., 2019), although the results of one study cannot fully evaluate the features of
muscular dystrophy in its entirety. This study in combination with our findings indicate that the role
of eosinophils, and the indirect role of ILC2s, in regulating dystrophic muscle pathology is likely
redundant so that when absent from the muscle, other cell types can perform similar functions.
This factor most likely explains the absence of a clear phenotype in eosinophil depleted muscle.
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Our data showing the association of eosinophils with regeneration suggests that these cells may
promote regeneration. This hypothesis requires further testing, but it provides another potential
role for eosinophils in DMD. Further, this postulation is supported by studies conducted in acute
injury models, which demonstrate that eosinophils promote muscle regeneration through an IL-4
mediated interaction with FAPs (Heredia et al., 2013).

We propose that ILC2s promote muscle regeneration indirectly by promoting eosinophilia,
and that ILC2s have a direct role in promoting this response through interactions with muscle
stem cells. ILC2s have been shown to produce amphiregulin (Areg), a growth factor that binds to
epidermal growth factor receptor (EGFR) and promotes repair. Importantly, Areg has also been
shown to promote myogenic differentiation of myofiber progenitors in vitro (Burzyn et al., 2013).
However, the role of ILC2-derived Areg in skeletal muscle repair and regeneration is still under
investigation. Taking into account the pro-regenerative effects from Treg-derived Areg, it can be
postulated that these cells also play a pro-regenerative role following muscle injury. We found
that ILC2s are a prominent source of Areg (Figure 4.1A) and that muscle progenitors (MSCs and
FAPS) express EGFR (Figure 4.1B), suggesting a direct ILC2-muscle progenitor interaction.
Further, we found that Areg was increased in mdx mice following treatment with clL-33 (Figure
4.1C), which correlates with increased ILC2 numbers in the muscle (Figure 3.2F). Together these
data indicate that ILC2s may also directly promote regeneration through interactions with muscle

progenitors, and future studies will be aimed at testing this hypothesis.

ILC2s in skeletal muscle fibrosis

In these functional studies, we found that dystrophic mice in which eosinophils were
depleted had the same amount of collagen (i.e., fibrosis) in the diaphragm as control mice
following a chronic exercise regimen that promotes fibrosis (Figure 3.4C) (Pessina et al., 2014).
Since we showed that ILC2s promote skeletal muscle eosinophilia, we could conclude that ILC2s
do not promote muscle fibrosis, at least in an eosinophil-dependent manner. Importantly, the
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direct role of ILC2s in skeletal muscle fibrosis needs to be tested before we can draw further
conclusions as to their role. This may be tested by evaluating collagen content (i.e., fibrosis) in
the muscles of mdx.ILC2 deleter mice and littermate controls that have intact ILC2s. Previous
studies show conflicting evidence as to the role of ILC2s in fibrosis, making it challenging to predict
the role of these cells in muscle fibrosis. For example, a study by Gonzalez-Polo et al. showed
that liver ILC2 numbers and activation are positively correlated with more severe liver fibrosis in
patients, and that plasma levels of IL-33 are increased in cirrhotic patients (Gonzalez-Polo et al.,
2019). Similarly, other studies conducted in mice have shown that the antibody-mediated
depletion of ILC2s attenuates liver fibrosis (Mchedlidze et al., 2013). However, other reports have
shown that IL-2c and IL-33 treatment, which caused the in vivo expansion of ILC2s and Tregs,
was associated with decreased fibrosis in a mouse model of kidney injury (Sabapathy et al.,
2019). Taken together, these studies indicate that the role of ILC2s in fibrosis is tissue and disease

dependent, which needs to be considered when assessing dystrophic muscle.

ILC2-mediated regulation of dystrophic muscle macrophages

One critical aspect of type Il immunity is the activation of alternatively activated
macrophages, which are polarized by signals including IL-4 and IL-13, which both bind the same
receptor subunit. Since ILC2s are potent secretors of IL-13, we hypothesized that ILC2s promote
the activation of M2-like macrophages. In support of this hypothesis, other studies have shown a
role for ILC2s in promoting the alternative activation of macrophages. For example, adoptive
transfer of ILC2s into mice with renal ischemic/reperfusion injury induced the activation of M2-like
macrophages, which attenuated renal injury (Mchedlidze et al., 2013). In addition, ILC2s suppress
IL-1B secretion in macrophages (Omata et al., 2018) and promote the skewing of bone marrow-
derived macrophages to an M2-like phenotype in vitro (Besnard et al., 2015). However, our
findings demonstrated that ILC2s do not regulate the number or phenotype of macrophages in

dystrophic muscle (Supplemental Figure 3.3). Importantly, macrophage heterogeneity is more
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complex than previously described, and the M1/M2 subsets only represent extreme phenotypes
on a broad continuum of activation (Sica and Mantovani, 2012). Moreover, the absence of specific
markers for distinct macrophage populations limits the sensitivity of flow cytometric analysis for
further discrimination of these cell subsets.

To circumvent this limitation and better interrogate these cells, we used single-cell RNA
sequencing as an unbiased approach to assess the transcriptional profiles of skeletal muscle
macrophages (Figure 4.2A). Cells were grouped based on gene expression profiles, revealing
six distinct populations of macrophages in the skeletal muscle (Figure 4.2B). Further, we found
that some distinct clusters were found almost exclusively in mdx (clusters 0 and 2) or WT (cluster
1) muscle (Figure 4.2B), further suggesting distinct functions. Cluster 0 had high expression of
genes that, when chronically activated, have been shown to promote fibrosis in skeletal muscle
(Figure 4.2C). For example, osteopontin (Spp1) has been shown to promote muscle regeneration
(Uaesoontrachoon et al., 2008), but in chronic injury setting like dystrophic muscle, may promote
fibrosis (Vetrone et al., 2009). Similarly, galectin 3 (Lgals3) has been shown to promote fibrosis
in several settings (Henderson et al., 2008; Nishi et al., 2007) and is highly expressed in
macrophage cluster 0. Together, these data reveal dystrophic-muscle specific populations of
macrophages that we predict may promote fibrosis in DMD. Future directions will next to test this
hypothesis as well as further investigate the potential ILC2-mediated regulation of these distinct

macrophage populations.
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Figure 4.1. Amphiregulin expression in dystrophic muscle.

A) The gene expression of amphiregulin (Areg) and epidermal growth factor receptor (EGFR) in
cells sorted from 4-wk-old mdx mouse muscle. Expression is normalized to CD45- (A) or mac (B).
Mac= Macrophages, MSCs= muscle stem cells (i.e., Satellite cells), FAPS= Fibro/adipogenic
progenitors. C) The expression of Areg in mdx mouse hamstring following treatment with isotype
control (Iso), IL-2 complex (IL-2c), or IL-2¢ in combination with IL-33 (cIL-33). n= 6-9.
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Figure 4.2. Single-cell RNA sequencing of muscle macrophages.

A) Experimental schematic of the single-cell sequencing of muscle macrophages. Skeletal muscle
macrophages (Live, single, CD11b*F4/80*Siglec-F" cells) from WT and mdx mice were FACS-
isolated and sequenced at a single-cell resolution using the 10x Genomics Chromium platform.
B) UMAP plots were generated using a non-linear dimensionality reduction analysis algorithm
(Seurat R package) to show macrophage (WT and mdx) populations grouped by gene expression

(Top) or by genotype (Bottom). C) Top 10 differentially expressed genes in each cluster of B.
Each dot represents one cell.
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