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ABSTRACT OF THE DISSERTATION
Comparative genomics and transcriptomics of Steinernema carpocapsae and
Caenorhabditis elegans
By
Lorrayne Alves Serra Clague
Doctor of Philosophy in Developmental and Cell Biology
University of California, Irvine, 2020
Associate Professor Ali Mortazavi, Chair
The evolution of the genome causes changes in gene expression which controls
development and the regulation of these changes results in evolutionary modifications
that consequently alter an organism’s function and adaptation. Studies of embryonic
development in the sea urchin, Xenopus laevis, Caenorhabditis elegans, and other
organisms have shown that developmental processes are a cascade of regulatory
networks that determines developmental functions and these linkages have been
conserved throughout evolution. While development has been extensively studied in the
nematode C. elegans, less is known about the genomic architecture of development in
other nematode species. We are interested in using C. elegans and distantly related
entomopathogenic nematodes (EPNs), which are worms that parasitize and efficiently
kill insects, from the genus Steinernema to study the similarities and differences in gene
expression changes that give rise to similar body structures in these two species. First,
we improved the genome and gene annotations of Steinernema carpocapsae to reliably
conduct functional genomic analyses and to study responses to environmental changes
xii

via gene expression. Then, we compared two developmental stages, adults and
infective juveniles (IJs), and the sexes of S. carpocapsae to equivalents in C. elegans.
This comparison provided a set of conserved genes found in young adults and in
another set in IJs. The comparison also gave insights into evolutionary changes to the
regulation of gene expression which leads to similar morphological features.
Subsequently, we profiled the transcriptomes of embryonic single cells from S.
carpocapsae to identify founder cells that give rise to all the tissues in an adult worm.
We used known C. elegans genes that determine the six founder cells, which give rise
to all the body tissues, to identify these cells in S. carpocapsae and distinguish early
embryonic cell fate. Lastly, to understand gene regulation we took a step towards C.
elegans population genetics to emphasize within species variation in gene regulation.
We compared the mRNA and microRNA profiles of twelve strains at the L1 stage. The
comparison aimed to understand the differences in adaptation within one species to
several differing environments. We found a set of 37 miRNAs that regulates gene
expression at the L1 stage. Overall, all the approaches provide insights into the
fundamental rules of gene expression that control changes at the genome and
transcriptome level in development.
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CHAPTER 1
Entomopathogenic nematodes
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1.1 abstract
Nematodes are round non-segmented worms that populate all known biological
niches. Their transparent, simple body plans are a powerful tool to study genetic
pathways involved in biological processes. Nematode development has been
extensively studied in the model organism Caenorhabditis elegans. However, not much
is known about other groups of nematodes, such as Entomopathogenic Nematodes
(EPNs). EPNs are parasitic nematodes that can efficiently kill insects and are primarily
comprised of the two intensively studied genera of Steinernema and Heterorhabditis.
Within Steinernema, S. carpocapsae is the most studied entomopathogenic nematode,
followed by S. feltiae. The ability of EPNs to infect and kill insects is due to their
mutualistic association with specific bacteria, which can by themselves quickly kill the
host within 24-48 hours through septicemia. These nematodes are considered
beneficial since they are not harmful to humans or plants and can be used as a natural
pesticide to control populations of agricultural pests. Here, we will overview the origins
of EPNs, focusing on the Steinernema family, review their relationship to their
mutualistic bacteria, and the role of S. carpocapsae as a model organism for parasitism.
Lastly, we review transcriptomic comparisons between C. elegans and S. carpocapsae.
1.2 Introduction
Nematodes have colonized almost all ecological niche on earth, and encompass
the most abundant metazoan1. They are also major parasites of plants, animals, and
humans2–4. All nematodes share a relatively conserved body plan compared to other
phyla5. The best-characterized nematode by far is Caenorhabditis elegans, which is an
intensively studied model organism for genetics, development, cell specification, cell
2

differentiation, and genome evolution6–9. Another nematode genus, which is primarily
studied for its biological control capabilities, is Steinernema. Steinernematidae are
Entomopathogenic Nematodes (EPNs) that efficiently kill insects. Within
Steinernematidae, S. carpocapsae is the most studied EPN, followed by Steinernema
feltiae. Researchers have focused on these species for their potential in biocontrol of
insect pests.
EPNs can only infect and kill an insect during their infective Juvenile(IJ) stage5.
IJs are characterized by a stop in development where the nematode can survive outside
of a host for months that is equivalent to the dauer stage in C. elegans10. The infective
juvenile(IJ) stage carries bacteria in its intestinal tract. The ability of EPNs to infect and
kill insects is partially attributed to the worm’s mutualistic association with this bacteria.
Each Steinernema species has specific preferences for different Xenorhabdus spp,
some of which can quickly kill an insect within 24-48 hours by themselves through
septicemia5. Evidence suggests that this symbiotic relationship initiated 375 million
years ago11. However, some Steinernema species grown without their symbiotic
bacteria can kill their insect host by releasing venom proteins12,13. IJs locate and infect a
new insect host by entering through natural openings and releasing the bacteria. The
worm and bacteria overcome the immune system of the host and kill the insect. Both
the bacteria and the worm continue to grow separately within the body of the dead
insect until all resources are depleted. At this point, the bacteria recolonize a specific
compartment of the intestine of the worm. A new IJ population emerges to search for a
new host14.
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Steinernema species are the focus of many studies of biological control. They
have a wide array of susceptible hosts that are agricultural or horticultural insect pests
and therefore are of great interest as organic, biological control agents15. EPNs are not
harmful to humans or plants but are fatal to insects. Agricultural researchers have
focused on understanding their pathogenicity in pests such as the peachtree borer
(Synanthedon exitiosa)16, Carob moth (Ectomyelois ceratoniae)17, and hazelnut weevil
(Curculio nucum)18. Steinernematidae is widely studied for insect infection capabilities
and as an alternative to pesticides.
More recently, the Steinernematidae family has been the target of several studies
as a comparative tool for studying evolutionary changes to the regulation of
development. First, the draft genomes for five Steinernema species elucidated gene
families involved in parasitism and conserved orthologs genes among nematodes
genus associated with neurogenesis and embryonic development19. Then, another
study compared the embryonic development in S. carpocapsae, S. feltiae, C. elegans,
and C. angaria at the transcriptome level, which revealed the divergent expression of
orthologues genes during early embryonic development but a similar transcriptional
expression from the middle stage (24-44 cell) to larval 1 hatching20. To fully understand
the development of structures and adaption to environments, we must look into changes
in gene expression.
As an animal develops, different genetic programs are initiated in order to
achieve highly regulated cell fates. The regulatory processes that govern each stage of
development change gene expression, and in turn, the interactions to the environment.
From the simplest organism to the most complex, maternal inputs initiate the beginning
4

of embryonic development and pattern formation21. Then, another set of genes specifies
postgastrular axial patterning, followed by body part, body part pattern, and cell fate
specification. Each developmental stage has a set of driver genes that starts the next
phase22. The development between species analyzing conserved genes gives a partial
picture of which mechanisms are conserved and what changed in the evolutionary
process of development. I am interested in utilizing nematodes to understand the
similarities and differences in gene expression that produces similar structures during
development. As a result, we focus on Steinernema's evolution with a focus on S.
carpocapsae and comparative analysis.
1.3 origins of EPNs
The Nematoda phylum is part of the ectadozoa group and originated millions of
years ago. They are closely related to molting invertebrate phyla, such as arthropods23.
Nematodes are non-segmented roundworms that shed their cuticle in each larval stage.
They are protostomes, and their body cavity is derived from the blastocoel, considered
a pseudocoelomate24. The nematode phylum has over 20,000 species identified, with a
possibility of millions more yet to be formally described25. They probably arose during
the Cambria or pre-Cambria era in a marine environment and later transitioned to
land26. The first nematode in aquatic life initiated the branch Adenophora, which
expanded to land, forming the group Dorylaimida. A second branch developed the
Secernentea group, which included the terrestrial lineage Rhabditida27 (Fig. 1.1). The
order Rhabditida is paraphyletic, in which there is an original common ancestor, but not
including all the descendant groups (Fig. 1.2). This order includes the only two
entomopathogenic nematodes Steinernematidae and Heterorhabditidae family.
5

Even though EPNs do share an exclusive common pathogenic ancestor, both
Steinernematidae and Heterorhabditidae families are not closely related28. The data
suggests that they independently developed relationships with bacteria and insects from
unrelated ancestors27,29,30. However, they share similar (though not identical) life cycles
and a mutualistic relationship with different gram-negative bacteria. Speculations by
Poinar et al., 1993 suggest that by mid-Paleozoic era, approximately 350 million years
ago, the ancestors of Steinernematidae and Heterorhabditidae family independently
began to form the mutualistic relationship with Photorhabdus and Xenorhabdus
respectively31. Both families of EPNs independently evolved a parasitic life cycle while
associating with pathogenic bacteria.
Heterorhabditis is one of the two species that compose the vast majority of
EPNs. The family is part of the order Rhabditida, within the suborder of
Strongylomorpha and most closely related to the order of vertebrate parasites,
Strongylida28,31,32. The Heterorhabditis family ascended from a marine rhabditid or a
precursor that fed on bacteria31. The ability to form a special compartment to carry
bacteria during the transition from Larval stage 3 (L3) to infective Juvenile (IJ), allowed
the species to become insect parasitic31,33. The genus was first described in 1975 by the
introduction of Heterorhabditis bacteriophora11. A few years later, its symbiotic
bacterium Photorhabdus luminescens (previously known as Xenorhabditis
luminescence) was characterized34. The genus has 30 species, with the potential to
include many more. The genus Heterorhabditis has an obligate relationship with the
Photorhabdus genus. It also has a unique alternating life cycle of sexual and
hermaphroditic14. The nematode has a distinct feature of a dorsal "hook" on the tip of
6

the head that allows the IJ to enter its host through the cuticle35,36. Until now, several
Heterorhabditis species have been described, the genome of H. bacteriophora has
been sequenced, and several species have been extensively studied for biocontrol37–39.
The other clade Steinernematidae completes the group of EPNs.
Steinernematidae is also part of the order Rhabditida, within the suborder of
Panagrolaimomorpha. This family is most closely related to vertebrate parasites
Strongyloididae and bacterivores Panagrolaimie28,40. The Steinernematidae family does
not share morphological characteristics with living microbotrophic nematodes31. They
probably evolved from a free-living terrestrial ancestor of a pre-rhabditophanes line41.
The family of Rhabditophanes is an outgroup to parasitic species in the Strongyloididae
family41. The Steinernematidae species have vast morphological structures adaptability
due to the gonochoristic type of reproduction42. This family also evolved the capability of
carrying its mutualistic bacteria from the genus Xenorhabdus during the IJ stage43. The
first Steinernema species Steinernema Kraussei (formally known as Aplectana
kraussei) was first described in 192344. From the first description of S. kraussei more
than 96 species have been identified around the world. Every year, new species in this
family are discovered and characterized14. This genus has been described in its
mutualistic relationship to Xenorhabdus, the genome of five species assembled19 and
studied for its purpose in biocontrol45–49.
The discovery of entomopathogenic nematodes allowed the study of parasitism,
beneficial mutualism, and biocontrol50–52. Although both families Steinernematidae and
Heterorhabditidae are of importance in future research endeavors, for this thesis, I will
focus on Steinernematidae's family with an emphasis on Steinernema carpocapsae.
7

1.4 Steinernematidae family
The Steinernematidae family is diverse in ecological niches. This family, like
most nematodes, are found in all environmental conditions. The first Steinernema
species described, S. kraussei, was found in Germany in 1923. From there, as the
number of species grew, so did the diversity of locations. Steinernema glaseri was
found in New Jersey, the United States, in 192953. The most well-studied nematode, S.
carpocapsae, was found in 1955 in Czechoslovakia. The diversity of locations and
species exploded in the 1980s as companies looked for an alternative to pesticides and
turned to EPNs54. Countries such as China, Kenya, Russia, and Argentina are a few of
the locations that nematodes were found up to the 1990s53,55,56. The identification of
Steinernema species continues today, with several species found last year (2019) in
Florida, USA, Northern Benin, South Africa, and others57–59. The search for
Steinernema species in different environments increases its usefulness in biocontrol, as
each species has adapted to its location and thus has unique pathogenicity and a better
chance of survival.
The Steinernema family is used to target specific insects in all ecological niches.
The target for each species can vary broadly. The most well-studied nematodes, such
as S. carpocapsae, have a range of over 200 insect hosts across ten orders when
challenged in a laboratory setting34. However, in its natural habitat, the efficacy of S.
carpocapsae might be more limited. Other Steinernema species have a narrower range
of hosts. This is the case with Steinernema scarabei which targets beetles with a leaflike antenna in the family of Scarabaeidae60,61. Another particular species is
Steinernema scapterisci, which targets the family of Orthoptera (grasshoppers, locusts,
8

and crickets)62. The specificity of targets for species perceived as economically crucial
because of their potential in biocontrol has been extensively studied in S. carpocapsae,
S. glaseri, S. feltiae, S. kraussei, S. scapterisci, S. scarabaei, and S. riobrave14.
However, the natural range for most of the other species are unknown because they are
captured in the wild with Galleria mellonella, an insect that is extremely susceptible to
infection. Nevertheless, the Steinernema genus has the potential to target an array of
insects and is therefore valuable for biocontrol.
The host-finding strategy used by a given species is strongly determined by host
preference. The host-finding strategy of the Steinernema species includes that of
ambusher and cruiser48. Ambushers remain stationary on the topsoil, waiting for a
potential host to come nearby. The nematodes stand on its tail, with most of its body is
in the air, called "nictation"52,63. Once they sense a host, they will catapult in the
direction of the stimulus. This jumping behavior is unique to Steinernema. Ambushers
are most effective in infecting insect pests that are in the soil surface and highly mobile
such as cutworms, armyworms, and mole crickets63,64. Ambusher species include S.
carpocapsae and S. scapterisci65. In contrast, cruisers nematodes move through the soil
and sense their hosts through carbon monoxide and other volatiles released by the
host. The cruiser strategy is most effective against slow-moving insects such as grubs
and root weevils66. Cruiser species in the Steinernema family includes S. glaseri. The
combination of both cruisers and ambushers also exists, such as S. riobrave and S.
feltiae. The strategies in finding a host are diverse within the Steinernema family and
adapted for their respective ecological niches.
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The life cycle of EPNs inside the host guarantees its survival because of the
number of progenies that emerges from the dead host. After IJs infect the host, they
recovers to Juvenile 3 (J3) then molts into J4, which in turn develops into a female or
male adult.67 (Fig. 1.3) A successful infection requires at least 1 male and 1 female.
The timing from IJs to adulthood varies with each species. For example, Steinernema
sp. and S. carpocapsae takes three days to reach adulthood68,69. On the other hand, S.
feltiae takes two days69. In S. carpocapsae and S. feltiae, the first generation is femalebiased, but not the F1 generation70. S. carpocapsae males browse virgin females to
mate and avoid females that have already copulated71. Steinernema females lay eggs
for 4-7 days, and then all remaining eggs develop inside the maternal body, a
phenomenon called endotokia matricida69. Results have shown that endotokia matricida
is essential in species maintenance and survival strategy72. The embryonic
development from zygote to L1 in Steinernema can vary from 19 hours in S.
carpocapsae to 14 hours in S. feltiae. However, both go through the same embryonic
stages, and they are morphologically identical20. The eggs hatch at the J1 stage and go
through four molting cycles (J2-J4), to finally arrive in adulthood. These cycles repeat
inside the host several times until food is depleted, and J2 and J3 develop into IJ67,73.
The IJ exits the dead carcass and goes looking for its next target.
IJs were the primary way to identify new Steinernema species, but scientists later
switched to female and males morphological characteristics. At first, scientists used the
IJs, then added males morphology to identify species in Steinernema and constructed
taxonomic keys15,62. Males are characterized by a C- or J-shaped body in its relaxed
form. The nerve ring located in the isthmus region (the narrower region between
10

metacorpus and postcorpus). The males have only one testis, and a pair of spicules,
yellow or brownish (Fig. 3.1). The tail is short and rounded with variability in the
presence or absence of a mucron (papilla/spine-like or filamentous present in the tail)74.
These are a few of the traits used to identify males.
In addition to morphological features, males in Steinernema exhibit lethal fighting
behavior and have two types of sperm agglomeration. Lethal fighting is a behavior
found in Steinernema longicaudum that is predicted to be present in all Steinernema
species and that is not found in other nematode genera75. The behavior consists of a
male coiling around another male until one of the males is injured, paralyzed, or dead.
This behavior was more dominant in males that passed through the IJ phase75. More
interestingly, lethal fighting is less dominant in future generations where the males can
recognize their progeny or relatedness to other young males76. Besides this behavior,
which increases specific male chances to mate, males in Steinernema develops either
monomorphic spermatozoa of average size (5 µm in diameter) or spermatozeugmata
(30-35 µm in diameter). S. feltiae has average size, while Steinernema tami has
megaspermatozoa77. These differences in sperm delivery offer an evolutionary window
into the reproductive mechanism within closely related species. The study of behavior,
in addition to morphological features, can help confirm the identity of new species.
Females are also a focus of morphological studies to identify new species,
including the use of its reproductive structures. Steinernema adult females are at least
one time larger than males. In a relaxed state, they stay in a C-shaped or spiraled
position. The pharynx is similar to the male. The vulva is formed into a medium
transverse slit. They are both oviparous or ovoviviparous. The tail is either short or
11

conoid and can have or not a mucron78 (Fig. 3.1). The tail has minute tail projections
that are consistent within species but distinct between species79. Interestingly, the
reproductive structure can be used to identify new species. For example, the five
species S. affine, Steinernema arenarium, Steinernema bicornutum, S. carpocapsae, S.
feltiae, and S. glaseri have a similar reproductive structure. They have a tube through
which an egg passes from an ovary, which consists of irregular rows with two to four
cells in cross-section and a uterus divided into two distinguishable structures80. With all
these characteristics in hand, several species have been detected using females
primarily.
In addition, molecular methods are also used to confirm species. At first, new
species were checked with Restriction Fragment Length Polymorphism (RFLP) profiles
of the internal transcribed spacer (ITS) region81. This has been replaced by the
sequencing of the ITS and D2D3 regions of rDNA is used for diagnosing species82,83. To
build phylogenetic trees, 18S rDNA sequences are employed and also used to
determine relationships between species28. As new species are discovered today, they
are all characterized morphologically, behaviorally, and molecularly with the tools
mentioned above.
The Steinernema genus has expanded to almost all biological niches. It is widely
used for biocontrol in several countries, including the USA. The wide range of possible
hosts, in combination with the increasing number of species discovered, makes it
suitable to study insect pathogenicity. New species are discovered regularly using
morphological characteristics of IJs, males, and females in combination with molecular
data. The Steinernema genus is also broadly investigated because of its symbiotic
12

relationship with bacteria in the genus Xenorhabdus, which is the focus of the next
section.
1.5 Steinernema nematodes and Xenorhabdus bacteria
The relationship between Steinernema species and their Xenorhabdus bacterial
partners has been extensively characterized. This nematode-bacterium symbiosis
coadapted and coevolved through millions of years, and developed mechanisms to
promote transmission and maintain species-specific pairings84,85. Until recently, it was
believed that each Steinernema species had a specific association with only one
Xenorhabdus species15. However, S. carpocapsae was able to associate with several
species of Xenorhabdus, but its fitness was improved when associated with its preferred
symbiotic bacteria Xenorhabdus nematophila86. Additionally, the relationship developed
between nematode and bacteria is strain-specific, such that when S. feltiae was
exposed to native and nonnative X. bovienii symbiont strains, the nematode had an
affinity towards the native strain or closely related strains84. S. feltiae also improved its
fitness when associated with Xenorhabdus sp. from other closely related Steinernema
spp84. The hypothesis that closely Steinernema species can associate with closely
related Xenorhabdus spp. This indicates that the nematodes are phylogenetically
related67. This hypothesis is best illustrated in the case of Xenorhabdus Khoisan, which
was first isolated from Steinernema khoisanae and recently found in the other two
species: Steinernema beitlechemie and Steinernema sacchari 67,87–89. The mutualistic
relationship between the Steinernema and Xenorhabdus is mutually beneficial
independently of species-specific parings.
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The mutualistic relationship also affected the morphology of the nematode.
Steinernema species at the IJ stage have an intestinal pocket called the receptacle in
which at least 40 bacteria cells reside46. In the case of S. carpocapsae, the nematode
carries between 50-200 colony-forming units90. This vesicle is unique to EPNs that goes
through stasis. The vesicle originated from the ventricular portion of the intestine of the
infective larvae91. This structure varies in wall thickness and shapes among
Steinernema sp. Nematodes such as Steinernema bibionis and S. kraussei have
receptacles with thick walls and narrow structures, while S. glaseri is irregular in
thickness and shape91. Additionally, in S. carpocapsae, the receptacle is smaller and
shorter if the nematode is axenic. As the IJ ages, the receptacle decreases in size, and
the population of bacteria also declines92. The receptacle provides a subcellular
structure that contributes to the nutrition and growth of the bacteria90. The mechanism in
which a Xenorhabdus species recognize its specific Steinernema species and colonize
the receptacle is not known. The receptacle provides a location for morphological and
physiological interactions between nematodes and bacteria.
The interactions between nematode and bacteria are not obligatory, but they are
beneficial for both parties. The bacteria benefit from this relationship by gaining access
to insect hosts43,93. For the nematode, the symbiotic bacteria contribute to its
reproductive fitness. The symbiosis between S. riobrave and its symbiotic Xenorhabdus
is crucial for reproduction, while not required for S. carpocapsae and S. scapterisci 94.
The bacteria might also be necessary for the development of sexual organs95. Although
axenic nematodes can kill an insect host, they cannot produce IJ progeny inside the
host cadaver40. In general, the reproductive fitness of the nematode is greatly improved
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with this association. However, it comes at a cost to the nematode, and colonized IJs do
not survive as long as axenic nematodes43. In S. carpocapsae, in order to maintain its
bacterial symbiont alive, the nematode diverts nutrient stores from itself to the
bacteria40,94,96. The interactions between Steinernema and Xenorhabdus benefits both
parties in dispersal for the bacteria and reproduction fitness for the nematode.
The association of Steinernema species with Xenorhabdus bacteria has been
extensively studied37,46,97. If two species of Steinernema are closely related (within the
same clade), then their respective bacteria can colonize one or the other nematode
species. The symbiotic relationship changed the morphology of the nematode in order
to create special comportment to carry the bacteria. The symbiotic bacteria have access
to a diverse range of hosts and are maintained by the nematode. In return, the
nematode has increased reproductive fitness, and in some instances, can only form IJs
in the presence of its symbiont. Although much is known about the symbiosis, the
mechanism that the nematode uses to maintain the bacteria alive or the mechanism
used by the bacteria to influence reproductive fitness is still unknown. Lastly, the
relationship of Steinernema with its symbiotic bacteria can be used to understand the
biological processes in parasitism. Although multiple insect pathogenic nematodes are
used to study parasitism, in the next section, we focus on recent advances in the use of
S. carpocapsae as a satellite model organism.
1.6 Steinernema carpocapsae a model organism for parasitism
Initially, insect-parasitic nematodes such as S. carpocapsae were primarily used
as biocontrol. More recently, they have become a model to study host–parasite
interactions. Understanding the response of a host to nematode infection is of utter
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importance in developing ways of preventing invasion, specifically of related nematodes
that are mammalian parasites. Nematodes employ several strategies to evade the host
immune system to guarantee its survival. Transcriptomic and proteomic analysis in S.
carpocapsae IJs, and activated IJs revealed a set of proteins that can kill the host and
evade the immune system13,98. These proteins include proteases, which are proteins
that catalyze hydrolysis and that belong to the families of serine, cysteine, aspartic, and
metalloproteases. These proteins are hypothesized to be essential for invading the host
and evading its defenses98. Protease inhibitors were also detected, which suggests that
the nematode is trying to block the host immune system98. The host response is directly
related to the proteins made by the nematode or bacteria. In response to S.
carpocapsae secreted proteins, the host expressed genes involved in lectin and genes
for immunological processes such as melanization and cellular encapsulation99. In turn,
S. carpocapsae inhibits such immunological processes, in addition to completely
evading the mechanism of encapsulation by using its cuticle100,101. The study of
interactions between an EPN and host immune system contributes to uncovering
underlying patterns of infections of human parasitic nematodes. EPNs are a model
organism for host parasite interactions. These interactions are complex and shaped by
the host-parasite immune system.
Another pertinent question in the field of parasitism is the mechanism of sensory
behavior in host finding. The ability of a parasitic nematode such as S. carpocapsae to
find a host is an area of active investigation. Understanding this can have potential
impacts for preventing plant and mammalian parasitic infections. Furthermore, the
decision of whether or not to infect a potential host is determined by olfactory and
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mechanosensory cues102. In the case of S. carpocapsae, odors released by plants that
have been damaged by insects and CO2 stimulates jumping behavior103, in which the IJ
curls into a loop, and propels itself into the air. The attraction of beneficial nematodes to
this type of volatiles suggests that plants release attractants to combat insect
infestation103. However, S. carpocapsae prefer CO2 instead of other odors released by
insects50, indicating that parasites have odor preferences. In addition to olfactory cues,
the methods of host finding used by S. carpocapsae, which is an ambusher, are similar
to the skin-penetrating nematode Haemonchus contortus104. S. carpocapsae nictation
behavior combined with frequency is analogous to Nippostrongylus brasiliensis, a rat
parasite nematode104. Lastly, S. carpocapsae offers the opportunity to identify the
mechanisms for host-finding behavior. The C. elegans gene flp-21 part of the
FMRFamide neuropeptide gene family, which is conserved in most organisms, including
mammals, is present in S. carpocapsae105,106. This gene is localized in a pair of anterior
neurons in IJs. When flp-21 is knocked out, it triggers a cascade of issues with hostfinding behavior, nictation, and jumping behavior. S. carpocapsae offers a model to
understand the mechanism of host-finding behavior that are also present in nematode
parasites of plants and mammals.
Since its discovery in 1955, the interest in S. carpocapsae has grown beyond its
use as biocontrol to manage agricultural pests. This nematode is now used to
understand host detection, and host immune interactions. Understanding the
mechanism underlying these processes in S. carpocapsae can translate to plant and
mammal parasites. As well as being immensely useful as a parasitic model, S.
carpocapsae is also important is the role of this nematode in understanding
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development, evolution, and adaptation. Therefore, in the next section, we will discuss
the comparisons undertaken at the transcriptomic and genomic levels between C.
elegans and S. carpocapsae.
1.7 Comparative analysis between Caenorhabditis and Steinernema
The free-living soil nematode C. elegans is an important model system but does
not represent all the nematodes. C. elegans is a member of a different type of terrestrial
nematodes part of the order Rhabditida23. In a greater context, this order is only a small
portion of the nematode phylum23. Within Rhabditida, there is an enormous variety of
plant, mammals, and insect parasitic nematodes as well as free-living nematodes.
Nevertheless, C. elegans took the front stage and became an essential tool in
developmental biology and neurobiology since its first introduction by Sydney Brenner in
the early 1970s7,107–109. However, as evolutionary biology emerged as a field of study,
so did the interest in understanding the relationship between distantly related species,
such as S. carpocapsae and C. elegans that belong to different parts of the nematode
phylum. These comparisons between distantly related species can help answer
questions related to adaptation, allometry, and the evolution of behavioral and
morphological traits96,110–112.
With the sequencing of several nematode genomes in the past few years,
nematodes have become a powerful tool for the study evolutionary developmental
biology. The first version of the C. elegans genome opened the gates to the assembly of
other nematode genomes and for comparative analysis113. For instance, the next
genome assembly of Caenorhabditis briggsae revealed the conservation of protein
families and provided reliable evidence for 1,300 new C. elegans genes114. This work
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spurned interest grew to include other free-living nematodes from different clades, one
such example being Panagrellus redivivus115,116. Additional sequenced genomes
include the necromenic species Pristionchus pacificus, which is a model organism for
developmental plasticity and immunity117,118. Altogether, more than 30 nematode
genomes are assembled, and most of them achieved excellent assembly quality9. The
relatively small genome size (compared to the mammalian genome) allows for an easier
assembly119. Also, the diversity of species makes an excellent system to ask various
biological questions, including the differences in gene expression that control
ecologically relevant traits during development.
Five Steinernema species have been sequenced to date. These species are S.
carpocapsae, S. feltiae, S. monticolum, S. glaseri, and S. scapterisci19. The comparative
analysis of their proteomes to that of C. elegans found that most Pfam families, which is
a database of 17, 929 protein families that includes multiple sequence alignments120,
were conserved between C. elegans and the Steinernema spp. However, all the EPNs
had expanded genes families of proteases, protease inhibitor, some G protein-coupled
receptors (GPCRs), and retinol-binding (FAR) proteins. This difference is attributed to
the pathogenicity of Steinernema spp. More specifically, in S. carpocapsae, a novel
three-fold enrichment of the alcohol dehydrogenase transcription factor Myb/SANT-like
domain was found. A comparison between S. carpocapsae and C. elegans found a
shared core regulatory motifs and target genes related to neurogenesis,
embryogenesis, and muscle development. The assembly of the five Steinernema
species elucidated shared protein families and differences in gene expression to C.
elegans19.
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Subsequently to the genome assembly of S. carpocapsae strain “All”, the
“Breton” S. carpocapsae strain was also sequenced121. The assembly confirms the
occurrence of all types of proteases with Serine protease and metalloproteases higher
in S. carpocapsae than compared to other free-living nematodes, including C. elegans.
Then, the phylogenetically relatedness of S. carpocapsae (Breton) to Strongyloides was
further verified. The genome assembly of both strains highlights the importance of good
quality genomes. They allowed the investigation of evolutionary inquiries related to
insights into the fundamental rules of gene expression that controls the changes in
development between two distantly related species with similar body plan and
embryogenesis.
The comparison of gene expression during development between related
species highlights the mechanism that control morphogenesis. The genomes and
transcriptomes of Steinernema and Caenorhabditis species allowed for a comparative
analysis of gene expression during embryonic development. The comparison included
11 embryonic stages of C. elegans, C. angaria, S. carpocapsae, and S. feltiae. The
stages collected for analysis were identical in morphology, although the developmental
timing was very different. The development of S. carpocapsae from zygote to L1 took
19.1 hours, compared to 11.3 hours in C. elegans. The transition of maternal to zygotic
gene expression occurred earlier in Steinernema ( 2-,4-cell) than in Caenorhabditis (8,24-44-cell), resulting in significant differences in transcriptional profiles. However, the
conservation of gene expression increases during organogenesis, which is initiated
during the comma stage of the nematodes20. In addition, over 5,000 genes expressed
throughout embryogenesis were found to be conserved between S. carpocapsae and
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the other S. feltiae but not found in Caenorhabditis sp., and some of these genes are
likely to affect embryo development. Overall, the expression of orthologs genes follows
an hourglass model, with embryos being more divergent at the earliest and latest stages
but conserved during a mid-embryonic stages where organogenesis takes place122, and
the analysis reveals thousands of potential genes with unknown roles in Steinernema
development.
The study of C. elegans has expanded our knowledge of how developmental
processes are encoded in the genome. However, the addition of more model organisms
increased knowledge in developmental and evolutionary biology. The accumulation of
more genomes has created a toolkit to expand knowledge in developmental biology,
adaption, the evolution of traits, and gene transfer. The addition of the five Steinernema
species introduced comparative genomics for EPNs. The Addition of the S.
carpocapsae Breton strain confirmed the presence of proteases and the relationship to
mammalian parasites Strongyloides. Finally, the study embryonic transcriptomes
opened the door to comparative analysis during embryonic development intending to
understand the differences in gene expression within species that had their last
common ancestor more than 280 million years ago.
1.8 Conclusions
Nematodes are found in all environments and are a great tool for studying most
biological questions. At first, C. elegans took the front stage as a model system for
multicellular organisms123. Its genome was fully sequenced, and various molecular
techniques were established in C. elegans such as transposon mutagenesis, RNAi, and
Expressed Sequence Tags (EST) screening32,124,125. However, in recent years the
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addition of sequencing technologies allowed the expansion of the study of other
nematode species. This is the case with EPNs, which for the past few decades were
intensively studied for their potential as biological control agents of insects and now are
emerging as model organisms for parasitism, developmental biology, and plant
health126. EPNs includes more than 100 discovered species, but a few are the focus of
most studies: S. carpocapsae, S. feltiae, and H. bacteriophora. The diversity and
distribution of EPNs and the assembly of several of their genomes improved their usage
in all biological research areas.
EPNs and C. elegans are distantly related species within the same subgroup of
Rhabditida. The two major genera of EPNs originated during the pre-Cambrian era and
independently developed a mutualistic relationship with two different bacterial genera.
Within EPNs, S. carpocapsae and its bacteria X. nematophila are well studied for a
symbiotic relationship, evolutionary symbiosis, immune system response, and
pathogenesis. In the past decade, the interest in S. carpocapsae has grown past its
usage for biological control. The genome assembly of two S. carpocapsae strains
improved the understanding of its phylogenetics and uncovered a set of genes that are
not found in C. elegans but are essential in development. The comparisons with C.
elegans during embryonic development led to a discovery that past the comma stage,
nematodes share a more similar transcriptomic profile than in early development. The
rules that control gene expression during development is varied even within species
from the same subgroup. However, it does not explain the similarities in morphology
found within a Nematoda phylum.
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The similarities in morphology between two distantly related species are likely the
result of conserved gene expression of key transcription factors involved in patterning,
such as Hox genes. The rules that command how much a gene is expressed, what it
does, and where it is expressed are not well understood. In chapter 2, I improved the
genome and transcriptome of S. carpocapsae which in turned allowed me to performed
a macrosyntenic analysis. Then, in chapter 3, I investigated if there is core set of
developmental genes found in both IJ, young adult female and male that are coexpressed in both S. carpocapsae and C. elegans. Next, in chapter 4, I hypothesized
that S. carpocapsae and C. elegans share a set of early-expressed transcription factors
that are important for early embryonic development. Lastly in chapter 5, I hypothesized
that there is core of miRNAs expressed in all strains of C. elegans during L1 stage vital
for development. The result of the studies improves our understanding of conservation
of genomic regions between distant related species, differences in gene expression at
equivalent developmental stages and regulation of gene expression. In this thesis, we
explore the core similarities and differences in gene expression that commands
development in nematodes that share morphological similarities from zygote to adults.
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1.9 Figures

Figure 1.1 Fragmented phylogenetic tree showing the radiation of
Nematoda. In green is the environment. In purple is the lineage that
originated the terrestrial environment. In red highlights the Rhabditidae
family (Figure is adapted from Sudhaus W., 2002).
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Figure 1.2 A dendrogram summarizing the results from Blaxter et
al., 1998. Bootstrap values are provided. Underlined families are
paraphyletic.
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Figure 1.3 The Steinernema life cycle.
In the soil, the infective juvenile (IJ) finds and infects an insect and
starts the recovery feeding phase juvenile 3 (J3). The nematode
then molts into J4 and subsequently into adults. The adults mate,
reproduce, and lay eggs. The eggs hatch into J1, which molts and
feed into the subsequent juvenile phases (J2-J4). After one to three
reproduction phases, after nutrients are depleted, J2 and J3
develop into IJs. The IJs exit the host carcass and search for new
prey (Figure adapted from Dreyer et. al., 2018).
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CHAPTER 2

Hybrid assembly of the genome of the entomopathogenic nematode Steinernema
carpocapsae identifies the X-chromosome
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2.1 Abstract
Entomopathogenic nematodes from the genus Steinernema are lethal insect parasites
that quickly kill their insect hosts with the help of their symbiotic bacteria. Steinernema
carpocapsae is one of the most studied entomopathogens due to its broad lethality to
diverse insect species and its effective commercial use as a biological control agent for
insect pests, as well as a genetic model for studying parasitism, pathogenesis, and
symbiosis. In this study, we used long-reads from the Pacific Biosciences platform and
BioNano Genomics Irys system to assemble the most complete genome of the S.
carpocapsae ALL strain to date, comprising 84.5 Mb in 16 scaffolds, with an N50 of 7.36
Mb. The largest scaffold, with 20.9 Mb, was identified as chromosome X based on sexspecific genome sequencing. The high level of contiguity allowed us to characterize
gene density, repeat content, and GC content. RNA-seq data from 17 developmental
stages, spanning from embryo to adult, were used to predict 30,957 gene models.
Using this improved genome, we performed a macrosyntenic analysis to Caenorhabditis
elegans and Pristionchus pacificus and found S. carpocapsae’s chromosome X to be
primarily orthologous to C. elegans’ and P. pacificus’ chromosome II and IV. We also
investigated the expansion of protein families and gene expression differences between
adult male and female stage nematodes. This new genome and more accurate set of
annotations provide a foundation for additional comparative genomic and gene
expression studies within the Steinernema clade and across the Nematoda phylum.
2.2. Introduction
Nematodes are round, non-segmented worms with a simple body plan that populate all
known biological niches. Caenorhabditis elegans is by far the best-characterized
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nematode species and was the first metazoan to have its genome assembled1. Studies
in C. elegans have been crucial for the study of a multitude of biological processes such
as development, cell specification, cell differentiation, apoptosis and genome evolution2–
5

. Other free-living, androdiecious nematode genomes such as Pristionchus pacificus

and Panagrellus redivivus have provided tools for genomic comparisons in
developmental processes and phenotypic plasticity6,7.
However, free-living nematodes represent only a subset of the entire nematode
phylum as they exclude parasitic nematodes, which are of most agricultural and
biomedical interest. Parasitic nematodes have a diverse group of hosts including
insects, plants, and humans. Steinernema carpocapsae is an entomopathogenic
nematode (EPN) that is a lethal insect parasite but is not harmful to humans or plants.
S. carpocapsae is of great interest because of its wide host range with approximately
200 possible insect hosts and the possible orthology of its toxins to mammalianparasitic nematodes8,9. In many countries, S. carpocapsae are commercialized for use
as insect pest control10,11. Steinernema has a symbiotic relationship with pathogenic
Xenorhabdus bacteria where they collectively infect and kill a host within a few days,
reproduce separately within the host, and reassociate when forming infective juveniles
that will seek out the next host12. Steinernema and its bacterial symbiont have been
extensively studied as genetic models to explore symbiosis and pathogenesis13,14.
EPNs are also an excellent satellite organism to study mammalian parasitism as they
are closely related to the Strongyloididae nematodes15. In particular, Steinernema’s
mechanism of host seeking by olfactory and other sensory cues likely offers a great
model for mammalian-parasitic nematodes16.
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Previously published draft genomes done using Illumina sequencing for five
Steinernema species opened the door to study evolutionary traits among these parasitic
nematodes and compare them to free-living nematodes. These genomes helped
elucidate gene families involved in parasitism that were expanded in Steinernema, such
as proteases and protease inhibitors, while a comparative analysis to C. elegans
revealed orthologous non-coding regulatory motifs17. S. carpocapsae and S. feltiae
were further used to study the extent of expression conservation in orthologous genes
across nematode families that were associated with embryonic development18. This
study found a funnel-shaped model of embryonic development based on high
conservation of orthologous genes between Caenorhabditis and Steinernema18. The
draft genomes also allowed for further studies in neuropeptide sensory perception in S.
carpocapsae, and the study of lethal venom proteins in both S. carpocapsae and S.
feltiae19–21.
The draft genome assembly of S. carpocapsae ALL strain had 1,578
contigs with an estimated genome size of 85.6 Mb, N50 of 300 kb and more than
28,000 predicted genes17. Another study, also using short-reads assembled S.
carpocapsae Breton strain into 347 scaffolds with an N50 of 1.24 Mb22. The draft
genome status, although helpful, can hinder further studies of protein families’
expansions involved in parasitism. The high fragmentation also deters the analysis of
conserved gene sequences, which could play a significantly larger role in the evolution
of this phylum. Therefore, a more contiguous assembly of the S. carpocapsae genome
will contribute to further understanding the mechanisms of Steinernema genome
evolution. In this study, we reassembled the genome with long-read sequencing from
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Pacific BioSciences (PacBio) in conjunction with optical mapping using the BioNano Irys
system, which produces high throughput physical maps23,24. The newly assembled
genome consists of 16 scaffolds with nearly 31 thousand predicted genes and we
identified the largest scaffold as chromosome X. We observed clusters of expansion of
proteases families and found gene expression differences in catalytic activity between
adult male and female stage nematodes.
2.3 Results
2.3.1 S. carpocapsae largest scaffold identified as chromosome X
We used PacBio sequencing along with BioNano optical mapping to generate a S.
carpocapsae genome assembly consisting of 17 scaffolds with a N50 of 7.36 Mb and
GC content of 45.7%. Comparison of our genome to the Breton strain from RougonCardoso et al., 2016 allowed us to merge our smallest contig of 150 kb with scaffold 7
for a total of 16 scaffolds. S. carpocapsae is known to have 5 chromosomes, and the
largest scaffold of 20.9 Mb, could correspond to an assembled chromosome (Table
2.1). We performed Illumina sequencing of the DNA of males and females, being careful
to collect females that had not mated to identify scaffolds that would encompass the
chromosome X in our new assembly. The largest scaffold displayed a characteristic
two-fold difference in coverage between females (orange) and males (blue), which we
therefore renamed as Chromosome X (Fig. 2.1A). Scaffold 15, which is much smaller
(207 kb or 1% of the size of chromosome X) also showed a similar difference in
coverage and is likely a small part of the X chromosome. The remaining scaffolds of ≥1
Mb suggest that we have the remaining four chromosomes in 14 pieces at most.
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We used our RNA-seq transcriptomes from published studies25 and this study to
reannotate the genes on this new assembly and identified 30,957 genes using Augustus
(see methods). We then calculated the gene density along the scaffolds and observed a
uniform distribution of genes on chromosome X, which is similar to observations in
Caenorhabditis elegans and P. pacificus6,26. Gene density varied little along and among
all other scaffolds (Fig. 2.1B). Chromosome X has a rich %GC content in its center
when compared to its arms. All other scaffolds either have uniform %GC content or
show a distinct increase or decrease (Fig. 2.1C). Lastly, we analyzed the repeat content
of chromosome X and scaffolds. As expected from other assembled nematode
chromosomes, chromosome X repeats are more frequent on the arms than in its central
region6,27,28. All other scaffolds that are part of autosomal chromosomes either have
uniform repetitive sequences (such as scaffold 3) or scaffolds in which repetitive
sequence either decrease or increase (such as scaffolds 2 and 4) (Fig. 2.1D). In
summary, we assembled the S. carpocapsae genome into 16 scaffolds, 14 of which are
greater than 1Mb, including a nearly complete chromosome X that shows similar
characteristics to other assembled nematode chromosomes.
2.3.2 S. carpocapsae chromosome X is primarily syntenic to C. elegans
chromosomes II and IV
We performed a macrosyntenic analysis between S. carpocapsae and C.
elegans genomes by identifying the one-to-one orthologs between both species and
plotting these genes according to their position in S. carpocapsae scaffolds (Fig. 2.2).
We found that S. carpocapsae chromosome X is primarily homologous to sections of C.
elegans chromosomes II, X, and IV. S. carpocapsae chromosome X has approximately
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10 Mb homologous to C. elegans chromosome II, 7.5 Mb homologous to C. elegans
chromosome IV, and 2.5 Mb homologous to C. elegans chromosome X. The other
scaffolds are largely homologous to only one of the C. elegans chromosomes. Scaffolds
1, 9, and 11 are homologous to chromosome I. Scaffold 15 is homologous to
chromosome II. Scaffolds 4, 7, 8, 13, and 16 are homologous to chromosome III.
Scaffolds 2, 6, 10, and 14 are homologous to chromosome IV. Lastly, scaffolds 3, 5,
and 12 are homologous to chromosome X. Next, we investigated whether S.
carpocapsae represents the ancestral state by repeating the macrosyntenic analysis
with Pristionchus pacificus (Fig. 2.3). The P. pacificus chromosome configuration has
been reported to represent an ancestral state while C. elegans and Strongylids
nematodes represent the derived state6. S. carpocapsae chromosome X is primarily
syntenic to P. pacificus chromosomes II, X and IV. The other scaffolds are largely
homologs to only one of P. pacificus’ chromosomes. Scaffold 15 is homologous to
chromosome II. Scaffolds 2, 3, 5, 6, 7, 10, 12, and 14 are homologous to chromosome I.
Scaffolds 4, 8, and 13 are homologous to chromosome III. Lastly, scaffolds 1, 9 and 11
are homologous to chromosome V. P. pacificus chromosomes II, III, IV, X are
homologous to the same chromosomes in C. elegans6. However, P. pacificus
chromosome I is partially homologous to C. elegans chromosome V and X. The similar
pattern of homologies between chromosome X of S. carpocapsae and chromosomes II,
X, and V of both C. elegans and P. pacificus is unsurprising, given that these species'
chromosomes are themselves homologous. S. carpocapsae chromosome X
configuration is likely similar between C. elegans and P. pacificus because of the
homology between these species for chromosomes II, IV, X. S. carpocapsae scaffolds
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do not share homologous regions with chromosome X of P. pacificus. However, several
scaffolds are homologous with chromosome I (Fig. 2.3). In summary, S. carpocapsae
chromosome X is homologous to C. elegans and P. pacificus chromosomes II, IV, and
X. Therefore, S. carpocapsae have a derived state and translocation has occurred in
the branch leading to the ancestors of Steinernema.
2.3.3 Rapid metalloprotease expansion in S. carpocapsae
A previous study comparing nematode genomes found an expansion of proteases and
protease inhibitors in Steinernema17. S. carpocapsae in particular had 654 peptidase
genes, approximately one-third of them encoding metalloproteases and one-third being
serine proteases17. It was suggested that the potential function of these genes may be
to aid in parasitism17. Further studies on the mechanisms of S. carpocapsae infection
identified 472 venom proteins that included proteases and protease inhibitors20. Our
new genome allows us to investigate potential molecular mechanisms by which these
gene families may be expanding. In addition, an improved assembly allows us to
determine the location of these genes and these genes are in fact numerous individual
unique genes or misassembled genes.
In our assembly, we identified 228 unique metalloprotease genes and 254 serine
protease genes. Mapping the genes to their chromosomal locations revealed
aggregation of gene clusters (Fig. 2.4A-B). In order to visualize the location of venom
genes, we colored them in red. Venomous metalloprotease genes form a cluster on
scaffold 7, while venomous serine protein genes cluster on scaffolds 5, 8 and 14 (Fig.
2.4A-B). The location of these expanded genes suggest that they are evolving by
tandem duplications. One-to-one orthologs to C. elegans shows that the 228
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metalloprotease genes correspond to 90 C. elegans gene models and the 284 serine
proteases correspond to 50 genes in C. elegans. The phylogenetic trees for these gene
families inform us about their potential molecular history and sequence similarity. While
many of the metalloproteins have orthologs in C. elegans with a few duplications, serine
proteins seem to have undergone an extensive and rapid expansion in S. carpocapsae.
Interestingly, there is a small grouping of metalloprotease duplicates that belong to the
cluster on chromosome 7; these venomous genes all encode an M14A domain (Fig.
2.4C). Similarly, many of the venomous serine proteases group within what we refer to
as the “serine expansion”; these genes encode the S01A domain (Fig. 2.4D).
2.3.4 Gene expression profiling of eleven post-activation developmental stages
reveals sex-specific differences
We collected early-IJ activation developmental stages of S. carpocapsae at 3, 6, 9, 12,
and 15 hours as well as later-IJ post-activation time points that are thought to
correspond to Juvenile 4 such as 24 (Juvenile 4), 36, and 48 hours, adult females and
males using single-nematode RNA-seq analysis29,30. We next compared the expression
profiles of 11 embryonic stages from Macchietto et al., 2017 (zygote, 2-cells, 4-cells, 8cells, 24-44-cells, 64-78-cells, comma, 1.5-fold, 2-fold, 3-fold, L1) and 11 post-IJ
developmental stages. We first generated a heatmap of all 22 developmental stages of
all genes expressed with a minimum of 1 Transcript Per Million (TPM), where all the
genes in red are upregulated and blue are downregulated (Fig. 2.5A). All eleven
embryonic stages and five early post-activation stages have distinct gene expression
profiles from three late post-activation stages which has a similar gene expression
profile to female and male adults. Interestingly, we found that two of the nematodes
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collected at 24 hours have a transcriptional profile similar to adult females, whereas the
third nematode collected at the same hour is more similar to an adult male. Similarly, we
found that two of the 36 hours nematodes have a male-like profile and one nematode
has a female-like profile. At 48 hours all nematodes have a female transcriptome profile,
which we assume simply represents our chance of collecting three out of three female
samples randomly.
We then conducted a comparative gene expression analysis between
adult males and females. We found 2,328 genes downregulated in males and 1,026
upregulated in females (Fig. 2.5B). GO terms for the 2,328 downregulated genes
showed strong enrichment for lipid metabolic process (p = 1.6x10-8), catalytic activity (p
= 2.3x10-11), immune response (p = 3.2x10-4) and embryo development (p = 3.0x10-2).
In contrast, the 1,026 upregulated genes are related to male gamete generation (p =
8.7x10-3), sperm motility (p = 2.0x10-2), biological regulation (p = 1.6x10-9) and catalytic
activity (p = 4.4x10-4). We generally recovered distinct major GO term categories
between female and male except for the category “catalytic activity”, which led us to
investigate whether the GO terms for females and males are enriched for distinct
enzymes. Such distinct enzymes have been extensively studied in S. carpocapsae IJ
activation but not in adults20. ). Male GO terms were enriched for phosphotransferase
activity (p = 5.93x10-94), kinase activity (p = 1.14x10-23), phosphatase activity (p =
5.69x10-9) and phosphoric ester hydrolase activity (p = 1.38x10-7). In contrast, female
GO terms are enriched for peptidase activity (p = 2.38x10-6), serine-type peptidase
activity (p = 5.22x10-6), serine hydrolase activity (p = 5.22x10-6) and amine-lyase activity
(p = 8.87x10-5). This indicates that females and males express different enzymes at
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higher levels in adulthood. In a separate analysis, we analyzed the genes from Figure
5B with highest expression in male and highest expression in female (Fig. 2.6A). GO
terms for highly expressed genes in females and males confirmed that females’
enzymatic activity is related to hydrolase, peptidase and serine activity while males are
enriched for kinase activity, and phosphorous processes (Fig. 2.6B). We then used a
Principal Component Analysis (PCA) to assess how gene expression of embryos, late
post-developmental stages and adults varies across stages (Fig. 2.5C). Principal
component 1 (PC1) accounts for 19.7% of the variance across stages and PC2
accounts for 14.2%. Interestingly, PC3 (10.3%) separated all stages into two clusters.
One cluster (blue circle) has all the stages that are developing while the other cluster
(pink circle) has all the stages that are fully developed or developmentally arrested
(namely infective juveniles (IJs)). GO analysis of PC3 positive values were enriched for
catalytic activity, embryo development, testosterone dehydrogenase, female sex
differentiation, steroid dehydrogenase, regulation of hormone process and female
genitalia development. Meanwhile, PC3 negative values were enriched for kinase
activity, ligand-gated ion channel, calcium-release channel activity, nicotinate nucleotide
metabolic process, NAD metabolic process and regulation of autophagy (Fig. 2.7). In
summary, profiling gene expression in 11 post-activation developmental stages of S.
carpocapsae shows that starting at 24 hours nematodes are differentiating their gonads
and are transcriptionally different from early post-developmental stages. We also found
that a gene expression comparison between female and male reveals catalytic activity
as differentially expressed with females enriched for peptidase and serine activity while
males are enriched for phosphatases. Lastly, PCA separated embryos, late post46

developmental stages and adults into two clusters based on their developmental
activity.
We investigated conservation of the C. elegans sex determination pathway in S.
carpocapsae. We performed an orthology analysis of the genes described in Haag et
al., 2005 to identify which sex determination genes are conserved in S. carpocapsae,
including genes with more than one paralog (Table 2.2). Out of the 27 C. elegans sex
determination pathway genes, we found 10 that have one to one orthologs such as sex1 and fox-1, which are responsible for X dosage counting elements and are femalepromoting31. Another seven genes have one to many paralogs such as the case of sdc1, the her-1 transcriptional repressor, which have three homologs; however, as
expected, sdc-2 and sdc-3 do not have orthologs in S. carpocapsae32–34. Interestingly,
mog-4 and mog-5, which are global repressors of fem-3, are orthologous to the same
five genes in S. carpocapsae with the best hit for gene g252435. Genes fbf-1 and fbf-2,
which are germline translational repressors of fem-3, are orthologous to one gene
g11152 which suggests that this duplication happened along the C. elegans lineage36.
Lastly, fog-1, which is a promoter of spermatogenesis, has one orthologous gene,
contrary to fog-3 which has orthologs in multiple nematodes species but not in S.
carpocapsae37,38. In summary, we found 19 out of the 27 genes to C. elegans in the
sex-determination pathway, which might be the core genes important in the nematode
sex determination pathway.
2.4 Discussion
In this study we improved the genome of S. carpocapsae ALL strain with PacBio
technology and BioNano Iris system and identified chromosome X. The S. carpocapsae
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genome is in 16 scaffolds with an N50 of 7.36 Mb. The sum of the 10 largest scaffolds’
lengths achieves ~90% of the genome size, while the top 4 scaffolds cover 50% of the
genome. In addition, we used stage-specific developmental transcriptomes to reannotate our new assembly and predicted 30,957 genes, which we used to infer
patterns of rearrangements between scaffolds based on macrosyntenic analysis
compared to C. elegans. This also allowed us to map the expansion of
metalloproteases clusters and to identify the set of genes differentially expressed
between males and females.
S. carpocapsae has four autosomes and one sex chromosome39. Chromosomelevel macrosynteny revealed that S. carpocapsae chromosome X is orthologous to both
C. elegans and P. pacificus chromosome II and IV. In addition, S. carpocapsae
chromosome X has a small 3 Mb section orthologous to P. pacificus and C. elegans
chromosome X. The small 3 Mb of S. carpocapsae chromosome X section is the only
section orthologous to P. pacificus chromosome X, while most of the scaffolds are
orthologous to P. pacificus chromosome I. This small segment of chromosome X
orthologous among S. carpocapsae, C. elegans and P. pacificus might represent a
Nigon unit, which are proposed to be deeply conserved linkage groups found conserved
between nematodes40. A comparison of A. rhodensis chromosomes to four
Caenorhabditis species including C. elegans pinpointed these Nigon units, one of which
(NX) was found as a sole component of chromosome X or found combined with other
Nigon units40. Interestingly, S. carpocapsae scaffolds are orthologous to single C.
elegans chromosomes, which is reminiscent of a macrosynteny analysis in other
nematode clades that also found conservation of orthologous chromosomal parts41. If
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the last common ancestor among clades had 6 chromosomes, then it is likely that S.
carpocapsae had a fusion of C. elegans chromosomes II and IV, which also occurred in
unichromosomal nematode Diploscapter pachys in which the order of chromosomes
fused were I, X, III, II, IV, and V41. The conservation of synteny of S. carpocapsae to
both C. elegans and P. pacificus highlights the large-scale chromosomal
rearrangements in nematode genome evolution. High quality genomes of other
Steinernema species will allow for comparisons of evolution of parasitism in this genus.
Thus, the nematode field would continue to benefit from assembling high quality
genomes which would further the study of parasitology.
Differential expression analysis between males and females uncovered an
interesting divergence in catalytic activity. Females have high levels of hydrolase
activity, serine-peptidase activity, and proteolysis. Similar catalytic activity is found in
adult parasitic females (PF) of Strongyloides species42. Strongyloides species have a
free-living generation with gonochoristic females and males, and a parasitic female
generation that lives inside the mammalian host42. Although, in Steinernema, there are
female sex-bias in emerging IJ populations, little is known about the role of Steinernema
females in infecting a host populations43. On the other hand, the catalytic activity for
males was enriched for phosphorylation, phosphorous activity and kinase activity.
Protein phosphorylation and dephosphorylation regulates protein function with
phosphatases important in spermatogenesis and regulation of sperm motility44,45.
Kinases are important in nematode male fertility and a target of drugs to treat human
parasites45,46. The role of females in infecting a host and the molecular biology of
reproduction processes in EPNs are largely unexplored. The study of the reproductive
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and developmental processes in parasitic nematodes will be important because it could
lead to better methods for biocontrol and for mammalian parasite control through the
disruption or interruption of the reproductive cycle.
In conclusion, we have improved the S. carpocapsae genome from 1,578 to 16
scaffolds and identified its X chromosome. A macrosynteny analysis found that
chromosome X is orthologous to C. elegans and P. pacificus chromosomes II and IV.
Our results point to a conserved region of chromosome X among the three species. We
also found catalytic activity differences between adult females and males. Further
analysis will be required to assess the role of female adults in EPN infection and
regulatory relationships of male development. Lastly, we believe the improved genome
of S. carpocapsae will advance the field of comparative nematode genomics and allow
for the mining of new insights in the evolution of nematode parasitism.
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2.6 Figures

Figure 2.1. Identifying the X chromosome in S. carpocapsae.
(A) Illumina sequencing of females (orange) and males (blue) shows coverage in order
of longest to shortest for scaffolds >1 Mb, in which scaffold 0 is chromosome X. (B)
Gene density calculated for 100 kb intervals. (C) GC content for every 100 kb with a
sliding window of 1 kb. (D) Number of repeats per 100 kb.
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Figure 2.2. Macrosynteny between S. carpocapsae and C. elegans.
C. elegans one-to-one orthologous genes had their position predicted in the
S. carpocapsae assembly. Each rectangle represents the fraction of C.
elegans genes present per 500 kb window in S. carpocapsae. Red rectangle
indicates no synteny.
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Figure 2.3. Macrosynteny between S. carpocapsae and P. pacificus.
P. pacificus’ one-to-one orthologs genes had their position in the S. carpocapsae
assembly. Each rectangle represents the fraction of P. pacificus genes present
per 500-kb window in S. carpocapsae. Red rectangle indicates no synteny.
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Figure 2.4. Protease expansion in S. carpocapsae.
(A) Location of metalloprotease genes on S. carpocapsae scaffolds. Darker bands
represent gene overlap or gene clusters. Red bands represent venom componentencoding genes. (B) Location of serine proteases on S. carpocapsae scaffolds.
Darker bands represent gene overlap or gene clusters. Red bands represent
venom component-encoding genes. (C) Maximum-likelihood phylogenetic tree of
metalloproteases in S. carpocapsae and their orthologs in C. elegans (highlighted
yellow) using a bootstrap support of 100 replicates. Gene names highlighted in red
represent genes encoding metalloprotease venom components. (D) Maximumlikelihood phylogenetic tree of genes encoding serine protease venom
components in S. carpocapsae and their orthologs in C. elegans (highlighted
yellow) using a bootstrap support of 100 replicates. Gene names highlighted in red
represent venomous serine protease.
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Figure 2.5. Gene expression profiling of S. carpocapsae development in 11
embryonic stages and 11 post-IJ development.
(A) Heatmap showing 26,761 genes with minimum of 1 transcript per million
(TPM). (B) Volcano plot of 12,461 differentially expressed genes with minimum
of 1 TPM, between male (blue) and female (orange) and representative GO
terms. (C) Principal Component Analysis of all genes expressed in embryos and
during an activation time course. Developmental stages are separated from
major life stages (IJ, adults) by PC3.
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Figure 2.6. Catalytic activity in female and male adults.
(A) Heatmap of late-stage development and adult males and females for all
the genes that are highly expressed in females and males. (B) Representative
GO terms from males from highly shown in heatmap. (C) Representative GO
terms for females from genes highly expressed in heatmap.
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Figure 2.7. Representative GO terms for PC3 positive and negative rotation
values.
(A) Representative GO terms for positive value genes (blue). (B) Representative
terms for negative values genes (pink).
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Figure 2.8. Genome assembly workflow and BUSCO results for S.
carpocapsae genome.
(A) An overview of the pipeline used for genome assembly and a brief
description of how annotation were generated. (B) The pie chart illustrates
BUSCO for completed (green), fragmented (blue) and missing (yellow) genes
compared to the 982 genes of Nematoda.
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2.6 Tables
Table2.1.
S1. S.
size
andand
theirtheir
respective
number
of genes.
Table
S. carpocapsae
carpocapsaescaffolds'
scaffolds’
size
respective
number
of genes
Scaffolds names

Size (bp)

Number of genes

Chromosome X

20,922,283

6,776

Scaffold 1

10,667,315

4,178

Scaffold 2

7,849,269

2,985

Scaffold 3

7,362,381

2,988

Scaffold 4

6,281,995

2,258

Scaffold 5

5,918,336

2,075

Scaffold 6

4,503,743

1,813

Scaffold 7

4,445,334

1,594

Scaffold 8

4,020,605

1,373

Scaffold 9

3,654,988

1,471

Scaffold 10

3,583,767

1,503

Scaffold 11

1,806,464

724

Scaffold 12

1,744,715

588

Scaffold 13

1,168,849

426

Scaffold 14

375,282

133

Scaffold 15

207,283

72
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Table 2.2. Orthologs of C. elegans sex determination genes in S. carpocapsae
Table S2. Orthologs of C. elegans sex determination genes in S. carpocapsae.
C. elegans gene ID
fem-1
fem-2
fox-1
laf-1
mab-3
mag-1
sea-2
sel-10
sex-1
fog-1
tra-3

C. elegans wormbase
gene ID
WBGene00001411
WBGene00001412
WBGene00001484
WBGene00002244
WBGene00003100
WBGene00003123
WBGene00004751
WBGene00004767
WBGene00004786
WBGene00001481
WBGene00006606

S. carpocapsae
one:one ortholog
g4309
g19092
g3758
g15046
g6785
g26993
g2451
g28368
g4210
g4059
g14457

sdc-1

WBGene00004745

N/A

her-1

WBGene00001842

N/A

fem-3

WBGene00001413

N/A

mog-1

WBGene00003389

N/A

tra-1

WBGene00006604

N/A

gld-1

WBGene00001595

N/A

mog-4
mog-5
fbf-1
fbf-2
fog-2
fog-3
nos-3
sdc-2
sdc-3
tra-2
xol-1

WBGene00003392
WBGene00003393
WBGene00001401
WBGene00001402
WBGene00001482
WBGene00001483
WBGene00003785
WBGene00004746
WBGene00004747
WBGene00006605
WBGene00006962

N/A

a. Best match according to phylogenic analysis
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S. carpocapsae
1:many orthologs
N/A
N/A
N/A
N/A
N/A
N/A
N/A
N/A
N/A
N/A
N/A
g22247, g22250,
g29699a
g22333, g27950a,
g27951
g30442, g4428a
g12209,g18311a,g18624,
g24051, g2524
g4428a, g30442
g731a, g709, g16329,
g16349, g16347
g12209, g18311,
g18624, g24051, g2524a

g11152

N/A

N/A
N/A
N/A
N/A
N/A
N/A
N/A

N/A
N/A
N/A
N/A
N/A
N/A
N/A

2.7 Materials and Methods
2.7.1 Axenic S. carpocapsae culture
S. carpocapsae infective Juveniles (IJs) were cultured on Xenorhabdus nematophila
colonization defective mutant (HGB315) bacteria to produce axenic IJs. The IJs were
first cultured in vivo in Galleria mellonella (waxworms) and surface sterilized47. X.
nematophila bacteria (HGB315) were cultured in tryptic soy broth (cat. No. A00169, BD
Scientific) and shaken at 220rpm in a 26°C incubator overnight. Cultures were plated on
lipid agar (LA) plates (8 g/L of nutrient broth, 5 g/L of yeast extract, 2 g/L of MgCl2, 7
ml/L of corn syrup, 4 ml/L of corn oil, and 15 g/L of Bacto Agar), using 600μL of culture
per plate. Approximately 300,000 IJs were plated across 20 lipid agar plates (~15,000
IJs/plate) seeded with lawns of Xenorhabdus nematophila. Axenic IJs were collected
from LA plates after 2-3 weeks by placing the LA plates in larger petri plates filled with
DI water. The IJs were collected from the DI and surface sterilized47. IJs were stored in
Ringer’s solution in tissue culture flasks at a density < 15 IJs/μL until enough IJs (~2
million) were collected for the DNA isolation.
2.7.2 PacBio DNA isolation
Sucrose float to remove dead IJs and bacterial contamination. Axenic IJs stored in the
tissue culture flasks were transferred to conical tubes, spun down, and washed 3x with
DI water. IJs were re-surface sterilized by adding 7.5 mL of distilled (DI) water to the worm
pellet and 7.5 mL of egg solution (3 mL DI water, 4.5 mL 1 M NaOH, 2.5 mL of fresh
Clorox bleach) and incubating for 5 min. The egg solution was immediately removed, and
the IJs were rinsed 3 times by centrifuging at 2000 rpm for 1-2 min and then suspended
in 7 mL of molecular grade water. 7 ml of cold 60% sucrose was added, and the sample
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was mixed and spun at 50x g (630 rpm/660 rpm) for 1 min at 4°C, and then immediately
at 1150x g (3000 rpm /3180 rpm) for 3 min at 4°C. The live IJs were collected from the
top layer and transferred to a sterile conical tube and washed 3x (centrifuging at 1650g
(3600 rpm / 3810rpm) for 5 min) with molecular grade water.
Grinding of the IJs with a mortar and pestle in liquid nitrogen to break nematode cuticles.
A mortar, pestle, and four ultracentrifuge tubes were wrapped in aluminum foil and
autoclaved for at least 20 min at 121°C. The cleaned IJs were added to the autoclaved
mortar and liquid nitrogen was poured into the mortar and ground with the pestle until the
liquid nitrogen evaporated. IJs were ground for 10 min adding liquid nitrogen as needed.
The ground powder was transferred into a 50mL conical tube on ice.
IJ cell/tissue lysis and protein and RNA digestion. In a 15 mL conical, 9.5 mL Qiagen
Buffer G2 from the Genomic DNA Buffer Set (Cat. No. 19060, Qiagen), 19 μL RNase A
(100mg/mL; Cat. No. EN05231, Thermo Fisher) and 375 μL of proteinase K (> 800miliabsorbance units (mAu), Cat. No. P4850-5ML, Sigma-Aldrich) were mixed, added to the
ground IJ sample, and incubated at 50°C in a water bath for 3-4 hours until the lysate was
clear. After incubated the sample was spun down at 5,000x g for 10 min at 4°C to separate
out any particulate matter that can clog the genomic tip column. The supernatant was
transferred to a clean 15 mL conical tube.
Genomic DNA measurements. The total amount of genomic DNA was measured with the
Qubit fluorometer to determine which genomic tip size to use. We used the 100G
genomic-tip because we had between 80-100 μg of gDNA.
Genomic-tip protocol. A 100G Qiagen Genomic-tip (100/G) was equilibrated with 4 mL of
Buffer QBT. Separately, the DNA sample was diluted with an equal volume of buffer QBT
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and vortexed for 10s at maximum speed and immediately applied to the equilibrated
genomic-tip. The following steps of the genomic-tip were followed according to the
manufacturer’s instructions, except that the ethanol and isopropanol precipitation
centrifugation steps were performed at 10,000x g for 45 min each. The DNA was eluted
in EB buffer overnight at 55°C. The DNA was sheared using 10 pumps of a blunt 24gauge needle followed by 10 pumps using a blunt 21-gauge needle. The gDNA
concentration, absorbance ratios, and fragment size range were determined before
SMRT-bell library preparation.
2.7.3 S. carpocapsae genome assembly
The S. carpocapsae genome was assembled with Illumina reads and PacBio reads.
Then, further improved in contiguity with BioNano genomics Iris system. Previously
published Illumina libraries were assembled into high quality contigs using the Platanus
(version 1.2.4) command platanus assemble with a k-mer size of 51 (-k 51) and a
minimum k-mer coverage cut-off of 5 (-c 5) 17,48. Then, we sequenced six SMRT cells on
the PacBio RS II and obtained a total of 500,026 reads (616,611 sub reads) with a N50
read length of 18,308 bp and a mean subread length of 13,036 bp. This translated to
76.8X PacBio read coverage of the 85 Mb genome. All PacBio reads (76.8X genome
coverage) were used with the PBcR pipeline into a self-assembly (PB assembly)49,50.
Then, a hybrid assembly was assembled using the longest error-corrected PacBio
reads that provided 25X coverage of the genome, which was output from the PBcR
pipeline, with the Illumina assembly. The hybrid assembly was generated using the
following DBG2OLC parameters: k 17, KmerCovTh 10, MinOverlap 100, AdaptiveTh
0.02, PathCovTh 3, RemoveChimera 1. The hybrid assembly and self-assembly was
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corrected for errors and chimeras using the Illumina and PacBio reads with quiver from
the smrtanalysis package from PacBio (version 2.3.0p5) and subsequently Pilon
(version 1.16)51. ). Lastly, the PB-assembly and hybrid assembly were merged with
quickmerge and MUMmer (version 3.23) using the default settings to generate a
merged assembly49,52.
BioNano: DNA was extracted from S. carpocapsae Infective Juveniles (IJs) using the
Animal Tissue DNA Isolation kit (Bionano Genomics). Bionano Irys optical data was
generated and assembled with IrysSolve 2.1. We then merged the Bionano assembly
with the merged assembly using IrysSolve, retaining Bionano assembly features when
the two assemblies disagreed (Fig.8). The new S. carpocapsae genome assembly also
went through Haplomerger to create an assembly with minimum possible number of
haplotypes. First, the assembly was softmasked with Windowmasker (version 2.2.22)53.
Next, the softmasked genome was cleaned using the faDnaPolishing.pl script provided
by HaploMerger254. Then, the longest 5% of the genome was used as a target and the
remaining 95% was used as a query for alignment with Lastz, which created a score
matrix. The alignment threshold was kept at 95% to best identify heterozygosity. Lastly,
the S. carpocapsae ALL strain was compared to the Breton strain through
genomeevolution.org using synmap function with default settings22.
2.7.4 de novo developmental transcriptome assembly with Oases
Smartseq2 RNA-seq datasets spanning 16 developmental stages (zygote, 2-cell, 4-cell,
8-cell, 24-44-cell, 64-78-cell, comma, 1.5-fold, 2-fold, moving, L1, nonactivated IJ, 9-15h
activated IJ, L4, male, and female) in replicates of 2-4 were assembled into stagespecific transcriptomes using Oases 0.2.8 and Velvet 1.2.10. Stage-specific
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transcriptomes were assembled using different kmer sizes from 22-35 in steps of 2, and
then merged into a final assembly. The merged final transcriptome assemblies were
compiled into a single fasta file to use for gene model prediction.
2.7.5 Genome annotation training and prediction with Augustus
539 S. carpocapsae genes sequences that matched 458 C. elegans CEGMA genes
(OrthoMCL) were used together with de novo assembled stage-specific transcriptomes
to automatically train Augustus gene model exon and intron prediction55. C. elegans
UTR models provided by Augustus were used for predicting the S. carpocapsae UTRs.
A compiled set of de novo assembled stage-specific transcriptomes (from above) was
mapped onto the merged genome using Blat version 36 with the following settings: maxIntron=70000 –minScore=100 -minIdentity=94. The best alignments were taken
using the command pslReps with the setting: -singleHit, and were then sorted and
converted into hints file for Augustus using blat2hints.pl from Augustus (version 3.2.1).
2.7.6 Assessing genome assembly completeness with Benchmarking Universal
Single-Copy Orthologs (BUSCO)
Genome completeness was checked with BUSCO v3 software with default settings for
genome and using near-universal single-copy orthologs selected from OrthoDB v9
nematoda_odb956. Nematode_odb9 has 982 groups for which 854 groups were found in
the S. carpocapsae assembly, which is an 87% completeness (Fig.8B)
2.7.7 S. carpocapsae female and male DNA collection
IJs were cultured with X. nematophila for approximately 54 hours to collect 100 males
and 62 hours to collect 50 females. Female and male DNA were extracted with DNeasy
blood and Tissue kit (Qiagen Cat No. 69504). The DNA of females and males were
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processed following the steps F through J from protocol of Serra et al., 2018. Briefly,
DNA was tagmented using the Nextera DNA library prep kit (Illumina, FC-121-1030).
Then, tagmented DNA was amplified using Phusion High Fidelity PCR master mix with
the amplification program set to 1) 72°C 5 min. 2) 98°C 30 sec. 3) 98°C 10 sec, 63°C 30
sec., 72°C 1 min. (repeat 10x). 4) 4°C Hold. PCR samples were cleaned with Ampure
XP beads with a 1:1 ratio, concentrations measured with Qubit fluorometer and
bioAnalyzed with Agilent 2100 Bioanalyzer. Libraries were prepared and sequenced as
paired-end, 43 base pair reads on the Illumina Nextseq 500.
2.7.8 Genome analysis
To calculate coverage of genome for male and female, first, S. carpocapsae genome
was indexed with bowtie (version 1.0.0)57 and DNA reads were mapped to the genome
with the following options: -X 1500 -a -v 2 --best --strata –S. Bam files were used to
calculate coverage using DeepTools2 (version 3.1.1) with default settings for 100 kb58.
Next, gene density was calculated and graphed with GenomicFeatures (version 3.8)
and KaryoploteR (version 3.8) packages for R/ Bioconductor59,60. GC content was
calculated with perl script GC-content-in-sliding-window using default settings for 100-kb
windows61. Number of repeats were calculated with RepeatModeler (version 1.0.8) and
RepeatMasker (version 4.0.7) using default settings62.
2.7.9 Orthology analysis
Orthologs were determined across S. carpocapsae and C. elegans, and S. carpocapsae
and P. pacificus by blasting the longest protein sequence for each gene using
OrthoMCL (version 1.4) with the default settings63. Protein sequences were downloaded
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from WormBase Parasite for C. elegans (version PRJNA13758) and P. pacificus
(version PRJNA12644).
2.7.10 Protease identification, location, and phylogeny
Protein sequences for the new S. carpocapsae genome were aligned to the MEROPS64
database using command-line BLAST65. An additional analysis was done by Neil
Rawlings using a custom pipeline to search our genome against the MEROPS
collection. Matches with e-value greater than 1xe-10 were kept. Locations for serine and
metalloprotease genes were obtained from GTF files. Plots for gene locations and
clusters were done using ggplot2. Sequences for orthologs in C. elegans were obtained
as mentioned above to generate phylogenetic trees for serine and metalloproteases.
Genes were aligned in MEGA7 using MUSCLE and a maximum likelihood tree was
done using bootstrap support of 100 replicates.
2.7.11 RNA-sequencing of S. carpocapsae time-course, male, and female
To collect RNA for the time-course, S. carpocapsae IJs (~10,000) were cultured with X.
nematophila in a lipid plate for each allotted time: 3, 6, 9, 12, 15, 24, 36, 48 hours,
female and male. The nematodes were washed from the plate into a 1.5mL eppendorf
tube and subsequently washed 2 times with Ringer’s and 3 times with HyPure water.
Then, S. carpocapsae single nematode transcriptome sequencing was performed
according to Serra. et al., 2018. Briefly, a single nematode was picked, transferred to a
PCR tube and cut with a 25-gauge needle. Then, 2 µl of lysis buffer (for recipe see
Serra et al., 2018) which has RNase inhibitor and proteinase K was added to the tube
and incubated at 65 oC for 10min, 85 oC for 1min. Immediately after, 1 µl oligo-dT VN
primer and 1 µl dNTP was added to the tube and incubated at 72 OC for 3min. After the
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incubation period samples were reverse transcribed and PCR amplified according to
Serra et. al. After PCR, samples were cleaned with Ampure XP beads, concentrations
measured with Qubit fluorometer and bioanalyzed with Agilent 2100 Bioanalyzer to
check for cDNA quality. If samples had a good BioAnalyzer profile, they were
tagmented with Nextera DNA Library Prep Kit, amplified with adapters and sequenced.
2.7.12 RNA-seq analysis of time course, embryos, female and male
S. carpocapsae genome was indexed with a GTF file via RSEM (version 1.2.25) using
the command rsem-prepare-reference66. Embryo data were downloaded from NCBI
GEO datasets according to Macchietto et. al. 2017 (GSE86381).Unstranded, paired-end
43 bp RNA-seq reads for each worm were mapped using bowtie57 (version 1.0.0) with
the following options: bowtie -X 1500 -a -m 200 -S -p 8 --seedlen 25 -n 2 -v 3. Gene
expression was quantified with RSEM (version 1.2.25) with the command rsemcalculate-expression. For all analyses, gene expression was reported in Transcripts Per
Million (TPM).
The TPM generated by rsem-calculate-expression for S. carpocapsae samples were
normalized according to groups using the R package limma because samples were
collected, processed and sequenced in different batches67. ). For all RNA-seq analysis
genes were kept if reached a minimum of 1TPM for three replicates. For heatmap, gene
expression was mean-centered, normalized, and hierarchically clustered with Cluster
3.0 and visualized using Java Treeview68. ). Differential gene expression was
determined using edgeR69. Genes were considered differentially expressed if the FDR <
0.05 and log2(fold change) > 2. Gene ontology enrichment analyses was calculated
using Blast2GO70 fisher’s exact test and considered statistically significant if FDR <
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0.01. List of genes used in Blast2GO were differentially expressed according to edgeR
or dynamically expressed according to maSigPro.
2.7.13 Data availability
This Whole Genome Shotgun project has been deposited at DDBJ/ENA/GenBank
under the accession AZBU00000000. The version described in this paper is version
AZBU02000000. RNA-seq reads and gene expression tables were submitted to Gene
Expression Omnibus (GEO) under the accession number [GSE127823].
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CHAPTER 3

Comparative Transcriptomics of heads and tails between Steinernema
carpocapsae and Caenorhabditis elegans
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3.1 Abstract
Entomopathogenic nematodes (EPNs) are parasitic nematodes that can efficiently kill
insects, with Steinernema carpocapsae being the most studied EPN. Although the
Steinernematidae family has been widely studied for insect infection and mutualism and
their commercial applications are already established, little is known about the patterns
of gene expression in heads and tails of adults and infective juveniles (IJs) or how these
compare to expression in the model organism Caenorhabditis elegans. Although
comparisons between Steinernema and Caenorhabditis demonstrate morphological
similarities such as shape and morphology of the body, Steinernema is larger
than Caenorhabditis and has a distinct gonad and nervous system. In addition to
morphological differences, C. elegans is hermaphroditic, while S. carpocapsae is
gonochoristic. While males of both S. carpocapsae and C. elegans have an additional
set of neurons in the lower tail region that control mating behavior, the tail morphology is
very distinct, in which S. carpocapsae males have a pronounced spicule and lack the
fan-shaped tail found in C. elegans. We performed the first comparative analysis
between the heads and tail regions of S. carpocapsae and C. elegans IJs/dauers and
young adults using single-worm RNA-seq. We have found that male tails of S.
carpocapsae have divergent gene expression when compared to C. elegans. We also
found that S. carpocapsae females and males are enriched for metabolic activity,
and C. elegans hermaphrodites and males for neuronal activity. This study is one of the
first comparative transcriptomic analyses of body parts between distantly related
species of nematodes and provides insight into both the highly conserved and
genetically distinctive characteristics of both species.
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3.2 Introduction
Nematodes are a diverse group of metazoans divided into 12 clades, including
both free-living and parasitic species, which inhabit nearly every known biological niche
on the planet 1,2. Nematodes have been studied for their diversity, their roles as
meiofauna in many ecosystems, the evolution of parasitism within the phylum, and
parasitic infections in plants, animals, and humans alike3–6. The study of nematodes has
provided insights into the fundamental human genetic and molecular functions, potential
application as biocontrol, and agricultural impact 7–9. Despite their extremely high level
of diversity and abundance on the planet, while some nematode clades are
exceptionally well characterized through individual and comparative study, others have
been significantly less explored and have a high potential for insight into nematode
evolution, parasitism, and development as a complementary biological model.
One nematode genus, which is primarily studied for its biological control
capabilities, is Steinernema. The Steinernematidae family consists of
Entomopathogenic Nematodes (EPNs) that efficiently infect and kill insects. EPNs are
obligate insect parasites, and for that reason, they have been used for biocontrol for
many insect pests10. EPNs can only infect and kill an insect during their infective
Juvenile (IJ) stage. IJs are characterized by a stop in development where the nematode
can survive outside of a host for months and is equivalent to the dauer stage in C.
elegans. EPNs such as Steinernema feltiae and Steinernema carpocapsae can be
bought commercially as organic alternatives to pesticides and are known as beneficial
nematodes11. In addition to biocontrol, EPNs have also emerged as a model organism
for mammalian parasites12. While human pathogens are more dangerous and
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challenging to maintain in a lab setting, EPNs are an advantageous alternative from
which we can safely learn more about parasitic mechanisms and behaviors.
Within the Steinernematidae family, S. carpocapsae serves primarily as a
beneficial nematode but has the potential to reveal conserved mechanisms across
EPNs and mammalian parasitic nematodes 12. S. carpocapsae is gonochoristic, having
distinct males and females. The adult male has a tail with an evident spicule for mating
and gonads that follow the same formation pattern of C. elegans males13. On the other
hand, the adult females are larger than the males by at least 3 times and have variability
in gonad arm migration 13,14. Where not much is known about female and male adults,
IJs have been extensively studied and provided insightful information into EPNs’ venom
production and its mutualistic bacteria, Xaenorhabditis nematophila, that is dispensable
for infections15,16,17. Transcriptome comparison between S. carpocapsae and S.
feltiae discovered a shared set of core venom proteins and led to a study of highly
conserved FMRFamide-like peptides, found in C. elegans, that was revealed to be
essential for sensory perception in S. carpocapsae12,18. S. carpocapsae adult females,
males, and IJs offer important insight into parasite development, including anatomical
structures that are important for parasitism, development inside the host, and mating.
C. elegans is an excellent model organism for comparison, proving useful into
obtaining insights into S. carpocapsae IJs and adult transcriptomes. C.
elegans’ genome, interactome, and transcriptome paved the way for comparative
analysis with closely related species such as Caenorhabditis briggasae and distantly
related species such as Pristionchus pacificus and Toxocara canis19–22. Comparisons
between closely related species offered insights into genetic variation in selfing and
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population genetics, while comparative analyses between distantly related species
revealed conserved developmental and transcriptional programs for C. elegans dauer
related genes in P. pacificus21. Additionally, the same dauer related genes in C.
elegans are essential for development and mammalian host migration in T. canis22.
Ultimately, comparative analysis of C. elegans to other species has provided valuable
information for population genetics, gonad development, genetic variation, and
conserved developmental processes across multiple nematodes clades and genera.
Here, we report a comparative transcriptome analysis between C. elegans young
adult male, young adult hermaphrodite, and dauer to S. carpocapsae young adult male,
young adult female, and IJ stages. To further understanding of anatomical structures in
development, we analyzed the head and tail, as well as the whole animal. To perform
the transcriptome analysis, we used single nematode RNA-sequencing and obtained a
high resolution of gene expression23. This study is the first to analyze region-specific
transcriptomic differences across distantly related nematode species.
3.3 Results
3.3.1 S. carpocapsae female and C. elegans hermaphrodite early adult stage
morphology
To further characterize morphological differences between adult S.
carpocapsae and C. elegans nematodes, we first imaged early stage adult S.
carpocapsae females and C. elegans hermaphrodites and S. carpocapsae and C.
elegans males’ side by side (Fig. 3.1). The S. carpocapsae first generation early adult
stage female is approximately 3-3.5mm in length with a characteristic slightly rounded
anterior head region and a blunt dome-shaped tail with no visible short spine tip14. While
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eggs are visible along the primary anterior length of the nematode, the vulva of the firstgeneration female is not visible in the image. First generation S. carpocapsae females
are typically between 2.8-5.16mm in length with an average length of 3.68mm and
some rare giant forms existing as large as 10mm14. For accurate morphological
comparison, a C. elegans early adult stage hermaphrodite was imaged beside the
adult S. carpocapsae female calling to attention their size and body shape differences
including S. carpocapsae females’ considerably more substantial size and comparably
conical body and dome-shaped rather than the tapered tail.
3.3.2 S. carpocapsae and C. elegans male early adult stage morphology
We also imaged early adult stage S. carpocapsae and C. elegans males to
further characterize morphological differences, including visible reproductive structures,
overall body size, and shape. The first-generation S. carpocapsae male imaged is
approximately 1.25-1.40mm in length markedly smaller than the female with a slightly
rounded head and tail regions and with a visible slightly-curved spicule in the posterior
tip of the tail. Typically, first generation S. carpocapsae males have a length between
1.09-1.71mm with an average of 1.45mm. Like the female, the S. carpocapsae male
was also imaged beside a C. elegans male, which is notably thinner than the S.
carpocapsae male (Fig. 3.1). The male’s length difference was not considerable than
that of the females, with the C. elegans male being much smaller. Along with the
difference in length and width, the S. carpocapsae tail was also considerably rounder
with the visible internal spicule at the end, lacking the signature fan shape of the C.
elegans tail.
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3.3.3 C. elegans region-specific transcriptomic analysis
We utilized the single nematode RNA-seq to perform the first region specific
transcriptomic comparison between C. elegans and S. carpocapsae. To perform this
comparison first, we collected triplicates of C. elegans whole worms, heads, and tails for
two stages: dauers, young adult hermaphrodites, and young adult males. Region
specific transcriptomic comparative analysis has been extensively studied in C.
elegans24,25,26, and thus offers a valuable platform to further our understanding of S.
carpocapsae young adult and IJ stages. We detected an average of 18,414 genes in
whole young adult hermaphrodites (at least one mapped read) and 19,425 genes in
whole young adult males, which is equivalent to 91% and 96% respectively, of genes
identified in bulk nematode sequencing previously done in the same stage27.
To validate our method of collection, we looked at region specific gene
expression in C. elegans. We used average TPM value in hermaphrodite head and
male head for the gene myo-2, a protein crucial for actin filament binding activity,
and flp-1, an FMRF-like peptide, which is expressed in the nerve ring28,29. As
expected myo-2 and flip-1 are expressed in the whole young adult hermaphrodite and
male, and both heads but not in the tails (Fig. 3.2A, B). For hermaphrodite tail-specific
expression egl-20, a tyrosine kinase part of the Wnt signaling pathway is found in the
whole young hermaphrodite, and tail but not in the head as expected30 (Fig. 3.2A).
Lastly, polycistine-1 (cwp-1), expressed by male-specific B type sensory neurons in the
head and tail, ins-31, insulin related and expressed in male gonad, and clec-207, C-type
lectin present in the vas deferens, are all found in the tail region of the male, except
for cwp-1 which as predicted is also expressed in the head of males (Fig. 3.2B)31,27,32.
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As anticipated, the expression of these genes corresponds to their anatomical
localization, therefore validating our method of collection.
To understand how this dataset could be compared to S. carpocapsae, we
performed a comparative analysis between C. elegans young adult hermaphrodite and
a young adult male. We found 8,334 genes that were characterized as differentially
expressed (DE) in at least one tissue between young adults, and young adults versus
dauers (counts per million (CPM) ≥ 2, FDR ≤ 0.05 and logFC ≥ 2). While whole young
adults, heads, and tails have distinct transcriptome profiles, sharing only a small
subgroup of genes (Fig. 3.3A). The comparative gene expression analysis of C.
elegans tissues revealed 2,217 genes enriched in whole young adult hermaphrodite and
877genes in whole young adult males (Fig. 3.3B). The biological process gene ontology
(GO) analysis for whole young adult hermaphrodites indicates terms involved in
morphogenesis (post-embryonic body morphogenesis, developmental processes, and
molting cycle), and body and cell wall composition (cell wall organization, extracellular
matrix, aminoglycan catabolic activity). Meanwhile, GO terms for whole young males
were enriched for neural related terms (neuropeptide signaling pathway, chemical
synaptic transmission, potassium ion transport, cell projection), reproduction (gamete
generation, cilium organization, phosphorus metabolic process) and catabolic process
(cellular, nitrogen compound, cellular aromatic compound) (Fig. 3.4). The GO analysis
for both sexes is related to young adult tissue that is in the process of finishing the
development of reproductive structures, which agrees with recent findings33.
To characterize region-specific gene activity, we compared young adult heads
and tails. First, we compared young adult heads and found that the young male head
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has 1,291 genes enriched while the young hermaphrodite head has 2,337 genes
enriched (Fig. 3.3C). GO terms for young hermaphrodite head were enriched for RNADNA processes (RNA modification, RNA processing, DNA repair, methylation, and
chromosome organization), development (embryo development, developmental
maturation) and response to the environment (detection of chemical stimulus involved in
sensory perception of smell, response to stimulus, G-protein coupled receptor signaling
pathway) (Fig. 3.3E). On the other hand, GO terms for males were enriched for
neurogenesis (nervous system development, inorganic ion transmembrane transport,
neurotransmitter transport, cell projection organization) and regulatory components
(regulation of pharyngeal pumping, regulation of stimulus, regulation of locomotion) (Fig.
3.3F). Hermaphrodite and male heads display neural terms and response to the
environment or stimulus as predominant GO terms. These results are as expected since
the pharynx is essential for food intake, motor control, isthmus peristalsis, and sensing
environmental cues34.
Lastly, we examined young adult tails to depict the ontology analysis
characteristic of C. elegans male tails. We found 527 differentially expressed genes in
the hermaphrodite tail in contrast to 956 genes in male tails (Fig. 3.3D). GO terms for
hermaphrodite tail were enriched for reproduction (reproduction, embryo development,
and gamete generation), cell cycle (chromosome organization, the establishment of cell
polarity, cell division, chromosome segregation), and RNA processing (Fig. 3.4E). GO
terms for male tail were enriched for neural responses (neuropeptide signaling pathway,
chemical synaptic transmission, potassium ion transport), metabolic process (Organic
cyclic compound metabolic process, cellular protein metabolic process, phenol85

containing compound metabolic process, phosphorus metabolic process), detection of
chemical stimulus involved in sensory of perception of smell and cilium organization (Fig. 3.4F). For hermaphrodite tails, part of the gonads included in the collection gives
raise to GO terms for reproduction. In comparison to males which, as expected, has
several neural terms which might be due to the cluster of neurons in the tails necessary
for reproduction.
To perform a comparative analysis of C. elegans versus S. carpocapsae, we
gathered region specific tissue and validated our method of collection. Comparative
analysis between young adult hermaphrodite and young adult male show significant
differences in genes that are enriched in each region. Young whole hermaphrodites are
developing all the structures for reproduction, while males are going through intense
metabolic processes and neuronal signaling. Young hermaphrodites' head and tail show
signs of reproductive development while responding to its environment. The same trend
also continues with young male head and tail, in which neurogenesis and metabolic
processes make up the vast majority of the GO terms. The enriched GO terms for the
neural activity for male head and tail might be due to male-specific neurons such as
cephalic male (CEM) neurons and mystery cells of the male (MCM) neurons in the
head35,36. In addition to mechanosensory and chemosensory neurons in the tail, which
are required for detecting the hermaphrodite, locating the vulva and coupling36–38. These
results show that we detect differences in gene expression between young adult
hermaphrodites and young adult males not only when the germline is included but also
in separate regions33. This data provides a base comparison for equivalent regions in S.
carpocapsae.
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3.3.4 Transcriptomic analysis between C. elegans dauer to young adults
In addition to examining the overall expression of differentially expressed genes
(DEGs) in young adults, we also used the RNA-seq data to compare C. elegans dauers
to young adults. The whole dauer transcriptome has a distinct set of genes that are
enriched in comparison to young adult hermaphrodite and young adult males (Fig.
3.3A). We found 664 genes enriched in dauers when compared to 929 genes in young
adult hermaphrodite (Fig. 3.5A). Biological GO terms for dauers included a response to
stimulus, signaling, and cell communication, as well as neural related terms (signal
transduction, neuropeptide signaling pathway, G-protein coupled receptor signaling
pathway) (Fig. 3.5B). GO terms for young adult hermaphrodites were enriched for the
molting cycle, immune system, and chemosensory behavior (Fig. 3.5C). We next
compared dauers to young adult males and found 2,761 and 1,001 genes DE
respectively (Fig. 3.5D). Biological GO terms for dauers were enriched for dormancy
process, regulation of dauer development, dauer entry, and neural related terms
(chemical synaptic transmission, G-protein coupled receptor signaling pathway coupled
to cyclic nucleotide second messenger, nervous system development) (Fig. 3.5E).
Meanwhile, male terms included gamete generation, regulation of growth rate, and
phosphorus metabolic process (Fig. 3.5F). Importantly, several GO terms indicate that
we indeed collected dauers. While females and males are going through development.
Taken together, these results show that young adult hermaphrodites and young
adult males share characteristics of developing nematodes33. On the other hand, dauers
have strong neurogenesis related terms compared to both young adults. These results
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support evidence that dauers go through morphological changes in re-wiring of the
nervous system, remodeling of dendritic arbors, and glia plasticity39–41.
3.3.5 Transcriptome analysis of S. carpocapsae young adults
We next performed the first comparative analysis between S. carpocapsae young
adults to acquire insights into region-specific expression. We collected triplicates of the
whole, head, and tail of young adult female and young adult males. The S.
carpocapsae genome has 30,956 genes, of which an average of 26,774 (86.5%) genes
detected in whole young females (at least one mapped read), and 28,830 (93.1%)
genes in whole young adult male42. For the young female head, we detected 75.6%,
and for the tail 76.1% of genes expressed. For the young male head we detected
92.1%% and for the tail 93.4%. Although there is no method of validation for S.
carpocapsae region specific expression, we checked the expression of orthologous
genes we used for validating C. elegans. Some of the genes are only found in the
Rhabditidae family such as spe-11, ins-31, and clec-207. We focused on the one-to-one
orthologs and found flp-1 (L596_g05249) to have high expression in the head and tail of
female, but only in the head of the male (Fig. 3.6A, B). For females, we found that pes-8
(L596_g03940), expressed in the alimentary system, epithelial system, and gonads, is
detected in the whole worm and tail similar to C. elegans. Interestingly, flp-3
(L596_g03561) is detected the highest in the head and tail similar to C. elegans.
However, egl-20 (L596_g05606) is found in the whole and tail of S. carpocapsae as is
in C. elegans (Fig. 3.6A). For males, most of the genes did not have one-to-one
orthologs. We found that spe-44 (L596_g014218), involved in regulating
spermatogenesis, is not expressed at the young adult stage. Lastly, spe-9
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(L596_g018160), expressed in the spermatid, is highly expressed in the whole
nematode and tail region of S. carpocapsae, resembling C. elegans expression (Fig.
6B). Although, the function of the genes discussed above are not known in S.
carpocapsae, characterizing their location provides insights into their function and
evolutionary conservation.
Next, we performed a comparative analysis between females and males with a
region-specific resolution of gene expression. We found 11,530 genes that were DE in
at least one region comparison (Fig. 3.7A). We established 2,327 genes enriched in
young male whole and 1,022 genes in young female whole (Fig. 3.7B). GO terms for
young female whole is related to neurogenesis (neuroepithelial differentiation,
mechanoreceptor differentiation), immunity-related terms (defense response, immune
response, immune system process), cell degradation (negative regulation of apoptotic
process, regulation of autophagy), and several metabolic processes (lipid metabolic
process, indole metabolic process, protein metabolic process), regulation of catalytic
activity and proteolysis (Fig. 3.8A). GO terms associated with young adult male whole
were enriched for sperm maturation (spermatogenesis, fatty acid transport, acid
secretion), sperm function (flagellated sperm motility, phosphorus metabolic process,
protein dephosphorylation, tyrosine metabolic process), regulation of biological quality,
and protein metabolic process (Fig. 3.8B). While the young adult males are preparing
themselves for reproduction, young females are going through intense metabolic
processes and regulation of catalytic activity.
We then looked at comparing heads between young adult females and males.
We found 3,051 enriched in the young adult female head compared to 1,686 in the
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young male head (Fig. 3.7C). GO terms of biological process for the young adult female
head were enriched for regulation of processes such as hydrolase activity and response
to stimuli. It also included DNA processes (DNA metabolic process, DNA integration,
chromosome organization), as well as cellular lipid process, response to external
stimuli, and skeletal system development (Fig. 3.7E). On the other hand, biological
process GO terms for young male head are related to different types of metabolism,
including sulfur compound, drug, carbohydrate, organophosphate, lipid, nitrogen
compound, and indole, additionally to negative regulation of catalytic activity, sex
differentiation, and regulation of anatomical structure size (Fig. 3.7F). Female and
male S. carpocapsae are both developing structures, signaling that development is not
complete yet. While females are responding to their environment, males are undergoing
intense metabolic processes.
We next identified the genes that were enriched in the tail of females and males.
Females have 1,355 genes enriched compared to 2,108 genes in males (Fig. 3.7D).
Biological GO analysis for female tail suggested terms related to positive regulation of
notch signaling, lipid storage, sensory perception of sound, and neural related terms
(neuropeptide signaling pathway, neuroepithelial cell differentiation) (Fig. 3.8C). The
vast majority of biological process GO terms for the young male head were related to
reproduction including spermatogenesis, flagellated sperm motility, tyrosine metabolic
process, phosphorus metabolic process, and acid secretion. It also included ribosome
biogenesis, response to a stimulus, and response to growth factors (Fig. 3.8D). For the
female tails, they are sensing their environment while developing. In contrast, males are
largely preparing themselves at the young adult stage for mating.
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The first comparison of S, carpocapsae young adult females to males revealed
that females are developing while males are forming reproductive structures. The
female whole and tail had several terms related to neuron formation and differentiation,
interestingly, tail projections found in the first generation of females in
the Steinernematidae family have yet to be characterized and might play a role in
neuronal activity detected in GO terms43. As expected, the female head is regulating
and responding to external stimuli, which agrees with the function of the pharynx34. In
the female whole, we also detect several metabolic processes and immunity related
terms which may be indicative of the intestine tissue44. In contrast, young adult males
are developing the structures and sperm needed for mating. The whole nematode,
head, and tail have GO terms related to reproduction. Lastly, the male head has several
metabolic processes related to hypodermis tissue44.
3.3.6 Transcriptome analysis of S. carpocapsae IJs to young adults
We next compared IJ whole nematode to young adult male and female to acquire
insights into reproductive structures, morphology, and behavior. In whole IJs we
detected 28,753 (92.9%) genes of which a subset of genes shared similar expression to
females and another subset to males (Fig. 3.7A). We then performed a comparative
analysis of whole IJs to whole young adult females and found 2,566 and 2,015 DEGs
respectively (Fig. 3.9A). Biological process GO terms for IJs had several related to
neural activity (synaptic vesicle cycle, neurotransmitter transport, chemical synaptic
transmission, neuropeptide signaling pathway), regulatory processes (regulation of
mesoderm, regulation of metabolic process, regulation of cellular process), signaling,
and response to odorant (Fig. 3.9B). GO terms for young adult females were enriched
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for metabolic process (phosphorus, protein, nitrogen), as well as embryo development,
reproduction, developmental process and negative regulation of catalytic activity (Fig.
3.9C). Next, we compared IJs to young adult males. We found 3,385 genes enriched in
IJs compared to 3,662 genes in young adult males (Fig. 3.9D). GO terms for IJs
included several metabolic processes (nitrogen compound, cellular aromatic compound,
drug), sleep, response to a stimulus, negative regulation of behavior, cell
communication, and neural terms (nervous system development, chemical synaptic
transmission, neuropeptide signaling pathway) (Fig. 3.9E). Meanwhile, young adult
male terms included developmental maturation, germ cell development, chemical
synaptic transmission, G-protein coupled receptor signaling pathway, in addition to
several metabolic processes such as tyrosine, organonitrogen, phosphorus, and
nitrogen (Fig. 3.9F). The terms for IJs were heavily geared towards neural related
processes, while females and males are going through development, and several
metabolic processes are involved for both young adults.
In summary, these results show that IJs are enriched for neural activity when
compared to young adult females and males. The enriched activity during this stage
correlates with host-seeking behavior and sensory responses45. On the other hand,
females and males are growing and developing reproductive structures. Each has
several metabolic processes some of which like phosphorus metabolism is important for
reproduction, while other compound metabolisms such as nitrogen are related to the
hypodermal tissue.
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3.3.7 Identifying orthologs between S. carpocapsae and C. elegans young adults
Using region-specific RNA-sequencing data to examine gene expression
patterns across species, we compared whole, head, and tail of C. elegans young adult
hermaphrodite and male to the equivalent of S. carpocapsae young female and male.
The transcriptomic comparisons provided insight into the similarities and differences of
signaling pathways and developmental processes shared between these two distantly
related species. The comparative analysis involved cross-species comparison within
equivalent sex (hermaphrodite versus female, male versus male) and region (head and
tail). First, we identified 6,136 one-to-one orthologs between S. carpocapsae and C.
elegans. Then, we took orthologous genes and performed a comparative analysis
between equivalent sex and region and found 2,732 genes were enriched in at least
one comparison across species (Fig. 3.10A).
Interestingly, 115 genes were lowly expressed (less than 1TPM) or not
expressed (0TPM) in any of the regions. GO terms for the 115 genes were enriched for
DNA and RNA activity, developmental processes, and neurogenesis (Fig. 3.10B). The
inactivity of these in young adults raised the question if the 115 genes were essential in
early development. Because the 115 genes were lowly or not expressed at all, we
hypothesized that the expression of these genes across previously sequenced 20
developmental stages would be higher than in adults42. Indeed, the expression of the
115 genes is divided between zygote to 4-cell, 8-cell to 3-fold, and L1 to 15 hours (Fig.
3.10C). We conclude that this gene set, which is shared between both species, is highly
conserved and invariably crucial for developmental processes from zygote to young
adults. This brings an important point that genes differentially expressed in a region93

specific manner in both species of S. carpocapsae and C. elegans will provide insight
into the developmental processes that are conserved in these two distantly related
species.
3.3.8 S. carpocapsae young adult female reveals contrasts in gene expression of
metabolic processes, neurogenesis and development compared to C. elegans
young adult hermaphrodite.
We next investigated each whole nematode and region-specific comparative
analysis between S. carpocapsae young female and male and C. elegans young
hermaphrodite and male to understand similarities and differences across each region.
Region specific analysis provides high-resolution of gene expression without amplifying
genes important for gonad development. Differential expression analysis uncovered 766
genes enriched in S. carpocapsae young female whole nematodes and 1,097 genes
in C. elegans young hermaphrodite whole nematodes (Fig. 3.11A). GO analysis
revealed terms that are similar between S. carpocapsae and C. elegans such as
locomotion, regulation of response to a stimulus, and developmental processes (Fig.
3.12A). The shared GO terms stem from different sets of genes being expressed at the
equivalent stage and region but are used for a similar function. The shared GO term
“developmental processes” in S. carpocapsae young females represents 113 genes which encompass pathways such as Wnt signaling (siah-1, kin-20)46,47 and several
genes categorized in angiogenesis (jnk-1, sem-5, mpk-1, let-60, pxl-1)48–52.The genes
that fell in the category of angiogenesis are important for C. elegans vulva
development53. The Wnt signaling genes are known to be part of linker cell type death54
(siah-1) and seam cell development46 (kin-20). On the other hand, we found 196 genes
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in C. elegans young hermaphrodite for the “developmental processes” term. The
pathways included Wnt signaling55 (ssl-1, egl-30, mom-2, lin-17, lin-44, cdh-3, cfz-2, lit1, fmi-1) in addition to genes categorized in angiogenesis56,57 (vps-34, aap-1). The vast
majority of the Wnt signaling genes are part of vulva development, while the genes in
angiogenesis are important for growth and lifespan determination53. Because gonad
development takes most of the tissue in a whole nematode, we expected many genes
to be related to vulva development.
Although the analysis between species had a few shared terms, S.
carpocapsae young female whole nematode and C. elegans young hermaphrodite
whole nematode had their own sets of unique GO terms. S. carpocapsae young female
whole GO terms were related to metabolic processes such as phosphorus, lipoprotein,
lipid, and organophosphate (Fig. 3.12A). In addition to these, we found functions
relating to tissue development (mesoderm development, animal organ development),
and sensory perception of a chemical stimulus. On the other hand, the 1,097 genes
enriched in C. elegans young hermaphrodites whole revealed functions relating to
neuronal signaling (neuropeptide signaling pathway, synapse organization, synaptic
signaling) and growth (tissue development, regulation of growth, molting
cycle and cuticle development) (Fig. 3.12A). S. carpocapsae terms are enriched for
metabolic processes, in contrast with C. elegans, which have intense neuronal activity.
Identical comparative analysis was then performed on the heads of females and
hermaphrodites to obtain a more explicit depiction of region-specific gene expression.
Head tissue of S. carpocapsae young females had 1,393 enriched genes and C.
elegans young hermaphrodites had 1,287 enriched genes (Fig. 3.11A). After the DE
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analysis, we looked into shared GO terms and found several, such as organophosphate
metabolic process, cell communication, chromosome organization, regulation of
developmental process, aging, and determination of adult lifespan (Fig. 3.11C) We
further looked into “aging” because of its extensive study in pathways such as
insulin/insulin-like growth factor-1 signaling (IIS) which first established lifespanregulating signaling pathway in C. elegans58. The “Aging” GO term represented 35
genes in S. carpocapsae female heads, which encompassed pathways such as TGFbeta Dauer pathway (daf-14, daf-7), famous for longevity in C. elegans, and the
gene ral-1 which is critical for cell-cell communication via exosomes59,60. We also found
36 genes associated with “Aging” in C. elegans hermaphrodite heads, which included
the Insulin/IGF pathway kinase B signaling cascade (daf-18, aap-1) and vps-34, all
which are essential for nematode longevity61,62. Apart from shared GO terms, S.
carpocapsae young female heads had unique terms associated with the nervous
system (nervous system development, chemical synaptic transmission, neurotransmitter
levels), metabolic activity (phosphorus metabolic process, organonitrogen compound
metabolic process) and terms relating to response to stimulus and reproductive
behavior. GO terms enriched in the C. elegans young hermaphrodite head showcased
functions relating to the determination of adult lifespan, reproduction, DNA metabolism,
response to stress, detection of chemical stimulus involved in sensory perception of
smell and detection of chemical stimulus. These results show that at equivalent stages,
both species share different genes related to aging, and S. carpocapsae female head
has a more pronounce metabolic and neurogenesis activity in contrast to C.

96

elegans hermaphrodite head, which is sensing the environment and determining its
lifespan.
We next contrasted the enriched genes in the tail region of S.
carpocapsae female and C. elegans hermaphrodite to understand the differences in
gene expression that correlates with tail function. Tail function in hermaphrodite is
unspecialized, but all the neurons in this region have been identified63. S.
carpocapsae young female tails expressed 717 genes compared to 635 genes in C.
elegans young hermaphrodite tails (Fig. 3.11A). GO biological process terms found to
be shared between tail stage-enriched genes included terms related to metabolic
process (organophosphate, cellular aromatic compound, phosphorus), vesicle-mediated
transport, regulation of biological quality, and sensory perception of chemical
stimulus (Fig. 3.12B). Among the shared terms in S. carpocapsae female tail, we found
“regulation of signaling” to have 32 genes, which encompassed pathways such as
fibroblast growth factor (FGF) and Wnt signaling pathway. The FGF pathway had genes
such as sos-1, important for RAS mediated developmental signal, tpa-164, involved in
axon regeneration, and ptp-265, necessary for muscle and vulva development. The Wnt
pathway had two genes: egl-30, involved in vulva development, and pry-1, important in
lipid metabolism66. However, in C. elegans, young hermaphrodite tails “regulation of
signaling” represented 39 genes, including sem-5, an epidermal growth factor part of
the FGF signaling pathway, and kin-20, a circadian clock gene part of the Wnt signaling
pathway67,68. We lastly looked at the terms unique to S. carpocapsae female tail that
displayed functions relating to metabolic processes (phosphate, lipid, phosphorus), and
cell signaling (Ras protein signal transduction, intracellular transport, regulation of cell
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communication). In contrast, different terms for C. elegans hermaphrodite tail were
associated with locomotion, regulation of locomotion, regulation of signaling,
reproduction, and neurogenesis (nervous system development and synapse
organization). These results suggest that S. carpocapsae female tail is enriched for
metabolic processes while C. elegans hermaphrodite tail had expected activity such as
locomotion and neurogenesis.
The comparison of S. carpocapsae female to C. elegans hermaphrodite reveals
contrasts in metabolic processes, neurogenesis, and development. S.
carpocapsae female whole, head, and tail are enriched for metabolic processes,
including lipoprotein and lipid protein, which in C. elegans has been extensively studied
concerning the regulation of fat and energy metabolism as well as starvation69,70. Both
species shared the GO term “developmental processes,” which encompassed several
genes essential for C. elegans vulva development. Another shared GO term was related
to “aging,” with numerous genes that have been identified in C. elegans, which
regulates its lifespan71. The genes that are differentially expressed in both species and
share a common function present interesting future questions about core genes
involved in development and aging in distantly related species.
3.3.9 S. carpocapsae young adult male reveals contrasts in gene expression of
morphogenesis, neural signaling and development compared to C. elegans
young adult males.
Comparative transcriptional analysis was also carried out between S.
carpocapsae young males and C. elegans young males with an emphasis on the
developmental process to characterize gene expression patterns. The young adult
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whole worm tissue comparison revealed 919 genes enriched in S. carpocapsae and
1047 genes enriched in C. elegans (Fig. 3.11B). The GO analysis had few shared terms
between species such as developmental process, regulation of locomotion, regulation of
response to a stimulus, and metabolic processes such as nitrogen compound and
organic substance (Fig. 3.12A). We further looked into the genes differentially
expressed in the term “developmental process” to acquire insights into biological
differences at the early adult male stage. For S. carpocapsae, the term represented 148
genes involved in several pathways. We found genes such as dcap-1, predicted to be a
decapping enzyme important for adult life span determination and nematode larval
development72. We also looked into pathways such as PDGF- signaling (gsk-3, let-60,
rsks-1), necessary for neural and glial development73–75.
In contrast, for C. elegans, the term “developmental process” had 151 genes.
Interestingly, the PDGF-signaling pathway was also present in the ontology analysis,
but with a different set of genes (ras-1, ets-4, vps-34), from which we can reiterate the
idea of similar pathways being conserved but used differently by each nematode stage.
We then focused on unique GO terms for each male species. For S. carpocapsae whole
young adult male, GO terms were associated with reproduction
(reproduction, Phosphorus metabolic process, regulation of reproductive process),
morphogenesis (mesoderm development, animal organ development, tissue
development, chitin metabolism), and metabolic activity (regulation of hydrolase activity,
organophosphate metabolic activity (Fig. 3.12A). On the other hand, GO analysis of the
genes enriched in C. elegans whole young adult males indicated functions relating to
the nervous system (nervous system development, synapse organization), neuronal
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signaling (neuropeptide signaling pathway, inorganic ion transmembrane transport,
regulation of neurotransmitter levels, chemical synaptic transmission), and reproductive
behavior (Fig. 3.12A). The comparison of both whole young adult males revealed that
they are developing structures for the nervous system, locomotion, and reproduction.
Despite this similarity, S. carpocapsae also has several metabolic activities, conversely
to C. elegans.
The same comparative analysis was then performed on the young adult male
heads between S. carpocapsae and C. elegans to further characterize a head-specific
transcriptional profile. Expression comparisons revealed 977 genes enriched in the S.
carpocapsae young adult male head, while 675 genes were enriched in the C.
elegans young adult male head (Fig. 3.11B). After the DE analysis, we looked at shared
biological process GO terms and found several such as developmental
process, response to stimulus and metabolic processes for nitrogen compound, organic
cyclic compound, macromolecule, and organic substance. Again, we looked at the
shared GO term “developmental process” for S. carpocapsae and C. elegans. For S.
carpocapsae young male head the term encompassed 155 genes involved in several
pathways, such as genes part of Notch signaling, sel-12, important for mesoderm
patterning and muscle function, and lin-22, involved in the patterning of the peripheral
nervous system in C. elegans76,77. Another well-studied pathway that came up was the
Wnt signaling pathway (egl-20, lin-44, cdh-3, siah-1, cwn-1, kin-20, spe-6) which, in C.
elegans, is an crucial morphogen that provides developing tissue positional information
and specify cell polarity and migration30,78. For C. elegans, the term “developmental
process” had 92 genes involved in pathways like integrin signaling (unc-97, emb-9, vps100

34, lam-2), important for cell-matrix interactions and a focus of studies of cell
invasion79,80. Apart from the several shared GO terms, S. carpocapsae young adult
male heads had different terms associated with development and morphogenesis
(tissue development, molting cycle, cell fate commitment, chitin metabolic process,
pattern specification process), reproduction and chromosome segregation (Fig.
3.11D). C. elegans young male heads GO terms suggested functions relating to
nervous system development, neuronal synaptic signaling (neurotransmitter transport,
vesicle-mediated transport in the synapse, regulation of neurotransmitter levels,
neuropeptide signaling pathway and synaptic signaling), and metabolic processes
(organophosphate, organonitrogen) (Fig. 3.11D). The male heads are finishing
development indicated by several genes in the Wnt pathway. Additionally, S.
carpocapsae is also preparing for reproduction, while C. elegans is focused on the
nervous system development and neural signaling.
Lastly, an identical comparative analysis was performed between the tail regions
to acquire insight into male specific structure and morphology. We identified 1,109
genes enriched in S. carpocapsae young adult male tails and 1,077 in C. elegans young
adult male tails (Fig. 3.11B). GO terms shared between the young adult male tails
included developmental process, detection of chemical stimulus involved in sensory
perception of smell, and cell component organization (Fig. 3.12B). Identically to the
previous comparisons, we looked into the shared GO term “developmental process.”
In S. carpocapsae, we found it to represent 181 genes and include several pathways
such as Wnt signaling with cfz-2, part of the frizzled family, and cwn-2, part of the five

101

Wnts, and both are involved in establishing cell polarity, cell migration, asymmetric cell
division, and determining cell fate81,82.
Additionally, we found swsn-1, part of the core SWI/SNF complex and vital for
determining C. elegans lifespan, and spe-6, which has serine/threonine kinase activity
involved in spermatid differentiation83,84. For C. elegans the “developmental processes”
GO term encompassed 186 genes and numerous pathways including muscarinic
acetylcholine receptor (egl-30, unc-17, tpa-1), which is an essential pathway for
responding to pathogens, neuromuscular function, and is involved in antimicrobial
peptide production expressed in the tail85–87. After the analysis of the shared GO term
“developmental process,” we then looked at GO analysis of the genes enriched in S.
carpocapsae young male tail. We found terms relating to morphogenesis
(Anterior/posterior pattern specification, embryo development and developmental
processes), DNA packaging (chromosome organization, chromatin organization,
chromosome segregation), and reproductive processes (phosphorus metabolic process,
reproduction) (Fig. 3.12B). Meanwhile, genes enriched for the C. elegans young male
tails were found to be involved in functions relating to locomotion, nervous system
development, cell organization and neuronal communication such as chemical synaptic
transmission, G-protein coupled receptor signaling pathway, coupled to cyclic
nucleotide second messenger, vesicle-mediated transport in synapse, and
neurotransmitter transport (Fig. 3.12B). As shown above, both species are
differentiating their tail structures and using the Wnt signaling pathway. S.
carpocapsae male tails show signs of morphogenesis and reproduction, while C.
elegans’ has intense neuronal activity.
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This is the first comparison between young adult males of distantly related
species, which reveals contrasts in morphogenesis, reproduction, and neuronal activity.
We investigated the region-specific GO term “developmental process” and detected the
presence of the Wnt pathway in S. carpocapsae, which correlates with the importance
of Wnt for development in C. elegans88. We also revealed reproductive processes
present in S. carpocapsae but not in C. elegans. Conversely, C. elegans has several
neural and developmental processes and neural communication-related terms when
compared to S. carpocapsae. The enrichment of go terms in C. elegans for neural
activity raises the question of the evolutionary conservation of neuronal genes among
distantly related nematodes.
3.3.10 C. elegans dauer transcriptome compared to S. carpocapsae IJ
We performed the first C. elegans dauer and S. carpocapsae IJ transcriptomic
comparison with region-specific resolution. First, we investigated the expression of the
6,136 one-to-one orthologs by implementing K-means clustering, in which cluster 1 and
cluster 2 are genes grouped by species, while cluster 3 displays the shared set of genes
across the two species (Fig. 3.14A). We then explored the differences between
whole S. carpocapsae IJs and C. elegans dauers to capture changes in gene
transcription that also occurs throughout the body. C. elegans whole dauers displayed
863 enriched genes, while S. carpocapsae whole IJs revealed 1289 enriched genes
(Fig. 3.14B). IJs and dauers shared GO terms such as tissue development, phosphorus
metabolic process, and developmental process. Within tissue development, S.
carpocapsae IJs were enriched for 25 genes, while C. elegans dauers showed
expression of 23 genes (Fig. 3.15A). Although IJs and dauers shared GO terms, we
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found different sets of genes involved in similar functions. For example, integrin
signaling, a pathway found under “tissue development” for both species, have different
sets of genes. S. carpocapsae IJs utilize arx-7, expressed in the hypodermis and linker
cell, rap-2, a GTPase necessary for collagen and cuticle development, and src-189, a
signaling tyrosine kinase required for cell migration. Differently, dauers express epi1, necessary for epithelialization of various tissues, arx-4, part of the Arp2/3 Complex
necessary for associative learning, and lam-2, laminin important for regulation of
locomotion90–92. We further investigated different GO terms for S. carpocapsae whole IJ
and found terms related to pseudouridine synthesis, RNA modification, RNA metabolic
processes, mesodermal cell fate specification, tissue morphogenesis, nucleoside
monophosphate biosynthetic processes, and organic substance biosynthetic
process (Fig. 3.15A). In contrast, biological processes GO analysis of C.
elegans dauers showed genes related to motor neuron axon guidance,
chemotaxis, axonogenesis, axonal fasciculation, neuron development,
neurogenesis, developmental process, and dauer entry (entry into diapause, dauer
larval development). Overall, S. carpocapsae IJ is going through RNA activity and tissue
specification, contrary to C. elegans dauer, who were enriched for neuronal activity.
The heads of both species were then evaluated to determine region-specific
gene expression. We compared S. carpocapsae IJ head to that of C. elegans dauers,
and we saw 1,011 genes enriched in IJs and 1,287 enriched in dauers (Fig. 3.14B). GO
terms shared between both species were heterocycle metabolic process, nitrogen
compound metabolic process, organic cyclic compound metabolic process, and
developmental process. In S. carpocapsae, further investigation of the shared
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“developmental process” GO term, which represented 128 genes, revealed pathways
relating to cytoskeletal regulation by Rho GTPase (arx-7, arx-6, unc-60, pfn-3) and
dopamine receptor mediated signaling (gsp-2, snb-1). In C. elegans, the “developmental
process” encompassed 233 genes, in which the p53 pathway (vps-34, atl-1, sir-2.1) are
essential for cell division, phagosome maturation, and dauer larval development56,93,94.
We further looked into different GO terms for S. carpocapsae IJ heads, which included
synaptic vesicle exocytosis, neurotransmitter secretion, neurotransmitter transport,
signal release, striated muscle cell development, and muscle structure
development (Fig. 3.13C). Conversely, C. elegans dauer heads yielded terms relating to
the regulation of sensory neuron axon guidance, regulation of cell differentiation,
neurogenesis, detection of chemical stimulus involved in sensory perception of smell,
and positive regulation of multicellular organism growth. Notably, high resolution of gene
expression of both S. carpocapsae IJ and C. elegans dauer heads displayed terms
enriched for neuronal activity and development.
Following the analysis of IJ and dauer heads, we next looked at gene expression
in their tails. Examining the differentially expressed genes, we found 971 genes
enriched in S. carpocapsae IJ tails and 1,258 genes in C. elegans dauer tails (Fig.
3.14B). GO terms that were enriched in both S. carpocapsae IJ tails and C.
elegans dauer tails include phosphorus metabolic process, muscle structure
development, and organophosphate metabolic process (Fig. 3.15B). The GO term
“muscle structure development” involved 17 genes in S. carpocapsae and 15 genes
in C. elegans. Under this GO term was the integrin signaling pathway, with unc-97,
emb-9, pat-3, and pat-4 being expressed in S. carpocapsae and let-60 expressed in C.
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elegans. We then looked at S. carpocapsae IJ tails’ unique GO terms, which included
anatomical structure development, developmental process, detection of stimulus, and
hemidesmosome assembly. C. elegans dauer tails yielded GO terms involved in dauer
larval development, positive regulation of developmental growth, motor neuron axon
guidance, axonogenesis, chemotaxis, response to an external stimulus, and sensory
perception. Overall, in S. carpocapsae IJ and C. elegans dauer tails, several GO terms
were describing metabolic and developmental processes.
In summary, the comparison between S. carpocapsae IJ to C. elegans dauer
reveals differences for growth and neurogenesis. S. carpocapsae IJs whole and tail had
several terms related to tissue growth and development, while in C. elegans, the same
tissues were enriched for neuronal signaling and activity. However, at the head, both
species shared neuronal activity and growth. Although C. elegans has been a model for
neuron function, much less is known about distantly related species, with the primary
assumption that it is highly conserved among clades 9-1295,96. However, S.
carpocapsae IJs have 40% more ventral nerve cord (VNC) neurons than C. elegans97.
This disparity in the numbers of VNC neurons in addition to the absence of neural terms
found between one-to-one orthologs can be a point of interest to identify genes that are
neural specific for S. carpocapsae IJ.
3.4 Discussion
Here we exploited the morphological similarities between C. elegans and S.
carpocapsae to understand region-specific gene expression. From both species, we
collected and sequenced heads and tails as well as the whole worm. We chose two
stages of development in S. carpocapsae, young adults and IJs, to compare to
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equivalent stages in C. elegans. We gathered a total of 18 sample types, with 12 of
those being region specific and 6 being the whole worm. First, we validated our data by
looking at the expression of well-known region-specific genes in C. elegans and then
performed a comparative analysis within C. elegans young adult hermaphrodite to
male33. We found that hermaphrodites were developing reproductive structures in
comparison to males, which had an increased metabolic and neuronal activity. The
region-specific comparison demonstrated that we could detect differences in the worm
in the absence of the gonads.
Next, we performed the first region-specific comparative analysis within S.
carpocapsae young adults. We found that the female tail is enriched for neural
development, and the head is regulating stimuli and sensing the environment. The
enrichment in the tail region for neural activity in the first generation of S.
carpocapsae female is a new finding as neural activity in the tail is generally a focus
in C. elegans males98,99. Within the Steinernematidae family, first generation females
have unique tail projections, but there is no knowledge of neural activity in the tail, and if
it is associated with reproduction or parasitism43. In contrast to females, S.
carpocapsae male is developing structures for mating and also has heightened neural
activity in the tail region. Lastly, we compared the young adults to IJs and found
enrichment in neurogenesis in IJs, which might correspond to host seeking behavior
and sensory responses45. The first comparative analysis within female and male young
adults reveals transcriptomes of regions differ from one another and IJ, highlighting the
importance of studying the profiles of all developmental stages.
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Given all the data provided, we analyzed the transcriptomic differences
between S. carpocapsae and C. elegans. The comparison between S.
carpocapsae female to C. elegans hermaphrodites revealed genes enriched in S.
carpocapsae female for energy regulation, fat storage, and several genes essential for
vulva development. S. carpocapsae male compared to C. elegans male were enriched
for metabolic activity but lacked neural related terms. The comparisons yielded shared
GO terms such as “developmental process” which points to genes that may be at the
core of developmental processes. Further investigation into conserved developmental
genes necessary for the transition of young adults into the reproductive stage is of
crucial significance for parasitism. Identifying core developmental genes would improve
methods for biocontrol and mammalian parasite control. Lastly, we also compared IJ to
dauer and found an increased GO detection of neurogenesis in dauers but not in IJ.
This discrepancy raises questions about the conservation of neurons between two
distantly related species.
This study provides the first transcriptional analysis of young adult and IJ with
region-specific resolution in S. carpocapsae and the first comparison to the distantly
related species C. elegans. We provided region-specific transcriptional profiles, a list of
115 genes essential for S. carpocapsae embryo and larval development, enrichment
lists, differentially expressed genes analysis, GO analysis, and a gene specific
expression analysis of GO terms. Taken together, our results expand current knowledge
of region-specific transcriptional profiles in S. carpocapsae. They offer an opportunity for
the nematode community to use the data collected to advance studies in reproduction,
life cycle, and link traits to transcriptome profiles, which subsequently leads to gene
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activity. Lastly, we believe these results are the first to instigate a more profound
understanding of the conservation of nematode reproduction, neurogenesis, and
development.
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3.5 Figures

Figure 3.1. Comparison of size and morphological structures between S.
carpocapsae and C. elegans equivalent sex.
(Right) S. carpocapsae adult female in comparison to C. elegans adult
hermaphrodite in bright field (50x). To the left of S.c. female is S. carpocapsae
adult male in comparison to C. elegans adult male (200X).
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Figure 3.2. Validation of region-specific RNA expression in C. elegans.
A and B RNA distribution correlates with regions collected for hermaphrodites
and males.
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Figure 3.3. Analysis of differentially expressed genes in C. elegans IJs, female,
and male.
(A) Heatmap showing 8,334 genes with a minimum of 1 transcript per million (TPM).
(B, C and D) Hexagonal-bins scatterplot comparing differentially expressed genes
between hermaphrodite, hermaphrodite head, hermaphrodite tail, and male, male
head, and male tail. Samples originated from hermaphrodites are represented in red
and males are represented in dark gold. Each hexagon is divided into six triangles
with a range of color intensity to indicate number of observations in each class. (E,
F) The list of 3,628 DEGs between hermaphrodite head and male head from panel
C were subject to GO term analysis. The results are shown as REVIGO scatterplots
in which GO terms are in a “semantic space” where more similar terms are
positioned closer together. The larger the circle indicates a greater number of genes
that are included in that GO term.
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Figure 3.4. GO analysis of differentially expressed genes of C. elegans whole
and tail of young adult hermaphrodite to whole and tail of young adult male.
(A, B) GO analysis of DEGs from C. elegans whole young adult hermaphrodite and
males displayed in Fig. 3.2B. (C, D) DEGs from C. elegans young adult
hermaphrodite and male tails presented in Fig. 3.2D were subjected to GO analysis.
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Figure 3.5. Analysis of differentially expressed genes in C. elegans whole
dauer and young adult hermaphrodites and males.
(A) Hexagonal-bins scatterplot of DEGs between C. elegans whole dauer and young
adult hermaphrodites, depicting 664 genes DE in dauer compared to 929 in
hermaphrodite. (B, C) DEGs from C. elegans whole dauers and whole young adult
hermaphrodites in panel A were subjected to biological processes GO analysis. (D)
Hexagonal-bins scatterplot of the DEGS between C. elegans whole dauer and whole
young adult male. (E, F) The DEGs between whole dauer and whole young adult
males from panel D were subjected to GO analysis.
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Figure 3.6. Expression of one-to-one orthologous genes of region-specific
RNA of C. elegans hermaphrodites and males observed in S carpocapsae
female and male.
(A) RNA distribution of one-to-one of C. elegans hermaphrodite found in S
carpocapsae females. (B) RNA distribution of one-to-one of C. elegans male found in
S carpocapsae males.
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Figure 3.7. Analysis of differentially expressed genes in S. carpocapsae IJs,
female, and male.
(A) Heatmap showing 11,530 genes with a minimum of 1 transcript per million (TPM).
(B, C and D) Hexagonal-bins scatterplot comparing differentially expressed genes
between female, female head, female tail, and male, male head, and male tail. Samples
originated from females are represented in purple and males are represented in light
gold. Each hexagon is divided into six triangles with a range of color intensity to indicate
number of observations in each class. (E, F) The list of 4,737 DEGs between female
head and male head from panel C were subjected to GO term analysis using REVIGO
scatterplots with results displayed in semantic space where more similar terms are
positioned closer together.
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Figure 3.8. GO analysis of differentially expressed genes in S. carpocapsae
young adult females and male whole nematode and tail.
(A, B) GO analysis of DEGs from S. carpocapsae whole young adult female and
males shown in Fig. 3.7B. (C, D) DEGs from S. carpocapsae young adult female
and male tails depicted in Fig. 3.7D were subjected to GO analysis.
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Figure 3.9. Analysis of differentially expressed genes in S. carpocapsae whole
IJ to young adult females and males.
(A) Hexagonal-bins scatterplot of DEGs between S. carpocapsae whole IJs versus
young adult females. (B, C) DEGs from S. carpocapsae whole IJs and whole young
adult female from panel A were subjected to biological processes GO analysis. (D)
Hexagonal-bins scatterplot of the DEGs between S. carpocapsae whole IJs and
whole young adult males. (E, F) The DEGs were between whole IJs and young adult
males depicted in panel D were subjected to GO analysis.
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Figure 3.10. Gene expression analysis of one-to-one Orthologous genes not
expressed at the young adult stage for S. carpocapsae and C. elegans.
(A) Summary of all genes that are DE, not DE or not expressed in young adults. (B)
GO analysis of the 115 lowly expressed genes. (C) Heatmap of the 115 genes
through 20 developmental stages of S. carpocapsae.

121

Figure 3.11. Differential gene expression analysis of one-to-one orthologs
between Steinernema carpocapsae males and females and Caenorhabditis
elegans males and hermaphrodites.
(A) Venn diagrams showing differentially expressed genes between S. carpocapsae
and C. elegans whole worms, heads and tails. Tissues were compared between S.
carpocapsae female (purple) and C. elegans hermaphrodite (red) and S. carpocapsae
male (light gold) and C. elegans male (dark gold). (B) Heatmap showing 4,688
differentially expressed one-to-one orthologs in at least 1 tissue comparison between S.
carpocapsae and C. elegans. (C, D) Gene ontology analysis of DEGs between S.
carpocapsae female and C. elegans hermaphrodite heads, and S. carpocapsae male
and C. elegans male heads from panel A. Colors reflect the nematode stage and the
bars are indicative of the P-value for the associated GO terms. Black box indicates
shared GO terms.
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Figure 3.12. GO analysis of differentially expressed genes in S. carpocapsae
young adult female and C. elegans young adult hermaphrodite whole
nematode and tail.
(A) Biological process GO terms for the DEGs between S. carpocapsae female (766
genes) and C. elegans hermaphrodite whole (1,097) and (B) the DEGs between S.
carpocapsae female (717genes) and C. elegans hermaphrodite tails (635 genes).
The bars are indicative of the P-value for the associated GO terms. Black box
indicates shared GO terms.
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Figure 3.13. GO analysis of differentially expressed genes in S. carpocapsae
young adult male and C. elegans young adult male whole nematode and tail.
(A) Biological process GO terms for the DEGs between S. carpocapsae young
adult male (919 genes) and C. elegans young adult male whole (1,047 genes) and
(B) between S. carpocapsae male (1,109 genes) and C. elegans male tails (1,077
genes). The bars are indicative of the P-value for the associated GO terms. Black
box indicates shared GO terms.
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Figure 3.14. Differential gene expression analysis of one-to-one orthologs
between whole, head and tail of Steinernema carpocapsae IJ to Caenorhabditis
elegans dauer.
(A) Heatmap showing K-means of 6,136 one-to-one orthologs. (B) Venn diagrams
showing differentially expressed genes between S. carpocapsae IJ and C. elegans
dauer whole worms, heads and tails. Regions were compared between S. carpocapsae
IJ (green) and C. elegans dauer (pink). (C) Gene ontology analysis of DEGs between S.
carpocapsae IJ head (green)and C. elegans dauer head (pink). The bars are indicative
of the P-value for the associated GO terms. Black box indicates shared GO terms.
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Figure 3.15. GO analysis of differentially expressed genes in S. carpocapsae
IJ and C. elegans dauer whole nematode and tail.
(A) The DEGs between S. carpocapsae IJ (1,289 genes) and C. elegans dauer
(863 genes) and (B) S. carpocapsae IJ (1,011 genes) and C. elegans dauer tails
(1,287 genes) were subjected to Biological process GO analysis. The bars are
indicative of the P-value for the associated GO terms. Black box indicates shared
GO terms.
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3.5 Material and Methods
3.6.1 Strains
S. carpocapsae (strain ALL) was cultured and maintained, according to Lu et al.,
201716. C. elegans Bristol strain N2 was used as the standard WT and strain him-8
were grown on Nematode Growth Media (NGM) plates seeded with OP50100.
3.6.2 Experimental Design
We collected and sequenced single-nematode whole, heads, and tails for S.
carpocapsae IJs, female and male adults. We also collected the equivalent for C.
elegans dauer, males and hermaphrodites. We collected the mRNA and followed the
steps in Serra et al., 2018. We sequenced a total of 54 samples with a sequenced depth
average of approximately 10 million reads.
3.6.3 S. carpocapsae IJs propagation
S. carpocapsae IJs were cultured and propagated in vivo using Galleria
mellonella (waxworms) purchased from American Cricket Ranch
(www.americancricketranch.com). Five wax worms were placed into a 10 cm petri dish
with filter paper pressed to the bottom and 300 µL containing ~750 S. carpocapsae IJs
(50 IJs/worm) was dispersed onto the filter paper. The infection plates were incubated
at 25˚C in the dark for 10 days. After the 10 days, the waxworm cadavers were
transferred to White traps101. After 3 days, the IJs were collected, treated with Hyamine
1622 solution (Sigma cat# 51126) for 45 minutes and washed three times with Ringer’s.
The IJs were stored at 25°C at a density of 10 IJs/ul in Ringer’s.
3.6.4 Microscopy of S. carpocapsae female and male
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S. carpocapsae males and females were washed from cultured plates and starved for
24 hours before imaging. Worms were anesthetized using 4µl levamisole and mounted
on hydrocarbon oil. DIC images of females and males were collected on an upright
Leica microscope with 5X and 20X. Images were stitched with Affinity Designer.
3.6.5 S. carpocapsae culture and isolation of IJs, adult males and females whole,
heads and tails
S. carpocapsae IJs (~10,000) were cultured with Xenorhabdus nematophila on a lipid
agar (LA) plate (8 g/L of nutrient broth, 5 g/L of yeast extract, 2 g/L of MgCl2, 7 ml/L of
corn syrup, 4 ml/L of corn oil, and 15 g/L of Bacto Agar) for up to 56 hours for adult
females and males to avoid collecting fertilized females. Adults males and females were
transferred from LA plates into a 1.5mL Eppendorf centrifuge tube. Adults were cleaned
by washing twice with Ringer’s buffer (172 mM KCl, 68 mM NaCl, 5 mM NaHCO3, pH
6.1) and three times with Ultrapure DEPC water (Life Technologies cat# 750023. The
pool of adults was then transferred to a slide that had been treated with RNAase away
(VWR cat# 72830-022). IJs were washed as described above before proceeding to
lysis. To collect whole adults and IJs, one clean adult/IJ was picked and transferred to a
0.2mL PCR tube and sliced in half with a 25-gauge needle23. To collect heads and tails
from IJs and adults, a clean worm was transferred to a microscope slide (VWR
cat#16004-422) in 4µl of Ringer’s solution (made with DEPC water) + 0.01% tween 20
and dissected under a stereomicroscope (Leica M80) with an X-ACTO knife (Amazon
#cat B01MUWTH89). Head/tail was transferred to 0.2mL PCR tube with 2µL of lysis
buffer, RNase inhibitor and proteinase K23.
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3.6.6 C. elegans culture and isolation of dauers, males, and hermaphrodites
whole, heads, and tails.
C. elegans were cultured with lawns of OP50 plates100. OP50 was cultured in Luria
Broth (Thermo Fisher Scientific #cat 12780052) at 37 oC overnight and stored at 4 oC.
300 µl of OP50 were plated on NGM plates (17g/L Nutrient Agar, 3g/L NaCl, 2.5g/L
peptone from animal tissue, 1mL/L 1M MgSO4, 1mL/L of 5mg/mL cholesterol in
ethanol, 25mL/L 1M KPO4, 1mL/L 1M CaCl2)102. To collect RNA from whole adult
males, heads and tails, C. elegans him-8(me4)IV plates were allowed to starve for 8
days at 25 oC, then chunked onto a NGM plate with lawns of OP50 and allowed to
develop for 24 hours at 25 oC (C. elegans him-8 strain was provided by the CGC,
which is funded by NIH Office of Research Infrastructure Programs (P40
OD010440). Worms were transferred from NGM plate into a 1.5mL Eppendorf
centrifuge tube then washed twice with M9 buffer and three times with Ultrapure DEPC
water. The above steps were also used to collect whole hermaphrodites, heads, and
tails but using C. elegans N2 (WT). To collect whole dauers, heads, and tails, C.
elegans N2 (WT) were starved for sixteen weeks at 25 oC. To confirm dauers
phenotypically, nematodes were visualized on the EVOS inverted microscope for closed
oral orifices by an internal plug, constricted pharynxes, and absence of pumping102–104.
After washing nematodes, whole dauers and adults were transferred to a 0.2mL PCR
tube and sliced in half with a 25-gauge needle according to Serra et al., 2018. To collect
heads and tails from dauers and adults, a clean worm was transferred to a microscope
slide (VWR cat#16004-422) in 4µl of M9 (made with DEPC water) + 0.01% tween 20
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solution and dissected under a stereomicroscope (Leica M80) with an X-ACTO knife
(Amazon #cat B01MUWTH89).
3.6.7 Single-worm, heads, and tails for Smart-Seq2
Samples collected followed the single-worm Smart-Seq2 protocol23. Briefly, samples
collected in 2uL of lysis buffer were incubated at 65 oC for 10 minutes and 85 oC for 1
minute according. Immediately the following incubation, 1µl of both dNTP and oligo-dT
VN primers were added to the sample then incubated at 72 oC for 3 minutes. Then,
samples were reverse transcribed (RT) using a program set to 1) 42°C 90 min, 2) 50°C
2 min, 42°C 2 min (repeat 14x), 3) 70°C 15 min, 4) 4°C Hold. Then, PCR amplified
using a program set to 1) 98°C 3 min, 2) 98°C 20 sec, 67°C 15 sec, 72°C 6 min, (repeat
17x), 3) 72°C 5 min, 4) 4°C Hold. Amplified cDNA was cleaned with Ampure XP beads
(BeckmanCoulter #cat A63881) at a ratio of 1:1 (v/v). The concentration of samples was
obtained with Qubit fluorometer, and cDNA quality checked in the Agilent 2100
Bioanalyzer. Samples that passed quality checks were tagmented with Nextera DNA
Library Prep Kit (Illumina #cat FC-121-1030). Tagmented samples were cleaned using
the QIAquick DNA column (QIAGEN, #cat 28104). The tagmented cDNA was then
amplified with barcodes using the Phusion High Fidelity PCR master mix (New England
Biolabs, M0531L). The amplification program was set to 1) 72°C 5 min. 2) 98°C 30 sec.
3) 98°C 10 sec, 63°C 30 sec., 72°C 1 min. (repeat 10x). 4) 4°C Hold. The samples were
cleaned with Ampure XP beads with a 1:1 (v/v). Lastly, libraries were sequenced as
paired-end, 43 base pair reads on the Illumina Nextseq 500.
3.6.8 Gene expression Analyses
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Genomes and GTF files were downloaded from WormBase Parasite (version WBPS14)
for S. carpocapsae (PRJNA202318) and C. elegans (PRJNA13758). Both genomes
were indexed with RSEM (version 1.2.25) using the command rsem-preparereference105. Unstranded, paired-end 43 bp RNA-seq reads were mapped using
Bowtie106 (version 1.0.0) with the following options: bowtie -X 1500 -a -m 200 -S -p 8 seedlen 25 -n 2 -v 3. After bowtie, gene expression was quantified with RSEM (version
1.2.25) with the following command: rsem-calculate-expression – bam – paired-end. For
all analyses, gene expression was reported in Transcripts Per Million (TPM). We used
counts for differential gene expression analysis.
The TPM file generated by RSEM for S. carpocapsae and C. elegans were
normalized according to groups using the R package limma using command
normalizeQuantiles107. Samples were normalized because they were collected,
processed, and sequenced in different batches. Cluster 3.0 was used to generate
Heatmaps of gene expression with the following options: log transform, mean-centered
genes, and hierarchically clustered108. The cdt file generated by cluster 3.0 were
visualized with Java Treeview109. Heatmaps for differentially expressed genes were
done with R package Complex Heatmaps command heatmap.2110.
Differential gene expression analysis was performed with edgeR and
statmod111,112. First, RSEM count data were normalized by library size using
calcNormFactors and then differential analysis with glmFit. Genes were considered
differentially expressed if FDR < 0.05 and fold change > 2X. Differentially expressed
(DE) genes found with edgeR and statmod were used to generate a TPM matrix.
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Volcano plots were generated with a list created from edgeR and TPM matrix with R
packages ggplot2 and ggrepel.
3.6.9 Orthology Relationship analysis
Protein sequences were downloaded from WormBase Parasite for S.
carpocapsae and C. elegans. Then, protein sequences were filtered to keep the most
extended isoform corresponding to each gene sequence. Orthology analysis was
determined between S. carpocapsae and C. elegans using orthoMCL 1.4 with default
settings113. For analysis, only one-to-one orthologs were used.
3.6.10 Gene Ontology (GO) enrichment analysis
For S. carpocapsae analysis, GO terms were determined with Gene ontology
enrichment analyses using Blast2GO114 fisher’s exact test and considered statistically
significant if FDR < 0.05. Genes entered in Blast2GO were found DE by edgeR. For C.
elegans analysis, GO terms were determined with Panther115 statistical
overrepresentation test and considered statistically significant if FDR < 0.05. Genes
entered into Panther were found to be DE by edgeR. Bubble plots were created using
Revigo116 with default settings for C. elegans.
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CHAPTER 4

Characterization of the transcriptome of early embryonic Steinernema
carpocapsae single cells
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4.1 Abstract
The study of conservation of genes that are important for development introduces a
broader picture of the conserved evolutionary process of development. The scientific
community has extensive knowledge of development in the nematode Caenorhabditis
elegans, but less is known about the genomic architecture of growth in other nematode
species. We are interested in the insect pathogenic nematode Steinernema
carpocapsae to explore cell lineage comparisons. In this study, we developed a
technique to collect single cells from mixed embryonic stages to characterize early
embryonic development at the molecular level. With this method, we collected 204
single cells, processed them using multi-gene clustering and classified the individual
cells into 13 clusters. Using homologous genes of C. elegans cell lineage markers, we
were able to categorize 10 of the 13 clusters as known embryonic cell types. This work
provides the first insight into development at the single cell level of S. carpocapsae, a
distantly related species of C. elegans, and demonstrates the possibility of cell lineage
studies using sequencing technologies.
4.2 Introduction
As an animal develops, different genetic programs initiate to achieve highly regulated
cell lineages. Cell lineage is the history of a cell traced back to its progenitor1. It is a
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powerful tool to study the variability of normal development and evolution, as each
developmental stage has a set of driver genes that starts the next phase of events2.
From the moment an egg is fertilized, cell division starts and continues even in the
adult3. At the beginning of embryonic development, a few cells regarded as progenitors
give rise to all the tissues in an organism4. The advancements in microscopy allowed
the characterization of C. elegans cell lineage, and the emergence of sequencing
technologies can further knowledge of evolution and conservation of cell lineages
across species. In nematodes, the first descriptions of cell lineages appeared in the
19th century, which established that the pattern of embryonic cell division is invariant
and deterministic5. Since then, cell lineage has been studied in 11 nematode species,
which offered an opportunity to explore evolution and conservation. However, the
Nematoda phylum is diverse, with an estimate of 40 to 100 million species6–8.
Analysis of development from various branches within Nematoda demonstrate a
pronounced differences in early embryogenesis. However, most of these differences
have been described at a phenotypic level with nothing known at the molecular basis9.
In here, we introduce Steinernema carpocapsae, an entomopathogenic nematode, that
has been characterized by its symbiotic relationship with bacteria Xenorhabdus
bacteriophora and as a powerful biocontrol tool10,11. As a tool to study development at
the molecular level S. carpocapsae offers a high-quality genome and an improved set of
gene annotations therefore is perfect to study cell lineage conservation and evolution at
the RNA level12.
C. elegans serves as a critical resource for comparison to understand cell
lineage conservation and evolution in other nematodes. With the advances in
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microscopy, C. elegans had its entire lineage from zygote to adult traced13. Further
lineage studies in C. elegans became an essential resource for the community to learn
cell identification and cell lineage analysis14. C. elegans has six founder cells, all of
which are determined by the eight cell embryo13,15. After the first cleavage, the
nematode determines its first founder cell, AB, which will form the hypodermis, neurons,
and partial pharynx formation16,17. The other cell P1 further divides into the five founder
cells, E (intestines), MS (muscle, pharynx and gonads), C (muscle and hypodermis), D
(muscle), and P4(germ line). From the first study of C. elegans lineage to now, essential
hallmarks in understanding the gene expression at each cell have made it possible to
use C. elegans as a comparative model for cell lineage determination18,19,20,21.
To further study cell fate conservation and evolution in S. carpocapsae, we
sequence single cells and assigned them a cell lineage utilizing C. elegans markers. We
hypothesized that C. elegans and S. carpocapsae share a set of early-expressed
transcription factors that are important in early embryonic development. To test our
hypothesis, first, we developed a protocol that allowed the collection of single cells from
a pool of unsynchronized embryos. We measured gene expression in each cell and did
a homology analysis between S. carpocapsae and C. elegans to identify key cell type
markers which we used to assign a lineage to the single cells. Finally, we assigned cell
lineages to 10 clusters of single cells and identified 7,140 de novo biomarkers for the 13
clusters that can potentially serve as the next step in identifying S. carpocapsae specific
cell lineage markers. Thus, we found a set of genes that are shared in early
development between C. elegans and S. carpocapsae.
4.3 Results
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4.3.1 Strategy to collect and sequence single cells from S. carpocapsae
To identify potential founder cells during early embryonic development in S.
carpocapsae, we collected and analyzed single cells from embryos. First, we developed
a method to obtain single cells from an S. carpocapsae unsynchronized pool of
embryos. We bleached gravid females, then exposed the embryos to chitinase to
remove the eggshell, and finally separated the cells in the embryos using a needle and
syringe. Once we separated the embryos into a single cell suspension, we picked
individual cells under a microscope (for details see methods) (Fig. 4.1A). Our study
focuses on early embryonic cell fate, which in turn makes this procedure viable as cells
from embryos after the 24-44 cell stage are far too small for collection. We used the
adapted version of the Smart-seq2 protocol to process the single cells22 (Fig. 4.1A).
This developed protocol offers the possibility to collect individual cells not only from S.
carpocapsae but also from other nematodes and provides the benefit of not needing
specialized equipment or reagents. With a developed protocol in hand, we collected and
sequenced 210 single cells, of which 204 passed quality checks after the initial analysis.
Each cell had a range of numbers of genes detected (TPM>0) from approximately 5,000
to 24,000, with most single cells between 20,000 to 23,000 genes (Fig. 4.1B). These
first steps assured that we developed a viable method to collect individual cells from
embryos and that we detected gene expression.
4.3.2 Organizing single cells into clusters to identify cell lineages
After collecting 204 single cells, we next categorized them into groups. Each cell
collected is enriched for a set of genes, which could be used to assign them into
clusters. A multi-gene clustering approach was more effective at grouping cells from a
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specific type in C. elegans; therefore, we chose a similar method23. We used Seurat, an
R package developed for single cell RNA-seq to process, analyze, and interpret
complex patterned and heterogeneous tissues24. Another challenge with single cell
studies at a small scale (a few hundred cells instead of thousands) is that most
available R packages rely on a large number of cells for process and analysis25–27.
However, Seurat offers quality checks and processing for small number of cells. We
used shared nearest neighbor28 (SNN) analysis to classify cells based on their
transcriptome, thereby reducing our 204 single cells down to 13 clusters (Fig. 4.1C).
The first five clusters (clusters 0-4) contain half of all the single cells collected, while
clusters 11 and 12 have the least amount at five single cells (Fig. 4.1D). Categorizing
every single cell into clusters will help assign each transcriptome a cell lineage.
4.3.3 Annotation of early cell lineage in S. carpocapsae single cells
To classify the 13 clusters S. carpocapsae embryonic cells into cell lineages, we found
orthologs to key C. elegans lineage markers. C. elegans embryonic cell lineage is well
characterized with gene expression patterns known for each cell from zygote to
L113,23,29–31. Although S. carpocapsae and C. elegans are distantly related species, their
embryonic developmental morphology is similar, but early gene expression is
divergent32. The differences in gene expression could be accounted for by a maternal to
zygotic transcriptome activation switch earlier in S. carpocapsae embryonic
development compared to C. elegans. Nevertheless, because of the morphological
similarities during development, we believe that S. carpocapsae goes through the same
cell divisions and creates the same six founder cells. First, we used C. elegans single
cell RNA-seq studies to identify 34 key markers of cell fate in embryonic cells23,31. Then,
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we relied on wormbaseparasite.org33 to find homologs to those markers in S.
carpocapsae. We found 26 homologs and used the best match (highest percent of
protein identity) for each marker for the analysis (Table 4.1). The set of 26 homologs
enables us to assign each of the 13 clusters a cell lineage.
First, we looked for the expression of the markers in whole embryo, then checked
their expression in the single cells. We focused on markers of E and MS founder cells.
The E cell exclusively gives rise to endoderm, while the MS cell produces the
mesoderm, which includes pharynx and body muscle34,13,35,36. For the E cell, we found
seven orthologous markers, some of which are also important for cell fate determination
in other lineages such as pha-4 and pal-1. As predicted, the GATA-factor elt-2 which is
expressed in the E cell and essential for the formation of C. elegans intestines is
conserved in S. carpocapsae37–39.The expression of elt-2 in S. carpocapsae is detected
as early as the two-cell stage embryo and continues to be expressed to the 24-44 cell
stage embryo (Fig. 4.2A). The expression of elt-2 in the single cells is concentrated in
cluster 0, with four cells expressing the highest amount (Fig. 4.2B). The expression of
the other markers in the single cells, such as pal-1 and pho-1, signals daughter cells at
the 16-cell stage or possible MS lineage. Furthermore, clusters 0 and 1 express several
markers important for MS lineage such as ceh-36, an OTX transcription factor, and
pha-4, a FOXA transcription factor40,41 (Fig. 4.3A). We can infer that the expression of
elt-2 in cluster 0 suggests that some of the cells belong to E lineage, with the majority of
cells belonging to the MS (22 cells).
To continue to classify the clusters, we next looked into the AB founder cell. The
first cleavage of the embryo results in the AB blastomere, the first founder cell17,42. The
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descendants of the AB cell contribute to most of the cells found in the hatching larva,
and to three primary tissues: the nervous system, the hypodermis and half of the
pharynx43. In the early stages of embryonic development, we identified two markers
important for C. elegans AB cell determination that are also orthologous to S.
carpocapsae. In early development, the gene T09B4.1 is enriched in AB founder cells
along with glp-1, a notch receptor involved in cell-cell interactions not only in
embryogenesis but also in germ cell development44. These markers are expressed in
the early stages of embryonic development with T09B4.1 having the highest expression
(Fig. 4.3B). We then inspected the expression of these markers in the single cells, and
the two markers are expressed across several clusters (1, 5, 6, 10, 11) in a total of 73
cells (Fig. 4.3B). We interpret these clusters as being cells from the AB lineage at
different stages of embryonic development.
To match the other few clusters of transcriptomes to a specific cell lineages, we
investigated the markers for the D, C, and P lineages. The founder D and C cells are
both critical for muscle development, and C is also involved in hypodermis and neuron
formation13,45. We found three markers each for the D and C progenitors, and their
expression at the whole embryo level indicates that these cells are formed during early
embryogenesis (2 cell to 24-44 cell embryo). Interestingly, the markers for the D cell are
barely detected in the whole embryo (Fig. 4.4A). At the single cell level, we detected all
the markers for C and D, allowing the classification of cluster 4 as the D lineage (Fig.
4.4A). Likewise, we identify two critical markers for the C lineage, ztf-11, and lin-39, in
the whole embryo stages, and at the single cell, with the highest expression in cluster
12 (Fig. 4.4B). Subsequently, not many markers are specific for the P lineage. However,
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pie-1, which contains a zinc finger, is required for germline specification46. We detected
the expression of pie-1 and glh-1 in both whole embryos and single cells, with the most
apparent expression in cluster 7 (Fig. 4.4C). We were able to assign three clusters to
the D, C, or P lineage.
In short, we assigned 10 out of 13 clusters of S. carpocapsae single cells
lineage. We relied on a few critical orthologous markers to identify most of the groups.
Crucial genes such as elt-2, T09B4.1 and pie-1 in determining the E, AB, and P4 cell
lineages marked clusters 0, 1, 5, 6, 10, 11 and 7. For the MS, C, and D lineages we
relied on expression of a combination of several markers to classify clusters. We had
three groups with no assigned cell lineage.
4.3.4 Small fraction of cells collected have an ambiguous or no lineage
To further classify each cluster, we looked at the overall pattern of expression for
markers of the different single cell of S. carpocapsae clusters. Since there is a
possibility that a fraction of the single cells collected could be in early transition states
such as EMS state, in which the cells have not yet decided to be E or MS.
We found 7,140 gene markers that define the 13 clusters. Clusters 1, 2, and 3
account for half of the genes found as differentially expressed (Fig. 4.5A). Interestingly,
clusters 2 and 9 have a similar expression profiles suggesting that they might belong to
the same lineage. Taken together with the expression of all the C. elegans markers for
the P1 blastomere, we can assign clusters 2 and 9 as coming from the P lineage.
However, 34 cells do not express any of the genes used to identify the E, MS, D, C, or
P4 in S. carpocapsae. We assume that these cells are coming from a transitional state
in which the cell is going from P1 to EMS or from EMS to E and MS since they
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expressed markers such as pha-4, wee-1.1, and pal-1 of both E and MS lineage.
Furthermore, cluster 8 did not express any of the C. elegans markers for us to be able
to assign a lineage. The gene glh-1 had very low expression, which might indicate that
cluster 8 belongs to AB lineage. The 13 cells in this cluster had a combination of
markers expressed that we could not connect to AB or P1 lineage. These cells could be
zygotes or in a transition state not represented by the biomarkers. As expected by
looking at the expression of biomarkers for each group we were able to assign cluster 2
and 9 non-specific cell lineages, but we could not classify cluster 8.
In summary, we identified groups 2 and 9 as possible transition states derived
from P1. However, we were not able to assign an identity to cluster 8. With assistance of
C. elegans markers for founder cells and their daughters we successfully assigned 10
groups to cell lineages (Fig. 4.5B).
4.4 Discussion
In this study we took a single cell approach to identify possible cell lineages in S.
carpocapsae. We developed a protocol to collect single cells that does not require
specialized equipment or reagents. We gathered a total of 204 single cells from an
unsynchronized pool of embryos. We grouped them into 13 clusters and used 26
homologous markers between C. elegans and S. carpocapsae to identify possible cell
lineages. We were able to assign a lineage to 10 out of 13 clusters.
Our study shows that S. carpocapsae feasibly have the six founder cells. Cell
pattern and morphological stages offer a way to compare S. carpocapsae early
development to C. elegans and demonstrated that S. carpocapsae goes through the
same stages as C. elegans32. We identified the stages using RNA sequencing. First, we
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collected the early stages of development (zygote trough 24-44 cell stage) because of
the manual collection aspect of the protocol. Then, we identified a handful of conserved
homologs between both species that are important for C. elegans embryonic
development and mark specific founder cells. Some early markers of embryonic
development are C. elegans specific ( med-1/2, end-1/3) or are in other nematodes but
not found in S. carpocapsae (tbx-37/38, ceh-51)47,48,49,50. However, we were able to
identify the six founder cells in 10 clusters of single cells, with AB blastomere being the
most prominent (73 single cells). The AB lineage is the most predominant during
embryonic development in C. elegans, so the large proportion we found is consistent51.
We also explicitly identified four E cells by the expression of the conserved the E cell
specific gene elt-2 between S. carpocapsae and C. elegans. We classified the other 114
single cells as either MS, C, D, or P lineages. However, 13 single cells had unidentified
lineages. We discovered all the six founder cells found in C. elegans in S. carpocapsae.
In conclusion, a homology analysis of markers between C. elegans and S.
carpocapsae allowed us to assign 191 single cells a cell lineage. Our study is the first
analysis of a nematode cell lineage at the single cell level without prior studies of its
lineage. An essential addition to this study would be the verification of homologous
marker expression in S. carpocapsae embryonic development by in situ hybridization.
Another vital usage of this data is identification of biomarkers found for each of the 13
clusters that may potentially be Steinernema specific. Our data moves the field of
embryonic development in nematodes towards a future where we can use previous
knowledge of markers in C. elegans and other species in combination with nextgeneration sequencing to more quickly and accurately study cell lineage.
151

4.5 Figures

Figure 4.1. Classification of 204 embryonic single cells into 13 clusters
(A) Overview of single cell collection; a pool of embryos had their eggshells
removed, then separated into a single cell suspension, followed by manual
collection. (B) Violin plot number of genes detected in each cell. (C) SNN clustering
of single cells collected in t-SNE projection. (D) The number of individual cells
assigned to the 13 clusters.
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Figure 4.2. Classifying the E founder cell in S. carpocapsae single cells.
(A) Expression of seven C. elegans orthologous marker genes essential for the E
cell fate in S. carpocapsae whole embryos from five stages. (B) Expression
heatmap of E cell marker genes in embryonic single cells. Black circle indicates
single cells with highest expression of elt-2.
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Figure 4.3. Classifying the MS and AB founder cells in S. carpocapsae single
cells.
(A) (Top) Heatmap of six orthologous markers for MS lineage in whole embryos
from four S. carpocapsae embryonic stages. (Bottom) Expression of MS markers in
single cells visualized in the tSNE heatmap. Black circle indicates single cells with
highest expression of pha-4 and ceh-36. (B) Heatmap of four orthologous markers
genes of AB lineage in four S.carpocapsae embryonic stages, and their expression
in single cells visualized in the tSNE heatmap. Black circle indicates single cells
with highest expression of glp-1 and T09B4.1.
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Figure 4.4. Classifying the D, C, and P founder cells in S. carpocapsae
embryonic single cells.
(A) Expression patterns of four orthologous genes of the D lineage, (B) three
orthologous genes of the C lineage, and (C) the only two markers genes of P
lineage. Black circles indicates clusters with highest expression.
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Figure 4.5. Annotation of the 204 single cells
(A) Heatmap for the 7,140 genes identified as markers for each of the 13 clusters. (B)
Early cell lineage in C. elegans and to the left the assigned transcriptome identity for
the 12 out of 13 clusters.
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4.6 Tables
Table 4.1. Orthologs genes of C. elegans six founder cells and differentiated
descendants in S. carpocapsae
Lineage

Markers

WBGene ID

ortholog in S. carpocapsae

AB

glp-1

WBGene00001609

*SC.X.g5081, L596_020606

AB
AB
AB

T09B4.1
era-1
unc-30

WBGene00020375
WBGene00020948
WBGene00006766

L596_024332
NA
SC.X.g4812

AB

myo-2

WBGene00003514

NA

AB
MS
MS
MS

ceh-22
myo-3
ceh-51
hnd-1

WBGene00000445
WBGene00003515
WBGene00013583
WBGene00001981

L596_011555
L596_022184
NA
NA

MS

pha-4

WBGene00004013

MS
MS
MS

sdz-1
sdz-31
ceh-36

WBGene00015129
WBGene00011704
WBGene00000457

*L596_011487/L596_011489
NA
NA

MS

unc-120

WBGene00006844

MS
MS

WBGene00000449
WBGene00000445
WBGene00001250/WBGene00001
249/WBGene00001310
WBGene00015981

SC.X.g3388

E

ceh-27
ceh-22
elt-2/elt1/end-1
elt-7

E

odd-1

WBGene00003845

E
E
E

pal-1
php-3
wee-1.1

WBGene00003912
WBGene00004024
WBGene00006938

NA
L596_018832
L596_025180

E

ges-1

WBGene00001578

E
E
C

pho-1
pha-4
pal-1

WBGene00004020
WBGene00004013
WBGene00003912

*L596_027361/SC.X.g2876

C
C

lin-39
ztf-11

WBGene00003024
WBGene00009939

L596_018542
L596_008991

C
D
D

mom-2
pal-1
unc-130

WBGene00003395
WBGene00003912
WBGene00006853

NA
L596_018832

D
D

tbx-8
tbx-2

WBGene00006545
WBGene00006543

D

ceh-13

WBGene00000437

D
D
D

pie-1
pgl-1
nos-1

WBGene00004027
WBGene00003992
WBGene00003783

D

glh-1

WBGene00001598

E

L596_016413
L596_027491
L596_011555
L596_015480
NA

*L596_009269/L596_009632
L596_011659
*L596_011487/L596_011489
L596_018832

L596_024573
NA
L596_023546
L596_018556
*L596_012785/ L596_022463
NA
NA
*SC.X.g2636/L596_028862/L5
96_028858/L596_028852/L596
_010146

* Best orthologous match
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4.7 Methods
4.7.1 Collection of single cells
Infective juveniles (IJs) of S. carpocapsae (strain All) were cultured in lipid plates (8 g/L
of nutrient broth, 5 g/L of yeast extract, 2 g/L of MgCl2, 7 ml/L of corn syrup, 4 ml/L of
corn oil, and 15 g/L of Bacto Agar) with symbiotic bacteria Xenorhabdus nematophila for
72 hours at room temperature. Adults were washed off of plates to a 15mL plastic
centrifuge tube, then washed three times with deionized water. After the last wash, the
nematode pellet was treated with a bleach solution (1.25ml fresh bleach, 2.25ml 1 M
NaOH, and 1.5ml ddH2O) for 5 minutes. After 5 minutes the tube was topped off with
Ringer’s spun at 2,000 RPM for 2 min, and embryo pellet was washed three times to
remove traces of bleach solution52. To the embryo pellet, 500µl of Ringer’s+0.01%
tween 20 was added and sequentially filtered with a cell strainer to remove adult
carcasses (Fisher Scientific cat#087711). Resuspended embryos were quickly spun
down onto a pallet, and the excess liquid removed. Embryos were treated with 50µl of
chitinase (1unit/mL) (Sigma Aldrich cat#C6137-25UN) for 20 minutes, followed by
separation of embryos with a syringe and 25 gauge needle. The mixture of embryos and
single cells were transferred to a petri dish, and enough Ringer’s solution + 0.01%
tween 20 was added to cover the bottom of the dish. Single cells were collected from
the dish into a microscope slide using EVOS inverted microscope. If more than one
single cell was collected, the solution was diluted with 5μl Ringer’s solution + 0.01%
tween 20.
Then, S. carpocapsae single cells transcriptome sequencing was performed
according to Serra. et al., 2018. Briefly, single cells were collected to 1.5µl PCR tubes
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that already had 2µl of lysis buffer (18μl 0.3% Triton-X 100 + 2μl RNase inhibitor), 1 μl
of oligo-dT primer, and 1 μl of dNTP. Single cells were heated to reverse the secondary
structure of RNA, reverse transcribed, and PCR amplified according to the Serra. et al.,
2018. Samples were cleaned with Ampure XP beads, concentrations measured with
Qubit fluorometer, and bioanalyzed with Agilent 2100 Bioanalyzer to check for cDNA
quality. If samples had an excellent BioAnalyzer profile, they were tagmented with
Nextera DNA Library Prep Kit, amplified with adapters and sequenced. Sample library
fragments were between 200 and 400 bps with an average size of 360 bps after the
Nextera tagmentation protocol. Samples were sequenced as paired-end 43 bp on the
Illumina NextSeq 500 to an average depth of ∼10 million reads.
4.7.2 Single cell and embryo transcriptome analysis
Transcriptome index was prepared for S. carpocapsae (PRJNA202318 downloaded
from wormbaseparasite.org version WS271) with RSEM (version 1.3.1) using the
command rsem-prepare-reference53. Embryo data were downloaded from NCBI GEO
datasets according to Macchietto et. al., 2017 (GSE86381). RNA-seq reads for each
single cell and embryo were mapped using bowtie25 (version 0.12.8) with the following
options: bowtie -X 1500 -a -m 200 -S -p 8 --seedlen 25 -n 2 -v 3. Bam files were
converted into Sam files with SAMtools54 (version 1.3. Gene expression was quantified
with RSEM (version 1.3.1) with the command rsem-calculate-expression. For all
analysis, gene expression was reported in transcripts per million (TPM).
4.7.3 Homology analysis
We gathered a list of genes used in two studied for cell lineage tracing in C.
elegans23,31. Then we manually searched for orthologs in S. carpocapsae using the
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search tool, gene tree view and under comparative genomics the option orthologs and
paralogues33. If more than one gene had a homolog, the best match was used for the
analysis.
4.7.4 Heatmap
Associations for embryonic gene expression was visualized in a heatmap by R package
Complexheatmap55.
4.7.5 Single cell analysis with Seurat
We used the R software package Seurat
(https://github.com/satijalab/seurat; http://satijalab.org/seurat/) to perform all the
downstream analysis. First, we scaled the data using linear transformation, then
performed linear dimensional reduction using principal component analysis (PCA). The
dimensionality of the dataset was determined with a modified randomization approach
(‘jack straw’) to identify ‘statistically significant’ principal components56. We also use an
alternate heuristic method that generates an ‘Elbow plot’ which ranks principal
components based on the percentage of variance explained by each one. We
performed 20 PCAs on the input data and used the joint-null criterion to identify 15 PCs
that had gene scores significantly different from the respective null distributions57 (p
<0.05). We identified 13 clusters and applied t-distributed stochastic neighbor
embedding (t-SNE) using the significant principal components as input to visualize
clusters58.
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CHAPTER 5

Variations in microRNA expression in the larval 1 stage of twelve
C. elegans strains
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5.1 Abstract
Non-coding RNAs are critical post-transcriptional regulators of gene expression.
Changes in microRNAs expression play an essential role during development and in
response to environmental stimuli. Most studies in the nematode Caenorhabditis
elegans, have focused on the reference N2 strain; however, variability in the expression
of miRNA and mRNA between individual strains may account for significant phenotypic
differences between the multiple natural strains isolated across the world. In this study,
we compared the expression pattern and role of miRNAs and mRNA in the L1 larval
stage using 12 strains of C. elegans from the Caenorhabditis elegans Natural Diversity
Resource (CeNDR) that capture a substantial amount of genomic diversity. We
investigated variations in miRNA profiles and found 37 miRNAs differentially expressed
in at least one comparison to the N2 strain. This set of miRNAs was then divided into 3
clusters based on similar expression among the 12 strains. The 37 miRNAs are
predicted to target 2,037 genes, many of which are important in pathways such as
developmental process, innate immune system, and dauer entry. Comparative
transcriptomic analysis of the 11 strains to N2 found 1,384 genes differentially
expressed, 108 of which are targets of the 37 miRNAs. These results indicate that there
are likely multiple miRNA interactions and that a large number of their mRNA targets
play an important role in environment adaption.
5.2 Introduction
Within a species, natural variation offers the prospect of adaptation during
development into a new environment. These variations are responsible for heritable
phenotypic adaptations. In the nematode Caenorhabditis elegans, several efforts to
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capture the extent of genetic variation using multiple strains suggests high abundant
heritable phenotypic adaptations1–4. The nematode was used extensively to identify
mutations that cause changes to physical characteristics, study the distribution of
genetic variation across genomic regions, and map these variations to quantitative trait
loci5–10. Furthermore, transcriptional comparisons underlined the importance of geneexpression divergence in mutation-accumulation lines and natural isolate lines4.
However, there are still gaps in understanding the differences in transcriptomic profiles
between several natural isolates compared to N2 and the role that miRNAs play in gene
expression regulation during development. To address these questions, we carried the
first microRNA and mRNA transcriptomic comparison in 12 C. elegans strains known as
the divergent set for the L1 larval stage.
MicroRNAs are small, 21-27 bp, non-coding RNA that play a vital role in posttranscriptional gene regulation and we seek to assess their impact on phenotypic
adaptions. Typically, RNA polymerase II transcribes miRNA host genes to generate primiRNAs, which are further processed by the microprocessor complex11 into 80 nt premiRNA. After export, pre-miRNA are further processed by Dicer into mature, singlestranded miRNA. The mature miRNA duplex is recognized as the RNA induced
silencing complex (RISC) containing Dicer and AGO24,12. This complex promotes the
degradation of mRNA through the biding of miRNA in the 3′ untranslated region (UTR)
of mRNAs13. The first miRNA discovered in C. elegans, lin-4, regulates the gene lin-14,
which is essential in embryonic developmental timing14. The subsequent discovery of
the C. elegans miRNA let-7 , which was found to be complimentary to lin-4 in
coordinating developmental timing, opened the door to miRNA studies in worms and
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other organisms15. Since these historic discoveries, miRNAs have been found to
contribute to multiple processes such as metabolism, cell fate specification, regulation
of apoptosis, and innate immunity9,16–18.
Non-coding RNA are important in gene regulation and play a role in phenotypic
variation and adaptation19. However, almost all miRNA expression experiments in
nematodes have been done in the N2 lab strain, while wild isolates have not been
characterized20–22. In this study, we sought to learn more about the natural variation in
the expression pattern and role of miRNAs during development using twelve C. elegans
strains. We hypothesized that there are strain-specific differences in the expression of
miRNAs. New sequencing techniques allowed us to sequence miRNAs from low
amounts of starting material and including as few as one single worm for mRNA23,24. We
profiled the miRNAs and mRNA at the L1 stage to study miRNA expression among
Caenorhabditis elegans Natural Diversity Resource25 (CeNDR) strains known as the
“divergent set”. We found a total of 16 miRNAs that are highly expressed in all the
strains. Conversely, through a miRNA profiling, we found 37 miRNAs to be differentially
expressed with potential 2,037 target genes that are predicted play a role in
developmental processes. Lastly, we found the transcriptomic profiles of the 12 strains
to form four distinct clusters with a total of 1,384 genes differentially expressed, of which
108 are targets of the 37 miRNAs. This study lays the groundwork for discoveries of the
genes and miRNAs underlying phenotypic adaption within a species to environmental
changes.
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5.3 Results
5.3.1 Sequencing of miRNA expressed during the L1 stage for 12 strains of C.
elegans.
We investigated the role of miRNAs expression at the L1 stage of C. elegans
divergent. To collect miRNA at the L1 stage, we bleached gravid adults, saved the
embryos, and let them hatch in M9 buffer. After 24 hours, we gathered hundreds of L1s
and transferred them into lysis buffer, followed by the miRNA protocol adapted from
Rahmanian et al., 2019 (see Methods, Fig. 5.1A). We processed triplicates for each
strain for a total of 36 samples (Table 5.1). We detected an average of 194 miRNA
expressed at more than 1 counts per million (CPM) in each strain with a minimum of
144 miRNAs for strain MY16 and a maximum of 176 miRNAs in N2 and ED3017 (Fig.
5.1B). We generated a hierarchically clustered heatmap to determine the associations
between strains (Fig. 5.2). We found that the strains divide into two clusters of 4 strains
(CB4856, MY23, CX11314, MY16) and 8 strains (ED3017, N2, JU258, DL238, LKC34,
EG4725, JT11398, JU775). N2 is most transcriptionally similar to ED3017 followed by
LKC34, DL238, JU258. The miRNA expression profiles are divided into two with JU775
and CB4856 at opposite ends of the spectrum.
Next, we checked which miRNAs are responsible for the highest expression in
each strain. In vertebrates, a small set of miRNAs are responsible for most of the
detected expression in a sample26–28. We found that 17 miRNAs account for more the
50% of the detected expression in all strains (Fig. 5.1C). The order of the top expressed
miRNA reveals miR-52 as the top expressed in six strains and miR-56 in two strains
(Table 5.2, Fig. 5.1D). The 17 miRNAs are found all expressed in a range of 10 to 20
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counts per million (CPM) and have 1,996 target genes (Fig. 5.1E). Interestingly, mir51/52/54/56 is part of the miR-51 family, a profoundly conserved 99/100 family29. Loss
of all the six members of mir-51(mir-51-56) results in embryonic lethality30; the loss of
mir-52 reduced delayed developmental timing defects, and in a glp-1 background
mutation, it reduced the lethality of adults and alae formation30. These results suggest
the conservation of miRNA expression at the molecular level across the 12 strains, with
these 17 miRNAs possibly playing an essential role in development.
5.3.2 Comparative analysis of miRNAs between N2 and the divergent set
We performed a comparative analysis of microRNAs between N2 and the 11
strains of the divergent set. Studies of miRNAs in C. elegans have focused primarily on
the N2 strain, while little is known about the diversity of expression that may be found
across strains from different geographic locations. We found that the most significant
differences in miRNA expression exist between N2 versus JT11398 (11- downregulated and 13-up in JT11398) (Fig. 5.3F) and N2 versus CB4856 (9 down and 13 up
in CB4856) (Fig. 5.3A). On the other hand, the smallest differences in miRNA
expression were found between N2 and DL238 (3 down-regulated and 1 up in DL238)
(Fig. 5.3C). There was a total of 37 differentially expressed miRNAs found in at least
one comparison to N2 (CPM ≥ 2, FDR ≤ 0.05, and logFC ≥ 2). We clustered the 37
miRNAs into three groups (Fig. 5.4A). Cluster 1 has 13 miRNAs, with most being highly
expressed in CX11314, EG4725, and JT11398. These miRNAs have lower expression
in CB4856 and MY23. Cluster 2 contains the most miRNAs (17), and there is a clear
separation between half of the strains, with six strains (CX11314, EG4725, JT11398,
JU775, and N2) having lower expression of these miRNAs and the rest having higher
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expression. The last cluster with seven miRNAs has the highest expression in JU775,
and the lowest in DL238, LKC34, and N2. While the strains have overall similar miRNA
expression, there are distinct difference between strains for three clusters of miRNA.
For each miRNA cluster, we identified the predicted target genes and performed
a Gene Ontology (GO) analysis. Cluster 1 has 455 target genes. The most well-studied
miRNAs in this cluster is the miR-35-41 family (Fig. 5.4B). The three miRNAs mir-35,
miR-36, miR-39 individually do not cause a phenotype; however, when all deleted, it
causes defective germ and intestinal cell proliferation and embryonic lethality31,32. The
GO terms of these genes include response to a stimulus, signaling, cell communication,
cellular process, and biological regulation (Fig. 5.4C). 99 genes were enriched in the
GO term for response to stimulus, including genes involved in pathways such as TGFbeta signaling and EGF receptor signaling. The gene mtl-2 is metallothionein essential
in response to metal toxicity, and hpk-1 is a protein kinase required for autophagy in
response to stress33,34. Furthermore, the term cellular response to stimulus included
pathways involved in apoptosis and T-cell activation, and both pathways had the gene
mpk-1, a map kinase essential for DNA damage response, which triggers apoptosis
during development35. Interestingly, mpk-1 is part of the ERK/MPK-1 MAPK signaling,
which is regulated by the mir-35 family36. In our results, cluster 1 has three miRNAs of
the mir-35-41 family (mir-35, miR-36, miR-39), which indicates that strains CX11314,
EG4725, and JT11398 are regulating their development through a response of
environmental stress more acutely than the other 9 strains.
Cluster 2 contained the majority of miRNAs, including essential heterochronic
miRNAs. The list of the miRNAs included the well-known let-7 and lin-4 (Fig. 5.4D). The
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presence of lin-4 indicates the normal transition of L1-to-L237, in addition to the only
known member of Lin-4 family, mir-237, known for radiation sensitivity phenotype22.
Interestingly, mir-237 is normally expressed in C. elegans at the L3 stage; however, we
find the presence of this miRNA in six strains (CB4856, MY23, DL238, ED3017, JU258,
LKC34) at the L1 stage (Fig. 5.4A). This is also true for let-7, which is essential for L4to-adult transition, while it is not expressed in N2 in our data (Fig. 5.4A), it is expressed
in the six strains mentioned above. The role of the developmental timing of these
miRNAs in N2 is well characterized; however, the role of these miRNAs in other strains
is still unknown, and our results suggest that they might function in developmental
timing earlier in other strains than N2.
Cluster 2 also produced the most extended list of target genes with 1,532 genes.
The biological process GO analysis had terms such as nervous system development,
regulation of response to a stimulus, signaling, cellular process, and cell death (Fig.
5.4E). The term nervous system development included 100 genes and was
encompassed by neurogenesis and neuroblast division. Neurogenesis included
pathways such as Ras, integrin, and FGF signaling. These pathways are known for the
regulation of nervous system development, axon navigation, development, and
regeneration38–40. Also, neuroblast division had genes egl-46 and egl-13, which are both
essential in cell fate specification and generation of neurons41–43. The gene egl-46 is a
target of mir-81, a miRNA part of the mir-58 family orthologs to bantam, a drosophila
miRNA that controls cell proliferation and apoptosis44,45. Mir-81 is highly expressed in
DL238 and LKC34, suggesting these strains are regulating the development and growth
of mechanosensory neurons. Additionally, the 6 strains (CB4856, MY23, DL238,
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ED3017, JU258, LKC34) in which the miRNAs are targeting these genes are going
through intense regulation of neurogenesis compared to the other strains. Our results
signify that nervous system development is regulated at a different rate among the
strains.
We finally examined the last and smallest bin, cluster 3, with seven miRNAs.
Three miRNAs part of the mir-51 family (miR-51, miR-52, miR-53) are found in this
cluster (Fig. 5.4F). The mir-51 family is part of a deeply conserved 99/100 family, which
shows conservation from cnidarians through humans29. The members of the mir-51
family are redundantly required for pharyngeal attachment during embryonic
development; the mutant phenotype causes lethality46. This cluster of miRNAs is highly
expressed in EG4725, JT11398, JU775, MY16, CB4856, and MY23 (Fig. 5.4A). The
seven miRNAs in this cluster target 256 mRNAs. Among these genes, we found GO
terms relating to cellular process, signaling, response to endogenous stimulus,
regulation of locomotion, and cell communication (Fig. 5.4G). The cellular process term
comprised of 109 genes, while cell communication followed with 43 genes. Interestingly,
two genes under cellular process fall under the cadherin-signaling pathway, including
src-2, which is involved in pharynx development, and egl-20, a Wnt homolog important
in neuroblast cell migration47,48. The term cell communication had 43 genes with several
pathways, such as integrin and cadherin signaling, necessary in the generation of
neurons. Within both the integrin and cadherin signaling pathways, the gene src-2 is
involved in the restriction of cholinergic synapse number, which is regulated by miRNAs
mir-51, 52, and 5348. All three of these miRNAs are highly expressed in EG4725,
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JT11398, JU775, MY16, CB4856, and MY23, suggesting they are forming neural
circuitry.
The miRNA analysis of the "divergent set" strains presents a glimpse of all the
variation that lies among them. While overall their miRNA expression is similar, looking
at the differentially expressed miRNAs reveals more profound distinctions that would
otherwise go unnoticed. These distinctions involve sensitivities to environmental
changes, neurogenesis, and developmental timing. We found a higher sensitivity to
environmental stress in strains CX11314, EG4725, and JT11398, while the other 9
strains are regulating neural development. We also found the presence of let-7 in 6
strains the L1 stage, which in N2 is not expressed until L4. This miRNA analysis reveals
significant differences in miRNA expression in the divergent set at the same larval
stage. The evolutionary adaptations of gene expression are not well understood, and
here we provide a glimpse into the diversity of miRNA expression.
5.3.3 Transcriptome comparisons between N2 and the divergent set
The next step to discover differences in the divergent set was to do a
comparative analysis between N2 and the 11 strains at the transcriptome level. The
study of C. elegans strains has focused on genomic diversity, nucleotide polymorphism,
and linkage disequilibrium46–50. Despite this detail, there is a gap in the analysis of
transcriptomics comparisons, which can reveal genes involved in phenotypic
differences. We utilized a single nematode RNA-seq method to perform the first
comparative transcriptomic analysis between N2 and the divergent set (Fig. 5.5). We
observed the number of DE genes between N2 versus EG4725 (578-down- and 495 upregulated) (Fig. 5.5E), and N2 versus JU775 (650-down and 430 up-regulated) (Fig.
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5.5H) to have the most substantial differences in gene regulation. On the other hand,
only a small number of genes differ between N2 versus MY23 (57-down and 136 upregulated) (Fig. 5L) and N2 versus JT11398 (83-down and 121 up-regulated) (Fig.
5.5F). We found a total of 1,385 genes differentially expressed in at least one
comparison to N2 (CPM ≥ 2, FDR ≤ 0.05, and logFC ≥ 2) (Fig. 5.6A). We categorized
the 1,385 genes into four cluster using K-means clustering. The first bin, cluster 1, has
296 genes, all of which are high in LKC34, with a smaller set of genes (~103) also found
in JU775. The next bin is the largest with 492 genes grouping four strains (ED3017,
EG4725, JU58, and LKC34). The third bin, with 361 genes, has the most considerable
variations in gene expression and encompasses seven strains, including N2. Lastly,
cluster 4’s 236 genes are all highly expressed in strain JU775. All the strains have very
similar transcriptomic profiles, while the DE genes further categorize them into four
groups.
To further understand the function of the genes found to be DE, we did a Gene
Ontology (GO) analysis. The biological processes GO terms for cluster 1 relate to
several metabolic processes such as sulfur compound, carbohydrate, and cellular
amide (Fig. 5.6B). The analysis also revealed negative regulation of lipid storage and
dauer entry. The term dauer entry encompassed 17 genes, including two well-known
kinases age-1, a phosphatidylinositol 3-OH kinase catalytic subunit component of the
insulin-like signaling pathway55 and daf-4, a bone morphogenic protein receptor56. Both
genes are involved in the regulation of diapause in the nematode. Additionally, the term
negative regulation of lipid storage had 5 genes, two of which, daf-22 and dhs-28, are
involved in fatty acid ß-oxidation in dauer pheromone biosynthesis57. The presence of
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these genes suggests that LKC34 is entering the dauer stage prematurely when
compared to N2 or the other 10 strains.
We continued the GO analysis to investigate the overall function of the 492
genes in cluster 2. We found two terms related to the immune system (innate immune
system, immune system process), other terms were related to a stimulus (cellular
response to a xenobiotic stimulus, response to biotic stimulus), and cellular function
(cellular respiration, cellular component organization) (Fig. 5.6C). The terms related to
the innate immune system had 24 genes, of which 5 (dod-22, F35E12.6, F55G11.2,
dod-24, dod-17) are downstream targets or regulated by daf-16. The gene daf-16 is a
FOXO transcription factor essential in innate immunity in C. elegans58,59. The presence
of the downstream targets of daf-16 signals activation of the innate immune system for
a rapid response against microorganisms, including fungus60. Interesting, only three of
the strains have this response. This sharpness in reaction might be particular to strains
that live in environments with high exposure to infectious organisms.
Next, we analyzed the 361 genes in cluster 3 to determine which genes are overrepresented. The GO terms for biological processes included nitrogen metabolic
process, regulation of response to a stimulus, cellular process, biological regulation,
telomere maintenance, and lipid metabolic process (Fig. 5.6D). For the term lipid
metabolic process, we found 15 genes, two in the family of fatty acid desaturase (fat-2,
fat-6) and two sphingomyelin phosphodiesterases (asm-2, asm-3), all of which are
important for lipid processing and storage61,62. Interestingly, asm-3 plays a pivotal role in
the regulation of lifespan and diapause by modulating the IIS pathway by up-regulating
endogenous DAF-16 protein levels and activating the downstream target genes of DAF180

1663. The presence of these genes implies that the L1 larvae are generating
carbohydrates from lipid, and regulating the metabolic shift from L1-to-L264,65.
Lastly, we checked the results of GO terms associated with cluster 4. The GO
analysis revealed genes involved in growth and development such as nucleosome
assembly, cell division, cell activation, mitotic cytokinesis, and cuticle development (Fig.
5.6E). The term cuticle development had three genes, two of the genes are essential for
cuticle collagen production, dpy-4, and sqt-3, unique cuticle collagen essential for
development66,67. The presence of both genes, in addition to the other terms related to
division and growth, indicates that the strain JU775 is developing. This result is in stark
contrast with the other strains, which are entering, regulating or preparing for dauer
entry due to environmental stress, no food availability.
The transcriptomic analysis of all these strains gives a picture of variation present
among them. The strains are similar in gene expression, with a few genes found that
are differentially expressed when compared to N2. Here, we find that LKC34, CB4856,
DL238, MY16, MY23, JT1139 are in one of the steps of the dauer entry stage. The
strains are either entering the dauer stage, such as LKC34 or regulating the pathway. In
contrast, JU775 is developing with no sign of dauer entry. Additional to this result is the
discovery of intense innate immune system activity in ED3017, EG4725, and JU258.
The transcriptomic analysis reveals small differences in gene expression related to
developmental timing, dauer entry, and immune response in the divergent set.
5.4 Discussion
Phenotypic changes that occur during development allow species to adapt to
new environments and are controlled by posttranscriptional regulators such as
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microRNAs (miRNAs). To further understand how species fine-tune gene expression
dynamics during development, we generated high-resolution miRNA and mRNA
expression profiles for twelve strains of C. elegans at the L1 stage. This study is the first
resource of miRNA (36 samples) and mRNA (34 samples) expression profiles for the
CeNDR divergent set at the L1 stage. In our analysis, we observed 17 miRNAs to
account for more than half of the miRNA sequencing reads. In addition, we found 37
miRNAs that are differentially expressed in at least one comparison to N2 and that
target 2, 247 genes. Furthermore, a transcriptomic comparison of 11 strains to N2
resulted in 1,385 genes that are DE in at least one comparison. The results indicate a
range of miRNA expression and gene regulation among the 12 strains.
Our miRNA and mRNA analysis focused on the differences between the
divergent set. First, we found differences in miRNA expression, which divided the
strains into three groups. Cluster 1 had 13 miRNAs with members of the mir-35 family
(mir-35, mir-36, mir-39) playing a pivotal role in the regulation of larval development.
Mir-35 is well studied in embryonic development, but less is known about its function
during larval development68,69. In this study, we find that in 4 strains of C. elegans, but
not in N2, miR-35 is playing a pivotal role in several developmental processes.
Furthermore, the presence of more than one member of the miR-35 family indicates that
individually, no miRNA family is essential for development, and they act redundantly45. It
is also valuable to mention the other miRNAs and their unknown contribution to larval
development in the strains CX11314, EG4725, JT11398. The second cluster of 16
miRNAs included lin-4 and let-7, revealing by the target genes that they are regulating
the developmental timing15, in addition to the other 15 miRNAs involved in regulating
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metabolic and neural processes. Lastly, cluster 3 displayed the mir-51 family (mir-51,
mir-52, mir-53), affirming its presence during embryonic development and necessity for
pharynx attachment46. The miRNA families found in the three clusters confirm previous
knowledge of their function while introducing new developmental miRNAs, leading to
the question of how they are also part of larval development and adaptations.
In addition to miRNA analysis, we also performed the first transcriptome
comparative analysis of the 12 strains. The comparison divided the genes differentially
expressed into four clusters. The comparison reveals that in cluster 1, LKC34 is
entering dauer before any of the other strains, while in cluster 4, the strain JU775 is
preparing to enter the dauer stage. On the contrary, cluster 2 is constituted of strains
that have a highly active innate immune system (ED3017, EG4725, JU2358), and
cluster 3 has six strains, all of which are regulating the transition from L1 and L2. The
dynamics of how the strains transcriptionally behave when exposed to the same
environment is very diverse. Although we did not infer based on location how similar or
different the transcription profiles should be, these studies suggest that there are
significant differences in developmental timing and dauer regulation.
In conclusion, we gathered the first comprehensive survey of miRNA and mRNA,
expanding 12 strains of C. elegans at the L1 stage. Our results indicate that strains
JT1138 and CB4856 have miRNA profiles most distinct from N2, while strains EG4725
and JU775 are transcriptionally the most different to N2. We found differences in
miRNAs and mRNA expression related to developmental timing, dauer entry and
regulation, and response to the environment. This difference in how the nematodes
respond at the miRNA and mRNA level to the same environmental stresses highlights
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how each strain adapts to its habitat. The variation of miRNA and mRNA during larval
development in the analysis of the variations between strains has yet to be determined.
Nonetheless, the role that miRNA plays in determining adaptation by fine-tuning gene
expression should be extended to strains to learn the minimum differences that make
the survival of them possible around the globe.
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5.5 Figures

185

Figure 5.1. Overview of miRNA collected for the divergent set.
(A) Schematic of collection of miRNA and mRNA from L1; Gravid hermaphrodites
were bleached, and embryos collected were left in a plate for 24 hours. miRNA
collected came from hundreds of worms, while mRNA was collected from a single
nematode. (B) Number of miRNAs detected above one counts per million (CPM) in
each of the twelve strains. (C) miRNAs ranked by expression using percent
cumulative distribution of sequencing reads. (D) List of seventeen miRNAs that
accounts for more than half of the miRNA sequencing reads and the number of
target genes (E) The expression profile of seventeen miRNA in the twelve strains.
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Figure 5.2. Heatmap of the expression of 260 miRNAs in the 12 strains.
The miRNA expression was mean-centered and hierarchically clustered. The
color scale shown on the side illustrate the relative expression level of the
indicated miRNA across all samples: red denotes expression <0 and green
denotes expression >0.
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Figure 5.3. Differentially expressed miRNA between N2 and the 11 strains.
(A) scatterplots of miRNAs found differentially expressed between N2 and CB4856,
(B) N2 and CX113114, (C) N2 and DL238, (D) N2 and ED3017, (E) N2 and
EG4725, (F) N2 and JT11398, (G) N2 and JU258, (H) N2 and JU775, (I) N2 and
LKC34, (J) N2 and MY16, (L) N2 and MY23 isolates. The top two miRNAs most DE
are labeled in the scatterplot. Number of miRNAs upregulated and downregulated
are also documented7.
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Figure 5.4. miRNA expression differences between N2 and the eleven
strains.
(A) Heatmap displaying the expression of 37 miRNAs DE in at least one
comparison, clustered by K-means= 3. Black bar indicates let-7, blue bar lin-4. (B)
List of the 13 miRNAs part of cluster 1 which targets 455 genes as determined by
TargetScan. A criterion for PhastCons score of minimum 0.9 for at least 4
nucleotides of the target site was used to call the site conserved. (C) Biological
process GO term analysis of unique target genes from (B). Bubble plot were
produced using Revigo. (D) List of 17 miRNAs with 1,536 target genes and the
respective biological process GO analysis in (E). (F) List of 7 miRNAs part of
cluster 2 with 256 target genes, and the corresponding biological process GO
analysis in (G).
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Figure 5.5. Differentially expressed genes between N2 and the divergent
set.
(A) scatterplots of genes found differentially expressed between N2 and CB4856,
(B) N2 and CX113114, (C) N2 and DL238, (D) N2 and ED3017, (E) N2 and
EG4725, (F) N2 and JT11398, (G) N2 and JU258, (H) N2 and JU775, (I) N2 and
LKC34, (J) N2 and MY16, (L) N2 and MY23 isolates. Number of genes
upregulated and downregulated are documented in the scatterplot.
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Figure 5.6. Transcriptome comparative analysis between N2 and the other
11 strains.
(A) heatmap 1,385 genes that are differentially expressed in at least one
comparison clustered by K-means = 4. (B) Gene ontology map by biological
process of cluster 1 (296 genes), (C) cluster 2 (492), (D) cluster 3 (361 genes)
and (E) cluster 4 (236 genes) from REVIGO ontology software.
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5.6 Tables
Table 5.1 summary of data collected for miRNA
Strains
CB4856.rep1
CB4856.rep2
CB4856.rep3
CX11314.rep1
CX11314.rep2
CX11314.rep3
DL238.rep1
DL238.rep2
DL238.rep3
ED3017.rep1
ED3017.rep2
ED3017.rep3
EG4725.rep1
EG4725.rep2
EG4725.rep3
JT11398.rep1
JT11398.rep2
JT11398.rep3
JU258.rep1
JU258.rep2
JU775.rep1
JU775.rep2
JU775.rep3
LKC34.rep1
LKC34.rep2
LKC34.rep3
MY16.rep1
MY16.rep2
MY16.rep3
N2.rep1
N2.rep2
N2.rep3
MY23.rep1
MY23.rep2
MY23.rep3

Number of
reads
7,130,606
6,676,903
9,985,006
6,599,832
5,305,942
5,005,513
9,280,091
10,209,482
10,451,628
8,543,245
9,861,948
17,047,417
6,958,864
6,727,952
7,031,562
7,027,705
4,978,050
4,987,936
3,784,609
4,475,504
10,487,498
12,590,410
9,624,387
3,614,541
3,880,116
3,269,892
2,494,104
539,551
2,217,239
7,615,679
9,194,976
8,690,127
20,522,484
18,168,084
14,887,870

Mapped Reads

% Mapped

4,618,413
4,076,206
8,375,537
4,369,908
3,589,128
3,751,387
5,841,934
5,478,823
5,589,919
6,085,276
5,876,950
11,198,232
4,075,410
4,174,342
4,173,046
4,589,783
3,236,112
3,449,289
2,340,608
2,744,823
7,438,069
8,239,853
7,594,611
1,975,716
1,712,384
1,434,323
1,782,300
389,294
1,471,630
3,984,045
5,494,580
5,793,559
12,493,954
10,402,925
6,493,705

65
61
83
66
68
75
63
54
54
71
60
66
59
62
59
65
65
69
62
61
71
65
79
55
44
43
71
72
66
52
60
67
61
57
44
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miRNA
(CPM>1)
191
189
188
203
197
208
193
196
196
207
213
209
202
202
200
196
193
200
188
191
201
205
195
168
179
180
187
144
187
197
197
197
209
204
199

Table 5.2 list of the top 10 miRNA for each of the CeNDR strain

CB4856

CX113114

DL238

ED3017

EG4725

JT11398

JU258

JU775

LKC34

MY16

MY23

N2

mir-52

mir-1

mir-54

mir-54

mir-52

mir-52

mir-87

mir-52

mir-54

mir-52

mir-52

mir-56

mir-56

mir-58.1

mir-56

mir-71

mir-1

mir-1

mir-71

mir-56

mir-56

mir-71

mir-71

mir-87

mir-71

mir-71

mir-71

mir-1

mir-56

mir-71

mir-72

mir-58.1

mir-71

mir-58.1

mir-87

mir-54

mir-81

mir-87

mir-81

mir-56

mir-58.1

mir-58.1

mir-1

mir-1

mir-81

mir-56

mir-81

mir-71

mir-87

mir-56

mir-87

mir-81

mir-54

mir-72

mir-57

mir-71

mir-1

mir-81

mir-1

mir-57

mir-72

mir-81

mir-1

mir-58.1

mir-71

mir-87

mir-81

mir-81

mir-87

mir-54

mir-56

mir-80

mir-51

mir-72

mir-57

mir-87

mir-81

mir-56

mir-58.1

mir-80

mir-80

mir-87

mir-58.1

mir-64

mir-54

mir-52

mir-58.1

mir-2

mir-87

mir-81

mir-64

mir-51

mir-57

mir-51

mir-54

mir-58.1

mir-1

mir-54

mir-80

mir-72

mir-72

mir-54

mir-50

mir-82

mir-58.1

mir-57

mir-80

mir-72

195

5.7 Materials and Methods
5.7.1 Strains
Caenorhabditis elegans strains known as the “divergent set” were obtained through the
Caenorhabditis elegans Natural Diversity Resource (CeNDR). The divergent set
includes 12 strains of C. elegans: CB4856, CX11314, DL238, ED3017, EG4725,
JT11398, JU258, JU775, LKC34, MY16, MY23, and N225. All strains were grown on
Nematode Growth Media (NGM) plates seeded with E. coli OP50 under standards
conditions at 24 oC70.
5.7.2 Larval 1 (L1) isolation
We collected embryos from gravid adults of C. elegans grown on OP50-seeded NGM
plates by adding M9 to the plates and swirling to separate nematodes from the agar.
The nematodes floating in the buffer were then poured into 15 ml conical tubes and
spun down at 2,000 RPM for 1 min. Nematode pellets were cleaned 3 times by pipetting
out the supernatant, adding M9, and centrifuging. The pellets were then treated for 6
minutes with bleaching solution containing 2ml 1M NaOH, 1ml fresh bleach, and 0.5 ml
ddH20, using 2 ml of bleaching solution per 250µl of nematodes71. After the 6-minute
incubation, the conical tubes were filled to the 15ml mark with M9 buffer to slow the
bleaching, spun down at 2,000 RPM for 1 min, and the embryo pellet was washed 3
more times to remove any remaining bleach solution. The embryo pellet was then
filtered using a 40 µm cell strainer (Fisher Scientific cat#08-771-1) into a 50ml conical
tube. The embryo pellet was suspended in M9 and transferred to a 35x10mm petri dish.
Embryos were left in the dish for 24 hours to allow for the synchronization of L1s.
5.7.3 miRNA-sequencing
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Arrested L1s were gathered in a 1.5 ml Eppendorf tube and washed 3 times with
UltraPure DEPC-treated water (Life technologies cat #750023). Under a dissecting
microscope, 25 nematodes were collected into 4 µl of DEPC water and added to a PCR
strip containing 4 µl of lysis buffer (20 µl 1M Tris, 20 µl 100% Triton X, 200 µl 10%
Tween 20, 2 µl 0.5M EDTA, 628mL DEPC-treated water) mixed with RNAse inhibitor
(Promega cat#N2615) and Proteinase K (New England Biolabs cat# P8107S). For
every 46.8 µl of lysis buffer, 3.2 µl of Proteinase K and 2 µl of RNAse inhibitor were
added. The nematodes were then lysed using the following settings on a thermal cycler:
65 oC for 10 minutes, 85 oC for 1 minute, 72 oC for 5 minutes. MicroRNA libraries were
built according to the protocol from Alon S. et al., 2011. Briefly, 1 uL 10uM miRNASeq
Multiplex 3’ Adaptor, 1 uL Spike In stock (5000 pM miRNASeq Multiplex 22bp Spike In,
500 pM miRNASeq Multiplex 25bp Spike In, 50 pM miRNASeq Multiplex 30bp Spike In),
500 ng total RNA, and DNAse and RNAse free water to total volume of 7 uL were
added to the lysed nematodes. Samples were incubated for 2 min at 70 oC and
immediately transferred to ice. Then, 10 uL 2X 3’ Ligation Buffer (250 uL 50% PEG
8000 from T4 RNA Ligase 1 kit, 200 uL 10X T4 RNA Ligase Buffer from T4 RNA Ligase
1 kit, 550 uL DNAse, RNAse free water), 2 uL T4 RNA Ligase 2 truncated (New
England Biolabs cat#M0242L), 1 uL RNAse Inhibitor were added to samples and
incubated for 60 min at 25 oC. To the 3’ ligation product, 1uL of 10 uM miRNASeq
Multiplex RT Primer was added and incubated as follows in a thermal cycler: 5min at 75
o

C, 30 min at 37 oC, 15 min at 25 oC. Then the following was added to the samples 0.64

uL T4 RNA Ligase 1, 1 uL RNAse Inhibitor, 0.86 uL DEPC, 1 uL 20 uM miRNASeq
Multiplex 5’ Adaptor (Individual adapters for each sample), 1 uL 10X T4 RNA Ligase
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Buffer (T4 RNA Ligase 1 kit New England Biolabs #M0437M), 1 uL 10 mM ATP.
Samples were incubated for 1 hour at 25 oC. Then a third of the reaction was added to a
new PCR tube to carry out Reverse transcription (RT) using the Superscript II kit
(LifeTechnologies cat#18064014) with the following settings: 50 min at 42 oC, 15 min at
70 oC. The samples were amplified with PCR by adding 25 uL Phusion High-Fidelity
PCR Master Mix (New England Biolabs cat#M0530S), 2.5 uL 20 uM miRNASeq
Multiplex R Primer. The PCR cycle was 30 sec at 94 °C; 15 cycles of 10 sec at 94 °C,
45 sec at 72 °C; 5 min at 65 °C. The PCR product was run in a 10% Mini-Protean TBEUREA gel (BioRad cat#4566033), and the 135 bp band was excised. The band excised
was transferred into a 1.5 ml Eppendorf tube with 300 µl of soaking solution (2 mL 5M
Ammonium Acetate, 2 ml 1% SDS solution, 4 µL 0.5M EDTA, 16 mL RNAse, DNAse
free water) and incubated for 2 hours at 72 oC. Each sample was transferred to a SpinX Centrifuge Tube Filter, 0.22 µm Cellulose Acetate (Corning cat#8161), and
centrifuged at max speed for 1 min. The flow-through was transferred to a new 1.5 mL
microcentrifuge tube with a 1 µL of 10 µg/µL glycogen and 300 µL of 100% isopropanol.
Samples were incubated overnight at -30 oC, and the following day pellets of ssDNA
were resuspended in EB. The final libraries' concentrations were checked using the
Qubit fluorometer, and profiles were checked using the Agilent 2100 Bioanalyzer.
5.7.4 L1 collection for Robust Single Worm RNA-Sequencing
Under a microscope, one nematode was picked, transferred to a PCR tube, and cut with
a 25-gauge needle. Then, 2 µl of lysis buffer (see Serra et al., 2018 for recipe) mixed
with RNAse inhibitor and Proteinase K was added to the tube and incubated at 65°C for
10 minutes and 85°C for 1 minute. Immediately after, 1µl of oligo-dT VN primer and 1 µl
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of dNTP mix were added to the tube and incubated at 72 °C for 3 minutes. Following
incubation, samples were reverse transcribed (RT) using Superscript II reverse
transcriptase kit (Invitrogen, catalog number: 18064-014) and PCR amplified with Kapa
HiFi HotStart ReadyMix (Kapa Biosystems, cat# KK2602) according to Serra et. al.,
2018 Samples were cleaned using Ampure XP beads (BeckmanCoulter cat# A63881).
Libraries were built using the Nextera DNA library prep kit (24 samples) (Illumina cat#
FC-121-1030), followed by the second round of PCR amplification with Phusion high
fidelity PCR master mix with HF buffer, 500 reactions (New England Biolabs cat#
M0531L). Samples were purified with QIAquick PCR purification kit (50) (QIAGEN
cat#28104), and concentrations were measured using the Qubit fluorometer (Thermo
Fisher, catalog number: Q32854). The quality of cDNA was checked using the Agilent
2100 Bioanalyzer (Agilent Technologies, catalog number: 5067-4626). If samples had
an excellent Bioanalyzer profile, according to Serra et al., 2018 they were sequenced on
the Illumina NextSeq 500.
5.7.5 Gene expression analysis of miRNA and mRNA
The C. elegans transcriptome (PRJNA13758 downloaded from wormbaseparasite.org
version WBPS14) was indexed via RSEM command (1.2.25) using the command rsemprepare-reference72. The miRNA analysis was done according to Rahmanian et al.,
2019. Briefly, raw reads were trimmed at the 5’ and 3’ with Cutadapt (1.7.1) followed by
python (2.7.10)26,73. The adapters sequences are as follows:
3’_adapter_seq = "ACGGGCTAATATTTATCGGTGGAGCATCACGATCTCGTAT"
5’_adapter_seq1 = "^CAGTCG"
5’_adapter_seq2 = "^TGACTC"
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5’_adapter_seq3 = "^GCTAGA"
5’_adapter_seq4 = "^ATCGAT"
The Cutadapt parameters used were: cutadapt -a 3’_adapter_seq -e 0.25 -match-read-wildcards --untrimmed-output=$NO_3AD_FILE input.fastq | cutadapt -e
0.34 --match-read-wildcards --no-indels -m 15 -O 6 -n 1 -g 5’_adapter_seq1 –g
5’_adapter_seq2 -g 5’_adapter_seq3 -g 5’_adapter_seq4 –untrimmed
output=$NO_5AD_FILE --too-short-output =$TOO_SHORT_FILE - >
trimmed_reads.fastq”. The trimmed reads were mapped and quantified with STAR
(2.5.1b) to C. elegans transcriptome with the following parameters --runThreadN 16 -alignEndsType EndToEnd –outFilterMismatchNmax 1 --outFilterMultimapScoreRange 0
--quantMode GeneCounts --outReadsUnmapped Fastx --outSAMtype BAM
SortedByCoordinate --outFilterMultimapNmax 10 --outSAMunmapped Within -outFilterScoreMinOverLread 0 --outFilterMatchNminOverLread 0 --outFilterMatchNmin
16 --alignSJDBoverhangMin 1000 --alignIntronMax 1. For all miRNA analysis
expression was reported in counts per million (CPM).
For the mRNA, unstranded, paired-end 43bp reads for each worm were mapped
and gene expression was quantified using STAR to C. elegans transcriptome with the
following options STAR --runThreadN 8 --outSAMtype BAM SortedByCoordinate -alignEndsType EndToEnd --alignIntronMax 1 --alignIntronMin 2 --scoreDelOpen -10000
--scoreInsOpen -10000. For all mRNA analysis expression was reported in transcript
per million (TPM).
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5.7.6 Differential expression analysis
The differential expression analysis was conduct using R studio (1.2.5001)74. The
following packages were used edgeR (3.10) and Statmod (1.4.32)75–77. For the miRNA
expression matrix with CPM was used, and the mRNA matrix with CPM generated by
STAR. For both analyses, genes and miRNA were found to be differentially expressed if
CPM>2, FDR<0.05 and a fold change>2X. Three replicates were used per strain for
miRNA and mRNA analysis.
5.7.7 miRNA target genes
To prediction of target genes of the miRNA clusters was conducted with
TargetScanWorm 6.278,79. TargetScanWorm searches the 3' UTR of the mRNA for the
presence of conserved 8mer, 7mer, and 6mer sites of the miRNA. Target genes
included in the analysis had a probability of preferentially conserved targeting80 (Pct )
>0.9.
5.7.8 Heatmaps
For the heatmaps of miRNA and mRNA expression were log-transformed, meancentered, normalized, and K-means clustered in Cluster 3.081. Then, the heatmaps were
visualized in Java Tree View82.
5.7.9 Go analysis
GO analysis was conducted on miRNA target genes and the genes that were
differentially between N2 and the other 11 strains. Panther was used for analyzing gene
lists for overrepresented GO terms83. Subsequently, the list of GO terms was reduced
and visualized in a two-dimensional space as a scatter plot, derived by applying
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multidimensional scaling to a matrix of the GO terms’ semantic similarities with
REVIGO84.
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6.1 Future Directions
Thus far in this work, I investigated the fundamental rules of gene expression that
control changes in development. I demonstrated through macrosyntenic analysis
between S. carpocapsae and C. elegans that few chromosomal regions and respective
genes are conserved. Then, I dived into a comparative analysis at the arrested
developmental stage and young adult stage to understand how similar structures arise
from differential gene expression between both species. Subsequently, I investigated
the conservation of development by analyzing S. carpocapsae embryonic single cells. I
discovered a few core developmental genes that are conserved between both species
and important for formation of the 6 founder cells in C. elegans, and also in S.
carpocapsae. Lastly, I explored the role of miRNAs in regulating gene expression in 12
C. elegans strains. We found the contribution of as few as 37 miRNAs play a critical role
in regulating genes important for developmental adaptation.
In chapter 2, I improved the genome and set of gene annotations of S.
carpocapsae. The improved assembly allowed for a macrosyntenic analysis to C.
elegans and Pristionchus pacificus, and a metalloprotease analysis. The improved
genome used the latest sequencing techniques, PacBio technology and BioNano Irys
system, and software packages to assemble the genome to the best quality achievable.
A major hurdle was to decrease the number of scaffolds while keeping the quality of the
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genome as high as possible. Additional tools such as genetic linkage maps, which is not
yet available for S. carpocapsae, would likely complete the genome assembly. The
addition of genetic linkage maps would allow the proper order and orientation of the
chromosomes, in addition to connecting the last 16 scaffolds into 5 chromosomes. This
tool has been used in assemblies of many organisms such as P. pacificus, Pleurotus
tuoliensis, Pundamilia pundamilia1–3. A genome assembled into chromosome length can
be used in comparisons to other strains, and to identify genomic features which can
provide insights into the evolution and pathogenic potential of each strain.
Another important part of an improved genome is the gene annotations. I was
able to use RNA-seq samples of 17 developmental stages to predict 30,957 gene
models using the software Augustus4. Another method to incorporate more information
into predicted gene models is to use long read RNA-seq with PacBio. Long reads would
offer a new method of identifying new genes, increase exon length and improve on noncoding sequence representation such as UTRs. Alongside long-read RNA-seq, new
software such as TALON would best improve the gene models5. The goal would be to
improve the gene annotations and subsequently learn about gene function using
classical approaches such as genetic screens or reporter genes.
In chapter 3, I compared the transcriptomes of two developmental stages
including females and males between C. elegans and S. carpocapsae. The analysis
used RNA-seq to characterize the C. elegans dauer versus S. carpocapsae infective
juvenile (IJ), C. elegans young adult hermaphrodite versus S. carpocapsae young adult
female and C. elegans male versus S. carpocapsae male. Interestingly, the analysis led
to questions about the nervous system in IJs and females. The IJ is the only free-living
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stage that can release venom to kill its pray6. This stage is the focus of most of the
studies in S. carpocapsae. Interestingly, no published work has identified if the
nematodes doing the infection are females, males or both. A possible next step for this
study is to investigate which sex or if both are doing the infection. An interesting
approach would be to sequence the DNA of individual nematodes using short-read
sequencing and aligning to S. carpocapsae genome. This would require sequencing the
DNA of hundreds of nematodes to statistically determine which sex does the infection.
With this answer in mind we can move into studying the development of the nervous
system of IJs into adulthood, with a focus on the sex that does the infection and
studying possible targets to disrupt their development. This can, in turn, become a tool
to further study parasitism.
Another angle to investigate is the tail morphology and reproductive structures of
the first generation of females in S. carpocapsae. The tail of the first generation has
unique projections; however nothing is known about its structures and function. This
same study can also be extended to other Steinernema species. Lastly, morphological
and transcriptomic comparisons of the reproduction system in Steinernematidae to the
Rhabditids family would shed light into the conservation and evolution of important
reproductive structures between species.
In chapter 4, I used single cell sequencing to characterize the six founder cells in
S. carpocapsae. The project was conducted using a single-worm protocol in a single
cell7. With this protocol in hand, I was able to collect and sequence 204 single cells. I
found that in early embryogenesis there are 24 genes shared between C. elegans and
S. carpocapsae that help determine cell lineage. Then, I was able to assign a cell
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lineage to the 204 single cells. The next step is to characterize the 24 genes found in
this study.
To further our knowledge of early embryogenesis in S. carpocapsae with a
single-cell precision, the 24 genes have to be studied and more single cells would need
to be sequenced. Studying the 24 genes would require the development of techniques
not yet available in S. carpocapsae such as in situ hybridization. First, the 24 genes are
validated with single molecule fluorescent in situ hybridization (smFISH) to confirm the
specificity of their expression localization during the embryonic development.
Techniques such as smFISH can also validate and/or distinguish the transcriptome of
single cells that are very similar to each other8. The challenge is to adapt published
protocols for imaging embryos in S. carpocapsae while maintaining the same resolution
seen in C. elegans. The use of smFISH is a powerful method to visualize tissue-specific
correlations in gene expression. It can also be used to study the variability in gene
expression from embryo to embryo and pinpoint cell specific signaling9,10.
Implementation of these tools in S. carpocapsae would significantly increase the
knowledge of embryonic development at the single cell resolution.
To continue the studies of single cells in S. carpocapsae collection of more single
cells would improve transcriptomic analysis. Advancements in single cell sequencing
such as microfluidic devices (ddSEQ) and 10X genomics platform allows for sequencing
of thousands of single cells11,12. The use of such technologies has already been used in
C. elegans to create a lineage-resolved molecular atlas during embryogenesis13. The
implementation of any of these technologies in S. carpocapsae would greatly improve
the field of developmental biology.
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In chapter 5, I investigated the miRNA and mRNA profiles at the L1 stage for 12
divergent strains of C. elegans. The study shed light in how differences in miRNA
expression at the L1 stage varies among all these strains. The differences in miRNA
expression can be a sign of adaption of each strain to its habitat. Furthermore, the
mRNA transcriptomes at the L1 stage is also very different and indicates atypical
developmental timing among the strains. To continue this study, I would characterize
the miRNA and mRNA for L2, L3, L4 and adult.
Developmental timing determines the miRNA and mRNA expression during larval
growth. First, I would focus on characterizing the dynamics of miRNA and mRNA
expression in all the 12 strains during the 4 larval stages and adult. A good start is to
adapt a recent protocol for co-sequencing of single-cell small RNA and mRNA
transcriptomes using a half genomics approach to a single nematode14. The results
would decipher molecular regulation that triggers development at each stage for all the
strains.
Important heterochronic miRNAs can be a focus of research in all the 11 strains
during larval development. Interestingly, very well characterized heterochronic miRNAs,
lin-7 and lin-4, were identified as differentially expressed in my study. The miRNA lin-7
which in N2 is important for L4 to adult transition, is present in a few of the strains at the
L1 stage. Characterizing the dynamics of lin-7 and lin-4 expression during development
in all the 12 strains would elucidate their roles and possibly reveal new adaptations.
Lastly, the 37 miRNAs are a potential target of study in the 11 strains of C.
elegans. First, to gain knowledge of the 37 miRNAs, I would create mutants and
observe the effect during development from L1 to adult. Although the function might be
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the same as N2, the timing in forming the structures might be different. The results
could reveal potential adaptations of gene regulation of morphological features essential
for the species to thrive in new environments.
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