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Abstract
New Optical Methods for Characterization of Materials and Biology
by
Michal Wojcik
Doctor of Philosophy in Chemistry
University of California, Berkeley
Professor Ke Xu, Chair

Optical methods, including light and fluorescence microscopies, have seen widespread
application in the characterization of materials and biology, but are not equally applicable to all
such systems. This dissertation aims to describe new developments in select optical methods, and
their subsequent application to answering scientific questions about material and biological
systems that were intractable using previous methodologies. We first develop and apply a novel
label-free interference-based optical method for characterizing thin films on transparent
substrates and use it to reveal reaction dynamics of graphene films in real time. We further
develop novel methods in a different optical technique, point-localization super-resolution
fluorescence microscopy. These include the application of spectrally-resolved super-resolution
microscopy to organic adlayers on surfaces and the development of a remote focusing technique
to image oblique planes through thick biological samples. We next combine our developments in
optical methods and super-resolution microscopy to describe a novel correlative super-resolution
imaging methodology, and overview the challenges and opportunities inherent to correlative
super-resolution methods. We conclude with concrete applications of super-resolution
fluorescence microscopy to biological systems and shed light on long-standing biological
questions. These include elucidation of the structure of meiotic chromosome axes in C. Elegans,
a mechanism for crossover-interference and crossover-regulation in the same meiotic
chromosomes, discovery of a novel structural arrangement for nuclear pore complexes in meiotic
cells, and discovery of a tube-shaped structure spanning the nucleus of breast cancer-like cells.
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Introduction
Optical methods use elements such as lenses, mirrors, filters, and gratings to create images of
real objects in magnified, demagnified, or distorted form. The primary focus of this dissertation
is the development of optical methods to visualize and subsequently characterize small objects
through magnification. If light were point-like in nature, optical techniques could theoretically
image small objects of any size, with the only practical limitation coming from optical
aberration. Since light is wave-like in nature, this is not possible. Self-interference as light passes
through optical elements results in a blurring which prevents imaging of the very smallest
objects. This effect creates a length-scale barrier below which objects cannot be reliably
resolved. This is commonly known as the diffraction limit. For wavelengths in the visible
regime, the consequence of the diffraction limit is that two objects imaged through an optical
system which are closer together than ~300 nm cannot be resolved as two independent objects,
instead appearing as one large blur.
Given that the length scale of a protein is a few nanometers, this diffraction limit is a
significant barrier in understanding biology on the single protein level, where much of the
biological action is happening. Materials characterization faces a similar issue: the length scale
of many features and defects in materials are on the order of angstroms to hundreds of
nanometers, far below the diffraction limit of light. If clusters of single proteins in biology or
defects in materials can only be resolved to a blurry approximation of their underlying spatial
distribution, the amount that can be learned about these systems is limited. This dissertation
focuses on the development of methods aiming to overcome the downsides of the wave nature of
light, such as the diffraction limit, while taking advantage of the upsides, such as interference
effects.
The phenomenon of interference, emerging from the interaction of wavefronts coming
from separate coherent sources, can produce useful effects that can be leveraged to more deeply
understand samples of interest. In Part I of this dissertation, we demonstrate how interference can
be leveraged to enhance the contrast of thin films on optically transparent substrates. This effect
emerges from the fact that interference between light reflecting from the top plane of a
transparent substrate with light reflecting from the top and bottom planes of a thin film on the
surface of that substrate greatly increases the optical contrast between areas where the thin film
is present and areas where it isn’t. This effect also enables visualization of significant features or
defects on the thin film’s surface, which stand out from the bare substrate through a similar
mechanism. Applying this concept enables the high contrast visualization of graphene surfaces
and their defects (including cracks, wrinkles, and holes), and further enables the study of these
surfaces as they undergo chemical reactions.
In Part II, we return to the issue of the diffraction limit of light. In the past decade, there
has been an explosion of interest in microscopy below the diffraction limit due to a collection of
innovations collectively known as super-resolution microscopy. Super-resolution methods use a
variety of emerging techniques to resolve objects closer together than the conventional
diffraction limit. The major class of such methods thatwe develop in this dissertation is known as
point localization based super-resolution microscopy (SRM). Point-localization methods take
advantage of the fact that the center of a diffraction-limited spot of light spread over multiple
pixels of a camera can be estimated much more accurately than its width. This effect, combined
with the underlying assumption that a single emitter is creating the signal being visualized,
enables the localization of that underlying emitter to a precision only limited by the number of
ix

detected photons. In practice, the resolution of such methods is limited to several nanometers due
to optical aberration and mechanical instability. Even still, this is a significant improvement over
the ~300 nm limit imposed by diffraction.
This principle is only useful in the case that it can be faithfully assumed that the observed
signal comes from a single emitter (such as a single protein or single fluorescent molecule). In a
typical example of a fluorescence image of a cell, this is far from the case. Typically labeled
organelles in cells, such as cytoskeletal actin filaments, are made up of multiple copies of
identical proteins separated by a distance comparable to their lengths (~ few nanometers). Even
with very conservative assumptions about fluorescent labeling density, there could be tens of
fluorescent emitters within a single diffraction limited spot. Attempting to estimate the center of
such a distribution without knowledge of the underlying distribution through the simple
deconvolution process described above would give a spurious result. If these emitters could be
separated in a dimension easily controlled by researchers so that individual emitters could be
isolated, however, this would enable super-precise localization of all emitters individually, which
could then be recombined into a single image to produce a super-resolved image of the structures
of interest. This is the basic principle of point-localization based super-resolution methods.
The most common dimension used by researchers for such separation is time. By
controlling experimental conditions such that most emitters are not emitting at any single point in
time, the remaining signal can be reasonably assumed to be coming from single emitters. If a
small, varying subset of the entire set of emitters can be recorded in a time series over a length of
time such that the entire population of emitters is eventually super-localized, a super-resolution
image can be created by the combination of these subsets. The easiest method to achieve this in
practice is stochastic on and off switching of all single emitters in the sample.
One precondition for super-resolution images to be recorded is that photon signal coming
from any single emitter is greater than the intrinsic and extrinsic noise in the system. This
precondition introduces new constraints not encountered in typical fluorescence microscopy.
Samples must be prepared in such a way as to maximize fluorophore intensity and minimize
sample noise. Optical illumination and detection schemes must also be designed to minimize
background signal. Finally, imaging must typically be done with high numerical aperture
objectives with small working distances that place stringent limitations on the depth that can be
imaged, especially if oil objectives are used to image aqueous cellular samples.
In part II of this dissertation, we demonstrate efforts to overcome some of the typical
constraints of point-localization super-resolution microscopy, as well as expand its capabilities
past simply localizing the locations of single emitters. We demonstrate that utilizing prisms to
image the full fluorescence spectrum of an environmentally-sensitive fluorophore enables
compositional characterization of organic adlayers on substrate surfaces. In collaboration with
Jeongmin Kim and Xiang Zhang, we further tackle the limited imaging depth constraint through
a novel imaging system which uses a remote focusing scheme to enable imaging of biological
samples through arbitrary oblique planes. This scheme is a new way to overcome the
conventional limitation of imaging only the plane very close to and parallel to the coverslip.
In part III of this dissertation, we move on to the correlation of super-resolution methods
with other imaging methodologies. We first demonstrate a new methodology enabling facile
correlative super-resolution microscopy and electron microscopy of wet biological samples. This
methodology greatly simplifies the conventionally complex sample preparation involved in
performing correlative fluorescence and electron microscopies, thus making this method more
accessible to biologists who are not dedicated microscopists. In the next section, we go on to
x

review correlative super-resolution microscopy more generally, and show how to effectively
correlate super-resolution methods with other microscopy techniques, including light
microscopy, electron microscopy, cryo-microscopy, atomic force microscopy, and various forms
of spectroscopy. Finally, we point out current limitations and discuss possible future
improvements and advances in this field. We thus demonstrate how a correlative approach adds
new dimensions of information and provides new opportunities in the fast-growing field of
super-resolution microscopy.
In the final section, we move past method development into concrete applications of the
methods developed in the previous sections. We first show that super-resolution microscopy can
be leveraged to learn more about biological structures that are smaller than the diffraction limit
of light, and thus out of reach of conventional optical microscopies. Specifically, in collaboration
with Simone Köhler and Abby Dernburg, we utilize point-localization based super-resolution
microscopy to reveal the detailed organization of the critical components of meiotic chromosome
axes in C. Elegans tissue. We then expand on the same methodology to shed light on a biological
mystery in the field of meiosis, demonstrating that the phenomena of crossover-interference and
crossover regulation are structurally mediated.
We further show another unique feature of meiotic nuclei in C. elegans – the arrangement
of their nuclear pore complexes. We demonstrate that nuclear pore complexes in meiotic nuclei
have a periodic triangular lattice arrangement, but nuclear pore complexes in analogous somatic
cells have a disorganized, aperiodic arrangement. Through knockout experiments, we show that
these structural differences are mediated by a meiosis-specific kinase, and that they help to
regulate meiotic progression in C. elegans.
We conclude with a discovery of a novel structure in the nuclei of breast cancer-like cells
– tube shaped tunnels not commonly seen in other cell types. In collaboration with Manfred Auer
and Mina Bissell, we combine super-resolution microscopy with a variety of electron
microscopies to show the existence and biological relevance of these tunnels. Overall, we hope
to show that super-resolution techniques are not solely methods devoid of practical application,
but instead that they can readily be applied to learn new biology in spatiotemporal domains that
were previously inaccessible.
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Part I: Development and application of direct optical
methods for characterizing materials
In this section, we demonstrate how diffraction limited optical methods can be used to
characterize thin-films with high spatial and temporal resolution. We begin with the development
of a novel method adapted from a technique previously used exclusively in cell biology,
interference reflection microscopy (IRM). This technique takes advantage of the interference
between reflections at the sample plane to visualize graphene films on transparent substrates with
high contrast. As this method is sensitive to the conductivity of the thin film, we go on to show
how IRM can be used to dynamically track the progress of chemical reactions converting
graphene films to graphene oxide films at video rate. IRM is label-free, non-invasive, and can be
performed using a simple optical microscope available in almost any laboratory. It thus provides
a facile way to characterize and understanding reaction dynamics of thin films which have either
conventionally required more complex imaging setups, or otherwise been out of reach of videorate dynamic measurement.
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Chapter 1: Direct optical visualization of graphene and its nanoscale defects on transparent
substrates
The work performed in this chapter was conducted in collaboration with Wan Li and Seonah
Moon, and Ke Xu. It is reproduced in part here from ref.1 and with permission from all coauthors. Copyright 2016 American Chemical Society.
1.1 Introduction
The discovery and rise of graphene were historically enabled by its ~10% optical contrast on
specialized substrates like oxide-capped silicon. However, substantially lower contrast is
obtained on transparent substrates. Moreover, it remains difficult to visualize nanoscale defects
in graphene, including voids, cracks, wrinkles, and multilayers, on most device substrates. We
report the use of interference reflection microscopy (IRM), a facile, label-free optical microscopy
method originated in cell biology, to directly visualize graphene on transparent inorganic and
polymer substrates at 30-40% image contrast per graphene layer. Our non-invasive approach
overcomes typical challenges associated with transparent substrates, including insulating and
rough surfaces, enables unambiguous identification of local graphene layer numbers, and reveals
nanoscale structures and defects with outstanding contrast and throughput. We thus demonstrate
in situ monitoring of nanoscale defects in graphene, including the generation of nano-cracks
under uniaxial strain, at up to 4x video-rate.
The ~10% optical contrast of graphene on specialized substrates like oxide-capped silicon
substrates, together with the high-throughput and non-invasive features of optical microscopy,
have greatly facilitated graphene research for the past decade.2-4 However, transparent and
flexible electronics, which currently stand as key commercial applications of graphene,5-8 are
incompatible with these substrates. Direct optical visualization of graphene on transparent
substrates remains a challenge:9-16 limited contrast is achieved and local number of graphene
layers is difficult to quantify, even with sophisticated setups. Visualization of nanoscale defects
in graphene, e.g., voids, cracks, wrinkles, and multilayers, formed during either growth or
subsequent transfer and fabrication steps, represents yet another level of challenge for most
device substrates. Scanning electron microscopy (SEM), atomic force microscopy (AFM), and
Raman spectroscopy are low in throughput, prone to sample damage, and impose stringent
requirements on substrate properties.9-10 Fluorescence quenching microscopy9-10, 17-19 provides a
powerful optical means to visualize graphene, but a fluorescent coating is required, and
nanoscale defects are still difficult to detect. With interference reflection microscopy (IRM), we
here report experimental optical contrast of up to 42% for monolayer graphene on transparent
substrates, and further achieve outstanding sensitivity for nanoscale defects, thus enabling direct,
high-throughput inspection at 4x video-rate.
1.2 Results and Discussion
1.2.1 Applying interference reflection microscopy to graphene
IRM is a facile, label-free optical microscopy method originated in cell biology.20-22 A
collimated beam of filtered lamp light passes through the substrate and is reflected off interfaces
2

between the substrate, culture medium, and cell membrane: the resultant reflection interference
provides outstanding contrast for cell adhesion sites. While offering a unique means to study
nanoscale cell-substrate interactions, quantitative interpretation of results has been difficult due
to complex cell geometries.20-22
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Figure 1: IRM visualization of graphene(a) Schematic of setup. FD: field diaphragm; BP: bandpass filter; BS: beam splitter. (b) IRM image of graphene multilayers on a glass substrate. Red
numbers indicate local layer numbers. (c) The theoretical (green) and experimental (magenta)
IRM signal contrast on glass for m-layer graphene vs. (m−1)-layer graphene, in comparison to
that of transmission light microscopy (blue). (d) Intensity profile along line in (c) (magenta), in
comparison with the theoretically predicted IRM intensity (dotted lines) and experimental result
from transmission microscopy (blue).
By repurposing IRM for imaging graphene, we experimentally achieved excellent contrast for
graphene of different layers and provided quantitative explanation to our results. A standard
inverted fluorescence microscope with oil- and water- immersion objective lenses was
configured with a 50/50 beam splitter and a 532/10 nm bandpass filter (Figure 1a). The field
diaphragm was closed down to slightly smaller than the recording frame size to reject stray
light.20-22 We first examined copper-grown graphene23 that was wet-transferred23-24 onto glass,
with water being the top medium (Figure 1b). Highly uniform IRM signal was observed for areas
of the same number of graphene layers (m), while excellent contrast were observed for m = 0−4
(Figure 1cd). The signal contrast of each added layer, as defined by Cm = (Im-1–Im)/[(Im-1+Im)/2],
where Im is IRM signal intensity on m-layer graphene (I0 for no graphene coverage), was 30%,
33%, 35%, and 34%, respectively, for m= 1 to 4 (Figure 1cd). These results are >10-fold higher
than relying on light absorption (~2%),6, 9-10, 25 and even 3-fold higher than that is experimentally
achieved on optimized SiO2-capped-Si substrates (~10%).3-4, 11 The experimental signal-to-noise
ratio for each additional layer of graphene, defined as SNRm = (Im-1–Im)/[(σm-1+σm)/2], where σm is
the standard deviation of signal between pixels for the same m, is found to be 34, 32, 31, and 22
for m= 1 to 4, respectively. This result suggests our data should enable unambiguous
identification of graphene layers down to subpixel levels. In comparison, conventional
transmission light microscopy, performed on the same microscope using the same objective lens
(thus the same magnification and numerical aperture) and with comparable light intensities at the
3

same camera, achieved low contrast of ~2% and SNR of 2-3 for each layer (Figure 1cd), thus
illustrating the common difficulties in characterizing graphene on transparent substrates.9-16
To understand the exceptional contrast we achieved, we adapted IRM theories20-22 but further
took into account the finite absorption of graphene and the interferences between infinite times
of reflection at the substrate-graphene and graphene-medium interfaces (Figure 1a). Using
transfer-matrix method we found (methods) the intensity of reflected light (and thus IRM signal)
to be:
2

eiϕ r + e −iϕ r
I = iϕ 12 −iϕ 23 I I
e + e r12 r23

(1)

where II is the intensity of incident light, φ=2πn2d2/λ is the phase change across graphene,
r12=(n1−n2)/(n1+n2), and r23=(n2−n3)/(n2+n3). Here n1, n2, and n3 are the refractive indices of the
substrate, graphene, and overlying medium, respectively. d2 = 0.335m nm is the thickness of
graphene of m layers, and λ is the wavelength of incident light. For λ = 532 nm, with glass (n1 =
1.52) and water (n3 = 1.33) being the substrate and the overlying medium, respectively, and
using the complex refractive index of graphene n2 = 2.65−1.27i,3, 26 we thus calculated the
theoretical Cm to be 31%, 34%, 36%, and 35%, for m = 1 to 4, respectively, in good agreement
with our experimental results (Figure 1cd). Eqn (1) further predicts that the achieved contrast is
relatively insensitive to the wavelength, and we have experimentally achieved comparable
contrast without using any optical filters (data not shown).
The outstanding contrast of IRM is powerful in revealing nanoscale structures and defects in
graphene. Figure 2a shows result on a nano-patterned graphene monolayer on glass. Excellent
contrast and resolution were observed. Intensity profiles yielded ~300 nm feature widths for the
finer structures, indicating that the resolution approached the diffraction limit. Figure 2b shows a
predominantly monolayer sample that was subjected to mechanical disruptions that would
possibly be encountered in device fabrication. Rich features6, 23, 27 are clearly revealed, e.g., local
bilayers (white arrow), tears and fold-overs (magenta arrows), and nanoscale cracks (blue
arrows) and wrinkles (green arrows). In comparison, in conventional transmission light
microscopy (Figure 2c) the smaller tears are overwhelmed by noise (dashed magenta arrows) and
none of the nanoscale cracks or wrinkles are discernable (dashed blue and green arrows).
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Figure 2: IRM visualization of nanoscale structures in graphene. (a) IRM of a nano-patterned
graphene monolayer on glass (top), and intensity profile along the magenta line (bottom). FD:
field diaphragm. (b) IRM of a predominantly monolayer graphene sample that was subjected to
mechanical disruptions. (c) Transmitted microscopy of the same area. (d-f) IRM result (d) crossexamined with SEM (e) and AFM (f). AFM image corresponds to red boxes in (d,e). Insets:
intensity and height profiles across the same major wrinkle that is observed in all imaging modes
(vertical green arrows). Arrows: white: bilayers; magenta: tears and fold-overs; blue: cracks;
green: wrinkles. Dashed arrows indicate features that are not visible in a particular imaging
mode.
1.2.2 Comparison of IRM to SEM and AFM
We next cross-examined IRM with SEM and AFM (Figure 2d-f). As the glass substrate is
insulating and unsuitable for SEM, we relied on the conductivity of graphene itself.28 The SEM
images (Figure 2e) are in agreement with IRM results, but afford significantly lower contrast and
SNR. Whereas bilayers and the more prominent wrinkles and cracks are visible (solid arrows),
the thinner wrinkles and cracks, which are clearly resolved in IRM, are hardly observable in
SEM (dashed green and blue arrows). Intensity profiles indicate that the more prominent
wrinkles visualized by SEM achieve SNR~2 (Figure 2e inset and data not shown): the same
wrinkles achieve SNR>30 in IRM (Figure 2d inset and data not shown).
AFM also yielded structural information consistent with IRM but at much reduced contrast
(Figure 2f and data not shown). Due to the relatively rough surface of glass (RMS roughness
~0.5 nm), features <~1 nm in height were difficult to identify. Consequently, bilayers are barely
visible (white arrows), and for wrinkles, only the most prominent ones (>~1.0 nm in height) are
discernable (green arrows). SNR<~2 was observed for the same wrinkles that achieve SNR>30 in
IRM (Figure 2df insets and data not shown).
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In addition to structures and defects in graphene, we note that IRM also provides excellent
visualization of nanoscale contaminants, including speckle-like debris and thread-like polymer
residuals that match well with SEM and AFM results (Figure 2d-f and data not shown).
We emphasize that besides outstanding contrast, IRM is further characterized by exceptional
throughput, low invasiveness, and ease of operation. Wide-field images were captured in
snapshots in ~10 ms, only limited by the camera framerate. This is ~1,000-times and >10,000times faster than SEM and AFM, respectively. Moreover, IRM does not require vacuum, and
avoids possible sample damage due to a scanning tip or electron beam (Figure 3kl below). Realtime inspection of nanoscale defects is thus readily achieved over large areas at up to 4x videorate.
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Figure 3: IRM visualization of graphene on different transparent substrates. (a) Quartz. (b)
Calcium fluoride. (c) Aclar (polychlorotrifluoroethene). (d) Polycarbonate. (e) Polyethylene
terephthalate. (f) Cellulose acetate. (g) Polyvinyl chloride. (h) Measured IRM contrast for
monolayer graphene on different substrates (magenta). Blue line: contrast of transmission
microscopy. (i) AFM image of graphene on Aclar [same sample as (c)]. (j) Height profile along
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where wrinkles are visualized in IRM (c). (l) A subsequent SEM image: arrowheads point to
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coverage.
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1.2.3 IRM on varying transparent substrates
We next examined graphene on other transparent substrates (Figure 3). Excellent IRM contrast
of 42% and 39% (Figure 3abh) is respectively observed for monolayers on quartz and CaF2
substrates, which for their superior optical properties have been often employed for graphene
physics and device applications5-6, 29-32. For flexible substrates, we achieved contrast of
23%−37% for monolayer graphene on five common polymer films, namely
polychlorotrifluoroethene (Aclar), polycarbonate (PC), polyethylene terephthalate (PET),
cellulose acetate (CA), and polyvinyl chloride (PVC) (Figure 3c-h). Nanoscale graphene
structures/defects of different types were clearly visualized on all substrates. We note that except
Aclar, in our hands the other polymer films were noticeably attacked by solvents used to dissolve
the PMMA protection layer in graphene wet-transfer. For the heat-stable PC substrate, we thus
instead transferred graphene using thermal release tapes6. Although a high yield was achieved,
microscopic cracks were often found in the transferred graphene (Figure 3d). Transfer using
Scotch tape led to very low yield and larger cracks (Figure 3e for PET). Wet transfer without
PMMA protection led to low yields and frequent cracks (Figure 3fg for CA and PVC). By
consistently achieving high contrast, IRM thus provides a way to directly characterize and
compare defect levels as graphene is transferred to different potential device substrates via
different procedures.
We note that these characterizations are difficult to achieve with alternative techniques. Due to
the very large surface roughness of commercial-grade polymer films (>10 nm), AFM often does
not provide useful contrast (Figure 3ij). Meanwhile, SEM provides poor contrast and causes
major structural changes of the sample (Figure 3kl and data not shown) due to electron beam.
IRM thus uniquely provides nanoscale structural details for graphene on these substrates.
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Figure 4: In situ monitoring of the microscopic failure mode of graphene under uniaxial strain (ad) Four representative IRM frames recorded during stretching. Strain amount (in horizontal
direction) is labeled in each image. (e) Kymograph along the cyan lines in (a-d), constructed by
extracting pixels along this particular line from every IRM frame and lining them up in the
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respectively, and point to a wrinkle that evolves into a crack during stretching. (f) Straindependent crack density and average crack width, determined from IRM images. (g)
Concurrently measured graphene resistance. Insets: zoom-in at low strain. (h) Computer-tracked
nano-cracks in (d) with local width coded by color. Major wrinkles are drawn as white lines. (i)
Kymograph of tracked cracks. Horizontal scale bars: 5 µm. Vertical scale bars (red): 5% strain.
As a key demonstration of the enabling power of our technique, we next report in situ monitoring
of the microscopic failure mode of graphene under strain, an important performance parameter
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for flexible electronics. Monolayer graphene on Aclar films was subjected to uniaxial stretching,
during which process concurrent IRM and electrical characterizations were performed (Figure 4).
IRM captured the very onset of graphene failure at ~0.9% strain, where the observed emergence
of nano-cracks (Figure 4f) coincided with a sudden rise in electrical resistance (Figure 4g and
inset). Previous bulk Raman spectroscopy studies on monolayer graphene and carbon fibers
indicate mechanical failure at similar strain levels (~1.0%),33-34 although electrical measurements
on multilayer devices have reported little resistance change up to 6% strain.5-6 Crack propagation
ensued upon further stretching, and numerous nano-cracks became readily visible in IRM at
~1.5% strain (Figure 4b). The rapid increase in crack density slowed down at ~4% strain, where
nano-cracks distributed roughly evenly across graphene at a density of ~180 mm-1 (Figure 4c).
Crack widening persisted throughout stretching (Figure 4efi); the measured average crack width,
as determined from the integrated light intensity of the diffraction-limited IRM images, increased
from the initial ~25 nm to ~140 nm at 9.4% strain (Figure 4f). Resistance increased
monotonically as cracks developed and widened (Figure 4g). These observations bear general
similarities to that reported for thin metal oxide films under strain35-36. However, for graphene
the traditional SEM approaches are unsuitable (Figure 3kl). Our IRM results reveal that for
graphene, strain-induced nano-cracks are largely, but not strictly (as found in metal oxide films3536
), perpendicular to the stretching direction. Frequent changes in crack orientation and position
are observed, and wrinkles parallel to the stretching direction often block crack propagation and
lead to discontinued cracks (Figure 4dh). In contrast, wrinkles perpendicular to the stretching
direction are often first flattened out during initial stretching, but then evolve into cracks upon
further stretching (arrows in Figure 4a-e), suggesting mechanical instability.
1.3 Conclusion
These results exemplify the extreme contrast and throughput of IRM. We thus expect IRM to
transform how graphene and other 2D materials are characterized for both research and industrial
applications. Overall, these results also demonstrate how subtle interference effects intrinsic to
the wave nature of light can be leveraged to overcome limitations of conventional diffraction
limited microscopy.
1.4 Methods
Preparation of graphene on different substrates. Wet transfer with PMMA protection Graphene
on glass, quartz, CaF2 and Aclar (polychlorotrifluoroethene) substrates were prepared through
the standard wet-transfer method with PMMA protection3-4. CVD graphene on copper foils
(Graphene Supermarket, Calverton, NY) was spin-coated with a ~150 nm layer of polymethyl
methacrylate (PMMA 495 A4, MicroChem, Newton, MA). After the copper was removed in an
etching solution (5% HCl + 20% FeCl3), the graphene-PMMA stack was transferred to a fresh
water bath so it floated on the water surface. Water bath transfer was repeated three times to
remove traces of ferric chloride. The PMMA-protected graphene film was then transferred to the
target substrates. PMMA was removed in two steps using anisole (15 min) and acetone (1-2
hours) followed by a rinse in isopropanol (10 min), and the sample was dried with nitrogen gas.
Wet transfer without PMMA protection. CVD graphene on copper was floated on top of an
etching solution for 5-10 minutes to remove copper. As soon as the copper layer became
9

invisible, a cleaned polymer substrate was used to carefully stamp the graphene piece from the
top. The polymer substrate with graphene was air-dried for ~20 minutes and then rinsed with DI
water.
Dry transfer using thermal release tape. Graphene transfer tape (Graphene Supermarket, GTT5pk) was applied to a piece of CVD graphene on copper and pressed thoroughly. Copper was
removed in an etching solution for ~10 minutes. Tape with graphene was rinsed in fresh DI
water for three times and then briefly air-dried. The tape was applied to the polymer substrate,
pressed and scraped thoroughly. A hotplate was used to heat the sample to ~90°C for release of
the tape.
Dry transfer with 3M scotch tape. 3M Scotch 105 Magic Tape was applied to a piece of CVD
graphene on copper and pressed and scraped thoroughly. Copper was removed in an etching
solution for ~10 minutes. Sample was rinsed with fresh DI water for three times. After brief airdrying, the tape with 3 graphene was applied on a cleaned polymer substrate, pressed and
scraped thoroughly. The tape was gently taken off from the polymer substrate.
Nano-patterning of graphene. Defined nano-patterns of graphene (Figure 2a) were fabricated
using focused ion beam (FIB). A gallium ion beam in a FEI Quanta SEM/FIB 4 system was used
to pattern CVD graphene on a copper foil, and the patterned graphene was transferred to a glass
substrate using PMMA-protected wet transfer as described above. Mechanically disrupted
graphene samples (e.g., Figure 2bc) were produced by immersing the samples in acetone and
using a pipette to generate air bubbles at the graphene surface, a process that emulates what is
often encountered in the lift-off process of photolithography for device nanofabrication.
Interference reflection microscopy (IRM). IRM was performed on a conventional Olympus IX73
inverted wide-field epifluorescence microscope that was equipped with a standard lamp for
fluorescence microscopy (U-HGLGPS). The fluorescence filter cube was configured with a
50/50 beam splitter (Chroma 21000) and a 530/10 nm band pass filter (Chroma D532/10x) as the
excitation filter. While the use of a band pass filter facilitated comparison of results with theory,
the obtained contrast was relatively insensitive to the wavelength, and comparable contrast may
be obtained without using an optical filter. No emission filter was used. Objective lenses were an
Olympus UplanFl 100× oil-immersion objective (NA ~0.9 with iris diaphragm) and an Olympus
UplanSapo 60× water-immersion objective (NA 1.2). Significantly reduced contrast was
observed when the dry objective lens was employed due to back-reflections at air-glass
interfaces (~8% for monolayer graphene on glass when using an UplanSapo 20× objective), and
so is not recommended. IRM images were acquired at 16-bit bit-depth using an Andor Zyla 4.2
sCMOS camera at 1024×1024 pixels with ~20 ms integration time (~50 frames per second) or at
512×512 pixels to achieve a 10 ms integration time (100 frames per second or 4× video-rate).
Effective pixel size was 65 nm and 108 nm when using the 100× and 60× objectives,
respectively. The microscope field diaphragm was closed down to slightly smaller than the
1024×1024 frame size to reject stray light from oblique angles, hence the black edges in images.
Comparable results were obtained when the entire sample was immersed in water, or when a
droplet of water was deposited at the area of observation. In this work we focused on water as it
is most accessible and uniquely compatible with all the substrates used in this study
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SEM and AFM characterizations. The conductivity of graphene itself was utilized to enable
SEM characterization of graphene on the insulating substrates. The sample was mounted on a
standard metallic sample mount using carbon tape, and a small amount of silver colloid paint
(Ted Pella 16031) was used to create a conductive bridge between graphene and the sample
mount. SEM imaging was performed on a FEI Quanta 3D FEG system in secondary-electron
mode. Comparison of images obtained at different acceleration voltages indicated that best
contrast was obtained at 2 kV, which was selected for comparison with IRM results. AFM
images were taken on an Asylum MFP-3D system in tapping mode using aluminum-coated
probes (Tap150Al-G; BudgetSensors). Nominal values of the force constant, resonance
frequency, and tip radius were 5 N/m, 150 kHz, and <10 nm, respectively. AFM data were
processed using WsXM.
Concurrent IRM and electrical characterization of graphene subject to uniaxial stretching
Sample preparation. For stretching experiments, CVD graphene (~10×4 mm) was deposited at
the center of a ~60×6 mm strip of a 0.2 mm-thick Aclar 33C film (Ted Pella, Redding, CA). A
liquid metal, GaInSn (68.5%:21.5%:10%), was employed as contact electrodes to ensure reliable
contact to graphene during stretching. Two thin copper wires were first connected to graphene
using silver paint and glued down onto the substrate with epoxy. GaInSn liquid metal was then
applied to connect the graphene surface with the copper wires; final distance between electrodes
was ~8 mm. The liquid metal wetted the graphene surface well and so maintained highly stable
junction conductance during stretching. A control sample in which GaInSn liquid metal directly
bridged two copper wires on the Aclar substrate showed a highly stable resistance of 1.36-1.38 Ω
during a similar stretching process, which is more than three orders of magnitude smaller than
the measured resistance of graphene.
Measurement system. The measurement system was comprised of three sub units, namely a
homebuilt tensile-testing station to apply uniaxial strain, IRM to monitor in situ structural
changes in graphene under strain, and a Keithley 2400 SourceMeter to concurrently monitor the
electrical properties of graphene. The tensile-testing station was constructed by mounting two
single-axis motorized translation stages (PT1-Z8, Thorlabs) onto the central plate of the
microscope stage, face to face with a 50 mm gap at zero displacement. The strip-shaped sample
was clamped at the two ends to the two stages so that its long axis is aligned with the
translational axes of both stages. A computer program was developed to simultaneously displace
the two motorized stages to opposite directions at the same rate. The system is effective for
stretching graphene up to a strain of ~9.5 %, when the Aclar film starts to yield. Strain was
measured by examining the actual displacements of structural features within the sample from
the obtained IRM images.
IRM system. The IRM system was as described above, but with the addition of an extension tube
for the objective lens to account for the increase in height due to the stretching stages. To
calculate the width of nano-cracks in monolayer graphene, which are often smaller than the
diffraction-limited resolution of optical microscopy (~300 nm), we integrated by pixel, across the
crack, the intensity difference when compared to continuous graphene, ΣΔIcrack. The crack
width was then determined by w = lpixel ΣΔIcrack /(I0 − I1). Here 𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙 is the effective pixel
size, and I0 and I1 are the experimentally measured light intensity per pixel on blank substrate
11

and on continuous monolayer graphene, respectively. Crack density is calculated as the number
of nano-cracks per unit length in the stretching direction, averaged across the image. A Keithley
2400 SourceMeter was used to monitor the electrical properties of graphene during stretching.
Current through graphene was recorded as the voltage was continuously swept in loops between
−12 mV and 12 mV. Resistance was determined by fitting to the resultant, highly linear I-V data.

12

Chapter 2: Spatially resolved in situ reaction dynamics of graphene via optical microscopy
In the previous chapter, we showed that interference reflection microscopy (IRM), a label-free
optical microscopy method, provides outstanding image contrast for graphene on transparent
substrates. Here, we go on to utilize IRM to uncover the unique, spatially and temporally highly
heterogeneous reaction dynamics of graphene and graphene oxide.
Work in this chapter was performed in collaboration with Yunqi Li, Wan Li and Ke Xu.
Reproduced here is an adaptation of ref.37 with permission from all co-authors. Copyright 2017
American Chemical Society.
2.1 Introduction
Graphene and its derivatives have attracted broad research and commercial interests over the past
decade for their exceptional electrical, optical, and mechanical properties.2, 8. The promise of
graphene can be substantially expanded through chemistry: chemical modifications provide
pathways to the fine-tuning of bandgaps, and chemical functionalization enables new
applications.38-45 Meanwhile, chemical reduction of graphene oxide (GO) provides a promising
route to graphene mass production.38, 46-47 Moreover, understanding the chemical reactivity of
graphene on substrates is critical to establishing the performance limitations of graphene-based
devices.
The fact that graphene is a single layer of carbon atoms creates challenges for studying its
reaction dynamics. X-ray photoelectron spectroscopy (XPS) provides elemental compositions
and chemical states,48-50 but offers no spatial information and is limited by ultrahigh vacuum
operating conditions. Raman spectroscopy provides an accessible means to study the doping and
defect levels of the graphene lattice,51 and thus an indirect way to probe reaction progress.49-50, 5257
However, the absolute progression of reaction is difficult to quantify, limited spatial and
temporal resolutions are achieved, and in situ application to solution-phase reactions54 is
difficult. Scanning electrochemical microscopy maps out local reactivity in solutions,58-60 but
reports on the reactions of solute molecules at the graphene surface as opposed to the reactions of
graphene per se. Here, we show how IRM can be used to understand reaction dynamics of
graphene and graphene oxide.
2.2 Results and Discussion
2.2.1 IRM applied to chemical reactions of graphene
IRM signal is based on the interference of light at the sample1 (Figure 5a), which depends
strongly on the complex index of refraction of the sample, n2 (Figure 5b). Consequently, IRM
should be sensitive to changes in local chemical compositions, as long as associated changes in
index of refraction exist. Specifically, for the chemical conversion between monolayer graphene
(n2 = 2.65+1.27i)3, 26 and GO (n2 = 1.75+0.17i),61 the theoretical contrast I/I0 (I and I0 being the
IRM signal at the sample vs. at a bare substrate, respectively) is 0.70−0.73 for the former and
0.97 for the latter (Figure 5b) when the top medium is an aqueous solution (n3 = 1.355−1.330).
This ~30% signal difference is readily detectable. By performing video-rate IRM recording of
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graphene and GO under the immersion of a solution-phase oxidizing/reducing agent, we thus
achieved quantitative, spatially resolved recording of the dynamics of graphene redox reactions
in situ.
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Figure 5: IRM reveals spatially inhomogeneous oxidation of graphene. (a) Schematic of IRM.
The complex indices of refraction are denoted as n1, n2, and n3 for the substrate, graphene
sample, and reactant solution, respectively. (b) Theoretical IRM signal (I/I0) for monolayers of
different complex n2 values. Circles mark values corresponding to pristine graphene (Gr) and
GO. (c) Raman spectroscopy of graphene after 1 h oxidation in Clorox, taken close to (Spot A)
and far away from (Spot B) centers of the flower-like patterns visualized by IRM (inset),
respectively. (d,e) IRM images of graphene on glass, before (d) and after (e) 1 h oxidation in
Clorox. “0”s mark areas with no graphene. (f) Result of (e) converted to oxidation progress map
(color-scale bar below). (g,h) Conventional transmission light microscopy of the bottom half of
the same areas as (d,e), with 2x artificial enhancement of image contrast. Scale bars: 5 µm.
We first examined the oxidation of copper-grown graphene23 that was wet-transferred23-24 onto
glass, using household bleach Clorox as the oxidant. Experimental IRM signal of the starting
graphene monolayer (Figure 5d) gave I/I0 = 0.71, in agreement with theory. After 1 h of
oxidation, micrometer-sized flower-like patterns appeared with significantly increased local
intensity in IRM signal (Figure 5e), consistent with the predicted signal change for GO (Figure
5b). In comparison, conventional transmission light microscopy achieved only 2% contrast for
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graphene9-10, 25 (Figure 5g), and after reaction barely discerned the flower-like patterns as
brighter areas (Figure 5h), attributable to the much lower light absorption of GO when compared
to graphene.61 Raman spectroscopy showed a stronger D peak, the appearance of a D’ peak, and
a reduced 2D peak for areas close to the flower-like patterns (Figure 5c), indicating greater local
reaction progress.52-57 XPS results showed ~20% graphene oxidation for samples similarly
prepared on a silicon substrate (data not shown), consistent with the observed reaction patterns.
The excellent IRM contrast offers a possibility to quantify local reaction progress. As IRM
achieves diffraction-limited spatial resolution of ~300 nm,1 its signal is the local average of the
contrast from graphene and GO within the diffraction-limited spot, and so is linearly dependent
on the local fraction of GO. We thus directly converted the measured I/I0 into a map of the local
GO percentage and thus the oxidation progress (Figure 5f). As shown below, this treatment
allows for good descriptions of both reaction progress and dynamics.
The reaction progress map (Figure 5f) revealed notable spatial heterogeneity. The reaction
progress was near 100% in the central areas of each flower-like pattern, but gradually decreased
to a lower extent towards the outer areas, with areas far away from the flower-like patterns
remaining largely unreacted. This result suggests that the oxidation initiates from certain
locations and propagates in the two-dimensional system.
The high sensitivity of IRM for nanoscale defects1 enabled us to identify the reaction-initiation
centers as nanoscale bilayers formed during graphene growth (red arrows in Figure 5e). Stacked
bilayers, e.g., those formed due to local tearing and folding-over of monolayers (yellow arrows
in Figure 5e), were not reaction centers, suggesting that it is not the presence of bilayers, but
rather local defects that seeds the reaction hot spots: It is likely that these local defects also
initiated the growth of the second layer in the first place. Edges of graphene were generally not
reaction-initiation centers, an observation in line with earlier results on gas-phase oxidation of
graphene.52 This result suggests that the oxidation of graphene is guided by different dynamics
compared to electrochemical reactions of solute molecules at the graphene surface.58-60 Wrinkles
in graphene were also not reaction-initiation centers. Remarkably, the more prominent wrinkles
apparently blocked the propagation of reaction in the two-dimensional graphene sheet (solid
cyan arrows in Figure 5e), whereas the lesser wrinkles were less effective in blocking reaction
propagation (dashed cyan arrows). AFM results indicate that the more prominent wrinkles are ~1
nm in height, whereas the lesser wrinkles visualized by IRM are difficult to probe with AFM due
to surface roughness.1
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2.2.2 Kinetics of chemical oxidation of graphene
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progress map of the same area after 10 min (b) and 38 min (c) reaction with Clorox. (d) IRM
signal (left axis) and the converted oxidation progress (right axis) as a function of time for the
four pixels marked as 1−4 in (a-c, e-h). (e-h) Map of local reaction rates, obtained by calculating
the slopes of reaction progress of every pixel during the time frame indicated in each figure. Red
arrows in (a,b,e) point to reaction-initiation centers. Scale bars: 5 µm.
To understand the kinetics of how the reaction propagates in this unique two-dimensional
system, we performed in situ IRM recording of the reaction in real time (Figure 6). After 10 min
of reaction, notable local oxidation was apparent close to hot spots surrounding nanoscale
bilayers (Figure 6ab). The reaction continued at these initiation centers while propagating in two
dimensions, thus forming flower-like patterns with greater reaction progress at the center (Figure
6c). The formation of microscopic tears/cracks was also occasionally observed (data not shown),
attributable to tension/strain generated from the reaction. Plotting the reaction progress for
different positions as a function of time (Figure 6d for Pixels 1-4 marked in Figure 6a-c) showed
sigmoidal dependence with initially low reaction rates, acceleration at different time points, and
reduced rate as the reaction approaches completion.
To visualize the apparent heterogeneity in reaction rate over both space and time, we calculated
and color-mapped the local reaction rate at every pixel of the image from the slopes of singlepixel reaction progress curves (e.g., Figure 6d) at different time points (Figure 6e-h).
Remarkably, at the onset of the reaction, finite (~2%/min) reaction rates were observed at highly
confined local hot spots in the vicinity of local bilayers (red arrows in Figure 6e; also Curve 1 in
Figure 6d). The initial reaction quickly propagated in the two-dimensional system (Figure 6f);
meanwhile, the reaction rates at the initiation centers accelerated and reached maxima of
~6%/min at 6-8 minutes (Figure 6g).
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The initially slow, but later accelerating reactions at the initiation centers are characteristic of
autocatalytic reactions. Defects at bilayers apparently act as initial seeds of reaction; as the
reaction progresses, more defects are locally created to promote further reaction. Areas
surrounding these initiation centers initially lack defects to start the reaction, and so “wait” for
periods of varied lengths (Curves 2, 3 in Figure 6d; Figure 6e-h) for the reaction-induced defects
to propagate to their locations to seed the reaction. As the locally available reaction sites are
consumed, reaction rates start to drop, hence the sigmoidal local reaction progress curves and a
peculiar “wavefront” of reaction rate at the edges of the flower patterns at later time points
(Figure 6h). This unique reaction propagation mechanism of the two-dimensional graphene
system is reminiscent of two-dimensional crystal growth at nucleation sites, although our
mechanism involves a gradual progression of local reactions and defects as opposed to rapid
crystallization.
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Figure 7: Reaction kinetics with a diluted oxidant. (a) IRM image of monolayer graphene after 2
h oxidation by 10% Clorox. (b) IRM-monitored oxidation progression as a function of time for
the four pixels marked as 1−4 in (a). (c,d), Map of local reaction rate for 24-28 min (c) and 116120 min (d), respectively. Red arrows in (a,c) point to reaction-initiation centers. Scale bars: 5
µm.
We observed similar reaction mechanisms for diluted (10%) Clorox, but noting significantly
lower reaction rates (Figure 7). Finite reaction rates were only detected after ~20 min, again first
at highly confined local hot spots in the vicinity of bilayers (Figure 7c), indicating a much slower
autocatalytic process. Slower propagation and prolonged delay time were observed across the
sample (Figure 7b-d).
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Together, these results show that the oxidation kinetics of graphene are characterized by an
oxidant concentration-dependent autocatalytic process that results in wave-like propagation of
reaction in two dimensions.
The flower-like (as opposed to radially symmetric) patterns we observed suggest strong
anisotropy: the autocatalytic nature of the reaction amplifies differences in local reaction rate
during radial propagation. In our IRM results we occasionally noticed point-like nanoscale
defects (white arrows in Figure 5ef and Figure 5a-c) and wrinkles (solid cyan arrows in Figure
5e) that blocked the propagation of reaction and so contributed to the flower-like patterns. Other
factors, including graphene crystallographic orientations and atomic structural defects62 may also
lead to anisotropic increases or decreases in local reaction rate.
From a different perspective, our observed wave-like, two-dimensional propagation of reaction
in graphene also bears a striking resemblance to chemical waves in reaction–diffusion systems:63
The autocatalytic oxidation mechanism makes graphene an excitable media, but here propagation
of reaction is through the generation of new defects at the wavefront within the two-dimensional
material as opposed to the diffusion of chemicals. Consequently, the spatial dimensions of our
reaction patterns are orders of magnitude smaller.63
2.2.3 Kinetics of chemical reduction of graphene
We next examined the reduction kinetics of GO. Starting monolayer GO flakes, as produced by
the conventional Hummers’ method,64 exhibited typical IRM signal of I/I0 = 0.96−0.98, in
agreement with theory (Figure 5b). A steady decrease in I/I0 was observed as GO was reduced,
whereas no change in I/I0 was found when the top medium was water (Figure 8a). For
quantification, we again converted I/I0 to reaction progress, here as the local percentage of
remaining GO (right-side y-axis of Figure 8a).
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Figure 8: In situ recording of the reduction kinetics of GO. (a) IRM signal (left axis) and the
converted reaction progress (right axis) for the reduction of GO with a 1% solution of ascorbic
acid and 0.1% and 1% solutions of Na2S2O4. Result in water is shown for comparison. The
0.1% Na2S2O4 data (red and blue) were drawn for two different pixels marked in (b). Other time
traces are given as local (~0.1 µm2) averages. Cyan line is fit to the 0.1% Na2S2O4 data to a
simple exponential decay. Insets: IRM images of a GO flake before and after 40 min reduction in
1% ascorbic acid. (b) IRM images of a GO flake before (left) and after (center) 30 min reduction
in 0.1% Na2S2O4, together with the converted map of remaining GO at 30 min (right). (c) Maps
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of local reaction rates of the same sample at 0−2, 2−4, 4−6, 6−8, and 8−10 min, respectively. (d)
Maps of the local first-order reaction rate constant k in 0.1% (left) and 1% (right) Na2S2O4,
respectively, obtained by fitting the reaction time trace of each pixel to a simple exponential
decay. (e) Distribution of the fitted k values for reduction in 0.1% Na2S2O4. Scale bars: 1 µm.
A 1% solution of ascorbic acid (vitamin C)65 exhibited a modest reaction rate that gradually
decreased from 1%/min to 0.4%/min to reach ~20% reduction progress (~80% remaining GO) at
40 min. Spatially uniform reduction was observed for the process (a inset).
In contrast, a solution of 0.1% sodium dithionite (Na2S2O4; also known as sodium hydrosulfite)66
showed a much higher initial reaction rate of >15%/min, but this rate quickly slowed down as the
reduction progressed towards a limit of ~40% remaining GO (Figure 8a). Despite this significant
temporal variation in reaction rate, the reduction process is characterized by spatial homogeneity:
different locations showed near-identical reaction dynamics (red and blue curves in Figure 58a),
and maps of the time-dependent reaction progress (Figure 8b) and rates (Figure 8c) were
homogeneous across the sample at all time.
The initially fast, then quickly decelerating reaction dynamics were well fit by a simple
exponential decay (Figure 8a), suggesting a pseudo-first-order reaction mechanism in which the
reaction rate is directly proportional to the remaining reaction sites in the two-dimensional GO
system. By fitting an exponential decay to the reaction time trace of every pixel, we thus mapped
out local first-order reaction rate constant k (Figure 8d). Spatial homogeneity was again
observed, with the distribution of k between pixels (Figure 8e) within a few percent
(0.233±0.005 min-1). Reduction with 1% Na2S2O4 showed similar, spatially homogeneous,
exponential reaction dynamics with faster rates (Figure 8ad), and the reduction proceeded further
to reach ~30% remaining GO (Figure 8a).
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2.2.4 Effect of pH on reduction of graphene
We next employed IRM to probe the effects of different reaction parameters, and in this process
identified a strong pH-dependence for the reduction of GO. An unadjusted 1% ascorbic acid
solution had pH~3. Increasing pH to 7 (neutral) and 14 (basic) led to significantly enhanced
reaction rates (Figure 9a). Spatially homogeneous reaction dynamics were observed across all
samples under different conditions (Figure 9b).
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Figure 9: In situ recording identifies pH as a key parameter in GO reduction. (a) IRM signal (left
axis) and the converted reaction progress (right axis) for the reduction of GO in 1% solutions of
ascorbic acid at pH 3, 7, and 14, in comparison to results in water and a pH 14 solution with no
reductants added. (b) IRM mapping of the local reaction progress for pH 3, 7, and 14 at ~40 min.
Scale bars: 2 µm. (c) IRM monitoring of the reduction progress of GO in 1% ascorbic acid as pH
is altered from ~3 (unadjusted) to 14.
We further monitored the reduction of GO by 1% ascorbic acid as pH was altered in situ from 3
to 14 (Figure 9c). A sudden jump in reaction rate was noted, thus pinpointing pH as a key
parameter of the reaction. In comparison, Raman spectroscopy only showed minor increases in D
peak for reduced GO (data not shown), in agreement with previous results,48-49 and no noticeable
differences were found for reduction at pH=3 vs. pH=14.
Previous work reported the auto-reduction of GO under alkaline conditions.67 With IRM we
found GO to be slowly reduced in a pH 14, NaOH-only solution to reach a reduction progress of
~12% at 40 min (magenta trace in Figure 9a). Our results thus suggest that alkaline conditions
activate GO to a more reactive state, which results in both discernable auto-reduction and
significantly faster reactions with reductants.
2.3 Conclusions
In summary, through IRM we have attained spatially resolved in situ reaction dynamics for the
solution-phase oxidation of graphene and reduction of GO. Starting from a two-dimensional
crystal with few structural defects, we found the oxidation process of graphene to be spatially
and temporally heterogeneous. Reaction initiated at highly localized, nanoscale hotspots
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associated with structural defects, and then propagated away as new defects are locally created at
the wave front, thus resulting in microscopic, flower-like patterns unique to the two-dimensional
system. In contrast, spatially homogeneous, yet pH-dependent pseudo-first-order reaction
dynamics was found for the reduction of GO, indicating that active reaction sites exist uniformly
across the sample at high densities, conceivably a result of the harsh oxidation reactions during
GO preparation. While the ability to reveal these striking, spatially resolved reaction dynamics in
situ is already fascinating, our work also opens the door to future studies of other chemical
reactions of two-dimensional materials.
2.4 Methods
Sample preparation. Graphene samples: graphene CVD-grown on copper foils23 was spin-coated
with a ~200 nm layer of polymethyl methacrylate (PMMA 495 A2, MicroChem, Newton, MA).
The copper-graphene-PMMA stack23-24 was placed in a copper etchant solution (5% HCl + 20%
FeCl3) to remove copper, and then transferred to a fresh water bath. Water bath transfer was
repeated three times to remove contaminants. A glass coverslip was subsequently used to pick
the graphene-PMMA stack off of the surface of the water. The coverslip-graphene-PMMA stack
was allowed to dry in air, and then PMMA was removed by immersion in acetone (1 hour)
followed by a rinse in isopropanol. The sample was dried with nitrogen gas. GO samples: GO
solutions, as prepared by the conventional Hummers’ method,64 were spin-coated onto glass
coverslips. A droplet of diluted GO solution was placed on the surface of a coverslip and allowed
to rest for 5 minutes. The coverslip was then spun for 60 seconds with an acceleration of 50
RPM/s and a final rotational speed of 3000 RPM.
Interference reflection microscopy (IRM). IRM was performed on an inverted wide-field
epifluorescence microscope.1 The Olympus IX73 microscope was configured with an UplanFl
100x oil-immersion objective (NA ~0.9 with iris diaphragm) and a standard lamp for
fluorescence microscopy (U-HGLGPS). The filter cube contained a 50/50 beam splitter (Chroma
21000), a 530/10 nm band-pass filter (Chroma D532/10x) as the excitation filter, and no
emission filter. The filtered light passed through the sample and was reflected at the substratesample-top medium interfaces (Figure 5a). Interference between these interfaces led to widefield IRM images, which were recorded using an Andor Zyla 4.2 sCMOS camera at 1024x1024
pixels with 16-bit depth and typical integration time of 20-500 ms. Effective pixel size was 65
nm. The microscope field diaphragm was closed down to slightly smaller than the 1024x1024
frame size to reject stray light. Prepared sample coverslips with either graphene films or GO
flakes were placed on the microscope, and first overlaid with a layer of water for IRM
identification of suitable imaging areas. Continuous IRM recording was started, and then the
water layer was replaced with a reactant solution. The reaction process was thus recorded in situ.
Data Analysis. Collected data files contained a series of raw images 1024x1024 in size that were
captured every ~100 ms (typical file size: 20-100 gigabytes). Consecutive frames were first
averaged to reduce file size and further enhance signal to noise, so that the effective time
resolution of the processed data was a few seconds, more than sufficient for the reaction
dynamics in this study. The images were background-corrected and drift-corrected. Light
intensity (I) of each pixel was normalized to that of the blank areas of the coverslip (I0) for each
frame. Measured I/I0 was converted into reaction progress (local percentage of GO) through a
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comparison with the I/I0 values of graphene and GO, as discussed in text. Local linear reaction
rates (in the unit of %/min) were obtained through linear fits to the reaction progress of each
pixel during different time spans as indicated. Local first-order reaction rate constants k (in the
unit of min-1) were obtained by fitting the full time-dependent reaction progress of each pixel
with a simple exponential decay.
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Part II: Expanding the capabilities of super-resolution
fluorescence microscopy
In this section, we move beyond diffraction limited optical methods into the realm of superresolution fluorescence microscopy. The class of super-resolution methods collectively refers to
techniques that move through the diffraction limit and thus improve the resolution of
conventional fluorescence microscopy by a factor of ten or more, thus opening new doors to
exploring materials and biology on smaller length scales than was previously possible. However,
it has also introduced constraints new to fluorescence microscopy, including specialized sample
preparation, new illumination and detection schemes, and stringent limitations on the type and
depth of samples that can be imaged.
Two stories about efforts to overcome these constraints and expand the capabilities of
super-resolution fluorescence microscopy to new systems are told in this section. In the first, we
for the first time utilize the full fluorescence spectra of an environmentally-sensitive fluorophore
used with super-resolution microscopy to characterize nonpolar surface adlayers, and reveal new
compositional information about these adlayers as well as their tendency to demix on substrate
surfaces. In the second, we expand the depth capabilities of conventional super-resolution
fluorescence microscopy through a remote focusing scheme, thus enabling imaging of biological
samples through arbitrary oblique planes. This scheme is a new way to overcome the
conventional limitation of imaging only the plane very close to and parallel to the coverslip
where the biological samples rest.
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Chapter 3: Optical characterization of surface adlayers and their compositional demixing at the
nanoscale
Work in this chapter was conducted in collaboration with Limin Xiang, Sam Kenny, Rui Yan,
Seonah Moon, and Ke Xu. It is reproduced here from ref.68 with permission from all co-authors.
Copyright 2018 Nature Publishing Group.
3.1 Introduction
Upon exposure to a liquid or vapor, a solid substrate quickly picks up molecularly thin adlayers
that often dominate its surface behavior. For instance, the adsorption of airborne hydrocarbons
readily converts an initially hydrophilic metal, semiconductor, or graphene surface into a
hydrophobic one within hours69-72. Understanding the nature of such adlayers is of utmost
importance in addressing the chemistry and physics of both the adsorbate and the substrate, and
is thus key to wide-ranging applications from semiconductor fabrication to atmospheric sciences
and crude-oil production71, 73-75.
However, it remains a challenge to elucidate the microscopic structure and composition of
adlayers. Atomic force microscopy (AFM) and related scanning-probe techniques have been
employed to probe adlayer structure75-78 , but are challenging for small-molecule adlayers that
only weakly adhere to the surface. Our previous efforts on graphene templating partly overcome
this issue, but the influence of graphene-sample interaction is difficult to assess79-81.
Recent advances in super-resolution fluorescence microscopy (SRM)82-83, including those based
on single-molecule imaging like STORM (stochastic optical reconstruction microscopy)84 and
PAINT (points accumulation for imaging in nanoscale topography)85, provide noninvasive,
optical means to achieve nanoscale spatial resolution. Although originally developed for biology,
SRM has proven valuable for non-biological soft-matter and surface systems86-91. The recent
integration of spectral measurement with SRM further enables multidimensional imaging92-97. In
particular, with spectrally resolved STORM and PAINT (SR-STORM/SR-PAINT), we have
demonstrated four-color SRM92 and revealed compositional heterogeneity in cell membranes96.
Here we develop a general approach to probe the nanoscale structure and composition of weakly
adhered organic adlayers via spectrally resolved SRM. By recording the images and emission
spectra of ~106 individual solvatochromic fluorescent molecules that turn fluorescent in the
adlayer phase, we optically achieve ~30 nm spatial resolution for the adlayers with concurrent
detection of local chemical polarity. Consequently, we reveal how the nanoscale adlayer
structure on a glass surface varies as a function of chemical polarity for 8 different solvents, and
discover that a solvent mixture spontaneously decomposes into nanodroplets of varying
compositions and sizes on the surface.
3.2 Results
3.2.1 Spectrally resolved super-resolution imaging of organic adlayers
We employed Nile Red, a polarity-sensitive solvatochromic fluorophore98 that is effectively nonfluorescent in water but strongly fluorescent in organic phases99, to achieve SR-PAINT for
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adlayers of small organic molecules on a glass surface. By illuminating the sample with a total
internal reflection (TIR) configuration to excite a depth of ~100 nm from the glass surface, we
found that the stochastic insertion of individual Nile Red molecules from an aqueous imaging
buffer into the adlayers led to bursts of single-molecule fluorescence with low background
(Figure 10a-c). Due to the extreme thinness of the adlayers (a few nanometers; below), single
molecules rapidly diffused in (strongly fluorescent) and out (non-fluorescent) of the adlayer.
This short timeframe left little chance for lateral diffusion. Consequently, single-molecule
fluorescence appeared as diffraction-limited spots with minimal motion blur (Figure 10bc).

Figure 10: Spectrally resolved super-resolution microscopy of small-molecule adlayers. a,
Experimental setup. The stochastic insertion of individual Nile Red molecules from an aqueous
solution into the TIR-illuminated adlayers leads to bursts of single-molecule fluorescence, which
is split into two light paths for concurrent recording of the position (Path 1) and the spectrum
(Path 2) of each molecule in the wide field. IP: intermediate image plane. L, lens; BS, beam
splitter; M, mirror. b, A small region of the concurrently acquired images (left) and spectra
(right) of two single Nile Red molecules inserted into TCE adlayers, obtained in a 9-ms
snapshot. Crosses indicate the mapped spectral positions of 590 nm for each molecule. Scale bar
is 2 μm. c, Results of chloroform adlayers. Scale bar is 2 μm. d, Spectra of the four single
molecules in b and c. Dash lines give the spectral mean of each spectrum. e, Distribution of
photon counts in the image channel for single Nile Red molecules in typical data of TCE (blue;
average is 984 photons) and chloroform (red; average is 896 photons) adlayers.
The resultant single-molecule fluorescence was split for concurrent recording of position and
spectrum in the wide field (Figure 10a)92, 96. Figures 1b and 1c each show a small region of a
single camera frame (9 ms integration) of the recorded data, for adlayers of trichloroethylene
(TCE; Figure 10b) and chloroform (Figure 10c), two common organic solvents of contrasting
polarity. Similar single-molecule spectra were observed for the same adlayer, whereas a notable
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redshift was observed for the more polar chloroform (Figure 10d), consistent with the
solvatochromic behavior of Nile Red99-100. Statistics of the single-molecule fluorescence
intensity in the image channel gave asymmetric single-peak distributions (Figure 10e)
characteristic of typical STORM, PAINT, and other single-molecule experiments96, 101-102, and
the averaged counts were ~900 photons. By integrating the recorded positions and spectra of
millions of single molecules over different frames, we mapped out both the morphology and
polarity of the adlayers at the nanoscale.
3.2.2 Trichloroethylene and chloroform adlayers
To present the spectral and spatial information of every detected molecule in one image, we
calculated the intensity-weighted average of wavelength for each single-molecule spectrum (dash
lines in Figure 10d), and used this spectral mean value to assign a color on a continuous scale
when plotting the position of each molecule, hence “true-color” SRM images92. To cover the
spectral behavior of the different adlayers examined in this work, we mapped a spectral range of
616-645 nm to a violet/blue to orange/red color scale (Figure 11, Figure 12 and data not shown).
In the resultant true-color SR-PAINT SRM images, TCE adlayers consistently appeared as
violet-blue colored circular nanodroplets that randomly scattered across the surface (Figure 11ab and data not shown). The nanodroplets were often <~100 nm in diameter (Figure 11a-b),
significantly smaller than the optical diffraction limit (~300 nm), although larger ones up to
several hundred nanometers were also observed (data not shown). The smallest nanodroplets had
apparent sizes of ~33 nm in FWHM (full width at half maximum) (Figure 11b inset), limited by
our image resolution. While the ~900 photons we detected per molecule (Figure 10e) could
theoretically translate to a single-molecule localization precision of ~17 nm in FWHM103-104,
experimentally a ~30 nm FWHM localization precision has been found under similar settings96,
105
due to imperfections of the imaging system including pixel nonuniformity and mechanical
instability106. Deconvolution of this precision/resolution from our SR-PAINT data implies that
the true sizes of these smallest nanodroplets were <20 nm.
Markedly different spectral and structural characteristics were observed in the SR-PAINT data of
the more polar chloroform. Adlayers appeared yellow on the same spectral scale, indicating
higher polarity, and were self-organized into circular networks ~5 µm in diameter across the
substrate (Figure 11d and data not shown). Edges of the networks were ~100 nm in width, again
significantly below the diffraction limit of conventional optical methods, and often appeared as
parallel pairs at ~1 µm separation (Figure 11g), suggesting a mechanism in which initially ~1 µm
wide adlayer strips gradually dewet into ~100 nm-wide lines along their two edges. Accordingly,
additional residual adlayers were occasionally observed between the parallel edges (white arrows
in Figure 11d).
We note that the adlayers were stable with the application of the imaging buffer necessary for
our SR-PAINT approach. Among the different adlayers investigated in this work, we found that
the TCE droplets could be directly observed by differential interference contrast (DIC)
microscopy, albeit at much reduced resolution (~600 nm) (data not shown). Adding the imaging
buffer did not alter the adlayer structure (data not shown). Through SR-PAINT, we further
confirmed the adlayer nanostructures of both TCE and chloroform to be stable in the imaging
buffer over hours, in terms of both nanoscale structure and polarity (data not shown). The
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observed high structural stability may be due to the known enhanced adlayer-substrate
interactions at the nanoscale, as manifested by drastically reduced contact angles found in
previous studies81, 107 and below.
We have compared PAINT results obtained with another dye, Merocyanine 540, which is also
characterized by a substantial increase in fluorescence in the organic phases when compared to
the aqueous phase108. Comparable adlayer structures were observed (data not shown). However,
when compared to Nile Red, Merocyanine 540 exhibits minimal shifts in emission spectrum for
solvents of different polarities108 (data not shown), and so is not useful for revealing local
polarity. Nonetheless, the consistency of results from different dyes indicates that the choice of
fluorescent probe has no impact on the image generation process.

Figure 11: Spectrally resolved super-resolution results of TCE and chloroform adlayers. a, Truecolor SR-PAINT image of TCE adlayers, color-coded according to the spectral mean values of
single Nile Red molecules, hence an indicator of local polarity (color bar). Scale bar is 5 μm. b,
Zoom-in of the red box in a. Inset: intensity profile for the smallest droplet identified (white
arrow). Gaussian fit gives a FWHM width of 33 nm. Scale bar is 2 μm. c, Soft tapping-mode
AFM image of TCE adlayers. Inset: height profiles of two droplets pointed to by the red and blue
arrows. Arrows in the profiles point to asymmetry due to dragging. Scale bar is 1 μm. d, Truecolor SR-PAINT image of chloroform adlayers, on the same color/polarity scale as a and b.
White arrows point to features between parallel edges. Scale bar is 2 μm. e-f, Soft tapping-mode
AFM phase (panel e) and height (panel f) images of the same sample. White and blue arrows
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point to parts of adlayers that were only visualized in the height and phase images, respectively.
Scale bars: 2 μm. g, Intensity profile along the white dash line in d, crossing two parallel edges.
Gaussian fits give 107 and 72 nm for the FWHM widths of the two edge lines, respectively. h,
Height profile for the adlayer pointed to by the white arrow at the center of f. Gaussian fit gives a
FWHM width of 107 nm.

Figure 12: Dependence of adlayer spectral and structural properties on polarity of the liquid. a-e,
True-color SR-PAINT images of adlayers of tetrahydrothiophene a, ethyl acetate b,
dichloromethane c, nitromethane d, and EAA e. Images were color-coded according to the
spectral mean values of single Nile Red molecules, on the same spectral/polarity scale as Figure
11. Scale bars: 2 µm. f, Measured spectral mean values of the adlayers versus the relative
polarity (normalized Dimroth−Reichardt ET scale98) of the liquids. THT: tetrahydrothiophene;
EtOAc: ethyl acetate; DCM: dichloromethane; Nitro2C: nitroethane; NitroC: nitromethane. Each
data point is averaged from 9-12 areas of 3-6 different samples, with standard deviations drawn
as error bars. Red curve is a guide to the eyes.
We next compared results with AFM acquired in the dry state in air. Soft tapping mode using a
probe of low (~5 N·m-1) force constant visualized structures consistent with our SRM results, but
strong disturbances to the adlayers were apparent. Specifically, for the TCE adlayers,
asymmetric droplet shapes were observed along the scanning direction (Figure 11c), indicative
of dragging by the scanning tip. Such artifacts from tip-adlayer interactions76 became more
severe when scanning at high magnifications, and so the shape of the smaller (<~50 nm) droplets
was difficult to determine (data not shown). Typical heights of the nanodroplets were a few
nanometers (Figure 11c inset), thus indicating very flat geometries with contact angles of <~10◦,
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consistent with the known behavior of adsorbed nanodroplets81, 107. For the chloroform adlayers,
AFM showed fragmented adlayer structures so that the circular networks were, intriguingly, only
partly visualized in either the phase (Figure 11e) or the height (Figure 11f) images in a
complementary fashion (blue and white arrows), again signifying problems due to tip-adlayer
interactions. For regions where height data appeared normal, the network edges were ~100 nm in
width (Figure 11h), consistent with SR-PAINT results (Figure 11g), and a few nanometers in
height, again indicating flat geometries. Tapping mode with a standard probe (~48 N·m-1) gave
reduced adlayer contrast, whereas in contact mode, the AFM tip severely dragged the adlayers
along, and so no adlayers were visualized for either TCE or chloroform (data not shown).

Figure 13: Nanoscale decomposition of a two-component mixture on the surface. a, True-color
SR-PAINT image of adlayers from a 1:3 mixture of TCE and chloroform, drawn on a spectral
scale of 620-638 nm. Scale bar is 2 μm. b, Zoom-in of the yellow-boxed area in a. Inset:
intensity profile along the vertical (y) direction for the four closely located nanodroplets marked
by the white box. Scale bar is 1 μm. c, Averaged single-molecule spectra obtained for Regions I
(large nanodroplets), II (the reddest small nanodroplets), and III (small nanodroplets with
varying color) in b (solid lines), compared to that of adlayers of pure TCE and chloroform (dash
lines). d, Averaged spectral mean value (left y-axis) and corresponding chloroform percentage
(right y-axis) of each droplet, as a function of droplet size. Shaded band represents the typical
range of nanodroplets of pure TCE adlayers. e, Recoloring of b by the estimated chloroform
percentage of each nanodroplet. Scale bar is 2 μm.
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3.2.3 Dependence of adlayer spectral and structural properties on solvent polarity
The contrasting spectral and structural characteristics of TCE and chloroform adlayers revealed
by SR-PAINT prompted us to investigate whether universal structural and polarity trends can be
established. We thus next examined adlayers of 6 more common solvents, namely
tetrahydrothiophene, ethyl acetate, dichloromethane, nitroethane, nitromethane, and ethyl
acetoacetate (EAA) (Figure 12a-e and data not shown). Together with the above-discussed data
of TCE and chloroform (Figure 11a, Figure 11b, Figure 11d and data not shown), we found that
the single-molecule spectra of Nile Red at different adlayers were largely uniform within
adlayers of the same liquid, but redshifted for higher solvent polarity. Plotting the averaged
spectral means for single molecules at the different adlayers as a function of the relative polarity
of the liquids showed a near-monotonic trend (Figure 12f). These results indicate that the
polarity of the adlayers is well correlated with that of the bulk liquid.
Remarkable polarity-dependent trends were also found for adlayer morphology at the nanoscale.
The two low-polarity liquids, TCE and tetrahydrothiophene, both showed up as zero-dimensional
(0D) nanodroplets across the surface (Figure 11a, Figure 11b, Figure 11a, data not shown). With
increased polarity, adlayers of chloroform and dichloromethane both appeared as intertwined
networks of one-dimensional (1D) nano-lines (Figure 11d, Figure 12c, data not shown). With
polarity in between the above two cases, ethyl acetate gave nanoclusters of in-between
morphology (Figure 12b and data not shown). Liquids of relatively high polarity -namely,
nitroethane, nitromethane, and EAA, spread well to form large domains of two-dimensional (2D)
films micrometers to tens of micrometers in size (Figure 12d-e and data not shown). Our results
hence establish a model in which adlayer dimensionality at the nanoscale gradually increases
with polarity on the hydrophilic glass surface.
We again compared AFM results. Although soft tapping-mode AFM performed adequately for
ethyl acetate (data not shown), it did not visualize any dichloromethane adlayers (data not
shown). This result may be attributed to the very low boiling point of dichloromethane (39.6 °C);
the adlayers may thus be too fragile to be probed by an AFM tip. Meanwhile, nitromethane
adlayers were barely visible in AFM due to their very small height (~1 nm) and tip-adlayer
interactions (data not shown). Overall, our AFM results, acquired in the dry state in air, were
generally consistent with our PAINT SRM results, although tip-sample interactions often
obscured nanoscale structural features visualized by PAINT.
3.2.4 Spontaneous nanoscale demixing of a two-component mixture
The distinct spectra we resolved in SR-PAINT for adlayers of different liquids suggest a
mechanism to distinguish nanoscale adlayers of unknown compositions, e.g., those formed from
mixtures. Remarkably, by immersing a glass surface in a 1:3 well-mixed solution of TCE and
chloroform, two liquids miscible in bulk, the resultant adlayers showed up as a palette of
different colors and nanoscale structures in SR-PAINT images (Figure 13a, Figure 13b and data
not shown; note that colors are mapped to a narrower spectral range of 620-638 nm). Overall,
adlayers appeared as both isolated, large (dia. ~200 nm) nanodroplets of bluer spectra, and
smaller (<100 nm), redder droplets that were arranged into fragmented networks. Both the sizes
of the droplets and the separations between the droplets were often substantially smaller than the
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diffraction-limited resolution of conventional light microscopy (Figure 13b inset). The large
nanodroplets had averaged single-molecule spectra that matched well to adlayers of pure TCE
(Figure 13c). In the other limit, the reddest small nanodroplets exhibited single-molecule spectra
that agreed with that of adlayers of pure chloroform (Figure 13c). Meanwhile, a majority of the
small nanodroplets showed intermediate spectra (Figure 13c), suggesting varying compositions.
These results indicate that although we started with a well-mixed solution, TCE and chloroform
spontaneously demixed on the glass surface to form adlayer nanodroplets of different
compositions. Although the nanoscale demixing of miscible liquids has been reported in
confined systems109-110, related effects for surfaces are usually discussed within the context of the
dewetting of films111-113. The unique capability to resolve local compositions allowed us to reveal
nanoscale demixing in surface adlayers.

Figure 14: SR-PAINT reveals the effect of mixture composition on adlayer structure and
composition for the TCE-chloroform system. a-b, True-color SR-PAINT images of adlayers
from a 1:1 TCE-chloroform mixture. b is a zoom-in of the red box in a. c-d, True-color SRPAINT image of adlayers from a 1:6 TCE-chloroform mixture. d is a zoom-in of the blue box in
c. Scale bars: 4 μm (a,c) and 1 μm (b,d).
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To quantify the composition of every adlayer nanodroplet, we calculated the averaged spectral
mean value for all detected single molecules within each nanodroplet. Plotting this result as a
function of the size of the nanodroplets (Figure 13d), both of which were uniquely delivered by
SR-PAINT, indicated that most droplets >~100 nm in diameter had averaged spectra similar to
pure TCE adlayers. For the smaller droplets, a very limited fraction attained spectra comparable
to that of adlayers of pure chloroform, whereas the others showed a continuous distribution of
wavelengths between the two limits. Using a simple linear interpolation (secondary y-axis of
Figure 13d), we directly converted the averaged spectral position of each nanodroplet to its mole
fraction of chloroform, thus facilitating simultaneous visualization of the nanodroplet
composition, size, and location (Figure 13e).
The scattered distribution of large nanodroplets of ~100% TCE is similar to results on adlayers
due to pure TCE (Figure 11a-b). Meanwhile, the smaller nanodroplets, with varying fractions of
chloroform, were arranged into ring-like network patterns that are reminiscent of adlayers of
pure chloroform (Figure 11d), albeit here the networks were broken into nanodroplets. These
intriguing results, wherein adlayer composition correlates strongly with the droplet size and
location, point to an intricate local balance and/or competition between the vapor pressures and
surface interactions of TCE and chloroform at the nanoscale.
We further examined the influence of mixture composition by varying the ratio of TCE and
chloroform in the starting solution (Figure 14). For adlayers of a 1:1 TCE-chloroform mixture
(Figure 14ab), fewer high-polarity droplets were observed when compared to the adlayers of the
1:3 TCE-chloroform mixture (Figure 13), and small, intermediate-polarity droplets surrounded
large low-polarity droplets as opposed to forming fragmented networks. This result is consistent
with the lower chloroform concentration in the starting mixture: the vapor pressure of
chloroform is 3-fold higher than TCE at room temperature, so it evaporates away faster during
adlayer formation. In contrast, for adlayers of a 1:6 TCE-chloroform mixture (Figure 14cd), the
low-polarity large droplets disappeared, and segments of nano-lines interspersed with small
droplets, consistent with the higher chloroform content of the starting mixture. Together, our
results on adlayers of different starting mixtures showed trends consistent with the expected
physical properties of the two solvents, but uniquely revealed the remarkable evolution of
nanoscale structures and composition distributions of this system.
3.3 Discussion and Conclusion
By recording the fluorescence spectra and positions of millions of single solvatochromic
molecules that turn fluorescent in the organic phase, our SR-PAINT approach uniquely allowed
for the nanoscale visualization of the morphology and composition of weakly bound adlayers of
small organic molecules. Through examination of 8 different molecules, we first established
general trends for how adlayer geometry/dimensionality evolves as a function of molecular
polarity. Although corresponding AFM results can be interpreted as consistent with our SRPAINT data, tip-adlayer interactions often disturbed the sample and led to incomplete
visualization of the adlayers. The morphology information alone also did not lend confidence to
whether all observed structures were due to adlayers. In contrast, with SR-PAINT, we detected
uniform single-molecule spectra for adlayers of the same solvent, as well as consistent spectral
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redshifts for the more polar solvents, thus confirming the identity of the observed structures
while also showing that the adlayer polarity is well correlated with that of bulk solvent.
Taking this unique spectral information to the next level, we examined adlayers from a solvent
mixture, and revealed that for the miscible TCE-chloroform system, in adlayers the two solvents
spontaneously demix into nanodroplets of varying compositions. Notably, the composition
correlated strongly with droplet size and location, thus pointing to rich interactions between
different factors in determining how adlayers are formed from solvent mixtures. While such
capabilities are immediately powerful for probing adlayers due to different chemical and
physical processes (e.g., our preliminary results on the influence of mixture composition on
adlayer morphology and composition; Figure 14), our spectrally resolved SRM approach also
opens the door to the nanoscale structural and functional interrogation of other similarly
challenging surface and soft-matter systems inaccessible to current methods. Future studies
investigating the dependence of substrate surface polarity on adlayer morphology and
composition could further illuminate the processes controlling adlayer formation.
3.4 Methods
Materials and sample preparation. Trichloroethylene (TCE) (99%), tetrahydrothiophene
(98%), nitroethane (98%), nitromethane (98%), ethyl acetoacetate (EAA) (99%), and glycine
(99.5%) were from Alfa Aesar. Chloroform (99.8%) was from BDH Chemicals.
Dichloromethane (99.5%) was from Sigma-Aldrich. Ethyl acetate (99.9%) was from Fisher
Chemical. Nile Red (99%, Acros Organics) was dissolved in dimethyl sulfoxide to form a 3 mM
stock solution and kept at −20 ◦C. Glass coverslips (25 mm circle, VWR) were cleaned with a
heated piranha solution (75% sulfuric acid and 25% hydrogen peroxide), and then rinse with
Milli-Q water (18.4 MΩ•cm), thus rendering a highly hydrophilic surface. After blown dry with
nitrogen, the coverslip was immersed into a chosen liquid for 3 hr, and then let dry in air.
Optical setup. SR-PAINT SRM experiments were performed on a home-built setup (Figure 10)
based on a Nikon Ti-E inverted fluorescence microscope. A 561-nm laser (Coherent) was
introduced onto the back focal plane of an oil-immersion objective lens (Nikon CFI Plan
Apochromat λ 100×, NA 1.45) via a dichroic mirror (ZT561rdc, Chroma). A translation stage
shifted the laser beam toward the edge of the objective so that emerging light reached the sample
at an incidence angle close to the critical angle of the glass-water interface to achieve total
internal reflection (TIR) wide-field illumination. Emission was filtered by a long-pass (ET575lp,
Chroma) and a short-pass (FF01-758/SP, Semrock) filter, and then cropped at the image plane of
the microscope camera port to a width of ~4 mm. The cropped intermediate wide-field image
was collimated by an achromatic lens (f = 80 mm) and then split into two perpendicular paths
with a 50:50 beam splitter (BSW10, Thorlabs). In Path 1, emission was focused by an
achromatic lens (f = 75 mm) onto one-half of an EM-CCD (electron-multiplying charge-coupled
device) camera (iXon Ultra 897, Andor) to achieve an effective magnification of ~94× for widefield recording of single-molecule images. In Path 2, emission was dispersed by an equilateral
calcium fluoride prism (PS863, Thorlabs) and then focused by an achromatic lens (f = 60 mm)
onto the other half of the EM-CCD to generate spectra of the same single molecules in the wide
field. Wavelength calibration was performed by using fluorescent beads and narrow bandpass
filters92. Briefly, 100-nm diameter, four-color fluorescent beads (T7279, Life Technologies) were
adsorbed to a glass coverslip at low density, and imaged on the setup with 405 nm, 560 nm, or
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647 nm excitation. Beads appeared as diffraction-limited spots in Path 1, and as dispersed 1D
spectra in Path 2. Bandpass filters with ~10 nm bandwidth were used to determine the spectral
positions of different known wavelengths in Path 2 relative to the bead positions in Path 1.
SR-PAINT imaging of adlayers. The coverslip sample was immersed in a 10 mM glycine
buffer solution (pH = 9.4) containing ~3 nM Nile Red, and was continuously illuminated with
the 561 nm laser under the abovementioned TIR configuration at an intensity of ~2 kW·cm-2.
The stochastic insertion of individual Nile Red molecules from the imaging buffer into the
adlayers led to transient bursts of single-molecule fluorescence, whereas the background signal
was low due to the very low quantum yield of Nile Red in water and the TIR illumination.
Single-molecule fluorescence bursts usually switched off within the same camera frame they
appeared, as the Nile Red molecules returned to the aqueous phase or were photobleached.
Single-molecule fluorescence emission was concurrently recorded in the wide-field as nondispersed images (Paths 1) and dispersed spectra (Path 2) (Figure 10a-c). Sparsity of singlemolecule fluorescence was achieved by adjusting Nile Red concentration in the imaging buffer
to avoid signal overlapping between molecules. The EM-CCD recorded continuously at 110
frames per second (integration time: 9 ms per frame) for a frame size of 512×256 pixels
[256×256 pixels for wide-field single-molecule images (Path 1) and spectra (Path 2),
respectively], and typically collected 20,000−40,000 frames (3-6 min) for each experiment. ~900
photons were collected for each molecule in the image channel (Figure 10e), and the typical
signal-to-noise ratio is >25 for each molecule. To correlate the spatial and spectral positions of
Path 1 and Path 2, a narrow bandpass filter centered at 590 nm (FF01-590/10, Semrock) was
placed before the beam splitter for ~5,000 frames. Correlation of the single-molecule images in
Path 1 and the 590 nm-filtered single-molecule spectral images in Path 2 generated a mapping
function between the two channels. Using this mapping function, the super-localized positions of
single molecules in Path 1 were projected to the coordinates of Path 2. Single-molecule spectra
were obtained through the mapped position of 590 nm and the aforementioned calibration curve.
The intensity-weighted average of wavelengths for each single-molecule spectrum was taken as
the spectral mean. This value was used to assign the color to the single molecule based on a
continuous color scale, hence “true-color” super-resolution images.
AFM characterization. Unless otherwise noted, AFM images were taken in the dry state in air
on an Asylum MFP-3D system in soft tapping mode using aluminum-coated probes (Tap150AlG; BudgetSensors). Nominal values of the force constant, resonance frequency, and tip radius
were 5 N·m-1, 150 kHz, and <10 nm, respectively. No attempts were made to deconvolve the tip
geometry in the presented data. (PPP-NCL-50; NANOSENSORS).
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Chapter 4: Oblique plane single-molecule localization microscopy for thick samples
In the previous chapter, we used an environmentally sensitive fluorophore to better understand
the underlying composition and spatial distribution of adlayers on substrate surfaces. This
technique is a form of measurement with controlled perturbation of the system of interest
through inserting a probe directly into the system. In this coming chapter, we switch to a
different paradigm – modifying the super-resolution imaging apparatus rather than perturbing the
system directly. Specifically, we enable deep imaging of biological samples through an opticallybased remote focusing scheme that allows imaging through oblique planes in the sample and thus
overcomes the conventional SRM limitation of imaging only very close to the coverslip.
The work performed in this chapter was done in collaboration with Jeongmin Kim, Xiang Zhang,
and Ke Xu and is adapted from ref.114 with permission from all critical co-authors.
4.1 Introduction
Single-molecule localization microscopy (SMLM)115-117 has become an important tool for
biology thanks to its superior resolving power. Typical SMLM setups capture lateral plane (xy)
images with added axial (z) information118-119 over a shallow range of ~1 µm. Extended views
through the sample depth may be extracted indirectly by stitching axial stacks of threedimensional (3D) SMLM images120, but this approach is extremely slow, error-prone, and
susceptible to photobleaching. Moreover, the accessible imaging depth of SMLM is often limited
to a few microns from the coverslip surface due to the intrinsically shallow depths of
illumination and detection associated with the use of oil-immersion objectives for confined
illumination by total internal reflection or near-critical angle of incidence121. Although selective
plane (or light-sheet) illumination has enabled deeper SMLM imaging122-125, samples often have
to be prepared in specialized geometry and devices, and the achieved resolution is still
suboptimal. Furthermore, to obtain depth information in oblique and axial views still necessitates
difficult z-stack acquisition.
Here we report oblique plane super-resolution microscopy (obSTORM), a sectioning-free
SMLM technique that directly images any oblique (including axial) plane through thick
biological samples on regular glass coverslips. An oblique or axial view is achieved by optically
conjugating the target oblique plane in a sample with a camera sensor plane126-130, so that the
wide-field section at an oblique angle of α is imaged by a single-shot (Figure 15a). This is
performed by inserting a secondary objective conjugated to a mirror tilted to an oblique angle of
α/2 into the emission lightpath. Signal is then imaged onto a CCD camera, resulting in imaging
through an oblique plane tilted from the coverslip plane by an angle α. While earlier, diffractionlimited oblique plane microscopy (OPM) was at small oblique angles (α ≤ 32°)126-128, we
recently extended α to 90° in oil-immersion systems130. To enable single-molecule imaging
through thick biological samples, we have redesigned the OPM system with a water immersion
objective (O1) and engineered a tunable α of 45-90° (data not shown). This enables deeper
biological imaging due to smaller optical aberration in aqueous samples, lower background due
to lightsheet illumination only in the oblique plane of interest, and a more symmetrical pointspread function, resulting in improved z-resolution over conventional super-resolution imaging.
Moreover, we substantially improved light efficiency and reduced undesired ellipticity of point
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spread function (PSF) through the integration of a polarized beam splitter (PBS) and an
achromatic quarter-wave plate (QWP) together with a remote objective (O2) of a larger cone
angle than that of O1. (data not shown). Samples for obSTORM are simply prepared on
coverslips, and thus samples from cellular to tissue levels are easily accommodated.
4.2 Results and Discussion
4.2.1 Characterization of the obSTORM optical system
We first characterized the PSF of the obSTORM system using fluorescent beads. Our theoretical
calculations and experimental measurements both indicated near-circular PSFs for α = 0-50°
with a modest increase in full-width at half-maximum (FWHM) to ~400 nm when compared to
that of typical conventional in-plane microscopy (~280 nm), and this value is further increased in
the vertical direction for higher angles (Figure 15b,c). Nonetheless, the PSF maintained its
brightness and size over an axial depth of >100 µm with a uniform (within ~15%) localization
precision at α = 45° (data not shown).
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Figure 15: Imaging principle and PSF of obSTORM. (a) Schematic layout. An inclined lightsheet along the xo plane, rotated by (tunable) α from the focal plane of a water-immersion
objective (O1, NA = 1.2), excites and activates single molecules through depth in a fluorescent
sample. The sample space is isotropically mapped into the remote space of the second objective
(O2, NA = 0.95) and then reoriented as illustrated by cell aggregate due to an oblique mirror (M)
tuned at α/2. Thus, the single molecules emitted on the oblique plane (magenta dots) are
conjugated to the focal plane of O2 and thus directly detected by a camera. A polarizing beam
splitter (PBS) is oriented to transmit only x-polarized fluorescence signals from the sample. The
PBS in combination with an achromatic quarter-wave plate (QWP) reflects the backward signals
from O2 to the camera with no further loss. O, objective; D, dichroic beam splitter; L, lens; PM,
periscope mirror. (b) Rotationally asymmetric exit pupil and approximate electric field
distribution (scaled to one at the pupil center), and resultant PSFs for 1.2/0.95 NA combination.
A light clip at O2 by the oblique mirror decreases an effective pupil area by 30% and 70% at α =
45° and 90°, respectively. Stronger edge fields in the o direction shaped by the PBS mitigate the
ellipticity of PSFs at higher oblique angles. PSFs were calculated at 685 nm wavelength and
measured with dark-red fluorescent beads. Scale bar, 400 nm. (c) Comparison of theoretical
(lines) FWHM of PSF over oblique angle with experimental results (dots and error bars; n = 9, 4
and 6 beads for 0°, 45°, and 90° respectively; error bars, s.d.).
4.2.2 Application of obSTORM to biological samples
For Alexa Fluor 647 (AF647)-labeled microtubules in fixed A549 cells, obSTORM directly
resolved the microtubule network throughout the whole cell depth along the 45° diagonal
direction (Figure 16a,b). The light efficiency of single molecules in such 45° obSTORM is
approximately 25% of the conventional STORM efficiency owing to the following signal losses:
50% at the PBS, 26% at the remote objective (double pass), and 30% at asymmetric pupil
(Figure 15b). Thus, the average number of collected photons for each AF647 molecule per frame
was 954 (Figure 16c). This value is comparable to what is typically found in SMLM experiments
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based on fluorescent proteins (e.g., mEos) and none-AF647 dyes (e.g., Atto 488 and Nile Red),
and single molecules images were obtained with high contrast (Figure 16b inset).

Figure 16: Super-resolution oblique plane imaging by obSTORM with A549 cells cultured on
coverslips. (a) Diffraction-limited, 45° oblique plane fluorescence image of microtubules labeled
with Alexa Fluor 647. This plane intersects the lateral plane (inset) along the white dashed line.
(b) Direct 45° obSTORM image of a. Inset: a frame image of single molecules for the green
dashed region. (c, d) Distributions of the number of photons detected per molecule in one frame,
N, and localization precision, σx and σo, in the x and o directions. (e) Zoomed view of the white
boxed area in b and the intensity profile (blue) across the two microtubules (after binned along
the length of the microtubules within the white dashed area). Another intensity profile (gray) is
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for the same region from a. (f) Diffraction-limited, axial plane (α = 90°) fluorescence image of
microtubules of an A549 cell cluster labeled with CF568. (g) Direct 90° obSTORM image of f.
(h, i) Distributions of signal photons and localization precision. (j) Magnified views of the two
boxed regions in g and the cross-sectional profiles (after binned as in e). (k) Two-color 45°
obSTORM image of microtubules (magenta, Alexa Fluor 647) and mitochondria (green, CF568).
The inset shows the conventional fluorescence, lateral view image with the intersection line. (l,
m) Zoomed views of the two boxed regions in k. Scale bars, 2 µm (b, inset in b, g, k), 10 µm
(insets in a, k), 200 nm (e, j) and 500 nm (l, m).
The average localization precision131 in standard deviation was isotropically ~18.5 nm in the
oblique plane throughout the depth of the sample (Figure 16d), corresponding to an imaging
resolution of ~44 nm in FWHM. Comparable results were consistently found over different cells
(data not shown). These values compare favorably to 3D-STORM118, which typically gives 2530 nm lateral resolution and ~60 nm axial resolution for a depth range of ~800 nm within a few
microns from the coverslip, but the resolution quickly deteriorates deeper into the sample. Two
adjacent tubules were clearly resolved at a 128 nm center-to-center distance (Figure 16e), in
contrast to their diffraction-limited fluorescence image. The apparent widths of both
microtubules were ~69 nm, consistent with a convolution of our resolution with the width of
antibody-labeled microtubules (56 nm)132. A network of mitochondria in A549 cells was also
successfully imaged in 45° obSTORM with a clear visualization of mitochondrion’s hollow
shapes (data not shown).
We further demonstrate 90° obSTORM in which the axial plane is directly imaged (Figure
16f,g). The increased pupil loss at 90° further lowers the relative collection efficiency down to
~10%, resulting in the average photon count from CF568 probes of ~500 (Figure 16h). The
elliptical PSF at 90° leads to anisotropic localization precisions that averaged out to 22 nm and
48 nm in the x and z directions, respectively (Figure 16i), corresponding to FWHM resolutions of
52 nm (x) and 114 nm (z). In Figure 16j, the measured width of microtubules was 77 nm (x) and
126 nm (z), both of which are again consistent with a convolution of our resolution with the
anticipated width of antibody-labeled microtubules (56 nm). The reduced resolution in 90°
obSTORM still resolved the hollow structure of mitochondria (data not shown). The 90°
obSTORM resolution may potentially be enhanced to <50 nm with further improvement.
4.2.3 Additional advantages of obSTORM
We next demonstrate three additional capabilities of obSTORM. First, obSTORM is fully
compatible with multi-color super-resolution imaging. For example, in our two-color obSTORM
images, mitochondria and microtubules in A549 cells are both well resolved, and the former
were correctly surrounded by the latter (Figure 16k-m). Comparable results were obtained with
opposite combinations of AF647 and CF568 labeling of the two targets (data not shown), and we
obtained good results for both 45° and 90° oblique angles (data not shown). Second, obSTORM
enables two-plane super-resolution imaging where both an oblique plane and a lateral plane are
captured simultaneously by two cameras (data not shown). With 50% signal loss at the PBS, the
lateral-plane STORM yielded an average localization precision of 10-15 nm. Third, another
dimension of localization normal to the oblique plane can be added in obSTORM. We calibrated
the astigmatic PSF of the obSTORM system augmented by a cylindrical lens for 3D localization
39

and reconstructed a 3D, 45° obSTORM image of mitochondria in an A549 cell with a section
thickness of 1.5 µm (data not shown).

Figure 17: 45° obSTORM with thick samples. (a) Super-resolution 45° oblique plane image of
microtubule structure labeled by Alexa Fluor 647 in A549 cells. The inset shows the
conventional fluorescence lateral image with the intersection line. (b) Zoomed views of the two
boxed regions at different depths and the intensity profiles of individual microtubules after
averaged along their direction over the dashed box areas. (c) Through-depth distributions of the
average number of signal photons, 〈N〉, and the average localization precisions, 〈σx〉 and 〈σo〉. (d)
45° obSTORM image of SYP-4 in C. elegans germ cells labeled by Alexa Fluor 647. Two insets
show the illustration of a worm gonad with the oblique plane where the image is taken (upper
left) and the conventional fluorescence, lateral image with the intersection of two image planes
(lower right). (e) Magnified views of the synaptonemal complex at 7.6 µm and 27.4 µm depths
and their cross-sectional profiles. (f) Distributions of 〈N〉, 〈σx〉 and 〈σo〉 through sample depth.
Scale bars, 5 µm (a, d), 10 µm (insets in a, d), 200 nm (b, e).
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obSTORM achieves uniform super-resolution throughout the full depth of cell and tissue
samples. For over-confluence A549 cells, we obtained a 45° obSTORM image of microtubule
structures extending over 16.3 µm in the o direction, equivalent to 11.5 µm in the conventional z
direction (Figure 17a). Two microtubules close to and far away from the coverslip (z = 0.9 µm
and 9.2 µm, respectively) were imaged similarly in diameter (Figure 17b). More rigorously, the
average number of collected photons and the average localization precision evaluated through
imaging depth indicated uniform resolution (Figure 17c). A colony of A549 cells that extended
deeper up to z = 14.4 µm was also imaged uniformly (data not shown). For tissue samples, we
imaged the AF647-labeled synaptonemal complex (SYP-4) of Caenorhabditis elegans gonads
immobilized in a 1% agarose gel between a coverslip and a glass slide. A 45° cross-sectional
STORM image of C. elegans was obtained up to z = 32 µm in depth from the coverslip surface
(Figure 17d). Image features ~87 nm in width were well-resolved at ~125 nm center-to-center
distances (Figure 17e). The through-depth analysis of localization data revealed good uniformity
over the 32 µm depth in single-molecule photon count and localization precision (Figure 17f),
with a near-isotropic imaging resolution of ~51 nm in FWHM.
4.3 Conclusion
We demonstrated a new technique, obSTORM, that offers single-shot super-resolution imaging
for any oblique plane through deep inside thick samples. A uniform, isotropic resolution of 44-51
nm was achieved in 45° oblique view throughout a depth up to 32 µm in cell and tissue samples,
and we showed with fluorescent beads that comparable resolutions may be achieved for imaging
depths of ~100 µm (data not shown). With further improvement, the resolution of obSTORM
may reach <50 nm along any directional view. This method can capture large 3D volumetric
super-resolution images from oblique stacks and should be compatible with live-cell samples as
well as other probes such as fluorescent proteins and quantum dots. obSTORM thus opens a new
door for direct, facile cross-sectional super-resolution imaging of cells, tissues and potentially
whole animals.
4.4 Methods
The optical setup of obSTORM. The setup was built on an optical table. For illumination, three
diode-pumped solid-state (DPSS) lasers were used for excitation at 641 nm (40 mW, OBIS
640LX-40, Coherent) and 532 nm (1300 mW, Newgazer Technology, China) and for activation
at 405 nm (300 mW, Newgazer Technology, China). Each laser beam was individually coupled
to single mode fibers (SMF, S405-XP, Thorlabs), collimated to obtain a quality beam profile
with the e-2 diameters of 1.3-1.6 mm, and then combined by two dichroic beam splitters
(T588lpxr-UF2, Chroma and Di03-R488-t1-25x36, Semrock). The circular beams were shaped
to slit beams by cylindrical focusing (CL, f = 250 mm, ACY254-250-A, Thorlabs) and
cylindrical beam expansion with a pair of achromatic cylinder lenses (f = 50 mm, ACY254-050A, Thorlabs and f = 200 mm, ACY254-200-A, Thorlabs). The slit beam formed on a gimbal
mirror for beam steering was demagnified by a 4f system, comprising the L1 lens (f = 200 mm,
ACH254-200-A-ML, Thorlabs) and a water immersion objective (O1, UPLSAPO 60XW/1.20,
Olympus) mounted to a PZT scanner (P-721, Physik Instrumente), with a dichroic beam splitter
(DBS, Di03-R405/488/532/635-t1, Semrock). The e-2 thickness of in-focus light-sheets at α =
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90° was ~1.7 and ~2.1 µm for the 532 nm and 641 nm light, respectively. Two mirrors with
flipper optic mounts (9891, Newport) allowed a bypass for wide-field illumination through a
5.4× beam expansion with two lenses (M-10X, Newport and #49-782, Edmund Optics). The
oblique light-sheet illumination covers α = 45-90° and the wide-field illumination can cover α =
0-45° at compromised signal-to-background ratio. Samples mounted between standard
microscope coverslips and slides (75 mm × 25 mm) were loaded to a home-made sample holder
on a 3D stage (562-XYZ, Newport).
For fluorescence detection, the O1 was relayed with a remote objective (O2, MPlanApo
50x/0.95, Olympus) via a 4f system with two achromatic lenses (f = 200 mm, #47-645, Edmund
Optics and f = 180 mm, AC508-180-A-ML, Thorlabs). Three remote mirrors (M) were prepared:
a protected silver mirror (PF10-03-P01, Thorlabs) for α = 0°, a home-made gold-evaporated Si
wafer mirror (10 mm × 15 mm) fixed on the 22.5° surface of a pentaprism (PS-932, Thorlabs)
for α = 45°, and a knife-edge right-angle prism mirror (MRAK25-P01, Thorlabs) for α = 90°.
These mirrors were housed by or glued on lens tubes (SM1Lxx, Thorlabs) and easily switched at
a kinematic rotation mount (KS1RS, Thorlabs) on a 2D stage (462-XY-SD, Newport) driven by
PZT micrometers (NPM140SG, Newport). In principle, a single small mirror can cover all
oblique angles (0-90°) with its rotation/translation controlled. A polarizing beam splitter cube
(CCM1-PBS251, Thorlabs) and an achromatic quarter-wave plate (AQWP05M-600, Thorlabs)
direct the remote fluorescence signals to an electron-multiplying charge-coupled device
(EMCCD) camera (EMCCD1, Cascade II 512, Photometrics) via a 4f system of the O2 and the
L4 lens (f = 300 mm, AC254-300-A-ML). A simultaneous lateral (xy) image is formed by the L5
lens (f = 200 mm, AC254-200-A-ML, Thorlabs) on the EMCCD2 camera (Luca R, Andor
Technology). Quad-band emission filters (FF01-446/510/581/703-25, Semrock) were used for
AF647 and a bandpass filter (FF01-590/104-25, Semrock) was added for CF568.
System alignment and calibration. To accurately construct all 4f configurations, we measured the
front focal length and back focal length of all achromatic doublets and the location of back focal
plane of objectives used. In our optical design and alignment, we considered the finite thickness
of DBS, PBS, and QWP through which uncollimated fluorescence light passes.
The system’s 3D magnification in the remote focusing133 was identified for localization
data correction. We imaged a group of isolated fluorescent beads with EMCCD2 at a reference
focus of O1 (z = 0) and then at α = 0° with EMCCD1 at the remote focus of O2 (zr = 0). The O1
was 10 µm-stepped across 100 µm and the corresponding remote focus was found with brightest
bead images on EMCCD1. From this series of bead images, we extracted a change of lateral
magnification over depth. We set a compensator of the L3-O2 distance to uniformize the
magnification at 685 nm emission (<0.5% distortion). The absolute magnification (or image
pixel size) at focus (z = 0) was also calibrated with a microscope calibration slide (MR400,
AmScope).
For two-color obSTORM imaging, we quantified the chromatic focal shift in the
detection system (sample to EMCCD1) using a multi-color fluorescent bead (T7280, Invitrogen).
After the amount of focal shift in the orange channel (570 nm) relative to the dark-red channel
(685 nm) was found, each channel’s in-focus PSF images was localized to extract the pixel
registration error. This calibration was performed at α = 45° and 90° separately and applied
during STORM data acquisition and image reconstruction. We also fine-tuned the illumination
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optics that combines the three laser beams to accurately overlap the light-sheets when seen on
EMCCD1 after considering the chromatic focal shift present in the fluorescence detection optics.
Sample preparation
Fluorescent bead samples. For system characterization and calibration purposes, we used several
fluorescent beads (F8800, T7284, P7220, T7280, Invitrogen). The bead solution was dried on
plasma-etched #1.5H coverslips directly or after diluted in deionized (DI) water to keep good
separation. The bead samples were mounted with DI water on glass slides.
Immunofluorescence of A549 cells. Cells were cultured following standard tissue culture
protocols and plated on #1.5H coverslips (CG15CH, Thorlabs) at ~60% confluency. After 24 h,
cells were fixed using a solution of 3% paraformaldehyde and 0.1% glutaraldehyde in phosphatebuffered saline followed by two washes with 0.1% sodium borohydride in phosphate-buffered
saline. Cells were subsequently blocked and permeabilized in a buffer containing 3% bovine
serum albumin with 0.5% Triton X-100, and incubated overnight at 4℃ in primary antibody
solutions with anti-alpha tubulin (Mouse monoclonal, Clone DM1α, 1:500, T9026, Sigma) to
label microtubules, and anti-Tom20 (Rabbit polyclonal, 1:200, sc-11415, Santa Cruz
Biotechnology) to label the outer membranes of mitochondria. After triple-washing, cells were
incubated for 45 min at room temperature in secondary antibody solution with AF647-antiMouse (1:500, A31571, Invitrogen) or AF647-anti-Rabbit (1:500, A21245, Invitrogen) and
CF568-anti-Mouse (1:100, 20827, Biotium) or CF568-anti-Rabbit (1:100, 20828, Biotium).
Stained cells were mounted in ~10 μL STORM imaging buffer (Tris-HCl, pH 7.5, containing
100 mM cysteamine, 5% glucose, 0.8 mg/mL glucose oxidase, and 40 μg/mL catalase) and
sealed prior to imaging.
Immunofluorescence of C. elegans. Dissected gonads from young adults 24 h post-L4 were
immunostained as previously described in literature134-135. Fixed tissue was placed in small
polypropylene tubes and stained in suspension. The primary antibody was anti-HA (mouse
monoclonal 2–2.2.14, 1:500, ThermoFisher Scientific) used on an SYP-4 HA knock-in mutant
created by using CRISPR-Cas9 as described135 and the secondary antibody was AF647-antiMouse (1:500, A31571, Invitrogen). Stained tissue in polypropylene tubes was then immersed in
100 μL imaging buffer (Tris-HCl, pH 7.5, containing 100 mM cysteamine, 5% glucose, 0.8
mg/mL glucose oxidase, and 40 μg/mL catalase), mixed with 100 μL agarose solution (2%,
60℃), and immediately transferred to a heated microscope slide on a hot plate at 50℃. Foursided Kapton tape spacers were used on the glass slide. The sample was covered with a preheated #1.5H coverslip at 50℃, quickly cooled down to room temperature to form ~1% agarose
gel for sample immobilization, and sealed by nail polish.
Image acquisition. A prepared sample slide was mounted on the sample holder, and water
immersion oil (Immersol W 2010, 444969, Carl Zeiss) was applied. We first located samples in
conventional fluorescence imaging with EMCCD2 under wide-field illumination with a peak
power density of 5-20 W/cm2. Then an oblique plane fluorescence image was checked on
EMCCD1 under weak light-sheet illumination (20-80 W/cm2). Prior to STORM image
acquisition, samples were excited at the highest laser power for 0-3 minutes to turn off most
fluorophores and reduce background fluorescence. Then video data was recorded at 28-50
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frames/s (exposure time: 20-35 ms) until 20,000-60,000 frames were acquired per each color
channel. The dye channel with longer emission wavelength (AF647) was imaged first, followed
by the CF568 channel at a corrected, chromatic object focus to obtain the STORM data on the
identical plane. A typical light-sheet power was 10-25 kW/cm2 and 30-70 kW/cm2 at 641 nm and
532 nm light, respectively. A good single-molecule density was maintained during image
acquisition by increasing weak 405 nm activation light within a range of 0-10 W/cm2.
Single-molecule localization and image reconstruction. Two-dimensional localization of singlemolecule images was performed as follows. After locating each molecule’s position at pixel
accuracy from bandpass filtered images as detailed at http://site.physics.georgetown.edu/matlab,
we fitted raw single-molecule images at a fixed window size with a 2D elliptical Gaussian
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pixel size, N the number of collected photons, b2 the number of background photons per pixel,
and 𝜇𝜇𝑖𝑖 and 𝜎𝜎𝑖𝑖 the center position and the pixelated size of Gaussian PSF along the 𝑖𝑖 axis (𝑖𝑖 =
𝑥𝑥, 𝑜𝑜), respectively131. Using this fitting result as an initial guess with an updated window size of
~2×FWHM along each axis, each molecule image was fitted again by the least square (LS)
algorithm solved by MATLAB’s “lsqcurvefit” function. The resultant localization precision131
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~2 in EMCCD cameras136 was assumed. Then, the whole localization data was compensated as
follows. The non-uniform image magnification was first corrected. In case of two-color data, the
relative pixel registration of the orange color channel was adjusted. The drift of localization data
during data acquisition was estimated and cancelled out by the correlation method implemented
in PALMsiever137. The same localization procedure was applied for lateral-plane STORM data if
acquired simultaneously.
The final localization data was binned (10-15 nm grid) and smoothed with a 2D Gaussian
filter (sigma: 5-15 nm) by in-house MATLAB reconstruction codes.
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Part III: Correlative methods of super-resolution
microscopy
Building on the previous sections, here we demonstrate how microscopic methods can be
combined to learn more about target systems than can be learned by either method alone.
Correlative microscopy, the integration of two or more microscopy techniques performed on the
same sample, produces results that emphasize the strengths of each technique while offsetting
their individual weaknesses. Light microscopy has historically been a central method in
correlative microscopy due to its widespread availability, compatibility with hydrated and live
biological samples, and excellent molecular specificity through fluorescence labeling. However,
conventional light microscopy can only achieve a resolution of ~300 nm, undercutting its
advantages in correlations with higher resolution methods. The rise of super-resolution
microscopy (SRM) over the past decade has drastically improved the resolution of light
microscopy to ~10 nm, thus creating exciting new opportunities and challenges for correlative
microscopy.
We first demonstrate a new methodology enabling facile correlative super-resolution
microscopy and electron microscopy of wet biological samples. This methodology greatly
simplifies the conventionally complex sample preparation involved in performing correlative
fluorescence and electron microscopies, thus making this method more accessible to biologists
who are not dedicated microscopists. We go on to review correlative super-resolution
microscopy more generally, and show how to effectively correlate SRM with other microscopy
techniques, including light microscopy, electron microscopy, cryo-microscopy, atomic force
microscopy, and various forms of spectroscopy. Though we emphasize biological studies, we
also discuss the application of correlative SRM to materials characterization and single-molecule
reactions. Finally, we point out current limitations and discuss possible future improvements and
advances in this field. We thus demonstrate how a correlative approach adds new dimensions of
information and provides new opportunities in the fast-growing field of SRM.
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Chapter 5: Graphene-enabled electron microscopy and correlated super-resolution microscopy of
wet cells
The work in this chapter was performed in collaboration with Margaret Hauser, Wan Li, Seonah
Moon, and Ke Xu. It is reproduced here from ref.138 with permission from all co-authors.
Copyright 2015 Nature Publishing Group.
5.1 Introduction
A major challenge in the application of electron microscopy (EM) to biological samples has been
faithful preservation of cellular ultrastructure during the laborious dehydration and
embedding/coating procedures required for sample preparation139-141. The harsh procedures are
also detrimental to fluorescence142, thus introducing difficulties for correlating structural EM
information with molecular specificity from high-resolution fluorescence microscopy, including
super-resolution methods116, 142-144. Quick freezing, as performed in cryo-EM methods,
circumvents the need for dehydration145-146, but requires dedicated equipment and is challenging
for whole animal cells. Micro-fabricated liquid enclosures enable direct EM of hydrated cells146151
, but such devices are difficult to fabricate, and the relatively thick (>~50 nm) suspended
viewing windows employed often limit the obtained contrast and resolution. Furthermore, the
special substrates used in cryo-EM and liquid enclosures are difficult to adapt to oil-immersion
lenses151 for correlation with high-resolution optical microscopy methods.
Here we utilize graphene, a single-atom thick honeycomb lattice of carbon atoms2, as an
impermeable and conductive membrane to uniquely enable EM and correlated super-resolution
microscopy of wet and untreated, or fixed mammalian cells cultured on conventional coverglass
with exceptional ease. Despite being at the ultimate limit of membrane thinness, graphene is
impermeable to gas and liquid152-155, electrically and thermally conductive2, and chemically inert.
We previously reported the use of graphene for sealing surface-adsorbed molecules to interrogate
their nano-structures with atomic force microscopy79, 156, and noted that graphene can seal
nanoscale water droplets in ultra-high vacuum157. Other studies showed that graphene serves as
an excellent transparent support film for EM158-159, and can be used to entrap nanometer-scaled
liquid to allow for EM of nanocrystals and protein in liquid160-162. EM of multilayer graphene
oxide-wrapped bacteria has been achieved via mixing of liquid suspensions of bacteria and
micrometer-sized graphene oxide flakes155, 163, but such approaches are difficult to apply to the
much larger animal cells, and the sharp edges of graphenic flakes tend to penetrate the cell
membrane and lead to internalization164.
We report that monolayer graphene can hermetically seal and protect large areas of mammalian
cells, cultured on conventional coverglass, from external environments, including the high
vacuum typically encountered in an electron microscope. This protection, combined with the
high electrical and thermal conductivity of graphene and its ultimate thinness, enables facile EM
of wet and untreated cells with excellent contrast and resolution, as well as correlated superresolution microscopy directly on the culturing substrate. In particular, individual actin filaments
are resolved in wet cells through electron microscopy and well correlated with super-resolution
results.
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5.2 Results
5.2.1 Graphene insulates cells from the external environment.
Graphene was produced by chemical vapor deposition (CVD) growth on copper foil and wettransferred to cover large (~10×10 mm2) areas of cells conventionally cultured on coverglass
(Figure 18a). Commercially available and homegrown graphene performed similarly in our
experiments. Deposited graphene was identified in bright-field microscopy as a continuous,
slightly darkened film (Figure 18b). Meanwhile, no noticeable impact is observed for the labeled
fluorescence in cells (Figure 18c). Raman spectroscopy confirmed that the deposited graphene
was a high quality monolayer (Figure 18d and methods). The spectrum on graphene-covered
cells had high background due to the labeled fluorescence in cells, but the 2D and G peaks of
graphene165 are nonetheless clearly resolved (Figure 18d).

Figure 18: Graphene insulates cells from the external environment. (a) Schematic of our
approach. (b,c) Graphene covering a region (Gr) of Alexa Fluor 488-phalloidin-labeled BS-C-1
cells on coverglass. (b) Bright-field microscopy. (c) Fluorescence microscopy of Alexa Fluor
488. (d) Raman spectroscopy for different areas of the sample: Graphene on top of cell (i),
graphene off cell (ii), and substrate not covered by graphene (iii). (ii)-(iii) denotes spectrum (ii)
after subtraction of spectrum (iii). (e,f) Graphene-covered (right 2/3) and non-covered (left 1/3)
labeled (Green: Alexa Fluor 647-labeled tubulin; Red: Alexa Fluor 555-labeled actin) BS-C-1
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cells, after exposure to a sodium borohydride bleaching solution. (e) Bright-field image. (f)
Fluorescence image of the labeled tubulin (green) and actin (red). Scale bars: 0.5 mm (b,c); 50
µm (e,f).
To evaluate whether the monolayer graphene membrane can satisfactorily insulate cells from the
external environment, fluorescently labeled cells were covered with graphene and then immersed
in 0.1% sodium borohydride, a reducing agent commonly used to bleach fluorescence in
biological samples, for 60 s (Figure 18ef). Cells not covered by graphene were bleached (e.g.,
white arrows), whereas cells protected by graphene retained fluorescence. This result indicates
that graphene provided a hermetic seal for cells. Long-term (16 h) insulating capability was
further confirmed through dye labeling experiments (data not shown).

Figure 19: Graphene-enabled electron microscopy of wet cells. (a) Zoom-out SEM image of
graphene-covered (Gr) and non-covered (NG), fixed and lightly stained wet COS-7 cells on
coverglass. (b) Non-covered cells at higher magnification (V0 = 2 kV). (c) Graphene-covered
cells in the same sample, image taken under the same conditions as b. (d) Zoom in of c. (e-g)
SEM images of graphene-covered, untreated live COS-7 cells, taken at V0 = 3, 2, and 5 kV,
respectively. (h) SEM image of a graphene-covered, fixed wet COS-7 cell that was stained with
2% uranyl acetate (V0 = 4 kV). (i) SEM image of a graphene-covered, wet COS-7 cell that was
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fixed and membrane-extracted for preservation of the actin cytoskeleton and stained with tannic
acid and uranyl acetate. V0 = 5 kV. (j) Zoom-in of i. (k) Close-up of a sparse region, and cross
section through one filament along the dotted line. Scale bars: 1 mm (a); 50 µm (b,c); 10 µm (dg); 4 µm (h); 2 µm (i); 1 µm (j); 100 nm (k).
5.2.2 Graphene enables electron microscopy of wet cells.
Having verified that graphene can provide a hermetic seal for cells, we moved forward to
examine its applicability to EM of wet cells under high vacuum conditions. Graphene sheets
were deposited onto wet cells cultured on coverglass such that most of the coverglass surface
was overlaid with graphene. Silver paint was used to contact a corner of the deposited graphene
sheet to the sample holder for dissipation of electric charge during EM (Figure 19a, “Ag”). The
sample was then loaded into a conventional scanning electron microscope (SEM) operated under
standard secondary electron mode. Normal operational vacuum (5×10-7 – 2×10-5 torr, depending
on the particular system) was readily reached during pump down.
We first examined fixed cell samples that were briefly stained with a 0.5% uranyl acetate
solution but otherwise remained fully hydrated. Under SEM, the non-covered, non-conductive
parts of the sample rapidly accumulated electric charge, leading to excessively bright and
unstable signals (Figure 19ab). Zoomed-in images (Figure 19b) displayed limited contrast and
abnormal cell morphology attributable to structural deformation under vacuum. In contrast,
graphene-covered regions are characterized by stable SEM signal with no indication of charge
accumulation (Figure 19c). Graphene-covered cells can thus be imaged with good contrast over
the entire field of view (Figure 19a) and at higher magnifications (Figure 19cd). Cell
morphology was free of visible artifacts in all cases examined, indicating good preservation of
cellular structures in vacuum. For cells that were fixed and membrane-extracted for preservation
of the actin cytoskeleton139-140, 166, the obtained SEM images correlated well with conventional
fluorescence images of phalloidin-labeled actin (data not shown) while providing finer structural
details.
We then applied the same strategy to untreated live cells. At an accelerating voltage (V0) of 3
kV, substantial contrast was obtained for the internal structure of the graphene-covered,
untreated cells (Figure 19e). Void structures with low electron density, typically 200 nm – 2 µm
in size, are observed in cells, likely corresponding to vesicle-like organelles that physically
exclude the cytosol. Lower V0 (2 kV) led to less transparent images, but was helpful in outlining
the overall cell morphology (Figure 19f). At higher V0 (5 kV), the untreated cells became overly
transparent with only the nuclei providing contrast (Figure 19g). Previous studies using
polyimide or silicon nitride membranes as imaging windows for EM of wet cells necessitate the
use of high V0 (>10 kV) to penetrate the relatively thick (>~50 nm) membranes, thus providing
limited contrast on unstained animal cells147-149. As an ultrathin membrane, graphene interacts
minimally with the electron beam158-159 and thus allows for cell imaging at much lower V0. The
fact that graphene is an excellent thermal and electrical conductor further reduces damage by the
electron beam so that the same unfixed cells can be imaged multiple times and under different
conditions without noticeable structural changes (Figure 19e-g).
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Enhanced image contrast was obtained for wet samples that were suitably fixed and stained. For
fixed cells that were not membrane-extracted, staining with a 2% aqueous solution of uranyl
acetate revealed the structural details of the plasma membrane and mitochondria (Figure 19h).
For samples fixed and membrane-extracted for preservation of the actin cytoskeleton139-140, 166, a
two-step staining with tannic acid and uranyl acetate solutions140, 147 led to excellent contrast
under graphene, enabling EM of individual cytoskeletal actin filaments in hydrated samples for
the first time (Figure 19ij and data not shown). Line scans over single filaments produced crosssectional widths of ~14 nm (Figure 19k), close to the known diameter of actin filaments (8 nm)
and limited by the achievable resolution of the SEM systems we used. The obtained outstanding
resolution and contrast are again attributed to the ultimate thinness of graphene. As a uniform,
single layer of carbon atoms, graphene causes minimal electron scattering158-159 and is thus
instrumental in revealing the detailed structures of the covered cells.

Figure 20: Graphene-enabled correlated super-resolution and electron microscopy of wet cells.
(a,b) Correlated graphene-SEM (a) and 3D-STORM (b) images of the actin cytoskeleton in a
wet, fixed and membrane-extracted COS-7 cell. (c) Correlated and overlaid graphene-SEM and
3D-STORM images of a wet, fixed COS-7 cell that was not membrane-extracted (Figure 19h).
For STORM, the sample was immunolabeled for TOM20, a mitochondrial outer-membrane
marker. (d) Correlated and overlaid two-color STORM (green for actin; red for TOM20) and
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graphene-SEM (white) images for another membrane-extracted fixed cell. Color scale in b is
used to indicate height (z) in b,c. Scale bars: 1 µm (a,b); 2 µm (c,d). White and yellow scale bars
in c,d correspond to scales obtained from graphene-SEM and STORM, respectively.
5.2.3 Correlative super-resolution and electron microscopy.
Due to its compatibility with wet samples on standard coverglass, our method can be readily
extended to allow for correlative116, 142-143 super-resolution and electron microscopy. Here we
used three-dimensional stochastic optical reconstruction microscopy (3D-STORM)167-168 to first
resolve actin filaments in fixed wet cells on coverglass166-168, and then uranyl-stained the sample
and applied graphene for correlated SEM imaging. Comparison of the 3D-STORM and
graphene-SEM images shows good correspondence of actin ultrastructure, enabling correlation
of individual actin filaments between super-resolution and EM images (Figure 20ab and data not
shown). Excellent correlative STORM/graphene-SEM results were also obtained for the cell
membrane in unstained cells (data not shown) and for mitochondria in stained cells (Figure 20c
and data not shown). Figure 20d further shows a case in which actin filaments and mitochondria
are both visualized in the same sample. Two-color STORM images show good correlation with
SEM for both structures. Furthermore, good agreement is obtained between the scale bars
obtained from STORM and SEM measurements in all cases, confirming preservation of volume
and size of wet cells in vacuum (Figure 20 and data not shown). Taken together, these results
indicate preservation of fine structural details in graphene-covered wet samples.
5.3 Discussion
A considerable obstacle in EM of cell samples has been achieving proper preservation of fine
cellular structure during the conventionally required sample dehydration procedures. Both airand freeze-drying lead to major distortions139-140. Dehydration through a graded series of organic
solvents followed by critical-point drying and platinum/carbon deposition has been successful,
but is technically challenging and time consuming140. By taking full advantage of the
extraordinary properties of graphene as the thinnest membrane that is impermeable and
conductive, our approach allows for direct EM of wet cells through a simple, one-step sample
preparation. No special substrate, device, or equipment is involved, and good contrast and
resolution are achieved with conventional SEM. Its ready application to cells cultured on
standard coverglass further permits facile correlation with super-resolution microscopy for
multiple targets in unstained and stained cells. Our approach thus opens up new ways to examine
biological samples at the nanoscale in their native, hydrated state.
5.4 Methods
Cell culture and immunofluorescence labeling.
Mammalian cells (BS-C-1, COS-7, HeLa; ATCC) were cultured on common glass coverslips
(typically 12 mm dia.) following standard tissue culture protocols. For live cell experiments
(Figure 19e-g), cells were left untreated before the application of graphene. For correlated
STORM and graphene-SEM of unstained cells, live cells were labeled with a CM-DiI cell
membrane-labeling solution (Invitrogen V-22888) at 20 μM in DMEM for 5 min, and then fixed
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by 4% paraformaldehyde for 10 min. For experiments aimed at visualizing the actin cytoskeleton
(Figure 20a-d, Figure 20i-k, Figure 20abd), cells were initially fixed and extracted for 1 min with
a solution of 0.3% (v/v) glutaraldehyde and 0.25% (v/v) Triton X-100 in cytoskeleton buffer
(CB, 10 mM MES, pH 6.1, 150 mM NaCl, 5 mM EGTA, 5 mM glucose and 5 mM MgCl2), and
then post-fixed for 20 min in 2% (v/v) glutaraldehyde in CB139-140, 166. For other fixed-cell
experiments, cells were fixed in 3% formaldehyde and 0.1% glutaraldehyde in phosphate
buffered saline (PBS) for ~10 min. For immunofluorescence labeling, cells were first blocked
with a solution of 3% bovine serum albumin and 0.1% Triton X-100 in PBS, and then stained
with corresponding primary and secondary antibodies. Primary antibodies used were mouse antitubulin (Sigma T5201; 1:400) for labeling of microtubules and rabbit anti-Tom20 (Santa Cruz
sc11415; 1:200) for labeling of mitochondria. For single-color and two-color STORM imaging
of mitochondria, AF647-conjugated and Cy3B-conjugated169 secondary antibodies (at 5 µg mL-1)
were used to label Tom20, respectively. For fluorescent labeling of actin filaments, samples were
incubated166 with AF488-conjugated phalloidin (Invitrogen A12379; for Figure 20c), AF555conjugated phalloidin (Invitrogen A34055; for Figure 20f), or AF647-conjugated phalloidin
(Invitrogen A22287; for all other data) at a concentration of ~0.4 µM.
Staining for EM.
For data presented in Figure 20a-d, fixed and membrane-extracted cells were stained with 0.5%
uranyl acetate (SPI 02624) in water for 5-10 minutes, washed three times with water, and kept in
water prior to graphene deposition. For imaging of mitochondria and plasma membrane (Figure
19h, Figure 20c), fixed cells were stained with 2% uranyl acetate in water for 1 h. For improved
contrast of the actin cytoskeleton (Figure 19i-k, Figure 20ad), samples were treated with 5%
tannic acid (Sigma 403040) in water for 5 min, followed by a solution of 2% uranyl acetate in
water for 2 hours. Samples were thoroughly washed with water and kept in water prior to
graphene deposition.
Graphene deposition.
CVD graphene on copper foil23 were grown at Cornell NanoScale Science & Technology
Facility (CNF) or purchased from Graphene Supermarket (Calverton, NY). Similar results were
obtained using graphene from the two sources. The CVD graphene on copper foil was spincoated with a ~150 nm layer of polymethyl methacrylate (PMMA), and cut into pieces slightly
smaller than the size of the coverslip. After the copper was removed in 10% ferric chloride, the
graphene-PMMA stack was transferred to a fresh water bath so it floated on the water surface.
Water bath transfer was repeated three times to remove traces of ferric chloride. To cover cells
with graphene, the hydrated coverslip containing the cells was used to scoop up the graphenePMMA stack floating on water. The stack was allowed to adhere to the sample for ~10 min in
air. To remove PMMA, the sample was dipped in anisole or acetone for 2 min, and rinsed off
briefly in isopropyl alcohol. Deposited graphene was identified in bright-field microscopy as a
continuous, slightly darkened film (Figure 18b), likely due to the known absorption of graphene
to 2.3% of white light25. Near 100% yield was achieved. Quality of graphene was evaluated via
Raman spectroscopy. Raman spectra were recorded with a Renishaw InVia micro-Raman system
using a 488 nm laser and a 2400 lines/mm grating. A confocal microscope with a 50x objective
lens was used to record spectra at a spatial resolution of ∼2 μm. Raman spectroscopy confirmed
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that the graphene used in this study was high quality monolayer (Figure 18d)165. We have also
found that small amounts of bilayers do not notably affect our results, but low-quality graphene
with excessive bilayers and defects is not optimal for obtaining the best results with our method.
SEM imaging.
The graphene-covered coverslip was mounted on a standard metallic sample mount with carbon
tape, and a small amount of silver colloid paint (Ted Pella 16031) was used to create a
conductive bridge between graphene and the sample mount. SEM imaging was performed under
standard secondary electron mode on a FEI Quanta 3D FEG system or a JEOL JSM-6340F
system. Normal operational vacuum (5×10-7 – 2×10-5 torr) was readily reached during pump
down. Calibration of magnification was verified with a replica of a 2,160 lines/mm wafflepattern diffraction grating (Ted Pella 604-A).
Correlative STORM/Graphene-SEM imaging.
To facilitate location of the same cells under STORM and SEM, a diamond scribe was used to
make a scratch mark (e.g., ~1 mm2 triangular) at the center of the coverslip, which was readily
identifiable both under optical microscope and in SEM under the coverage of graphene. 3D
STORM imaging167-168 was first performed on a homebuilt setup based on a Nikon Eclipse Ti-U
inverted optical microscope using an oil immersion objective (Nikon CFI Plan Apochromat λ
100x, NA 1.45). Briefly, lasers at 647 nm (MPB Communications), 560 nm (MPB
Communications), and 405 nm (Coherent) were coupled into an optical fiber after an acoustooptic tunable filter and then introduced into the sample through the back focal plane of the
microscope. Using a translation stage, the laser beams were shifted toward the edge of the
objective so that emerging light reached the sample at incidence angles slightly smaller than the
critical angle of the glass-water interface. Continuous illumination of 647-nm laser (~2 kW cm-2;
for STORM of AF647) or 560-nm laser (~2 kW cm-2; for STORM of Cy3B and CM-DiI) was
used to excite fluorescence from labeled dye molecules and switch them into the dark state.
Concurrent illumination of the 405-nm laser was used to reactivate the fluorophores to the
emitting state. The power of the 405-nm laser (typical range 0-1 W cm-2) was adjusted during
image acquisition so that at any given instant, only a small, optically resolvable fraction of the
fluorophores in the sample were in the emitting state. For 3D STORM imaging, a cylindrical lens
was inserted into the imaging path so that images of single molecules were elongated in x and y
for molecules on the proximal and distal sides of the focal plane (relative to the objective),
respectively168. Imaging buffer used was Tris-Cl containing 100 mM cysteamine, 5% glucose,
0.8 mg mL-1 glucose oxidase, and 40 μg mL-1 catalase. After STORM imaging, the coverslip was
stored in PBS before processing for graphene-based SEM imaging (as described above). To align
the obtained STORM and SEM images, the STORM image was mapped to the coordinate
system of the SEM image through a two-dimensional affine spatial transformation (MATLAB)
on the basis of corresponding features (control points). About 20 control points were selected in
each dataset for inferring an averaged, global, affine transformation matrix.
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Chapter 6: Correlative super-resolution microscopy: new dimensions and new opportunities
The work in this chapter was performed in collaboration with Margaret Hauser, Doory Kim,
Morteza Mahmoudi, Wan Li, and Ke Xu. It is reproduced here in part from ref.170 with
permission from all critical coauthors. Copyright 2017 American Chemical Society.
6.1 Introduction
Every microscopy technique has its intrinsic limitations. For example, while electron microscopy
(EM) boasts sub-nanometer resolution, it is generally incompatible with live or wet samples,
achieves limited molecular specificity, and often suffers from a restricted viewing window. In
contrast, light microscopy works well with live and wet samples across a large range of sample
dimensions, and, with fluorescence microscopy, achieves excellent molecular specificity for
multiple targets via the proper tagging of fluorescent labels, e.g., encoding of fluorescent
proteins (FPs) or immunolabeling of synthetic dyes. Consequently, although traditional light
microscopy offers limited (~300 nm) resolution, its combination with EM has been highly
successful in overcoming the aforementioned limits of EM.171-175
More generally, when any two or more microscopy/spectroscopy modalities are correlatively
combined to probe the same targeted area, either simultaneously or in tandem, the strengths of
each can often be reinforced, while the drawbacks mitigated. Correlative microscopy thus arrives
on the scientific scene to attain multi-dimensional, multi-scale, and corroborated information
about a system regarding morphology, functionality, dynamics, cellular context, and chemical
composition.176-178
Light microscopy is a pivotal method in correlative microscopy due to its ease of access and the
above-mentioned benefits. However, the resolution of light microscopy was historically limited
to about half of the wavelength of light, or ~300 nm, due to diffraction. The significant
difference in resolution between light microscopy and high-resolution microscopy methods like
EM and atomic force microscopy (AFM) produces difficulty in fully utilizing the strengths of
light microscopy in correlative applications.
The past decade has witnessed the rapid rise of super-resolution microscopy (SRM), the
collective name given to a host of emerging fluorescence microscopy methods that break the
conventional resolution limit by reinventing how fluorescence signal is generated, detected, and
processed.179-185 By achieving resolution down to ~10-20 nm, SRM overcomes the standing
resolution disparity between light microscopy and EM/AFM, and can provide more powerful and
meaningful correlation results. From the standpoint of SRM itself as an emerging class of
techniques, correlation with other advanced microscopy and spectroscopy techniques also helps
validate new results, as well as add new dimensions of information.
The new opportunities afforded by correlative SRM have hence motivated extensive new
research. Challenges abound. It is naturally difficult to combine two distinct microscopy
techniques: sample preparation protocols optimized for one technique may be entirely
incompatible with the other, and results from the two modalities can be difficult to correlate due
to differences in contrast mechanism and sample damages during handling steps between the two
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experiments. While these issues are relevant to all correlative approaches, they are especially
challenging for correlative SRM: as SRM pushes the resolution of light microscopy from its
traditional limit of ~300 nm to ~10 nm, it also raises the bar for how well structures need to be
preserved and correlated. In terms of sample preparation, this means new strategies that are
compatible with both SRM and its correlated methods need to be developed. Fluorescent tags
must attain a labeling density much higher than that is necessary for conventional fluorescence
microscopy, so that the true structure is not obscured by voids in fluorescence due to incomplete
labeling at the nanoscale. Moreover, SRM often imposes stringent requirements on the
photophysics of the fluorescent probes,169, 184, 186 including photoswitchablilty and photostablity,
and these special properties of the probes need to be preserved during sample preparation. For
correlating the results, alignment between images obtained by SRM and the other methods needs
to be achieved to a precision down to ~10 nm; distortions beyond this length scale, due to either
degradation of sample or imaging artifacts, would defeat the very purpose of high-resolution
correlative SRM. Other constraints of SRM, including the typical requirement of oil-immersion
objectives to achieve the highest possible numerical aperture (which, in turn, necessitates glass
coverslips), low sample background fluorescence, and aqueous imaging buffers, further
complicate the equation. Overcoming these challenges has thus become a major endeavor, for
which researchers devised vastly diverse strategies and experimental designs: these form the
basis of this chapter.
We note that by SRM, we refer to the recently developed far-field methods that are readily
applied to biological samples and hence were popularized over the past decade.179-185 Earlier
near-field approaches, in particular near-field scanning optical microscopy,187-188 also break the
diffraction limit of resolution, but their application is essentially limited to sample surfaces. Farfield SRM methods are generally divided into two categories: one overcomes the diffraction
limit by engineering the illumination patterns to effectively reduce the size of the point-spread
function. Methods in this category include stimulated emission depletion (STED) microscopy189190
, ground state depletion (GSD) microscopy,191-192 and [saturated] structured-illumination
microscopy ([S]SIM) / saturated patterned excitation microscopy (SPEM).193-195 The other
category achieves super-resolution through locating single molecules that undergo stochastic
“on-off” fluorescence photoswitching. This approach was introduced as stochastic optical
reconstruction microscopy (STORM),115 photoactivated localization microscopy (PALM),116 and
fluorescence photoactivation localization microscopy (FPALM).117 Variants are given many
different names, including PALMIRA (PALM with independently running acquisition196-197),
dSTORM (direct STORM198), and GSDIM (ground state depletion followed by single molecule
return199). In a related approach called PAINT (points accumulation for imaging in nanoscale
topography85), the reversible binding of fluorescent molecules to targets is used to achieve
single-molecule localization and SRM. In this review we use single-molecule localization
microscopy (SMLM) to generally refer to the class of SRM methods based on single-molecule
localization, but when discussing specific work, we adopt the name used in each study without
modification.
6.2 Correlating super-resolution microscopy with other light microscopy techniques
The correlation of SRM with other light microscopy modalities is relatively straightforward. The
sample preparation processes involved, as well as the nature of the contrast agents used, can
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often be the same, and in some cases the same microscope can be used to carry out both
experiments. Although SRM provides unmatched optical resolution, at this time it still faces a
few key limitations that may be complemented by correlating with conventional, diffractionlimited light microscopy methods.

Figure 21: An example of correlating diffraction-limited fluorescence microscopy to identify
targets for SRM. (A) Diffraction-limited two-color epifluorescence image of Alexa Fluor 647phalloidin-labeled actin filaments (green) and Alexa Fluor 555-immunolabeled MAP2
(magenta), a marker for dendrites, for a cultured neuron sample. (B) 3D STORM image of actin
corresponding to the box in (A), revealing contrasting actin ultrastructure in the MAP2-positive
dendrite and MAP2-negative axons. (C) Epifluorescence image of Alexa Fluor 647-phalloidinlabeled actin filaments (green) and Alexa Fluor 555-immunolabeled NrCAM (magenta), a
marker for axon initial segments. (D) 3D STORM image of actin corresponding to the box in
(C). Color is used to present axial (z) positions in (B,D) according to color bar in (D). Adapted
with permission from ref. 200. Copyright 2013 AAAS.
To begin with, SRM is relatively low in throughput. Acquisition of a single, high-resolution
SRM image may take minutes; the use of high-magnification objective lenses further limits the
imaging window to <~100 μm. It is thus often impractical to plunge into SRM for an arbitrary
sample without prescreening for areas of interest. To circumvent this, diffraction-limited
conventional fluorescence microscopy and bright-field light microscopy are routinely exploited
to first identify regions of interest with high throughput. For such screening purposes, in addition
to inspecting the same targets that will be imaged by SRM, it is also common to label additional
markers in other, non-SRM color channels to highlight particular cells or structures of interest.
As one example, this strategy was used to help identify dendrites and axons in cultured neurons,
thus enabling the discovery of contrasting actin ultrastructure in the two different neurites with
STORM (Figure 21).200
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Figure 22: Correlative confocal-SRM. (A) Overlaid confocal images of junctophilin (JPH) (red),
ryanodine receptor (RyR) (green), and WGA-labeled cell membrane (grey) of cardiac myocytes.
(B) dSTORM image of JPH (red) and RyR (green) overlaid with outline of cell membrane
obtained from confocal image (cyan). (C,D) Correlated confocal-STORM reveals the nanoscale
distribution of CB1 receptors in the boutons of an interneuron in a brain slice. (C) Maximum
intensity projection of a deconvolved confocal stack of axon terminals labeled by biocytin
(green). (D) Correlated and overlaid STORM image of the same region for the distribution of
CB1 receptors (magenta). (E,F) Correlated confocal-STORM of kidney tissue. (E) Confocal
results of TOM20 (red), phalloidin (green) and parvalbumin (cyan), overlaid with STORM result
of TOM20 (magenta). (F) Zoom-in of the boxed region in (E). (A,B) adapted with permission
from ref. 201. Copyright 2015 Elsevier, Inc. (C,D) adapted with permission from ref. 202.
Copyright 2015 Nature America, Inc. (E,F) adapted with permission from ref. 203. Copyright
2016 Nature America, Inc.
In addition to screening for targets, in some cases it is also helpful to correlate conventional
fluorescence microscopy with SRM for structural information. This is because multicolor SRM
does entail a new level of difficulty: specialized fluorescent probes and/or additional optics are
required, and issues like color crosstalk and uneven performance across different color channels
are not always easily resolved.169, 204-209 Combining SRM of the more important targets with
diffraction-limited images of auxiliary targets is thus a simple means to obtain multi-color data.
Towards this end, recent work on correlating confocal microscopy with SRM has been fruitful
for its general accessibility and improved resolution over epifluorescence.
Crossman et al.201, for instance, sequentially combined confocal microscopy of wheat germ
agglutinin (WGA) with dSTORM of junctophilin (JPH) and the ryanodine receptor (RyR) in
human cardiac tissue. The confocal images of WGA served as a cell surface marker, permitting
segmentation of the dSTORM data of JPH and RyR into membrane and non-membrane regions
(Figure 22AB). This allowed the authors to conclude that JPH and RyR show greater
colocalization on the plasma membrane. Dudok et al.202 correlated confocal microscopy,
STORM, and patch-clamp electrophysiology to study the distribution of the CB1 cannabinoid
receptor protein in cell type-specific interneurons. The authors first performed whole-cell, patchclamp recordings to identify CB - and cholecystokinin-expressing interneurons in brain slices,
1
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during which process the cells being recorded were filled with fluorescent biocytin. Biocytin
consequently served as a tracer to outline the morphology of the neurons in confocal microscopy
(Figure 22C), allowing for the classification of perisomatic vs. dendritic interneurons. Correlated
STORM (Figure 22D) was subsequently performed to reveal differences in CB1 location and
quantity in these two types of interneurons. In a later study, the same research group
demonstrated sequential multicolor confocal and single-color STORM microscopy on fixed heart
and kidney tissue sections (Figure 22EF), and reported an open-source software for correlated
confocal and SMLM image analysis.203 Vangindertael et al.210 correlated PALM and confocal
microscopy to study the C. elegans nervous system. Confocal microscopy provided anatomical
context of neurons in a whole animal, and the correlated PALM-confocal results helped map
glutamate receptor clusters onto specific neurons.

Figure 23: Correlative live-cell time-lapse microscopy and fixed-cell SRM. (A) Schematic of
workﬂow. A live-cell time-lapse movie is first recorded at high temporal resolution, from which
trajectories of organelles (e.g., lysosomes) can be obtained via single-particle tracking. The
sample is then ﬁxed and immunolabeled for targets of interest (e.g., microtubules) using SRMcompatible dyes. SRM image of the fixed sample is then obtained and correlated with the livecell organelle trajectories. (B) A microfluidic platform for correlative live-cell and SRM
imaging. Cells are cultured and imaged in glass-bottomed microfluidic channels coupled to a
computer-controlled reagent delivery system. By modifying the configuration of the pressurized
air-activated valves, different reagents, including fixation, blocking, labeling, and imagining
buffers, can be delivered to different channels (two examples depicted here) to facilitate the
transition between live-cell and SRM imaging. (A) adapted from ref. 211. (B) adapted under
Creative Commons Attribution (CC BY) license from ref. 212.
The inherent trade-off between the spatial and temporal resolutions in SRM creates another
opportunity for integration with conventional fluorescence microscopy. Although fast (~1 s to
video-rate) image acquisition has been demonstrated for both scanning-based and wide-field
SRM approaches,213-217 for typical applications time resolutions of faster than ~10 s are still
difficult to achieve, especially if high-resolution/high-quality images are desired. This is too slow
for some of the more dynamic processes in living samples. Correlating live-cell data at low
spatial resolution but high temporal resolution with SRM images of the same cells after fixation
therefore offers a useful solution.
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Bálint et al.211 used this strategy to study cargo transport dynamics along microtubules (Figure
23A). By correlating single-particle tracking of cargos in live cells with 3D-STORM images of
microtubules in the same fixed cells, the authors mapped transport trajectories of lysosomes to
individual microtubules with high spatiotemporal resolution, consequently enabling a
mechanistic study of lysosome behavior, including cargo pause lengths and changes in moving
direction, at microtubule-microtubule intersections. The same research lab further developed a
microfluidic platform to streamline the sample preparation process between live-cell
epifluorescence and fixed-cell SRM microscopy;212 the microfluidic chips possessed parallel
imaging chambers and a computer-controlled fluid-injection device to deliver different reagents
(e.g., fixatives and antibodies) to the imaging chamber at precise times (Figure 23B). Utilizing
this system, they demonstrated the correlation of dynamic mitochondrial behaviors with
mitochondrial morphology and protein distributions.

Figure 24: Multicolor correlative SIM-STORM of U2OS cells. (A-D) SIM images of actin (A),
microtubules (B), and myosin (C). (D) STORM image of myosin. (E) Merged image. Adapted
with permission from ref. 218. Copyright 2014 Optical Society of America.
Correlative imaging between different super-resolution methods has also been reported.
Combined application of different variants of SMLM methods, e.g., those based on
photoswitching FPs vs. photoswitching dyes197 or photoswitching vs. reversible binding of
fluorescent probes,102 is relatively straightforward, as the same optical system can be used.
Correlation between SIM and SMLM, two dissimilar wide-field SRM approaches, has also been
reported (Figure 24).218-219 SIM provides ~2x better resolution when compared to conventional
microscopy, which is lower than that can be achieved by SMLM. However, SIM does not require
photoswitchable fluorescent probes and is generally characterized by faster image acquisition
time, and so provides useful correlation with SMLM results.
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6.3 Correlating super-resolution microscopy with electron microscopy
6.3.1 The advent of correlative super-resolution light and electron-microscopy (sCLEM)
Electron microscopy, which readily achieves nanometer- and sub-nanometer resolutions, has
been the historical method of choice for probing ultrastructure in biological samples, i.e.,
structures at scales smaller than the diffraction limit. Scanning electron microscopy (SEM) scans
a focused electron beam across the sample surface and offers sub-10 nm image resolution for
structures close to the surface.141, 220-221 Transmission electron microscopy (TEM) passes a beam
of electrons through a thin (<~100 nm), often sectioned sample, and achieves up to subnanometer resolution.220, 222 Electron tomography (ET) achieves 3D tomographs by combining
information from a tilted series of TEM images.223-224 Cryo-EM and cryo-ET operate at
cryogenic temperatures to bypass sample dehydration, and, along with cryo-fixation, also
circumvent chemical fixation.145, 225-226 While offering exquisite resolution and excellent
biological context, EM is generally incompatible with live or wet samples due to its highvacuum operating conditions, and it provides limited molecular specificity. Electron-dense heavy
metals are often employed to non-specifically stain lipids or proteins. Although immuno-EM
(e.g., using antibodies conjugated with colloid gold nanoparticles) provides a means to localize
specific targets in EM,227-230 its application is limited by low labeling density and limited multitarget labeling strategies.
Light microscopy offers complementary advantages and disadvantages in many ways. As
previously noted, light microscopy is one of the few methods that works well with live and wet
samples. Through the proper tagging of fluorescent labels, fluorescence microscopy readily
enables the observation of specific targets with excellent molecular specificity, contrast, and
sensitivity. Multi-color fluorescence microscopy further enables simultaneous visualization of
multiple targets to probe interactions. Consequently, although historically at much lower
resolution (~300 nm), light microscopy has been successfully combined with EM to image the
same sample and draw on the complementary strengths of the two modalities, an approach often
referred to as correlative light and electron microscopy (CLEM).171-175
Recent advances in SRM have drastically improved the achievable optical resolution of light
microscopy to ~10 nm, an exciting new paradigm that approaches the resolution of EM. The
closer resolution match between SRM and EM thus allows more meaningful correlation with a
much higher degree of structural detail when compared to previous CLEM efforts. As correlative
SRM-EM approaches have deep roots in traditional CLEM methods based on diffraction-limited
light microscopy, in this review we refer to correlative SRM-EM as sCLEM to emphasize both
the super-resolution nature of the light microscopy employed and the fact that this class of
techniques are nevertheless a subtype of CLEM methods.
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Figure 25: Correlative PALM-TEM as an initial validation of PALM. (A-C) Correlative PALM
(A), TEM (B), and PALM/TEM overlay (C) images of mitochondria in a cryo-prepared thin
section from a COS-7 cell expressing dEosFP-tagged cytochrome-c oxidase import sequence.
(D-F) Zoom-in of (A-C) corresponding to the box in (A), showing that the matrix reporter
molecules visualized by PALM extend up to the outer mitochondrial membrane visualized by
TEM. Scale bars: 1.0 μm in (A-C); 200 nm in (D-F). Adapted with permission from ref. 116.
Copyright 2006 AAAS.
The first implementation of the sCLEM approach was adopted in the original demonstration of
PALM by Betzig et al.116 Here, the high degree of correlation between TEM and PALM results
of FP-tagged proteins on cryo-prepared thin sections of fixed cells helped validate PALM as an
accurate technique for imaging intracellular proteins with sub-diffraction-limit resolution (Figure
25). Since then, sCLEM has been extended to virtually all SRM and EM methods and sampleprocessing strategies (Table 1).
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Table 1: Primary research on correlative SRM and EM, listed by publication date
EM method

SRM
method

Sample processing

SRM label

Nature of sample

Reference

TEM

PALM

Cryosectioning

dEosFP

Monkey cell line
(COS-7)

Betzig et
al.116

SEM (BSE)

STED,
PALM

High-pressure freezing,
resin-embedding,
sectioning

Citrine (STED),
Dendra & tdEos
(PALM)

C. elegans worms

Watanabe et
al.142

FIB-SEM
(BSE)

iPALM

Cryosectioning,
FIB

mEos2

Mouse cell line
(3T3sw)

Kopek et
al.143

SEM (BSE)

PALM

Cryosectioning,
metal coating

mEos2, PSCFP2, caged dye

Mouse cell line
(3T3sw)

Kopek et
al.231

Metal-replica
TEM

STORM

Cryosectioning,
quick-freeze deep-etch,
metal replica

Alexa 647

Mouse and human
kidney tissue

Suleiman et
al.232

Metal-replica
TEM, ET

iPALM

Unroofing,
critical point drying,
metal replica

psCFP2,
Alexa 647

Rat cell line
(PC12-GR5)

Sochacki et
al.144

SEM (SE)

iPALM

Critical point drying,
metal coating

PSCFP2,
Alexa 647

Monkey cell line
(COS-7)

Van
Engelenburg
et al.233

TEM,
ET

dSTORM

High-pressure freezing,
resin embedding,
sectioning

Alex 647, SiR

Mammalian
cell lines
(L cells, HeLa)

Perkovic et
al.234

Cryo-ET

CryoPALM

Plunge-freezing

PA-GFP

Bacteria
(M. xanthus)

Chang et
al.235

SEM (SE)

dSTORM

Critical point drying,
carbon coating

Alexa 647

X. laevis oocytes

Löschberger
et al.236

TEM

3D-SIM

Resin-embedding,
sectioning

GFP, DAPI

Primary mouse
ependymal
progenitors

Al Jord et
al.237

TEM,
SEM (BSE)

PALM

High-pressure freezing,
resin-embedding,
sectioning

mEos4a, mEos4b

Mouse cell line
(3T3)

Paez-Segala
et al.238

TEM

SMLM

High-pressure freezing,
resin-embedding,
sectioning

mGFP, mVenus,
mRuby2

Human cell line
(HEK293T)

Johnson et
al.239

TEM,
SEM (BSE,
SE)

3D & 2D
STORM

Critical point drying,
metal coating;
resin-embedding,
sectioning

Alexa 647,
Alexa 568

Mammalian
cell lines
(BS-C-1, A549),
influenza virus

Kim et al.240

SEM (SE)

3D & 2D
STORM

Graphene encapsulation

Alexa 647, Cy3B,
CM-DiI

Monkey cell line
(COS-7)

Wojcik et
al.241

CryoHigh-pressure freezing,
Human cell line
Dronpa
Liu et al.242
PALM
vitreous sectioning
(HEK293)
Alexa: Alexa Fluor; SE: Secondary-electron mode of SEM; BSE: backscattered-electron mode of SEM. For sample
processing, standard chemical fixation and EM staining steps are omitted for clarity.
Cryo-ET
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While Table 1 demonstrates remarkable success of sCLEM to date, each effort constitutes a
serious undertaking that overcomes a multitude of technical difficulties. Before we get into
detailed discussion of each study, we first briefly outline the major challenges.
6.3.2 Challenges in sCLEM
As sCLEM offers exceptional opportunities for correlating light microscopy and EM results at
the nanometer-scale, it also brings the associated challenges and technical difficulties to a new
level. Most of these challenges and limitations have long existed for CLEM, but are exacerbated
with SRM as one pursues higher resolution, denser fluorescent labeling, and higher signal-tonoise ratios at the nanometer scale and/or the single-molecule level.

Figure 26: Examples of challenges in sCLEM. (A) SEM image of dehydrated cells on a nonconductive glass coverslip surface, showing unstable signal due to surface charging. (B) SEM
results of cells lightly fixed by conventional protocols for fluorescence microscopy (4%
paraformaldehyde), air-dried, and coated with a conductive, 10-nm gold film. Nu: nuclei. Illpreserved cell morphology and low sample contrast are hallmarks of EM images taken without
strong fixatives or heavy-metal staining. (C) Fluorescence micrograph of intestinal nuclei in C.
elegans expressing citrine-histone fixed with 1% glutaraldehyde. Strong background
autofluorescence is observed. (D) Fluorescence micrograph of a similar sample treated with
0.1% osmium tetroxide, a common fixative and stain for EM, with 4x gain and 2.3x longer
camera exposure time to enhance the signal. Fluorescence signal is seen reduced by ~90%. (E)
3D STORM image (colored for z) of a cell immunolabeled for TOM20, a mitochondrial outer
membrane protein. (F) SEM image of the same area, after the sample was stained by 2% uranyl
acetate, air-dried, and gold-coated, showing that only the feature pointed to by the green arrow
retained original mitochondrial structure as shown in (E). (G,H) Aligning EM and fluorescence
microscopy data for sCLEM using gold nanoparticles adsorbed to the coverglass. (G) A low
magnification electron micrograph for a thin section of C. elegans expressing TOM-20:tdEos.
(H) Fluorescence microscopy image of the same sample. Arrows point to the same gold
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nanoparticles identified in both EM and fluorescence microscopy. (A,B,E,F) adapted under
Creative Commons Attribution (CC BY) license from ref. 241. (C,D,G,H) adapted with
permission from ref. 142. Copyright 2011 Nature America, Inc.
Choice of substrate. A glass coverslip is preferable for SRM, so that index matching, oilimmersion, high-numerical aperture objective lenses can be used to collect maximal fluorescence
signal and achieve the highest possible resolution. However, glass coverslips are impermeable to
electrons and thus unusable for TEM. As a result, for correlative SRM-TEM, one needs to either
retrieve the sample off the coverslip after SRM imaging to be remounted to a TEM grid, which
can be difficult, or adhere the sample onto a TEM grid or a silicon nitride window first and
mount the sample-containing grid/window on a coverslip for SRM, which is also challenging as
the sample-to-coverslip distance is increased. For SEM, common glass coverslips are also
unsuitable as the surface is non-conductive and so accumulates electric charge under the electron
beam, which leads to unstable signal (Figure 26-A). To overcome this issue, samples may be
coated with a conductive thin (2~20 nm) layer of carbon or metal, or graphene (a single-atomthick carbon sheet) before SEM. Alternatively, the glass substrate may be pre-coated with a
conductive yet transparent thin layer of indium tin oxide (ITO).
EM-related strong fixation, heavy-metal staining, and resin embedding. One of the greatest
challenges faced by sCLEM is to identify sample preparation protocols that allow optimal
performance of both SRM and EM. It is well-established that critical steps necessary for EM
sample preparation, including strong chemical fixation (to preserve ultrastructure for the later
dehydration step), heavy-metal staining (to enhance sample contrast), and resin embedding (for
sample sectioning), substantially quench fluorescence and may lead to strong background
autofluorescence (Figure 26CD).142, 243-244 As strong fluorescence signal and low background are
essential to the performance of SRM, these challenges need to be addressed carefully before
useful results can be obtained. Moreover, the EM sample preparation processes may also alter
the photoswitching capability and other photophysical and/or photochemical parameters of the
fluorophore that are uniquely critical to SRM performance.169, 184, 186 Simply bypassing these
harsh sample treatment steps leads to poor EM results (Figure 26B). One strategy used in
sequential sCLEM is to avoid any sample processing steps that are detrimental to fluorescence
prior to SRM imaging, and apply them after SRM is completed. When this is impossible, e.g., for
resin-embedded samples that have to be fixed, stained, embedded and sectioned before SRM can
be ever performed, careful optimization of the preparatory protocol is critical to find a
compromise where acceptable results can be obtained for both modalities. This compromise,
however, often involves the use of fixatives and stains that are at substantially lower
concentrations than standard EM protocols, as well as the use of hydrophilic resins that are less
optimal for sectioning, and so may lead to substandard EM results. The recent discovery of new
photoactivatable FPs (PA-FPs) that are more resistant to EM sample preparation processes, as
well as the finding that synthetic dyes are more tolerant than FPs in these processes open up new
possibilities to overcome these challenges.
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Sample dehydration. SRM imaging is typically performed on fully hydrated samples. In contrast,
sample dehydration is often necessary for EM due to the incompatibility of high-vacuum
operating condition with hydrated samples. In sequential sCLEM, this difficulty can be
overcome by performing sample dehydration and EM after SRM. In resin-embedded samples,
however, where dehydration needs to be performed before embedding, it is often helpful to
incorporate a small amount of water into the embedding resin to retain fluorescence. For both
cases, special care is needed in dehydration as structural changes may readily occur and would
thus preclude meaningful correlation between SRM and EM results. Uncontrolled dehydration,
e.g., drying in air or direct replacement of water with organic solvents, leads to major sample
distortion (e.g., Figure 26EF). Most sCLEM studies have thus adapted meticulous, two-step
dehydration-drying or dehydration-embedding processes and typically work with strongly fixed
samples. The first step is usually the displacement of water by organic solvents through a graded
series of organic solvent-water solutions for samples at room temperature, or via freeze
substitution for frozen samples. This dehydration step is essential for the second step of CO2
critical point drying, hexamethyldisilazane drying, or the infiltration of resins for embedding:
none of these procedures are compatible with aqueous samples. Alternatively, quick freeze-deep
etch can be used to sublime vitreous ice in vacuum and expose the surface layer for the molding
of a metal replica. Meanwhile, recent studies have shown that the dehydration process can be
bypassed altogether for certain samples through graphene encasing and cryo-EM.
Alignment of SRM and EM images. It is often highly challenging to align/overlay SRM and EM
results due to their very different contrast mechanisms. To begin with, during data collection, it
may already be difficult to locate the same region to carry out the two microscopy modalities. To
this end, gridded substrates or scratches on the substrate may be used to help locate the same
area, while low-magnification zoomed-out light microscopy images can help provide an
overview of the context of the region of interest. Actual alignment of the SRM and EM images
may be achieved based on the images per se if identical structures are visualized in both
modalities, or if the relative positions of the structures visualized by the two modalities are welldefined.236 Alternatively, immobilized fiducial markers that exhibit good contrast in both EM
and fluorescence microscopy (e.g., photoluminescent gold nanoparticles; Figure 26GH) may be
used for image alignment.142-143, 231, 233 Achieving good alignment can be challenging for both
scenarios: sample deformation may occur during the sample processing steps between SRM and
EM, and fiducial markers may also move between imaging steps. Protocols thus need to be
optimized to achieve high-precision registration with residual errors of smaller than or
comparable to the ~10 nm resolution of SRM.
6.3.3 Unsectioned Samples
Unsectioned, whole-mount samples work well for EM if the sample is thin (for TEM) or if the
structures of interest are close to the sample surface (for SEM). Working with unsectioned,
whole-mount samples has the advantage of relatively straightforward sample preparation,
avoiding embedding and sectioning processes that could compromise fluorescence. For
correlation with SRM, working with whole-mount samples also means SRM and EM imaging
can be carried out sequentially on the same unsectioned sample, so that imaging conditions for
the two modalities may be separately optimized. However, since multiple sample processing
steps take place between SRM and EM imaging, significant structural changes of the sample can
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occur during the process, thus affecting the quality of correlation at the nanometer-scale
resolution achieved by both modalities. Therefore, to produce highly correlated images, it is
important to minimize distortion of samples between imaging modalities through strong fixation
and well-designed dehydration procedures.

Figure 27: Correlative SRM-SEM of unsectioned samples. (A) Flowchart of typical procedures.
(B) Correlative iPALM (left; colored for z) of COS-7 cells expressing HIV Gag-FLAG
immunolabeled with Alexa Fluor 647 and SEM (middle) of the same area. Overlay data is shown
on the right. (C,D) Correlative two-color iPALM (C) and SEM (D) of two virus-like particles
(white arrowheads) emanating from a cell expressing Gag-FLAG (red) and PSCFP2-CHMP2A
(green). (E-H) Correlative dSTORM-SEM of nuclear pore complexes. (E) dSTORM image of
the integral membrane protein gp210 immunolabeled by Alexa Fluor 647. (F) Corresponding
SEM image of the nucleoplasmatic side of the nuclear envelope, visualizing nuclear baskets. (G)
Overlaid image. (H) is a zoom-in of (G). (I-K) Correlative two-color STORM (I) and SEM (J)
images of budding Udorn virus filaments immuno-labeled for M1 (labeled by Alexa Fluor 647;
red) and vRNP (labeled by Alexa Fluor 568; green). (K) Overlaid image. (B-D) adapted with
permission from ref. 233. Copyright 2014 AAAS. (E-H) adapted with permission from ref. 236.
Copyright 2014 The Company of Biologists, Ltd. (I-K) adapted under the Creative Commons
Attribution (CC BY) license from ref. 240.
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SEM is an easier choice for targets near or at the sample surface. It offers decent (1-10 nm)
resolution, higher throughput than TEM, and it may be applied to samples on glass coverslips as
long as proper conductive coating is applied. The typical strategy233, 236, 240 for correlating SRM
and SEM of unsectioned samples (Figure 27A) is to first perform standard sample preparation
and imaging protocols for SRM on coverglass-mounted samples. After SRM is finished, the
sample is post-fixed by a high concentration (2-2.5%) of glutaraldehyde, followed by further
fixation and staining by 1-2% osmium tetroxide. The sample is then dehydrated first through a
graded series of organic solvents, followed by critical-point drying or hexamethyldisilazane
treatment. The dried sample is then coated with a ~10 nm layer of carbon or metal for improved
electrical conductivity, and finally imaged with SEM.
Van Engelenburg et al.233 employed the above strategy to achieve correlative 3D iPALM-SEM
for the organization of ESCRT components at HIV assembly sites, demonstrating that the HIV
Gag-FLAG clusters are membrane-enveloped particles (Figure 27B), and that co-clusters of HIV
Gag-FLAG and PSCFP2-CHMP2A are membrane-budding structures resembling virus-like
particles (Figure 27CD). Löschberger et al. 236used similar strategies to demonstrate correlated
dSTORM-SEM of nuclear pore complexes (NPCs) in isolated Xenopus laevis oocyte nuclear
envelopes. Due to the sample preparation method, SEM imaging was mostly restricted to the
nucleoplasmatic side of the nuclear envelope (i.e., nuclear baskets). Based on the well-defined
structural relationship of different NPC proteins to nuclear baskets, the authors successfully
correlated their SEM and dSTORM results and demonstrated that most NPCs contained eight
gp210 protein homodimers (Figure 27E-H). Kim et al.240 reported correlated two-color STORMSEM of A549 cells infected with filamentous Udorn virus and showed that viral
ribonucleoproteins (vRNPs) are located at the distal end in the majority of latent viruses (Figure
27I-K).
To bypass the traditional, time-consuming and error-prone EM preparation steps, we developed a
facile method for direct SEM of wet cells (see Chapter 5 of this dissertation, 241). Adherent
mammalian cells on a glass coverslip are covered with graphene, a single-atom-thick meshwork
of bonded carbon atoms (one single sheet of graphite).2 As the ultimate limit of membrane
thinness, graphene is transparent to electrons and light but at the same time impermeable to gas
and liquid,152-155 electrically conductive, and chemically inert. Encasing wet samples with
graphene thus enabled direct SEM in the hydrated state without the need of sample dehydration
or additional conductive coatings, thus substantially simplifying sample preparation and allowing
for facile correlation with STORM. This method is covered in greater detail in Chapter 5 of this
dissertation.
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Figure 28: Correlative SRM-TEM of unsectioned samples. (A) Flowchart of typical procedures.
(B) Scheme of the sample mounting geometry for SRM of cells cultured on a SiN window. (C)
Overlaid correlative 3D STORM (colored for z) and TEM (grayscale) images of mitochondria in
a BS-C-1 cell immunostained for TOM20. (D) Zoom-in of the boxed regions in (C), shown as
both overlaid and separated STORM and TEM images. Adapted under the Creative Commons
Attribution (CC BY) license from ref. 240.
Correlation of SRM with TEM of unsectioned samples is more technically challenging. The
specimen needs to be thin enough to allow transmission of electrons, precluding the use of
regular glass coverslips. Sample size is limited by the size of the TEM grid (~3 mm). In return
for these tradeoffs, TEM provides the advantage of higher resolution. Kim et al.240 (Figure 28)
combined STORM with TEM of unsectioned cells on commercial silicon nitride support films
(SiN windows), which are transparent to both light and electron beams. STORM imaging was
again performed prior to sample preparation for EM, but here the immunolabeled sample on the
SiN windows was flipped over, sandwiched between two coverslips (Figure 28B), and imaged
from the top side rather than through the SiN windows. Since in this geometry the sample was
relatively far away from the coverslip, spherical aberration due to difference in index of
refraction between glass and the imaging buffer becomes a concern. To overcome this problem,
an index-matching imaging medium containing 60% sucrose and 5% glucose (refractive index
~1.45)245 was employed to attain fluorescence intensity ~80% of that when the sample is directly
mounted on the coverslip. After STORM imaging, the sample was post-fixed with uranyl acetate,
dehydrated via a graded ethanol series, and dried through critical point drying or
hexamethyldisilazane treatment, before being imaged by TEM (Figure 28A). Good STORMTEM correlation results were thus obtained for microtubule and mitochondria in whole-mount
BS-C-1 cells (Figure 28CD).
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6.3.4 Metal-replica TEM
Metal-replica TEM offers excellent contrast and resolution for structures exposed at the surface.
A thin (~2 nm) metal (usually platinum) film, plus a ~10 nm stabilization film of carbon is
deposited onto the dehydrated sample to mold a replica of the surface topology. The
metal/carbon replica is then lifted off in hydrofluoric acid and picked up onto a TEM grid for
TEM imaging (Figure 29A). Since TEM is ultimately performed on an inverted mold of the
surface made of the heavy metal, this method provides outstanding contrast, but is limited to
imaging structures on the sample surface.

Figure 29: Correlative SRM and metal-replica TEM. (A) Flowchart of typical procedures. (B and
C) 2-color STORM and cross-sectional quantification of immunolabeled agrinC (blue) and
podocalyxin (red) along a capillary region of a cryosection of mouse kidney tissue. (D) TEM of
platinum deep-etch replica prepared from the same section. (E) Overlay of the STORM and EM
images shows ultrastructural features such as podocyte foot processes (fp), endothelial cells (en)
and the GBM. (F) iPALM image of Alexa Fluor 647-labeled clathrin (magenta) at the inner
bottom surface of an unroofed cell, correlated and overlaid with the metal-replica TEM image of
the same surface (grayscale). (G) (Left) Two-color iPALM results of membrane-targeting
myristoylated psCFP2 (blue) and clathrin-Alexa Fluor 647 (magenta) mapped onto the z
projection of a TEM tomogram (grayscale). (Right) A magnified z slice along the orange dashed
line. (H) Individual clathrin structures are shown in xy (z projection) and yz dimensions
(tomogram slice). Scale bars: 200 nm in (F-H). (B-E) adapted under the Creative Commons
Attribution (CC BY) license from ref. 232. (F-H) adapted with permission from ref. 144. Copyright
2014 Nature America, Inc.
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Suleiman et al.232 reported correlated STORM and metal-replica TEM on Tokuyasu cryosections of fixed kidney tissue (Figure 29B-E). After performing SRM on cryo-sections through
common procedures, the sample was post-fixed in glutaraldehyde and slammed onto a liquid
helium-cooled copper block for rapid freezing. Vitreous ice was sublimed in vacuum to expose
the surface layer, thus permitting subsequent platinum/carbon coating steps for metal-replica
TEM (Figure 29A). This approach allowed the authors to resolve the dense protein and
membrane ultrastructure at the kidney glomerular basement membrane (GBM). By correlating
this result with 2-color STORM images of agrinC and podocalyxin (Figure 29B-E), they thus
demonstrated that the podocalyxin labeling is along the foot process periphery and agrin
localization within the GBM. Sochacki et al.144 “unroofed” fixed adherent cells through
sonication to expose the inner surface of the bottom plasma membrane (Figure 29A). 3D iPALM
was carried out after immunolabeling. After post-fixation in glutaraldehyde, the sample was
critical-point dried for subsequent metal-replica TEM steps (Figure 29A). 3D electron
tomographs were constructed, which well resolved the cortical cytoskeleton and clathrin pits at
the plasma membrane (Figure 29F). Correlation of 3D ET results with 3D iPALM in the axial (z)
dimension was challenging as gold nanoparticles, which otherwise could have served as fiducial
markers, moved during replica lift-off. The authors thus relied on aligning the iPALM position of
a membrane-bound FP with the membrane plane in the ET data. This approach resulted in wellcorrelated images (Figure 29GH), thus providing useful information regarding the relative
positions of clathrin and related proteins at endocytic pits.
6.4 Correlating super-resolution microscopy with atomic force microscopy
AFM is a prominent surface imaging technique widely employed in nanotechnology and
materials science.246-247 A cantilever spring with a sharp (~10 nm tip radius) tip is scanned across
the sample surface; bending (or a change in vibrational frequency) of the cantilever is monitored
by detecting the position of a laser beam that reflects off the cantilever, thus yielding the
topography of the surface at a typical resolution of ~10 nm in-plane and sub-nanometer in the
axial direction. Local force and elasticity measurements,248 as well as the use of specialized,
metal-coated fiber optic probe tips to enable near-field scanning optical microscopy (NSOM)187188
are among some of the additional powerful functions that can be incorporated into the AFM
system. In particular, NSOM provided one of the first ways to break the diffraction limit of light
microscopy.
While most applications of AFM relate to inorganic materials, recent years have seen growing
applications of AFM in biological systems.249-251 Correlating AFM and fluorescence microscopy
is relatively straightforward: AFM is label-free and requires no strong fixation or dehydration. In
many cases, live or lightly-fixed biological samples can be imaged directly. AFM measurements
also directly probe mechanical properties, thus providing additional information inaccessible to
other imaging methods. However, the fact that AFM is a surface technique limits its applications
to characterizing sample topology and surface properties. Correlating with fluorescence
microscopy helps provide target-specific information of both the surface and the interiors of
samples, and SRM can provide more meaningful correlation by offering resolutions better
matched to that of AFM.
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Figure 30: Correlative SMLM-AFM through sequential imaging on two separate setups. (A)
Diffraction-limited fluorescence image of clusters of Atto 655-labeled huntingtin (Htt) protein
aggregates on a quartz slide. (B) Corresponding SMLM SRM image. (C) AFM image of the
same area. (D) Overlaid SMLM (yellow-red) and AFM (black) images on a grey background.
Adapted with permission from ref. 252. Copyright 2011 Wiley-VCH Verlag GmbH&Co. KGaA,
Weinheim.
Duim et al.252 reported correlative SMLM-AFM of in vitro huntingtin (Htt) protein aggregates
through sequential imaging on two separate setups. Dye-labeled Htt aggregates were adsorbed to
quartz slides, first imaged with SMLM in regular imaging buffer, and then rinsed and dried with
a stream of nitrogen gas for AFM characterization on a different setup. Good correlative results
were obtained: SMLM (Figure 30B) provided significantly improved resolution when compared
to the diffraction-limited fluorescence microscopy images (Figure 30A), and so well-matched the
AFM data (Figure 30CD) to together reveal fine structural details of the Htt aggregates.

Figure 31: Correlative SRM-AFM of in vitro samples based on integrated setups. (A) Scheme of
the basic components. Sample on a glass coverslip is imaged from below by SRM (e.g., based on
an inverted microscope), and probed from above by an AFM cantilever. (B) Correlated STED71

AFM imaging of 40 nm fluorescent beads. (C) Correlated AFM-based nano-manipulation and
SRM imaging below the diffraction limit. Shown: overlaid STED images of 40 nm fluorescent
beads on a glass coverslip, before (red) and after (green) manipulation by an AFM tip. Fixed
beads appear yellow in the overlaid image; the bead next to the arrow was physically dragged a
short distance, so it shows up at two different locations in the before (red) and after (green)
channels. (D,E) Correlative AFM (D) and SMLM (E) images of YOYO-1 tagged λ-DNA.
Yellow arrows point to an area where two DNA strands are resolved by both SMLM and AFM
but not by conventional fluorescence microscopy. Green arrow marks a DNA section that is
visible in AFM but not in SMLM. (F,G) Correlative AFM (F) and SMLM (G) images of in vitro
assembled F-actin filaments. (A) adapted from ref. 253. Copyright 2015 American Chemical
Society. (B) adapted under Creative Commons Attribution (CC BY) license from ref. 254. (C)
adapted under the Creative Commons Attribution (CC BY) license from ref. 255. (D,E) adapted
with permission from ref. 256. Copyright 2014 Wiley-VCH Verlag GmbH&Co. KGaA,
Weinheim. (F,G) adapted from ref. 253. Copyright 2015 American Chemical Society.
Harke et al.254 integrated AFM and STED SRM by mounting an AFM head on top of the
inverted microscope stage, a design widely adopted by later SRM-AFM studies (Figure 31A).253,
255-257
Although this design could, in principle, allow simultaneous performance of SRM and
AFM, in practice the two measurements are usually carried out separately as the oil-immersion
objective lens of the SRM setup could couple vibrations into AFM measurements, and the lasers
used in one modality may cause undesired background in the other. Still, an integrated SRMAFM setup allows for ready identification and registration of the same region of interest in the
two imaging modalities, thus greatly facilitate data acquisition and analysis.
With this approach, Harke et al.254 first imaged fluorescent beads on glass coverslips as a proof
of concept, demonstrating well correlated STED-AFM results (Figure 31B). The system was
later extended to demonstrate yet another dimension of correlative methods, i.e., the use of AFM
for nano-manipulation as the STED microscopy provided readout and feedback. Chacko et al.255
thus demonstrated the dragging of individual, 40 nm fluorescent beads over short distances
across a glass surface (Figure 31C). Monserrate et al.256 and Odermatt et al.253 reported
correlated SMLM and AFM imaging of dye-labeled λ DNA (Figure 31DE) and F-actin filaments
(Figure 31FG) deposited on substrates, respectively. Through comparison of the correlated
SMLM and AFM results, Monserrate et al.256 reported gaps in the SMLM results that were
continuous in the AFM image, indicating possible labelling and image reconstruction artifacts in
SMLM. Odermatt et al.253 found a correlation between the local density of localizations in
SMLM and the measured AFM height for F-actin filaments, and attributed this effect to bundles
of different numbers of single filaments.
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Figure 32: Correlative SRM-AFM of cells. (A) Correlative STED, confocal, AFM-height, and
AFM-elasticity mapping of a fixed COS-7 cell labeled with Atto 647N against tubulin. (B)
Overlaid AFM and STORM images of Alexa Fluor 647-labeled tubulin of a fixed HeLa cell. (CE) Correlative STORM (C), AFM-height (D), and AFM-elasticity (E) images of the boxed area
in (B). (F,G) AFM surface topology of a live CHO-K1 cell at 0 and 9 minutes. (H,I) Correlative
PALM results of the same live cell taken after AFM, corresponding to the white square in (G), at
28.2 and 31.6 minutes, respectively. Reorganization of mEos-labeled paxillin is observed. (A)
adapted under Creative Commons Attribution (CC BY) license from ref. 254. (B-E) adapted under
the Creative Commons license from ref. 257. (F-I) adapted from ref. 253. Copyright 2015
American Chemical Society.
Correlative SRM-AFM has also been realized for cells, which are naturally more challenging
than in vitro samples as AFM needs to be performed in liquid to maintain the hydrated state of
the sample. Harke et al.254 reported correlated STED-AFM of fixed COS-7 mammalian cells.
The cells were immunolabeled for tubulin to enable STED SRM of the microtubule cytoskeleton,
and this result was combined with AFM, which provided correlated local topology (height) and
stiffness/elasticity (Young’s modulus) of the cell (Figure 32A). In a later study by the same
research group, Chacko et al.257 demonstrated correlated STED-AFM and STORM-AFM on the
thicker HeLa cells (Figure 32B-E). Both local AFM-height and AFM-elasticity results showed
partial, but not complete, correlation with the location and structure of the microtubules obtained
through SRM, attributed to the presence of other cellular structures (in particular cytoskeletal
filaments) that were not labeled for SRM in the experiment. Odermatt et al.253 further extended
correlative SRM-AFM to bacteria and live mammalian cells. To avoid the aforementioned
difficulties of concurrent SRM and AFM recording, the authors performed AFM first to monitor
the topology of the cell leading edge over time, and then performed PALM of the same live cell
(Figure 32F-I). A PA-FP, mEos2, was tagged to paxillin to visualize the dynamics of focal
adhesions in the PALM data. Their live-cell PALM results thus showed the nanoscale evolution
of focal adhesions in a leading cell edge of known topography from prior AFM measurements
(Figure 32F-I).
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6.5 Correlating super-resolution microscopy with spectroscopy
Spectroscopy and spectrometry measurements offer valuable chemical and/or structural
information, and are in some cases label-free. However, most spectroscopic/spectrometry
methods are originally designed for bulk samples and offer limited spatial information.
Integrating the high spatial resolution of SRM with spectroscopic/spectrometry methods thus
offers intriguing opportunities to probe multiple aspects of a given system. Here we review
several recent studies that show promise for the study of biological samples.

Figure 33: Integrating SRM with fluorescence spectrum measurement of single molecules. (A)
Schematic for spectrally resolved STORM based on a dual-objective system. Two opposing
objectives (not shown) focus on the same spot of the sample and form intermediate images at
Slits 1 and 2, respectively, and the single-molecule fluorescence in Path 2 is spectrally dispersed.
M, mirror; L, lens. (B) A small part of the concurrently acquired image (top) and spectra
(bottom) of single molecules in a 9-ms wide-field snapshot. Crosses: calibrated spectral positions
of 647, 700, and 750 nm for each molecule. (C) “True-color” spectrally resolved STORM image
of 4 targets labeled by 4 far-red dyes at 10 nm spectral separation. Color presents the measured
spectral mean of each molecule on a continuous scale (inset). (D) Averaged single-molecule
spectra for four different, nanoscale subareas marked in (C). (E) Schematic for spectral FPALM
based on a single objective lens. Fluorescence is divided at a beam splitter (BS) into two paths
for the separate positional and spectral detections of single molecules. (F) Measured fluorescence
spectrum of a single PAmKate FP molecule in four consecutive frames at ~90 Hz frame rate,
indicative of spectral wandering between frames. Error bars: estimated shot noise based on the
number of detected photons. (G) Super-resolution rendering of the spatial distribution of
molecules with (yellow) and without (green) spectral wandering. (A-D) adapted with permission
from ref. 209. Copyright 2015 Nature America, Inc. (E-G) adapted under the Creative Commons
Attribution (CC BY) license from ref. 93.
Fluorescence spectroscopy. As SRM is based on the detection of fluorescence emission,
correlated measurement of the fluorescence spectra stands as a direct way to add a new,
potentially rich dimension of information. Earlier studies on split-channel, ratiometric detection
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methods provided indirect measurements of fluorescence spectra in SMLM.207-208, 258 Zhang et
al.209 recently integrated single-molecule fluorescence spectrum measurement with SMLM to
realize spectrally resolved STORM. A dual-objective system was constructed so that one
objective lens each is, respectively, dedicated to the concurrent positional and spectral
measurements of single molecules from the front and back sides of the sample. For spectral
measurement, the collected fluorescence signal was passed through a prism, thus enabling the
dispersion and recording of the spectra of ~102 single molecules per few-millisecond snapshot in
wide-field (Figure 33AB). With photoswitching, the authors consequently synchronously
obtained both the fluorescence spectra and positions of ~106 single molecules in minutes.
The capability to correlate single-molecule spectra with localizations (and thus SRM images) led
to “true-color” SRM images (Figure 33C), in which the spectrum of every detected molecule, or
the averaged local spectra of different sub-diffraction-limit areas, can be readily obtained (Figure
33D). When applied to multicolor SRM of fixed cells, this led to <1% color misidentification
between four dyes of heavily overlapping emission spectra. Mlodzianoski et al.93 reported a
spectral FPALM system based on a single-objective lens. A beam splitter was employed to
divide the fluorescence collected by the objective into two paths for separate positional and
spectral detections of single molecules (Figure 33E). Although this dividing of signal inevitably
cuts down on the available photons for each light path, the system is simpler in design, places
fewer geometry constraints on the sample, and could, in principle, be compatible with live cells.
By measuring the fluorescence spectra of single PA-FPs and caged dye molecules in fixed cells,
the authors observed apparent single-molecule spectral wandering (Figure 33F) in a substantial
fraction of the molecules. Correlating this spectral information with the super-resolved
localization of each molecule further enabled the mapping of the spectral wandering effects of
single PA-FPs in fixed cells at sub-diffraction resolution (Figure 33G).
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Figure 34: Integrating SRM with fluorescence lifetime measurements. (A) Two-channel STED
image of tubulin and lamin immunostained with ATTO 647N and KK 114, respectively,
decomposed into two channels according to the measured fluorescence lifetime. (B) Twochannel STED imaging of ATTO 647N-labeled giantin (magenta) and Abberior STAR 635Plabeled tubulin (green), with signal separated based on wavelength-dependent fluorescence
lifetime measurement. (A) adapted with permission from ref. 259. Copyright 2011 Optical Society
of America. (B) adapted with permission from ref. 260. Copyright 2016 Nature America, Inc.
Fluorescence lifetime. The lifetime of fluorescence adds another powerful, orthogonal dimension
to SRM.259-262 Fluorescence-lifetime imaging microscopy (FLIM)263 maps out the local
fluorescence decay rate, which is highly sensitive to both the properties of the fluorophore and its
local environments. Bückers et al.259 reported the incorporation of fluorescence lifetime
measurement with STED microscopy of fixed cells, where time traces of the fluorescent signals
were measured by a time-correlated single-photon counting (TCSPC) module. This enabled the
authors to unambiguously discriminate signals from two dyes that are nearly identical in
absorption and emission spectra but substantially different in fluorescence lifetime. Two-color
STED was thus achieved using only one set of excitation and STED lasers (Figure 34A). In a
recent study, Niehorster et al.260 employed two excitation pulse lasers close in wavelength and
one single STED laser to obtain wavelength-dependent fluorescence lifetime data to achieve
two-color STED using two dyes that are similar in both fluorescence spectrum and lifetime
(Figure 34B).
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Figure 35: Correlative SRM and IR spectroscopy of single cells. (A) IR spectra of four live cells
(blue), as well as spectra of these same single cells after fixation with 2% PFA for 6 min (pink),
8% PFA for 12 min (red), with 3.7% PFA after dehydration (black), and with room-temperature
methanol (green). (B) SMLM image of microtubules in the cell fixed after dehydration, showing
significant structural degradation. (C) SMLM image of microtubules in the cell fixed with roomtemperature methanol, showing non-native curvature to the microtubules. Adapted from ref. 264.
Copyright 2015 American Chemical Society.
Infrared (IR) spectroscopy. In contrast to fluorescence spectroscopy and microscopy, IR
spectroscopy provides chemical information of samples without the need for labeling. Recent
advances in synchrotron IR spectroscopy/microscopy have provided valuable insights into the
chemistry of biological cells,265 but the achievable spatial resolution is limited to ~5 μm. Whelan
and Bell264 correlated SMLM and synchrotron FTIR results at the level of single cells. By
carrying out synchrotron FTIR on individual cells before and after chemical fixation, and then
performing immunolabeling and SMLM for the microtubule cytoskeleton of the same individual
cells, the authors compared the efficacy of different fixation methods. Observed spectral changes
in FTIR results and structural changes in SMLM were correlated to suggest varying degrees of
compositional and structural changes caused by different fixation methods (Figure 35).
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Figure 36: Correlative SRM-SIMS. (A) STED image of a resin-embedded section of a neuron
stained for Bassoon, a marker of the presynaptic active zone. Arrowhead indicates a synapse
identified through clustering of Bassoon and other synapse-associated proteins (not shown). (B)
Correlated SIMS image for 15N/14N ratio, revealing a higher value in the synapse region
(arrowhead). (C) SIM image of a fixed C10 cell labeled by CdSe quantum dots. (D) ToFSIMS m/z spectra acquired at two locations mapped to the SIM image, corresponding to inside
(top) and outside (bottom) the cell. Major peaks: glass substrate (1), a phosphatidylethanolamine
(PE) fragment (2), the PE head group (3) and fatty acid C12:0 (4). (A,B) adapted under Creative
Commons Attribution (CC BY) license from ref. 266. (C,D) adapted with permission from ref. 267.
Copyright 2016 The Royal Society of Chemistry.
Mass spectrometry. Mass spectrometry is an invaluable tool for mass-based identification of
isotopes, atomic clusters, and molecules. Recent developments in imaging secondary ion mass
spectrometry (SIMS)268 provide new means for chemical analysis of biological samples at spatial
resolutions of better than ~100 nm, a value more closely matched to SRM than to conventional
light microscopy. In SIMS, a focused primary ion beam scans over the surface of the sample,
causing local ejection of secondary particles, a fraction of which are ionized and identified by
mass spectrometry. This process requires vacuum, and so correlating SIMS with SRM faces
challenges similar to correlative SRM-EM. Saka et al.266demonstrated correlative STED-SIMS
for resin-embedded samples, and employed this technique to study protein turnover in cultured
neurons. Hippocampal neurons were fed with marker molecules that contained the stable isotope
15
N, which was metabolically incorporated over time and so served as a marker for protein
turnover. The cells were fixed, immunostained for organelle markers, dehydrated, and embedded
in resin for sectioning. The sections were sequentially imaged with STED (for immunostained
targets) and SIMS (for 15N and 14N density). Through this approach the authors were able to
compare local protein turnover rates with high-resolution images of cell context markers,
indicating, for example, higher turnover rates at synapses (Figure 36AB). More recently, Hua et
al.267 combined SIM and time-of-flight SIMS (ToF-SIMS) using a vacuum-compatible
microfluidic module they previously developed.269 Mammalian cells were cultured on a silicon
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nitride (SiN) membrane that was enclosed by a PDMS microchannel. The system was
impermeable and thus operable in vacuum. During ToF-SIMS imaging, apertures of ~2 µm
diameter were drilled on the SiN membrane by the primary ion source. These apertures served as
detection windows, but were small enough to avoid dehydration of the sample. As a proof of
principle, the authors performed SIM on fixed cells that were labeled by CdSe quantum dots, and
used the results to guide subsequent local ToF-SIMS analysis (Figure 36CD).
Single-molecule force spectroscopy. Single-molecule force spectroscopy is a powerful tool to
investigate the forces and motions associated with biomolecules270. The integration of SRM with
force spectroscopy techniques may enable researchers to combine spatially well-resolved,
molecularly specific target information with measurements on unique variables such as the
binding and relative motions between different biomolecules and the folding/unfolding energy
landscapes of proteins and nucleic acids. Toward this goal, Heller et al.271-272 demonstrated the
integration of optical tweezers with STED: a bacteriophage λ DNA molecule was tethered
between two optically trapped microspheres, and the binding and diffusion of different proteins
on the DNA molecule were visualized by one-dimensional STED at a spatial resolution of 50 nm
and a temporal resolution of faster than 50 ms. By varying the applied tension to the DNA, they
observed a loss of effective STED resolution at forces below ~5 pN, thus a direct
characterization of the tension-dependent suppression of thermal fluctuations of the DNA
molecule.
6.6 Correlative super-resolution microscopy for non-biological systems
Non-biological, hard materials are generally more robust than soft biological samples. They are
often naturally compatible with vacuum and amenable to a probing tip scanned at the surface.
Consequently, EM and AFM are relatively straightforward for non-biological samples.
Meanwhile, the application of fluorescence microscopy and SRM can be more challenging due
to the need for specific labeling of fluorophores. While in this chapter we have focused on the
biological applications of correlative SRM, we here briefly discuss a few examples where the
correlation between SRM and AFM or SEM has been fruitful in understanding materials
properties and single-molecule reactions in non-biological systems. We focus our discussions on
SRM based on fluorescence microscopy; for SRM of surface-enhanced Raman scattering hot
spots, readers are referred to recent review articles.273-274
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Figure 37: Examples of correlative SRM approaches for non-biological systems. (A, B)
Correlated STED-AFM of graphene on YAG. (A) STED of graphene based on the quenching of
the fluorescence of implanted Pr3+ at the YAG surface. (B) AFM image of the same area. (C-F)
Correlated SMLM and SEM of gold nanowires conjugated to TAMRA-labeled DNA. (C)
Relative frequency histogram and (D) spatial intensity map of the locally detected bursts of
single-molecule fluorescence. (E) SEM image of the same nanowire. (F) Overlay of (D) and (E).
(G-J) Correlative SEM and reaction-based SMLM of single-nanoparticle catalysis. (G) SEM
image of a single catalytic Au@mSiO2 nanorod. (H) Frequency histogram of super-localized
single-molecule reactions on the surface of the same nanorod. Red line: contour of the nanorod
from (G). (I) Dependence of reaction rate, as measured by frequency of bursts of single-molecule
fluorescence, on concentration of the reactant, for different locations along the nanorod as
marked in (H). (J) Catalytic rate constant as a function of distance from the center of the
nanorod, as determined from (I). (K-M) Correlative SMLM and SEM of hole and electron
surface reactions on a single titanium oxide nanorod. (K) Scatter plot (left) and histogram (right)
of hole-induced oxidation of single amplex red molecules. (L) Scatter plot (left) and histogram
(right) of electron-induced reduction of single resazurin molecules. (M) SEM image of the same
nanorod, after site-selective deposition of an oxygen evolution catalyst based on the observed
reaction hotspots in (K) and (L). White outlines in (K) and (L) were determined from (M). (A,B)
adapted from ref. 275. Copyright 2012 American Chemical Society. (C-F) adapted with
permission from ref. 276. Copyright 2013 The Royal Society of Chemistry. (G-J) adapted with
permission from ref. 277. Copyright 2012 Macmillan Publishers, Ltd. (K-M) adapted with
permission from ref. 278. Copyright 2016 Macmillan Publishers, Ltd.
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Stöhr et al.275 correlated STED with AFM to demonstrate the feasibility of SRM visualization of
the microscopic structure of graphene sheets. Fluorescent praseodymium ions were implanted
into the surface of an ultrapure YAG (yttrium aluminum garnet) substrate, and graphene was
deposited on top. Graphene locally quenched praseodymium fluorescence, and so gave rise to
negative image contrast, an approach known as fluorescence quenching microscopy.17-18, 279 By
implementing STED, the authors achieved ~30 nm resolution for graphene sheets/flakes (Figure
37A), a result validated by correlated AFM images (Figure 37B).
Blythe et al.276 correlated GSDIM with SEM to study interactions between gold nanowires and
fluorophore-labeled ligands. By functionalizing gold nanowires with double-stranded DNA
carrying TAMRA dye labels, the authors achieved GSDIM images that reproduced the size and
shape of the nanowire structures, as confirmed through correlated SEM images. Interestingly,
they also observed site-specific emission in a fraction of the nanowires, i.e., that the probability
of bursts of single-molecule fluorescence was higher at certain locations along the nanowires
(Figure 37CD). Through correlation with SEM, the authors found that some of these emission
sites corresponded to local defects, e.g., attached nanoparticles (Figure 37EF). In later studies280282
they further correlated similar SRM results on the smaller gold nanorods with AFM, and
found the obtained SRM images to be smaller in dimension than that of the nanorods as
determined from AFM, indicative of nonuniform fluorophore labeling across the nanorod
surfaces.
Single-nanoparticle catalysis represents another realm where correlative SRM has demonstrated
great potential. Zhou et al.277 studied a nanoparticle-catalyzed reaction283 that produced a
fluorescent product, resorufin. Single resorufin molecules were super-localized as they were
generated at the nanoparticle surface, thus enabling SMLM-type SRM of the spatial distribution
of catalytic reaction rates. By correlating this information with SEM images of the nanoparticles,
in this case silica shelled-gold nanorods, spatial reactivity patterns of single nanorods were
generated (Figure 37GH), revealing, for example, that the catalytic rate of a particular nanorod
was higher on the two ends than in the middle (Figure 37IJ). In later work by the same research
lab, Andoy et al.284 used similar strategies to study catalytic reactions at the surface of 2D
nanocrystals, including triangular and hexagonal gold nanoplates, and Zhou et al.285 followed up
by developing a scalable method to analyze large numbers of catalyst particles of arbitrary
shapes through correlating reactivity SMLM and SEM. Recently, Sambur et al.278 applied
catalytic-reaction SMLM to investigate surface heterogeneity of nanostructured photoanodes
made of titanium oxide. By using two reactants that can generate resorufin through either
titanium-oxide catalyzed oxidation or reduction reactions, they achieved SMLM-type SRM for
both hole and electron activities on single nanorods at 30 nm resolution (Figure 37KL).
Subsequent site-selective deposition of an oxygen evolution catalyst based on this information,
as confirmed through correlated SEM (Figure 37M), showed improved oxygen splitting
efficiency over bare nanorods.
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6.7 Outlook
By all measures, correlative SRM is a new and fast-growing field of research with many possible
future directions. While numerous advanced microscopy methods not discussed above, e.g.,
coherent Raman scattering microscopy,286-287 X-Ray microscopy,288-289 and second-harmonic
imaging microscopy,290 to name just a few, may all benefit from correlative approaches with
SRM, we focus our discussion of possible future research directions on areas where correlative
SRM has been demonstrated, so that current limits, as well as possible future improvements and
advances (either incremental or fundamental), can be better defined.
6.7.1 sCLEM
Further development of fixation- and embedding-resistant fluorophores and epitopes. As
discussed above, a recent study reported promising results on two PA-FP variants that are more
tolerant to the harsh EM sample processing steps, thus facilitating sCLEM implementation.238
However, further improvement is still needed for better preservation of the photoconverted
fluorescence. Moreover, both variants are based on the same EosFP, which photoconverts from a
green state to a red state in PALM, thus occupying both green and red fluorescence channels and
making multi-color imaging difficult. Similarly, two recent studies on embedding dye-labeled
samples reported on two far-red dyes, Alexa Fluor 647 and the silicon-containing rhodamine
derivative SiR, that are comparable in emission spectrum.234, 240 It would be helpful for future
studies to identify additional fix-resistant, SRM-suitable FPs and dyes of different colors to
facilitate multi-color sCLEM. Meanwhile, recent work on genetically encodable, highly
antigenic “spaghetti monster” fluorescent proteins (smFPs) reported good survival of epitopes
for immunogold labeling in heavily fixed/stained, embedded sections.291 Immunofluorescence
labeling of smFP-tagged, embedded sections with SRM-suitable dyes may therefore also
facilitate sCLEM for heavily fixed and embedded samples.
Dual-contrast agents as correlative probes for sCLEM. Current sCLEM approaches have relied
on highly dissimilar contrast agents for SRM and EM. SRM uses fluorescent proteins or dyes to
tag specific targets, whereas EM often employs electron-dense heavy metals to non-specifically
stain lipids or proteins. Recent advances have demonstrated promising new strategies to achieve
target-specific contrast in both light microscopy and EM, hence dual-contrast agents for CLEM
of the same targets.172, 292 Although secondary antibodies conjugated to quantum dots or gold
nanoclusters provide one possible route, the large size of the conjugates hinders epitope
accessibility.172, 292 An innovative solution involves the incorporation of diaminobenzidine
(DAB), the substrate of a polymerization reaction mediated by peroxidase and singlet oxygen
produced during illumination of fluorescent labels.293-295When oxidized, DAB forms a local
insoluble polymer that can sequester osmium tetroxide for EM contrast. Thus, a fluorescent
molecule, in the presence of DAB and subsequently osmium tetroxide, can also serve as an EM
label. Several genetic fluorescence tags that oxidize DAB have been developed, including
GFP,295 tetracysteine/ReAsH,296 and miniSOG/FMN.297 In particular, miniSOG is substantially
smaller than typical FPs, has low toxicity, and produces strong EM contrast. However, miniSOG
gives relatively weak fluorescence,292 and it is unclear if it would be suitable for SRM on its
own. The recent development of APEX,298-299 a genetically encodable, engineered ascorbate
peroxidase that catalyzes the oxidative polymerization of DAB provides another means to
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achieves target-specific EM contrast. Although APEX is not fluorescent per se, tandem
constructs of APEX and FPs enabled CLEM of the same cellular targets.298 Tandem constructs
of SRM-suitable FPs and APEX or miniSOG may thus enable target-specific dual-contrast
sCLEM. The recent report300 that tetramethylrhodamine (TMR), a fluorescent dye compatible
with SRM imaging,208, 301 can photooxidize DAB for EM contrast also points to a viable
direction for dual-contrast sCLEM.
Correlating EM with live-cell SRM. One powerful approach in CLEM has been to first perform
live-cell light microscopy to monitor the dynamics of the cell, and then fix the cell in situ for EM
observation of ultrastructure.140, 173, 302-303 This approach is particularly helpful in linking
structure to function for cellular structures characterized by fast dynamics. For example, the
leading edges of migrating cells remodel on a time scale of seconds. Recording a lightmicroscopy movie of the live cells before fixation is instrumental in identifying if a particular
part of the cell edge has been in the protruding, retracting, or stationary stage to correlate with
the fixed-cell cytoskeleton ultrastructure obtained through EM.140, 302 To date, sCLEM has been
limited to SRM of fixed samples. Although SRM of live samples is more challenging, recent
advances have overcome many of the difficulties in terms of both sample labeling and achievable
spatiotemporal resolution.304-307 It is thus quite feasible, and likely beneficial, to sequentially
combine live-cell SRM with EM to add in the temporal dimension for correlating ultrastructure
to dynamics and function.
Integrated sCLEM. One general impediment to correlative microscopy has been the need to
sequentially work on different microscopy modalities, which, besides being time-consuming,
often leads to difficulties in retrieving the same region of interest, as well as potential sample
damage in transferring between setups. Integrated systems, in which different modalities are
combined into one system, help overcome these issues. While it is relatively straightforward to
integrate SRM with other optical methods and AFM, it is much more arduous to integrate light
microscopy and EM due to their highly disparate imaging environments. Recent years have
witnessed the rise of integrated CLEM systems.175, 308 To accommodate vacuum, most of these
systems are based on long working distance, non-immersion objective lenses with low numerical
aperture, unfavorable for high-resolution light microscopy. Using vacuum-compatible immersion
oil, recent work demonstrated the integration of high-numerical aperture (1.4) light microscopy
with SEM.309-310 Still, as the entire system is enclosed in vacuum, the sample needs to be in the
dehydrated state, not suitable for typical SRM. Micro-fabricated liquid enclosures enable direct
EM of hydrated samples,146, 151, 311 and thus are powerful for integrated CLEM in the hydrated
state.312 However, the need to enclose the sample between a suspended EM viewing window and
an opposing optical viewing window for light microscopy makes it difficult to work with indexmatching, oil-immersion objective lenses.313 The recent emergence of graphene as an ultrathin
barrier material for EM of hydrated cells163, 241, 314 provides new opportunities to overcome this
difficulty for integrated sCLEM.
Correlative SRM with other EM-related methods. Overcoming the hurdles of sCLEM can also
benefit future efforts towards correlative SRM with other related methods operated under similar
conditions. For example, the feasibility of correlative light microscopy-scanning ion microscopy
of fixed, adherent mammalian cells has been recently demonstrated.315 In scanning ion
microscopy, a focused ion (e.g., gallium) beam is scanned across the sample surface to extract
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secondary electrons and generate electron micrographs. The vacuum operating condition and the
achieved resolution are both similar to that of SEM, but for correlation with fluorescence
microscopy, it was shown that the scanning ion microscopy does not destroy fluorescence signal
as EM often does, so that fluorescence microscopy can be performed after scanning ion
microscopy,315 a feature potentially useful for correlation with SRM. As another example,
energy-dispersive X-ray spectroscopy (EDS or EDX) is a common modality in EM. In this
method, the characteristic X-rays of different elements are detected as the sample is bombarded
by the electron beam in EM, thus a means to provide point-by-point mapping of local element
concentration. Recent work has demonstrated nanoscale EDS elemental mapping for human
cardiovascular tissues undergoing calcification.316 Combining this elemental analysis capability
with protein specificity from SRM could reveal a wealth of information on nanoscale physiology
and pathology.
6.7.2 Correlative SRM and AFM
Concurrent SRM-AFM. As discussed above, although the integration of an AFM head with an
SRM setup is relatively straightforward, actual correlative imaging is usually carried out
sequentially rather than simultaneously. This is not ideal, especially considering the recently
demonstrated feasibility of correlative SRM-AFM imaging of live cells:253 concurrent imaging of
the two modalities would be critical here to correlate the observed ultrastructure and cell
physiology. To achieve this goal, efforts are required to damp the vibration coupled from the oilimmersion objective lens, while the laser signal interference between the two modalities needs to
be addressed by selecting proper wavelengths and optical filters. Integration of the AFM and
SRM data acquisition software represents another engineering challenge.253, 317
Correlating SRM with high-speed AFM. Traditional AFM is characterized by long image
acquisition time, often on the order of minutes. Although this time scale is comparable to that of
typical SRM approaches, recent work has demonstrated fast SRM image acquisition in live cells
at second and sub-second time scales,213-217 thus raising the exciting new possibility and
challenge to achieve correlative SRM-AFM at similar speeds. The rise of high-speed AFM (HSAFM) over the past two decades318-321 fits this need. Through specialized cantilever probes and
scanning/feedback systems, HS-AFM achieves sub-second and sub-100-ms temporal resolutions
with an excellent spatial resolution for biomolecules and cell surfaces, to the point that the
walking of a single myosin V molecule on an actin filament can be monitored in real time.322
Remarkably, the integration of HS-AFM with TIRFM has been demonstrated in recent work,323
where the motion of a single Cy3-tagged chitinase A molecule on a chitin microfibril was
simultaneously imaged by both modalities, thus paving the foundations to correlating HS-AFM
with SMLM-type SRM methods.
6.8 Concluding remarks
In conclusion, as advances in SRM continue to expand the capabilities of light microscopy,
extensive opportunities and challenges arise regarding the effective correlation of these new
possibilities with existing and emerging techniques to attain multi-dimensional, holistic
information about the target. Far from being a simple extension of traditional correlative
microscopy, correlative SRM overcomes multiple layers of technical difficulties to resolve the
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standing resolution disparity between light microscopy and higher resolution methods,
meanwhile adding new dimensions to the already powerful arsenal of SRM methods. We foresee
great opportunities for the continued development of correlative SRM approaches, as well as
their application to demanding questions in both biological and non-biological systems.
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Part IV: Super-resolution microscopy applied to biology
In this final section, I move past method development into concrete applications of the
methods developed in the previous sections. I first show that super-resolution microscopy can be
leveraged to learn more about biological structures that are smaller than the diffraction limit of
light, and thus out of reach of conventional optical microscopies. Specifically, first I utilize
point-localization based super-resolution microscopy to reveal the detailed organization of the
critical components of meiotic chromosome axes in C. elegans tissue. I then expand on the same
methodology to shed light on a biological mystery in the field of meiosis, demonstrating that the
phenomena of crossover-interference and crossover regulation are structurally mediated.
I further show another unique feature of meiotic nuclei in C. elegans – the arrangement of
their nuclear pore complexes. I demonstrate that nuclear pore complexes in meiotic nuclei have a
periodic triangular lattice arrangement, but nuclear pore complexes in analagous somatic cells
have a disorganized, aperiodic arrangement. Through knockout experiments, I show that these
structural differences are mediated by a meiosis-specific kinase, and that they help to regulate
meiotic progression in C. elegans.
I conclude with a discovery of a novel structure in the nuclei of breast cancer-like cells –
tube shaped tunnels not commonly seen in other cell types. In collaboration with Manfred Auer
and Mina Bissell, I combine super-resolution microscopy with a variety of electron microscopies
to show the existence and biological relevance of these tunnels. Overall, I hope to show that
super-resolution techniques are not solely methods devoid of practical application, but instead
that they can readily be applied to learn new biology in spatiotemporal domains that were
previously inaccessible.
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Chapter 7: Super-resolution microscopy reveals the three-dimensional organization of meiotic
chromosome axes in intact Caenorhabditis elegans tissue
When cells enter meiosis, their chromosomes reorganize as linear arrays of chromatin
loops anchored to a central axis. Meiotic chromosome axes form a platform for the assembly of
the synaptonemal complex (SC), and play central roles in other meiotic processes, including
homologous pairing, recombination, and chromosome segregation. However, little is known
about the three-dimensional organization of components within the axes, which include cohesin
complexes and additional meiosis-specific proteins. Here we investigate the molecular
organization of meiotic chromosome axes in C. elegans through STORM and PALM superresolution imaging of intact germline tissue. By tagging one axis protein (HIM-3) with a
photoconvertible fluorescent protein, we established a spatial reference for other components,
which were localized using antibodies against epitope tags inserted by CRISPR/Cas9 genome
editing. Using three-dimensional averaging, we determined the position in three dimensions of
all known components within synapsed chromosome axes to high spatial precision. We find that
meiosis-specific HORMA domain proteins span a gap between cohesin complexes and the
central region of the SC, consistent with their essential roles in SC assembly. Our data further
suggest that the two different meiotic cohesin complexes are distinctly arranged within the axes:
Cohesin complexes containing COH-3 or -4 kleisins form a central core in the central plane of
the axes, whereas complexes containing REC-8 kleisin protrude above and below the plane
defined by the SC. This splayed organization may help to explain the role of the chromosome
axes in promoting inter-homolog repair of meiotic double strand breaks by inhibiting inter-sister
repair.
7.1 Introduction
During meiosis, chromosomes undergo dramatic remodeling to enable homolog pairing,
recombination, and segregation. A hallmark of meiotic entry is the reorganization of meiotic
chromosomes into linear arrays of chromatin loops anchored to a central axis. The mechanism of
this remodeling is not understood, but it involves replacement of canonical cohesin complexes
with variant complexes containing meiosis-specific subunits. In addition to cohesins, other
meiosis-specific proteins are recruited to chromosome axes and are required for their roles in
synapsis and meiotic regulation 325-326. While axis components have been identified and their
interactions analyzed in various model organisms, their physical organization is poorly
understood.
Chromosome axes form an essential substrate for the assembly of the synaptonemal complex
(SC), which bridges the axes of paired homologs. In addition to their structural roles in
reorganizing meiotic chromosomes and templating SC formation, axis proteins play a central
role in meiotic chromosome dynamics: Axis assembly is required for homolog recognition as
well as homolog-specific synapsis 327-328. Furthermore, chromosome axes are required for double
strand break (DSB) formation 329-330 and are thought to regulate the processing of DSBs as they
undergo recombinational repair. Specifically, axis structure and/or activities recruited by axis
proteins inhibit the use of the sister chromatid as a template for homologous recombination,
thereby promoting inter-homolog repair, which is essential for chiasma formation and proper
homolog segregation 328, 331-334. The axis also recruits components of the DNA damage response
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pathway, which likely regulate both the abundance of breaks and the choice of recombination
pathways 335-336.
In C. elegans, four meiosis-specific HORMA domain proteins (HTP-1, HTP-2, HTP-3
and HIM-3) localize to the axis, where they play distinct roles 328-329, 337-338. Biochemical,
structural and genetic evidence has revealed that these HORMA domain proteins form a
hierarchical complex. HTP-3 recruits HTP-1, HTP-2, and HIM-3 through interactions of their
respective HORMA domains with cognate closure motifs in the C-terminal tail of HTP-3 339.
However, how HTP-3 is recruited to the axis, and how these meiotic HORMA domain proteins
interact with cohesins is still unclear. Axis association of some meiotic cohesins and HTP-3 are
partially interdependent, indicating that these components might interact 329, 338, 340. Studies in
other organisms have shown that an interdependence between HORMA domain proteins and
cohesin complexes is conserved among metazoans 341-342.
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Figure 38: PALM and STORM localization microscopy of intact C. elegans gonads yields highly
reproducible distance measurements. (A) Chromosome axes (magenta) linearize homologous
chromosomes (gray) and provide the platform for SC (black ladder) assembly. The cartoon
depicts synapsed chromosomes in frontal xy-view (top), and in a cross-sectional xz-view
(bottom). (B) Conventional immunofluorescence microscopy cannot resolve paired chromosome
axes stained for HIM-3. Scale bar is 5 µm. (C) Schematic illustrating how data were collected
from C. elegans gonads (10 µm scale bar). Tissue was pressed against a coverslip, and the nuclei
closest to the coverslip were illuminated for STORM/PALM imaging. (D) Paired axes are
readily resolved by 3D-STORM of HIM-3. Colors in 3D-STORM images indicate localization
along the optical axis, with red being closest to the coverslip and violet at the most distant
position (color scale bar, white scale bar in xy is 1 µm). (E, F) To determine the localization of
HIM-3, multiple individual stretches in frontal view were aligned to generate an averaged 3DSTORM image. Color denotes the position in z ranging from -100 to 100 nm as shown by the
color scale bar in (G). Scale bar in (F) is 100 nm. (G) Using optical astigmatism we determined
the localization of HIM-3 in three dimensions, which can be visualized in a cross-sectional view
of the chromosome axes. (H) The localization of HIM-3 determined by immunofluorescence
with STORM (green) is indistinguishable from its localization based on PALM images of
endogenously tagged mEos2-HIM-3 (magenta). (I) The distance between HIM-3 and the center
of the SC was determined by fitting two normal Gaussian distributions to histograms of
localization events in frontal view. HIM-3 localization is highly reproducible in independent
STORM experiments from two different days (green spheres and cyan squares) and PALM
experiments (mEos2 - dark purple diamonds and mMaple3-HIM-3, HIM-1-intHA - magenta
asterisks). Bars at the bottom of the graph represent the localizations of HIM-3 in different
experiments with their respective standard deviations determined by bootstrapping. (J) The
histogram of localization events in z reveals a well-defined localization pattern of HIM-3 across
the chromosome axis, which is highly reproducible. Bars at the bottom of the graph represent
widths at half maximum.
Axial elements were described in early electron micrographs as electron-dense regions flanking
the ladder-like central region of the SC, which is transversely striated and spans ~100 nm (Figure
38A, top) 343. However, recent evidence has indicated that the central region proteins alone can
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self-assemble into structures known as polycomplexes, which display both transversely striated
and longitudinal electron-dense components 344. This indicates that the electron-dense elements
that flank the SC may not correspond to assemblies of axis proteins, although some axis proteins
appear to localize at or near these structures 345. While recent work has illuminated some
structural details of axis proteins and their interactions 339, 345-347, the overall organization of the
chromosome axis remains largely undetermined.
Super-resolution microscopy has emerged as a powerful tool to bridge the resolving capabilities
of conventional fluorescence and electron microscopy 348-349. While the molecular organization
of the chromosome axes cannot be resolved by diffraction-limited fluorescence methods, we
have found that ultrastructural features of the axes can be probed by STORM (STochastic
Optical Reconstruction Microscopy) and PALM (Photo-Activated Localization Microscopy)
super-resolution methods 115-118, 350. Because the architecture of meiotic chromosomes is highly
regular and reproducible, we could combine these localization techniques with averaging
methods 351-353 to attain a high-resolution molecular map of the chromosome axes to fewnanometer precision. Taking advantage of the well-characterized progression of meiosis within
the germline of C. elegans, we determined the three-dimensional organization of synapsed axes
in nuclei in intact germline tissue using a combination of STORM and PALM techniques. We
use both specific antibodies and epitope tags inserted by CRISPR/Cas9-based genome editing to
determine positions for all known proteins of the chromosome axis, in some cases tagged at
multiple sites. We map the position of these epitopes with respect to an internal reference to
reconstruct a detailed three-dimensional model of the synapsed chromosome axis. The structure
that emerges from our data is fully consistent with known interactions among the constituent
proteins. In particular, we find that meiosis-specific HORMA domain proteins bridge the
distance between cohesin complexes and the central region of the SC. Additionally, we detect
intriguing differences between the conformation of distinct meiotic cohesin complexes, and
provide evidence that complexes containing REC-8 protrude above and below the plane of each
chromosome axis, suggesting how the axis may contribute to preventing recombination between
sister chromatids.
7.2 Results
7.2.1 3D-STORM in intact tissue
During the pachytene stage of meiotic prophase, homologous chromosome axes are held
parallel by the synaptonemal complex (SC), which assembles between them. The SC has a width
of about 100 nm in most species, and thus paired axes cannot usually be resolved by
conventional fluorescence microscopy (Figure 38B). While optical techniques such as structured
illumination microscopy can resolve paired axes 354-357, higher resolution is required to determine
the positions of individual proteins within the axes. We thus turned to super-resolution
microscopy techniques based on the localization of single molecules82, 92, 115-118, 179, 350 which
have resolved the positions of individual fluorophores at a resolution approaching 10 nm in plane
(xy) and 20 nm in the axial (z) direction. This class of techniques was introduced as STORM 115
for dye-labeled samples and PALM 116-117 for samples tagged by fluorescent proteins. Although
STORM/PALM is more typically applied to thin samples, in this study we worked with intact C.
elegans gonads extruded from adult animals 358. By adjusting the illumination angle to be
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slightly smaller than the critical angle of the glass-water interface 359-360, we imaged several
micrometers into the whole-mount samples. This enabled us to take advantage of the information
about the meiotic stages of individual cells based on their position within this tissue, and to
minimize potential artifacts arising from spreading or other sample preparation methods 361.
Because paired axes are held at a precise distance from each other by the synaptonemal complex,
we were able to localize proteins within these structures at significantly higher precision by
analyzing the distributions of positions measured by STORM/PALM.
We first performed 3D-STORM on the axial HORMA domain protein HIM-3, detected
with polyclonal antibodies raised against its C-terminus362 and secondary antibodies conjugated
to AlexaFluor 647. Intact gonads were extruded from adult hermaphrodites and sandwiched
between a coverslip and a microscope slide in a small volume of imaging buffer, so that the
tissue surface was apposed to the coverslip (see Methods). In most C. elegans meiocytes, the
chromosomes are confined to a shell near the nuclear envelope, as the center of each nucleus is
occupied by a large nucleolus. Thus, we were able to visualize chromosomes lying near the basal
surface of these nuclei (adjacent to the sheath that surrounds the germline tissue). (Figure 38C).
We could readily resolve two parallel bands of HIM-3 staining separated by approximately 100
nm (Figure 38D). We found that in these images, synapsed chromosomes were predominantly
oriented in frontal view, with the parallel axes lying at the same depth within the sample. This
preferential orientation of paired chromosomes is likely due to their spatial confinement between
the nucleolus and nuclear envelope. Nevertheless, some chromosome regions were oriented such
that the plane of the SC was not parallel to the xy imaging plane. We excluded such regions from
our analysis of protein organization within the axes, and used only regions observed in frontal
view (xy-view, Figure 38A top panel). Using optical astigmatism 118, individual proteins within
these axial structures could be localized to a resolution of ~20 nm in xy and ~50 nm in z, as
estimated from the width of Gaussian profiles of single emitters.
7.2.2 Averaging over many samples increases the precision of super-resolution data
To determine the position of HIM-3 within paired, synapsed axes, we generated averaged images
of localization events from multiple chromosome regions in frontal view (Figure 38E,F). We fit
the histograms of these localization events to two normalized, symmetrical Gaussian
distributions (Figure 38I). Using this approach 351-353, we determined the average position of
components in the synapsed axes with a precision of a few nm, which we determine by
calculating the standard deviation using a bootstrapping approach (see methods). Based on this
analysis, the center of each band of HIM-3 staining was localized to be 48.4±1.6 nm from the
midline of the SC, a value that showed remarkably little variance between samples prepared
independently on different days (green and cyan lines in Figure 38I). In electron micrographs,
the central region of the SC in C. elegans spans about 96-97 nm 344, 363, Thus, the distance
between the edge of this structure and its midline is 48 nm, and HIM-3 therefore localizes at or
very close to this edge. This is consistent with evidence that HIM-3 is essential for SC assembly
between chromosomes 332, 364, and suggests that it may directly interact with central region
proteins.
Using optical astigmatism 118 (see methods), we also determined the distribution of HIM-3 along
the optical axis (z), i.e. perpendicular to the plane of the SC (Figure 38A bottom panel). In these
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cross-sections (xz view) the distribution of HIM-3 in z within each axis was normal (Figure
38G), with a half width at half maximum (HWHM) of 32±3 nm (Figure 38J), which is
comparable to its HWHM in xy of 29±1 nm. This indicates that HIM-3 is confined to a narrow
plane in the center of the synapsed chromosome axes.
7.2.3 Internal quality control by sequential STORM and PALM imaging
Because the orientation of parallel HIM-3 bands provides a robust, highly reproducible reference
for the orientation of the SC, we used it as an internal standard in double-labeling experiments to
define the organization of other axis proteins. Multicolor STORM in thick samples is challenging
due to the high background and poor photoswitching performance of dyes outside of a narrow
spectral regime92. We therefore engineered photo-switchable fusion proteins to localize HIM-3
using mEos2 365 and mMaple3 366. The fluorescent tags were inserted at the 5’ end of the
endogenous him-3 coding sequence using CRISPR/Cas9 genome editing methods. The resulting
N-terminal fusion proteins were fully functional, based on an absence of meiotic defects in
worms expressing the fusion proteins in lieu of untagged HIM-3.
Using 3D-PALM, we determined the position of mEos2-HIM-3 to a resolution of 40 nm in xy,
which is lower than the resolution in STORM due to the limited photon yield from
photoswitchable fluorescent proteins92 (Figure 38H,I). The separation of mEos2-HIM-3 and
mMaple-3-HIM-3 from the SC midline were 49.4±2.3 nm and 50.2±1.8 nm (mMaple-3-HIM-3;
HIM-1-intHA, see below), respectively (Figure 38I), virtually identical to the distance
determined by 3D-STORM using immunofluorescence. While most of our experiments were
performed with mEos2-HIM-3, we note that mMaple3-HIM-3 has slightly superior
photochemical properties. Moreover, its faster maturation time of about 30 min allowed imaging
in earlier stages in meiotic prophase compared to mEos2, which restricted our observations to
mid/late pachytene due to its maturation time of several hours 366. Nevertheless, the highly
reproducible localization of HIM-3 across many samples and with both imaging methods
provides evidence that the structure of the axes is not easily distorted during dissection, fixation,
or mounting of intact gonad tissue for single-molecule imaging. As the spatial resolution of
PALM was lower than that of STORM, we used STORM to analyze the localization of other
axial components in whole gonads from worms expressing photoconvertible mEos2-HIM-3 or
mMaple3-HIM-3, and used PALM images from the same field of view for structural alignment
and quality control to assure constant localization of the reference protein HIM-3 in all
experiments.
7.2.4 Organization of meiosis-specific HORMA domain proteins within the chromosome axis
HTP-3 is the largest of four meiotic HORMA domain proteins expressed in C. elegans. It
is recruited to the axis independently of HTP-1/2 and HIM-3 329, 338-339, which are recruited to the
axis through binding of their HORMA domains to “closure motifs”, short peptide sequences
within the long tail of HTP-3 (Figure 39A). This direct physical interaction indicates that all four
HORMA domain proteins should be in close proximity within the chromosome axis. To test this
hypothesis, we used STORM to map the positions of HTP-3 and HTP-1. Using a GFP antibody
against a fully functional, C-terminally tagged HTP-3-GFP fusion protein (htp-3(tm3655) I; ieSi6
II) 339, we detected two strands of HTP-3 at 54.7±2.1 nm off-center in frontal view, placing this
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epitope 6 nm farther from the center of the SC than HIM-3 (Figure 39B top, E). Additionally,
HTP-3-GFP was more broadly distributed along the z-axis, with a HWHM of 58±9 nm (Figure
39B bottom, F). This broad distribution in z may reflect flexibility of the C-terminus of HTP-3,
which spans almost 500 amino acids and has no predicted structured domains. Interestingly,
HIM-3, which binds to motifs in the middle of the long tail of HTP-3 339, is constrained to the
central plane of the axes. Given the known interaction of HIM-3 and the C-terminal tail of HTP3, we wondered whether the distinct localization patterns of HIM-3 and HTP-3 might be caused
by the insertion of epitope tags and/or use of antibodies. Alternatively, the long and presumably
unstructured C-terminal tail of HTP-3 might be specifically oriented within the chromosome
axes. If so, we expected that the extreme N-terminus might be resolved from the C-terminus of
HTP-3 and the position of the HIM-3-binding closure motifs in the center of its C-terminal tail.
To test this hypothesis, we measured the position of the N-terminus of HTP-3 using a worm
strain expressing 3xFlag-HTP-3-GFP inserted via MosSCI 367 (htp-3(tm3655) I; ieSi62 II). This
N-terminal epitope was located at 60.4±1.8 nm from the SC midline in x, and in the center of
chromosome axes, with a HWHM of 40±2 nm in z (Figure 39C,E,F). Thus, HTP-3 is oriented
diagonally within the chromosome axes relative to the plane of the SC, such that its C-terminus,
which lies close to the central region, is widely distributed in z, while the HORMA domain at its
N-terminus is pointing away from the SC, and is confined to a narrow plane near the center of
the SC (Figure 39A).
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Figure 39: Localization of meiosis specific HORMA domain proteins in the chromosome axes.
The positions of individual HORMA proteins within the axis, as determined by 3D-STORM
(colored lines in coordinate system), is consistent with the binding interactions among these
proteins, as previously determined by in vitro and in vivo analysis (16). (B-F) The C-terminus of
HTP-3-GFP (B, cyan asterisks) localizes more proximally than the N-terminus (C, green
spheres), and shows a broader distribution in z, based on STORM images obtained in frontal
view. HTP-1 (D, magenta squares) localizes closer to the C-terminus than the N-terminus of
HTP-3, consistent with its binding to motifs in the C-terminal tail, but it shows a much narrower
spatial distribution along the optical axis than a C-terminal GFP tag (top). The white scale bar is
100 nm and color scale bar ranges from -100 to 100 nm in z. (E, F) Distances were determined
by fitting the distribution of localization events to double Gaussian distributions in x (E) and
single Gaussians in z (F). HIM-3 (purple dashed line) is shown as a reference. The distributions
are also represented as bars below the density profiles. Results for positions±s.d. in x and
HWHMs in z are summarized at the bottom of the graphs (see also Figure 42A).
The HORMA domain proteins HTP-1 and -2 are closely related paralogs arising from a
recent gene duplication event. They share 83% sequence identity and are both recognized by a
polyclonal antibody raised against HTP-1 328. HTP-2 is not essential for proper execution of
meiosis, but appears to overlap in function with HTP-1 332. We therefore refer to this pair of
paralogs as HTP-1/2. In vitro and in vivo experiments have demonstrated that HTP-1/2 are
recruited to the chromosome axes through their interaction with closure motifs within the long
tail of HTP-3 and at the extreme C-terminus of HIM-3 339. Our aligned and averaged data
confirm that HTP-1/2 localize to the chromosome axes at 57.3±1.6 nm off-center (Figure 39D
top, E). In frontal view, HTP-1/2 are thus between the N- and C-terminus of HTP-3, which is
consistent with the interaction of HTP-1/2 HORMA domain with closure motifs in the center of
the tail of HTP-3. HTP-1/2 are narrowly distributed across the axes in cross-sectional view, with
a HWHM of 33±2 nm, similar to both HIM-3 and the N-terminus of HTP-3 (Figure 39D bottom,
F). Thus, we observe distinct but similar localizations for each of the HORMA domain proteins
94

within synapsed chromosome axes, in both frontal and cross-sectional views, which are fully
consistent with their direct physical interactions in vitro and in vivo (Figure 39A).
7.2.5 Organization of cohesins within the chromosome axis
While HORMA domain proteins play essential roles at chromosome axes in diverse
phyla, they are not found in all clades. However, meiotic cohesins are required for axis function
in all known species, and therefore likely govern their essential structure and functions, including
the recruitment of HORMA domain proteins to the axis 329, 338, 368-369. Therefore, we wondered
whether STORM might illuminate how cohesin complexes are organized within the axes.
Electron microscopy and crystallographic analysis have indicated that cohesins form a tripartite
ring structure through the interactions of two large coiled-coil Structural Maintenance of
Chromosome (SMC) proteins, known as SMC-1/HIM-1 and SMC-3 in C. elegans 370-373. Each of
these proteins folds back on itself at its “hinge” domain to form an intramolecular superhelical
coiled-coil, bringing together its N- and C-termini to form an ATPase domain, often called the
“head”. The two SMC subunits form heterodimers through interactions at both their hinge and
head domains. In addition, an essential “kleisin” subunit is thought to connect the head of one of
the SMC proteins with the coiled-coil domain of the other (Figure 40A). Proteolytic cleavage of
the kleisin protein mediates release of cohesion during both mitosis and meiosis 374-376. In C.
elegans, there are three meiosis-specific kleisins: REC-8, COH-3, and COH-4 338, 340. COH-3 and
COH-4 are highly similar and functionally interchangeable, but at least one of these proteins is
required for proper axis function, as is REC-8.
Biochemical and structural analysis of the mitotic cohesin complex show that the SMC-1
and SMC-3 head domains and the C-terminus of the kleisin subunit form a tight complex 373, 377.
Consistent with this, epitope tags that we introduced at the C-termini of REC-8 (REC-8-3xFlag),
SMC-1 (SMC-1-3xFlag) and SMC-3 (SMC-3-HA) were localized in close proximity to each
other at 68.5±1.5 nm, 69.6±3.2 nm and 70.1±2.6 nm off-center, respectively, in frontal view.
They also showed similar distributions along the optical axis, with HWHM values of 59±4 nm,
65±4 nm and 49±7 nm, respectively (Figure 40B-D,G,H). We therefore conclude that cohesin
complexes in the synapsed chromosome axes are likely in a closed ring conformation, as
predicted from the crystal structures. We next asked whether cohesin ring complexes, with an
estimated diameter of 65 nm based on EM 370, have a specific orientation within synapsed
chromosome axes. To this end we inserted an HA epitope tag into a poorly conserved loop in the
hinge domain of SMC-1. This tagged protein supported the development and fertility of C.
elegans, although we did observe a slight decrease in egg viability and an increase in male selfprogeny from homozygous mutant animals, indicative of compromised function in mitosis and/or
meiosis. Nevertheless, the localization of HIM-3 was unaffected, suggesting a largely normal
axis structure (Figure 38I, mMaple-HIM-3). In frontal view, the hinge domain is localized
82.5±3.2 nm off-center (Figure 40E top, G) and is thus separated by only 13 nm from the head
domains. In cross-sectional view, the cohesin hinge domain is localized to a narrow plane in the
center of the chromosome axes with a HWHM of only 37±3 nm (Figure 40E bottom, H). In a
crystal structure of the yeast cohesin complex 371, the N-terminal domain of the kleisin subunit
REC-8 interacts with the coiled-coil domain of SMC-3. Thus, we expected that the N-terminus
of REC-8 should be closer to the hinge domain than other components of the cohesin head
(Figure 40A). Indeed, the HWHM of localization events for an antibody recognizing aa 171-270
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at the N-terminus of REC-8362 in z is 37±5 nm. This is narrower than for other components in the
cohesin head domain, and in frontal view it is located between head and hinge domain at
74.9±2.4 nm from the midline of the SC (Figure 40F-H). This suggests that REC-8 cohesins are
oriented diagonally within the chromosome axis, with their hinge domains more distal relative to
the SC, and the head domains extending towards the HORMA domain proteins and the central
region of the SC.

Figure 40: REC-8 cohesins have a defined orientation in the chromosome axes. (A) A schematic
of the putative cohesin ring complex structure, as determined by single-particle EM imaging and
crystallographic analysis, with the positions of the epitopes engineered in this study indicated.
(B-F) STORM images of cohesin in the synapsed axes are used to measure the position of
components in the axes in frontal (top, scale bar 100 nm) and cross-sectional (bottom, color scale
bar from -100 to 100 nm) views. (G) Histograms of localization events in x show that all epitopes
associated with the head domain localize to ~ 70 nm from the SC midline, including the Cterminal REC-8-3xFlag tag (B, red open squares), C-terminal SMC-3-HA tag (C, teal closed
spheres) and C-terminal SMC-1-3xFlag tag (D, light blue closed squares), while the hinge
domain of SMC-1-intHA (E, light blue asterisks) and the N-terminus of the kleisin REC-8 (F,
orange open spheres) are further from the center of the SC. For reference, the localization of
HIM-3 is shown (purple dashed line). (H) Epitopes associated with the cohesin head domain are
broadly distributed along the optical axis while SMC-1-intHA in the hinge domain and the Nterminus of REC-8 exhibit narrower HWHMs in z. The results of fits are summarized at the
bottom of the graphs (positions±s.d. in x and HWHMs in z) and in Figure 42A.
7.2.6 Localization of COH-3/4 cohesin complexes
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Meiotic kleisins play multiple roles, both during and prior to chromosome segregation.
Orthologs of REC-8 were first identified in fungi, where they were found to hold sister
chromatids together near their centromeres during the first meiotic division. Similarly, shortly
before the first meiotic division in C. elegans oocytes, cohesin complexes containing REC-8
become asymmetrically enriched along the “long arm” of bivalents, where they hold sisters
together during the first division 378. Conversely, complexes containing COH-3/4 become
enriched along the “short arm,” and are targeted for cleavage to enable reductional segregation
(disjunction of homologs) during the first division. Thus, specialized kleisins can mediate the
unusual, stepwise release of cohesion required for proper partitioning of homologous
chromosomes and sister chromatids to form haploid gametes. However, during early meiotic
prophase, both types of cohesin complexes are distributed along the length of chromosomes, as
revealed by immunolocalization of REC-8 and COH-3/4 378. Deletion of rec-8 has distinct effects
on chromosome interactions from deletion of coh-3/4, indicating that even in early prophase,
these cohesin complexes play different roles 338, 378.
We therefore investigated whether REC-8 and COH-3/4 cohesin complexes are distinctly
organized within the axes. In frontal view, the localization of a C-terminal HA tag on COH-3
was located indistinguishably from a C-terminal 3xFLAG epitope on REC-8, at 71.7±3.1 nm.
However, the COH-3 C-terminus showed a significantly narrower distribution along the optical
axis, with a HWHM of 46±4 nm when compared to that of REC-8-3xFlag (59±4 nm) (Figure
41A,D,E).
It was not possible to analyze cohesin organization within chromosome axes in the
absence of COH-3/4, since the chromosomes do not synapse when both genes are deleted, and
the methods used here require a regular, symmetrical structure. However, chromosomes in rec-8
mutants still undergo extensive synapsis, although this does not appear to be fully normal, and
may involve some inter-sister or non-homologous synapsis 338, 340, 378-379 (see below). Thus, we
analyzed the organization of COH-3/4 cohesin complexes in the absence of REC-8. To this end,
we used CRISPR/Cas9 mutagenesis to delete rec-8 in both SMC-3-HA; mEos2-HIM-3 and
SMC-1-intHA; mEos2-HIM-3 strain backgrounds. The mutation rec-8(ie41) introduces a stop
codon and a frameshift mutation after the fourth amino acid in the REC-8 coding sequence, and
should therefore recapitulate the phenotypes observed in other rec-8 loss-of-function strains.
Consistent with prior studies of rec-8 mutants, we observed extensive synapsis in rec-8(ie41).
This was predominantly between paired homologs, at least for the X chromosome, since we
detect a single, paired focus of HIM-8, which recognizes the pairing center of chromosome X.
However, chromosomes in rec-8(ie41) mutant animals failed to form functional chiasmata, as
indicated by the presence of univalents and chromosome fragments at diakinesis. Additionally,
univalents at diakinesis showed a “butterfly”-like morphology, indicative of less extensive
cohesion than in most other crossover-defective mutants, but identical to other rec-8 mutant
alleles 338, 340, 378. As suggested by conventional fluorescence images, super-resolution
microscopy revealed a fairly normal organization of chromosome axes in rec-8(ie41) mutants
(Figure 41B-C). The localization of the head domain of SMC-3-HA (Figure 41B) at 71.2±2.6 nm
in frontal view (wild-type: 70.1±2.6 nm) and a HWHM of 48±1 nm in z remained largely
unchanged in absence of REC-8. By contrast, the hinge domain showed a significantly wider
distribution in z, with a HWHM of 45±3 nm (wild-type: 37±3 nm) (Figure 41C) and was shifted
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closer to the head domain, at 75.7±3.4 nm off center in frontal view (wild-type: 82.5±3.2 nm).
Moreover, the distribution of the hinge domain in frontal view showed a broader distribution in
wild-type axes (Figure 40G, HWHM in x of 38±3 nm) that was reduced in rec-8(ie41) (HWHM
of 32±3 nm). A possible explanation for this difference is that the hinge domains of COH-3/4
and REC-8 cohesin complexes occupy different positions, and that the wide distribution seen in
wild-type animals reflects a mixture of COH-3/4 and REC-8 cohesin complexes. In the absence
of REC-8, both the hinge and head domains were more tightly distributed in x and z. This could
indicate that COH-3 cohesin complexes form a central core along the length of the chromosome
axis, while REC-8 mediates a splayed orientation of cohesin complexes within each axis, giving
rise to a broader distribution along the optical axis.
Previous work has shown that the HORMA domain protein HTP-3 is required for robust
loading and/or stability of REC-8 cohesin complexes along the axis 338-339. In our experiments,
the position of the HORMA domain protein mEos2-HIM-3 was shifted significantly farther from
the SC in the absence of REC-8, from 49.4±2.3 nm to 55.8±1.2 nm off-center (Figure 41D). Our
results thus suggest an interplay between REC-8 cohesins and HORMA domain proteins, such
that each affects the others’ organization and/or stability within the axis.

Figure 41: COH-3/4 cohesin complexes are localized distinctly from REC-8 cohesin complexes
within chromosome axes. (A) In frontal view (top, 100 nm scale bar), the C-terminus of the
kleisin COH-3-HA co-localizes with the C-terminus of REC-8 while its vertical distribution
(bottom, color scale bar from -100 to 100 nm) is significantly narrower. (B) Similarly, the
HWHM of SMC-3-HA is decreased in absence of REC-8, while the hinge domain of SMC-1intHA (C) is shifted closer to the center in frontal view and slightly wider in z in rec-8(ie41). The
positions for COH-3-HA (pink solid triangles), rec-8(ie41);SMC-3-HA (tan crossed squares) and
rec-8(ie41);SMC-1-intHA (yellow crosses) in x and their HWHMs in z are quantified in (D) and
(E), respectively. For reference, the positions and HWHMs of REC-8-3xFlag (red), SMC-3-HA
(teal) and SMC-1-intHA (light blue) in wild-type are shown in the summaries (positions±s.d. in x
and HWHMs in z) at the bottom of the graphs next to their COH-3 cohesin complex
counterparts. HIM-3 in wild-type is shown in purple. Notably, mEos-HIM-3 is more distal in
rec-8(ie41) in frontal view (navy open triangles).
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7.3 Discussion
Using STORM/PALM we have mapped the localization of all known protein components
of meiotic chromosome axes in C. elegans, in some cases with multiple epitope tags inserted at
distinct positions (Figure 42A). All epitopes on cohesin complexes localized more distally,
relative to the central region of the SC, than epitopes on meiosis-specific HORMA domain
proteins (Figure 42). This key result indicates that the HORMA domain proteins bridge the
distance between cohesins and the SC central region.

Figure 42: Model of synapsed chromosome axes in cross-sectional view.The positions from the
midline of the SC in x and the HWHM in z of components within the chromosome axes
measured by STORM are summarized in a table (A) and graphically (B). Mean values are shown
by symbols and shaded areas are their corresponding standard deviations. These positions were
used to construct a model of the synapsed chromosome axis (C); see the accompanying video S1
for additional information about the model.
Overall, we find that the width of axial elements in frontal view spans at least 34.1 nm within the
plane of the SC, the distance from our most proximal marker, HIM-3, to the most distal epitope
on the cohesin complex. Epitopes that mark the four meiosis-specific HORMA domain proteins,
which form a flexible complex 339, span at least 12 nm in x, and cohesin complexes, which span
14 nm, are more distal from the central region and are clearly separated from the HORMA
domain proteins. The localization patterns we observe in synapsed chromosome axes in vivo are
fully consistent with all genetic and biochemical evidence for interaction of components in the
axis: The N-terminus of HTP-3, and thus its HORMA domain, is in proximity to cohesin
proteins, suggestive of a direct interaction, which is also supported by immunoprecipitation
experiments 339 (Figure 42B-C). The C-terminus of HTP-3 is located closer to the central region
of the SC, as are HIM-3 and HTP-1/2, which are recruited to the axis by binding to this Cterminal domain.
HIM-3 and HTP-3 are strictly required for the assembly of the central region of the SC
between chromosomes 328-329, 337-338, 364. Our localization data demonstrate that the C-terminus of
HTP-3, as well as the HORMA domain of HIM-3, are near this interface and might thus form a
molecular platform for the assembly of the central region (Figure 42B-C). While HORMA
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domain proteins remain strongly associated with synapsed chromosome axes in C. elegans, they
become depleted from axes upon synapsis in budding yeast and mice 380-381. However, these
proteins do not completely disappear from synapsed axes, and may therefore provide a persistent
bridge between cohesins and the SC central region even when their abundance is reduced.
Consistent with this idea, cohesin complexes and proteins of the central region were found to be
separated by about 20 nm in mouse spermatocytes 346, suggesting the presence of other
components between the central region proteins and cohesin complexes.
Through analysis by 3D-STORM/PALM, we find that the axes show evidence of
bilateral symmetry along the optical axis. Our data suggest that REC-8-containing cohesin rings
are diagonally oriented in the axes, extending from a distal hinge domain in the central plane of
the axis to bilaterally protruding head domains more proximal to the HORMA domain protein
complexes (Figure 42B-C). Based on a variety of in vitro evidence and mutational analysis,
cohesion has been explained by a simple model in which two DNA molecules are entrapped by
individual cohesin rings 377, 382-383. Other models posit a requirement for interactions among
cohesin complexes 384-386). Supporting the latter possibility, a recent study demonstrated
interallelic complementation of mutations in cohesin subunits for mitotic function in budding
yeast 387. Interactions between cohesin complexes have not been reported in vitro, perhaps
because they depend on chromatin association. Intriguingly, the bilateral localization pattern we
observe for REC-8 cohesin complexes with central hinge domains and protruding head domains
is consistent with such a higher order organization of cohesins in vivo (Figure 42C).
By contrast to the bilateral symmetry and specific orientation of REC-8 cohesin
complexes, hinge and head domains of COH-3/4 cohesin complexes are indistinguishable in x
and z cross-sections of the axis in absence of REC-8. These data suggest that COH-3/4 cohesin
complexes are confined to lie close to the plane of the SC, while REC-8 cohesin complexes may
be in a splayed orientation, protruding above and below this plane (Figure 42C). Chromosome
axes play a central role in homologous recombination, in part by shifting the bias of DSB break
repair from inter-sister to inter-homolog repair333-334, 388-390. Our analysis of axis organization
may illuminate the mechanism of this inter-homolog bias: cohesin complexes and associated
HORMA domain proteins in the plane of the SC may form a physical barrier between sister
chromatids. We speculate that interposition of a central axis core between sisters (illustrated in
Figure 42C) inhibits untimely sister-chromatid recombination, while the establishment of a
substrate for SC assembly by HORMA domain proteins may simultaneously promote interhomolog recombination. Notably, electron micrographs have suggested that chromosome axes in
rat spermatocytes might have three distinct layers, with a central layer perhaps acting as an
interface connecting axes of sister chromatids 391. This is consistent with our findings, and
suggests that a three-dimensional organization of chromosome axes with central and bilaterally
protruding components is conserved across species.
7.4 Methods
Worm strains and transgenes
All C. elegans strains were cultured using standard methods392. Worms were maintained at 20℃.
HTP-3-GFP339 and 3xFlag-HTP-3-GFP transgenes were inserted by MosSCI367 and crossed into
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mutants lacking an intact htp-3 gene. For genome editing we initially performed CRISPR-Cas9
as described393, which resulted in editing efficiencies of about 1% or less of F1 progeny positive
for co-injection markers. Editing efficiencies were dramatically improved, to about 50% of
marker-positive F1s, by injecting gRNA-Cas9 ribonucleoprotein (RNP) complexes preassembled in vitro. Cas9 protein was purchased from the UC Berkeley Macrolab, and Alt-R™
tracrRNA and crRNA were purchased from IDT. Equimolar solutions of tracrRNA and crRNA
(100 µM each) were heated (95˚C, 5 min) and annealed (room temperature, 5 min). Cas9-RNP
was then formed by addition of purified Cas9 protein to a final concentration of 30 µM gRNA
and 28 µM Cas9 protein for five minutes at room temperature. Repair templates were provided
as plasmid (mEos2-HIM-3), long ssDNA (mMaple3-HIM-3344) or ssODNs (synthesized as
“Ultramers” by IDT) for epitope tagging and rec-8(ie41), respectively. All coding sequences for
epitope tags and fluorescent proteins were codon-optimized for C. elegans, and the protein
coding sequences also contained short introns394.
Immunofluorescence
Immunostaining of extruded gonads from adult hermaphrodites at 24 h post L4 was performed as
previously described358 with minor modifications. Worms were immobilized using 0.02 %
tetramisole (instead of azide) during dissection. Fixed tissue was transferred to small
polypropylene tubes, and all staining steps were carried out in suspension. Stained tissue was
then mounted in ~7 μL imaging buffer (Tris-HCl, pH 7.5, containing 100 mM cysteamine, 5%
glucose, 0.8 mg mL-1 glucose oxidase, and 40 μg mL-1 catalase). The following primary
antibodies were used: anti-HIM-3 (aa 154-253) (rabbit SDQ4713, 1:500, ModENCODE
project362), anti-HTP-1/2 (rabbit, 1:500), anti-REC-8 (aa 171-270) (rabbit SDQ3914, 1:10000,
ModENCODE project362), anti-GFP (mouse monoclonal, 1:500, Roche Cat#11814460001), antiFLAG (mouse monoclonal M2, 1:500, Sigma) and anti-HA (mouse monoclonal 2-2.2.14, 1:500,
ThermoFisher Scientific). Secondary antibodies for STORM are Alexa Fluor 647-anti-Rabbit
(Goat or Donkey, 1:500, Invitrogen) or Alexa Fluor 647-anti-Mouse (Donkey, 1:500, Jackson
ImmunoResearch).
Correlative STORM and PALM Imaging. 3D STORM imaging was performed on a custom
microscope based on a Nikon Eclipse Ti-U inverted optical microscope, using an oil immersion
objective (Nikon CFI Plan Apochromat λ 100x, NA 1.45). Briefly, lasers at 647 nm (MPB
Communications), 560 nm (MPB Communications), 488 nm (Coherent), and 405 nm (Coherent)
were coupled into an optical fiber after an acousto-optic tunable filter, and then introduced into
the sample through the back focal plane of the objective. Using a translation stage, the laser
beams were shifted toward the edge of the objective so that emerging light reached the sample at
incidence angles slightly smaller than the critical angle of the glass-water interface to illuminate
several micrometers into the sample. For STORM imaging, continuous illumination of the 647nm laser (~2 kW cm-2; for AF647) was used to excite fluorescence from labeled dye molecules
and to switch them into the dark state. For PALM imaging, continuous illumination of the 560nm laser (~2 kW cm-2; for mEos2) was used to excite fluorescence from photoconvertible mEos2
or mMaple3 proteins. Emitted photons were collected from single mEos2 or mMaple3 proteins
until they photobleached. Concurrent illumination of the 405-nm laser was used to convert
native-state mEos2 or mMaple3 proteins into their photo-converted state. This process results in
a cycle of photoconversion and photobleaching for each single protein. The power of the 405-nm
laser was adjusted during image acquisition so that at any given instant, only a small, optically
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resolvable fraction of the fluorophores in the sample were in the emitting state, thus avoiding the
likelihood of multiple fluorophores emitting at the same time within a diffraction-limited area.
For 3D-STORM and 3D-PALM imaging, a cylindrical lens was inserted into the imaging path to
introduce astigmatism so that images of single molecules were elongated in x and y for
molecules on the proximal and distal sides of the focal plane (relative to the objective),
respectively118. Single-molecules images were recorded at 110 frames per second on an Andor
iXon Ultra 897 EMCCD camera with a field-of-view of 256x256 pixels, corresponding to an
area ~40 μm by 40 μm in size. STORM and PALM images were taken consecutively, with
STORM preceding PALM imaging due to the longer wavelength absorbed by the STORM dye.
Image processing. 3D STORM and 3D PALM datasets were processed according to previously
described methods115, 118, using the Insight3 software package developed by Dr. Bo Huang,
University of California, San Francisco. Briefly, the optical astigmatism introduced into the
optical path distorts single-molecule images into ellipses along the vertical or horizontal
directions for molecules above or below the focal plane, respectively. The centroid positions and
ellipticities of the single-molecule fluorescent spots obtained from raw STORM and PALM data
were used to deduce lateral and axial positions of single fluorescent emitters within each sample.
The exact z-position was calculated by mapping the degree of ellipticity of each single molecule
to a calibration curve created by moving single dye molecules or fluorescent beads adhered to a
coverslip smoothly through the focal plane118. Final super-resolution images used in figures
result from blurring each single molecule point to a 2D Gaussian profile. For both STORM and
PALM measurements, resolution was experimentally determined by repeatedly detecting the
positions of isolated single fluorophores in the sample over different frames, and examining the
distribution of the thus detected positions92, 115, 118. The distributions in x, y, and z directions were
respectively fit to Gaussian functions, and the resultant full width at half maximum values from
the fits were used to represent the image resolution achieved92.
Averaging individual synapsed chromosomes. Once 2-color 3D STORM and PALM images
of late pachytene nuclei in whole gonads were processed and aligned, individual stretches of
synapsed chromosomes from each image were aligned to a consistent orientation for purposes of
overlaying and averaging. The number and total lengths of stretches are summarized in Table S1.
Individual synapsed axes are then smoothed in x and z dimensions using a locally weighted
scatterplot smoothing algorithm to ultimately produce axes running vertically with no angular
deviation in the xy plane or yz plane. Data from individual synapsed chromosomes is combined
and overlaid. By subsequently blurring the data points to a 2D Gaussian profile, images that are
effectively averages over several stretches of synapsed chromosome axes are obtained. To
determine the localizations of components in the synapsed chromosome axes, histograms in x
(frontal view) and z (vertical view) were fitted to two and one normalized Gaussian distributions,
respectively. To compare localizations, we use the positions from the center of the SC in frontal
view (x) and half widths at half maximum (HWHMs) in vertical view (z). Standard deviations of
the positions and HWHMs, corresponding to the precision of our measurements, were estimated
by a bootstrapping approach using a custom script in R. To this end, all possible combinations of
subsets containing half the number of individual stretches were analyzed and standard deviations
were calculated from the results. This procedure has enabled a more accurate evaluation of the
precision of measurements than could be obtained from fitting individual stretches by
eliminating potential bias existing in any one individual stretch.
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Chapter 8: Crossover formation induces a structural transition within the synaptonemal complex
395

8.1 Introduction
During meiosis, chromosomes pair with their homologous partners, and a specialized structure
known as the synaptonemal complex (SC) assembles between them 326. Evidence indicates that
this material plays a role in regulating crossover recombination between homologs, although this
remains controversial 395-400. Here, we use 3D-STORM115, 118 to interrogate the molecular
architecture of the SC in intact germline tissue from Caenorhabditis elegans, enabling analysis
of its ultrastructure during meiotic progression. Using a probabilistic modeling approach to
analyze 3D-STORM data, we determine the position and orientation of the four known SC
structural proteins. We report that a marked structural transition occurs within this material upon
crossover designation. We also identify a mutation that disrupts both SC ultrastructure and
crossover interference. Together with previous work 344, 401-403, this suggests that structural
information propagated through the SC may contribute to chromosome-wide crossover
regulation.
The synaptonemal complex (SC) assembles between homologous chromosomes during meiotic
prophase, stabilizing their parallel alignment 326. Recent evidence has indicated that this material
also plays an active role in regulating meiotic recombination 344, 396-397, 399. Despite its wide
conservation and essential function in meiosis, the molecular organization of the SC remains
poorly characterized. In C. elegans, the SC assembles prior to and independently of the initiation
of meiotic recombination 404. Four structural proteins essential for SC assembly have been
identified: SYP-1, SYP-2, SYP-3, and SYP-4 405-407. Their localization within the SC has been
probed by immuno-electron microscopy 408, but this technique has limited ability to reveal threedimensional organization. Recently, super-resolution microscopy has emerged as a powerful tool
to investigate the organization of macromolecular assemblies, including the SC 349, 409. We
recently described the molecular architecture of meiotic chromosome axes, which form the
substrate for SC assembly, via 3D-STORM 115, 118 of intact C. elegans gonads 324. Cells within
this tissue span the full spectrum of meiotic stages, arranged in a straightforward temporospatial
gradient (Figure 43a). Here, we use a similar approach to analyze the organization of the SC in
both early and late pachytene, i.e., before and after the designation of crossover sites (Figure
43a). Using antibodies that bind either short peptides within SC proteins or epitope tags inserted
by genome editing, we localized each of the SYP proteins within paired meiotic chromosomes
using 3D-STORM super-resolution microscopy and averaging method. The orientation of the SC
in our images was defined by labeling a reference protein in the chromosome axes, HIM-3 364.
For positional mapping of SC proteins, we analyzed regions that were observed in frontal view
(Figure 43b,c, left). We rotated all images about the optical axis (z-axis) such that the
chromosomes are extended along the y-axis, with the SC spanning the distance between the
homologs on the x-axis (methods)
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Figure 43: Super-resolution microscopy reveals the dynamic three-dimensional organization of
the synaptonemal complex.(a) In the C. elegans gonad, nuclei (representative DAPI images) are
arranged in a gradient of premeiotic and meiotic stages. Using highly inclined illumination (red),
we imaged SCs in the bottom section of nuclei adjacent to the coverslip (gray) in early and late
pachytene (rectangles). (b) Measurements based on averaged STORM images indicate that the
C-terminus of SYP-1 lies close to the chromosome axes. Colors denote localizations in z from 150 to 150 nm. (c) The schematic depicts the SC, which forms a ladder-like structure
approximately 100-nm wide (purple), which links the axes (black) of paired homologous
chromosomes (white rods) in frontal view (left). To visualize the 3D architecture of the SC, we
show cross-sectional views of the SC as depicted (right). (d-g) Averaged cross-sectional views of
STORM images for the N-terminus of HA-SYP-1 (top), the C-terminus of SYP-1 (center) and
C-terminus of SYP-2 (bottom) are shown for wild-type SCs in early (e, blue closed spheres) and
late (f, purple closed spheres) pachytene and for zhp-3(jf61) (g, orange triangles) and syp-4(ie25)
(h, green crosses) mutants in late pachytene. (h) Histograms of localization events in frontal view
(x, left) and across the SC (z, right) are fitted with 1 or 2 Gaussians.
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8.2 Results and Discussion
8.2.1 A probabilistic approach to modeling the synaptonemal complex
The width of the SC in x in C. elegans, as measured from electron micrographs, is
approximately 96 nm 344. An antibody recognizing the C-terminal peptide of SYP-1 could be
resolved as two parallel strands, located at 42.8±0.7 nm and 42.7±1.2 nm off-center in early and
late pachytene, respectively (Figure 43b, h, center left). This epitope thus lies near the outer
edges of the SC and within a few nm of the most proximal known component of the
chromosome axis, HIM-3324. Intriguingly, in cross-sectional views (xz-view, Figure 43c, right)
we observed striking differences in its distribution in z between early and late pachytene SCs:
While the C-terminus of SYP-1 was confined near the central plane in early pachytene, it was
widely distributed in z in late pachytene, with half widths at half maximum (HWHM) of
37.6±2.2 nm and 62.8±3.1 nm, respectively (Figure 43d, e, h, center right). This observation
might reflect a general increase in thickness of the SC, which has been suggested based on
observations of increased fluorescence intensity during late pachytene in budding yeast 410 and C.
elegans 403. We then asked whether the localization of the N-terminus of SYP-1 is similarly
altered during meiotic progression. Tagging the N-terminus of SYP-1 disrupts SC assembly 411
and data not shown), but we found that an HA epitope could be inserted into a poorly conserved
region close to the N-terminus without impairing function. Surprisingly, this epitope was
confined to a thin plane in the center of the SC (along both the x and z axis) in both early and late
pachytene SCs (Figure 43d, e, h, top). Thus, our data support a transverse orientation for SYP-1,
as previously reported 408, with its N-terminus at the center and C-terminus near the axes, similar
to other “transverse filament” proteins 361, 412-415. However, our data are inconsistent with a
uniform growth in thickness resulting from e.g. lateral stacking of SYP-1 molecules during
meiotic progression. The distinct localization patterns of N- and C-terminal epitopes in early and
late SCs suggest a more complex reorganization of SYP-1 during meiosis.
We developed a probabilistic approach to model the organization of SYP-1 within the
SC. We assume a rigid, rod-like conformation between the measured N- and C-terminal
distributions, which correspond to the distance between the two antibodies (apparent length Lapp,
see methods). This assumption is consistent with a predicted coiled-coil domain within SYP-1
405
. We constrained the apparent length to be constant for measurements made at the same stage
of meiosis, but determined the apparent length that best fit the data for early and late prophase
independently. This approach indicated that SYP-1 is arranged in parallel in early pachytene, but
is diagonally oriented in late pachytene (Figure 44). Interestingly, its mammalian ortholog
SYCP1 is also thought to be oriented diagonally with respect to the plane of the SC, but in the
opposite fashion, with splayed N-termini and tightly focused C-termini 349, while the SC in
Drosophila is thought to be bilayered 409. This suggests that the 3D architecture and/or
reorganization of the SC might vary across species, despite its conserved, ladder-like appearance
by EM 343, 416.
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Figure 44: The synaptonemal complex undergoes a structural transition upon crossover
designation. (a) The organization and orientations of proteins within the SC are dynamic, as
revealed by super-resolution imaging and probabilistic modeling of localization events. Shaded
areas represent corrected distributions of indicated domains of SYP proteins in early (blue) and
late (purple) pachytene in wild-type animals, and in late pachytene in zhp-3(jf61) mutants
(orange), which lack crossovers, and syp-4(ie25) mutants (green), which show defects in CO
regulation. The widths of distributions are corrected for systematic contributions (subtracted
12.91 nm in x and 13.81 nm in z, see methods). The stochastic nature of STORM does not allow
for simultaneous imaging of N- and C-terminus of a single molecule. We therefore used a
probabilistic model to reconstruct the orientation and apparent length of SYP-1 molecules for
each condition and genotype: Black lines show 150 representative molecules for each condition
and genotype. The model reveals a conformational change in SYP-1, resulting in different
apparent lengths Lapp between N- and C-terminal distributions, which is dependent on crossover
formation. (b) The orientation of SYP-1 changes upon crossover formation as shown by the
distributions of angles with respect to the central plane of the SC in cross-sectional views.
Cartoons below each graph represent the most prevalent orientation for each protein at the
respective condition/genotype (n = 400). Mean localizations and orientations form the basis of a
simplified model of SC organization in early (c) and late (d) pachytene in wild-type animals. Ctermini are cubes and N-termini (central domain for SYP-4) are spheres. The localization of
HIM-3 in x is used as a proxy for axis localization. Models are rendered using POV-ray (v3.7.0).
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The apparent length of SYP-1 in early pachytene was 38.8 nm, very close to a previous
estimate of 35 nm, which was based on the length of its predicted coiled-coil segments 417.
However, the apparent length increased to 52.8 nm in late pachytene (methods). This indicates
that SYP-1 undergoes a conformational change during meiotic progression, accompanying its
reorientation: Although SYP-1 is unlikely to directly extend from 38.8 nm to 52.8 nm, small
extensions combined with subtle changes in orientation and conformation may result in
significant distance changes due to the reorientation of the primary, and subsequently, the
labeled secondary antibody. Consequently, subtle changes in conformation may be amplified
resulting in a significantly longer apparent length. Further studies are necessary to capture the
exact nature of this reorientation.
8.2.2 Effect of meiotic progression on SC organization
We next asked how meiotic progression affected the organization of other SC components. We
used epitope tags and antibodies to map the localization of the C-termini of SYP-2, SYP-3-HA
and SYP-4-HA, the N-terminus of GFP-SYP-3 418, and an epitope inserted into the middle of
SYP-4 (Figure 43d, e, h bottom). Indeed, we observed clear differences between early and late
pachytene, particularly for the C-terminus of SYP-4, which moves from a central plane in early
pachytene to a splayed orientation, protruding above and below the central plane of the SC, in
late pachytene (Figure 44c, d). Likewise, epitopes on SYP-2 and SYP-3 were more central in
early pachytene compared to late pachytene (Figure 44c,d). We further found that SYP-3
localized at (N) or close to (C, 13.3 ± 0.7 nm and 17.1 ± 3.9 nm off-center) the midline of the SC
in x, suggesting a head-to-head arrangement of SYP-3 molecules. These findings are inconsistent
with one conclusion of a previous study, that the C-terminus of SYP-3 lies in proximity to the
axes 408. This discrepancy may reflect the challenges of determining the orientation of the SC in
samples prepared for immuno-EM due to the lack of molecular context. Overall, 3D-STORM
imaging and probabilistic modeling provide new insights into SC ultrastructure and reveal a
dramatic reorganization of SC components during meiotic progression.
Programmed double-strand breaks (DSBs) are generated during early prophase. A subset
eventually give rise to crossover (CO) recombination events. In C. elegans each pair of
homologous chromosomes experiences only a single CO, and any other breaks are usually
repaired to yield noncrossover products. Some of the key signaling molecules that regulate CO
site selection localize to the SC 344, 419-421, but the role of the SC itself in CO regulation is unclear.
Recent evidence suggests that the central region of the SC grows in length and/or thickness
throughout the pachytene stage of meiotic prophase, and that SC proteins may become more
stably associated with this structure upon crossover formation 397, 401-403, 410. The dramatic
reorganization of the SC described here might provide the structural basis for these observations.
Additionally, recent work from our group revealed that the SC behaves as a liquid crystal344,
suggesting that structural transitions could be propagated through this material 422. We therefore
wondered whether SC reorganization might play a role in regulating crossovers. To assess
whether the changes we observe in SC ultrastructure are dependent on crossover designation, we
determined the organization of the SC in a zhp-3(jf61) mutant, which lacks crossovers 423-424,
using the same imaging and probabilistic modeling approaches. Intriguingly, the conformation of
SYP-1 in late pachytene in zhp-3(jf61) resembled that in early pachytene nuclei in wild-type
hermaphrodites, but not wild-type late pachytene: SYP-1 remained in parallel layers (Figure 43f,
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h) and its apparent length was 35 nm. Similarly, in zhp-3(jf61) SYP-2 was in the center of the SC
in late prophase (Figure 43f, h) and the thickness of SYP-3-HA in z was reduced and identical to
its distribution in early pachytene. Nevertheless, the SC became thicker during pachytene in zhp3(jf61) oocytes, based on the distribution of SYP-1 in z (Figure 43f, h), consistent with the
continuous incorporation of SC subunits even in the absence of crossover formation 403. In
summary, our data indicate that the SC grows in thickness from early to late pachytene,
independent of crossovers, while the reorganization of SC ultrastructure requires crossover
designation.

Figure 45: Crossover interference is defective in syp-4(ie25) mutants. (a) The C-terminal aminoacid sequences of wild-type SYP-4 and SYP-4(ie25) are indicated. (b) Fluorescence micrographs
of DAPI-stained gonads from wild-type (syp-4-ha(ie29), top) and syp-4(ie25) mutants (bottom).
Insets depict single oocyte nuclei, revealing 6 bivalents in both wild-type and syp-4(ie25). (c)
The syp-4(ie25) mutation or epitope tagging of syp-4 alone (ie29) did not perturb the length of
the transition zone (solid lines in b), but this length was significantly increased in syp-4-ha(ie27)
mutants, indicative of a defect in synapsis. (d) Immunofluorescence detection of a CHK-2dependent phoshpoepitope provides a more consistent assay for meiotic progression. In animals
homozygous for the syp-4-HA allele ie29, this “CHK-2 active” zone comprises 45% of the
length of the germline containing leptotene, zygotene and pachytene stages of meiosis. This
fraction was extended to 56% and 77% in ie25 and ie27, respectively. Boxplots in c and d show
mean±s.d (whiskers show minima and maxima). (e) Fluorescence micrographs reveal robust
synapsis for ie29 (top) and ie25 (bottom). (f) The cruciform bivalent structure, as illustrated in
the cartoon (top) is disrupted in ie25, likely reflecting the occurrence of multiple crossovers per
chromosome pair. Immunostaining of HTP-3 (axis; green) and SYP-4 (SC; magenta) is shown
(e-f). (g) Fluorescence micrographs show a marker for designated crossovers, GFP-COSA-1
(yellow), and SYP-4 (blue). (h) The number of crossovers per nucleus as estimated from whole
genome sequencing (black/white boxplots, mean±s.e., whiskers are extreme values) correspond
to the number of GFP-COSA-1 foci (green dots and boxplots, mean±s.d.).
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8.2.3 A mutant deficient in crossover interference displays a reorganized synaptonemal complex
Fortuitously, in our efforts to isolate a functional C-terminally tagged syp-4 allele, we identified
an unusual, partially functional allele, syp-4(ie25) (Figure 45a). In syp-4(ie25) homozygotes, we
observed timely homologous synapsis, as determined by the length of the transition zone, which
corresponds to the leptotene and zygotene stages of meiosis. Six bivalents were consistently
observed at diakinesis, indicating that crossovers form on all of the six chromosome pairs
(Figure 45b, c, e). Nevertheless, syp-4(ie25) mutant hermaphrodites exhibited high frequencies
of chromosome missegregation, albeit less frequent than in a syp-4(tm2713) deletion allele 406.
Importantly, crossover formation was severely disrupted by syp-4(ie25): There was a slight delay
in meiotic progression, as evidenced by a modest extension of CHK-2 kinase activity 332 (Figure
45d) and an accumulation of RAD-51 foci, which mark unrepaired recombination intermediates.
Moreover, the structure of bivalents at diakinesis was altered in syp-4(ie25) oocytes (Figure 45f),
indicating that crossover formation might be affected 425-426.
To better characterize the effects of syp-4(ie25), we imaged GFP-COSA-1, which marks
designated crossover sites at late pachynema 427. Wild-type animals display a single bright GFPCOSA-1 focus on each of the 6 chromosome pairs, even when the number of DSBs is markedly
increased 425, 427. In contrast to the 6±0.2 (s.d.) GFP-COSA-1 foci we observed in wild-type and
heterozygous ie25/+ animals, we observed 11±1.7 GFP-COSA-1 foci at late pachytene in
homozygous syp-4(ie25) hermaphrodites (Figure 45g, h). This suggested that crossover
interference is disrupted in syp-4(ie25) homozygotes. To further investigate this issue, we
measured the number of crossover events genetically using whole genome sequencing (see
methods). This confirmed that the number of crossover recombination events in syp-4(ie25)
homozygotes matches the number of GFP-COSA-1 foci, and revealed instances of multiple
crossovers along the same arm of individual chromosomes (Figure 45h and data not shown).
Thus, syp-4(ie25) mutants are proficient for synapsis, yet cannot impose normal crossover
interference.
We wondered whether the alteration in crossover patterning in syp-4(ie25) is
accompanied by defects in the ultrastructure of the SC. Indeed, the localization of the C-terminus
of SYP-1 was clearly altered in syp-4(ie25). While we readily resolved two strands in close
proximity to the axes in wild-type animals in late pachytene (Figure 43b, e), SYP-1(C) was more
central in syp-4(ie25) (Figure 43g, center). Additionally, the localization patterns of N- and Cterminus of SYP-1 in syp-4(ie25) could not be modeled using a single apparent
length/conformation of SYP-1. However, localization data were consistent with a mixed
population of SYP-1 proteins matching both early (38.8 nm apparent length) and late (52.8 nm)
wild-type conformations (methods). Furthermore, SYP-1 is predicted to be in diagonal yet
random orientations in syp-4(ie25) SCs (Figure 44b). SYP-2 was also shifted towards the center
in syp-4(ie25), similar to its localization in early pachytene or in the absence of crossovers in
zhp-3(jf61) (Figure 43, Figure 44). The localization of SYP-4 was slightly more central in syp4(ie25) compared to wild-type late pachytene and reminiscent of its localization in early
pachytene. We therefore conclude that the SC structure is disrupted and that conformational
changes of SYP-1 are impaired in syp-4(ie25), which may account for the observed increase in
crossovers.
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In C. elegans, partial depletion of SC proteins by RNAi can result in a slight increase in
the number of crossovers, to about 7 GFP-COSA-1 foci per nucleus 397. Thus, we tested whether
the defect in crossover regulation in syp-4(ie25) can be attributed to reduced levels of SC
proteins. The expression level of HA-SYP-1 was not altered by syp-4(ie25). However,
immunofluorescence detection of SYP-1 and SYP-2 was reduced in syp-4(ie25), although
staining remained continuous throughout the SC, which demonstrates that their local
concentration within the SC is indeed reduced. This suggests that the syp-4(ie25) mutation
impairs assembly of SYP proteins between chromosomes. In contrast, we also isolated a mutant,
syp-4(ie27), which we found to reduce expression levels of SYP-4-HA to about 30% of wildtype. Both the transition zone and CHK-2 active zone were extended in syp-4(ie27) single
mutants, indicating that both, completion of synapsis and crossover designation are delayed
(Figure 45c-d). The lower levels of SYP-4 protein result in a slight increase in the number of
GFP-COSA-1 foci to 7±1.1 (Figure 45h), which is comparable to results obtained for partial
depletion of SYP-1, -2 or -3 by RNAi 397 but unlike our results for syp-4(ie25). This indicates
that the defects in crossover interference in syp-4(ie25) are not a mere consequence of reduced
protein concentration within the SC.
8.2.4 Electron microscopy characterization of the crossover interference deficient mutant
To test whether the defects in SC ultrastructure are sufficient to explain the disruption of
crossover regulation in syp-4(ie25), we sought to investigate the role of syp-4(ie25) in the
regulation of COSA-1 independent of local protein concentration within the SC. We have found
that polycomplexes, nuclear bodies that assemble from SC proteins in situations where they
cannot assemble between chromosomes such as loss of the axis protein HTP-3329, 344, harbor a
similar signaling circuit that gives rise to a single GFP-COSA-1 focus near their surface at late
pachytene, even in the absence of DSBs or recombination intermediates (1.1±0.2 foci per
polycomplex) (Figure 46a, b)344. When combined with ∆htp-3, the syp-4(ie27) mutation, which
reduces expression of SYP-4, resulted in smaller polycomplexes, but they showed an identical
distribution of GFP-COSA-1 (1.1±0.2) (Figure 46a, b). By contrast, when syp-4(ie25) was
combined with ∆htp-3, multiple GFP-COSA-1 foci (2.1±0.8) were associated with each
polycomplex (Figure 46a, b), mirroring the ~2-fold increase in GFP-COSA-1 foci observed
along bona fide SCs in syp-4(ie25) mutants. This indicated that syp-4(ie25) might affect the
organization of polycomplexes.
We therefore investigated the structure of polycomplexes in ∆htp-3 syp-4(ie25)
meiocytes by EM. While structures resembling the electron-dark lateral and brighter, striated
central regions were observed in Δhtp-3 syp-4(ie25), the overall organization was dramatically
altered: the bodies appeared to be internally fragmented, rather than maintaining constant
orientation over hundreds of nm, as in “normal” polycomplexes(Rog et al., 2017) (Figure 46c),
and the distance between parallel electron-dark bands was much narrower (46.3±1.2 nm, vs
97.6±1.5 nm in Δhtp-3 polycomplexes, Figure 46c), which may reflect differences in
organization and/or orientation of SYP proteins within polycomplexes. Overall, the disorganized
structure of polycomplexes in Δhtp-3 syp-4(ie25) in EM is reminiscent of the architecture of
SCs in syp-4(ie25) determined by 3D-STORM.
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8.3 Conclusion
Our data therefore suggest that crossover formation triggers a structural change within the
SC. This structural change plays a critical role in the chromosome-wide response to crossover
formation. Consequently, we observe excess crossover formation under conditions of impaired
SC reorganization due to lack of material and/or structural defects. This molecular mechanism
bears similarity to the beam-film model of crossover interference 400, 428. Notably, SC
reorganization is accompanied by a conformational switch in SYP-1. This may be induced by
posttranslational modifications, and could trigger a chromosome-wide reorganization of the SC
ultrastructure. Indeed, crossover formation is regulated by several proteins that are prime
candidates for such modifications: The presence of the meiosis-specific cyclin COSA-1
(homologous to CNTD1 in mammals), suggests a role for cyclin-dependent kinases 427, 429.
Furthermore, SUMO- or ubiquitin E3 ligases such as ZHP-3, Zip3, Hei10 or RNF212 regulate
crossover formation 419-420, 423, 430 and might modify SC proteins in response to crossover
designation.

Figure 46: Irregular organization and an increase in GFP-COSA-1 foci in syp-4(ie25)
polycomplexes. (a) Fluorescence micrographs show that the number of GFP-COSA-1 foci
(yellow) is limited to 1 or 2 foci per polycomplex (SYP-2, blue) in wild-type conditions (∆htp-3)
and in the presence of syp-4(ie27) but is elevated in syp-4(ie25). DAPI is shown in gray. (b)
Quantification of the number of GFP-COSA-1 foci per polycomplex. Boxplots show mean±s.d
and whiskers are extreme values. (c) Representative electron micrographs show that the SC-like
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structure of polycomplexes (∆htp-3, 97 nm spacing of parallel, electron dark regions) is
disrupted in ∆htp-3 syp-4(ie25), which are disorganized and 46 nm apart.
8.4 Methods
Worm strains and transgenes. All strains were cultured at 20ºC using standard methods392. GFPSYP-3418 was inserted by MosSCI367 and crossed into syp-3(ok758). Other tags were inserted
using CRISPR-Cas9 genome editing as described in324. Briefly, Cas9 and gRNA were delivered
by microinjection, either encoded on a plasmid393 or as in vitro preassembled Cas9ribonucleoprotein complexes. Repair templates for small epitope tags, which are codon
optimized394, were synthesized as “Ultramers” by IDT.
Immunofluorescence. Immunofluorescence of dissected gonads from young adults 24 h post L4
was performed as described358 with modifications described in324. The following primary
antibodies, all of which have been previously described, were used: goat anti-SYP-1 (1:500,
affinity purified)431, mouse anti-HA (1:500, monoclonal 2-2.2.14, Pierce), rabbit anti-SYP-2
(1:500, affinity purified)432, mouse anti-GFP (1:500, monoclonal 7.1 and 13.1, Roche), mouse
anti-Flag (1:500, monoclonal M2, Sigma), chicken anti-HTP-3 (1:500)433, rabbit anti-HIM-3
(1:500, SDQ4713 ModENCODE project362) and rabbit anti-RAD-51 (1:500)431. Secondary
antibodies raised in donkeys were fluorescently labelled with Alexa Fluor® 488, Cy3 or Alexa
Fluor® 647 (1:500, Jackson ImmunoResearch and Invitrogen). Gonads were mounted in
ProLong Gold antifade mountant (ThermoFisher Scientific) and epifluorescence images were
acquired on a DeltaVision Elite microscope (Applied Precision) using a 100× N.A. 1.4 oilimmersion objective.
For quantification of proteins levels by immunofluorescence, imaging was performed on a
Marianas spinning-disk confocal microscope (3i) with a 100x 1.46 NA oil immersion objective.
3D stacks of wild-type (syp-4-ha(ie29)) and syp-4(ie25) animals were taken from the same slide
and quantified in Fiji. SC containing voxels are identified by thresholding the SYP-2 and SYP-43xFlag channels for syp-4(ie29) and syp-4(ie25), respectively.
STORM and PALM imaging. Super-resolution imaging of dissected, immuno-stained intact
germline tissue was carried out as described324. Targets for STORM were labeled with donkey or
goat secondary antibodies labelled with Alexa Fluor® 647 (1:500, Jackson ImmunoResearch and
Invitrogen). Subsequently, an internal reference protein, was imaged using PALM of mEos2413
or mMaple3366 fused to the N-terminus of HIM-3 at its endogenous locus using CRISPR/Cas9324.
For early pachytene images, mEos2-HIM-3 was co-stained with a rabbit anti-HIM-3 antibody
and a donkey-anti-rabbit secondary antibody (Jackson ImmunoResearch) labelled with NHS
esters of CF568 to achieve a 2:1 dye-to-antibody ratio. Aligned and averaged images (data not
shown) are used to generate histograms of localization events in x and z324. To systematically
distinguish between mono- and bi-modal distributions, we evaluated fits with one and two
Gaussians using an ANOVA test in R (p < 0.05). Standard deviations of fit parameters are
estimated by a bootstrapping approach using subsets of half the number of individual SC
stretches324.
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Probabilistic model of SC organization. To derive a model for the SC from our data, we asked
which orientations of SC proteins would be consistent with the observed data, assuming that
each protein is a rigid rod with a consistent length Lapp (± 0.2 nm error margin, see below) under
each condition. To this end, we first corrected the widths of the measured distributions to
account for experimental contributions, e.g. antibody size and experimental resolution, which we
determined from background single molecule localizations (subtracted HWHMs are 15.2 nm in x
and 16.3 nm in z). Using these corrected distributions, we generate two-dimensional (xz) input
distributions of 106 points for both, the N- (or central domain) and C-terminus for SYP-1, -3 and
-4, respectively. To determine the lengths and orientations of a SYP protein we draw random
samples from the C-terminal distribution (n=800) and assign a corresponding N-terminal point,
whose distance to the C-terminus best matches a given length Lapp. The resulting paired
distributions were then corrected by (1) randomly eliminating pairs containing statistically
overrepresented points (more than 2 occurrences) and (2) randomly subsampling distributions to
a constant sample size of n=400. The length Lapp corresponds to the distance between antibodies
used for STORM, but not necessarily to the size of the SYP protein. We therefore fit Lapp for
each component and condition/genotype by comparing the simulated paired distributions for
lengths ranging from 20-60 nm in 0.2 nm steps to the input distributions using the KolmogorovSmirnov test. Lapp is determined by finding the minimal overall distance D between cumulative
distributions (sum of Ds from four distributions of N- and C-terminus in x and z). To account for
variability of D due to small sample sizes (400 out of 106 points) we use average D values from 9
independent simulations for fitting Lapp. Final models are best fits with minimal D from 50
independent simulations. In syp-4(ie25) SCs our model cannot explain the observed distributions
of SYP-1 using a single length Lapp, while a model using a combination of early and late
pachytene apparent lengths can reproduce our measured data (Figure 45c). To this end, Nterminal points at distances of either Lappearly = 38.8±0.2 nm or Lapplate = 52.8±0.2 nm for each Cterminal point are determined and N-terminal points are assigned to their C-terminal counterparts
by randomly choosing a single point from the larger group. In syp-4(ie25) SCs, 59.5% of
modeled SYP-1 molecules are in an early pachytene conformation. This approach can also fit
localizations of SYP-1 in wild-type late pachytene SCs, but only 26.8% of modeled SYP-1
molecules are in the early pachytene conformation in this condition.
Recombination mapping. For whole genome sequencing based recombination mapping, the allele
syp-4(ie25) (generated in Bristol N2 background) was introgressed into the divergent Hawaiian
strain CB4856 by 8 sequential crosses and selection for ie25. Hawaiian and Bristol wild-type and
syp-4(ie25) strains were crossed, and F1 generation was backcrossed to Hawaiian to produce F2
with paternal Hawaiian chromosomes and recombined Bristol/Hawaiian maternal chromosomes.
The F2 progeny was allowed to grow for one generation and genomic DNA was extracted
through phenol-chloroform extraction. Illumina sequencing libraries were prepared as described
in434 and sequenced as 50 bp single reads on a HiSeq2500 Illumina sequencer at the Vincent J.
Coates Genomics Sequencing Laboratory at UC Berkeley with a coverage of 2-4x per individual.
Reads were mapped to the genomes of Bristol (Wormbase release WS230) and Hawaiian435
strains and genotypes called using the multiplexed shotgun genotyping (MSG) toolbox and
default parameters436. Aligned sequences obtained by deep sequencing have been uploaded on
the NCBI SRA database under accession number SRP126693. Following this analysis,
crossovers in oogenesis are characterized by transitions from Hawaiian/Bristol heterozygous
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stretches to homozygous Hawaiian stretches, and the calculated number of crossovers per
nucleus is twice the number of mapped crossovers in the oocytes.
Electron microscopy. High-pressure freezing, freeze-substitution, sample preparation, and
microscopy was performed as described previously344, 437-438. Images were acquired on a Tecnai
12 transmission electron microscope (120 kV, FEI, Hillsboro, OR) equipped with a Gatan
Ultrascan 1000 CCD camera (Pleasanton, CA).
Immunoblotting. To compare expression levels of SYP proteins, 120 adult worms were lysed by
boiling in 40 µL Laemmli sample buffer (with β-mercaptoethanol) for about 5 min, until
particulate matter was not detected using a dissection stereomicroscope. Samples of whole-worm
lysates were run on a Nupage 4-12% polyacrylamide gradient gel and transferred to a PVDF
membrane. Primary antibodies were rabbit (Pierce, PA1-985, used for HA-SYP-1) or mouse
anti-HA (SYP-4-HA) and mouse anti-tubulin (EMD Millipore), each diluted 1:5,000. HRPconjugated secondary antibodies (Jackson Laboratory) were detected with ECL reagents
(Amersham). For SYP-4-HA blots, HA and tubulin were easily resolved and can be detected
simultaneously. For HA-SYP-1, HA was detected by HRP-anti-rabbit/ECL and tubulin is
detected by Cy3-conjugated anti-mouse secondary antibody (1:5,000). Images were recorded
using a Chemidoc system (Bio-Rad) and quantified using Fiji.

115

Chapter 9: Nuclear-pore complex superstructure visualized by super-resolution microscopy
regulates meiotic progression in C. Elegans
9.1 Abstract
Though nuclear pore complex (NPC) dynamics and substructure has seen detailed research in
many complex systems439-441, the arrangement of NPCs on a larger scale (super-structure) has
seen relatively less attention. Here, we demonstrate that NPC super-structure plays a regulatory
role in meiosis in C. Elegans. We find that NPCs adopt a periodic triangular lattice-like pattern
in C. Elegans meiotic cells, but not mitotic cells. We proceed to demonstrate that this periodic
lattice-like pattern is a regulator of meiotic progression and quality control in C. Elegans. This
finding demonstrates that super-structure can play an important role in regulating function in
complex biological systems.
9.2 Introduction
Nuclear pore complexes (NPCs) are highly conserved multi-component structures that control
the movement of molecules between the nucleoplasm and cytoplasm. The coordination and
positioning of the individual components of NPCs within the structures themselves have been a
heavily explored field439-442. NPC substructure is highly dynamic443 across the cell cycle, where
post-translational modifications across components, as well as their presence or absence, can
dramatically alter the biological function of the complex as a whole444.
As a higher level of structural order, the physical arrangement of NPCs on the nuclear envelope
could provide yet another layer of regulation mechanisms, including general import/export445,
gene expression446, and mRNA processing447. Such arrangements at the nanometer and submicrometer scales, however, have been poorly explored. Conventional fluorescence microscopy
cannot resolve structures below the diffraction limit (300 nm). While super-resolution
microscopy and electron microscopy achieve high resolution and have been helpful in
elucidating NPC structures441-442, 448-449, it remains challenging to apply these approached to
tissues.
Here, we utilize STORM super-resolution microscopy and CRISPR-Cas9 genome editing to
probe NPC superstructure in the meiotic germline cells in intact C. elegans gonads. We find
striking two-level structural organization within nuclei undergoing meiosis. Individual NPCs are
clustered into patch-like islands that colocalized with P-granules. Within these islands, NPCs
adopt a periodic arrangement into a triangular lattice with tightly regulated spacing of ~150 nm.
We find that this periodic substructure is PLK-2 dependent, and that disrupting it, through either
PLK-2 knockout or by mutagenesis of NPP-21, results in defects in meiotic function.
Interestingly, neither of these levels of organization exists within somatic cells in C. elegans,
with NPCs exhibiting a random arrangement on the nuclear envelope. This finding reveals that
NPC superstructure plays a role in regulating meiotic progression.
9.3 Results & Discussion
9.3.1 Observation of a periodic lattice in meiotic cells in C. Elegans
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In our ongoing efforts to super-resolve the ultrastructure of the synaptonemal complex (SC) in
the meiotic cells in whole-mount C. elegans gonads450, we fortuitously observed an unexpected
periodic lattice arrangement when using an antibody raised against the C-terminus of SYP-1, a
structural protein in the SC central region (See chapter 8 in this dissertation). As the spot-like
periodic lattices were outside the SC regions but instead follow the geometry of the nuclear
envelop, we considered them to be off-target labeling. BLAST results of the immunogen
sequence of the antibody suggested NPP-21, a central structural element of the nuclear basket, as
a possible candidate due to sequence similarity.

Figure 47: NPP-21 takes on lattice-like arrangement in C. Elegans meiotic cells. a) Schematic of
setup. b) Overview image of gonad with meiotic cells (small nuclei) and somatic (sheath) cell.
(large nucleus). Scale bar is 1 µm. c) Zoomed-in image of NPP-21 C-terminus, depicting
periodic lattice. Scale bar is 1 µm. d) Cartoon depicting model of NPP-21 C-terminal
positioning.
To test this possibility, we used CRISPR-Cas9 to place an epitope tag (3xFLAG) to the
C-terminus of NPP-21 and performed STORM imaging after immunofluorescence labeling of
the FLAG tags. This showed highly similar periodic lattices (data not shown). To further confirm
this identification, we used CRISPR-Cas9 to insert an auxin-induced degron (AID)451 on the Nterminus of NPP-21, which enabled rapid and specific degradation of NPP-21 upon exposure to
auxin (indole-3-acetic acid). Upon imaging AID-3xFLAG-NPP-21 worms exposed to auxin
using the SYP-1 antibody, the periodic patterns disappeared, while nuclear pore complexes
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themselves were still intact. (data not shown) Together, these results show NPP-21 arranges into
periodic lattice patterns in both wide-type and FLAG-tagged cells.
Closer examinations indicated that NPP-21 was arranged into micrometer-sized, patchlike domains/islands, and within each island achieved a triangular lattice (Figure 47bc). SYP-1
antibody results suggested that the distribution of NPP-21 avoided the SC and the paired
chromosomes (data not shown), a result further confirmed by co-labeling a DNA stain (data not
shown). To account for the remaining segmentation of the NPP-21 distribution, we further found
(data not shown) that the NPP-21 patches colocalized with P-granules, a structure that is unique
to the meiotic nuclei and plays key roles in mRNA regulation452-454, similar to the role that has
been suggested for NPP-21 analogs in other systems447, 455-456. Previous work has also suggested
the colocalization of NPCs with P-granules in meiotic cells452-454.
We also labeled the N-terminus of NPP-21 with an HA tag (data not shown).
Interestingly, although the resultant STORM images indicated patch-like arrangements similar to
that of the C-terminus, the nanoscale superstructure was circular as opposed to spot-like (data not
shown). We surmised that the N-terminus of NPP-21 is attached to the periphery of nuclear pore
complex rings, while the C-terminus clusters together in the nucleoplasm (Figure 47d). Indeed,
two-color STORM found that the N-terminal labeling does not colocalize with the C-terminal
labeling, but instead surrounded it (data not shown). This pattern of labeling mirrors recent EM
results on Mlp1p, an NPP-21 analog in yeast457. NPP-21 is also analogous to human nuclear
basket TPR458, displaying a high degree of sequence homology and adopting similar structures as
that observed by electron microscopy in other species459-462. Interestingly, we find that labeling
other nuclear pore complex proteins in C. elegans, including NPP-7, NPP-10, and using the
Mab414 antibody against a collection of nuclear pore complex proteins, does not produce the
same periodic pattern of labeling as NPP-21 (data not shown). We believe this supports our
conclusion that NPP-21 is a fundamental structural element of nuclear pore complexes that has a
high degree of control over their arrangement, while many other nuclear pore complex proteins
act as dynamic regulators or adaptors443.
9.3.2 Characterizing the observed periodic lattice by triangulation and spatial autocorrelation
To quantify the periodic arrangement we observed for NPP-21, we used two parallel methods
based on image autocorrelation and cluster distance analysis, respectively. Two-dimensional
spatial autocorrelation of the STORM data463-464 showed a distinctive 6-fold symmetry (Figure
48b inset), consistent with an ordered triangular lattice. Averaging the correlation maps of 10
islands by reorienting the principal axis to the horizontal direction showed a well-defined
hexagonal pattern with a ~150 nm distance between the 0th and 1st peaks (Figure 48f). This
pattern, including the absolute intensity of correlation peaks, is well captured by our simulated
results on a 150 nm-spaced triangular lattice with moderate (50 nm) random shifts of nodes
(Figure 51).
In a different approach, we first found the center of each NPP-21 cluster (Figure 48a,b), and used
Delaunay triangulation to characterize their spatial distribution (Figure 48c). From this result, we
extracted two parameters – cluster-to-cluster distance (Figure 48e) and angular distribution of
Delaunay triangles (Figure 48d). A narrowly defined peak centered at 150 nm was found for the
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cluster-to-cluster distance distribution, whereas the angular distribution concentrated to a narrow
range of 45-60 degrees. These results compare well with our simulated results on a 150 nmspaced triangular lattice with ~75 nm random shifts of nodes (Figure 51).
Strikingly different nanoscale arrangements were found for NPP-21 in somatic cells. Figure 47b
demonstrates that within the same field of view, NPP-21 adopted periodic triangular lattices in
patchy islands in all the meiotic cells, but a fairly random distribution in a gonadal sheath cell.
Similar results were also found for gut cells (data not shown), and inspection of previous SRM
and EM results on NPCs in somatic cells also indicated comparable, non-ordered arrangement441,
465
. Two-dimensional spatial autocorrelation gave featureless results (Figure 48l), and the clusterto-cluster distance (Figure 48k) and the angular distribution of Delaunay triangles (Figure 48j)
both showed significantly broadened distributions consistent with random arrangements (see
simulations in Figure 51). Together, we have identified an unexpected NPC superstructure that is
uniquely periodic in meiotic cells but not in mitotic cells.
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Figure 48: NPP-21 organization differs between meitoic and somatic cells. a) NPP-21 in meiotic
cell. Cluster centers are mapped (b), then Delaunay Triangulation is performed to analyze
superstructure (c). (d) Angle distribution of triangulation. (e) Edge length distribution of
triangulation. (f) Two dimensional autocorrelation of averaged raw data. g-l) Analagous images
for a somatic cell. Scale bars in a and g are 1 µm. Scale bars in b, c, f, h, i, l are 100 nm.
9.3.3 The structural arrangement of nuclear pore complexes regulates meiotic progression
To interrogate the biological relevance of the striking periodic NPC superstructure we discovered
in the meiotic cells, we examined the abovementioned AID-NPP-21 worms with further details.
Interestingly, we found that the simple addition of the AID system to the N-terminus of NPP-21
alone, even without targeted degradation, disrupted the nanoscale arrangement of NPP-21 in
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meiotic cells (Figure 49). While the AID-NPP-21 still segregated into micrometer-scaled patchlike islands (Figure 49ab), visual inspection and data quantification (Figure 49c-f) both showed
substantial loss of the ~150 nm periodicity: Two-dimensional autocorrelation maps showed no
feature, whereas distance and angular distributions from the Delaunay triangulation both became
heavily disordered, resembling the results we found for the disordered arrangements in the
somatic nuclei. These results suggest that the AID-NPP-21 mutant could serve as a model for
isolating the biological role of NPP-21 super-structural arrangement within the meiotic nuclei.

Figure 49: Disrupting NPP-21 periodicity w/ AID-NPP-21 causes defects in meiosis. Disrupting
NPP-21 periodicity w/ AID-NPP-21 causes defects in meiosis. a) NPP-21 in meiotic cell in AIDNPP-21 mutant. Cluster centers are mapped (b), then Delaunay Triangulation is performed to
analyze superstructure (c). (d) Angle distribution of triangulation. (e) Edge length distribution of
triangulation. (f) Two dimensional autocorrelation of averaged raw data. (g, h) CHK-2 active
zone length comparison between WT and AID-NPP-21. Scale bar in a is 1 µm. Scale bars in b, c,
f are 100 nm.
Remarkably, we found that the AID-NPP-21 mutants do produce a small meiotic defect (data not
shown). To elucidate the origins of this phenotype, we measured key parameters of normal
meiotic function, and observed striking differences in this mutant. Specifically, the CHK-2 active
zone, a key indicator for meiotic progression466, is either substantially shortened compared to
WT worms or completely non-existent (data not shown). This abnormality suggests a faster
pairing process between homologous chromosomes in the early stages of meiosis466,which leaves
less time for critical quality control466. The highly ordered, periodically arranged NPP-21 may
thus serve as an indirect regulator of meiotic progression. As we further proceeded to deplete
NPP-21 through the AID system, we found strong embryonic lethality: this was due to a
misalignment of spindle orientation in embryos (data not shown), similar to that shown in
depleting other nuclear pore complex proteins in C. elegans467.
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Figure 50: PLK-2 is required for NPP-21 periodicity. (a) Super-resolution image of NPP-213xFLAG in plk-2 mutant. (b) Cluster mapping of data in (a). (c) Triangulation of cluster
mapping in (b). (d) Angle distribution of triangulation. (e) Edge length distribution of
triangulation. (f) Two-dimensional auto-correlation of averaged raw data. (g) Western blot of
NPP-21 in WT and plk-2 knockout, showing two bands in WT but not in plk-2 KO. Scale bar in
a is 1 µm. Scale bars in b, c, f are 100 nm.
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Figure 51: Simulations of points distributed in triangular lattices with error. Simulations of points
distributed in triangular lattices with error. (a-d) An ideal triangular lattice with no error, with a
150 nm edge length. (b) Two dimensional autocorrelation of lattice in (a). (c) Distribution of
angles in triangulation of lattice in (a). (d) Distribution of edge lengths in triangulation of lattice
in (a). (e-h) Analagous data for a triangular lattice in which each point is randomly shifted by 75
nm. (i-l) Analagous data for a triangular lattice in which each point is randomly shifted by 150
nm. All scale bars are 100 nm.
We next investigated the mechanism by which NPP-21 achieves a periodic lattice
specifically in meiotic cells. Western-blot of NPP-21-3xFLAG in whole worms displayed two
distinct bands (data not shown). We thus hypothesized that NPP-21 in meiotic cells contains
phosphorylated or otherwise modified regions that uniquely lead to its periodic arrangement. To
test this possibility, we created mutants knocking out two major kinases present in the C. elegans
gonads – chk-2 and plk-2431, 466. Though chk-2 null worms did not display any differences in
arrangement (data not shown), plk-2 null worms showed a significantly disrupted periodicity as
compared to WT worms (Figure 50), and no longer display one of the bands previously seen in
the western blot (data not shown). We thus conclude that PLK-2 plays a major role in bringing
about NPP-21 periodicity. PLK-2 has previously been shown to phosphorylate components of
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the nuclear envelope in meiosis468. We thus speculate that PLK-2 plays a similar role here in the
phosphorylation of NPP-21.
Moreover, as we have shown that the NPP-21 islands colocalized with P-granules, which is
unique to the meiotic nuclei, we examined if the application of hexanediol, a chemical known to
dissolved P-granules454, would disrupt the NPP-21 superstructure. Interestingly, dissolving the Pgranules with hexanediol led to the immediate disruption of the NPP-21 periodicity within 1 min
(data not shown). Moreover, without the P-granules defining the NPP-21 islands, the distribution
of NPP-21 is delocalized to larger domains while apparently still avoiding the paired
chromosomes (data not shown). In 5-10 min, NPP-21 further aggregated into large (100 nm+)
clusters. We further found that other nuclear pore complex elements such as NPP-10 are
dissolved within 1 minute. These results suggest the interaction between the P-granules and
NPP-21 play an important role in the NPC superstructure, and that NPP-21 is inherently more
stable than other NPC components and lends a fundamental structure in meiotic cells.
9.4 Conclusion
While NPC substructure has been intensely investigated, the importance of NPC super-structure
has been relatively neglected. Using super-resolution microscopy in combination with CRISPRCas9, we show that NPP-21, a core structural element of nuclear pore complexes in C. Elegans,
adopts a unique super-structural arrangement resembling a periodic lattice in meiotic cells, but
not mitotic cells. Through targeted disruption of NPP-21 periodicity, we further demonstrate that
uniquely, this periodic structural arrangement regulates meiotic progression in C. Elegans. We
further find that this structural arrangement is PLK-2 dependent, and disrupting periodicity
results in improper regulation of quality control during meiosis. These findings underscore the
importance of structural arrangement in addition to constitutive composition in unique biological
systems, and suggest further unexplored domains where structural organization plays an
important role that have previously been difficult to probe through traditional imaging
techniques.
9.5 Methods
Worm strains and transgenes. All C. Elegans strains were cultured at 20ºC using standard
methods. Epitope tags (HA, FLAG) were inserted using CRISPR-Cas9 genome editing as
described in324. Briefly, Cas9 and gRNA were delivered by microinjection, encoded as in vitro
preassembled Cas9-ribonucleoprotein complexes. Repair templates for small epitope tags, which
are codon optimized, were synthesized as “Ultramers” by IDT.
Sample Preparation and STORM and PALM imaging. Immunofluorescence of dissected C.
Elegans gonads from young adults 24 h post L4 was performed as described358 with
modifications described in324. The following primary antibodies, which have been described
previously, were utilized for immunofluorescence experiments: goat anti-SYP-1 (1:500, affinity
purified)431, mouse anti-HA (1:500, monoclonal 2-2.2.14, Pierce), mouse anti-Flag (1:500,
monoclonal M2, Sigma), mouse anti-Nuclear Pore Complex Proteins (1:500, Mab414, abcam).
Secondary antibodies raised in donkeys were fluorescently labelled with CF568 or Alexa Fluor®
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647 (1:500, Jackson ImmunoResearch and Invitrogen). Super-resolution imaging of dissected,
immuno-stained intact germline tissue was carried out as described324.
Data Analysis – Triangulation. For quantification of spatial distribution of NPP-21 clusters,
island subsections (Figure 48) were isolated from labeled nuclei within the field of view. Manual
cluster selection was subsequently performed on islands to identify distinct NPP-21 clusters.
Using the coordinate sets from cluster selection, a Delaunay Triangulation algorithm (MATLAB
code) was performed on each individual dataset. Edge length and angle parameters were
extracted from the individual triangulations, then pooled to determine overall edge length and
angle distributions for each sample condition analyzed.
Spatial autocorrelation. For parallel spatial distribution quantification, two-dimensional
autocorrelation was also performed (MATLAB code). Raw rendered point data of individual
NPP-21 island subsections at identical rendering settings was isolated from labeled nuclei within
the field of view. A 2D-autocorrelation algorithm was run on each individual island subsection.
Results from all samples falling under the same sample conditions were pooled and
autocorrelations were aligned by rotation of the autocorrelation result such that the highest
intensity non-central peak falls on the horizontal plane of the image.
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Chapter 10: Deep nuclear invaginations linked to cytoskeletal filaments: Integrated bioimaging
of epithelial cells in 3D culture469
10.1 Introduction
The three-dimensional (3D) architecture adopted by cells in response to
microenvironmental stimuli plays a crucial role for their function within tissues. When cells are
removed from their native organs and placed in two-dimensional (2D) cultures, they essentially
lose all tissue-specific functions. When malignant cells are induced to form phenotypic normallike structures in 3D culture, these structures are phenotypically reverted and behave like nonmalignant cells. They fail to form tumors 470-472 and normalize their pattern of gene expression
473
. The findings from our and other laboratories show clearly that the 3D architecture of the
tissues, and the cells within them, regulate and are regulated by their biological state. We submit
that cell and tissue polarity, through the cytoskeleton, allows for a signaling connection from the
extracellular matrix (ECM) via the organization of the plasma membrane, to the nuclear
envelope and the nucleoplasm.
Recent work has shown clearly that many previously-unexplored aspects of 3D
architecture, such as the organization of the nuclear envelope is not stochastic or cell intrinsic:
the structure and composition of nuclear envelope responds to microenvironmental stimuli with
important consequences for gene regulation 474-481. Even before the advent of 3D cultures, Bissell
and colleagues proposed that ECM must signal through receptors, via cytoskeleton through
nuclear matrix to chromatin to control tissue specific function and vice versa 482, with the
concept being further extended by Boudreau et al. in 1995 483. This possibility has found much
support through the literature both from Bissell laboratory as well as others that there is physical
linkage between the extracellular matrix through ECM receptors to the cytoskeleton, which in
turn connects to the nuclear envelope receptors to physically couple to chromatin 484. Even in
traditional cell culture on flat substrata (2D cell culture) intriguing studies performed nearly 20
years ago made clear the nucleus is mechanically linked to the plasma membrane via the
cytoskeleton, and further, that under mechanical strain the nuclear morphology can be highly
altered 485-489. These and a number of other studies raise the question, what are the essential 3D
architectural elements in the interconnected network of the nucleus, cytoskeleton, and ECM in
cells forming quiescent, organotypic 3D structures akin to those in vivo?
Mammary gland specific functions of epithelia, such as quiescence, basal/ apical polarity
or, in murine cells, production of milk proteins can be recapitulated in biomimetic cultures in 3D.
In laminin-rich gels single non- malignant mammary epithelial cells undergo ‘cohesive angular
motion’, immediately adopt apical-basolateral polarity, divide with unequal stem-like divisions
while adhering to each other all the while rotating continually until between 7-10 days they
become quiescent 490. Whereas non-malignant epithelial cells in biomimetic cultures develop this
polarized 3D architecture over time and resemble mammary acini, cells cultured on traditional
flat polystyrene show only limited polarity in monolayers when reaching confluence. While it is
clear that the cellular architecture is regulated by the microenvironment, how the ECM connects
to the nucleus remains incompletely understood. This is because there are serious resolution
limits to traditional optical microscopy and the challenges of using sub-100 nm resolution
techniques in crowded, 3D embedded cultures.
126

To address the issues of architecture at the level of the whole cell, we analyzed the 3D
architecture of non-malignant human breast epithelial cells in acinar-like structures using a
number of complementary imaging approaches, including high-resolution 2D transmission
electron microscopy (TEM), electron tomographic volume microscopy, focused ion beam
scanning electron microscopy (FIB-SEM), as well as confocal and super-resolution
immunofluorescence imaging, including stochastic optical reconstruction microscopy (STORM).
We found that non-malignant cells in 3D showed deep invaginations into- and tunnels throughthe nucleus that house cytoskeletal filaments that connect to the nuclear envelope. These findings
establish for the first time the structure of the physical connection between the nucleus and cell
adhesion sites, providing a promising mechanical link between the cell’s microenvironment and
the nucleus.
10.2 Results
10.2.1 S1 cells in biomimetic 3D tissue culture show growth arrest and unexpected organization
In order to study the high-resolution nuclear and cytoskeletal architecture of mammary
epithelial cells we chose to study a well-characterized non-malignant human mammary epithelial
cell (HMEC) line, HMT-3522-S1 (S1) 491-492. We cultured the S1 cells in a laminin-rich
extracellular matrix (lrECM) 3D tissue culture over the course of 10 days with EGF withdrawal
at day 7, when the acini were formed. We found nearly all of cells in acini at day 10 were
growth-arrested (Figure 52A). Only two in 5,317 cells examined incorporated EdU during a 24
hour labeling period, and thus were determined to be proliferating (0.0003%). In contrast, in
tumorigenic HMT-3522-T4 cells, stained as a positive control, 97% of cells incorporated the
EdU label during the 24 hour period (Figure 52A, insert). S1 acini varied in size and the number
of nuclei per acinus ranged from 5 to 20, with most of the acini showing 9-12 nuclei per acinus
(Figure 52B). Consistent with our previous work, we observed immunofluorescent staining for
the Golgi (GM130) that was positioned towards the acinar center as well as the tight junction
protein zona occludens-1 (ZO-1) in 57.7% of the acini (Figure 52C - E). β-catenin was
positioned basolaterally (Figure 52F) and the hemidesmosome associated protein α6 integrin as
well as actual hemidesmosomes (Figure 52G, H) localized to the acinar periphery (i.e. basal
surface of the cells of the acinus) suggesting appropriate apical-basal polarity consistent with
previous work 472, 493-494. Furthermore, we found the ultrastructural phenotype described to be
very robust, even when acini were grown on-top of the 3D culture instead of being fully
immersed in the 3D extracellular matrix 495.

127

Figure 52: Growth-arrested S1 acini show little evidence of lumen and unexpected cell-cell
interactions by 2D EM and serial section TEM. (A) At 10 days of growth in lrECM, S1 acini
demonstrate growth arrest with 98.8% of cells not incorporating EdU (n=5,317 cells in 3
independent experiments), (inset) control T4-2 cell incorporation of EdU at 24 hours (n=2,006
cells in 2 replicates). (B) Using DAPI staining the average number of nuclei per acini was
determined to be 11.16 (n=55 acini counted in 2 independent experiments). Acini displayed
apical polarity based on (C) ZO-1 staining oriented at apical surface (D) when quantified 57.7%
of the acini displayed apical polarity (n=592 acini counted in 2 independent experiments).
Representative immunofluorescence staining for apico-basal polarity in acini with (E) Golgi
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(GM130), (F) beta-catenin, and (G) alpha 6 integrin (inset, higher magnification). (H)
Transmission electron microscopy (TEM) of basal surface of acini reveals hemidesmosomes.
Light microscopy views of S1 acini prepared for TEM: (I) polymerized in Epon-Araldite resin
and (J) and 500 nm semi-thin cross-section through acini. TEM of acini (K - M) reveal electron
lucid intercellular spaces, which (M-M’”) serial sectioning demonstrates are continuously
present along the cell surfaces, as viewed every 0.5 µm. Scale bars for (A) 100 µm, (C, E, F, G)
20 µm, inset of (F) 10 µm, (H) 200 nm, (I) 25 µm, (J) 25 µm, (K – L) 5 µm, (M – M’”) 5 µm.
We examined embedded acini as whole-mounts by light microscopy, and noted a range of
different sizes typically ranging from ~20-50 µm (Figure 52I). Semi-thin sections of 500 nm
were imaged with optical light microscopy upon toluidine blue staining (Figure 52J). We found
that the size of each cell (in cross section) in acini was fairly similar, and that size differences of
acini were explained by differences in the number of cells per acinus (Figure 52J-L), which is
consistent with our results on nuclei number per acinus shown in Figure 52B. With transmission
electron microscopy we imaged acini of different sizes (Figure 52K-M) and discovered the cells
were not as closely associated as expected from the immunofluorescence data. In order to
evaluate a larger volume of a typical acinus than is possible by traditional TEM, we turned to a
serial sectioning approach, followed by serial TEM imaging of 22 thin resin sections, each with a
nominal thickness of 100 nm. Serial section TEM (Figure 52M-M’”) across a total depth of ~2
µm revealed the cells had intermittent junction points along their lateral surfaces and whereas
there is apical polarity as measured by ZO-1 in the apical space, no true lumen with tight
junctions is observed. Interestingly, whereas optical light microscopy of toluidine blue stained
semi-thin sections and electron micrographs clearly show the intercellular spaces, confocal
immunofluorescence microscopy of β-catenin shows continuous staining revealing that the
resolution limit of light in fluorescence microscopy can lead to a false interpretation of lateral
membrane organization (Figure 52F, J, K, L).
10.2.2 Basolateral organization with desmosomes flanked by membrane protrusions in acini with
optimal preservation
To examine the cell-cell interactions in more detail, we performed high-resolution
transmission electron microscopy (TEM) imaging (Figure 53). The cellular ultrastructure showed
exquisite preservation owing to the ultra-rapid freezing and the freeze-substitution process 485,486,
otherwise known as high-pressure freezing with freeze substitution (HPF-FS). The compact
spacing of elements within the cytoplasm (Figure 53A) displays exquisite preservation, as
indicated by dense cytoplasm free of signs of extraction or aggregation, which contains
cytoskeleton radiating from cell-cell adhesion sites (Figure 53B, C). The sites of cell-cell
adhesion occur in a spot-like pattern flanked on either side by microvilli-like structures (Figure
53A-C). The adhesion complexes typically bridge a ~30-35 nm wide gap, with prominent and
well defined ~10-15 nm thick dark bands on the cytoplasmic side of the plasma membrane
(Figure 53D, E).
To gain insight into the 3D macromolecular architecture of such adhesion sites, we employed
electron tomography (ET) (Figure 53F) with ~1 nm thin slices through the 3D tomogram
revealing straight filaments crossing the gaps perpendicular to the flanking plasma membranes.
Given the filament’s dimensions, bridging a 30-35 nm wide gap, as well as the uniform
cytoplasmic thickness and the cytoskeletal connectivity, we identified these junctions to be
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predominantly macula adherens (desmosomes)487. The junctions identified in Figure 53 are
unlikely to be another type of common cell-cell junctional complex present in epithelial cells,
zonula adherens junctions. We do observe occasional small adherens junctions which span ~1525 nm between adjacent cell membranes, but by ultrastructural analysis do not correspond to the
expected numbers of zonula adherens junctions suggested by the β-catenin staining (Figure 52F).
It is worth noting that despite the apical ZO-1 (Figure 52C) we rarely observed zonula occludens
(tight junctions).
In the areas between the desmosomal adhesion sites, the cells were typically much further apart
(several hundred nanometers; Figure 53A-C). In these spaces we found plasma membrane bound
protrusions that, when cut longitudinally or in cross-section, resemble microvilli. The fact that
desmosomes, which represent a basolateral marker, and microvilli, which represent an apical
marker, are in close proximity without separation by a tight junction (Figure 53B, C), suggest
that acinar cells no longer display the strict apical-basolateral polarity that is a hallmark of fully
differentiated epithelial tissues in vivo. Instead cells show a reduced polarity with cellular
surfaces facing the extracellular matrix still forming hemidesmosomes (Figure 52H) yet they are
lacking continuous and apically located tight junctions, and thus do not have a sealed lumen. It
should be pointed out however, that based on studies of the mammary glands of virgin and early
pregnant mice, highly ordered tight junctions and completely closed lumen appear only on day
15 of pregnancy 488,489, when components of other milk proteins such as whey acidic protein
appear 490-492.
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Figure 53: Basolateral desmosomes are flanked by membrane protrusions in acini with optimal
preservation. (A) Thin section TEM reveals the intercellular space contains copious membrane
protrusions (B) Boxed region of (A), displays complex mix of protrusion side by side with spotlike junctions. (C) The punctate cell-cell adhesion complexes framing the membrane protrusions
are likely desmosomes. (D) High magnification view from thin section TEM of the electron
dense plaques. (E) In the boxed region of (D) the electron dense plaques of the desmosome are
apparent and well separated filaments span the gap between them. Using electron tomography
(F), a single 1 nm slice through the tomogram affirmed the gap between plaques spanned 30-35
nm, the filaments between plaques to be on average 5-10 nm thick; the midline of cadherin dimer
overlap in the intercellular space can be visualized by the tomogram (F) and thin section TEM
(E). Scale bars for (A) 5 µm, (B) 1 µm, (C) 100 nm, (D) 100 nm, (E) 30 nm.
10.2.3 Membrane protrusions in the intercellular space form an extensive 3D network
When imaging large areas we found the internally located intercellular spaces to be continuous
with the 3D extracellular matrix space without tight junctional complexes, needed to form a tight
luminal seal (Figure 54A, B). Many of the intercellular protrusions resembling microvilli contain
short randomly oriented thin filaments (Figure 54C, arrows) consistent with actin filaments
typically found in microvilli lining the luminal space in epithelial tissues. However, unlike
typical microvilli, which given a certain cell type adopt a consistent shape and length within the
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same cell 493, we find membrane protrusions of various length, some of which are branched,
further indicating that their architecture may be more complex.

Figure 54: Extensive membrane protrusions fill the intercellular space. (A - B) Thin section TEM
reveals the 2-dimensional disorganization of membrane protrusions that fill the intercellular
space. (C) Higher magnification of the protrusions in (B) reveal membrane bound structures,
which appear to be randomly oriented. The protrusions are filled with cytoplasmic density and
occasionally contain organized filaments (arrows). To further understand the full organization of
these protrusions FIB-SEM imaging and feature segmentation was performed (D – F, black
arrows follow a single region for orientation). A representative single 4 nm slice of (D) the raw
dataset and (E) the pattern of masking cell from the cytoplasm through the protrusions are
shown. (F) The whole segmented volume of cytoplasm and protrusions for the two masked cells
in (E) reveals the complex and unexpected inter-connectivity between the protrusions of
opposing cells. The 3D architecture displayed by membrane protrusions includes branched,
looping, and interwoven structures. Scale bars for (A) 5 µm, (B) 2 µm, (C) 250 nm, (D) 1 µm.
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Figure 53: Nuclear invaginations observed in thin sections are 3-dimenstional tunnels and
crevices as shown by FIB-SEM and STORM. (A) In thin section TEM large nuclear
invaginations were observed, and (B, boxed region of (A)) when imaged at higher magnification
cytoplasmic material (ribosomes, arrow heads) and nuclear pore (arrow) are observed in the
crevice, while heterochromatin (asterisk) is shown on either side of the nuclear pore.. To more
clearly understand the ultrastructure of these invaginations, (C – F) FIB-SEM imaging was
performed. (C, D) Single 4 nm slices are shown from the volume dataset; (C) the insets
demonstrate a filamentous structure appears to track along the curvature of invagination of the
nucleus, left inset filament in cross-section and right inset filament obliquely sliced. (E) Boxed
region of (D), multiple filaments (arrows) are observed, with one making close contact to the
nuclear envelope likely a point of termination at the nuclear envelope (black arrow); a
mitochondrion (M) is next to the nuclear crevice. (F) 3D rendering of the nuclear envelope
demonstrates that the nuclear invaginations are crevices propagated across the surface of the
nucleus. To get at whether these structures can be detected by light microscopy, (G)
epifluorescence and (H, I) STORM imaging were performed on S1 cells immunolabeled for
Lamin B1. Again, nuclear invaginations are observed and are propagated into the nucleus over at
least 600 nm, as shown by in (I). Z-position is represented by color from -400 nm (violet) to
+400 nm (red). Scale bars for (A) 5 µm, (B) 500 nm, (C) 5 µm, (D) 5 µm, (E) 500 nm, (H) 5
µm, (I) 500 nm.
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To address this complexity and obtain high resolution insight into their 3D architecture, we
performed FIB-SEM imaging (Figure 54D-F), which allows the 3D reconstruction of large
cellular volumes at ~10nm resolution. FIB-SEM generates 3D data by cycling between backscattered electron imaging of a sample block surface and focused ion beam ablation of the
surface, iterating on this process thousands of times to sequentially cut through a volume of
sample. Each slice or ablation of the specimen surface is tightly controlled to be a specific
thickness thus generating a defined z-dimension for the voxel size (i.e. the z-slice thickness for
the FIB-SEM datasets in this manuscript are each 4 nm and thus provides a voxel dimension of 4
nm3). Such images (a single 4nm image from a stack is shown in Figure 54D) can then be
combined into a 3D volume, revealing the complexity of these membrane protrusions that can be
traced in 3D through manual segmentation of each individual slice (Figure 54E). The resulting
3D map shows that these membrane protrusions adopt a complex 3D architectural network of
interacting membrane protrusions (Figure 54F) similar to those found in mouse mammary
epithelial cells in organotypic 3D culture undergoing branching morphogenesis 494. The
protrusions observed in 3D also branch often, fold back into the plasma membrane like ruffles,
have bulges and uneven thicknesses, and are of differing lengths.
10.2.4 Nuclear invaginations in thin sections are 3-dimensional crevices and tunnels, as observed
by FIB-SEM, STORM and confocal immunofluorescence microscopy
2D TEM and 3D FIB-SEM imaging of multiple S1 acini grown in 3D lrECM revealed deep
invaginations of the nuclear membrane into the nucleus (TEM: Figure 53A, B; FIB-SEM: Figure
53C - F). These nuclear invaginations are known as type II nucleoplasmic reticulum (NR) 496-497.
Some NR invaginations in S1 acini appeared rather wide (~300 nm) (Figure 53A) and contained
~25-30 nm sized particles which we interpret to be ribosomes (Figure 53B). Inside the nucleus,
sites of invaginations often displayed electron dense heterochromatin in close proximity to the
inner nuclear membrane flanking complexes that span the inner and outer nuclear membrane,
and thus are indicative of nuclear pore complexes (Figure 53B). Note that due to the specific
sample preparation method chosen for the 2D TEM imaging, internal membranes showed low
contrast 498-500. Also, due to the difference in heavy metal staining needed for imaging samples
by FIB-SEM, the texture of the chromatin within the nucleus appears less heterogeneous (Figure
53C-F).
Other NR invaginations appeared as narrow (~25-50 nm) clefts and often contained a thin
filament ~30-40 nm diameter in cross-section near the base of the invagination deep inside the
nucleus (left cell of Figure 53C, left inset), which runs parallel to the cleft membranes without
ever entering the nucleus (Figure 53C-E) Likewise, the perpendicular, longitudinal view resolves
this filamentous structure as a fiber. Note the inserts providing a close-up view of two filaments
in two different cells recorded in cross-section and in longitudinal orientation, respectively
(Figure 53C). Another view of cross-section filaments in cells is shown in Figure 53D. Here
three thin filaments can be observed within the nuclear invagination, with one being in very close
proximity to the outer nuclear membrane (Figure 53E). Figure 53C - E are 4 nm 2D slices of 3D
volumes imaged by FIB-SEM. The narrow crevice-like nature of these invaginations becomes
clearer upon 3D rendering of the segmented nuclear envelope depicted in Figure 53F. Primary
cilia and centrosomes were observed in four of the cells at the apical surface and away from the
nucleus; and further, golgi were previously observed in distinctly apical locations by confocal
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microscopy and by volume EM were not observed to be exclusively located near invaginations,
thus indicating that these invaginations are likely not traditional nuclear clefts (Figure 52, and501503
.

Figure 54: Nuclear invaginations of the NR in normal human breast tissue. (A-E) Images of
lamin B1 immunostaining in normal human mammary tissue. (A) Maximum intensity projection
of mammary epithelial ductal and (B) acinar cells, both areas have cells with uneven nuclear
membranes indicative of invaginations of the NR. (C) Three confocal slices of the ductal
epithelium (white box) showing invaginations and uneven surface topology (white arrow). DAPI
stained nuclei in blue. (D) Confocal slice of the acinar epithelium (white box) showing nuclear
invagination (white arrow). DAPI stained nuclei in blue. (E) Vascular smooth muscle from the
same tissue section displaying convex nuclei absent of NR invaginations. Scale bars for (A) 5
µm, (B) 5 µm, (C) 3 µm, (D) 3 µm, (E) 10 µm.
In order to confirm that these nuclear crevices were indeed NR invaginations in the nuclear
envelope we labeled S1 cells grown in 2D culture with antibodies against the nuclear envelope
protein, lamin B1 then imaged these cells using conventional confocal and 3D STORM
microscopy, which allows ~20 nm resolution protein localization in three dimensions 167-168.
While conventional confocal immunofluorescence microscopy showed a punctate signal for
lamin B1 apparently residing inside the nuclear volume (Figure 53G), STORM 3D imaging
resolved these structures as hollow tubes that can be followed in 3D for over 600 nm length
(Figure 53H, I). The hollow tubes revealed by 3D STORM resemble the nuclear crevice
invaginations shown by electron microscopy. Note that the color coding reflects position in the
axial z-direction.
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10.2.5 Invaginations of the nuclear membrane in human breast epithelial cells
Electron microscopy of normal human breast epithelium has consistently revealed that
the nuclei of normal HMECs display type II NR nuclear invaginations 497, 504-508. We found that
immunostaining of normal human breast tissue with lamin B1 antibody illuminates the uneven
topology of the NR of the nuclei of HMECs in vivo (Figure 54A). Type II NRs are apparent in
both mammary ductal and acinar cells (Figure 54A, B) and in both myoepithelial cells and
luminal epithelial cells, consistent with published electron microscopy data and our electron
microscopy of mouse mammary epithelial tissue. Confocal stacks of lamin B1 staining
illuminates NR invaginations in the z-plane (Figure 54C). A NR invagination in an acinar cell
clearly reveals the uneven topology of the nucleus (Figure 54D, arrow). The appearance of the
nuclear membrane in cells from the same sample is strikingly different, lacking type II NR, as
shown with lamin B1 staining of vascular smooth muscle cells (Figure 54E). This suggests that
the unique shape of the nuclei as influenced by the NR invaginations observed in mammary
epithelium is unlikely to be a preparation artifact.
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Figure 55: Cytoskeletal organization in 3D bridges the nuclear tunnels. (A - F) FIB-SEM dataset
displaying nuclear tunnel, with a traversing thick cytoskeletal filament. (A) A single 4 nm slice
of a FIB-SEM in which the electron density of the tunneling filament is observed and (B, boxed
region in A) a close up view of the filament, displaying the density and wispy texture. (C) The
filament, rendered in 3D from the volume EM FIB-SEM dataset, linking into the
cytoarchitecture of the cell, most of which is made up of intermediate filaments. (D) View of the
nucleus spanning region of the filament in which branches are observed terminating at the
nuclear envelope (blue and black arrows). (E – E”) Cartesian coordinate cross-sections through
the filament, displaying 2 separate branches (D, blue arrows) off the filament with (E) original
EM density or (E’, yellow) as segmented volumes with the branches connected directly to the
nuclear envelope (E”, nuclear envelope in blue). (F) Cytoskeleton (yellow) segmented and
overlaid with the nuclear envelope (blue), rendered transparent, demonstrating the nuclear
envelope completely encloses the cytoskeletal filament. Scale bars for (A) 1 µm, (B) 0.25µm.
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10.2.6 Actin- and keratin-based cytoskeletal filaments inside nuclear tunnels form bridges to the
nucleus and mechanically connect the outer nuclear envelope membrane with cell
adhesion complexes
A dense cage of cytoskeletal elements surrounding the nucleus and extending out to cell-cell
junctional complexes were observed in multiple 3D volume EM datasets. Cytoskeletal elements
furthermore traversed nuclear tunnels formed by the nuclear envelope (Figure 55). As shown in
Figure 55A, we found tunnels through the nucleus in the 3D FIB-SEM data sets. Such tunnellike partitions of the nucleus can be also observed in 2D TEM images (e.g. Figure 52K-M), but
these features can only be fully appreciated upon 3D FIB-SEM imaging (Figure 55A-D). Close
inspection of a filament in the nuclear tunnel (Figure 55B) suggests it may be an intermediate
filament bundle based on its 3D morphology, however no similarly sized conical bundles are
observed in the cytoplasm as demonstrated in the 3D rendering of the segmented filament
network (Figure 55C).
Interestingly, we noticed that the main thick cytoskeletal filament traversing a nuclear tunnel
displayed a number of small branches, sometimes almost perpendicular to the main filament axis
direction (Figure 55C, D). We found that these small filaments terminate on the nuclear envelope
membrane (Figure 55D-E), suggesting a mechanical link between cell-cell adhesion sites and
regions deep inside the nucleus through the intermediate filament network. Figure 55F is a 3D
rendering of both the cytoskeletal network as well as the nuclear membrane. Note that all 3D
models are shown on top of a bottom 2D 4 nm slice of the 3D FIB-SEM volume (shown in
greyscale) in order to provide adequate ultrastructural context.
We studied entire S1 acini at somewhat lower resolution using serial block face SEM imaging
(SBF-SEM), which uses a diamond knife instead of an ion beam to trim and thus expose a new
block surface for SEM imaging. Over the course of imaging multiple acini we observed nuclear
envelope folding and tunnels in a number of cells, confirming that the NR topology was present
in a significant proportion of cells. Given the novelty of these cytoskeletal transnuclear tunnels,
we wanted to confirm these structures using more traditional approaches, such as anti-lamin B1
immunofluorescence confocal microscopy. We imaged 15 acini totaling 203 cells (from 2
experiments) and counted cells with nuclear envelope folding and tunnels (Figure 56A). We
found that all studied cells displayed nuclear membrane wrinkling and 51% of cells studied
displayed one or more nuclear tunnels, defined as a lamin B1 nuclear membrane signal
traversing the nucleus thus indicating tunneling of the nuclear membrane through the nucleus
(Figure 56B arrows, Figure 56C). In addition, we quantified tunnels with volume EM and found
that in 32 cells from 5 acini examined 10 cells (31.25%) displayed one or more nuclear tunnel
(Figure 56C). By both volume EM and confocal microscopy we found ~9% of cells had 2
tunnels, and 2-3% displayed 3 or more tunnels traversing the nucleus (Figure 56C). Furthermore,
live cell imaging of HMT-3522-S1 cells using lipophilic membrane dyes shows the nuclear
membrane clearly traversing the nucleus demonstrating, that the tunnels observed are not an
artifact of fixation or processing in the sample work up for electron microscopy or
immunofluorescence.
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Figure 56: Cytoskeletal organization in 3D bridges the nuclear tunnels and contain both actin and
keratin. (A) Confocal imaging of a growth arrested acinus, labeled for Lamin B1 and DAPI. All
nuclei display a wrinkled envelope. (B) A step-wise progression through the Lamin B1 staining
highlights nuclear tunnels in multiple nuclei (B, arrows). (C) Quantification of nuclear tunnels
per cell in confocal stacks (solid bars) and volume EM (open dotted bars). (D) 2D STORM and
epifluorescence (inset) image of actin filaments labeled by phalloidin, with focal plane at the
center of the nucleus. Shows actin filaments going through the center of the nucleus in a sideview perspective, as well as small patches of actin filaments that likely entered the focal plane
via invaginations of the nuclear envelop. (E) 3D STORM and epifluorescence (inset) images of
cytokeratin in another sample, showing keratin filaments going through the center of the nucleus
in a side-view perspective. Color was used to present the height (z) information according to the
color scale bar, with violet being closest to the coverslip and red being farthest away,
respectively. (F) 2-color STORM image of cytokeratin (green) and SUN-1 (magenta) with the
focal plane at the center of the nucleus. (G, H) The separated cytokeratin and SUN-1 channels,
respectively. SUN-1 is concentrated at nuclear tunnels and invaginations, and encircles keratin
filaments that traverse the nuclear space. Scale bars (A) 5µm (B) 10µm (D-H) 2 µm.

139

Based on the dimensions of the cytoskeletal fibers observed in nuclear tunnels, we suspected the
fibers observed in nuclear tunnels contained intermediate filaments, though they could also
contain actin. In order to address whether these cytoskeletal elements were actin- and/or
cytokeratin-based, we performed 3D STORM imaging on S1 cells labeled with either phalloidinAlexa Fluor 647 or an anti-pan-cytokeratin primary antibody detected by an Alexa Fluor 647conjugated secondary antibody. Surprisingly, we found evidence for the presence of both actin
(Figure 56D) and cytokeratins (Figure 56E) in the cytoskeletal filaments traversing the nucleus,
which is also detectable in conventional fluorescence imaging (see Figure 56D, E inserts,
respectively), but becomes much more prominent upon 3D STORM imaging.
SUN-domain proteins have been recognized widely as mechanical linkers between the
cytoskeleton and the nuclear envelope 509-512. Mediated by KASH proteins and nesprins, SUNdomain proteins act as anchors within the nuclear membrane that mechanically couple the
nucleus with cytoskeletal actin and intermediate filaments511. Recent work has shown that SUN
proteins play a critical role in transmitting mechanical stimuli from the extracellular environment
into intracellular chemical signals, including those affecting cell polarization 512.
We hypothesized that SUN-proteins can act as a linker between deep nuclear invaginations and
the cytoskeleton, which in turn links to desmosomes and hemidesmosomes, thus transducing
forces between neighboring cells in acini deep into the nucleus. By performing two-color
STORM imaging of SUN-1 and cytokeratin, we found that SUN-1 is concentrated at the nuclear
tunnels and invaginations, and encircles the cytokeratin filaments that tunnel into and through the
nucleus (Figure 56F-H). This result indicates that the cytoskeletal filaments we detect by EM and
3D STORM do not merely tunnel into and traverse the nucleus, but rather directly link the
nuclear membrane deep within invaginations to the external cellular environment. We speculate
that the unique spatial distribution of SUN and cytoskeletal proteins deep within the nucleus
allows for extracellular mechanical signals to strongly influence the collective polarization of
cellular units within acini.
10.3 Discussion
In this work, we investigated at ultra-high resolution, the structure of cells organized into tissue.
We chose to image the HMT-3522 S1 cell line, which is part of a well-studied in vitro model of
breast cancer progression 472, 491-492, 513. The S1 non-malignant HMEC cell line, recapitulates
several important aspects of the mammary gland in vivo such as growth arrest and aspects of
polarity while affording reproducibility and control not possible with native tissue. Furthermore,
the relative small size and yet multicellular complexity of the acinus makes it an ideal model
system for high-resolution 2D and 3D analysis.
We identified a number of features of growth arrested polarized cultures which had not
previously been associated with normal function and for the first time imaged the physical
structure of the cytoskeletal linkage from the desmosomes and hemidesmosomes to the nuclear
membrane. Using high resolution electron microscopy (EM) imaging technologies, including
2D TEM, 3D ET and FIB-SEM, along with optical microscopy including epifluorescence,
confocal and 3D STORM, we were able to image the architectural features of growth arrested
acinar cultures at multiple scales and unprecedented resolution.
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By immunofluorescence, growth-arrested S1 structures displayed a number of important features
of luminal epithelial acini in vivo, including localization of both basal and apical polarity
markers both in this- and in our previous- work. By integrating multiple modes of microscopy,
we constructed a much higher resolution view of the 3D architecture of growth arrested acinuslike structure in S1 breast cell line. We found aspects of basal polarity and the presence of an
extensive membrane protrusion network, which may allow neighboring cells to maximize cellcell contact areas without generating junctional commitments. Although the structures could
growth arrest, we did not observe tight junctions or an organized lumen.
Using large 3D volume EM techniques, we observed deep invaginations into the nucleus, some
of which completely traverse the nucleus. We observed that such tunnels frequently enclosed
cytoskeletal elements, which we identified as both actin and cytokeratin intermediate filaments.
FIB-SEM 3D analysis revealed the cytoskeletal filaments to end and possibly connect to the
nuclear envelope without entering directly into the nucleus space. Our observations are
consistent with previous work that has suggested that cytoskeletal elements in nuclear
invaginations may be rich sites for LINC complexes, i.e. bridges between the cytoskeleton and
chromatin 475.
An important aspect of this work is our demonstration that the cytoskeletal connection from
desmosomes and hemidesmosomes to the nucleus can take on unexpected and surprising shapes.
A few papers had described a mechanical linkage between the plasma membrane and the nuclear
membrane 474, 485, 512. Our finding of an intermediate filament cage surrounding the nucleus, and
occasionally passing into the nuclear space via invaginations or tunnels in the nucleus suggests a
unique mechanical coupling between receptors on the plasma membrane and nuclear not found
in previous work in mesenchymal type cells cultured on rigid substrata highlighting the power of
the form of imaging we’ve undertaken. Furthermore, 2-color STORM imaging demonstrates
that nuclear membrane linkers like SUN-1 can be observed in both the nuclear periphery and
nuclear tunnels. Reports of nuclear invaginations have been in the literature for a long time (for
review please see 497). Whereas, the reason behind why nuclei in epithelial cells have folds and
invaginations was not well understood, we believe that in this work we have provided a possible
explanation.
We submit that our findings of nuclear invaginations that often contain cytoskeletal filaments,
linked to the nuclear envelope, suggests a direct link between regions deep inside the nuclei and
cell-cell and/or cell-ECM adhesion sites, which would allow mechanical ECM signaling to the
nucleus and vice versa.
We further propose that integrated bioimaging is uniquely suitable to the study of other complex
systems at different scales and resolution with multi-modal imaging and subsequent data
integration at the model level. Having studied the HMT-3522-S1 in such detail, we are now
ready to perform a comparative study between 2D-, 3D- cultures and tissues in vivo for the
presence of the intriguing structures in order to understand their functional significance.
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10.4 Methods
HMT-3522 cell culture. 2D: HMT-3522-S1 and HMT-3522-T4-2 mammary epithelial cells were
grown as previously described 472, 491-492, 513. Cells were routinely tested for contamination with
the Lonza MycoAlert Assay.
3D: S1 cells on 2D were trypsinized and plated into 3D at 0.8 million cells per milliliter of
lrECM (Matrigel®) inside lrECM. Each assay was composed of 240K S1 cells resuspended into
300uL of lrECM and pipetted into a 4-well Nunc plate. Matrigel was allowed to polymerize,
500uL H14 medium was added and assays were cultured at 37˚C in a humidified atmosphere
with 5% CO2. Assays were subsequently fed every 2-3 days, EGF was withdrawn from the
medium at day 7 and acini were harvested at day 10.
Human breast tissue. Human breast tissue from reduction mammoplasty was collected in
compliance with relevant ethical regulations and approved by the Lawrence Berkeley National
Laboratory Human Subjects Committee. Informed consent was obtained from all subjects.
Mouse mammary tissue. Three week old female Mus musculus, C57BL/6 4th inguinal mammary
glands were collected and processed for EM as described below. All tissues were collected in
compliance with relevant ethical regulations and approved by the Lawrence Berkeley National
Laboratory Animal Wellness Research Committee.
Immunofluorescence. Thirty micron sections of O.C.T. embedded human breast tissue from
reduction mammoplasty or Day 10 HMT-3522-S1 acini were immunostained as follows: S1
acini were harvested from 3D lrECM cultures either by pipetting the lrECM + acini directly onto
a glass slide or by partially digesting the lrECM with a mixture of ice cold PBS + 5mM EDTA
for 15-30 minutes. S1 acini or human tissue sections were fixed in 4% paraformaldehyde for 20
minutes at room temperature or fixed in 1:1 methanol: acetone for 20 minutes at -20˚C. Slides
were blocked in 10% goat serum in IF buffer (see 495) + anti-mouse IgG Fab fragments (1:250
dilution; BD Biosciences 553998). Primary antibody was applied in blocking solution over night
at 4˚C. Slides were washed 3 x 2 hours in IF buffer. Secondary antibody was applied over night
at 4˚C. Slides were washed 3 x 2 hours in IF buffer and DAPI was applied. Acini were imaged
on a Zeiss LSM 710 laser scanning confocal microscope equipped with 100x/1.4NA objective
and 405 and 488 laser lines. The pinhole was set to 1 AU for all experiments. Data was acquired
and analyzed with Zen software or a Zeiss Axioskop Imaging platform with SPOT Basic
software. Samples were stained with Alexa Fluor 546 phalloidin (Invitrogen A12379, 1:200) to
detect F-actin or with the following antibodies: rat anti-α6 integrin clone GoH3 (BD Pharmingen
555734, 1:300), rabbit anti-ZO-1 (Life Technologies 61-7300, 1:100), rabbit anti-lamin-B1
(Abcam ab16048, 1:500), Rabbit anti-GM130 (Cell Signaling Technology 12480; 1:3,000), βcatenin (BD 610154, 1:200). AF488-conjugated secondary antibodies (at 5 µg mL-1) were used
to label the primary antibodies.
EdU staining. S1 cells were grown in 3D lrECM culture for 10 days, on day 7 EGF was
withdrawn from the medium and 24 hours prior to harvest EdU was added (5µM). Tumorigenic
HMT-3522-T4-2 cells were grown on 2D and labeled with EdU (5µM) for 24 hours. EdU
incorporation was detected with the Click-iT EdU Alexa Fluor 488 Imaging Kit (Invitrogen,
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C10337). Cells were counterstained with DAPI and proliferation was determined by counting
EdU positive cells and total cells.
High pressure freezing with freeze substitution. HMEC acini, unfixed in matrigel, were placed 1
mm wide by 200 µm deep aluminum freezing hats, cryoprotected in 20% bovine albumin for
freezing. The acini were then cryo-immobilized using a BAL-TEC HPM-010 high-pressure
freezer (BAL-TEC, Inc., Carlsbad, CA). The samples that had been unfixed prior to HPF were
placed in freeze-substitution medium made up of 1% osmium tetroxide, 0.1% uranyl acetate, and
5% ddH2O in acetone. All samples were freeze-substituted either by using a Leica AFS2 (Leica
Microsystems, Wetzlar, Germany) following a previously described protocol 514 or by super
quick freeze substitution 515. Following freeze-substitution, the acini samples were rinsed in pure
acetone and then progressively infiltrated with an epon-araldite resin 516. Samples were flat or
thin embedded before being polymerized overnight at 60°C 517.
Volume electron microscopy sample preparation. HMEC acini embedded within matrigel were
chemically fixed with EM-grade 2% paraformaldehyde and 0.5% glutaraldehyde. The acini were
stained with an osmium-thiocarbohydrazide-osmium (OTO) method 518-519 in combination with
microwave assisted processing, followed by HPF-FS, as previous described 520. Briefly, samples
were subjected to HPF as described above and freeze-substituted with 4% osmium tetroxide,
0.1% uranyl acetate, and 5% ddH2O in acetone; then flat embedded and polymerized in hard
epon resin.
Transmission electron microscopy. 70-100 nm sections were collected on formvar-coated grids
using a Reichert UltracutE ultramicrotome (Leica Microsystems, Germany). For serial section
TEM, 100 nm sections were collected in ribbons of ~5 sections upon each grid to preserve the
order and orientation of the sectioned material. Sections were post-stained using 2% uranyl
acetate in 70% methanol followed by Reynold’s lead citrate. The sections were imaged in an FEI
Tecnai 12 TEM (FEI, Hillsboro, OR) operated at 120 kV. Images were recorded using a Gatan
CCD with Digital Micrograph software (Gatan Inc., Pleasanton, CA). ImageJ software 521 and
Adobe Photoshop CS4 (Adobe Systems Inc., San Jose, CA) were used for further image
processing and for the registration of the serial section images for 3D analysis.
Volume electron microscopy imaging. For FIB-SEM, resin-embedded samples were polished
with a dry diamond knife tool to expose the area of interest on both the top and one side of the
block and then mounted to a 45° pre-tilt SEM stub using colloidal silver paint. Milling and
imaging of the block was performed on a FEI Helios Nanolab 650 Dual Beam FIB with Slice
and View software (FEI, Hillsboro, OR). 6k by 4k images were collected with Elstar in-lens
BSE detector at 2 kV with horizontal field width of 23 µm at a working distance of 2.46 mm;
FIB milling was performed at 77 pA to generate a z-dimension step size of 4 nm; 1200 total
slices for a complete depth of 4.5 µm. Due to errors with the Slice and View software, the FIBSEM run was stopped and had to be restarted multiple times, thus there are some gaps in the
entire dataset. For SBF-SEM, acini embedded in resin were mounted onto an aluminum pin with
a cyanoacrylate adhesive and loaded into a sample holder for the Gatan 3View (Gatan Inc.,
Pleasanton, CA). Serial block face scanning electron microscopy was carried out as previously
described 522. SBF-SEM data was collected using a 3View system mounted on a FEI Quanta 600
FEG SEM; serial images were 4k x 4k and acquired at 5 kV; z-dimension slices of 50 nm.
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Volume representations and manual segmentations of the volume EM datasets were performed
using FEI Amira software (FEI, Hillsboro, OR).
Electron tomography. For Electron tomography, thin sections (100 nm) were imaged in a FEI
Tecnai F30 microscope operating at 300 kV (Boulder Laboratory for 3D Electron Microscopy of
Cells, University of Colorado). Binned 2k by 2k tilt series were collected on 4k by 4k chargecoupled-device Gatan camera (Gatan, Inc., Pleasanton, CA) every 1° from 70° to 70°, using the
UCSF tomography (http://www.msg.ucsf.edu/Tomography/tomography_main.html) or SerialEM
software package (http://bio3d.colorado.edu/SerialEM/). The nominal setting of defocus was 1
micrometer, and the pixel size of the data corresponded to 1 nm. Series were aligned with the
help of either 10-nm or 15-nm gold fiducial markers (BBI Research, Inc., WI), and 3D
reconstructed using the IMOD software package (http://bio3d.colorado.edu/imod/).
Immunofluorescence labeling for STORM imaging. S1 cells were cultured on #1.5 glass
coverslips (12 mm dia.) as described above for 2D cell culture. For experiments aimed at
visualizing the actin cytoskeleton, cells were initially fixed and extracted for 1 min with a
solution of 0.3% (v/v) glutaraldehyde and 0.25% (v/v) Triton X-100 in cytoskeleton buffer (CB,
see 166), and then post-fixed for 20 min in 2% (v/v) glutaraldehyde in CB 139-140, 166. For
experiments visualizing pan-keratin, cells were fixed for 15 min in ice-cold methanol. For
immunofluorescence labeling, cells were blocked with a solution of 3% bovine serum albumin
and 0.1% Triton X-100 in PBS, and then stained with primary and secondary antibodies. The
primary antibodies used were mouse anti-cytokeratin, pan (4,5,6,8,10,13,18) (Cell Signaling
Technologies 4545P; 1:20), rabbit anti-Lamin B1 (Abcam ab16048; 1:400), and rabbit antiSUN1 (GeneTex GTX63537; 1:400). Alexa Fluor 647 (AF647)-conjugated secondary antibodies
(at 5 µg mL-1) were used to label primary antibodies for single color experiments. For 2-color
experiments, AF647-conjugated secondary antibodies (at 5 µg mL-1) were used to label pancytokeratin primary antibodies and CF568-conjugated secondary antibodies (at 5 µg mL-1) were
used to label SUN1 primary antibodies. For fluorescent labeling of actin filaments, samples were
incubated 166 with AF647-conjugated phalloidin (Invitrogen A22287) at ~0.4 µM.
STORM imaging. 3D STORM imaging 167-168 was performed on a homebuilt setup based on a
Nikon Eclipse Ti-U inverted optical microscope using an oil immersion objective (Nikon CFI
Plan Apochromat λ 100x, NA 1.45). Lasers at 647 nm (MPB Communications), 560 nm (MPB
Communications), and 405 nm (Coherent) were coupled into an optical fiber after an acoustooptic tunable filter and then introduced into the sample through the back focal plane of the
microscope. Using a translation stage, the laser beams were shifted toward the edge of the
objective so that emerging light reached the sample at incidence angles slightly smaller than the
critical angle of the glass-water interface. Continuous illumination of 647-nm laser (~2 kW cm-2;
for AF647), or 560-nm laser (~2 kW cm-2; for CF568) was used to excite fluorescence from
labeled dye molecules and switch them into the dark state. Concurrent illumination of the 405nm laser was used to reactivate the fluorophores to the emitting state. The power of the 405-nm
laser (typical range 0-1 W cm-2) was adjusted during image acquisition so that at any given
instant, only a small, optically resolvable fraction of the fluorophores in the sample were in the
emitting state. For 3D STORM imaging, a cylindrical lens was inserted into the imaging path so
that images of single molecules were elongated in x and y for molecules on the proximal and
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distal sides of the focal plane (relative to the objective), respectively 168. For imaging buffer see
166
.
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Conclusion
Overall, the work in this dissertation aims to describe new developments in interference based
optical methods, super-resolution fluorescence methods, and correlative imaging techniques.
This work further applied these techniques to answer specific scientific questions about material
and biological systems that were intractable using previous methodologies. This dissertation first
demonstrateds development and application of a novel label-free interference based optical
method for characterizing thin films on transparent substrates. It then useds this method to better
understand oxidation and reduction reactions of graphene films in real time. Next, it describeds
novel developments in a different optical method, point-localization super-resolution
fluorescence microscopy. These included the application of spectrally-resolved super-resolution
microscopy to organic adlayers on surfaces and the development of a remote focusing technique
to image oblique planes through thick biological samples. This dissertation next demonstrateds
combination of these developments in optical methods and super-resolution microscopy to create
a novel correlative super-resolution imaging methodology. It followeds up with a wholistic
overview of the challenges and opportunities inherent to correlating super-resolution methods
with electron microscopy, force microscopy, and other correlative techniques. In the final
section, this dissertation concludeds with a demonstration of concrete applications of superresolution fluorescence microscopy to biological systems and hope to have shed light on a few
unanswered biological questions. This included elucidation of the structure of meiotic
chromosome axes in C. Elegans, a mechanism for crossover-interference and crossoverregulation in the same meiotic chromosomes, discovery of a novel structural arrangement for
nuclear pore complexes in meiotic cells, and discovery of a tube-shaped structure spanning the
nucleus of breast cancer-like cells.
Together, these developments aim to enhance the capabilities of existing optical systems with the
goal of extending their scientific applicability to new systems and dimensions. The goal of such
method development is that it be used to push our collective scientific understanding to new
frontiers. I have demonstrated only a few such applications here, but it is my sincerest hope that
these methods can continue to be applied to add to our shared understanding of the natural world.
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