
UC Irvine
UC Irvine Electronic Theses and Dissertations

Title
Activating the Zygotic Genome: The Interplay between Transcription Factors, Epigenetic 
Modifiers, and cis-Regulatory Modules

Permalink
https://escholarship.org/uc/item/9fr1p00r

Author
Zhou, Jeff Jiajing

Publication Date
2022
 
Peer reviewed|Thesis/dissertation

eScholarship.org Powered by the California Digital Library
University of California

https://escholarship.org/uc/item/9fr1p00r
https://escholarship.org
http://www.cdlib.org/


 

 

 

 

UNIVERSITY OF CALIFORNIA, 

IRVINE 

 

 

Activating the Zygotic Genome: The Interplay between Transcription Factors, Epigenetic 

Modifiers, and cis-Regulatory Modules 

 

 

DISSERTATION 

 

 

Submitted in partial satisfaction of the requirements 

for the degree of 

 

 

DOCTOR OF PHILOSOPHY 

 

 

in Biological Sciences 

 

 

by 

 

 

Jeff Jiajing Zhou 

 

 

 

 

 

 

Dissertation Committee: 

Professor Ken W. Y. Cho, Chair 

Professor Kyoko Yokomori 

Associate Professor Wenqi Wang 

Professor Yongsheng Shi 

Assistant Professor Evgeny Kvon 

 

 

 

 

2022 



 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

© 2022 Jeff Jiajing Zhou 



 ii 

DEDICATION 
 
 
 
 

To 
 
 

my mother 
 
 

in recognition of her love and support 
 

  



 iii 

TABLE OF CONTENTS 

Page 

LIST OF FIGURES                                                                                                                         iv 

LIST OF TABLES                                                                                                                           vi 

ACKNOWLEDGEMENTS                                                                                                             vii 

VITA                                                                                                                                               viii 

ABSTRACT OF THE DISSERTATION                                                                                          x 

CHAPTER 1  Introduction                                                                                                            1 

CHAPTER 2  Identification of Protein Interaction Networks of                                           25 

   Foxh1 in Mouse Embryonic Stem Cells 

CHAPTER 3  Histone Deacetylase 1 Maintains Lineage Integrity                                         45 

   Through Histone Acetylome Refinement During Early  

   Embryogenesis 

CHAPTER 4  High Throughput Identification of Functional cis-Regulatory                          92 

   Modules in Xenopus Embryos using STARR-seq 

CHAPTER 5  Conclusions and Outlook                                                                             115 

REFERENCES                                                                                                                                  127 

  



 iv 

LIST OF FIGURES 

Page 

Figure 1.1  Characteristics of the epigenome during early Xenopus                                   13 

   development 

Figure 2.1  Generation of E14 mESCs stably expressing recombinant                        28 

   mFOXH1-SFB 

Figure 2.2  Foxh1 interacts with negative epigenetic regulators PRC2                        31 

   subunits and Hdac1 

Figure 2.3  Foxh1 participates in mesendodermal gene suppression in                        34 

   the ectoderm 

Figure 3.1  Hdac1 binds to genome gradually during early Xenopus                           50 

   development 

Figure 3.2  Hdac1 genomic occupancy in early Xenopus development                       52 

Figure 3.3  Maternal factors instruct Hdac1 recruitment during blastula                     54 

   stages 

Figure 3.4  Hdac1 binding to the genome is instructed maternally                              56 

Figure 3.5  Hdac1 binds to CRMs containing functionally distinct                             59 

   histone modifications 

Figure 3.6  Hdac1 bound CRMs are marked with distinct epigenetic                          61 

   signatures 

Figure 3.7  Hdac1 maintains differential H3 acetylomes between germ                      64 

   layers 

Figure 3.8  Germ-layer specific H3 acetylomes require HDAC activity                      68 



 v 

Figure 3.9  Hdac1 regulates germ layer transcriptomes both in time                            71 

   and space 

Figure 3.10  The Integrity of germ layer transcriptomes requires HDAC                       74 

   activity 

Figure 4.1  Candidate CRMs identified exhibit reporter activities                                95 

Figure 4.2  STARR-seq selectively captures transcripts derived from                         97 

   plasmids containing CRM oligos 

Figure 4.3  STARR-seq measured CRM activities fail to correlate spatial                  100 

   gene expression patterns 

  



 vi 

LIST OF TABLES 

Page 

Table 2.1  342 high confidence proteins identified from mass                                      43 

   spectrometry 

Table 2.2  RT-qPCR primer list used for gene expression assays in                           44 

   mESCs 

Table 3.1  Primer Sequences for sequential ChIP-qPCR                                             90 

Table 3.2  Normalization Factors of ChIP spike-in strategy                                       90 

Table 3.3  Primer Sequences for RT-qPCR                                                                  91 

Table 4.1  CRM PCR primer list                                                                               114 

 

  



 vii 

ACKNOWLEDGEMENTS 

 

I would like to express my gratitude and appreciation to my mentor and committee chair, Dr. 

Ken W.Y. Cho, for his guidance, patience, encouragement, and support during my graduate 

study. His mentorship has molded me into a scientist with diligence, independence, and critical 

thinking. 

 

I also would like to express my gratitude and appreciation to my committee member, Dr. Wenqi 

Wang, and his postdoctoral fellow, Dr. Han Han, for their generous support, critical comments, 

and collaborative work. 

 

I am thankful to my committee members, Dr. Kyoko Yokomori, Dr. Yongsheng Shi, Dr. Evgeny 

Kvon and former committee member Dr. Zeba Wunderlich for their guidance, constructive 

criticism, and support.  

 

I am grateful to Cho lab members for their generous help, thoughtful discussion, and immense 

support. I thank Dr. Ira Blitz, the general of our frog comrades, for the guidance and expertise in 

Xenopus. I thank Dr. Jin Cho for her patience, experiment assistance, and immense help on 

bioinformatics. I thank Paula Pham for her thoughtful discussions and emotional support. I thank 

Dr. Kitt Paraiso for his help and collaboration. I also thank Jessica Cheung, Tae Yeon Yoo, Clark 

Hendrickson, and Amina Hussein for their help and support. 

 

I want to express my most sincere appreciation and love to my family and friends for their 

support and patience during my graduate school. They have been my most enormous emotional 

support and cheerleaders. I would not have accomplished my graduate degree without them.  

  



 viii 

VITA 

 

Jeff Jiajing Zhou 

 

 

EDUCATION 

 

Ph.D. in Biological Sciences, University of California, Irvine, Department of Developmental and 

Cell Biology, June 2022 

 

B.S. in Biochemistry and Cell Biology, University of California, San Diego, Warren College, 

June 2016 

 

PUBLICATIONS 

 

Zhou JJ, Pham PD, Han H, Blitz IL, Wang W, Cho KWY. Foxh1 engages in complex chromatin 

regulation revealed by protein interactome analyses. Development, Growth & Differentiation. 

(Manuscript in prep) 

 

Zhou JJ, Cho KWY. Epigenomic dynamics of early Xenopus embryos. Development, Growth & 

Differentiation. (Manuscript in prep) 

 

Zhou JJ, Cho JS, Han H, Blitz IL, Wang W, Cho KWY. Histone deacetylase 1 maintains lineage 

integrity through histone acetylome refinement during early embryogenesis. Elife. (Manuscript 

submitted) 

 

Jansen C, Paraiso KD, Zhou JJ, Blitz IL, Fish MB, Charney RM, Cho JS, Yasuoka Y, Sudou N, 

Bright AR, Wlizla M, Veenstra GJC, Taira M, Zorn AM, Mortazavi A, Cho KWY. Uncovering 

the mesendoderm gene regulatory network through multi-omic data integration. Cell Rep. 2022 

Feb 15;38(7):110364. 

 

Han H, Nakaoka HJ, Hofmann L, Zhou JJ, Yu C, Zeng L, Nan J, Seo G, Vargas RE, Yang B, Qi 

R, Bardwell L, Fishman DA, Cho KWY, Huang L, Luo R, Warrior R, Wang W. The Hippo 

pathway kinases LATS1 and LATS2 attenuate cellular responses to heavy metals through 

phosphorylating MTF1. Nat Cell Biol. 2022 Jan;24(1):74-87. 

 

Paraiso KD, Blitz IL, Zhou JJ, Cho KWY. Morpholinos Do Not Elicit an Innate Immune 

Response during Early Xenopus Embryogenesis. Dev Cell. 2019 May 20;49(4):643-650.e3.  

 

Han H, Qi R, Zhou JJ, Ta AP, Yang B, Nakaoka HJ, Seo G, Guan KL, Luo R, Wang W. 

Regulation of the Hippo Pathway by Phosphatidic Acid-Mediated Lipid-Protein Interaction. Mol 

Cell. 2018 Oct 18;72(2):328-340.e8. 

 

PRESENTATIONS AND TRAINING 

 



 ix 

Zhou JJ. Identification of FoxH1 Transcription Coregulators during Early Embryogenesis. 

Department of Developmental and Cell Biology Seminar Research in Progress Talk, Irvine, 

California, January 30th, 2019 

 

UCI-Genomics High Throughput Facility: Topics in Bioinformatics Workshops- RNA-seq 

Analysis. University of California, Irvine, March 22nd, 2018 

 

Cell and Developmental Biology of Xenopus: Gene Discovery& Disease, Cold Spring Harbor 

Laboratory, Class of 2018 

 

PROFESSIONAL AND TEACHING EXPERIENCE 

 

Graduate Teaching Assistant for Eukaryotic and Human Genetics D137: University of 

California, Irvine, Fall 2019-2021 

 

Graduate Teaching Assistant for Developmental Biology D104: University of California, Irvine, 

Summer 2018, Winter 2019-2020 

 

Graduate Admin Teaching Assistant for DNA to Organisms Bio93: University of California, 

Irvine, Fall 2018 

 

Graduate Teaching Assistant for Cell Biology D103: University of California, Irvine, Fall 2017 

 

Undergraduate Instructional Assistant for Introductory Biology Lab BILD4: University of 

California, San Diego, Spring 2016 

 

Undergraduate Instructional Assistant for Molecular Biology BIMM100: University of 

California, San Diego, Winter 2016 

 

Undergraduate Research Assistant at Shannon Lauberth Lab: University of California, San 

Diego, June 2015- March 2016 

 

Laboratory Technician Assistant in Aquatic Animal Facility: University of California, San 

Diego, June 2014- May 2016 

  



 x 

ABSTRACT OF THE DISSERTATION 

Activating the Zygotic Genome: The Interplay between Transcription Factors, Epigenetic 

Modifiers, and cis-Regulatory Modules 

by 

Jeff Jiajing Zhou 

Doctor of Philosophy in Biological Sciences 

University of California, Irvine, 2022 

Professor Ken W. Y. Cho, Chair 

 

During early animal development, maternal mRNAs and proteins direct the biosynthetic 

activities of embryos. Through the maternal-to-zygotic transition, when both maternal clearance 

and zygotic genome activation (ZGA) occur, the zygote takes over the control of its 

developmental programs. ZGA, accompanied by epigenetic remodeling, is coordinated by the 

interplay between maternal transcription factors, epigenetic modifiers, and cis-regulatory 

modules. How such interactions are orchestrated within a chromatin environment to ensure 

proper embryogenesis is a fundamental issue in biology. Understanding mechanisms that 

underlie genome activation will advance applications in cellular reprogramming in culture, 

diagnosis of diseases, and therapeutic development. 

Here, I uncovered the protein-protein interaction network of Foxh1, which is a maternal 

transcription factor functioning in Xenopus mesendoderm development. Proteomic analyses 

revealed that Foxh1 interacts with both positive and negative regulators, suggesting a dual role 

for Foxh1 in regulating zygotic transcription. My findings infer a mechanism by which Foxh1 



 xi 

recruits repressive epigenetic complexes to suppress mesendodermal genes in developing 

ectoderm. 

Next, I conducted genome-wide analyses of Hdac1, an enzyme that removes acetyl 

groups from acetylated histones, in early Xenopus embryos. My results revealed a dual function 

model of Hdac1. On the one hand, Hdac1 keeps inactive chromatin free of histone acetylation 

resulting in the spatial and temporal repression of developmental genes. On the other hand, 

Hdac1 participates in dynamic histone acetylation-deacetylation cycles on active chromatin, 

sustaining gene expression in different germ layers. Thus, Hdac1 controls embryonic cell identity 

through epigenetic regulations. 

Lastly, I developed a high-throughput screening protocol to identify functional cis-

regulatory modules in Xenopus embryos by modifying STARR-seq method. My results 

demonstrated that the activities of candidate cis-regulatory modules can be effectively and 

quantitatively assessed; however, the complexity of cis-regulatory modules needs to be further 

determined. This modified protocol provides a basis to examine functional enhancers during 

ZGA in vivo.  

My work illustrates a complex regulation of ZGA by transcription factors, epigenetic 

modifiers, and cis-regulatory modules. The findings presented here will have broad impacts on 

developmental biology, stem cell biology, and human diseases. 
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CHAPTER 1 

Introduction 

 

Cellular differentiation, beginning at fertilization, is programmed by a hard-wired genetic control 

system. The coordinated interaction between transcriptional regulators, epigenetic modifiers, and 

cis-regulatory modules (CRMs) is manipulated within a chromatin environment to ensure proper 

differentiation trajectories. Dissecting the mechanism governing cellular differentiation has 

broad implications in the fields of human development, stem cell biology, and pathology. With 

the immense advancement in technology, genome-wide analyses have been instrumental in 

drawing associations between behaviors of transcriptional regulators, profiles of epigenetic 

signatures, and function of DNA sequences to uncover the mechanisms governing gene 

expression, cell lineage specification, and disease states (ENCODE Project Consortium, 2012; 

Berdasco and Esteller, 2010; Furey, 2012; Berger and Mardis, 2018). However, the close link 

between the molecular actions of regulators and subsequent delineation of cell lineages during 

early development remains elusive.  

Animal development starts with a union of two specialized cells, an egg and a sperm. The 

fertilized zygote is loaded with maternally supplied factors but is mostly transcriptionally silent 

(Tadros and Lipshitz, 2009; Vastenhouw et al., 2019). A process known as the maternal-to-

zygotic transition (MZT) reprograms the zygote to a transient totipotent state through both 

nuclear and cytoplasmic activities. MZT is tightly dictated by two coordinated processes: 

maternal clearance and zygotic genome activation (ZGA). Maternal mRNAs and proteins 

inherited in the egg cytoplasm direct the initial biosynthetic processes in the transcriptionally 

silent zygote. Subsequently, zygotic genes are transcribed from the nucleus leading to an active 
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clearance of maternal mRNAs. This mother-to-embryo hand-off in genetic control is also 

accompanied by remodeling the zygotic epigenome to ensure a robust and stabilized lineage 

commitment of embryonic cells (Jukam et al., 2017; Schulz and Harrison, 2018; Wu et al., 2020; 

Blitz and Cho, 2021). 

Shortly after ZGA, there begins the first cell lineage segregation, the delineation of three 

primary germ layers ectoderm, mesoderm, and endoderm. Cells from ectodermal lineage give 

rise to skin epidermis and nervous system; cells from mesodermal lineage form notochord, 

somite, heart, kidney, muscles, and blood system; cells in endodermal lineage become 

respiratory tracts and gastrointestinal system (Keller, 2005). This early stage of animal 

development is ideal for studying the mechanisms of gene regulation. In contrast to later 

developmental transitions, early embryos must undergo a drastic reprogramming of gene 

expression where numerous maternal transcription factors (TFs) specify embryonic cell fates. 

This provides a system to unveil the hierarchical order of key transcription regulators involved in 

gene regulatory networks controlling germ layer specification. In addition, the epigenome 

inherited from the parental gametes must be remodeled such that zygotic developmental 

programs robustly maintain the integrity of embryonic cell fates. This allows us to probe 

zygotically defined epigenome dynamics that entail chromatin structure, nucleosome 

organization, and post-translational modifications to histones and DNA. Moreover, 

transcriptional regulators and epigenetic modifiers must act on specific CRMs to produce 

coherent outputs of gene activities defining embryonic cell identities. This enables us to assess 

the architecture of DNA elements that contribute to the functionality of CRMs. In this chapter, I 

discuss the current understanding of early Xenopus development, emphasizing the role of 
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maternal transcription factor Foxh1, epigenetic regulatory mechanisms governing ZGA, and 

CRMs controlling zygotic genes. 

 

The role of maternal transcription factor Foxh1 during ZGA 

The fertilized embryo undergoes rapid cell division to give rise to numerous embryonic cells 

without any notable change to its size (Yartseva and Giraldez, 2015). Synchronized cell divisions 

partition maternal mRNAs and proteins into different blastomeres. Transcripts encoding 

maternal TFs are distributed such that they can be localized or uniform spatially. This process is 

essential to specify germ layer identity along the animal-vegetal axis of the embryo. The animal 

cap cells are fated to become the future ectoderm dictated by animally localized TFs such as 

Foxi2 (Cha et al., 2012). The vegetal mass cells are specified to form the prospective endoderm 

directed by vegetally localized TFs such as Vegt and Otx1 (Zhang et al., 1998; Kofron et al., 

1999; Paraiso et al., 2019). Molecular signaling pathways initiated in the endoderm are critical to 

induce the overlying ectoderm layer into the mesoderm formed at the marginal zone, which is 

followed by the dorsal-ventral patterning of the mesoderm. Besides the spatially localized TFs, 

spatially ubiquitous TFs such as Sox3, Pou5f3, and Foxh1 also play pivotal roles in germ layer 

specification (Penzel et al., 1997; Chiu et al., 2014; Charney et al., 2017; Gentsch et al., 2019).  

 Foxh1, formerly known as Fast1, is a winged-helix transcription factor initially identified 

as a transcriptional co-activator of TGF-β signaling pathway (Chen et al., 1996). TGF-β 

superfamily of cytokines plays a central role in mesoderm induction and axial patterning by 

activating a full range of dorsal and ventral mesoderm marker genes in early embryos (Wu and 

Hill, 2009). The immediate transcriptional response, such as the activation of Mix1 and Mix2, is 

independent of protein translation, where a 290-base-pair promoter element (activin-responsive 
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element, ARE) at Mix2 gene directs the immediate transcriptional effect of TGF-β signals (Chen 

et al., 1996). Yeast one-hybrid screening with a Xenopus oocyte cDNA library identified Foxh1 

as the factor acting on ARE, unveiling a direct interaction between cytosolic signal transducer 

Smads and a site-specific DNA-binding protein Foxh1 in mediating TGF-β signaling pathway.  

 Foxh1 is a major transcriptional co-activator of Nodal signaling pathway- part of the 

TGF-β superfamily conserved in amniotes (Osada et al., 2000; Whitman, 2001; Schier, 2003; 

Shen, 2007). Mature Nodal ligands binding to type II receptor (ActRII or ActRIIB), together 

with the type I serine-threonine kinase receptor (ALK4), stimulates the activation of receptors 

where the type II receptor kinase phosphorylates both type I receptor and cytosolic transducers 

Smad2 or Smad3. Phosphorylated Smad2/3 associates with Smad4 and translocates to the 

nucleus. The Smad2/3-Smad4 heterodimer then interacts with co-activator Foxh1 to induce the 

transcription of target genes. This core pathway of Nodal signaling is also modulated at various 

levels. For instance, the initiation by the binding between Nodal ligands and receptors can be 

disrupted by extracellular inhibitors Bambi, Lefty and Cerberus (Onichtchouk et al., 1999; Chen 

and Shen, 2004; Tavares et al., 2007). Phosphorylation on Smads can be reversed by Ppm1A 

phosphatase, which then stimulates the nuclear export of Smads (Lin et al., 2006). 

Transcriptional co-repressor Drap1 can inhibit the DNA binding of Foxh1 (Iratni et al., 2002). 

These complex regulations to Nodal signaling allow the developmental cues to exploit Nodal 

activity at different developmental stages.  

 In Xenopus, Foxh1 is maternally expressed and its temporal expression peaks before 

gastrulation (Chen et al., 1996; Owens et al., 2016; Charney et al., 2017). Early ARE reporter 

studies showed that Foxh1 is required to assemble the prototypical Foxh1/Smad2/Smad4 

complex and activate transcription fully at ARE (Zhou et al., 1998; Yeo et al., 1999). The 
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temporally restricted availability of Foxh1 may act as a mechanism by which the TGF- β 

mediated induction of mesodermal genes occurs prior to gastrulation but not later in 

development. Hence, Foxh1 is a temporal determinant in the early embryonic response to 

Activin/ Nodal induction. The nodal-dependent role of Foxh1 in mesoderm specification is 

elucidated in many studies. Ectopic expression of constitutive active Foxh1 induces mesodermal 

(tbxt, gsc, chordin, and wnt8) and endodermal genes (edd, sox17b) in the animal cap; in contrast, 

the ectopic expression of repressor fused Foxh1 or the injection of anti-Foxh1 antibody blocks 

the expression of endogenous mesodermal and endodermal genes (Watanabe and Whiteman, 

1999). Knockdown of endogenous Foxh1 also confers the activator role of Foxh1 in the 

formation of mesoderm and endoderm. Depleting endogenous Foxh1 with morpholino antisense 

oligonucleotides impairs activin-induced convergent extension movements accompanied by 

defective blastopore closure (Howell et al., 2002). Foxh1-depleted embryos display severe 

anterior malformation and axial abnormality with reduced expression of endodermal and 

mesodermal genes (cer, dkk, lhx1, tbxt, mix, nodal1, mixer) (Kofron et al., 2004). The study also 

revealed a transcriptional repressor role of Foxh1 where the expression of nodal5 and nodal6 is 

upregulated in Foxh1-depleted embryos. Genome-wide studies reinforce the Nodal-dependent 

role of Foxh1 during gastrulation. Foxh1 shares an overlapping binding profile with Smad2/3 on 

mesodermal and endodermal gene CRMs and regulates the expression of genes sensitive to the 

Nodal signaling inhibitor (Chiu et al., 2014; Charney et al., 2017). Together, these studies 

demonstrate an essential role of Foxh1 acting as a Nodal signaling co-activator during early 

Xenopus germ layer specification.  

 Interestingly, Foxh1 can also function independently of Nodal signaling. Comparing 

genes regulated by Foxh1 and Nodal signaling, more than 60% of genes regulated by Foxh1 are 
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neither sensitive to Nodal inhibition nor bound by Smad2/3 (Chiu et al., 2014). These genes are 

expressed ubiquitously in the early gastrula, like the expression profile of Foxh1 before its rapid 

decline. A further investigation of the Nodal-independent function of Foxh1 illustrated that 

Foxh1 protein levels are relatively consistent and abundant before gastrulation (Charney et al., 

2017). Strikingly, the binding of Foxh1 to genomic loci is detected as early as the 32~64 cell 

stage, which is hours before the activation of Nodal signaling. The persistent binding of Foxh1 to 

mesendodermal gene loci is not affected by the Nodal inhibitor suggests the genomic binding of 

Foxh1 does not rely on Nodal signaling. This study proposed a passive pioneer transcription 

factor role for Foxh1 where the binding of Foxh1 early in time is essential to induce ZGA and 

epigenetic remodeling related to mesendoderm formation. Recently, Foxh1 is also shown to 

function cooperatively with other TFs before the activation of Nodal signaling. For example, 

Foxh1, together with Vegt and Otx1, establishes endodermal super-enhancers (high H3K4me1) 

to activate endodermal genes during ZGA (Paraiso et al., 2019). Foxh1, together with Sox3 and 

Vegt, occupies genomic regions to facilitate the chromatin engagement of zygotic signals 

(Gentsch et al., 2019). Despite the findings that Foxh1 functions in both Nodal dependent and 

independent manner, there remain questions as to what protein complexes are recruited to Foxh1 

bound loci to modulate transcriptional outputs and chromatin states. 

 

Dynamics of epigenetic remodeling during ZGA 

Proper embryonic development requires an extensive reorganization of the zygotic epigenome, 

which underlies a transition from transcriptionally silent joined gametes to a transcriptionally 

active zygote (Skvortsova et al., 2018; Eckersley-Maslin et al., 2018). This epigenome 

remodeling begins shortly after fertilization when maternal TFs establish the initial totipotent 
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state of the zygotic epigenome in cooperation with epigenetic modifiers. The zygotic epigenome 

is continuously modified to accompany ZGA to ensure a robust control by zygotic 

developmental programs (Schulz and Harrison, 2018), thereby maintaining the integrity of cell 

fates in response to diverse developmental cues. Significant efforts have been placed to uncover 

the relationship between epigenetic regulation and gene expression during the earliest cell fate 

decision process (Figure 1.1). 

 

Higher-order chromatin structure 

The spatial organization of chromatin imposes a critical influence on genome functions (Vallot 

and Tachibana, 2020). Around ZGA, higher-order chromatin structures undergo extensively 

reorganized to accompany the gradual activation of zygotic genes. Chromosome conformation 

capture-based methods revealed two segregated compartments, compartment A and compartment 

B, in the interphase chromatin (Lieberman-Aiden et al., 2009). In general, compartment A 

correlates with transcriptionally active genes, and compartment B associates with 

transcriptionally silent genes (Wang et al., 2016). Within a compartment, numerous chromatin 

contact domains, or topologically associating domains (TADs), are spatially segregated to form 

distinct folding configurations (Pombo and Dillon, 2015). Extensive chromatin loops (chromatin-

chromatin interactions) mediated by the cohesion complex are present within TADs where cis-

elements of DNA sequences are in close physical proximity to each other. Boundary elements 

such as CCCTC-binding factor (CTCF) are essential to maintain the transient stability of TADs 

and prevent the chromatin contacts outside of TADs (Ong and Corces, 2014).  

 In Xenopus, the structural organization of chromatin is not detected at the mid blastula 

(st8) stage (Niu et al., 2021). Weak, TAD-like structures emerge at the late blastula (st9) stage, 
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suggesting that TADs formation coincides with ZGA. The chromatin loops between TAD 

borders and chromatin compartments are continuously consolidated from the gastrula and 

onward. Inhibition of transcription by knocking down RNA polymerase II subunit RPB1 or α-

Amanitin injection does not affect the formation of TADs at gastrula. Depletion of CTCF and 

Rad21, known factors involved in TAD regulation and loop structure formation (Heidari et al., 

2014), results in compromised TAD formation with weakened TAD borders and attenuated 

chromatin loop interactions within TADs, respectively. The genomic binding of CTCF to 

establish TADs relies on the activity of chromatin remodeling complexes such as ISWI complex.  

 The mechanism controlling TADs formation is context-dependent and regulated 

differently in different species. In fruit flies, frogs, mice, and humans, TADs initially form at 

ZGA and are consolidated onward (Sexton et al., 2012; Ogiyama et al., 2018; Niu et al., 2021; 

Ke et al., 2017; Du et al., 2017). On the contrary, zebrafish chromatin is highly structured before 

ZGA, undergoes a drastic loss in structure at ZGA, and re-establishes the organization after ZGA 

(Kaaij et al., 2018). The mechanism for such a discrepancy is unclear. The requirement of active 

transcription for TADs formation is also controversial. In fruit flies, frogs, and mice, 

transcription is dispensable to TADs formation (Hug et al., 2017; Niu et al., 2021; Ke et al., 

2017; Du et al., 2017); however, ZGA is required for TADs establishment in human embryos 

(Chen et al., 2019). Transcription-dependent TADs formation is also shown in prokaryotes 

Caulobacter (Le et al., 2016) and post-mitotic human monocyte-derived macrophages infected 

by influenza A virus (Heinz et al., 2018). Adult tissue cells carry distinct configurations of 

TADs. For example, mammalian primary liver cells exhibit robustly conserved syntenic regions 

and binding profiles of CTCF (Vietri Rudan et al., 2015). Conversely, adult frog liver cells have 

low levels of CTCF and Rad21 correlated with weak TAD structures (Niu et al., 2021). These 
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different observations on TADs formation across tissues and organisms demonstrate a highly 

complex regulation of the higher-order chromatin structure dictating cellular identities and 

physiological functions. 

 

Nucleosomes and histone variants 

Nucleosome positioning is a major chromatin regulatory mechanism by which it determines the 

chromatin accessibility for TFs and general transcription machinery (Tsompana and Buck, 

2014). Incorporation of histone variants into nucleosome also play a role in the accessibility of 

underlying DNA to transcriptional regulators (Venkatesh and Workman, 2015). Thus, 

nucleosomes and histone variants are critical players in regulating DNA-dependent processes 

such as transcription, DNA replication, and repair. Transcription of zygotic genes during ZGA is 

tightly linked to the dynamic establishment of the nucleosome landscape and incorporation of 

histone variants. 

 The position of nucleosomes significantly dictates chromatin accessibility (Radman-

Livaja and Rando, 2010). Open or accessible DNA regions (e.g., promoters and enhancers) to 

transcriptional regulators are often nuclease hypersensitive due to nucleosome destabilization or 

eviction that exposes the underneath regulatory DNA sequences (Gross and Garrard, 1988; 

Henikoff, 2008). DNAse-seq can detect regulatory elements such as promoters and enhancers in 

early Xenopus gastrula (Cho et al., 2019). Pluripotent factors PouV and Sox3 exhibit pioneering 

activity to open chromatin around TF-bound regions during ZGA (Gentsch et al., 2019). 

Interestingly, regions previously occupied by pluripotency factors lose chromatin accessibility at 

the end of gastrula (Esmaeili et al., 2020). Promoters of dorsal Wnt targets (sia1 and nodal3.1) 

are not accessible in early gastrula, partially due to the loss of histone acetylation in these 
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chromatin regions. Post zygotic chromatin gradually gains accessibility after late blastula (st9), 

largely correlating with the appearance of co-activator Ep300 and promoter histone mark 

H3K4me3 (Bright et al., 2021). The gradual increase in accessibility of zygotic chromatin 

observed in frogs is generally consistent with findings in zebrafish and mice (Liu et al., 2018; Lu 

et al., 2016).   

 H3.3, the replacement variant of H3, has been implicated in the epigetic regulation during 

early development (Szenker et al., 2011). It is enriched explicitly at highly active transcriptional 

regions marked by histone modifications associated with active transcription (Ahmad and 

Henikoff, 2002; Hake et al., 2006). An early nuclear transplant experiment demonstrated that 

incorporating H3.3 in myod promoter is required for its persistent expression in the enucleated 

egg through the epigenetic memory (Ng and Gurdon, 2008). H3.3 is required for proper 

gastrulation by activating mesoderm and neuroectoderm inductive genes and maintaining cell 

viability (Szenker et al., 2012). Phosphorylation at serine 31 on H3.3 promotes acetylation and 

represses methylation on lysine 27 in cis (Sitbon et al., 2020). These observations suggest a role 

for H3.3 in forming a permissive chromatin state for transcription. Unlike H3.3, the linker 

histone H1 is not assembled into the core histone particle; instead, it creates the chromatosome 

core particle by binding the linker region at both the entry and the exit sites of the nucleosome 

core particle (Fyodorov et al., 2017). Similar to fruit flies and zebrafish, early frog embryos lack 

H1 but are loaded with maternal subtypes of H1 (Khochbin, 2001). A linker histone variant B4 

(also known as H1M) shares 30% identify with H1 (Smith et al., 1988), and predominantly 

functions as H1 during early Xenopus development (Dimitrov et al., 1993). The level of zygotic 

H1 reaches the level of maternal B4 at mid blastula transition and exceeds vastly at the neurula 

stage when the level of maternal B4 drastically diminishes. Since B4 is less basic than H1, B4 
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has a reduced affinity to nucleosomes than H1, establishing a more permissive transcription state 

of the early embryonic genome (Ura et al., 1996). Together, the presence of different types of 

histones can modulate the transcriptional output during ZGA.  

 

Post-translational modifications on histones 

Histone tails are ~25-30% of the mass of individual histones, and protrude from the surface of 

the chromatin polymer (Wolffe and Hayes, 1999). Inherently disordered histone tails are 

extensively modified, including acetylation, methylation, phosphorylation, and ubiquitination. 

The patterns of covalent histone modifications, referred to as the ‘histone code’, significantly 

impact chromatin structure and are interpreted by ‘reader’ proteins to carry out diverse cellular 

functions (Strahl and Allis, 2000). In non-mammalian systems, the early embryonic genome is 

rather naïve, and major chromatin modifications occur at or after ZGA (Bonn et al., 2012; 

Vastenhouw et al., 2010; Gupta et al., 2014; van Heeringen et al., 2014). During ZGA, the 

zygotic epigenome undergoes dynamic changes of histone marks, which in turn affects both 

temporal and spatial gene expression patterns. 

 Histone acetylation occurs on the ε-amino group of the lysine residues within N-terminal 

tails of all four core histones H2A, H2B, H3 and H4 (Inoue and Fujimoto, 1969; Seto and 

Yoshida, 2014). Histone acetylation is often indicative of permissive chromatin states because 

the acyl groups neutralize the positive charge on the lysine residues, thereby reducing the affinity 

of histones to DNA (Wang et al., 2000; Anderson et al., 2001). The acetylation status of histone 

is determined by the equilibrium between the activities of histone acetyltransferases (HATs) and 

histone deacetylases (HDACs) (Seto and Yoshida, 2014). In Xenopus, histone acetylation 

homeostasis is required to induce mesoderm cell fate and maintain stable states of differential 
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gene activities during gastrulation (Almouzni et al., 1994). H3K9ac and H3K14ac are detected 

on β-catenin target genes (sia1 and nodal3.1) prior to ZGA at mid-blastula transition (Blythe et 

al., 2010). Genome-wide H3K27ac marks appear around the onset of ZGA and are widespread in 

the genome at gastrula stages (Gupta et al., 2014). The major HAT, Ep300 progressively binds to 

zygotic genomic loci from the blastula and onward (Hontelez et al., 2015). The binding of Ep300 

is sensitive to the loss of zygotic transcription, suggesting the involvement of zygotic factors in 

Ep300 binding refinement. Conversely, the low histone acetylation level in pluripotent blastula is 

essential for its developmental plasticity and competence (Rao and LaBonne, 2018). These 

findings illustrate a close link between the establishment of histone acetylation and the process of 

ZGA.  

 The histone acetylation status on chromatin also affects the accessibility of underlying 

DNA sequences. Xenopus ectoderm explants lose Wnt-responsive competence due to the loss of 

histone acetylation mediated chromatin closure (Esmaeili et al., 2020), implying a positive 

correlation between histone acetylation and chromatin accessibility. An increase in histone 

acetylation appears to be a shared feature of ZGA during animal development. Histone 

acetylation in fruit flies emerges on a few zygotic genes during the mirror wave of ZGA, but 

increases dramatically at the major wave of ZGA (Li et al., 2014). In zebrafish, tissue-specific 

gene loci are marked by histone acetylation, which is essential to activate zygotic genes 

(Bogdanovic et al., 2012; Chan et al., 2019). In mice, H3K27ac increases genome-wide from 

oocytes to 2-cell-stage embryos correlating with the time of major ZGA (Dahl et al., 2016). 

Although histone acetylation generally increases from mid-blastula transition and positively 

influences gene expression during ZGA, there remain unanswered questions. How are enzymes 
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regulating histone acetylation employed at zygotic genes? How are the patterns of histone 

acetylation interpreted to influence the spatial and temporal expression of genes? 
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Figure 1.1: Characteristics of the epigenome during early Xenopus development. The 

patterns of different epigenetic signatures from the zygote to the gastrula stage.  

 

Unlike histone acetylation, histone methylation can indicate either active or repressed 

states of transcription. H3K4me3 is often enriched at active promoters (Heintzman et al., 2007); 

H3K4me3, together with H3K27ac or H3K27me3, is associated with active chromatin states or 

repressive chromatin states, respectively (Skvortsova et al., 2018). H3K4me3 is catalyzed by 

lysine methyltransferases KMT2G/F (also known as SETD1B/1A) and lysine demethylases 

KDM5A-D (also known as JARID1A-D) (Beacon et al., 2021). In Xenopus, β-catenin dependent 

H3K4me3 is observed at Wnt target gene (sia1 and nodal3.1) promoters before the onset of their 

transcription (Blythe et al., 2010). Genome-wide deposition of H3K4me3 precedes or coincides 

with ZGA (Akkers et al., 2009). Maternal factors primarily direct the deposition of H3K4me3 in 

regions lacking DNA methylation (Hontelez et al., 2015). In other animals, genome-wide 

H3K4me3 appears shortly after ZGA in fruit flies (Chen et al., 2013; Li et al., 2014) and before 

the onset of ZGA in zebrafish (Vastenhouw et al., 2010; Zhang et al., 2014). Though broad 

domains of H3K4me3 are detected in mice oocytes, H3K4me3 drastically reduces in level and is 

restricted to active gene promoters at the 2-cell stage, keeping them at a poised state for gene 

activation (Dahl et al., 2016; Zhang et al., 2016). Human oocytes show sharp peaks of H3K4me3 

at gene promoters, and weak de novo deposition of H3K4me3 to the genome is observed in pre-

ZGA embryos (Xia et al., 2019). These findings suggest that H3K4me3 deposition is a 

functionally conserved feature of major ZGA in animal development.  

 H3K4me1 is enriched at active and primed enhancers to fine-tune enhancer activities and 

functions (Dorighi et al., 2017; Local et al., 2017; Rickels et al., 2017). The presence of 
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H3K4me1, coupled with the absence of H3K4me3, distinguishes enhancers (distal CRMs) from 

proximal promoters (Heintzman et al., 2009). In addition, the co-existence of H3K27ac and 

H3K4me1 demarcates active enhancers from primed enhancers (Creyghton et al., 2010; Rada-

Iglesias et al., 2011). The primary enzymes regulating H3K4me1 catalysis are KMT2C/D (also 

known as MLL3/4) and KDM1A/B (Herz et al., 2012; Beacon et al., 2021). Genome-wide 

detection of H3K4me1 is around the onset of ZGA in Xenopus (Hontelez et al., 2015). H3K4me1 

marks both maternally instructed and zygotically directed CRMs; however, CRMs directed by 

zygotic factors exhibit weak H3K4me3 but strong H3K4me1 signals, indicating that these CRMs 

are distally located. Recent studies suggested that dense clusters of CRMs with high H3K4me1 

signals act as super-enhancers (Loven et al., 2013; Whyte et al., 2013), which are thought to 

underlie robust tissue-specific gene expression. In Xenopus gastrula endoderm, key endodermal 

TFs Vegt, Otx1, and Foxh1 modulate the establishment of super-enhancers (Paraiso et al., 2019). 

The profile of H3K4me1 becomes germ-layer specific and forms super-enhancers by a sequential 

function of maternal and zygotic transcription factors by early gastrula (Paraiso et al., preprint). 

In fruit flies, H3K4me1 signals widely spread zygotic genome after ZGA flanking the binding of 

Zelda in fruit flies (Li et al., 2014; Moshe and Kaplan, 2017). CRMs marked by H3K4me1 are 

poised for further activation or repression during tissue patterning (Koenecke et al., 2017). In 

zebrafish, H3K4me1 is detected in a few regions at blastula but expands greatly afterward 

(Bogdanovic et al., 2012). Collectively, H3K4me1 primes CRMs around ZGA for robust zygotic 

transcription. However, the factors involved in establishing and interpreting H3K4me1 remain 

elusive.  

The formation of heterochromatin, a repressive chromatin state, involves several key 

histone methylation modifications associated with gene suppression. Histone H3K9 methylation 
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mediated by the interplay between KMT1 family proteins (also known as Su(var)39 family) and 

KDM3/4/7 (also known as JHDM2/JHDM3/PHF8) is essential for the formation of constitutive 

heterochromatin through the recruitment of Heterochromatin Protein 1 (HP1) (Hyun et al., 2017; 

Allshire and Madhani, 2017). Constitutive heterochromatin consisting of tandem repeats is 

formed throughout the cell cycle and plays a vital role in genome stability (Richards and Elgin, 

2002). Abundant H3K9me3 is present in Xenopus sperm but not in oocytes or eggs (Shechter et 

al., 2009). H3K9me2/3, together with H4K20me3, mark Xenopus genomic loci at blastula and 

onward (Hontelez et al., 2015). Retrotransposons are marked by H3K9me2/3 with H4K20me3, 

while a subset of DNA transposons lose these histone methylation modifications during 

gastrulation (van Kruijsbergen et al., 2017). The dynamic nature of H3K9 methylation is 

currently understudied, and the role of H3K9 methylation in gene repression during Xenopus 

ZGA requires further investigations. 

The repressive histone H3K27 methylation, H3K27me3, is dynamically regulated during 

ZGA. Unlike H3K9 methylation, H3K27me3 marks are associated with gene repression for cell-

type-specific genes, where the profiles of H3K27me3 can vary from one cell type to another 

(Margueron and Reinberg, 2011). Clusters of genomic regions enriched with H3K27me3 can 

function as silencers by forming intra-chromatin loops (Kundu et al., 2017; Cai et al., 2021). 

H3K27me3 is catalyzed by Polycomb repressive complex 2 (PRC2) and removed by KDM6A/B 

(Pan et al., 2018). In Xenopus, H3K27me3 deposition occurs after the onset of ZGA at many 

transcription factor genes correlating with the spatial restriction of gene expression (Akkers et 

al., 2009). The level of H3K27me3 increases at genomic loci devoid of DNA methylation from 

blastula to gastrula (van Heeringen et al., 2014). These genomic loci with H3K27me3 show 

repressor activity in reporter assays supporting a repressive role of H3K27me3 deposition. The 



 17 

early landscape of H3K27me3 marks is instructed primarily by maternal factors, which persist at 

many zygotic genes even at later developmental stages (Hontelez et al., 2015). Xenopus 

endodermal super-enhancers are enriched with H3K27me3 and subunits of PRC2, Ezh2, and 

Jarid, suggesting the critical role of H3K27me3 during cell fate specification (Paraiso et al., 

2019). Nevertheless, the factors direct the spatially restricted deposition of H3K27me3 are not 

known. 

The regulation of H3K27me3 modifications seems to diverge among different animal 

species. In nematode worms and fruit flies, H3K27me3 is maternally transmitted from oocytes to 

embryos, modulating the balance between H3K27ac and H3K27me3 at enhancers (Gaydos et al., 

2014; Zenk et al., 2017). A pervasive H3K27me3 is observed in fruit flies after ZGA (Li et al., 

2014). In zebrafish, H3K27me3 co-occurs with H3K4me3 at genomic regions to poise gene 

activation (Vastenhouw et al., 2010; Lindeman et al., 2011), which is similar to bivalent domains 

identified in embryonic stem cells (Bernstein et al., 2006). However, bivalent domains are not 

observed in embryos of fruit flies or frogs at ZGA (Li et al., 2014; Akkers et al., 2009). Mouse 

embryos also exhibit persistent maternally inherited H3K27me3 at distal CRMs until blastocysts 

(Zheng et al., 2016). H3K27me3 marks are erased from paternal alleles upon fertilization and re-

deposited after post-implantation. In addition, oocyte inherited H3K27me3 also plays a role in 

maternal imprinting independent of DNA methylation (Inoue et al., 2017). Contrary to mice, 

human embryos undergo global erasure of H3K27me3 at both parental alleles resulting in the 

lack of H3K27me3 at ZGA (Xia et al., 2019). The expression of PRC2 core subunits, EED and 

SUZ12, does not occur until after ZGA. Since H3K27me3 is erased globally in human embryos, 

it is unclear whether oocyte inherited H3K27me3 mediates gene imprinting. Taken together, 

H3K27me3 is dynamically regulated between different species.  
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DNA methylation 

Methylation of the fifth carbon of cytosine is one of the most studied epigenetic modifications 

conserved among fungi, plants, and animals (Feng et al., 2010). The transmission of DNA 

methylation patterns is a critical epigenetic mechanism to ensure the integrity of cell states after 

cell divisions (Bird, 2002). The pattern of DNA methylation is often unique among cell types, 

and its changes influence gene expression (Schübeler, 2015). The deposition and maintenance of 

methylation on symmetrical CpG DNA are primarily controlled by DNA methyltransferases 

(Dnmts) (Li et al., 1992; Okano et al., 1999; Ramsahoye et al., 2000). Dnmts often directly 

interact with histone-modifying enzymes causing a repressive state in the regulatory regions of 

genes (Moore et al., 2013). CpG methylation also imposes both positive and negative influences 

on the binding of TFs to DNA (Yin et al., 2017). Therefore, remodeling DNA methylation 

patterns is critical in cellular differentiation and ZGA. 

 An early biochemical study demonstrated that in vitro methylated DNA is 

transcriptionally inactive when microinjected into Xenopus oocytes (Vardimon et al., 1982). This 

suggests a functional link between DNA methylation and gene repression. In contrast to mouse 

embryos (Zaitseva et al., 2007; Popp et al., 2010), Xenopus genome does not undergo global 

demethylation, but sustains a global hypermethylated state throughout early embryogenesis 

(Veenstra and Wolffe, 2001). Embryos depleted of Dnmt1 express zygotic genes approximately 

two cell cycles earlier than wildtype embryos (Stancheva and Meehan, 2000). However, the 

ectopic expression of catalytic inactive human DNMT1 in Dnmt1 morphants abolishes the 

premature ZGA phenotype (Dunican et al., 2008). These findings revealed that DNA 
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methylation itself may not play a prominent repressive role in zygotic genes. Instead, other 

complexes interacting with Dnmt1 are critical for repressing zygotic genes before ZGA.  

 Genome-wide DNA methylome survey in Xenopus showed that promoters and gene 

bodies of actively transcribed genes are hypermethylated, but H3K4me3 enriched transcriptional 

start sites are hypomethylated (Bogdanovic et al., 2011). Consistent with human cell culture 

(Lister et al., 2009; Ball et al., 2009), Xenopus embryos display enriched DNA methylation in 

gene bodies of highly active genes, which may act as a mechanism to suppress transcription from 

intragenic promoters (Maunakea et al., 2010). Polycomb-mediated H3K27me3 repression 

domains often are more susceptible to DNA methylation in human embryonic stem cells (Lynch 

et al., 2012), but they are not subjected to DNA methylation in early Xenopus embryos 

(Bogdanovic et al., 2011). These findings highlight the compatibility of DNA methylation and 

active transcription in early Xenopus embryos, distinguishing from the repressive role of DNA 

methylation during later developmental stages such as organogenesis. Further studies are needed 

to understand how DNA methylation influences transcriptional activities differently in early 

versus late developmental times. 

 

Cis-regulatory modules controlling zygotic genes 

Proper development requires precise patterns of gene expression both in time and space. Gene 

expression is a coherent output from both coding sequences and non-coding cis-regulatory 

modules (CRMs) orchestrated by the activity of TFs and epigenetic modifiers (Spitz and 

Furlong, 2012). CRMs are typically a few hundred DNA base pairs in length, which can enhance 

(Levine, 2010; Bulger and Groudine, 2011), repress (Ayer and Benyajati, 1990; Petrykowska et 

al., 2008), or insulate (Gaszner and Felsenfeld, 2006) gene expression. CRMs can also 
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selectively tether promoter-enhancer interaction to stimulate gene expression (Calhoun et al., 

2002). Extensive studies have been conducted to understand how CRMs instruct the activities of 

gene regulators to carry out complex temporal and spatial patterns of gene expression 

(Patwardhan et al., 2009; Melnikov et al., 2012; Kvon et al., 2014; Moorthy et al., 2014; Arnold 

et al., 2014). Our understanding of the operational logic of CRMs has applications in the fields of 

cell differentiation and evolution. Moreover, the knowledge of CRM functions can be 

instrumental to therapeutic development because numerous genetic variants on CRMs are 

significantly associated with susceptibility to diseases (Hindorff et al., 2009; Mansour et al., 

2014).  

 Studies on required DNA sequences for eukaryotic gene transcription by RNA 

polymerase II emerged during the early 1980s. Viral sequences were the first elements shown to 

highly activate transcription in cis within a plasmid construct (Banerji et al., 1981, Moreau et al., 

1981). Metazoan genes were also shown to contain cis-acting sequences that strongly stimulate 

transcriptional activities in a tissue-specific manner (Banerji et al., 1983, Gillies et al., 1983). 

These early reporter studies defined a hallmark of enhancer elements that activate transcription, 

often independent of their location and orientation. In Xenopus, CRMs modulating gene 

goosecoid (gsc) were well-characterized (Koide et al., 2005). Gsc is expressed in Spemann’s 

organizer to direct dorsal mesoderm formation (Cho et al., 1991). Two promoter elements, distal 

element (DE) and proximal element (PE), are required for efficient gsc expression in vitro and in 

vivo (Watabe et al., 1995). The expression of gsc is induced by Activin/BVg1(BMP-Vg1 

chimera) at DE directly and by Wnt8 at PE. These two CRMs of gsc are functionally and 

structurally conserved in mice (Blum et al., 1992). Sia2 (formerly known as Twin) also activates 

gsc expression through direct binding at PE (Laurent et al., 1997). Transcriptional co-activators 
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Foxh1 and Gtf2ird1 (formerly known as XWBSCR11) function cooperatively in Activin/Nodal-

mediated gsc induction at DE (Ring et al., 2002). Lhx1 (formerly known as Xlim1) and Otx2 

maintain the expression of gsc by binding to the upstream element, DE, and PE of gsc during 

gastrulation (Taira et al., 1992; Blitz and Cho, 1995; Sudou et al., 2012). Mix-related homeobox 

proteins, Mixer and Milk, interact with Smads to activate gsc expression at DE (Germain et al., 

2000). In addition, Gsc itself binds to both DE and PE resulting in the downregulation of its 

expression (Danilov et al., 1998). These findings demonstrate a systematic cellular signaling 

integration at gsc CRMs during dorsal mesoderm formation.  

 The conventional reporter gene assay is a gold standard method to assess the 

functionality of DNA sequences. Yet, it is limited by its low-throughput, and poor proxy for the 

activities of CRMs scattered along the genome. High-throughput sequencing methods allow us to 

construct an unbiased genomic view of potential CRMs in a wide range of tissues and 

developmental stages. CRMs are often characterized as nucleosome depleted and DNase 

hypersensitive due to the binding of transcriptional regulators (Elgin, 1988; Gross and Garrard, 

1988). For example, the “house-keeping” gene eef1a1o and the developmental gene otx2, but not 

a silent gene hbe1 are sensitive to DNase treatment in Xenopus gastrulae (Cho et al., 2019). 

CRMs occupied by pluripotency maternal TFs PouV and Sox3 are DNase sensitive during the 

mid-blastula transition (Gentsch et al., 2019). Compared to surrounding somatic tissues, 

accessible CRMs in neural progenitor cells are associated with genes functioning in neurogenesis 

and neuron differentiation during Xenopus tail regeneration (Kakebeen et al., 2020). CRMs 

associated with genes regulating mesodermal and neural development and cell pluripotency lose 

accessibility from the early to the late gastrula, indicating the temporal usage of accessible 

CRMs along the developmental trajectory (Esmaeili et al., 2020). Genome-wide chromatin 
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accessibility increases from late blastula but not before, indicating that the number of CRMs 

increases globally to accompany the expression of diverse zygotic genes (Bright et al. 2021). 

These findings demonstrate the application of genome-wide chromatin accessibility assays as a 

predictive measurement of potential CRMs.  

 Key TFs initiate the transcriptional complex assembly at CRMs to induce the gene 

expression networks governing specific cell lineages. Thus, high-throughput profiling of key TFs 

is also employed to identify potential CRMs. CRMs of key Spemann’s organizer genes cer and 

gsc are marked by Vegt and Sia at late blastula (Sudou et al., 2012). CRMs bound by T-box TFs, 

Eomes, Vegt, and Tbxt are associated with genes for mesoderm induction (Gentsch et al., 2013). 

Head organizer gene Otx2 binds to CRMs of head inductive genes in cooperation with Lhx1 and 

Gsc (Yasuoka et al., 2014). Mesendodermal CRMs are persistently bound by maternal Foxh1 at 

early development, and such CRMs are primed by Foxh1 as early as 32~64 cell stages (Charney 

et al., 2017). A combinatory binding of maternal TFs Vegt, Otx1, and Foxh1 is found at CRMs 

associated with endodermal genes (Paraiso et al., 2019). Xenopus gastrula inductive signals Wnt, 

Nodal, and BMP depend on the binding of PouV and Sox3 to their CRMs (Gentsch et al., 2019). 

These studies indicate that the binding of crucial lineage specifying TFs, or often the 

combinatorial binding of TFs, can reveal potential CRMs.  

 Epigenetic features are highly correlated with the states of CRMs, where different 

activities of CRMs may be demarcated by a range of combinations of epigenetic features 

(Hardison and Taylor, 2012). The widely used epigenetic signatures to predict functional CRMs 

include histone acetylation (Roh et al., 2005), binding of co-activator p300 (Visel et al., 2009), 

and H3K4me1(Heintzman et al., 2009). The presence of H3K27ac on CRMs and the activities of 

neighboring genes are highly correlated (Creyghton et al., 2010; Rada-Iglesias et al., 2011). 
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During early Xenopus development, zygotic genomic loci are progressively marked by H3K27ac 

and Ep300 from blastula and onward (Gupta et al., 2014, Hontelez et al., 2015). This observation 

suggests that CRMs utilized by zygotic genes are occupied by histone acetyltransferases and 

decorated with histone acetylation. H3K4me1 is indictive of CRMs in a primed state where such 

CRMs may undergo rapid upregulation or active repression of their activities (Lupien et al., 

2008; Cui et al., 2009; Rada-Iglesias et al., 2011; Bonn et al., 2012). Evidence in Xenopus 

endoderm explants shows clusters of endodermal (foxa2, foxa4, gata6, hhex, etc.) CRMs exhibit 

strong signal of H3K4me1 (Paraiso et al., 2019). These clusters of CRMs with the high signal of 

H3K4me1 are endodermal-specific super-enhancers, which are major hubs of transcriptional 

regulation (Loven et al., 2013; Whyte et al., 2013). Observed Xenopus endodermal super-

enhancers are subjected to both active and repressive epigenetic modifications, presumably in 

different cell lineages (Paraiso et al., 2019; Paraiso et al., preprint), following the notion that 

H3K4me1 marks primed CRMs.  

 The integrative analysis of different high-throughput methods is the best approach to 

predicting functional CRMs. Recently, Xenopus mesendoderm gene regulatory network has been 

elucidated using linked self-organizing maps (Jansen et al., 2022). Newly identified CRMs 

through this highly dimensional integrating study exhibit reporter activities in vivo. However, 

whether all predicted CRMs are functional remains elusive. Thousands of developmental CRMs 

were functionally assessed in Drosophila embryos to uncover their temporal and spatial activities 

(Kvon et al., 2014). A system for high-throughput genomic integration of reporter constructs in 

Xenopus is unavailable. Alternatively, an episomal approach, self-transcribing active regulatory 

region sequencing (STARR-seq), effectively assesses the functionality of DNA sequences 

encompassing the entire Drosophila genome (Arnold et al., 2013). Additional variations to 
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STARR-seq have been developed to examine the CRMs in vertebrates with larger genome sizes 

(Liu et al., 2017; Barakat et al., 2018; Schöne et al., 2018; Wang et al., 2018; Neumayr et al., 

2019). Applying this method may provide insights into how regulators integrate activities of 

functional CRMs in early Xenopus embryos. 

 For my dissertation work, I aimed to elucidate the contribution of maternal TFs, 

epigenetic modifiers, and functional CRMs to ZGA and understand how each of them impacts 

the formation of three primary germ layers in Xenopus. I proposed a transcriptional repressive 

function of maternal Foxh1 during gastrulation (Chapter 2). Next, I examined the regulation of 

histone acetylome by epigenetic modifier Hdac1, which is pivotal in maintaining the integrity of 

germ-layer transcriptomes (Chapter 3). Lastly, I modified and applied the high-throughput CRM 

identification method STARR-seq to assess the functionality of CRMs in gastrula embryos 

(Chapter 4). My work reveals the fundamental molecular principles during early development, 

which will be broadly applicable to developmental biology, chromatin biology, genomic biology, 

and human diseases.  
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CHAPTER 2 

Identification of Protein Interaction Networks of Foxh1 in Mouse Embryonic Stem Cells 

 

Abstract 

Precise patterns of gene expression both in time and space ensure a proper progression of 

developmental processes. Early embryonic cell fates are specified through the integration of gene 

induction and suppression. Foxh1, a maternal transcription factor, primes embryonic cells to 

adopt a mesendodermal fate; yet, the transcriptional coregulators in conjunction with Foxh1 at 

genomic loci are unknown. Here, we report the protein-protein interactome network of Foxh1 in 

mouse embryonic stem cells. We confirm the interaction between Foxh1 and epigenetic 

repressors, PRC2 subunits and Hdac1. Foxh1 modulates genes in early gastrula Xenopus 

ectoderm where a subset of genes is co-repressed by Foxh1-Hdac1 interaction. Our findings 

reveal a complex genomic engagement of transcription factors and epigenetic modifiers for cell 

lineage specification.  

 

Introduction 

Precise regulation of gene expression is crucial for embryonic cell lineage determination during 

vertebrate embryogenesis. Understanding basic molecular mechanisms governing cell fate 

specification has far-reaching implications in stem cell biology, cancer biology, etc. Extensive 

studies have identified many essential genes that impose positive and negative regulations on 

developmental programs, thereby specifying cell identity (ENCODE, 2012; ENCODE, 2020). 

The dynamic equilibrium between gene induction and suppression ensures a proper progression 

of embryonic development, such as gastrulation. 
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In Xenopus, the vegetal region of the embryo poses two important developmental 

properties. It gives rise to the future endoderm autonomously and induces the overlying tissues to 

become the prospective mesoderm (Winklbauer, 2020). The vegetally localized maternal T-box 

TF Vegt is crucial to confer these two developmental properties. Vegt activates pro-endodermal 

TFs, including Sox17, Gata5, and Mixer, and controls the zygotic transcription of nodal ligands 

for mesoderm development (Stennard et al., 1996; Lustig et al., 1996; Zhang et al., 1996; 

Xanthos et al., 2001; Whiteman et al., 2001; Paraiso et al., 2019). Nodal ligands bind to type I 

and type II serine-threonine kinase receptors and induce the phosphorylation of cytosolic 

Smad2/3, leading to their interaction with Smad4 for nuclear translocation (Hill, 2001). Foxh1, a 

maternal forkhead-box TF, is a critical cofactor in forming a nodal-induced Smad complex that 

activates mesodermal and endodermal genes (Zhou et al., 1998; Howell et al., 2002; Chiu et al., 

2014). Foxh1 binds to genomic loci as early as the 32~64 cell stage, significantly earlier than the 

onset of ZGA (128-cell stage); Foxh1 persistently binds to many putative mesendodermal 

CRMs, which subsequently gain well-characterized active histone modifications such as 

H3K4me1 and H3K27ac at ZGA and onward (Charney et al., 2017). These observations raise 

whether Foxh1 recruits epigenetic regulators like histone-modifying enzymes during ZGA. 

Furthermore, Nodal/Foxh1 can function as a repressor that inhibits nodal5 and nodal6 in the 

ventral vegetal blastula stage embryos (Kofron et al., 2004). Interestingly, a co-repressor Tle4 

(also known as Grg4) is recruited to genomic loci by Foxh1 through physical interaction (Reid et 

al., 2016; Charney et al., 2017) independent of nodal signaling. These findings lead us to 

hypothesize that Foxh1 functions as a transcriptional repressor in the absence of nodal signaling, 

given that maternal Foxh1 is ubiquitously distributed across the developing embryo; if so, what 
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co-regulators are involved in this repression, and how is this repression carried out 

mechanistically? 

Here, we report that FOXH1 participates in protein interaction networks functioning in 

various aspects of chromatin regulation in mouse embryonic stem cells (mESCs). The protein-

protein interactions between Foxh1 and PRC2 core subunits and Hdac1 are recapitulated using 

Xenopus proteins. Foxh1 and Hdac1 co-repress a small subset of genes in the ectoderm of 

developing Xenopus embryos. Our results elucidate a transcriptional repressor function through 

epigenetic regulations for Foxh1.  

 

Results 

Generation of E14 cells stably expressing mFOXH1-SFB 

To identify the specific protein interactome of mFOXH1, we first generated an E14 mESC line 

stably expressing mFOXH1 with epitope tags. We here constructed a mFOXH1 recombinant 

protein where a S-protein peptide, two copies of FLAG peptides, and a streptavidin-binding 

peptide (SBP), respectively, were added to the C-terminus (Figure 2.1A) (Wang et al., 2014). 

The S-protein peptide and SBP enable a sequential immunoprecipitation (IP) to effectively 

eliminate non-specific proteins, while the FLAG peptide allows for the detection of bait protein. 

The lentiviral transduction was used to integrate the mFOXH1-SFB cassette into the genome of 

E14 mESCs. On day seven of the antibiotic selection, colonies of E14 mESCs transduced by 

lentivirus survived and propagated while non-transduced E14 mESCs did not (Figure 2.1B). 

Western blot analyses showed the expression of mFOXH1-SFB recombinant protein in 

transduced but not non-transduced mESCs (Figure 2.1C).  
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Figure 2.1: Generation of E14 mESCs stably expressing recombinant mFOXH1-SFB. 

(A) A schematic diagram of the recombinant protein with SFB triple tags, S-protein tag, FLAG 

tag, and streptavidin-binding peptide (SBP) tag at C-terminus. (B) E14 cells transduced by 
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lentivirus show resistance to puromycin after seven days of selection. (C) Western blot of E14 

cells expressing mFOXH1-SFB recombinant proteins, mFOXH1 is detected by FLAG antibody; 

b-Tubulin is used as a loading control. (D) Immunofluorescence images illustrating that 

mFoxh1-SFB is localized to the nucleus of E14 cells. The white dash on the right top corner 

denotes 10 microns. (E) Western blot showing the protein levels of mFOXH1-SFB in non-

transduced E14 (UT), heterogeneous cell pool (HP), monoclonal line 1 (MC1), monoclonal line 

2 (MC2), monoclonal line 3 (MC3), and monoclonal line 4 (MC4) of mESCs. mFOXH1 is 

detected by FLAG antibody; b-Tubulin is used as a loading control. (F) RT-qPCR analyses of 

pluripotent marker and early germ layer marker genes in E14 mFOXH1-SFB cell lines. Error 

bars represent standard deviation values from two technical replicates. 

 

 

Given that this initially established mFOXH1-SFB E14 mESC line is a heterogeneous 

pool consisting of cells with different integration sites and copies, we isolated monoclonal lines 

of mFOXH1-SFB mESCs that descend from a single cell using the dilution method. To confirm 

the physiological state of mFOXH1-SFB proteins, we used immunofluorescence staining to 

show that mFOXH1-SFB is strictly localized to the nucleus (Figure 2.1D), which follows the 

role of mFOXH1 as a transcription factor. Compared to the initial heterogeneous pool, isolated 

monoclonal mFOXH1-SFB E14 mESCs exhibit more uniform expression levels of mFOXH1-

SFB. Western blot analyses demonstrated variable protein levels of mFOXH1-SFB in clones of 

mFOXH1-SFB E14 mESCs (Figure 2.1E). Gene expression analyses showed high RNA levels of 

mFoxh1 and pluripotency genes but not early germ layer marker genes, confirming that mFoxh1 

overexpression does not affect the pluripotency of embryonic stem cells (Figure 2.1F).  
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FOXH1 participates in diverse protein-protein interaction networks  

Liquid chromatography-mass spectrometry was performed on mFOXH1-SFB IP eluate to 

identify mFOXH1 associated proteins. 342 proteins consistently recovered from three 

independent samples (heterogeneous pool cells, monoclonal 1 cells, and monoclonal 2 cells) are 

considered as potential putative mFOXH1 interactants (Table 2.1). Gene ontology enrichment 

analysis showed that mFOXH1 participates in diverse cellular processes (Figure 2.2A). We 

highlight that mFOXH1 interacts with proteins functioning in various aspects of chromatin 

regulation (Figure 2.2B), consistent with the notion that TFs often recruits coregulators to 

influence the local chromatin states (Spitz and Furlong, 2012). We obtained a list of mFOXH1 

interacting proteins functioning in chromatin organization for further analyses (Figure 2.2C). 

SMAD2 and SMAD3, known FOXH1 interactants through Activin/Nodal signaling (Massagué, 

2012), are captured. Proteins positively or negatively regulating chromatin are identified as 

potential mFOXH1 interacting proteins. For example, SMARCA5 and HELLS are known 

regulators related to SWI-SNF chromatin remodeling complexes (Oppikofer et al., 2017; Dennis 

et al., 2001). NSD1 is a histone methyltransferase depositing H3K36 methylation during 

transcription elongation (Lucio-Eterovic et al., 2010). Alternative, TET1 and OGT are assembled 

into DNA methyltransferase complexes (Hrit et al., 2018). SUZ12, JARID2, and EZH2 are 

subunits of Polycomb repressive complex 2 (PRC2) that deposits H3K27me3 modification on 

inactive genes (Chammas et al., 2019). HDAC1 is a histone deacetylase removing active histone 

acetylation modifications, thereby facilitating the repression of genes (Seto and Yoshida, 2014). 

These results suggest that mFOXH1 participates in diverse cellular processes which can either 

positively or negatively regulate transcription. 
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Figure 2.2: Foxh1 interacts with negative epigenetic regulators PRC2 subunits and Hdac1. 

(A) Gene ontology enrichment analysis of 342 potential putative Foxh1 interacting proteins 

identified by mass spectrometry. (B) Interactome diagram illustrating Foxh1 interacting proteins 

that function in chromatin regulation. The sizes of circles are modified based on p-values from 

Metascape. (C) The list of proteins belonging to GO term chromatin organization, plus bait 

protein FOXH1, and known interactants SMAD2 and SMAD3. The numbers indicate the mean 
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of total peptides detected between three biological replicates. (D) Western blot showing the 

interaction between Foxh1 and PRC2 core subunits Ezh2, Eed, and Suz12 in the lysate from 

HEK293T cells. EtBr: ethidium bromide. (E) Interaction between Foxh1 and Hdac1 in the lysate 

from HEK293T cells.  

 

 Though Foxh1 is shown to interact with Groucho family repressors (Reid et al., 2016; 

Charney et al., 2017), specific effectors of the repressive action are unknown. Our mass 

spectrometry results led us to hypothesize that Foxh1 can recruit PRC2 and HDAC-containing 

complexes to facilitate transcriptional repression. To confirm interactions identified in mESCs 

are also present in Xenopus, we performed co-IP experiments using respective Xenopus proteins 

and found that Foxh1 interacts with all three core subunits (Ezh2, Eed, and Suz12) of PRC2 

independent of nucleic acids (Figure 2.2D). The interaction between Foxh1 and Hdac1 was also 

confirmed (Figure 2.2E). These validated Foxh1 interactions led us to predict that Foxh1 

functions as a transcriptional repressor by the recruitment of PRC2 and HDAC-containing 

complexes in Xenopus.  

 

The role of Foxh1 in developing embryonic ectoderm 

Foxh1 is a well-characterized co-activator of Nodal signaling; the validated interactions between 

Foxh1 and repressive epigenetic modifiers raise the question of whether Foxh1 can function as a 

transcriptional repressor, presumably independent of Nodal signaling. Given that Nodal signaling 

but not Foxh1 is spatially restricted, we speculate that Foxh1 bears a repressive function in the 

absence of Nodal signaling within the ectoderm. We, therefore, hypothesize that Foxh1 recruits 
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repressive epigenetic modifiers such as Hdac1 to repress mesendodermal genes in the developing 

ectoderm. 

To test this hypothesis, we first sought to identify genes regulated by Foxh1 in the 

ectoderm. One-cell staged embryos were injected with control or Foxh1 morpholino (MO) at the 

animal cap site, and incubated to the late blastula stage. Animal cap tissues were dissected and 

then incubated to the early gastrula stage for RNA sequencing (Figure 2.3A). Consistent with the 

previous study (Chiu et al., 2016), Foxh1 morphants display incomplete blastopore closure and 

impaired AP axis; these abnormalities are reduced in rescued embryos by ectopic-RNA 

expression of foxh1 (Figure 2.3B). Differential gene expression analysis between Foxh1 

morphant and control ectoderm tissues revealed 192 upregulated and 384 downregulated genes 

(Figure 2.3C). Spatial gene expression analysis revealed that differentially regulated genes by 

Foxh1 in ectoderm does not exhibit any germ layer enrichment (Figure 2.3D). We then tested the 

function of Foxh1-Hdac1 interaction. The genomic binding profiles of Hdac1 share high 

similarities to the genomic binding profiles of Foxh1 from mid-blastula to early gastrula, 

suggesting that Foxh1 and Hdac1 occupies similar genomic regions (Figure 2.3E). A list of 521 

Hdac1 direct repressing genes were generated from overlapping Hdac1 bound genes to TSA-

induced genes in gastrula ectoderm (Figure 2.3F). Of 192 Foxh1 repressed genes, 12 genes are 

also suppressed by Hdac1 (Figure 2.3G). A small percentage (6.3%) of genes regulated by 

Foxh1-Hdac1 suppression suggests that additional mechanisms (such as other TFs recruit Hdac1 

in the absence of Foxh1) must be present to inhibit the expression of non-ectodermal genes in the 

developing ectoderm (Figure 2.3H). 
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Figure 2.3: Foxh1 participates in mesendodermal gene suppression in the ectoderm. 

(A) A schematic diagram showing the animal cap (AC, presumptive ectoderm) dissection for 

embryos. (B) Foxh1 morphant embryos display abnormal anterior-posterior axis and incomplete 
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blastopore closure. (C) Heatmap representing differentially expressed genes in Foxh1 morphant 

versus control ectodermal tissues. (D) Violin plot showing the spatial expression levels of genes 

differentially regulated by Foxh1. AC: animal cap (presumptive ectoderm), MZ: marginal zone 

(presumptive mesoderm), and VG: vegetal mass (presumptive endoderm). (E) Clustered 

heatmaps depicting the genomic binding signals of Foxh1 and Hdac1 in st8, st9, and st10.5 

embryos. (F) Venn diagram illustrating Hdac1 directly suppressed genes in the ectoderm. (G) 

Venn diagram depicting genes co-suppressed by Foxh1 and Hdac1 in the ectoderm. (H) Model 

of Foxh1 and other TFs recruiting Hdac1 to suppress mesendodermal genes in the ectoderm. 

 

Discussion 

Here we uncover the proteomic interaction network of transcription factor FOXH1 (Table 2.1). 

In mESCs, FOXH1 interacts with proteins functioning in RNA bioprocesses, ribosomal 

bioprocesses, and chromatin organization (Figure 2.2A). Interactions of Foxh1 with repressive 

epigenetic modifiers, PRC2 subunits and Hdac1, are reconstituted with Xenopus proteins, 

underlying a transcriptional repressor function for Foxh1. However, only a small subset of genes 

is co-repressed by Foxh1 and Hdac1 in the ectodermal lineage of Xenopus.  

 FOXH1 participates in diverse aspects of chromatin regulation in mESCs (Figure 2.2B). 

In agreement with the known role of FOXH1 as a Nodal signaling co-activator, our mass 

spectrometry identified both SMAD2 and SMAD3 as FOXH1 interactants supporting the 

validity of our experiments. Transcription factors bind to specific DNA motifs and recruit 

epigenetic regulators to facilitate the assembly of basal transcriptional machinery (Chen and 

Dent, 2013; Zaret, 2020). Our mass spectrometry result revealed several known epigenetic 

regulators involved in various aspects of chromatin regulations, including nucleosome assembly, 
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histone modifications, and chromatin organization (Figure 2.2B, 2.2C). Foxh1 binds to the 

zygotic genome as early as 32~64 cell stages in early Xenopus embryogenesis, suggesting it 

might act as a passive pioneer transcription factor (Charney et al., 2017). The capture of 

SMARCA5 and HELLS, regulators related to SWI/SNF complex, provides a mechanism where 

Foxh1 may exploit the activity of SWI/SNF complex to access the highly compacted embryonic 

genome during such an early stage of development. Foxh1 is reported to interact with Groucho 

family co-repressors (Reid et al., 2016; Charney et al., 2017). Nodal/Foxh1 inhibits nodal5 and 

nodal6 in the ventral vegetal blastula embryos in Xenopus (Kofron et al., 2004). These findings 

infer a transcriptional repressor role for Foxh1. Indeed, our results elucidate a potential 

mechanism by which Foxh1 recruits PRC2 (Figure 2.2D) and Hdac1 (Figure 2.2E) to confer 

repressive chromatin states through H3K27me3 deposition and histone hypoacetylation, thereby 

suppressing transcription. Together, our Foxh1 protein-protein interaction network suggests that 

Foxh1 can both positively and negatively regulate transcription through the engagement of 

epigenetic regulators.  

The protein-protein interaction between Foxh1 and negative epigenetic modifiers raises 

the question of where such an interaction is employed in the physiological context. We propose 

that Foxh1 acts as a transcriptional repressor in the ectoderm of developing embryos (Figure 

2.3H) for the following evidence: (1) Nodal signaling is absent in the ectoderm (Hill et al., 2001) 

while (2) Foxh1 is ubiquitously expressed (Chiu et al., 2014; Charney et al., 2017) in embryos 

and (3) interacts with PRC2 subunits and Hdac1 (Figure 2.2D, 2.2E), and (4) Hdac1 genomic 

binding profiles highly overlap with Foxh1’s (Figure 2.3E). Differential gene expression analysis 

revealed that Foxh1 can both positively and negatively regulate gene expression in the ectoderm 

(Figure 2.3C). Genes repressed by Foxh1 encompass only a small overlap (~10%) with genes 
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inhibited by HDAC activity in the ectoderm (Figure 2.3G). These findings support the notion 

that Foxh1 can function as a transcriptional repressor through Hdac1 activity. However, this 

mechanism only applies to a small subset of genes, suggesting that additional factors may be 

present to compensate for the loss of Foxh1 because transcription factors often function in a 

combinatory fashion (Ravasi et al., 2010). Previous studies in Xenopus showed that Foxh1 binds 

to genomic regions overlapped with Otx1, Vegt, Sox3, and Sox7 (Paraiso et al., 2019; Jansen et 

al., 2022). It is highly likely that, Sox3, for instance, functions cooperatively with Foxh1 to 

suppress mesendodermal genes in the ectoderm. Thus, a loss or reduction of Foxh1 alone is not 

sufficient to relieve this suppression. Additional investigations are needed to further uncover the 

repressive role of Foxh1. 

 

Materials and Methods 

DNA plasmid constructs 

To stably express mFOXH1 tagged with SFB tags, mFOXH1 open reading frame (ORF) was 

obtained from reverse-transcribed cDNA and cloned into the destination vector that contains C-

terminal triple (S tag-Flag tag-SBP tag, or SFB) tags (Wang et al., 2014). mFOXH1-SFB fusion 

protein is then cloned into pLV-EF1a-IRES-Puro vector (Addgene, 85132) for lentivirus 

production.  

To test the interaction between Foxh1 and candidate interactants (Ezh2, Eed, Suz12, 

Hdac1), ORFs of candidate interactants were obtained using reverse-transcribed cDNA and 

cloned into pCS2+ (modified from Addgene 102860) vector to express N-terminal 1X HA 

tagged fusion proteins. Foxh1 was also cloned in pCS2+ vector for the expression of N-terminal 

3X FLAG tagged fusion proteins. 
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Cell culture and Lentiviral transduction 

E14 mESC cells were cultivated in KnockOut D-MEM (Thermo Fisher, 10829018) with ES-cell 

certified FBS (R&D, S10250H), GlutaMAX (Thermo Fisher, 35050061), MEM non-essential 

amino acids (Thermo Fisher, 11360070), penicillin-streptomycin (Fisher Scientific, 15140122), 

b-mercaptoethanol (1000X, 3.5ul of 100% b-ME in 1ml D-PBS), and murine LIF (Millipore 

Sigma, esg1107) on gelatinized culture dishes. Lentivirus containing pLV-EF1a-mFOXH1-

IRES-Puro was packaged with psPAX2 (Addgene, 12260) and pMD2.G (Addgene, 12259) and 

transduced on lowly seeded mESCs for two days. Puromycin (5ug/ml, A1113803) was applied 

consecutively to select target clones. After 14 days of selection, single clones were picked, and 

expanded using the dilution method. 

HEK293T cells were cultivated in DMEM (Thermo Fisher, 11965118) with FBS (R&D, 

S11195) and penicillin-streptomycin (Fisher Scientific, 15140122). HEK293T cells were 

transfected with polyethylenimine (PEI, Polysciences, 23966) accordingly (Longo et al., 2013). 

 

Animal Model and Morpholinos 

Xenopus tropicalis embryos were obtained by in vitro fertilization according to Ogino et al. 

(2006) and staged according to Nieuwkoop and Faber (1994). All embryos were cultured in 1/9X 

Marc’s modified Ringers (MMR) at 25 C. Embryos were dissected at the late blastula stage (6 

hpf) and cultured to the early gastrula (7 hpf) for harvest. Animals were raised and maintained 

following the University of California, Irvine Institutional Animal Care Use Committee 

(IACUC). Animals used were grown in the laboratory and/or purchased from National Xenopus 

Resource.  
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For Foxh1 morpholino (MO) experiments, injections were performed at the 1-cell stage 

in the animal cap region. 22.5 ng of foxh1 MO (Chiu et al., 2014) and standard control MO 

(Genetools) were used. To rescue Foxh1 morphants, foxh1 mRNA is in vitro transcribed 

(Invitrogen, AM1340) from pCS2+-3X FLAG-foxh1 and co-injected with foxh1 MO at 

30pg/embryo.  

 

Immunoprecipitation and co-Immunoprecipitation 

For mFOXH1 mass spectrometry (MS), thirty million respective mFOXH1 mESCs were 

harvested and proceeded as described (Wang et al., 2014). Briefly, cells were lysed in 1X NETN 

buffer (20mM Tris-HCl pH8.0, 100mM NaCl, 0.5mM EDTA, 0.5% NP40, PICs). The clear 

lysate was incubated with streptavidin beads (Thermo Scientific, 88816) for 4 hours, washed 

with 1X NETN five times, and eluted with biotin overnight (2mg/ml in 1X NETN). The clear 

eluted lysate was incubated with S-protein beads (Millipore-Sigma, 69704-4) for 4 hours, 

washed with 1X NETN five times, and eluted using 2X SDS loading buffer. Eluate was 

subjected to 10% SDS-PAGE gel for 10 mins and stained with coommassie-blue. Stained protein 

bands were cut out and sent to Harvard Taplin MS facility for LC-MS. 

Co-immunoprecipitation (co-IP) was performed as following: cells were harvested in 1X 

cold PBS and lysed in 1X cell lysis buffer (50mM Tris-HCl pH7.5, 100mM NaCl, 1% NP-40, 

0.05mM DTT, and PICs). The clear cell lysate was then subjected to IP using anti-FLAG 

(Millipore-Sigma, F3165), or anti-HA (Millipore-Sigma, 11583816001) with protein A/G 

magnetic beads (Thermo Scientific, PI88802). Beads were washed five times with lysis buffer, 

followed by the elution using 2X SDS loading buffer (100mM Tris-HCl pH6.8, 20% glycerol, 
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0.2% bromophenol blue, 4% SDS, and 5% b-mercaptoethanol). The protein eluate was then 

analyzed using western blotting. 

 

Western Blotting 

Cells were directly harvested in 1X SDS loading buffer (50mM Tris-HCl pH 6.8, 2% SDS, 10% 

glycerol, 1% b-mercaptoethanol, 0.02% bromophenol blue), boiled at 95C for 10 mins, and 

subjected to western blotting using anti-FLAG (Millipore-Sigma, F3165), anti-Tubulin (Sigma, 

T5168), and anti-HA (Millipore-Sigma, 11583816001). 

 

Gene Expression Analysis and RNA-seq 

For RT-qPCR, reverse-transcription assays were performed using Maxima reverse transcriptase 

(Thermo Fisher EP0741). RT-qPCR was performed using LightCycler 480 SYBR Green I 

master mix (Roche). For quantification of gene expression, the 2^ -ΔΔCt method was used. 

gapdh was used as a control gene for normalization. Primer sequence information is provided in 

Table 2.2. 

For RNA-seq, total RNA from dissected animal cap explants was extracted using Trizol 

as described (Amin et al., 2014). mRNA was then isolated using NEBNext PolyA mRNA 

Magnetic Isolation Module (NEB E7490S). Sequencing libraries were prepared using NEBNext 

Ultra II RNA library prep kit (NEB E7770S) and sequenced by the Illumina NovaSeq 6000 with 

100bp paired-end reads. All experiments were done in 2 biological replicates. All sequencing 

samples were aligned using STAR v2.7.3a (Dobin et al., 2013) to Xenopus tropicalis genome 

v10.0 (http://www.xenbase.org/, RRID:SCR_003280) to obtain raw read counts. Differentially 

expressed genes were identified using edgeR v3.36.0 (Robinson et al., 2010) with parameters 
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greater than 2-fold change and less than 0.05 false discovery rate (FDR, also known as the 

adjusted p-value) in R v4.1.2 (R Core Team, 2022). Gene ontology analysis was performed on 

Metascape (Zhou et al., 2019) with default parameters (min overlap= 3, p-value cutoff= 0.01, 

and min enrichment= 1.5). 

 

Additional Analysis 

Mass spectrometry: To obtain the high confidence FOXH1 interactants, proteins detected in each 

mass spectrometry experiment were overlapped (three biological independent samples: 

heterogeneous pool cells, monoclonal 1 cells, monoclonal 2 cells), followed by subtracting 

proteins from the negative control (wildtype E14 mESCs). Spatial expression analysis: 

Sequencing samples (Blitz et al., 2017) were aligned using STAR v2.7.3a (Dobin et al., 2013) 

and quantified by RSEM v1.3.3 (Li and Dewey, 2011) to obtain TPM values. TPM values for 

marginal zones are calculated as the mean TPMs of dorsal, lateral and ventral mariginal zones. 

ChIP-seq: Sequencing samples (Chiu et al., 2014; Charney et al., 2017; Zhou et al., BioRxiv) 

were aligned to Xenopus tropicalis v10.0 genome (http://www.xenbase.org/, 

RRID:SCR_003280) using Bowtie2 v2.4.4 (Langmead and Salzberg, 2012). PCR duplicates 

were removed using Samtools v1.10 (Li et al., 2009). Irreproducibility discovery rate (IDR) 

analysis (Li et al., 2011) was used to identify high-confidence peaks called by Macs2 v2.7.1 

(Zhang et al., 2008) between two biological replicates following ENCODE3 ChIP-seq pipelines 

(IDR threshold of 0.05) (https://docs.google.com/document/d/1lG_Rd7fnYgRpSIqrIfuVlAz 

2dW1VaSQThzk836Db99c/edit). Clusters are made by Bedtools v2.29.2 (Quinlan and Hall, 

2010) denoting the following: Cluster I: Foxh1 persistent peaks at st8, 9 and 10.5; Cluster II: 

Foxh1 overlap peaks in any of two stages out of st8, 9 and 10.5; Cluster III: Foxh1 unique peaks 
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at st8; Cluster IV: Foxh1 unique peaks at st9; Cluster V: Foxh1 unique peaks at st10.5. Clustered 

heatmaps were generated using DeepTools v3.5.0 (Ramírez et al., 2014). 
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Table 2.1: 342 high confidence proteins identified from mass spectrometry 
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Table 2.2: RT-qPCR primer list used for gene expression assays in mESCs 

Target genes Forward primer sequence Reverse primer sequence 

Eomes ACCGGCACCAAACTGAGA AAGCTCAAGAAAGGAAACATGC 

Foxa2 CCATCAGCCCCACAAAATG CCAAGCTGCCTGGCATG 

Foxh1 ATTATCCGTCAGGTCCAGGC TAGAGGAAAGGTTGTGGCGG 

Nanog CCAACCCAACTTGGAACAAC TATGGAGCGGAGCAGCAT 

Oct4 TTGCAGCTCAGCCTTAAGAAC TCATTGTTGTCGGCTTCCCT 

Pax6 CACCAGACTCACCTGACACC ACCGCCCTTGGTTAAAGTC 

T CAGCCCACCTACTGGCTCTA GAGCCTGGGGTGATGGTA 
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CHAPTER 3 

Histone Deacetylase 1 Maintains Lineage Integrity Through Histone Acetylome 

Refinement During Early Embryogenesis 

 

Abstract 

Histone acetylation is a pivotal epigenetic modification that controls chromatin structure and 

regulates gene expression. It plays an essential role in modulating zygotic transcription and cell 

lineage specification of developing embryos. While the outcomes of many inductive signals have 

been described to require enzymatic activities of histone acetyltransferases and deacetylases 

(HDACs), the mechanisms by which HDACs confine the utilization of the zygotic genome 

remain to be elucidated. Here, we show that histone deacetylase 1 (Hdac1) progressively binds to 

the zygotic genome from mid blastula and onward. The recruitment of Hdac1 to the genome at 

blastula is instructed maternally. Cis-regulatory modules (CRMs) bound by Hdac1 possess 

epigenetic signatures underlying distinct functions. We highlight a dual function model of Hdac1 

where Hdac1 not only represses gene expression by sustaining a histone hypoacetylation state on 

inactive chromatin, but also maintains gene expression through participating in dynamic histone 

acetylation-deacetylation cycles on active chromatin. As a result, Hdac1 maintains differential 

histone acetylation states of bound CRMs between different germ layers and reinforces the 

transcriptional program underlying cell lineage identities, both in time and space. Taken 

together, our study reveals a comprehensive role for Hdac1 during early vertebrate 

embryogenesis. 

Keywords: Hdac1, histone acetylation, germ layer, epigenetics, zygotic genome activation, 

Xenopus, genomics 
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Introduction 

A fundamental question in early development is the mechanism of zygotic genome 

activation (ZGA), which requires the degradation of maternal mRNAs and the activation of 

embryonic transcription (Tadros and Lipshitz, 2009). During ZGA, the embryonic genome 

undergoes a dramatic reprogramming of gene expression, which is also accompanied by 

remodeling of the embryonic epigenome. Post-translational modifications to histones are a major 

epigenetic regulation influencing chromatin structure and thus play a central role in ZGA. 

Histone acetylation appears during the onset of both minor and major ZGA waves in many 

species. In Drosophila, histone acetylation occurs at mitotic cycle 8 on a few early zygotic genes 

(Li et al., 2014). miR430, the first zygotically active gene, is marked by H3K27ac in 64-cell 

staged zebrafish embryos (Chan et al., 2019). Genome-wide H3K27ac is detected at mid blastula 

shortly after the onset of ZGA in Xenopus (Gupta et al., 2014). In mice, the zygotic genome is 

increasingly marked by H3K27ac from immature and metaphase II oocytes to 2-cell-stage 

embryos (Dahl et al., 2016). Despite these findings, there remain several major questions. How is 

the interplay of enzymes regulating histone acetylation employed in developing embryos? What 

is the role of observed histone acetylation on gene expression? How are the spatial and temporal 

patterns of histone acetylation established during ZGA? 

Histone acetylation occurs on the ε-amino group of the lysine residues within N-terminal 

tails of all four core histones (Inoue and Fujimoto, 1969; Seto and Yoshida, 2014). Acetylation is 

a reversible process that is directly catalyzed by opposing activities of histone acetyltransferases 

(HATs) and histone deacetylases (HDACs). In addition, HATs and HDACs can also regulate the 

acetylation of lysine residues on non-histone proteins (Choudhary et al., 2009). Histone 
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acetylation is often associated with active gene transcription because the acyl groups neutralize 

the positive charge on the lysine residues, thereby reducing the affinity of histones to DNA 

(Wang et al., 2000; Anderson et al., 2001); it also serves as a binding platform for bromodomain 

(BRD) proteins which scaffold and stimulate the transcriptional machinery (Hassan et al., 2007; 

Filippakopoulos et al., 2012). The balance between HATs and HDACs directly shapes histone 

acetylation landscapes and subsequently affects transcriptomes.  

HDACs are critical epigenetic regulators because they reset chromatin states by returning 

acetylated lysine residues on histones to the basal state, which can subsequently be subjected to 

alternative modifications such as methylation. HDACs are grouped into four classes based on 

phylogenetic conservation. Class I (HDAC1, 2, 3, 8), Class II (HDAC4, 5, 6, 7, 9, 10), and Class 

IV (HDAC11) HDACs are zinc-dependent and are related to yeast Rpd3, Had1, and Hos3 

respectively; Class III (SIRT1, 2, 3, 4, 5, 6, 7) HDACs, also known as Sirtuins, are NAD+-

dependent and are related to yeast Sir2 (Gregoretti et al., 2004; Milazzo et al., 2020). HDACs are 

well-characterized negative regulators of gene expression during development. For example, 

HDAC1 silences homeotic genes in cooperation with Polycomb group repressors in Drosophila 

(Chang et al., 2001). In zebrafish, Hdac1 represses Notch targets during neurogenesis (Cunliffe, 

2004; Yamaguchi et al., 2005). In Xenopus, HDAC activity suppresses Vegt-induced ectopic 

mesoderm in ectoderm lineages (Gao et al., 2016), represses multi-lineage marker genes at 

blastula (Rao and LaBonne, 2018) and desensitizes dorsal Wnt signaling at late blastula 

(Esmaeili et al., 2020). Conversely, HDACs can also positively regulate gene expression. For 

instance, inhibition of HDAC activities rapidly down-regulates some genes in yeast, suggesting 

an activator function of HDACs (Bernstein et al., 2000). Genetic deletions or pharmacological 

application of HDAC inhibitors in cell lines results in both up- and down-regulated genes (Reid 
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et al., 2005; Zupkovitz et al., 2006; Meganathan et al., 2015). Furthermore, genome-wide studies 

showed that HDACs occupy genomic loci of active genes, and their binding correlates with gene 

activities (Kurdistani et al., 2002; Wang et al., 2002; Wang et al., 2009; Kidder et al., 2012). 

These seemingly opposing functions of HDACs raise an important question as to the exact roles 

of HDACs on chromatin states and transcriptomes in developing embryos. 

In this study, we focus on the role of Hdac1 in regulating the zygotic epigenome and 

transcriptome during Xenopus germ layer specification coinciding with ZGA. Current evidence 

in Xenopus as well as in other non-mammalian systems suggests that the early embryonic 

genome is rather naïve and that major chromatin modifications occur at or after ZGA (Bonn et 

al., 2012; Vastenhouw et al., 2010; Gupta et al., 2014; van Heeringen et al., 2014; Hontelez et 

al., 2015). Thus, the system allows us to probe the earliest establishment of histone acetylation 

and dissect the link between actions of Hdac1, the zygotic histone acetylome, and zygotic 

transcriptome during the first cell lineage segregation event. Here, we report that the major 

Hdac1 binding to the embryonic genome occurs at blastula; the binding of Hdac1 during this 

stage is dependent on maternal factors. We highlight a dual function model for Hdac1. First, 

Hdac1 keeps inactive chromatin free of histone acetylation, preventing gene misactivation in 

respective germ layers. Second, Hdac1 participates in dynamic histone acetylation-deacetylation 

cycles on active chromatin, sustaining the expression of genes that are enriched in respective 

germ layers. Taken together, our study reveals a coordinated spatial and temporal regulation by 

Hdac1 during ZGA. 

 

Results  

Hdac1 binds to the genome progressively during blastula and onward 
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In order to identify the major functional candidates of HDACs during the early Xenopus 

embryogenesis, we examined the temporal RNA expression profiles (Owens et al., 2016) of 

HDAC family members (Class I, Class II, and Class III HDACs) from the zygote to the 

beginning of the neurula stage in Xenopus tropicalis. The RNA expression level of hdac1 is the 

highest among all HDACs examined, followed by hdac2 (Figure 3.2A). Both Hdac1 and Hdac2 

proteins are present in the unfertilized egg to the mid gastrula stage and the overall expression 

levels of Hdac1 and Hdac2 are relatively constant during this period (Figure 3.1A). These data 

reveal that Hdac1/2 are the major maternally endowed HDACs functioning during this window 

of development.  

Since Hdac1 modulates various aspects of transcriptional regulation and the chromatin 

landscape, we examined genome-wide Hdac1 binding patterns during the early germ layer 

development using chromatin immunoprecipitation assays followed by sequencing (ChIP-seq) 

(Figure 3.2B). A set of high-confidence peaks at each stage were obtained using irreproducibility 

discovery rate (IDR) analysis (Li et al., 2011) from two biologically independent samples 

(Figure 3.2C). IDR analysis reveals that Hdac1 binds to 1,340 regions at the mid blastula (st8), 

5,136 regions at the late blastula (st9), and 22,681 regions at the early gastrula (st10.5) stages 

(Figure 3.1B). Overall, a minority of Hdac1 peaks are unique to each of the blastula stages 

(Cluster a and b) while a majority of Hdac1 peaks are present across multiple stages (Cluster c) 

and at the early gastrula stage (Cluster d) (Figure 3.1C, 3.2D). These results reveal that Hdac1 is 

progressively directed to the genome during early development. 
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Figure 3.1 Hdac1 binds to genome gradually during early Xenopus development 

(A) Western blot analyses showing Hdac1 and Hdac2 proteins over a time course of early 

development. -tubulin is used as a loading control. (B) Venn diagram comparing Hdac1 IDR 

peaks among examined stages. The sum of peaks in st8 and st9 are smaller due to instances 

where more than one peak from st8 or st9 overlaps the single same st10.5 peak. (C) Clustered 

heatmap showing Hdac1 ChIP-seq signals at each stage over a window of 5kb centered on the 
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summit of all Hdac1 IDR peaks in descending order. (D) Distributions of Hdac1 IDR peaks at 

each stage across five defined genomic features. The promoter is defined as -1kb to +100bp from 

TSS (transcription start site) while the TTS (transcription termination site) is defined as -100bp 

to +1kb from TTS. (E) Distributions of Hdac1 ChIP-seq signals within the intervals of 5 kb 

upstream of gene model 5’ ends, gene bodies (normalized for length), and 5 kb downstream of 

gene model 3’ ends at each stage. The signal of st9 input DNA ChIP-seq is used as a negative 

control. Y-axis values represent reads quantified by bins per million (BPM) at a bin size of 50 

bp. 

 

To investigate the differences of Hdac1 genomic occupancy across early stages, we 

examined various genomic features of regions bound by Hdac1 at each stage. The majority of 

Hdac1 peaks are found in either intergenic or intronic regions; a minor fraction of Hdac1 peaks is 

present at exons or transcriptional termination sites. A notable observation is the increased 

Hdac1 binding to an increased amount of promoter regions over developmental times (Figure 

3.1D). We then analyzed the distribution of Hdac1 across 3 stages along the gene bodies of genes 

bound by Hdac1. A higher enrichment of Hdac1 binding is located near the promoters of genes 

as development proceeds (Figure 3.1E). The increased binding of Hdac1 around promoters infers 

that Hdac1 is involved in the epigenetic regulation of these genes during ZGA. 
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Figure 3.2 Hdac1 genomic occupancy in early Xenopus development 

(A) Time-course expression levels of HDACs revealed by ribo-depleted RNA-seq (rdRNA-seq) 

in Xenopus tropicalis. (B) Graphic illustration of examined stages during early Xenopus 

development: st8 mid blastula, st9 late blastula, and st10.5 early gastrula (Nieuwkoop and Faber, 

1994). (C) Pearson correlation analyses of intra- and inter-stage Hdac1 ChIP-seq samples. (D) 

Genome browser visualization of Hdac1peaks on foxi1, snai1, nodal1, nodal2, loc101730673, 
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qtrt1, and ash2l. Red boxes represent IDR peaks passing IDR threshold (see Materials and 

Methods) on listed genes (not all IDR peaks are boxed). Y-axis values represent scaled track 

height. Black bars denote an interval of 2kb.  

 

Blastula Hdac1 binding is maternally instructed 

Since Hdac1 binds progressively to the genome during ZGA, we investigated the 

contribution of zygotic factors to the recruitment of Hdac1 at the late blastula stage. We injected 

α-amanitin, which blocks both transcription initiation and elongation (Chafin et al., 1995), to 

block embryonic transcription (Figure 3.4A). A high Pearson correlation (0.93) between α-

amanitin-injected and control embryos (CT) is observed at all Hdac1 IDR peaks (Figure 3.3A), 

which is higher than the Pearson correlation (0.87) representing the batch effect when CT is 

compared to a different batch of same staged embryos (WT). There are no significant signal 

differences between α-amanitin-injected and control embryos at all Hdac1 IDR peaks (Figure 

3.4B). We conclude that Hdac1 binding is independent of zygotic transcription at the late 

blastula stage, suggesting the importance of maternal factors in Hdac1 recruitment.  
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Figure 3.3 Maternal factors instruct Hdac1 recruitment during blastula stages 

(A) Pairwise Pearson correlation analyses comparing ChIP-seq signals of st9 Hdac1 IDR peaks 

between listed samples. WT denotes samples from time-course experiments; -Amanitin denotes 

-amanitin injected embryos and CT denotes batch-matched control uninjected embryos. (B) 

Motif analyses of st9 Hdac1 peaks (500bp centered on IDR peak summit). Motif sequence to the 
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corresponding factor is retrieved from JASPAR. Hey1 is an example of TF motif with low 

significance. (C) Clustered heatmap depicting st9 Foxh1 and Sox3 ChIP-seq signals in a window 

of 10kb centered on st9 Hdac1 IDR peaks with descending order. (D-E) St9 sequential ChIP-

qPCR analyses for (D) Foxh1 and Hdac1 co-bound regions and (E) Sox3 and Hdac1 co-bound 

regions. anti-HA is used as a negative control. The error bars represent the variation from two 

technical replicates. 

 

To identify maternal factors that facilitate the recruitment of Hdac1 to the genome, we 

performed a de novo motif search of the DNA sequences of 5,136 st9 Hdac1peaks. Sox, Foxh1, 

and Pou motifs are found to be the most frequent maternal TF motifs (Figure 3.3B). We thus 

compared the genomic binding profiles of Hdac1 to two maternal TFs, Foxh1 (Charney et al., 

2017) and Sox3. A majority of Hdac1 bound regions (Cluster 1) overlaps with both Foxh1 and 

Sox3 bound regions while only a small fraction of Hdac1 bound regions (Cluster 2) overlaps the 

binding of either Foxh1, or Sox3, or neither (Figure 3.3C). More than 80% of Hdac1 peaks 

overlap with Foxh1 or Sox3 peaks (Figure 3.4C). A positive correlation between Hdac1 binding 

and Foxh1/Sox3 binding is observed at all Hdac1 IDR peaks (Figure 3.4D). We noted frequent 

overlapping binding of Hdac1 with Foxh1/ Sox3 (Figure 3.4E), and highly enriched signals of 

Hdac1, Foxh1, and Sox3 present around promoters of genes (Figure 3.4F). All these observations 

suggest a role for Foxh1 and Sox3 in Hdac1 recruitment. We also confirmed the co-occupancy of 

Hdac1 with each of Foxh1 and Sox3 TFs on the same DNA molecules using sequential ChIP-

qPCR (Figure 3.3D, 3.3E, 3.4G). Taken together, we propose that maternal TFs such as Foxh1 

and Sox3 facilitate Hdac1 recruitment. 
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Figure 3.4 Hdac1 binding to the genome is instructed maternally 

(A) RT-qPCR analysis of maternal (maternal-zygotic) genes (drosha, sin3a, and rsrc1) and 

zygotic genes (foxi1, tbxt, gsc, frzb, nodal, foxa2, sox17a, and mixer) showing a high efficacy of 

-amanitin blocking zygotic transcription. The error bars represent the variation from 2 technical 

replicates. (B) Box plot illustrating Hdac1 signal enrichment at st9 Hdac1 IDR peaks between 

uninjected and -amanitin injected embryos. Y-axis values represent log2(reads to IDR peaks/ 

(peak size* read depth at IDR peaks) +1). p-Value is calculated by two-tailed Student’s t-test. 

(C) Venn diagram showing the overlap between st9 IDR peaks of Foxh1 and Hdac1; Sox3 and 

Hdac1. (D) Scatter plots representing a positive correlation between binding signals of Foxh1 

and Hdac1; Sox3 and Hdac1. The binding signal is calculated as log2(reads mapped to st9 Hdac1 

IDR peaks per kb +1). Blue lines depict linear regression curves generated from a generalized 

additive model. Grey areas denote a 95% confidence interval. (E) Genome browser visualization 

of Hdac1, Foxh1, and Sox3 signals on bmp4, foxa4, hoxb3, snai1, sox17b.2, tbxt.2, set, and klf11 

genes. Purple boxes represent genomic regions examined in sequential ChIP-qPCR experiments. 

Y-axis values represent scaled track height. Black bars denote an interval of 2kb. (F) 

Distributions of Hdac1, Foxh1, and Sox3 ChIP-seq signals within the intervals of 5 kb upstream 

of gene model 5’ ends, gene bodies (normalized for length), and 5 kb downstream of gene model 

3’ ends. The signal of st9 input DNA ChIP-seq is used as a negative control. Y-axis values 

represent reads quantified by bins per million (BPM) at a bin size of 50 bp. (G) Reciprocal 

sequential ChIP-qPCR analyses to Figure 3.3D& E assessing Foxh1 and Hdac1 co-bound 

regions; Sox3 and Hdac1 co-bound regions. anti-HA is used as a negative control. The error bars 

represent the variation from 2 technical replicates. 
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Hdac1 binds to genomic regions with distinct epigenetic signatures 

To further characterize regions bound by Hdac1 across early germ layer development, we 

examined epigenetic signatures (Gupta et al., 2014; Hontelez et al., 2015; Charney et al., 2017) 

on Hdac1 peaks across various stages. A high signal density of Ep300 (a HAT) is observed in 

Hdac1 peaks (Cluster b, c, and d) from the late blastula and onward where RNA polymerase II 

signals also emerge (Figure 3.6A). This indicates that Hdac1 and Ep300 share similar binding 

profiles on transcriptionally active genes. We next surveyed several histone acetylation 

modifications on regions bound by Hdac1 (Figure 3.5A). Consistent with the overlapping 

binding of Ep300, Hdac1 peaks display a moderate level of H3K9ac (Cluster c and d), high 

levels of H3K18ac (Cluster b, c, and d), H3K27ac (Cluster b, c, and d), and pan-H3 lysine 

acetylation (pan-H3Kac) (Cluster b, c, and d). We then examined several histone methylation 

modifications that are associated with gene activation (Figure 3.6B). H3K4me1, a primed 

enhancer mark (Creyghton et al., 2010), displays a moderate level of signal density at Hdac1 

bound regions (Cluster c and d); H3K4me3, an active promoter mark (Heintzman et al., 2007), 

displays a high level of signal density at Hdac1 bound regions (Cluster c and d); H3K36me3, a 

transcription elongation mark (Kolasinska-Zwierz et al., 2009), displays minimal signal density 

at any Hdac1 bound regions. Taken together, these observations reveal that Hdac1 binds to 

genomic regions with active epigenetic signatures.  
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Figure 3.5 Hdac1 binds to CRMs containing functionally distinct histone modifications 

(A, B) Clustered heatmaps showing signals from several stages of various (A) histone acetylation 

marks and (B) repressive histone methylation marks on Hdac1 peaks. Each cluster corresponds 

to the same regions present in Figure 1C. (C) Venn diagram illustrating Hdac1 peaks 

overlapping with H3K27me3 and H3K27ac peaks from both st9 and st10.5 combined. (D) 

Clustered heatmaps depicting signals of H3K27me3 and H3K27ac across multiple stages on st9 

and st10.5 Hdac1 combined peaks. Clusters denote the same genomic regions in Venn diagram 

regions demarcated in Figure 3.5C. In panels A, B and D, numbers on the right side indicate the 

total number of regions in each cluster. The signals are shown in a window of 5kb centered on 

the summits of Hdac1 peaks presented in descending order of track signal intensities within each 

cluster.  

 

Hdac1 resets the state of acetylated histones by removing acetyl groups, thus can 

facilitate the formation of repressive chromatin. Here we analyzed several histone methylation 

modifications associated with gene repression (Figure 3.5B). Hdac1 binds to genomic regions 

mostly free of H3K9me2, H3K9me3, or H4K20me3. All three modifications are known to mark 

constitutive heterochromatin denoting gene-poor areas consisting of tandem repeats (Richards 

and Elgin, 2002). In addition, a fraction of Hdac1 bound regions (Cluster c and d) display a 

strong signal density of H3K27me3 (Figure 3.5B), which is known to mark facultative 

heterochromatin consisting of developmental-cue silenced genes (Trojer and Reinberg, 2007). 

These observations suggest that Hdac1 binds to facultative heterochromatic regions facilitating 

the repression of genes instructed by developmental programs. 
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Figure 3.6 Hdac1 bound CRMs are marked with distinct epigenetic signatures  

(A, B) Clustered heatmaps showing signals across several stages of (A) Ep300, RNA polymerase 

II, and (B) various active histone methylation marks on Hdac1 peaks. The signals are shown in a 

window of 5kb centered on the summits of Hdac1 peaks. The signal density within each cluster 

is ordered by RNA polymerase II in (A) and by all samples in (B) by descending order. Each 

cluster corresponds to the same region in Figure 3.1C. (C) Genome browser visualization of 

Hdac1, H3K27ac, and H3K27me3 signals on genes representing Hdac1 CRM clusters: Cluster I 

(lhx5, nodal1, nodal2), Cluster II (kctd15, mix1), Cluster III (bsx, hoxa3, hoxa7, hoxa9) and 

Cluster IV (htt, otop1). Y-axis values represent scaled track height. Black bars denote an interval 

of 2kb. 

 

Since Hdac1 peaks (Cluster b, c, d, but not a) are marked by both active and repressive 

epigenetic signatures, we wonder whether Hdac1 functions differently at epigenetically distinct 

genomic loci. We compared peaks between two functionally opposing histone modifications 

H3K27ac and H3K27me3 to Hdac1 peaks, then subdivided these Hdac1 peaks into 4 clusters 

representing functionally distinct CRM types (Figure 3.5C, 3.6C). Cluster I denotes 3,548 Hdac1 

peaks marked by both H3K27ac and H3K27me3 (Figure 3.5D). Given that both H3K27ac and 

H3K27me3 are subjected to the same lysine residue, we speculate that these regions are 

differentially marked in space due to heterogeneous cell populations present in the whole 

embryo. Hdac1 Cluster I peaks are referred to as heterogeneous CRMs. Cluster II denotes 1,389 

Hdac1 peaks marked by only H3K27me3 indicating that these regions are associated with 

inactive developmental genes (Figure 3.5D). Hdac1 Cluster II peaks represent repressive CRMs. 

Cluster III denotes 13,669 Hdac1 peaks marked by only H3K27ac suggesting that these CRMs 
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are associated with active genes (Figure 3.5D). Hdac1 Cluster III peaks are considered as active 

CRMs. Cluster IV denotes 4,836 Hdac1 peaks with neither H3K27ac nor H3K27me3 

modifications (Figure 3.5D). Together, we show that different Hdac1 bound regions are 

subjected to functionally distinct epigenetic modifications suggesting that Hdac1 is differentially 

utilized at different CRMs. 

 

HDAC activity is required for differential germ layer histone acetylomes 

The major function of HDACs is to catalyze the removal of acetyl groups from histones. 

We hypothesize that Hdac1 differentially regulates histone acetylation of four different Hdac1 

CRM clusters (Clusters I-IV in Figure 3.5C). To test this hypothesis, we treated embryos 

continuously with a widely used pan-HDAC inhibitor, Trichostatin A (TSA) (Yoshida et al., 

1990) beginning at the 4-cell stage and followed the development up to tailbud stages. Embryos 

treated with TSA are developmentally arrested at gastrula (Figure 3.7A). We observed the 

presence of dorsal blastopore lip suggesting that the progression but not the initiation of 

gastrulation is defective. A Class I HDAC inhibitor, Valproic acid (VPA) (Göttlicher et al., 

2001), also produces a similar phenotype (Figure 3.8A). To investigate whether HDAC 

inhibition leads to changes in overall histone acetylome, we surveyed six well-known histone 

acetylation modifications between TSA- and solvent-treated embryos by western blot. Indeed, 

drastically increased levels of H3K9ac, H3K18ac, and H3K27ac are observed in TSA-treated 

embryos (Figure 3.7B; Rao and LaBonne, 2018) while H3K14ac, H3K56ac, and H4K20ac are 

not detected during this stage of development. These data indicate that HDAC activity is 

required to maintain the proper level of histone acetylation during gastrulation. 
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Figure 3.7 Hdac1 maintains differential H3 acetylomes between germ layers 

(A) Embryos treated with 100uM TSA displaying gastrulation defects 24 hours post-fertilization. 

Asterisk denotes the dorsal side containing the early blastopore lip. (B) Western blot analyses 

showing various histone acetylation modifications affected by HDAC inhibition. anti-H3 is used 

as a loading control. (C) Clustered heatmap depicting signals of pan-H3Kac at st10.5 in whole 

embryos (WE), animal cap cells (AC), and vegetal mass cells (VG). The signals are shown in a 

window of 5kb centered on the summits of combined AC and VG peaks presented in descending 

order of track signal intensities within each cluster. (D) Stacked bar graph representing 

proportions of localized versus non-localized pan-H3Kac signals found at Hdac1 CRM clusters 

in Figure 3C. A Hdac1 peak is considered to exhibit localized pan-H3Kac if it overlaps with 

either AC- or VG-specific pan-H3Kac peaks (Cluster B and Cluster C in Figure 3.7C); a Hdac1 

peak is considered to exhibit non-localized pan-H3Kac if it overlaps with pan-H3Kac peaks 

shared between AC and VG (Cluster A in Figure 3.7C). LC: localized; NL: non-localized; NP: 

not overlap with any pan-H3Kac peak (E) Fold changes (FC) of pan-H3Kac signals at Hdac1 

CRM clusters (clusters in Figure 3.5C). Red dotted line denotes the level of zero. *** denotes p< 

0.001 (Student’s t-test). (F) Fold changes (FC) of pan-H3Kac signals in Cluster I of Hdac1 CRM 

clusters (clusters in Figure 3.5C) categorized spatially (described in Supplemental Methods). 

 

Given that Hdac1 CRM clusters (Clusters I-IV in Figure 3.5C) are subjected to both 

active and repressive epigenetic modifications presumably in different germ layers, we compared 

the general status of H3 acetylome (pan-H3Kac) between two distinct germ layers, the animal 

cap (AC, presumptive ectoderm) and the vegetal mass (VG, presumptive endoderm). We 

performed pan-H3Kac ChIP-seq at early gastrula (st10.5) on dissected AC and VG explants from 
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embryos treated with either TSA or solvent control (Figure 3.8B). A comparison of high-

confidence peaks from each explant reveals that a majority (~ 75%) of pan-H3Kac are 

specifically marked in ectodermal (~ 37%) and endodermal (~ 38%) germ layers (Figure 3.7C, 

3.8C). To correlate the differential pan-H3Kac states and the differential gene expression profiles 

between two germ layers, we assigned high enrichment pan-H3Kac peaks (~ top 30%) to the 

nearest genes within 10kb and compared the expression levels of these genes in each germ layer 

(Blitz et al., 2017). Indeed, the expression level of genes enriched with AC-specific pan-H3Kac 

is higher in AC than VG (Figure 3.8D), and the expression level of genes enriched with VG-

specific pan-H3Kac is higher in VG than AC (Figure 3.8E). Well-known genes with germ-layer 

specific expression exhibit localized pan-H3Kac signals between germ layers (Figure 3.8F). 

These results illustrate that the histone acetylation profile generally coincides with the animally 

and vegetally localized expression of transcripts. 

To uncover the role of Hdac1 in regulating histone acetylation states of CRM clusters 

(Clusters I-IV in Figure 3.5C), we first examined the general distribution of pan-H3Kac in these 

Hdac1 CRM clusters. Consistent with H3K27 modifications, we observed that the majority of 

both heterogeneous CRMs (Cluster I, both H3K27ac and H3K27me3) and active CRMs (Cluster 

III, only H3K27ac), but not repressive CRMs (Cluster II, only H3K27me3) are marked by pan-

H3Kac; near half of pan-H3Kac marks on heterogeneous or active CRMs are localized either 

animally or vegetally (Figure 3.7D). The localized pan-H3Kac marks on active CRMs suggests 

that these CRMs are regionally active in specific germ layers. We then quantitatively examined 

the levels of pan-H3Kac signals on each CRM within clusters I-IV (Figure 3.5C) after TSA 

treatment using a ChIP spike-in strategy (Egan et al., 2016). A global increase of pan-H3Kac 

signals across all Hdac1 CRM clusters is observed (Figure 3.8G), which is consistent with the 
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result by western blot (Figure 3.7B). We found that CRMs of Hdac1 clusters I-IV respond 

differently upon HDAC inhibition: repressive CRMs (Cluster II, only H3K27me3) show a 

significantly higher acquisition (~ 5-fold increase) of pan-H3Kac signals, while active CRMs 

(Cluster III, only H3K27ac) show the lowest acquisition (~ 3-fold increase) of pan-H3Kac 

signals when compared to other clusters (Figure 3.7E). Collectively, these results reveal that 

repressive CRMs are prone to loss of HDAC activity resulting in histone hyperacetylation, while 

active CRMs gain a modest increase of histone acetylation upon HDAC inhibition. 

Lastly, we explored how Hdac1 CRM clusters (Clusters I-IV in Figure 3.5C) 

differentially respond to HDAC inhibition in specific germ layers. For heterogeneous CRMs 

(Cluster I, both H3K27ac and H3K27me3), we found that the fold increases of pan-H3Kac 

signals after TSA treatment are negatively correlated with the levels of endogenous pan-H3Kac 

signals in both AC and VG explants (Figure 3.8H). Next, heterogeneous CRMs were subdivided 

into 3 spatial categories: pan-H3Kac enriched animally (AC CRMs), pan-H3Kac enriched 

vegetally (VG CRMs), and ubiquitous CRMs. We then calculated the fold changes of pan-

H3Kac signals after TSA treatment for each CRM within each spatial category. Interestingly, 

germ-layer specific AC and VG CRMs have a much greater effect size (1.72 for AC CRMs and 

1.87 for VG CRMs) when compared to ubiquitous CRMs (0.16) upon HDAC inhibition (Figure 

3.7F). This indicates that AC CRMs acquire a drastic increase of pan-H3Kac signals in VG but 

not in AC in response to the loss of HDAC activity; likewise, VG CRMs acquire a drastic 

increase of pan-H3Kac signals in AC but not in VG upon the loss of HDAC activity. A similar 

trend is also observed on active CRMs (Cluster III, only H3K27ac) emphasizing germ layer-

specific functions of these CRMs (Figure 3.8I, 3.8J). Taken together, these data demonstrate that 
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Hdac1 maintains differential H3 acetylation states between germ layers through its catalytic 

activity. 
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Figure 3.8. Germ-layer specific H3 acetylomes require HDAC activity 

(A) Embryos treated with 10mM valproic acid (VPA) display gastrulation defects 24 hours post-

fertilization. (B) A schematic diagram of dissection experiments to separate animal cap tissues 

(AC) and vegetal mass tissues (VG) for RNA-seq or ChIP-seq. Late blastula stage explants were 

cultured ~1- 1.5hrs to the early gastrula stage before being harvested for analyses. (C) Venn 

diagram comparing pan-H3Kac peaks in AC and VG. (D, E) Transcripts per million (TPM) 

expression of genes associated with (D) AC specific pan-H3Kac and (E) VG specific pan-H3Kac 

peaks across three germ layers. p-values are calculated by Student’s t-test. (F) Genome browser 

visualization of pan-H3Kac signals at known ectodermal (foxi1, kctd15, lhx5, sox2), mesodermal 

(foxd3, myf5, myf6, tbxt), endodermal (foxa4, mixer, mix1, sox17a, sox17b.1, sox17b.2, vegt) and 

“housekeeping” (h3.3, rbbp7, tbp) genes in whole embryos, AC, and VG. Y-axis values 

represent scaled track height. Black bars denote an interval of 2kb. (G) Spike-in normalized pan-

H3Kac signals across Hdac1 CRM clusters (clusters in Figure 3.5C) in DMSO- or TSA-treated 

samples. Signals of pan-H3Kac are combined from experiments done in AC and VG. (H, I) 

Scatter plots representing a negative correlation between fold changes of pan-H3Kac signals and 

ranked endogenous pan-H3Kac signals in AC or VG at both (H) Cluster I and (I) Cluster III 

Hdac1 CRM clusters (clusters in Figure 3.5C). Grey lines depict linear regression curves 

generated from a linear model. Both x- and y-axes’ values are log2 transformed. (J) Fold 

changes (FC) of pan-H3Kac signals at Cluster III of Hdac1 CRM clusters categorized spatially 

(described in Methods). 

 

HDAC activity modulates developmental genes between germ layers 
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Histone deacetylation is generally associated with transcriptional repression; hence, 

HDACs are considered as transcriptional corepressors. To determine how Hdac1 CRM clusters 

I-III (Figure 3.5C) influence the activities of their corresponding genes, each CRM within a 

cluster was assigned to the nearest gene located within 10 kb and then subdivided these genes 

into 3 classes (Figure 3.9A). Class 1 denotes 3,104 genes that have CRMs with mixed marks of 

H3K27ac and/or H3K27me3 suggesting that these genes are differentially expressed in different 

germ layers. Class 2 denotes 629 genes whose CRMs are marked with only H3K27me3 

indicating that these genes may be repressed. Class 3 denotes 5,913 genes whose CRMs are 

marked with only H3K27ac inferring that these genes are active in various germ layers. We first 

investigated the temporal expression pattern (Owens et al., 2016) of each gene class. To exclude 

the interference posed by residual maternal transcripts at these early stages, we examined the 

expression patterns of exclusively zygotic genes in each class and found that Class 1 and Class 3 

genes are gradually activated after ZGA while Class 2 genes remain mostly silent even at late 

gastrula (Figure 3.9B). To assess whether Class 2 genes remain inactive throughout the 

development, we extended our temporal expression analysis through to tailbud stage 26 (23 hpf). 

Class 1 and Class 3 genes are continuously active after ZGA, whereas Class 2 genes are 

gradually activated from early neurula and onward but not significantly before (Figure 3.9C, 

Figure 3.10A). These data suggest that Hdac1 regulates both transcriptionally active and silent 

genes at gastrulation. 

  



 71 

 

Figure 3.9 Hdac1 regulates germ layer transcriptomes both in time and space 

(A) Venn diagram comparing genes associated with Hdac1 CRM clusters (Clusters I, II, and III 

in Figure 3.5C). Class 1 are genes closest to Cluster I peaks plus overlapped genes in both Class 

2 and 3; Class 2 are unique genes closest to Cluster II peaks; Class 3 are unique genes closest to 
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Cluster III peaks. (B) Time-course TPM expression of zygotic genes in Classes 1, 2, and 3 up to 

10 hours post-fertilization (hpf, late st12.5). Red dotted line denotes zero. Black arrow denotes 

the onset of ZGA. (C) Time-course TPM expression of zygotic genes in Classes 1, 2, and 3 up to 

23 hpf (tailbud st26). Black vertical dotted lines denote the time window when Hdac1 binding is 

examined. Trend lines for each class are generated by connecting mean TPM values at each time 

point. (D) Nested pie chart illustrating the proportions of genes affected by TSA in each class. 

n.s.: not significant. (E) Spatial expression pattern of Class 1 genes affected by TSA in 

proportions. The total number of genes in each category is listed at the top of each bar. Only *** 

denoting p< 0.001 (Fisher’s exact test) is shown. AC: animal cap, presumptive ectoderm; MZ: 

marginal zone, presumptive mesoderm; VG: vegetal mass, presumptive endoderm; NL: non-

localized genes; NE: non-expressed genes. Parameters of spatial categories are detailed in 

Supplemental Methods. (F) Model of Hdac1 functioning at both inactive and active CRMs: on 

inactive CRMs, H3K27 residue is maintained as unmodified by Hdac1, which may be subjected 

to H3K27me3-mediated suppression; on active CRMs, the state of histone acetylation is 

dynamically modulated by Ep300-and-Hdac1-mediated acetylation-deacetylation cycles. 

 

To understand how HDAC activity affects the expression of nearby genes, we performed 

RNA sequencing (RNA-seq) using early gastrula AC or VG explants treated with or without 

TSA (Figure 3.10B). Differential gene expression analyses revealed a greater number of 

differentially regulated genes in AC (1401 genes) than in VG (471 genes) suggesting that the 

ectodermal lineage is more susceptible to the loss of HDAC activity (Figure 3.10B). Many genes 

known to function during the germ layer development are affected when HDAC activity is 

inhibited. Genes affected by TSA treatment are affected similarly by VPA treatment indicating 
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that identified genes are not due to non-specific effects of TSA (Figure 3.10C). We found that 

HDACs have many overlapping and non-overlapping gene targets between AC and VG 

suggesting that HDACs confer both specific and ubiquitous activities in different germ layers 

(Figure 3.10D). Gene ontology analyses revealed that genes affected by HDAC inhibition 

primarily function in early embryonic development such as pattern specification, cell fate 

commitment, regionalization, tissue morphogenesis and many other processes. (Figure 3.10E, 

3.10F). 

 

Integrity of germ-layer specific transcriptomes is maintained by Hdac1 activity temporally and 

spatially 

We attempt to correlate how the expression of different classes of Hdac1 bound genes 

(Classes 1-3 in Figure 3.9A) is affected by HDAC inhibition. Differentially regulated genes in 

Class 2 (whose CRMs are only marked by H3K27me3) are primarily (>85%) activated when 

HDAC activity is inhibited (Figure 3.9D). Given that Class 2 genes are not transcribed until after 

gastrulation normally (Figure 3.9C), premature activation of these genes at early gastrula upon 

HDAC inhibition supports the idea that Hdac1 suppresses the transcription of these genes 

temporally. This is consistent with observed histone hyperacetylation at surrounding repressive 

CRMs upon HDAC inhibition (Figure 3.9E). Furthermore, we observed that differentially 

regulated genes in Class 1 (whose CRMs are marked by a mixture of H3K27ac and/or 

H3K27me3) and Class 3 (whose CRMs are only marked by H3K27ac) can either be up- or 

down-regulated upon HDAC inhibition (Figure 3.9D). We speculate that HDAC activity is 

spatially employed by genes in Class 1 and 3. 
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Figure 3.10 The integrity of germ layer transcriptomes requires HDAC activity 

(A) Time-course TPM expression of all genes in Classes 1, 2, and 3 up to 23 hpf (hours post 

fertilization, tailbud st26). Red dotted line denotes zero. Black dotted vertical lines denote the 

time window when Hdac1 binding is examined. Trend lines for each class are generated by 

connecting the mean TPM values at each time point. (B) Differentially expressed genes after 

TSA treatment in either animal cap cells (AC) or vegetal mass cells (VG). The total number of 

differentially expressed genes in each category is listed on the top two corners. X-axis represents 

log2 transformed gene expression fold changes after TSA treatment, y-axis represents log10 

transformed false discovery rate. n.s.: not significant. (C) RT-qPCR analysis examining the 

effect of VPA on TSA-responsive genes in whole embryos. rsrc1 and pdcl are control genes; 

bmp4, snai1, foxi4.2, gata2, hes2, sox2, sox17a, and tbx2 are Class 1 genes; gdnf, hes5.2, sp5, 

txbt.2, ventx1.2, and ventx2.1 are Class 2 genes; arx, bsx, foxq1, pcdh10, tal1, and txnip are Class 

3 genes. Red stars denote genes regulated in the same direction by both VPA and TSA 

treatments. The error bars represent the variation from 2 technical replicates. (D) Venn diagram 

comparing the genes differentially regulated by HDAC activity in AC and VG germ layers. (E, 

F) Gene ontology enrichment analyses of genes in (E) AC (963 genes) or (F) VG (334 genes) 

that are differentially expressed upon HDAC inhibition. The numbers of genes used for gene 

ontology enrichment analyses are smaller because the analyses only included genes with 

matched gene synonym to Homo sapiens. (G) Spatial expression patterns of Class 3 genes 

affected by TSA in proportions. The total number of genes in each category is listed at the top of 

each bar. Only *** denoting p< 0.001 (Fisher’s exact test) is shown. AC: animal cap, 

presumptive ectoderm; MZ: marginal zone, presumptive mesoderm; VG: vegetal mass, 

presumptive endoderm; NL: non-localized genes; NE: non-expressed genes. Parameters of 
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spatial categories are detailed in Supplemental Methods. (H) The standard deviation of TPM 

expression between five germ layer explants (Blitz et al. 2017) for Class 1, 2, and 3 genes. p-

values are calculated using Student’s t-test. 

 

To gain insights into the mechanism of spatial gene regulation by Hdac1, we analyzed the 

spatial expression patterns of all genes at early gastrula (Blitz et al., 2017) and subdivided genes 

into 5 categories (AC, MZ, and VG: genes enriched in ectoderm, mesoderm, and endoderm 

lineages, respectively. NL: uniformly expressed genes, and NE: lowly or not expressed genes). 

We then examined the endogenous spatial expression patterns of Class 1 genes affected by 

HDAC inhibition. Compared to spatial transcriptomic profiles of wide-type embryos, genes 

normally expressed in endoderm are significantly up-regulated in AC, and genes normally 

expressed in mesoderm are significantly up-regulated in VG upon HDAC inhibition (Figure 

3.9E). This finding reveals that Hdac1 prevents misactivation of genes in respective germ layers. 

We highlight that misactivated genes are highly correlated with histone hyperacetylation of 

surrounding CRMs. For example, VG CRMs are hyperacetylated in AC upon HDAC inhibition 

(VG CRMs in Figure 3.7F), which in turn leads to the misactivation of endodermal genes in AC. 

Surprisingly, we found that genes normally expressed in ectoderm and mesoderm are 

significantly down-regulated in AC, and genes normally expressed in mesoderm and endoderm 

are significantly down-regulated in VG upon HDAC inhibition (Figure 3.9E). Contrary to the 

repressive role of Hdac1, this finding suggests that Hdac1 positively influences the transcription 

of active genes in each germ layer. We propose that the state of histone acetylation on CRMs 

associated with active genes is dynamic, and disruption to such equilibrium impairs normal 

transcription activities. Based on the quantitative analysis of pan-H3Kac profiles upon TSA 
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treatment, we found that Hdac1 bound CRMs gain increased levels of pan-H3Kac globally 

including on already acetylated CRMs (Figure 3.8G, 3.7F). This TSA-induced excessive histone 

acetylation on active CRMs may contribute to the attenuated expression of associated active 

genes in respective germ layers. A similar trend is observed among TSA-responsive Class 3 

genes (Figure 3.10G). These data demonstrate a spatial regulation where Hdac1 not only 

prevents aberrant activation of silent genes, but also sustains proper gene expression levels in 

each germ layer. 

Since both Class 1 (whose CRMs are marked by a mixture of H3K27ac and/or 

H3K27me3) and Class 3 (whose CRMs are only marked by H3K27ac) genes show germ-layer 

specific pan-H3Kac signals and transcriptomic profiles, we sought to examine the differences 

between these two classes. Class 1 genes display a higher variability in expression levels 

between different germ layers compared to Class 3 genes (Figure 3.10H). This indicates that the 

expression of genes undergoing active H3K27me3 suppression is more spatially restricted; thus, 

their functions may be more intimately associated with germ layer determination. Altogether, 

these results show that Hdac1 maintains the integrity of germ layer genes both in time and space 

during gastrulation. 

 

Discussion 

Here we defined a critical role for Hdac1 during early Xenopus embryogenesis. Our 

findings demonstrate a close link between homeostasis of histone acetylation and transcriptional 

activities in developing embryos. Progressive binding of Hdac1 to the genome shapes the zygotic 

histone acetylome, thereby reinforcing a proper germ-layer specific transcriptome, both in time 

and space. Thus, Hdac1 is an essential epigenetic regulator in the control of embryonic cell 
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identity and lineage. We propose that TFs inducing differentiation programs exploit the activity 

of Hdac1 to confine the expression of zygotic genes.  

 

Gradual binding of Hdac1 coincides with ZGA 

The genome-wide binding of Hdac1 begins at mid blastula and gradually accumulates at 

thousands of loci. Such progressive binding of Hdac1 around ZGA raises the question of whether 

Hdac1 recruitment requires zygotic factors during these stages. Surprisingly, ChIP-seq analyses 

of Hdac1 from α-amanitin-injected embryos show that zygotic transcription is dispensable for 

Hdac1 recruitment to the genome, at the very least, up to late blastula (Figure 3.3A, 3.4B). 

Recent work in yeast shows that active transcription is required to shape histone acetylation 

patterns largely due to a direct role of RNAPII in recruitment and activation of H4 HATs but not 

HDACs (Martin et al., 2021). Our result agrees with the notion that Hdac1 recruitment is not 

directed by on-going transcription. We, therefore, speculate that maternal factors instruct early 

Hdac1 recruitment. Our results reveal a positive binding correlation between Hdac1 and maternal 

Foxh1/Sox3, inferring the importance of these two maternal TFs in Hdac1 early recruitment. 

Though maternal TFs such as Foxh1, Vegt, and Otx1 are shown to bind the genome as early as 

the 32~64-cell stage (Charney et al., 2017; Paraiso et al., 2019), the genome-wide binding of 

Hdac1 begins at blastula and is not significantly widespread until early gastrula (Figure 3.1C). It 

is also known that Hdac1 containing complexes bind to pre-existing epigenetic marks such as 

DNA methylation and H3K4me3 (Wade et al., 1999; Lee et al., 2018). A previous study in 

Xenopus demonstrates that H3K4me3 is primarily instructed maternally until late gastrula 

(Hontelez et al., 2015). Therefore, maternally instructed histone modifications may also play a 

role in Hdac1 recruitment. 
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Hdac1 functions differently on active versus inactive CRMs 

One perplexing finding is that Hdac1 occupies both active and repressive genomic loci 

(Figure 3.5A, 3.5B). Hdac1 binds to repressive genomic regions that are facultative but not 

constitutive heterochromatin. Though histone modifications underlying constitutive 

heterochromatin have been shown to regulate developmental genes (Riddle et al., 2011; Wang et 

al., 2018; Methot et al., 2021), the profile of H3K27me3 is largely different (~90% non-

overlapping peaks) from profiles of H3K9me2, 3, and H4K20me3 in early Xenopus development 

(data not shown, partially shown in van Kruijsbergen et al., 2017). These observations suggest 

that Hdac1-mediated suppression is largely dictated by developmental programs. In contrary to 

commonly accepted repressor function of Hdac1, the binding of Hdac1 at active genomic regions 

is surprising. However, our findings are consistent with previous studies in yeast and mammalian 

cell culture suggesting a dynamic equilibrium of histone acetylation at active loci (Kurdistani et 

al., 2002; Wang et al., 2002; Wang et al., 2009; Kidder et al., 2012). Hence, we hypothesize that 

Hdac1 has different functions on active versus inactive CRMs in early embryos. 

To test the in vivo function of HDACs, we blocked their endogenous activity using an 

inhibitor and quantitatively examined the changes of general H3 acetylation (pan-H3Kac) upon 

HDAC inhibition. First, an increase of pan-H3Kac is observed across Hdac1-bound CRMs, 

including active CRMs, consistent with the canonical enzymatic activity of Hdac1 (Figure 3.8G). 

Second, repressive CRMs marked by H3K27me3 undergo drastic H3 hyperacetylation compared 

to active CRMs marked by H3K27ac suggesting a HDAC-activity dependent suppression of 

repressive CRMs (Figure 3.7E). Third, germ-layer specific pan-H3Kac profiles are disrupted 

indicating the importance of Hdac1 in defining spatial patterns of histone acetylation (Figure 

3.7F, 3.8J). Based on these results, we propose a dual function model for Hdac1. On the one 
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hand, Hdac1 prevents histone acetylation at inactive CRMs, thereby preserving H3K27 as 

unacetylated (Figure 3.9F, inactive CRMs model). Interestingly, H3K27me3 is not always 

imposed on inactive CRMs. For instance, active CRMs (Cluster III, only H3K27ac) are spatially 

modified with pan-H3Kac but are not subjected to H3K27me3 (Figure 3.3D, 3.7D, 3.8I, 3.8J). 

This suggests that HDAC-mediated histone deacetylation and Polycomb-mediated histone 

methylation are not coupled at inactive CRMs. On the other hand, Hdac1 participates in dynamic 

histone acetylation-deacetylation cycles at active CRMs (Figure 3.9F, active CRMs model). 

Although we did not directly test the co-binding of HATs and HDACs, CRMs may be 

simultaneously bound since (1) the binding profiles of Ep300 and Hdac1 mostly overlap (Figure 

3.6A), and (2) pan-H3Kac signals increase at all Hdac1 peaks including active CRMs, upon 

HDAC inhibition (Figure 3.8G). Presumably, active CRMs are maintained in a state of dynamic 

equilibrium. This model is in accordance with a previous study demonstrating that HATs and 

HDACs simultaneously participate in histone acetylation cycles, which initiate and reset 

chromatin between rounds of transcription (Wang et al., 2009).  

 

Hdac1 safeguards misactivation of genes both in time and space 

We attempted to correlate the activity of CRMs with the transcriptional activity of 

potential target genes. Genes associated with repressive CRMs (H3K27me3 only) are mainly 

inactive until neurula (Figure 3.9B, 3.9C). More than 85% of these genes are prematurely 

activated upon HDAC inhibition suggesting that Hdac1 maintains the state of histone 

hypoacetylation on repressive CRMs, thereby preventing premature expression of genes. 

Moreover, genes associated with active (H3K27ac only) and heterogeneous (both H3K27ac and 

H3K27me3) CRMs are misactivated in different germ layers when HDAC activity is blocked 
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(Figure 3.9E, 3.10G). This indicates that Hdac1 safeguards differential histone acetylation states 

in each germ layer (Figure 3.7F, 3.8J), resulting in a proper spatial transcriptome. We did not 

directly address whether hypoacetylated heterogeneous CRMs are subjected to H3K27me3. 

However, a previous study showed that H3K27me3 is spatially deposited in line with spatial 

patterns of gene expression at late gastrula (Akkers et al., 2009). We predict that heterogenous 

CRMs are differentially marked by opposing H3K27me3 or acetylation in different germ layers. 

In summary, Hdac1 preserves the histone hypoacetylation state of inactive CRMs resulting in 

gene suppression both in time and space, which follows the canonical transcriptional corepressor 

role of Hdac1. 

 

Cyclical histone acetylation sustains germ layer gene transcription 

Our study reveals an unexpected role for Hdac1 in sustaining active gene expression 

during germ layer formation. Within both ectoderm and endoderm, the expression of TSA down-

regulated genes associated with either active (H3K27ac only) or heterogeneous (H3K27ac and 

H3K27me3) CRMs are enriched in their respective germ layers (Figure 3.9E, 3.10G). This 

suggests a paradoxical activator role for Hdac1, which is also reported in previous studies (Vidal 

and Gaber, 1991; Zupkovitz et al., 2006; Baltus et al., 2009; Hughes et al., 2014; Rao and 

LaBonne, 2018). We speculate that utilization of HDAC activities at active genomic loci is a 

general mechanism as seen in examples of Xenopus ectoderm and endoderm lineages which 

deploy distinct gene regulatory networks. Based on our findings, we propose that a dynamic 

equilibrium between acetylation and deacetylation is essential to sustain gene transcription. The 

function of HDACs on active genomic regions has been elucidated in several contexts. In yeast, 

cotranscriptional methylation (H3K36me3, H3K4me2) recruits HDAC containing complexes 
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(Rpd3S, Set3C) to suppress intragenic transcription and delay induction of genes that overlap 

non-coding RNAs (Carrozza et al., 2005; Keogh et al., 2005; Li et al., 2007; Kim and 

Buratowski, 2009; Kim et al., 2012; Heo at al., 2021). Genetic deletion of Set3C affects 

transcript levels only in altered growth conditions (Lenstra et al., 2011), consistent with the 

notion that cyclical histone acetylation act as a mechanism to regulate dynamics of RNA 

induction and fidelity of transcription. Studies in metazoans show a conserved mechanism. 

HDAC1 can be targeted by p300 to transcribing genes through a direct interaction (Simone et al., 

2004). Simultaneous binding of both HATs and HDACs at active genomic regions is shown in T 

cells (Wang et al., 2009). Inhibition of both DNA methyltransferases and HDACs induces 

cryptic transcription in lung cancer cells (Brocks et al., 2017). Down-regulated genes upon 

HDAC inhibition exhibit high levels of cryptic transcripts during mouse cardiogenesis (Milstone 

et al., 2020). These findings suggest a role for HDAC activity in transcriptional fidelity. 

Why does excessive histone acetylation due to disruption of cyclical histone acetylation 

lead to reduced transcription instead of elevated transcription? We observed that active 

(H3K27ac only) and heterogeneous (both H3K27ac and H3K27me3) CRMs are excessively 

acetylated (Figure 3.7E, 3.8G) following HDAC inhibition, which results in the reduced 

expression of CRM-associated genes within their respective germ layers (Figure 3.9E, 3.10G). 

This leads us to speculate that excessive histone acetylation interferes the activity of the 

transcriptional machinery. A recent study shows that excessive histone acetylation on chromatin 

induced by inhibition of HDAC1, 2, and 3 leads to increased aberrant contacts and reduced 

native contacts between super-enhancer loops (Gryder et al., 2019). This suggests that the 

excessive histone acetylation impairs active transcription by altering chromatin interactions. 

Alternatively, excessive histone acetylation can alter the binding of acetyl-histone readers. H4 
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polyacetylation induced by HDAC inhibition is shown to be preferentially bound by BRD 

proteins (such as BRD4), thereby sequestering these factors away from active genes (Slaughter et 

al., 2021). Therefore, HDACs safeguards the function of normal acetyl-histone readers. Further 

investigation of cyclical histone acetylation regulating developmental programs is needed in the 

context of germ layer specification. 

 

Materials and Methods 

Animal Model and Subject Details 

Xenopus tropicalis embryos were obtained by in vitro fertilization according to Ogino et al. 

(2006) and staged according to Nieuwkoop and Faber (1994). All embryos were cultured in 1/9X 

Marc’s modified Ringers (MMR) at 25 C. For HDAC inhibition, 4-cell stage embryos were 

immersed in 1/9X MMR containing 1). 100nM TSA (Esmaeili et al., 2020) or DMSO; or 2). 

10mM VPA (Rao and LaBonne. 2018) or H2O. For α-amanitin injection, each 1-cell stage 

embryo was injected with 6pg of α-amanitin (Hontelez et al., 2015). For embryo dissection, 

embryos were dissected at the late blastula stage (6 hpf), and explants were cultured to the early 

gastrula (7 hpf). Animals were raised and maintained following the University of California, 

Irvine Institutional Animal Care Use Committee (IACUC). Animals used were raised in the 

laboratory and/or purchased from the National Xenopus Resource (RRID: SCR_013731).  

 

Western Blotting 

Embryos were homogenized in 1X RIPA (50mM Tris-HCl pH7.6, 1% NP40, 0.25% Na-Deoxy-

cholate, 150mM NaCl, 1mM EDTA, 0.1% SDS, 0.5mM DTT) with protease inhibitors (Roche 

cOmplete) and centrifuged twice at 14,000 rpm. The supernatant was then subjected to western 
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blotting using anti-HDAC1 (Cell Signaling, 34589S), anti-HDAC2 (Genetex, GTX109642), and 

anti-Tubulin (Sigma, T5168). For histone modifications, acid-extracted histone lysate was 

prepared accordingly (Shechter et al., 2007) and subjected to western blotting using anti-H3K9ac 

(Cell Signaling, 9649), H3K14ac (Cell Signaling, 7627), H3K18ac (Cell Signaling, 13998), 

H3K27ac (Cell Signaling, 8173), H3K56ac (Cell Signaling, 4243), and H4K20ac (Active Motif, 

61531). 

 

Chromatin Immunoprecipitation (ChIP) 

ChIP protocol was performed as described (Chiu et al., 2014). Antibodies used for ChIP were 

anti-HDAC1 (Cell Signaling, 34589S, 1:100), anti-H3K18ac (Cell Signaling, 13998, 1:100), and 

anti-Sox3(Jansen et al., 2021, 2ug). ChIP-seq libraries were constructed using the NEBNext 

Ultra II DNA Kit (NEB, E7645).  

For sequential ChIP, the first round of ChIP was performed as described and eluted in 1X TE 

containing 1% SDS at 37 C for 30 minutes. The eluate was diluted with 1X RIPA (without 

SDS) 10 times and subjected to the second round of ChIP as described (Desvoyes et al., 2018). 

Real-time quantitative PCR (RT-qPCR) was performed using Power SYBR Green PCR master 

mix (Roche) to quantify the DNA recovery compared to ChIP input DNA at one embryo 

equivalency (percent input). The error among technical replicates was calculated using the rule 

of error propagation. Primer sequence information is provided in Table S1. 

For dissected pan-H3Kac ChIP, spike-in chromatin (Active Motif, 53083) was added to the 

chromatin of dissected tissues at a ratio of 1:35. Mixed chromatin was then subjected to ChIP 

with 5ug anti-panH3Kac (Active Motif, 39139) and 1ug of anti-H2Av (Active Motif, 61686) and 

followed as described.  
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All experiments were performed in two independent biological replicates unless noted. 

Sequencing was performed using the Illumina NovaSeq 6000 and 100bp single-end reads or 

100bp paired-end reads were obtained. Computational analysis of ChIP-seq is described in the 

Supplemental Methods. 

 

RNA-seq and Gene Expression Assays 

Total RNA from dissected tissues was extracted using Trizol as described (Amin et al., 2014). 

mRNA was then isolated using NEBNext PolyA mRNA Magnetic Isolation Module (NEB 

E7490S). Sequencing libraries were prepared using NEBNext Ultra II RNA library prep kit 

(NEB E7770S) and sequenced by the Illumina NovaSeq 6000 with 100bp paired end reads. All 

experiments were performed in two independent biological replicates. Computational analysis of 

RNA-seq is described in the Supplemental Methods. 

For RT-qPCR, reverse-transcription assay was performed using Maxima reverse transcriptase 

(Thermo Fisher EP0741). RT-qPCR was performed using LightCycler 480 SYBR Green I 

master mix (Roche). For quantification of gene expression, the 2^ -ΔΔCt method was used. The 

expression level of drosha or rsrc1 was used for normalization. The error among technical 

replicates was calculated using the rule of error propagation. Primer sequence information is 

provided in Table S3. 

 

Data Accessibility 

Raw and processed RNA-seq and ChIP-seq datasets generated for this study are available at 

NCBI Gene Expression Omnibus using the accession GSE198378. 
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Supplemental Methods 

ChIP-seq Analysis 

All sequencing data were aligned to Xenopus tropicalis v10.0 genome (http://www.xenbase.org/, 

RRID:SCR_003280) using Bowtie2 v2.4.4 (Langmead and Salzberg, 2012). PCR duplicates 

were removed using Samtools v1.10 (Li et al., 2009). ChIP-seq signals were visualized using 

IGV v2.11.3 (Robinson et al., 2011) after concatenating two biological replicates when available. 

Irreproducibility discovery rate (IDR) analysis (Li et al., 2011) was used to identify high-

confidence peaks called by Macs2 v2.7.1 (Zhang et al., 2008) against the stage-matched input 

(Charney et al., 2017) between two biological replicates according to ENCODE3 ChIP-seq 

pipelines (IDR threshold of 0.05) 

(https://docs.google.com/document/d/1lG_Rd7fnYgRpSIqrIfuVlAz2dW1VaSQThzk836Db99c/e

dit).  

For dissected pan-H3Kac ChIP, all second replicates were downsampled to 25% by random 

sampling to a comparable sequencing depth for later analysis. Drosophila H2Av peaks are 

generated from overlapped peaks with two published S2 cell samples (Weber et al., 2014; Tettey 

et al., 2019). Normalization factors were then calculated based on reads that mapped to 

Drosophila H2Av peaks for each ChIP-seq sample as used in Egan et al., 2016. When replicates 

or dissected samples are merged for analyses, normalization factors are calculated as the sum of 

Ratiofrog *Ratiofly. Detailed normalization factors used are listed in Table S2.  

 

RNA-seq Analysis 

All sequencing samples were aligned using STAR v2.7.3a (Dobin et al., 2013) to Xenopus 

tropicalis genome v10.0 (http://www.xenbase.org/, RRID:SCR_003280) to obtain raw read 
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counts. RSEM v1.3.3 (Li and Dewey, 2011) was used to calculate expression values in 

transcripts per million (TPM). Differentially expressed genes were identified using edgeR 

v3.36.0 (Robinson et al., 2010) with parameters, greater than 2-fold change and less than 0.05 

false discovery rate (FDR, also known as the adjusted p-value), in R v4.1.2 (R Core Team, 

2021). Metascape (Zhou et al., 2019) was used to perform gene ontology enrichment analyses 

with default parameters (min overlap= 3, p-value cutoff= 0.01, and min enrichment= 1.5). 

 

Additional Bioinformatics and Statistical Analyses 

Samtools v1.10 (Li et al., 2009) was used to convert between SAM and BAM files. DeepTools 

v3.5.0 (Ramírez et al., 2014) was used to generate: (1) ChIP-seq signal track (bigwig files) 

normalized by reads per genomic content (-RPGC) at the bin size of 1bp; (2) heatmaps around 

peak summits normalized by Bins Per Million mapped reads (-BPM) at the bin size of 50bps; (3) 

signal profile along the gene bodies normalized by -BPM at the bin size of 50bps; (4) Pearson 

correlation between ChIP-seq samples at peaks. Homer v4.10 (Heinz et al., 2010) was used to 

annotate genomic features of ChIP peaks. Bedtools v2.29.2 (Quinlan and Hall, 2010) was used to 

determine peak overlaps among ChIP-seq peaks and obtain counts of reads at ChIP-seq peaks. 

CentriMo (Bailey and Machanick, 2012) was used to perform local motif enrichment analysis. 

Welch Two Sample t-test in R v4.1.2 was used to determine the statistical significance between 

groups. Cohen’s d (effect size) was calculated using lsr v0.5.2 package in R v4.1.2 (R Core 

Team, 2021). Time-course gene expression was obtained from ribosomal RNA-depleted RNA-

seq data (Owens et al., 2016). The expression in TPM was calculated as outlined above. Spatial 

gene expression at early gastrula was obtained from RNA-seq of 5 dissected tissues (Blitz et al., 

2017) consisting of the animal cap (ectoderm), the dorsal marginal zone (dorsal mesoderm), the 
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lateral marginal zone (lateral mesoderm), the ventral marginal zone (ventral mesoderm), and the 

vegetal mass (endoderm). The expression in TPM was obtained as outlined above. Fisher’s Exact 

test (alternative = "greater") in R v4.1.2 (R Core Team, 2021) was used to determine the 

significance of the proportional enrichment between groups. 

 

Categorical Analyses 

Spatial categorization of CRMs is defined as below: AC CRMs represent CRMs whose pan-

H3Kac signals in AC is 2-fold higher than in VG; VG CRMs represent CRMs whose pan-H3Kac 

signals in VG is 2-fold higher than in AC; ubiquitous CRMs represents the remaining CRMs 

whose pan-H3Kac signals do not exceed 2-fold enrichment in either of the two examined germ 

layers. For temporal gene expression analysis, (strictly) zygotic genes are determined by 

removing genes whose expression levels are greater than 1 TPM during the first 2 hours post-

fertilization. Spatial categorization of genes at early gastrula stage: the average TPM between 3 

dissected mesoderm tissues (dorsal, marginal, and lateral marginal zones) was used to represent 

the expression of mesoderm. Genes with the expression in any dissected tissue less than 1 TPM 

were considered not expressed. Genes with the coefficient of variance of TPM less than 0.1 

(10%) were considered evenly expressed. The remaining genes with localized expression were 

assigned to a germ layer based on the maximum TPM. 
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Supplemental Table 3.1: Primer Sequences for sequential ChIP-qPCR 

Primer targets Forward Sequence Reverse Sequence 

bmp4 intron TGCTAATAAGCGTGCCTTTG AAGGAGGACCAGCCTATTCA 

foxa4 intron ATCAGCACTTTTGTGTCCTT ACTGTTTGGGGTTGGAATG 

hoxb3 intron GTAGATCTGTCAGGGAGAAA GCCATTGATTGAGATCCGTA 

klf11 exon TCCCATTTCTGTTCCTGTGT GGAGAATAGGCTTTACTGTATTA 

set 3’-down TGCAGCCCTGTTGTATAAAG CAGATTATGATTGGCTGCCG 

snai1 intron CGCACCATTAGCAATTCATGA GGAAGGGCAATCTAAACAAG 

sox17b.2 5’-up AGCACCTAGGATAGTGTCAG TTGAGAGGCTGTTATAGGCA 

tbxt.2 intron ATTGGATTGGAACACTGGGA AAGGTCTATTGACTCTGTTTCTC 

 

Supplemental Table 3.2: Normalization Factors of ChIP spike-in strategy. Table listing all spike-in 

normalization factors. Reads mapped to Xenopus tropicalis (frog) for all second replicate samples are 

already downsampled to 25%. Red numbers indicate the base ratio line for each column. The ratios for 

reads mapped to H2Av peaks boxed in yellow are used for all later calculations; reads mapped to 

Drosophila melanogaster (fly) serves as a control to show the highly consistent ratios between whole-

genome and H2Av peak mapped reads. The ratios for reads between replicate-merged samples are boxed in 

blue (corresponding to ratios used in Figure 4F, S4J), which is calculated as sum of Ratiofrog *Ratiofly 

between two replicates. The ratios for reads between explant-merged samples are boxed in magenta 

(corresponding to ratios used in Figure S4G), which is calculated as sum of Ratiofrog *Ratiofly between two 

replicates followed by two explants. 

Sample Reads 

mapped to 

frog 

Ratio 

(frog) 

Reads 

mapped to 

fly 

Ratio 

(fly) 

Reads 

mapped 

to H2Av 

Ratio  

(H2Av) 

Ratio 

of 

merged 

reps 

Ratio of 

merged 

explants 

AC_DMSO_rep1 43417738 1.17 2817756 4.09 615449 3.18 18.07 33.57 

AC_TSA_rep1 127763576 3.43 1175034 1.71 229326 1.18 12.49 24.66 

VG_DMSO_rep1 41215108 1.11 2749022 3.99 657611 3.40 15.49  

VG_TSA_rep1 124387262 3.34 688352 1 193553 1 12.16  

AC_DMSO_rep2 47280904 1.27 10230400 14.86 2187348 11.30   

AC_TSA_rep2 86344294 2.32 3320496 4.82 703883 3.64   

VG_DMSO_rep2 37237950 1 9530640 13.85 2268171 11.72   

VG_TSA_rep2 101907192 2.74 2557466 3.72 622410 3.22   

 

 



 91 

Supplemental Table 3.3: Primer Sequences for RT-qPCR 

Primer target 

genes 

Forward Sequence Reverse Sequence 

arx GTACCGCACCACCTTTACCA GCATCGCTAGCTCCTCTCTG 

bmp4 ATGGAGTACCCGGAGAGACC TCCATTTTCTGCTGTGCTTG 

bsx CATCTGGGTTGCCAGTACCA GAGTTGCGAGTCGGAGAACA 

drosha TTACAGACCGCTGTTTGCTG CAATTCGAGAGGGAGTTTCG 

foxa2 AGGACACGAAGCCACAGACT CGAGGTGCTCATAGCAGACA 

foxi1 TTCCACCCTCAGACAATGCC AGCCACAGGTAGGGATTTGC 

foxi4.2 ACACCTCTCCGGCTAATCCT AAAGGACGGGGGCATGTAAG 

foxq1 GCGACTTAACAGGGTCACCA GGGAGAAGATCCTTGGCTGG 

frzb GGCTGTGAGCCCATTCTCAT GGGGAAGTCTGGCATCGAAT 

gata2 AGGGTGTTTTACAGCCAAGC AGTCTTCCCGCTCTCCAAC 

gdnf AGGTGAAGCAGGCTTGTTGT TGGCCATCCAAGCAAGTCAA 

gsc CAGAGAAAGGGGACGAACAG GATCCCACATCATGGCACT 

hes2 ATCAGGAGGCCAGTGAGCTA TCCAGCTTGGAGTATCGGGA 

hes5.2 CCTAAGAGATGGCACCCAGC TCTCCACAACTGGCTTTCGT 

mixer TTCCAAGAGGCCAGCTTAAA GGGGAGACCATTTCTTGCTT 

nodal (nodal4) AATGCCTATCGGTGTGAAGG AACTCATCCTGATGGGAACG 

pcdh10 CAGAGCGCCTTACAAGCCT GTTGGCACAACATTGCCTACA 

pdcl CAAAACCATCAAGTTCTCTGGA CCTCATTTTGTTCGGTTTCAA 

rsrc1 TCGAACTGATTGAAAGCGACT AACAAATCGATGGTGCCTGT 

sin3a GGGGCTGGACTAGAACTAGGA ATACGGCCACACCAAGTCAG 

snai1 GCCAGCAAGAAACCCAACTA TGTCCCAGACAAGAGGTGTG 

sox2 TAGAGGGGGACAAACTGTGG TTTGGCCTTCCTGCTGTTAC 

sox17a CTGGAAGGCTCTGACTCTGG CTGGAAGGCTCTGACTCTGG 

sp5 GCTTTCCTACAGGACAGGACCC CCAGAAGAGCCAAGGGTGAG 

tal1 GAGGTTGGGGACAGACATCG CCCACTCAGCTCCACAGTTC 

tbx2 GAGAATGTTTCCCCCATTCA CCGCAGCCACTATATCCATT 

tbxt GCCCCCAGTTGTGTTTACAT GCCTCCACCATTCATTTTGT 

tbxt.2 TTACCCCAGCCCCTATACCC TGGAACACTGGGAGACATGC 

txnip AAGCCTTCCATCTTGGGGTG GCCTATGACAAGGGGCAAGT 

ventx1.2 AGAAGCTGGCAACGTCTCTC GCTGTGCTGGTCTTGTA 

ventx2.1 TTGCTACACAGGGACACAGC GCCTGAGTCAGTGCTAGTGC 
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CHAPTER 4 

High-throughput Identification of Functional cis-Regulatory Modules in Xenopus Embryos 

using STARR-seq 

 

Introduction 

Cellular differentiation, beginning at fertilization, is programmed by a hard-wired genetic control 

system through the activity of a subset of transcription factors (TFs), which sit high in the 

regulatory hierarchy. These key TFs coordinate a series of gene regulatory cascades through 

combinatorial interactions with cis-regulatory modules (CRMs, also known as enhancers). These 

interactions are fundamental molecular languages that instruct cell fate specification and 

determination. Dissecting these interactions in vivo is challenging because it is difficult to clearly 

discern whether the genomic occupancy of TFs is solely based on the property of TFs alone or 

restricted due to pre-existing epigenetic modifications in complex tissues or differentiated cells. 

In Xenopus, germ layer specification (the delineation of ectoderm, mesoderm, endoderm) is the 

first cell lineage commitment event in development, which depends on unequally distributed 

maternal determinants present in the egg before fertilization (Heasman, 2006). Prior to zygotic 

gene activation, cleavage stage chromatin is free of permissive H3K4me3 marks, repressive 

H3K27me3 marks, and H3K4me1 modifications (Akkers et al., 2009; Gupta et al., 2014; van 

Heeringen et al., 2014). Therefore, this is the ideal stage to understand the cis-regulatory logic 

without discerning the pre-existing chromatin restrictions.  

 Genome-wide studies of Xenopus maternal TFs (e.g., Foxh1, Vegt, Otx1, Sox7) critical 

for endoderm formation show that thousands of genomic loci were co-bound by many of these 

TFs since the blastula stage (Charney et al., 2016; Paraiso et al., 2019). Subsequently, these co-
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bound loci gain epigenetic modifications (H3K4me1, H3K27ac) that are well-known to mark 

enhancers (Creyghton et al., 2010). In addition, many other genomic loci also gain H3K4me1 

and/or H3K27ac marks with little or no binding of these known maternal TFs. These 

observations raise the question of which genomic loci (CRMs) are actual functional CRMs used 

during the first stage of cell differentiation. Many developmental enhancers that have been 

described in the past utilized reporter assays that assess the ability of candidate CRMs to drive 

the expression of different reporter genes (Watabe et al., 1995; Osada et al., 2000; Jensen et al., 

2022). Thousands of developmental enhancers were systematically characterized with the 

reporter system in vivo using transgenic flies (Kvon et al., 2014). Yet, no systematic and high-

throughput analysis is done to address functional CRMs in early Xenopus embryo development. 

To address this question, we adopt a high-throughput approach, known as self-transcribing active 

regulatory region sequencing (STARR-seq), to identify functional CRMs in vivo. STARR-seq is 

a method that measures the level of transcripts that are linked to underlying CRM DNA 

sequences (Arnold et al., 2013). Specifically, CRMs are cloned individually downstream of a 

minimal promoter within a DNA plasmid; active CRMs will be transcribed as a part of 

transcripts in given cells. CRM transcripts themselves serve as unique barcodes and can be 

deconvoluted by RNA sequencing (RNA-seq). 

 Here, we developed a protocol to perform STARR-seq in Xenopus embryos. We show 

that CRMs identified from integrating ChIP-seq data sets of TFs and epigenetic signatures 

exhibit episomal reporter activities that are primarily dependent on TF motifs within. Our 

STARR-seq protocol effectively captures RNAs transcribed from injected reporter plasmids; 

however, this protocol still needs further optimizations in order to reveal the physiological 

functions of CRMs. 
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Result 

CRMs identified from overlapping ChIP-seq signals show enhancer activity 

In early Xenopus embryogenesis, zygotic genes are activated through precisely controlled 

developmental programs instructed by maternal TFs. Given that a TF motif is usually 6 base 

pairs in length on average, such a TF motif within the entire genome is highly frequent 

statistically. However, only a small subset of a particular TF motif is utilized by the 

corresponding TF, as shown in genome-wide maternal TF studies (Chiu et al., 2014; Charney et 

al., 2017; Paraiso et al., 2019). This raises the question of how maternal TFs select particular 

CRMs to be functional. This question cannot be easily addressed by studying the behaviors of 

TFs alone, as numerous genomic metadata analyses suggest that the specificity, robustness, and 

adaptivity of transcriptome rely on distinct combinations of TFs occupying specific genomic loci 

in a context-specific manner.  

To facilitate our findings on maternal TF behaviors, we preselected candidate functional 

CRMs individually, mutated TF binding motifs in the CRM, and examined the changes in 

reporter activities between reporter genes with either wild type or mutated CRMs. We 

hypothesize that preselected CRMs exhibit germ-layer specific activities and their activities 

depend on the presence of TF motifs. We selected 38 candidate CRMs that harbor maternal 

endoderm TF motifs, well-known enhancer histone modifications, and Ep300 binding (Hontelez 

et al., 2015; Chiu et al., 2014; Charney et al., 2017; Paraiso et al., 2019). These CRMs are cloned 

individually into a luciferase reporter construct whose expression is driven by the goosecoid 

minimal promoter (Watabe et al., 1995). Out of 38 CRMs we tested, most showed a preferential 

activation in endoderm lineage with variable levels (Figure 4.1A). In addition, we mutated the 
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TF motifs within the CRMs and showed that the activity of a CRM is mainly dependent on the 

presence of TF motifs (Figure 4.1B-D). These results demonstrated that CRMs predicted from 

integrating different ChIP-seq data are functionally active in developing embryos. 

 

 

Figure 4.1: Candidate CRMs identified exhibit reporter activities. 

(A) Relative luciferase activities (RLu) of 38 tested CRMs (nodalX2, mix1X4, snai1, frzb, 

nodal1, fgf20X2, nodal6X4, sia1, gsc, mixerX2, sebox, sox17b.1, fam184a, fst, mesbp, stox1, tcf7, 

grhl3, bmp7.2, hhex, admp, map7d3, pcdh8.2X3, pdk4, serpinf2, sfrp2, slc12a3.1). The red dot 

denotes empty vector used as a negative control; the purple line denotes where the reporter 

activity is the same between animal cap (AC, presumptive ectoderm) and vegetal mass (VG, 

presumptive endoderm). (B-D) Fold changes of RLu in VG versus AC of CRMs associated with 
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gene (B) nodal, (C) mixer, and (D) snai1 when TF motifs are mutated. Error bars denote 

standard error from 2 different biological replicates. 

 

STARR-seq primarily captures transcripts derived from candidate CRMs  

Though the luciferase assay system is the gold standard method to assess the functionality of 

CRMs, it is limited by its low-throughput. We sought to identify functional CRMs in a high-

throughput fashion using the recently developed STARR-seq (Arnold et al., 2013; Barakat et al., 

2018). Applying STARR-seq directly in Xenopus embryos is difficult. First, Xenopus tropicalis 

has a genome size of 1.7 billion base pairs, which is ten times larger than the genome size of 

Drosophila. A tremendous high sample size will be required if the entire genome were to be 

assessed. Second, though Xenopus embryos are large, and microinjection of plasmid DNA is a 

routine technique, the amount of plasmid that an embryo can tolerate is 20pg (Watabe et al., 

1995), which is much less than the amount used in cell culture transfection. To limit the number 

of testing CRMs, we decided to assess the regulatory function of regions bound by Ep300. 

Ep300 is a well-characterized transcription activator that correlates to active CRMs. During early 

Xenopus embryogenesis, Ep300 binds to many genomic loci at the blastula stage (stage 9) and 

onward (Hontelez et al., 2015). These observations infer that Ep300 bound regions in early 

development represent potentially active CRMs for zygotic gene activation. To date, functional 

validation of these CRMs has never been performed. Here, we propose to perform a large-scale 

functional validation of Ep300 bound regions using STARR-seq (Figure 4.2A). 
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Figure 4.2: STARR-seq selectively captures transcripts derived from plasmids containing 

CRM oligos.  

(A) A schematic diagram showing the workflow of STARR-seq using Ep300 peak oligos. (B) 

Venn diagram depicting Ep300 overlapping peaks between st9 and st10.5 embryos. (C) A map 
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illustrating the pSTAR plasmid designed for STARR-seq in frog. Highlighted features include a 

gsc minimal promoter, b-globulin intron one for mature mRNA selection, sites for CRM 

insertion, and ccdB lethal gene cassette for empty vector elimination. (D) Venn diagram 

depicting the efficiency of oligo plasmid library assembly. (E) Venn diagram showing the 

capture numbers of transcripts derived from the oligo plasmid library in STARR-seq 

experiments. 

 

We analyzed previously published Ep300 ChIP-seq data of blastula (stage 9) and early 

gastrula (stage 10.5) Xenopus tropicalis embryos (Hontelez et al., 2015). About 9100 persistent 

Ep300 peaks were determined by a minimum of 50% overlap between peaks called in stage 9 

and stage 10.5 (Figure 4.2B). Two hundred bp synthetic oligonucleotides (100 bps on each side 

of the absolute peak summit) representing these overlapping Ep300 peaks were then synthesized 

and cloned into pSTAR plasmid (Figure 4.2C). The resulting plasmid library was sequenced to 

examine the efficiency of the cloning strategy (Figure 4.2A, DNA-seq). We injected 20 pg of 

Ep300 plasmid library into either animal cap (presumptive ectoderm) or vegetal mass 

(presumptive endoderm) of a 1-cell stage Xenopus tropicalis embryo in a total of 150 embryos. 

Then embryos were harvested at the early gastrula stage (stage 10.5) and isolated RNAs for 

sequencing (Figure 4.2A, RNA-seq). 

To demonstrate that CRMs are effectively assembled into pSTAR plasmids, we 

sequenced the plasmid library generated and found that nearly all oligos (>99.9%) designed are 

integrated into the pSTAR backbone (Figure 4.2D). This suggests our protocol of generating a 

complex plasmid library consisting of candidate CRMs is highly effective. We then assessed if 

all CRMs in the plasmid library were transcribed in vivo. A majority of CRM oligo-derived 
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transcripts (> 95%) were detected in STARR-seq experiments performed in either AC or VG 

tissues (Figure 4.2E), indicating that Xenopus embryos can transcribe CRMs from nearly all 

injected candidate CRMs. 

 

CRM activities by STARR-seq do not correlate with gene activities 

Ep300 is a well-known acetyltransferase catalyzing histone acetylation. We hypothesize that 

CRM activities measured by STARR-seq coincide with nearby gene activities in each examined 

germ layer. To test this hypothesis, we first calculated the activity of each CRM measured by 

STARR-seq using CPP (counts per plasmid) method (Barakat et al., 2018). Reads mapped to 

each CRM were counted and normalized using DESeq2 (Love et al., 2014), followed by 

normalization to input plasmid library counts. We then identified active CRMs measured by 

STARR-seq using a change-point method by ranking CPP values for all CRMs. We found that a 

drastic elevation of activities distinguishes active CRMs from the rest of CRMs with basal 

activities (Figure 4.3A, 4.3B). Next, active CRMs identified from change-point methods are 

overlapped, and each CRM from three overlapping sections is assigned to the nearest genes 

within 10kb (Figure 4.3C). The spatial expression patterns (Blitz et al., 2017) of each 

overlapping section did not show any germ-layer specificity, suggesting that differential CRM 

activities measured by STARR-seq do not correlate with the germ-layer specific gene expression 

patterns (Figure 4.3D-F). We speculate that CRMs are under-sampled in embryos such that 

CRMs with relatively low activities may have skewed the data. Hence, we investigated whether 

the most active CRMs measured by STARR-seq correlate with gene activities. The top 100 

active CRMs ranked by CPP values were examined the same way described above. We found 

that genes associated with highly active CRMs fail to show preferential activities in respective 
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germ layers (Figure 4.3G, 4.3H). The inconsistency between CRM and gene activities may be 

partly explained by the inappropriate gene assignment based on distance vicinity. To overcome 

this potential issue, we examined the correlation of VG CRM activities measured by two 

different approaches. The linear correlation between STARR-seq measurements and luciferase 

assay measurements is poor (Figure 4.3I). These analyses suggest that this current version of 

STARR-seq method is sub-optimal in revealing the functionality of CRMs in vivo.  
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Figure 4.3: STARR-seq measured CRM activities fail to correlate spatial gene expression 

patterns. 

(A, B) Change-point method identifying active CRMs in (A) animal cap tissues (AC) and (B) 

vegetal mass tissues (VG). Red horizontal lines depict the position where a drastic shift in value 

occurs. (C) Venn diagram showing the overlap of active CRMs in AV and VG. Green numbers 

denote genes associated with each overlapping sections. (D-F) Violin plots showing the TPM 

values of genes associated with (D) AC-specific CRMs, (E) AC/VG-shared CRMs, and (F) VG-

specific CRMs in the ectoderm (AC), mesoderm (MZ), and endoderm (VG). Red dots denote 

average TPM values. P-values are calculated by Student’s t-tests. (G, H) Violin plots showing 

the TPM value of genes associated with (G) AC-specific CRMs and (H) VG-specific CRMs 

using the top 100 active CRMs. Red dots denote average TPM values. P-values are calculated by 

Student’s t-tests. (I) Linear correlation of known VG CRM (nodalX2, mix1, snai1, frzb, fgf20, 

nodal6, gsc, mixerX2, sebox, sox17b.1, fst, mesbp, stox1, bmp7.2, hhex, admp, pcdh8.2X2, 

slc12a3.1) activities measured by STARR-seq and luciferase assays. The blue dotted line depicts 

a linear trendline. Both x-axis and y-axis values are log-transformed. 

 

Discussion 

Here, we developed a modified STARR-seq protocol and applied this method in early Xenopus 

embryos. A plasmid library encompassing a complexity of 9000 synthetic CRM oligos was 

successfully constructed (Figure 4.2D). Embryos injected with this plasmid library generate 

transcripts containing CRM sequences from the library. This protocol strongly discriminates 

against endogenous transcripts and favors episomal transcripts (Figure 4.2E). However, the 
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activities of CRMs measured from STARR-seq correlate poorly with both endogenous gene 

activities (Figure 4.3D-H) and the reporter activity of individual CRM in embryos (Figure 4.3I).  

We speculate that the current difficulty of applying STARR-seq to detect functional 

CRMs in embryos originates from the complexity of testing CRM library. The STARR-seq 

approach has been successful in cell culture-based systems. Plasmids are transfected into cells 

evenly, where each cell receives a relatively equal but small number of plasmids. This allows the 

population of transfected cells to utilize the received plasmids fully and transcribe plasmid-

derived RNAs based on the activities of CRMs. A collection of millions of such cells, each 

expressing a small subset of the plasmid library, covers the full complexity of the plasmid 

library. However, the usage of the plasmid library in embryos after DNA microinjection is 

distinctly different from that of the transfected cells. First, the initial amount of plasmid library 

DNA injected in a 1-cell staged Xenopus embryo is 20pg, which encompasses the entire plasmid 

library complexity. This pool of plasmids is then subdivided into each blastomere after rounds of 

cell divisions. However, a gastrula Xenopus embryos have less than 10,000 cells, which leads to 

a much greater library-complexity-to-cell-number ratio than that of the cell culture. This could 

lead to a potential sub-sampling issue because the plasmid complexity tolerated by embryos is 

unclear. Second, injected plasmids do not freely diffuse but are primarily retained at the injection 

site (Jonas et al., 1989). They are passively distributed into daughter cells through cell divisions. 

This leads to an uneven distribution of plasmids across different cells within an embryo. 

Although this issue may be resolved by increasing the number of injected embryos, the 

appropriate sampling size (number) of embryos to overcome this difficulty is unknown. 

Moreover, the sampling size will vary based on the complexity of the plasmid library used. 
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Further experiments are needed to identify the appropriate degrees of the plasmid library 

complexity and the optimal sampling size of injected embryos. 

 

Method 

Protocol development: STARR-seq in Xenopus Embryos (modified from Neumayr et al., 2019) 

Plasmid library 

1. Resuspend synthetic oligos (ordered from Twist Bioscience) in 20ng/ul concentration using 

1X TE (10mM Tris-HCl pH8.0; 1mM EDTA) and aliquot to store in -80C. 

2. Using following primers to PCR amplify oligos (adaptor synthesized within) for 10 cycles: 

oligo_for    acacgacgctcttccgatc*t 

oligo_rev   gacgtgtgctcttccgatc*t 

oligo(20ng)             1ul 

10uM oligo_for       0.75 ul 

10uM oligo_rev      0.75 ul 

ddH2O                    10ul 

2X KAPA MM (Roche 7958927001)       12.5ul 

3. Purify PCR amplicons using AMPure XP beads (Beckman A63882) at 1.8X and elute in 20ul 

of 0.1X TE; check the size and concentration of amplicons using TapeStation; these are 

assembly ready inserts. 

4. PCR amplify the pSTAR-intron vector for 20 cycles with following primers: 

pSTAR_HiFivector_for      agatcggaagagcacacgtc*t 

pSTAR_HiFivector_rev     agatcggaagagcgtcgtgt*a 

pSTAR-intron1 DNA (0.1ng)          1 ul 
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10uM pSTAR_HiFi_vector for        1.5 ul 

10uM pSTAR_HiFi_vector rev       1.5 ul 

ddH2O                                              21 ul 

2X KAPA MM                                 25 ul 

5. Gel-purify the pSTAR-intron1 vector and quantify; this is assembly-ready vectors. 

6. Assemble 2 NEB HiFi Assembly reaction: 

pSTAR-intron1 vector (50ng)                1 ul 

oligo amplicon inserts (1:3)                    2 ul  

ddH2O                                                     7 ul 

2X NEB HiFi MM (NEB, E2621S)        10 ul 

Incubate at 50C for 1 hr. 

7. Pool two HiFi reactions together and add 80ul of 1X TE to a final volume of 100ul, add 10ul 

of 3M NaOAc, 2ug of glycogen (Thermo Scientific, R0561), and 250ul of 100% EtOH; incubate 

at -20C overnight to precipitate assembled DNA. 

8. Pellet DNA by centrifuge at 14,000 rpm at 4C for 30 mins; wash the pellet with fresh 80% 

EtOH twice. Air-dry the DNA pellet in the cabinet for at least 15 mins. 

9. Resuspend DNA pellet in 12ul of 0.1X TE, and run 6 ul of DNA on the gel to determine the 

assembly efficiency. 

10. Split the remaining 6ul of assembled DNA into 3 tubes at 2ul/ tube. Add 21ul of 

electrocompetent cells MegaX DH10b (Invitrogen, C640003) to each tube on ice, and transfer 

the mixture to a pre-chilled 1.0 mm electroporation cuvette (BioRad, 1652089). 
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11. Electroporate the DH10b cells using 2.0 kV, 200 Ω, and 25uF conditions. Immediately add 1 

ml of prewarmed (37C) recovery media to the cuvette. Gently resuspend the bacteria and transfer 

them to a 15ml round bottom inoculation tube.  

12. Close the tube lid and shake at 220 rpm for 1 hr at 37C. 

13. Plate a dilution of 1:1000 and 1:10000 to determine the transformation efficiency. 

14. Add all three 1-ml recovered cultures to 200ml of freshly prepared SOB media (Tryptone 

20g, Yeast extract 5g, NaCl 0.5g, 10 mL of 250mM KCl in a total of 1000ml by H2O, pH7.0), 

shake at 220rpm overnight (~ 12 hrs) at 37C. 

15. Maxi-prep (Qiagen 12162) plasmid DNA from the overnight culture, run 500ng of plasmid 

on the gel, and examine the quality of the plasmid prep; if there is genomic DNA contamination 

in the plasmid prep, use gel purification or CsCl precipitation. 

16. To generate sequencing ready oligo plasmid library, PCR 9 cycles: 

 pSTAR oligo library plasmid (100ng)           1 ul 

10uM illumina index 5 primer                       1.5 ul 

10uM illumina index 7 primer                        1.5 ul 

ddH2O                                                             21 ul 

2X KAPA MM                                                25 ul 

17. Purify the PCR amplicon using AMPure XP beads: using double size selection. 

18. Quantify the sequencing-ready plasmid library using TapeStation. 

 

RNA extraction (100 embryos per reaction) 

1. Inject 20pg of plasmid DNA (2nL of 10ng/ul solution) in each embryo for each condition. 

2. Harvest embryos in 100 embryos/ 1 ml Trizol (Invitrogen 15596026). 
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3. Homogenize embryos with vigorous vortex. 

4. Incubate homogenized samples for 5 mins at RT to proceed, or store in -80C. 

5. Centrifuge at 12,000x g at 4C to separate DNA and cellular debris (jelly-like pellet) and 

transfer clear supernatant to a new 1.5ml tube. 

6. Add 100ul of 1-bromo-3-chloropropane (Sigma B9673-200mL) per 1 ml of Trizol used. 

Incubate for 3 mins at RT with 15s vigorous vortex/ min. 

7. Centrifuge samples at 12,000x g for 15 mins at 4C. 

8. Transfer the upper aqueous layer to a new non-stick 1.5ml tube as much as possible. 

9. Precipitate RNA by mixing with 0.7X volume of isopropanol to the aqueous phase, incubate at 

RT for 10 mins, and centrifuge at 12,000x g for 20 mins at 4C; a white jelly-like pellet should be 

observed. 

10. Remove the supernatant and wash the pellet with 1ml ice-cold 80% ethanol twice. 

11. Air dry the pellet for 20 mins in a bio-cabinet. 

 

mRNA Isolation (NEB #S1550) 

1. Dissolve the RNA pellet in 100ul of Nuclease-free water (Sigma W4502-1L) by pipetting up 

and down gently, then set it on ice for 10 mins with an occasional vortex to completely dissolve 

the pellet. 

2. Aliquot 100ul of full resuspended equilibrated dT beads to a clean non-stick 1.5ml tube 

(Ambion AM12450), add 200ul of Lysis/Binding buffer, vortex briefly, and agitate for 2 mins. 

Leave the beads in Lysis/Binding buffer until use. 

2. Add 400ul of Lysis/Binding buffer to dissolved RNA to yield a total of 500ul. Remove the 

Lysis/Binding buffer from the beads, and transfer 500ul of RNA/buffer mixture to the beads. 
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3. Place the beads mixture on the agitator for 10 mins at RT, then place the tube onto the 

magnetic rack to pull the beads, remove and discard the supernatant. 

4. Add 500ul of Wash buffer 1 to the beads, and carefully resuspend the beads without vortex. 

Incubate with agitation for 1 min; then place the tube onto the magnetic rack to pull the beads, 

remove and discard wash solution. 

5. Repeat once. 

6. Add 500ul of Wash buffer 2 to the beads, carefully resuspend the beads without vortex. 

Incubate with agitation for 1 min; then place the tube onto the magnetic rack to pull the beads, 

remove and discard wash solution. 

7. Repeat once. 

8. Add 500ul of Low Salt Buffer to the beads, carefully resuspend the beads without vortex. 

Incubate with agitation for 1 min; then place the tube onto the magnetic rack to pull the beads, 

remove and discard wash solution. 

9. Add 88ul of elution buffer and vortex gently to resuspend beads, incubate at 50C for 2 mins. 

Separate beads with the magnetic stand, and transfer 85ul of mRNA to a clean, sterile non-stick 

1.5 ml tube. Use the remaining mRNA to determine the concentration of isolated mRNA with a 

nanodrop. 

 

DNase (NEB M0303S) Treatment 

1. Prepare the following DNase reaction mixture: 

Isolated mRNA (< 200ngul):                   85 ul 

10X DNase buffer                                   10 ul 

NEB RNase free DNase                           2.5 ul 
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NEB RNase inhibitor (NEB M0314S, 40U/ul)                2.5 ul 

Gently tap the tube to mix  

2. Incubate at 37C in a water bath for 30 mins. 

3. Add 900 ul of Trizol and incubate mRNA for 5 mins at RT to proceed or store at -80C. 

4. Add 100ul of 1-bromo-3-chloropropane/ 1 ml of Trizol used. Incubate for 3 mins at RT with 

15s vigorous vortex/ min. 

5. Centrifuge samples at 12,000x g for 15 mins at 4C. 

6. Transfer the upper aqueous layer to a new non-stick 1.5ml tube as much as possible. 

7. Precipitate RNA by mixing with 0.7X volume of isopropanol to the aqueous phase volume, 

add 2ug of glycogen, and then incubate at RT for 10 mins. 

8. Pellet mRNA by centrifuging at 12,000x g for 20 mins at 4C; a white jelly-like pellet should 

be observed. 

9. Remove the supernatant and wash the pellet with 1ml ice-cold 80% ethanol twice. 

10. Air dry the pellet for 20 mins in a bio-cabinet. 

11. Resuspend DNase treated mRNA in 25ul of DNase/RNase free water. 

12. Use 1 ul of mRNA to determine the concentration with nanodrop or TapeStation. 

 

cDNA Synthesis 

1. Prepare RT reaction on ice with the following: 

plasmid specific cDNA primer      gactctagAgactggagttca*g 

RNA                                                              12 ul (1/2 of each mRNA from the previous step) 

2uM plasmid specific cDNA primer             1.5 ul (fresh from -80 aliquot) 

10mM dNTPs (Invitrogen 10297018)           1 ul 
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8. Incubate the sample at 65C for 5 mins and immediately put it on ice for 3 mins. 

9. Add the following to RT mixture on ice:  

NEB RNase inhibitor                                                                        0.5 ul (20U) 

Maxima 5X First strand buffer (Thermo Scientific EP0742)           4 ul 

SuperScript II RT (Invitrogen 18064022)                                         1 ul 

10. Mix by pipetting up and down without forming bubbles. 

11. Spin down the sample and use the following thermo cycles: 

                                        42C                   60 mins 

                                        50C                   2 mins 

     10 cycles                    42C                   2 mins 

                                        70C                  15 mins 

                                        4C                     hold  

 

RNaseA Treatment 

1. Pool RT reactions together from each condition to a clean PCR tube. 

2. Add 0.3ul of boiled RNaseA (NEB T3018L) to pooled 60ul of RT reaction. 

3. Incubate at 37C for 1 hr. 

 

cDNA cleanup with RNAClean XP Beads 

1. Add 1.8X volume of RNAClean XP beads (Beckman A66514) to 1 volume of cDNA. 

2. Mix thoroughly by vortex and incubate at RT for 15 mins. 

3. Transfer to magnetic stand and incubate at RT for 10 mins to allow bead separation. 
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4. Discard the supernatant and wash with 200ul of freshly prepared 80% EtOH twice, incubating 

with 80% EtOH for 2 mins each time. 

5. Dry the beads at RT for 5-10 mins; elute as soon as you see beads start to crack (look at beads 

after 5 mins). 

6. Elute cDNA with 42ul of 0.1X TE buffer, transfer 40ul of a clean, sterile non-stick tube. 

 

Junction PCR Amplification 

1. Prepare the following PCR mix on ice to a final volume of 50ul: 

junction PCR fwd primer              ATCCGTAGAAATCTGCTGG*G 

plasmid specific cDNA primer      gactctagAgactggagttca*g 

cDNA                                                                          20 ul 

2X KAPA HiFi HotStart MasterMix                          25 ul 

10uM junction PCR fwd primer                                  1.5 ul 

10uM plasmid specific cDNA rev primer                   1.5 ul 

ddH2O                                                                          2 ul 

2. Perform PCR using following PCR conditions  

                                          98C          3 mins 

                                          98C          20s 

     ~12 cycles                    65C          15s 

                                          72C          20 sec 

                                          72C          5 mins 

                                          4C            hold   

3. Pool all junction PCR amplicons and purify with AmpPure beads, elute in 25ul 0.1X TE 
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4. Run 1ul of elution to determine the concentration of junction PCR amplicon and calculate how 

many cycles should run for sequencing-ready PCR. Do not use less than 5 cycles of PCR 

reactions for sequencing-ready PCR. 

 

Sequencing ready PCR Amplification 

1. Prepare the following PCR mix on ice to a final volume of 50ul: 

Junction PCR amplicons                                            10 ul 

2X KAPA HiFi HotStart MasterMix                          25 ul 

10uM illumina index 5 primer                                   1.5 ul 

10uM illumina index 7 primer                                   1.5 ul 

ddH2O                                                                        12 ul 

2. Perform PCR using following PCR conditions  

                                          98C          3 mins 

                                          98C          20s 

     5-9 cycles                     65C          15s 

                                          72C          20 sec 

                                          72C          5 mins 

                                          4C            hold   

3. Clean PCR product using AMPure XP beads, and elute in 20ul of 0.1X TE, examine the 

concentration of this sequencing ready sample using TapeStation. The sequencing library should 

have a concentration of about 2ng/ul. 

 

Animal Model and Subjects 
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Xenopus tropicalis embryos were obtained by in vitro fertilization according to Ogino et al. 

(2006) and staged according to Nieuwkoop and Faber (1994). All embryos were cultured in 1/9X 

Marc’s modified Ringers (MMR) at 25 C. For plasmid injection, 20pg of plasmid was injected 

at either the animal cap site or vegetal mass site of the 1-cell staged embryos. Then injected 

embryos were cultured to st10.5 early gastrula and harvested for RNA extraction as described 

above. Animals were raised and maintained following the University of California, Irvine 

Institutional Animal Care Use Committee (IACUC). Animals used were grown in the laboratory 

and/or purchased from National Xenopus Resource.  

 

Plasmids and Reporter Assays 

Each candidate CRM was cloned into pGL3 (Promega) with a minimum gsc promoter (Watabe 

et al., 1995) between HindIII individually using PCR. For mutant CRMs, base substitutions 

(Foxh1 motifs AATMHACA were changed to AAGMHAAA and Sox17 motifs ACAAWRG 

were changed to ATAGWRG) were introduced by site-directed mutagenesis PCR. Primers for 

PCR are listed in Table 4.1. 

For dual luciferase reporter assays, 20 pg of a CRM plasmid and 2pg of pRL-SV40 

plasmid (Promega) were co-injected into either the animal or vegetal site of the 1-2 cell stage 

embryos. Embryos were then incubated to and harvested at early gastrula st10.5. Ten embryos 

were lysed in 100ul of passive lysis buffer (Promega), and 10ul of clear lysate was used to assay 

for reporter activities. pGL3 without CRM cloned was used as a negative control. 

 

Computational Analysis 



 113 

Sequenced samples were aligned to Xenopus tropicalis genome v10.0 (http://www.xenbase.org/, 

RRID:SCR_003280) using Bowtie2 (Langmead and Salzberg, 2012). After PCR duplicate 

removal, bam files were converted to bed files. Raw counts to each CRM (oligo sequence) were 

calculated against the oligo bed file using Bedtools (Quinlan and Hall, 2010) and then 

normalized in DESeq2 (Love et al., 2014) to minimize distortion by sequencing depth. Values of 

counts per plasmid (CPP) is calculated by normalizing counts from STARR-seq samples to 

counts from the plasmid library sample. The threshold for active CRMs is defined by the 

changepoint of the curve plotted by CPP ranks versus CPP values using the changepoint package 

in R (R core team, 2022). The active CRMs were annotated by assigning them to their nearest 

genes within 10kb. For spatial gene expression analysis (Blitz et al., 2017), all sequencing 

samples were aligned using STAR v2.7.3a (Dobin et al., 2013) to Xenopus tropicalis genome 

v10.0 (http://www.xenbase.org/, RRID:SCR_003280) to obtain raw read counts. RSEM v1.3.3 

(Li and Dewey, 2011) was used to calculate expression values in transcripts per million (TPM). 

The average TPM between 3 dissected mesoderm tissues (dorsal, marginal, and lateral marginal 

zones) was used to represent the expression of mesoderm (Blitz et al., 2017). Student’s t-test is 

used to determine the statistical significance between examined groups.  
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Table 4.1: CRM PCR primer list 

CRMs Forward sequence Reverse sequence 

admp atatatatatatatactaacagtatatcttgcccaaag aagtaaacttgcaacttaaaaaattaaattttatttc 

bmp7.2 aatgaatgaatgtgagggct acactgttatgtagtgtacctgctt 

fam184a-like ttctgttttgtttggtttccc tttttgcacctattgttctaagg 

fgf20 (1) ctgtttcggcatgtagttgcctt gagaatgtttcagaaagggtggg 

fgf20 (2) actgatttatcagcctgggtgt aatgtgcagggcacacgg 

frzb accctgctttagaatacacatgagg tggcactctagtctgggagaa 

fst tagctgctaaagctgcattatt aaattggccgaccctttc 

grhl3 ttaattgcagtaccaccaacag tcagtactggccccctgc 

gsc gaggtgcaagaatccttgtgt ttctcaatcatttattcatggttgt 

hhex ttaaccttattacattttcaggcc tttagagtgtgtctgtgtgtgttt 

map7d3 agttttccttccaccaaagaaaa agcttgcctgtatgggat 

mesbp atgcttgcatttcaaacattg gtgtaatgtttgccctatccc 

mix1 (1) cctggagagaggggcagacta tctctactgtctccctcgtgt 

mix1 (2) ggcatctacacctacccagg atagtggatgggcagatacag 

mix1 (3) attactgggtgttagagagccag ggggatttgcaaggcattcc 

mix1 (4) tggggcaataaaaacaatg gccttttcattttaggggtta 

mixer (1) gcagacacttctccccaata gaaagtagtgagtcatgtgacag 

mixer (2) tatataaaagcggcggca aatgtatttcagttccaaacatg 

nodal/nodal

4 (1) 

ggtcagacacatttttgagca tccacatcagcacactcctt 

nodal/ 

nodal4 (2) 

gtgaatctgtgagtgtttgatg attacctgagtgatctcaagcctt 

nodal1 agttttgcctaagatgaagggaa gcacaaagacaacatgagccc 

nodal6 (1) tttgatgccagtaacaggtaac agtatacactaaatgaagttagttaagata 

nodal6 (2) tactaagatttcacttcatggtgg gcagcaagttaaggcataaca 

nodal6 (3) ttacacacatcttcagtttattcac acttcatgccctgagaatgcc 

nodal6 (4) tcactaaatagaaatacaactgtgc gagacagtcagatactgattaca 

pcdh8.2 (1) aaatctctttcatattcagccgg tgagttgttttatgcaatatattttttatagaggc 

pcdh8.2 (2) acctaaagtcacatcccatcag ttgatgacatcaagaaaggtactctaatc 

pcdh8.2 (3) ggtgcagtgaatggcttattc caccttagtgccttcataattgg 

pdk4 agaactaaaactgttataagaatttctaatttttaataaatatt gtaaagttgcactgctttattttacac 

sebox atgtcccattgcagccagtt gcacttcaaacagctggaga 

serpinf2 agaaatggtgcaccactg tcaaaatcatgcactgaaggatcaa 

sfrp2 aatggagaaaagtgtggtataagc acactgctactttttaagacagat 

sia1 caatgatttcagtgtggcagg gtccgactcaagttgctcct 

slc12a3.1 cttttccagattcaaaaaatattaacaatctgg caccttgattaaaaatccatggtcc 

snai1 tcagacaccaatctcactttttgc tgtctgccctttacagccaa 

sox17b.1 acagaacacaatcaattagcata ccatgtgtcaaccgaaactgc 

stox1 taacagctggagggttaaaag gaaaaagcccccatttactg 

tcf7 gcttgccctaccctgcct caaattgccttaaaagagtagtg 
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CHAPTER 5 

Conclusions and Outlook 

 

My dissertation focused on several aspects regulating the zygotic genome activation, which 

dictates the delineation of three primary germ layers, during early Xenopus development. First, I 

studied a repressive role of Foxh1 for suppressing mesendodermal genes in the ectoderm through 

proteomic and transcriptomic analyses of maternal transcription factor Foxh1. Second, genome-

wide investigation of epigenetic modifier Hdac1 revealed a dual function model of Hdac1 where 

it functions both in gene repression and activation through modulating histone acetylome. Lastly, 

I modified the existing cell-culture-based STARR-seq method to develop a high-throughput 

CRM assessment assay in Xenopus embryos. This chapter discusses these major highlights of my 

dissertation work and their implications, and provide future prospects to further address the 

mechanisms governing ZGA. 

 

Foxh1 interacts with both positive and negative epigenetic modifiers 

To investigate the protein interaction network of Foxh1 in Xenopus embryos directly is 

challenging. First, early staged embryos are loaded with abundant yolks that interfere with the 

immunoprecipitation of endogenous protein complexes (Conlon et al., 2012). Second, mass 

spectrometry detection is sensitive, requiring an availability of highly specific antibody to 

minimize the non-specific interaction with the protein of interest. To overcome these limitations 

of early Xenopus embryos in the proteomic study, we used mouse embryonic stem cells, which 

are pluripotent like Xenopus blastula embryos. Ectopic Foxh1 with triple tags is integrated into 

the genome of E14 cells as a transgene, and the immunoprecipitation is carried out using two 
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antibodies against two tags simultaneously (Wang et al., 2014). This approach allows us to 

identify protein interaction network of Foxh1 efficiently in E14 cells, followed by the validation 

experiments using Xenopus proteins.  

 Our results revealed 371 candidate interacting proteins to FOXH1 in mESC (Table 2.1). 

These proteins are involved in diverse cellular processes, including RNA biogenesis, ribosome 

biogenesis, chromatin regulation, etc. Given that Foxh1 is a maternal transcription factor that 

imposes transcriptional regulation on zygotic genes, the candidate interactants related to 

chromatin regulation may elucidate the mechanisms of such regulation. We highlight that Foxh1 

can interact with both positive and negative chromatin regulators (Figure 2.2A). Foxh1 acts as a 

Nodal signaling co-activator for the transcriptional network of mesendodermal genes via 

interaction with Smads, presumably accompanied by epigenetic regulations. For example, Foxh1 

may interact with SWI/SNF complexes (which include identified interactants SMARCA5 and 

HELLS) to facilitate the nucleosome repositioning during transcription. In addition, histone 

methyltransferase complexes depositing active histone methylation (which include identified 

interactants NSD1) may be recruited by Foxh1 during transcription. The activator role of Foxh1 

on chromatin may serve as a mechanism by which Foxh1 acts as a passive pioneer transcription 

factor (Charney et al., 2017) to induce the competence of the zygotic genome for ZGA. 

However, these interactions identified by mass spectrometry need further validations in embryos. 

For instance, the native genomic loci of these interactions as well as the exact role of Foxh1 in 

their genomic engagement require additional examinations.  

 In a study examining genes regulated by Foxh1, more than half of the genes are 

independent of Nodal signaling, indicating a role for Foxh1 other than the co-activator of Nodal 

signaling (Chiu et al., 2014). The spatial expression profiles of Foxh1 regulated genes 
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independent of Nodal signaling are relatively ubiquitous, like the distribution of Foxh1 

transcripts (Chiu et al., 2014; Charney et al., 2017). These findings suggest that Foxh1 modulates 

genes in all germ layers, which is different from the mesendodermal restricted role of Nodal 

signaling. Our result revealed that Foxh1 interacts with repressive chromatin regulators such as 

Polycomb repressive complexes, Hdac-containing complexes, and DNA methylation complexes 

(Figure 2.2A). The identified interaction between Foxh1 and negative chromatin regulators led 

us to speculate that Foxh1 is involved in gene repression through epigenetic mechanisms. The 

repressive role of Foxh1 has been elucidated in previous studies where Foxh1 inhibits the 

expression of nodal5 and nodal6 in the ventral vegetal mass of embryos through Nodal signaling 

(Kofron et al., 2004). Interestingly, Foxh1 was shown to recruit repressive transcriptional 

cofactor Tle4 to regulate zygotic gene expression (Reid et al., 2016; Charney et al., 2017). We 

propose that Foxh1 interacts with these negative chromatin regulators to form a repressive 

chromatin state primed for gene repression. 

 

The repressive role of maternal Foxh1 in developing Xenopus ectoderm 

The genome-wide binding profile of Foxh1 reveals that Foxh1 persistently binds to genomic loci 

of mesendodermal genes during early development (Charney et al., 2017). This binding model 

fits the role of Foxh1 as a co-activator for Nodal signaling, where mesendodermal genes are 

expressed in the marginal zone and the vegetal mass of embryos (Hill et al., 2001). However, 

Foxh1 is uniformly expressed in all germ layers, which raises the question as to the function of 

Foxh1 in the ectoderm. The protein interaction network of Foxh1 allows us to infer that Foxh1 

functions to suppress mesendodermal genes through its association with negative chromatin 

regulators in the ectoderm. Co-immunoprecipitation experiments showed that Foxh1 interacts 
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with PRC2 core subunits and Hdac1 through protein-protein interaction (Figure 2.2B-2.2H). 

Genome-wide binding profiles also showed that Foxh1 occupies a majority of Hdac1 bound 

regions (Figure 3.3C, 3.4C). These results support the hypothesis that Foxh1 interacts with 

negative epigenetic modifiers in the mesendodermal gene loci.  

To address the functional outcome of Foxh1-Hdac1 interaction, transcriptomic analyses 

were conducted in the ectoderm from embryos depleted of Foxh1 or HDAC activity. While 

inhibition of HDAC activity in the ectoderm upregulates several known mesendodermal genes 

(Figure 3.10B), depletion of Foxh1 in the ectoderm does not lead to upregulation of well-known 

mesendodermal genes (Figure 2.3C). Overlapping genes repressed by Foxh1 and Hdac1 in 

ectoderm revealed a small subset of genes (~10%) that can be suppressed by Foxh1 through its 

interaction with Hdac1. These observations suggest several possibilities. One is that the 

utilization of HDAC activity by Foxh1 in gene repression is not a primary mechanism. Foxh1 

may mainly exploit the activity of PRC2 complex for H3K27me3 mediated gene repression and 

Hdac1 only regulates a small subset of genes. The functional role of Foxh1-PRC2 interaction 

requires further investigations. Alternatively, loss of Foxh1 is insufficient to fully abolish the 

recruitment of Hdac1 because Hdac1 can be direct to target loci by the presence of other TFs. 

This is consistent with the finding that motifs of Sox, Pou, and T-box TFs are also enriched 

within the genomic regions bound by Foxh1 (Figure 3.3B, Chiu et al., 2014; Charney et al., 

2017; Paraiso et al., 2019; Gentsch et al., 2019). Since the combinatorial interaction between 

these TFs regulates the output of mesendodermal genes; hence, the lack of one transcription 

factor, in this case, Foxh1, may be insufficient to reduce significant transcriptional changes. In 

the future, ectodermal transcriptome will need to be examined when additional TFs are depleted 

along with Foxh1. This experiment will inform us about the robustness of transcriptional 
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networks specifying the ectoderm and the roles of different TFs in gene suppression through 

cooperative binding.  

 

Hdac1 binds to genomic loci pervasively from ZGA and onward 

Our ChIP-seq analyses showed that genome-wide binding of Hdac1 coincides with ZGA (Figure 

4.1C); however, the zygotic transcription is dispensable for the genomic recruitment of 

Hdac1(Figure 4.3A). We speculate that transcriptional regulators engage zygotic genomic loci in 

sequential order. Maternal TFs such as Foxh1 (Charney et al., 2017), Vegt, and Otx1 (Paraiso et 

al., 2019) bind to the genome as early as 32~64 cell stages. The binding of maternal TFs might 

act as a prerequisite for binding subsequent epigenetic modifiers such as Hdac1. By comparing 

binding profiles of Hdac1 with Foxh1 and Sox3’s, we found that Hdac1 and Foxh1/Sox3 are 

positively correlated in binding patterns and strength (Figure 4.3C, Figure 4.4C-F). The observed 

co-binding of Hdac1 and Foxh1/Sox3 on the same DNA sequences (Figure 4.3D-E, Figure 4.4G) 

further supports the speculation that maternal TFs direct the genomic recruitment of Hdac1. It is 

shown that H3K4me1 requires maternal TFs Foxh1, Otx1, and Vegt for its deposition at 

endodermal gene loci (Paraiso et al., 2019; Paraiso et al., preprint). It is tempting to presume a 

general mechanism by which maternal TFs bind to the zygotic genome early in developmental 

time and subsequently recruit epigenetic modifiers to remodel the zygotic epigenome.  

Though the binding of Hdac1 is highly correlated with the binding of maternal TFs 

Foxh1 and Sox3, a causal link, whether maternal TFs such as Foxh1 and/ or Sox3 are required 

for the genomic recruitment of Hdac1, has not been established. However, properly addressing 

this question is challenging because morphant or knockout embryos for Foxh1 are often 

developmentally delayed, and this affects interpretation of the data. It may be needed to perform 
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the genome-wide binding study of Hdac1 at closely spaced time intervals using both wild type 

and Foxh1 mutant embryos, and carefully examine the changes of Hdac1 binding density 

between pairwise samples. Another useful experiment is to perform time-course ChIP-mass 

spectrometry (Wang et al., 2013; Ji et al., 2015) on maternal TFs like Foxh1 to determine the 

assembly of transcriptional complexes on the genome. For instance, ChIP-mass spectrometry on 

Foxh1 at the early blastula, late blastula, and early gastrula stages may reveal a temporally 

controlled assembly of protein complexes associated with Foxh1 on the genome. A potential 

challenge to this experiment is to discern specific interactants over non-specific interactions to 

Foxh1 because mass spectrometry is highly sensitive. Proper controls such as ChIP-mass 

spectrometry using a non-specific IgG antibody can exclude some non-specific interactants due 

to the antibody quality. Introduction of Foxh1 mutant lacking DNA-binding domain into Foxh1 

null embryos may identify Foxh1 interacting proteins through a transcription-independent 

regulation. At present, it is unclear how many embryos are required to perform the proposed 

ChIP-mass spectrometry. 

 

A dual function model of Hdac1 at inactive versus active CRMs 

Genomic loci bound by Hdac1 are marked with distinct epigenetic signatures suggesting the 

differential functions of these CRMs. Repressive histone modification H3K27me3 is enriched at 

a subset of Hdac1 peaks indicating that Hdac1 mediates gene repression (Figure 3.5B). In 

contrast, various active histone modifications, including H3K27ac and H3K4me3, are also 

present at Hdac1 peaks suggesting that Hdac1 functions at active gene loci (Figure 3.5A, 3.6B). 

Thus, the binding of Hdac1 to both inactive and active genomic loci led us to hypothesize that 

Hdac1 carries out different functions on these two types of CRMs in early embryos. 
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 To understand the functional outcome of Hdac1 occupancy, we quantitively examined the 

changes in histone acetylation (pan-H3Kac) and transcriptomes upon inhibiting the enzymatic 

activity of HDACs in two different germ layers. We observed a global histone hyperacetylation 

on all Hdac1 peaks indicating that Hdac1 removes histone acetylation at bound regions. Yet, the 

transcriptomic changes are different on genes associated with inactive versus active Hdac1 

peaks. At inactive CRMs, inhibition of HDAC activity results in a drastic histone 

hyperacetylation (Figure 3.7E, 3.7F, 3.8G, 3.8J), leading to the aberrant activation of nearby 

genes (Figure 3.9B-E, 3.10G). Such repressive regulation by Hdac1 is imposed on inactive genes 

both temporally and spatially. Thus, one function model of Hdac1 is to safeguard the 

misactivation of developmental genes both in time and space by preserving a hypoacetylation 

state of CRMs (Figure 3.9F, inactive CRM model).  

 Unexpectedly, our data revealed that the gene activity requires a dynamic equilibrium 

between histone acetylation and deacetylation. We found an anti-correlation between histone 

acetylation and gene expression levels, where histone acetylation is elevated on active CRMs 

(Figure 3.7E, 3.7F, 3.8G, 3.8J), yet the expression levels of genes associated with active CRMs 

are decreased (Figure 3.9E, 3.10G). This positive transcriptional regulation by Hdac1 is observed 

in both ectoderm and endoderm germ layers. Hence, the other function model of Hdac1 is to 

maintain gene activities through sustaining histone acetylation-deacetylation cycles on active 

CRMs (Figure 3.9F, active CRM model). These results highlight that the functional outcome of 

Hdac1 activity is dependent on the context of genomic loci, and influences gene expression 

differently. 

 While the simultaneous binding of Ep300 and Hdac1 for histone acetylation cycles is 

demonstrated in cell culture studies (Wang et al., 2009; Kidder et al., 2012), this first occurrence 
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of this cyclical histone acetylation phenomenon in embryos at active genes is described here. The 

binding profiles of Hdac1 and Ep300 are well correlated (Figure 3.6A), yet the direct co-

occupancy of both factors on the same CRMs is not examined. The sequential ChIP-qPCR can 

be used to determine whether Ep300 and Hdac1 bind to the same genomic loci simultaneously. 

Upon HDAC inhibition, we observed a global histone hyperacetylation inferring that HATs are 

present at these genomic loci to acetylate histones. In order to further strengthen the cyclical 

histone acetylation model, it would be useful to perform quantitative histone acetylation assays 

after inhibiting HAT activity. A-485, a selective catalytic p300/CBP inhibitor (Lasko et al., 

2017), can be used to treat embryos, followed by histone acetylation (pan-H3Kac) quantification. 

If the proposed model of cyclical histone acetylation is accurate, we then expect to observe a 

global histone hypoacetylation on the genome of embryos treated with the HAT inhibitor. 

 Hdac1 is broadly accepted as a transcriptional repressor because histone deacetylation is 

closely associated with gene repression. However, many studies, including ours, revealed that 

Hdac1 binds to many genomic loci with active transcription (Kurdistani et al., 2002; Wang et al., 

2002; Wang et al., 2009; Kidder et al., 2012). This finding suggests a role for Hdac1 during 

active transcription. Interestingly, HDAC-containing complexes are recruited by co-

transcriptional histone methylation in yeast (Carrozza et al., 2005; Keogh et al., 2005; Li et al., 

2007). Furthermore, HDAC depletions in yeast, mammalian cells, and result in attenuated 

transcription fidelity characterized by the production of cryptic transcripts (Kim and Buratowski, 

2009; Kim et al., 2012; Heo at al., 2021; Brocks et al., 2017; Milstone et al., 2020). 

Unfortunately, detection of cryptic transcripts in Xenopus is challenging because the current 

Xenopus gene annotation is not good enough to inform the precise transcriptional start sites. 

Instead, 5’ RNA sequencing methods such as CAGE (cap analysis of gene expression) 
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sequencing (Adiconis et al., 2018) can be used to identify the transcription start sites and to map 

differential utilization of canonical versus cryptic transcription start sites in embryos treated with 

the HDAC inhibitor.  

 We propose that Hdac1 can function at both inactive and active CRMs, yet the 

mechanism by which Hdac1 engages these two distinct states of CRMs is unknown. In 

physiological contexts, Hdac1 can be incorporated into four different protein complexes 

(Milazzo et al., 2020). Sin3A/ B complex is the prototypical co-repressor complex mediating 

histone deacetylation facilitated gene repression. CoREST complex consists of both deacetylase 

and demethylase (LSD1) to modulate histone states during gene repression. NuRD complex 

carries ATP-remodeling activity besides histone deacetylation activity. MiDac complex, the last 

Hdac1-containing complex identified, is shown to modulate cell cycles. Considering that Hdac1 

can be assembled into different complexes with different activities, it is tempting to speculate 

that one type of Hdac1-containing complex may play a role in inactive CRMs, while another 

kind of Hdac1-containing complex functions at active CRMs. If different Hdac1-containing 

complexes are deployed at distinct genomic loci, we then expect to find different Hdac1-

containing complexes present at distinct genomic loci based on the activities of CRMs. For 

instance, NuRD complex can remodel the local chromatin states, reposition the nucleosome, and 

facilitate transcriptional machinery assembly. If HDAC activity of NuRD complex is responsible 

for the cyclical histone acetylation at active CRMs, we then expect to find specific subunits such 

as CHD3 or MTA1 in NuRD complex to be present at active but not inactive CRMs. A survey of 

ChIP-seq on several complex-specific subunits is needed to differentiate the genomic loci bound 

by one complex but not the other, which may infer the complex-specific role of Hdac1 at distinct 

CRMs. 
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 It is puzzling that elevated histone acetylation on active CRMs leads to decreased gene 

expression levels (Figure 3.8G, 3.9E, 3.10G). How excessive histone acetylation impairs the 

expression level of nearby genes is unclear. Chromatin regions with overly acetylated histones 

may destabilize the chromatin leading to an unfavored platform for the assembly of 

transcriptional machinery. To test this possibility, the binding of RNA polymerase II should be 

assessed in embryos treated with and without the HDAC inhibitor through spike-in quantified 

ChIP-seq. Specifically, chromatin from Drosophila S2 cells can be mixed with Xenopus 

chromatin; an antibody against Drosophila histone variant H2Av is then introduced along with 

the antibody against the protein of interest. The relative signal density of the protein of interest 

can be obtained by normalizing to the signal density of H2Av (Egan et al., 2016). If excessive 

histone acetylation disrupts the assembly of general transcriptional machinery, we then expect to 

see a decreased signal density of RNA polymerase II at CRMs associated with downregulated 

genes. Histone acetylation reader proteins such as BRD proteins are essential to the formation of 

enhancer-promoter interaction, which in turn stimulates the activity of basal transcriptional 

machinery (Hassan et al., 2007; Filippakopoulos et al., 2012). It is also possible that a global 

histone hyperacetylation by HDAC inhibition alters the binding of BRD proteins, as reported 

(Slaughter et al., 2021). If global hyperacetylation reshapes the binding patterns of BRD proteins 

(e.g., BRD4), we would expect to find a reduced binding enrichment of BRD4 at genomic loci 

associated with downregulated genes through spike-in quantified ChIP-seq experiments. Histone 

acetylation also modulates the flexibility of chromatin, thereby determining the loop formation 

between chromatin regions (Li et al., 2006). Global histone hyperacetylation might result in 

aberrant chromatin loop formation (Gryder et al., 2019). If excessive histone acetylation at active 

CRMs affects loop formation, we would then expect to detect decreased chromatin contacts 
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between genomic loci associated with downregulated genes by chromatin conformation capture 

assays (Hagège et al., 2007). 

 

Applications and limitations of STARR-seq in Xenopus embryos 

The direct high-throughput functional measurement of CRM activities (STARR-seq) was 

conducted in various cultured cell lines (Arnold et al., 2013; Liu et al., 2017; Barakat et al., 

2018; Schöne et al., 2018; Wang et al., 2018). However, it is unclear whether STARR-seq is 

applicable in developing embryos. We modified the published STARR-seq protocol (Neumayr et 

al., 2019) and applied it to Xenopus embryos. Our modified protocol showed effective capture of 

transcripts derived from input plasmids (Figure 4.2E), suggesting that the technical flow of 

STARR-seq is suitable in vivo. Yet, the activity of each CRM is stochastic, poorly correlating 

with the expression levels of associated genes. This indicates that the current modified protocol 

is suboptimal and requires further modifications. 

 The major challenges to applying STARR-seq in embryos are the range of library 

complexity and sample size. Unlike the cell culture system, where a (relatively) highly complex 

plasmid library can be assayed across tens or hundreds millions of cells, an early gastrula 

Xenopus embryo bears much fewer cells (~10,000 cells/ embryo), significantly limiting the 

testable complexity of the plasmid library. Therefore, the testable range of plasmid library 

complexity must be determined. Similar to the concept of spike-in strategy, a set of CRMs with 

known activities should be mixed in the plasmid libraries with different complexity. And the 

relative activities of these known CRM should be assessed. For example, the transcript levels of 

a set of ten CRMs can be examined individually so these ten plasmids can be served as a 

standard baseline. If the relative activities of these ten known CRMs were not affected after 
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mixing them with additional 90 different CRMs, we then can presume the activities of other 90 

CRMs are accurate and conclude that an embryo can tolerate the STARR-seq library complexity 

of 100 different CRMs. 

 The inconsistent applicability of STARR-seq between Xenopus embryos and cell culture 

might also be due to insufficient sample size. The input plasmid library is not freely diffusible 

but locally enriched around the site of microinjection (Jonas et al., 1989), and it is passively 

distributed into daughter cells after ~10 cycles of cell division at early gastrulation. Each 

daughter cell would receive different amounts of input plasmids; therefore, the output (transcript 

levels derived from the input plasmid library) would vary from one cell to another. This uneven 

distribution of plasmids across cells may skew the CRM activity because cells that receive fewer 

plasmids experience less competition between plasmids and endogenous transcription. Though 

this is the nature of embryo development, this issue can be potentially combated by increased 

sample size. The variation among cells within a single embryo can likely be decreased by 

repeated sampling at a greater amount. The exact sample size of embryos would need to be 

determined experimentally in conjunction with the complexity of the input plasmid library.  

 In summary, my dissertation work highlights the diverse and complex regulatory 

mechanisms governing ZGA. My work suggested a repressive role of maternal TF Foxh1 in the 

ectoderm, revealed a spatial and temporal regulation of gene expression by Hdac1 through 

histone acetylome refinement, and built a foundation to assess the functionality of numerous 

CRMs simultaneously in Xenopus. The proposed future directions discussed in this chapter will 

further advance our understanding of ZGA regulation at the molecular level. 
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