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Title: From experiments to models: Understanding the mechanisms of surface-assisted 

giant vesicle assembly 

 Dissertation Advisor: Anand Bala Subramaniam 

Author: Vaishnavi Girish 

Degree: Bioengineering 

University/Year: University of California, Merced 

Committee chair: Professor Wei-Chun Chin 

 

Giant unilamellar vesicles (GUVs) are micrometer-sized compartments that can be 

assembled from amphiphilic lipid molecules in aqueous environments. The increasing 

interest in the use of cell-mimicking systems for therapeutics and drug delivery requires 

techniques that can enable the production of large numbers of GUVs at low costs. Despite 

the long history of producing GUVs, the mechanism of their assembly has not been 

understood. Furthermore, the impact of experimental factors such as surface concentration, 

and charge have also not been quantified due to a lack of available methods. Here, I report 

the quantitative impact of surface concentration, lipid headgroup charge, and salt in the 

hydration solutions on the yields and size distributions of GUVs using methods previously 

developed in the Subramaniam lab. I found that the evolution of yield of zwitterionic lipids 

with surface concentration is peaked while the yields of pure charged lipids as well as 

mixtures of zwitterionic and charged lipids increase with increasing surface concentration. 

I explain evolution of yields of zwitterionic lipids with increasing surface concentration 

and salt concentrations using the framework of the budding and merging (BNM) model. 

The BNM model describes GUV assembly as a process of nano-scale bud formation from 

bilayers followed by merging of the buds to form GUVs. I use MATLAB to simulate the 

process of coating sites on a substrate with lipid bilayers followed by budding and merging 

of bilayers. The results show that the impact of surface concentration and salt on the yields 

and size distributions can be predicted by the simulation. I also show that at high surface 

concentrations, charged lipids form GUVs via an alternative pathway which was named 

shear-induced fragmentation (SIF). The electrostatic repulsion between charged bilayers 

causes the bilayers to form an extended Lα mesophase which fragments and closes to form 

GUVs upon applying shear by pipetting. The quantification of yields has enabled us to 

systematically determine the effect of various experimental parameters. Furthermore, the 

ability to model and predict the impact of these parameters opens up avenues to large scale 

production, where the yields can be optimized depending on the required composition of 

lipids, hydration solutions, and substrates.   
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Preface 

 

Giant unilamellar vesicles (GUVs) have been of interest in the fields of synthetic biology, 

biophysics and bioengineering as well as in application such as therapeutics as minimal 

cell templates. Their ease of formation and visualization using optical microscopy 

techniques makes them ideal candidates for use in studying cellular processes in isolation. 

Their dimensions mimic that of cells and their versatility in incorporating a range of 

encapsulants makes them useful carriers in applications such as drug delivery. However, 

much of the large-scale applications of GUVs has been impeded by a lack of both, a 

mechanistic understanding underpinning their formation and a clear means of optimization 

via tunable parameters. In this dissertation, I address this lack of a comprehensive 

mechanism in the field and offer a means to understand the impact of different experimental 

parameters on GUV yields.  

In chapter 1, I review the literature on GUVs, specifically focusing on what has 

been reported on their applications. I also review the current mechanisms in the field that 

describe GUV formation from thin-film hydration methods, highlighting the gaps and 

inconsistencies that need to be resolved. In previously published papers, the Subramaniam 

group determined a method of quantification that is statistically sound since it uses sample 

sizes of large populations of GUVs, between 105 and 106 orders of magnitude. This method 

of quantification was used to test various types of substrates and develop a thermodynamic 

model that describes the growth of GUVs using surface assisted assembly techniques. The 

model is the first in the field to explain the effect of different substrates. I briefly describe 

both, this method of quantification and the budding and merging (BNM) model that was 

proposed using the outcome of quantification of yield across different substrates. The 

model was used previously to explain the effect of nanoscale curvature on the yields and 

provide a qualitative understanding of the expected impact on the size distributions. 

Predictions on the numerical values of the yield and distribution of sizes was not provided.  

In Chapter 2, I describe experimental results obtained using the quantification 

technique outlined in Chapter 1. The impact of surface concentration on GUV yield has 

not been studied in methodical, quantitative manner although certain studies in literature 

qualitatively demonstrate the need for higher surface concentrations when using charged 

lipids. Furthermore, there are no mechanistic explanations on the expected impact of 

surface concentration on the process of vesiculation in thin-film hydration methods. I 

describe the impact of surface concentration of zwitterionic lipid on the GUV yield using 

experiments. I find that the yield curve and vesicle counts peak at an optimal concentration 

beyond which point the yield drops with increasing surface concentration. Next, I expanded 

the study to include both positively and negatively charged lipids. Interestingly, I found 

the yield curves of charged lipids to increase with increasing concentration and plateau at 

high concentrations. Since many biological applications require mixtures of zwitterionic 

and negatively charged lipids to mimic cell membranes, I quantified the evolution of yields 
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of lipid mixtures composed of varying mole fractions of charged lipid doped into 

zwitterionic lipid at a fixed surface concentration. I found that the yield drops with 

increasing mole fractions of charged lipid. Similar to the results of pure charged lipid, I 

found that the yields could be largely recovered when the surface concentration was 

increased.  

In Chapter 3, I extend the core budding and merging concept to consider the effect 

of multiple bilayers on the surface and its quantitative impact on the molar yield and the 

distribution of sizes of GUVs. The BNM model predicts the spontaneity of budding due to 

the fiber dimensions up to a certain critical concentration, beyond which bud formation is 

no longer spontaneous. High lipid concentrations result in larger numbers of fibers with 

bilayers assuming cylindrical geometries with radii above the critical radius, resulting in 

fewer buds. I wrote a MATLAB routine that considers 7 parameters which are fiber radius 

and length, bending energy, lipid concentration, salt concentration, energy input into the 

system, and the edge energy for the size distribution of nanobuds. I demonstrate that the 

model is versatile and that parameters listed above can be varied to determine the expected 

trends in GUV yields and size distributions. It allowed prediction of expected yields and 

distribution of sizes when parameters such as the geometry of the substrate, and adhesion 

energy are varied. These results show that the BNM model can be expanded to understand 

the role of concentration as a tunable parameter and that concentration is crucial to 

maximizing yield, a factor that has gone unnoticed in literature thus far. 

In Chapter 4 I show that the evolution of charged lipids do not conform to the 

prediction of the BNM but instead follow an alternate mechanism of assembly. I report in 

in Chapter 2, that while investigating charged lipids, I found experimentally that surfaces 

prepared with high surface concentrations and high mole fractions of charged lipids did not 

produce results consistent with zwitterionic lipid. Further investigations using high 

resolution confocal z-stack images of the surface of the paper after 1 hour of hydration 

revealed the presence of an Lα mesophase for high concentrations of both positively and 

negatively charged lipids. Upon shear with a pipette, the mesophase fragments into GUVs. 

This method of producing GUVs is a bulk process termed shear-induced fragmentation 

(SIF) and was found to produce smaller vesicles (below 10 µm) than surface assisted 

assembly of GUVs. This nuanced behavior of lipids depending on their charge explains 

conflicting data in literature regarding the use of charged lipids to improve yields. While 

some papers report improvements in yields, others report diminished yields. In most cases, 

concentration has not been accounted for, which likely results in SIF being a pathway to 

vesicle formation in certain cases, thereby increasing yields in certain some experiments 

but not others. These results are described in Chapter 4.  

In Chapter 5, I use the budding and merging model with barriers to merging to 

describe the mechanism for this reduction in yields. I show in Chapter 2 that at a fixed 

surface concentration the yield of GUVs produced drops with increasing charge. In chapter 

5, I show that with increasing charge, the resulting nanobuds that are produced are likely 
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to face higher repulsion, increasing the barriers to merging which results in fewer micron-

sized buds that contribute to GUV yields. I use the Grahame equation along with as simple 

partition function to reduce the probability of merging and determine the expected yields.  

In Chapter 6, I simulate the yields and distributions of GUVs at varying 

concentrations of salt. The inability to obtain high GUV yields in ionic solutions using thin-

film hydration techniques has been a long standing issue in the field. Since most 

physiological solutions have ions as a key component, the ability to produce and study 

GUVs in ionic conditions is crucial for most applications of GUVs. Certain modifications 

such as gel-assisted hydration using agarose have been shown to improve yields but with 

the drawback of having agarose in the GUV bilayers, resulting in altered physical 

properties of the vesicles. Furthermore, there is no mechanistic explanation in literature for 

the observed drop in yields. In chapter 6, I describe the impact of salt concentration on 

GUV yield. Here, the BNM model is used to explain the yield using variations in the 

adhesion energy term which is expressed as a function of the debye length. The debye 

length is a property of the growth solution and is directly linked to the concentration of 

ions present in the solution. I use the MATLAB routine from Chapter 3 with modifications 

to the adhesion energy to reproduce the variations in yields and sizes observed in 

experiments for cylindrical fibers as well as flat surfaces.  

In Appendix A, I compare two different process that were attempted to simulate the 

merging of nanobuds.   The first is the merging template that is used in the simulations, 

and the second uses an exponential distribution with a varying exponential factor. I 

compare the histograms and yields of the two processes to show the differences in the two 

methods. In Appendix B, I report the results of GUV assembly on a variety of cylindrical 

fabrics, obtained from natural as well as synthetic sources. I show that we can produce 

GUVs on all the substrates, however, due to lipid entrapment between the pores of the 

fabric, the number of GUVs obtained was low compared to nanocellulose. In Appendix C, 

I report the variation of yields at varying concentrations of two dyes, Top-Fluor Cholesterol 

which is composed of the fluorescent bodipy group conjugated to a cholesterol molecule, 

and Rhodamine-PE which is composed of the fluorescent group rhodamine B sulfonyl 

conjugated to the 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine (DOPE) headgroup.  I 

show that the yields at varying concentrations of TopFluor Cholesterol remain steady 

compared to Rhodamine-PE which is more sensitive to concentration. In Appendix D, I 

report that using common buffers such as HEPES, PIPES and Tris with no additional salt 

results in a significant reduction of GUV yields. 
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Chapter 1: Introduction 

 

1.1. Giant unilamellar vesicles and their applications 

 

Giant unilamellar vesicles (GUVs) are cell sized spherical compartments that are typically 

assembled from amphiphilic phospholipids in aqueous solutions. Vesicles that are over 1 

µm in diameter are classified as GUVs and their maximum diameter can be over 100 µm. 

GUVs have been a subject of interest since they are large enough to probe using optical 

microscopy techniques1. Their compartmentalization properties mimic those of the plasma 

membrane on a basic level and so GUVs have been utilized as model membranes to study 

various membrane related properties such as rigidity2,3, protein interactions4,5, phase 

separation6,7 and permeability8,9. Additional complexity such as proteins10,11 or mixtures of 

charged lipids12 can be introduced to GUVs to be studied in isolation, which is not possible 

in typical cells which are composed of a multiplicity of processes and factors, each of which 

can have an impact on the others. GUVs have also been used in synthetic biology as the 

smallest unit in building higher order structures such as prototissues13 and vesicle 

networks14. GUVs can also function as picolitre-sized reactors, enabling small scale 

biochemical reactions such as polymerase chain reaction (PCR)15 or enzymatic reactions16 

to be carried out. The low volume of GUVs compared to bulk reactions allows a higher 

contact rate between low concentrations of reactants enabling cost effective, small-scale 

studies.  

GUVs have also shown potential for use in large scale applications such as drug 

delivery vehicles17–19 and microreactors20,21 for diagnostic purposes. The lumen of a GUV 

can encapsulate hydrophilic molecules22 while the interior of the bilayers can encapsulate 

hydrophobic molecules23. Proteins or peptide chains embedded in the bilayer can be used 

for targeted release of cargo, for example, to regions with cancer cells24,25. While 

therapeutics have been largely dominated by nano-sized carriers such as liposomes with 

diameters between 50 to 300 nm26, delivery of actives to cancer sites is still low, with 

studies reporting only 0.7% of the nanoparticles reaching the target sites27,28. Barriers to 

delivery typically tend to be competitive interactions with tumor-associated macrophages27 

as well as the accumulation of the particles in the dense heterogenous vasculature 

surrounding the tumor cells29. GUVs have been used less often in therapeutics largely due 

to a lack of a comprehensive mechanism and an understanding of how to optimize GUV 

production for large scale use. However, GUVs between 3.5 to 4.5 μm have been reported 

to show promising results in treating Alzheimer’s using animal studies30. Dhand et al show 

that for pulmonary uptake, vesicles between 1 to 5 μm are optimal, since smaller vesicles 

are lost via exhalation, while larger ones are trapped and cleared out by mucociliary 

systems18. GUVs also have a larger internal volume compared to nanoparticles. A 1 μm 

GUV has an internal volume 1000 times higher than a 100 nm liposome. Thus, GUVs can 

encapsulate higher payloads and larger actives such as DNA complexes that have 
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applications in areas such as cancer therapy31. GUVs are also an optimal candidate for other 

therapeutic solutions such as artificial blood, since the average diameter of red blood cells 

is 7 – 8 µm32, within the GUV size range. While a number of mechanisms have been 

proposed to explain various experimental observations, there is no single, comprehensive 

model that can be applied across different substrates and experimental conditions.  

The key GUV production methods that I focus on are PAPYRUS33,34, a method of 

thin-film hydration which utilizes nanocellulose as the substrate for GUV assembly and 

gentle hydration which utilizes glass as the substrate. In section 1.2, I discuss the existing 

models in literature and in section 1.4, I describe the budding and merging model that has 

been proposed by the Subramaniam Lab.  

 

1.2. Lipid phases 

 

In biological systems most lipids are organized into bilayers. Multiple oriented bilayers 

form a smectic phase35  in which the length of the molecules are oriented along an axis and 

they are also organized into layers or lamellae36,37. The smectic phase can exist in a number 

of different states or phases. Pure lipids can exist in a gel-like Lβ or So phase below a 

characteristic phase transition temperature Tm  which is influenced by a number of factors 

such as temperature35,39, charge40,41, concentration39,42, and membrane composition43,44. 

Above the phase transition temperature, lipids exist in a fluid Lα phase. Compared to the 

gel phase, the fluid phase is characterized by, lower bending rigidities, poorer packing since 

the lipid molecules occupy larger volumes, higher lateral diffusion, and higher 

permeability35,45. The phase transition temperature of lipids used in experiments in this 

dissertation are well below 0 °C, in the range of – 18 °C to – 12 °C46,47  and are in their 

fluid Lα state at room temperature when they assemble into GUVs.   

The addition of cholesterol to both the gel phase as well as to the fluid phase results 

in the liquid ordered phase, Lo
48.  This phase is midway between the gel and fluid phases 

and is characterized by a combination of properties of both phases. In the Lo phase, the 

lipid has a packed structure as in the gel phase but at the same time can undergo high lateral 

diffusion that is characteristic of the fluid phase35. 

The structures that lipids assemble into depends on the shape of the molecule. The 

packing parameters, defined as 𝑣/𝑎0𝑙𝑐  where 𝑣 is the chain volume, 𝑎0 is the area of the 

headgroup and 𝑙𝑐 the chain length, determines the configurations that amphiphilic 

molecules can take when they aggregate in solution49. Molecules that have a packing 

parameter of ~ 1 have a cylindrical shape and form bilayers in solution such as 

phosphatidylcholines. Molecules with a packing parameter less than 1 such as 

phosphatidylethanolamine are cone shaped and form an inverted hexagonal phase (HII) 

upon hydration35. Molecules with packing parameters greater than 1 have an inverted cone 

shape and form micelles in solution35. However, despite the variety of lipid molecules with 
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a range of packing parameters, most membranes in biological systems exist in the lamellar 

phase since only 20 – 50 % cylindrical lipids are required for the membrane to be organized 

into bilayers35. The role of non-lamellar phase forming lipids have been suggested to play 

important roles in forming intermediary phases in processes such as membrane fusion50.  

1.3. Electrostatic and van der Waals forces between lipid bilayers 

 

The forces between lipid bilayers are important in determining interactions between 

membranes in biological systems as well as in cases of thin film hydration, where they can 

influence the formation of vesicles. The surface of bilayers become charged either as a 

result of dissociation of groups from the lipid headgroups51 or as a result of ions such as 

Ca2+ binding to neutral membranes52. The charges embedded in the surface of the bilayer 

or ions with the same charge as the surface are termed co-ions, while the ions that are 

released into solution or have the opposite charge as the surface are called counterions49.  

In the presence of a charged surface, the counterions in solution associate with the charges 

on the surface, forming the Stern layer53. Outside the Stern layer, is the diffuse layer, 

composed of a ‘cloud’ of counterions at a higher concentration than in the bulk solution49,53. 

Together, they form the electrical double layer. The counterions are driven to overcome 

attractive electrostatic interactions due to repulsive osmotic forces and dissociate from the 

surface to form this double layer to increase their configurational entropy49. As the surfaces 

are brought closer together, the repulsive pressure increases provided that the surface 

potential remains the same, that is, there is no additional counterion adsorption onto the 

surface with decreasing distance between the surfaces49. 

Each ion follows a Boltzmann distribution in solution, given by the following 

equation49:  

 

𝜌 = 𝜌0𝑒
−𝑧𝑒𝜓/𝑘𝐵𝑇  (1) 

 

 Here, 𝜓 is the electric potential, 𝜌 is the counterion density at any point 𝑥 between the two 

surfaces, z is the valency of the ions in solution, 𝑒 is the electronic charge, 𝑘𝐵 is the 

Boltzmann constant and 𝑇 is the temperature.  

Combined with the Poisson equation, the Poisson-Boltzmann equation can be used 

to determine the electric potential, electric field and counterion density between two 

charged surfaces at varying separations given by equation 2: 

 

𝑑2𝜓

𝑑𝑥2
= −(

𝑧𝑒𝜌0
𝜀0𝜀

) 𝑒−𝑧𝑒𝜓/𝑘𝐵𝑇 
(2) 
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Here, 𝜀0 is the permittivity of free space,  𝜀 is the dielectric constant, and 𝑥 is the 

separation distance between two charged surfaces.   

 When no additional ions are added to pure water, the only ions in solution are 

counterions, dissociated from the lipid headgroups and ions that may be present as a result 

of dissolved carbon dioxide in water (described in section 2.3). The results of the Poisson-

Boltzmann equation show that in low ionic solutions, the counterion concentration is 

highest close to the surfaces and reaches a minimum value at the mid-plane49.  

In high ionic solutions including physiological buffers such as 1 × phosphate 

buffered saline (PBS), the presence of ions in the surrounding solution provides a bulk 

reservoir containing ions. Ions in solution can change the surface potential as a result of 

associating with the headgroup charges. For example, the Grahame equation can be used 

to determine that the surface potential of a surface with a charge density of – 0.2 Cm-2 

drops from – 477 mV in pure water to – 123 mV in a 1:1 electrolyte solution containing 

10-1 M of the electrolyte49. The solution to the Poisson Boltzmann equation in the presence 

of a high concentration of ions indicate that the electrostatic potential and surface charges 

are screened and decay exponentially away from the surface54. The characteristic decay 

length called the debye screening length, provides the distances over which the electric 

field of a charged particle or surface acts. The Debye screening length49 is expressed as 

𝜅𝐷
−1in the following equation:  

𝜅𝐷
−1 = √

𝜀𝑟𝜀0𝑘𝐵𝑇

2𝑁𝐴𝑒
2[𝐶]

 (3) 

Here 𝜀0 is the permittivity of free space,  𝜀𝑟 is the dielectric constant, 𝑘𝐵 is the 

Boltzmann constant, 𝑇 is the absolute temperature, 𝑁𝐴 is Avogadro’s number, 𝑒 is the 

elementary charge, and [𝐶] is the ionic strength of the solution. In pure water at a pH of 7, 

the debye screening length is 960 nm and drops to 0.78 nm in 150 mM of sodium chloride. 

Thus, ions reduce the electrical double layer repulsion between surfaces.  

While the dissociation of counterions leads to repulsive forces between bilayers, 

the van der Waals forces are attractive forces that can promote adhesion between bilayers. 

At small interbilayer distances, the van der Waals forces which vary as a power law with 

distance will exceed the repulsive double layer interactions which increase more slowly at 

small distances49. The DLVO theory (developed by Derjaguin, Landau, Verwey and 

Overbeek) proposes that the sum of the attractive and repulsive potentials gives the total 

interaction potential37.  

Surfaces with a high charge density in low ionic solutions experience long range 

repulsion that results in an energy barrier at a critical separation which needs to be 

overcome for the surfaces to approach closer to each other49,55. For surfaces with low 

charge densities or for highly charged surfaces in concentrated ionic solutions, this long 

range repulsions are screened, and the energy barrier can be significantly lowered, enabling 

the surfaces to approach and adhere to each other49,55. If the surface charge is near zero, the 
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total interaction potential can be wholly attractive for a wider range of separation 

distances49. Therefore, the key parameter that can cause two charged surfaces to adhere to 

each other occurs as a result of lowering the surface potential or charge of the surfaces by 

inducing ion binding onto the surface or by adding salt to screen the double layer repulsion. 

Experiments using a surface force apparatus to measure the adhesion between zwitterionic 

lipids in monovalent salt solutions report an adhesion energy of 1 × 10-4 Jm-2 in monovalent 

salt concentrations between 1 – 150 mM (the exact salt concentration was not reported)49. 

The adhesion was accounted for by the van der Waals attraction.  

 

1.4. Current models and mechanisms for GUV assembly 

 

1.4.1.  GUVs form due to fluid shear and/or fluid flow between bilayers 

 

Reeves and Dowben who were the first to establish a protocol for GUV assembly note that 

the conditions for vesicle formation required that the lipids are spread thinly, the stacks are 

well-hydrated, and the buffer is absent of salt56. In their procedure, the dried lipid films 

spread on the surface of glass flasks are exposed to water-saturated nitrogen for 15 minutes 

and allowed to equilibrate. During this time, the lipids self-assemble into stacks of bilayers 

on the surface. An aqueous solution is then poured into the flask coated with lipids. They 

propose that the moisture in the nitrogen causes the lamellae to swell. The aqueous solution 

then ‘runs’ between the bilayers, causing them to detach from their points of attachment 

and form vesicles56. They also suggest that salt or proteins in solution might act as ionic 

bridges between lamellae, preventing their separation and thus reducing yields. 

 This mechanism does not explain the reason for the polydisperse size distribution 

that is characteristic of vesicles obtained from thin-film hydration techniques. It also does 

not explain how or why this process of swelling and detachment of bilayers changes in the 

presence of charged lipids or different substrates, both of which affect the yield 

significantly.  

 

1.4.2. GUVs form through bilayer phospholipid fragment (BPF)  

 

This category of models has been influenced by models for small unilamellar vesicle 

(SUV) formation and the resultant size distribution. Lasic proposed a generalized 

mechanism for vesicle formation from a variety of methods (including thin film hydration) 

using the detergent depletion technique as the basis57. The formation of an intermediary 

structure, termed a bilayered phospholipid fragment (BPF) is hypothesized, which is 

unstable due to its exposed edges. The BPFs merge with each other to lower the energy of 

the exposed edges by lowering the total circumference of the fragments in solution. Due to 

the exposed edges however, the energy of the BPF is not at its minimum and can be reduced 
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further by curving into a vesicle. This process increases the curvature elastic energy of the 

bilayer58. Hence, bilayers form vesicles if the curvature elastic energy is less than the edge 

energy of the exposed hydrophobic edges, determined by a critical radius rc. Vesicle will 

not form if their radius is below rc
57. This critical radius was measured to be ~10 nm for 

egg PC vesicles59. The elastic curvature energy of the bilayer increases when the bilayer 

closes in on itself to form a vesicle.   

The key gap in this proposed mechanism is the elucidation of how the lipid 

configuration is affected by the substrate that is employed and its impact on the yields of 

GUVs. It also does not explain how other variables such as the presence of ions or charged 

lipids affect the formation of GUVs, both of which are important problems in the field. 

 

1.4.3.  GUVs form due to repulsive interbilayer interactions in bilayer stacks 

 

This general class of proposed mechanisms is significantly influenced by measurements of 

changes in equilibrium interlamellar spacing of bilayers using neutron and x-ray 

spectroscopy in the late 1960s to the 1980s60. These measurements were performed through 

x-ray diffraction60–64 or scattering65 techniques and small angle neutron scattering66. 

Typical model systems for measuring these interactions are either multilamellar vesicles 

(MLVs)60–64 or multibilayer stacks on the surface of a silicone substrate65 or glass 

capillaries67,68. These experiments reveal the presence of interbilayer forces composed of 

the attractive van der Waals force9 and repulsive forces that arise from the water molecules 

intercalating between the bilayers (hydration force)69, steric forces arising from 

undulations of the bilayer and electrostatic repulsion70. The differences in these forces 

determine the interbilayer spacing. Upon exposure to saturated water, they separate to 

achieve equilibrium interlamellar spacing that corresponds to a minimum in interaction 

energy61.  The spacing can range between 3 nm and 7 nm68 and can be modified using a 

different experimental parameters such as the presence of salt, which has been suggested 

to reduce interbilayer distances while charged lipids71,72 and dissolved osmolytes73 between 

bilayers have been suggested to increase interbilayer distances. 

Hishida et al suggest that it is the steric forces that drive the formation of GUVs67. 

Their experiments using time resolved small angle X-ray scattering (TR-SAXS) suggest 

that GUVs form via water molecules intercalating between the bilayers and causing them 

to swell67. They carry out x-ray diffraction on bilayer stacks prepared by depositing lipids 

into a capillary glass tube with an outer diameter of 1.5 mm. The glass tube was placed in 

a window coated with a polyimide film for the x-ray experiments. Ultrapure water was 

added into the glass tube to immerse the entire lipid film.  The repeat distance of the 

bilayers appears to increase from 51 to 64 Å in the first 170 seconds after hydration after 

which it appears to remain unchanged. Beyond this time point, the diffraction peak 

intensity decreased while the repeat distance appeared constant. They suggest that since 
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the peak intensity is expected to correspond to the number of bilayers present, the drop in 

intensity can be explained as the ‘peeling off’ of bilayer from the stack to form GUVs67, a 

phenomenon they relate to the unbinding transition of lipid bilayers. The unbinding is 

proposed to be a result of Helfrich repulsion, which was proposed by Helfrich to occur as 

a result of undulations of fluid bilayers, causing steric repulsion between the bilayers74.  

No evidence is provided that connects the interbilayer energy with the formation of 

GUVs, however potential high energy exposed edges of the fragments can be considered 

as driving forces for self-closure. Helfrich repulsion is a function of the bending rigidity 

and the temperature, both of which have been held constant in experiments conducted at 

room temperature with identical lipid compositions. If the Helfrich repulsion is the driving 

force for vesicle formation, it is unclear why experimental factors such as salt 

concentration, lipid charge or substrate type affect the yield and size distributions. Other 

experimental inconsistencies include that the buds remain attached to the surface, which 

cannot occur if the bilayers ‘peel off’. Furthermore, while the presence of a repulsive force 

can enable bilayer separation, it does not account for the difference in sizes and the changes 

in size distributions under different experimental conditions.  

A direct modification of this measured interbilayer interaction has also proposed to 

result in the formation of GUVs. An increase in the electrostatic repulsion by incorporating 

charged lipids was proposed by Akashi et al as a solution to improve GUV yields since 

separation of the bilayer stacks from each other has been suggested as a prerequisite for 

GUV formation74,52. The presence of salts in the hydration solutions are expected to screen 

the charges of counterions in solution, reducing the distances between bilayers to scales 

where van der Waals forces dominate. While charged lipids have been used in multiple 

papers to mitigate the effect of salts in solution, they introduce defects and reduce yields 

compared to zwitterionic lipids75–77. As I show later in the dissertation, these contradictory 

results can be explained by two different mechanisms that occur depending on the 

concentration and charge of the lipids. The repulsive interaction controls the formation of 

an expanded layer which I find has no driving force to self-close and in fact remains 

relatively stable until sheared.   

 

1.4.4. GUVs form due to osmotic pressure gradients between bilayers 

 

In this class of mechanisms, osmotic pressure between the bilayers is proposed to drive the 

formation of GUVs. Osmotic pressure gradients induced by adding sugars78,79, salts80, or 

polymers73. Water enters in between the stacks in order to balance the osmotic pressure. 

This causes the stacks to separate since there is a net transport of water. Bilayers can lyse 

if the expansion is sufficiently large and these could self-close to form GUVs.  

Methods that have used gel-assisted hydration have shown that GUVs can be 

produced in high salt. As described earlier, high salt solutions have typically inhibited the 
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assembly of GUVs which has been hypothesized to occur due to higher adhesion of the 

bilayers as a result of screening of the counterions in the electric double layer that forms 

on the surface of the bilayers. The osmotic pressure generated by the dissolution of agarose 

gels into the surrounding solution is hypothesized to cause a significant influx of water into 

the lamellae73, thus compensating for the added adhesion in the presence of salt. We have 

found similar effects when using polymers to coat substrates.  

 

1.4.5. GUVs form due to electroosmosis  

 

This set of mechanisms are specific to the electroformation technique .Electroformation 

involves using metal electrodes or glass surfaces coated with conductive material such as 

indium tin oxide and running a current across the glass coated with lipid81,82.  Angelova 

and Dimitrov who conducted early experiments on electroformation in the 1980s describe 

the forces acting on the bilayers as a combination of attractive van der Waals forces 

between the lipid bilayers as well as the forces between the bilayers and the metal electrode, 

and repulsive electrostatic forces between the membranes83. They also describe the forces 

between the electric field that is applied and the membranes, which can be either attractive 

or repulsive depending on the charge of the membrane and the electrode. Similar to other 

papers described above, they also list undulation and hydration forces and osmotic pressure 

as the other repulsive forces. Undulation forces are understood to be a function of 

temperature while osmotic pressure a function of the osmolarity of a solution.  

Electroosmosis which is the flow of fluid due in the presence of applied electric 

potential, has been considered to be a key driving force in the formation of GUVs via 

electroformation84,85. Charged counterions in solution migrate due to the electric field, 

carrying with them a solvation shell composed of water molecules86. This effect has been 

measured as vibrations of the lipid film at the same frequency as the applied AC field which 

has been suggested to cause the bilayers to lift off and bud, and form GUVs when detached 

from the surface of the electrode or glass85,87. Micheletto et al. show that the buds on the 

surface of the glass merge to form larger buds as long as they are connected to the lipid 

film on the surface19.  

The interaction of electric fields with the lipid membrane however is unique to the 

method of electroformation. The electro-osmotic oscillations which enable bilayer 

separation to a distance that enables budding are not present for methods such as gentle 

hydration or PAPYRUS.  Furthermore, the separation of the membranes alone that the 

applied electric field induces does not appear to be sufficient in all cases of 

electroformation. For example, the presence of charged lipids also induces separation due 

to electrostatic repulsion between bilayers, however, they have been reported to be 

problematic in obtaining high yields77 despite their ability to increase interbilayer 

separation70.  
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1.4.6. GUVs form due to substrate induced flux of water through bilayers 

 

The flux of water through the substrate due to its porosity has been suggested as a potential 

mechanism for GUV yields using gel-assisted hydration88. Weinberger et al. attribute the 

ability to assemble GUVs on PVA gels due to additional pathways for water penetration 

into the bilayer stacks which include pathways through the gel. Thus, the permeability of 

the substrate is proposed as a crucial factor to maximize yields. We find however that while 

the membranes require hydration for GUVs to form, an increase of water flux alone is not 

sufficient to maximize yield. Pazzi and Subramaniam show there is no statistical difference 

between yields of GUVs grown on glass and porous regenerated cellulose 33.  

 

1.4.7. GUVs form via nanotube intermediates 

 

A recently proposed model suggests that GUVs from via intermediary nanotubes89. The 

experiments involve depositing MLVs of various sizes and lamellarities onto glass coated 

with SiO2. The MLVs break on the substrate and form multibilayer stacks. While the 

bilayer coating the substrate surface remains attached through strong adhesion forces, 

subsequent bilayers de-wet and curve into nanotubes. Confocal micrographs show the 

upper bilayer retracting and leaving behind a network of nanotubes attached to the bilayer 

below following which spherical vesicles emerge from the nanotubes89. The driving force 

behind the transformation of nanotubes into GUVs is proposed to be a reduction of free 

energy through the reduction of curvature in the formation of spherical GUVs from 

cylindrical tubes. Similar reports of myelin figures have been seen during the course of 

GUV growth56,90. However, this pathway appears to only work for lipid mixtures that have 

negatively charged lipids. POPC, the only composition with purely zwitterionic lipid did 

not form vesicles through this method89.   

 

1.4.8. Limitations of models in literature 

 

One of the significant limitations of testing these various models for the mechanism of 

formation is that there is inadequate quantitative data in literature. Yields are often 

qualitative, include vesicles only over a certain size cut-off or contain too few vesicles for 

a rigorous statistical analysis.  Pazzi and Subramaniam reported a method for quantifying 

the distribution of sizes and the molar yield which grew from a body of work of trying to 

understand the effect of cellulose fibers on the formation of GUVs33,91. This quantitative 

metric is the basis for the experimental data in this dissertation. I show that the budding 

and merging model is the only model that can be extended to produce predictions that 

match quantitative data on the distribution of sizes and yields due to the effect of substate 

geometry, lipid concentration, and lipid charge. I also show that the data reveals an 

alternate pathway for high surface concentration of mixtures containing charged lipids.  
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1.5. Quantification of GUVs 

 

PAPYRUS is a method of thin film hydration developed by the Subramaniam Lab that uses 

cellulose substrates, of which nanocellulose was found to be the highest yielding 

substrate33,34. As in all thin-film hydration methods, lipids are dissolved in chloroform and 

applied on a substrate, which in this case was a circular disk of nanopaper. After driving 

off excess solvent under vacuum, the lipid coated paper was placed in a well-plate and 

hydrated with a 100 mM sucrose solution for an hour. The GUVs that form on the surface 

were harvested by aspirating with a pipette and then stored in an Eppendorf tube. The 

quantification of the GUVs involved sedimenting an aliquot of the solution in an equimolar 

solution of glucose. The higher density of the sucrose-filled vesicles caused them to sink 

to the bottom of the chamber. After 3 hours of sedimentation, the entire bottom of the 

imaging chamber was imaged using a confocal microscope. All lipid solutions contained 

0.5 mol% of Top-fluor Cholesterol. The images were processed using a custom routine in 

MATLAB, which identified the diameter and intensity of each GUV and output a list of all 

the GUVs and their diameters. Thus, all vesicles in an aliquot were imaged, processed and 

analyzed, allowing the quantification of yields with a high confidence level33. Coupled with 

the concept of a molar yield, the fraction of moles deposited that are present in GUVs 

allowed the probing of subtler aspects of lipid utilization that are lost when analyzing only 

the GUV counts since the populations are polydisperse.  

It should be noted that experimental factors such as the age of the lipid solution, the 

choice of lipid dye, technique for application of lipid on the substrate, and harvesting 

technique can affect the yield of GUVs. Variations in imaging such as time for the vesicles 

to sediment, the pinhole diameter, the laser power and gain of the microscope can affect 

the measurement of the yield92. These variations were minimized by standardizing how I 

conducted the experiments and how I measured the yield.  

To control for lipid aging I ensured that the working solutions of lipid mixtures 

were always made and used within a week. Fresh batches were made on a weekly basis 

from stock solutions. The dye used was kept constant, which is TopFluor-cholesterol at 0.5 

mol %. The volume of the lipid applied on the substrate was always kept constant, changing 

only the concentration of the lipid solution when required. This was done to ensure that the 

application of lipid on the substrate did not vary when varying the surface concentration. 

Harvesting techniques were standardized to pipetting exactly 6 times to minimize 

variations between experiments.  

Imaging parameters were kept constant as described in section 2.2. Sedimentation time was 

kept constant at 3 hours by timing repeats at intervals of 50 minutes, the time taken to 

image one sample, so that each repeat was ready to be imaged at 3 hours. Further, all 

experiments were performed 3 independent times for each data point to account for 
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potential experimental variations. The results are plotted as a mean yield with error bars 

corresponding to the standard deviation. 

 

1.6. Representing the yields and sizes distribution of GUVs 

 

The size distributions and yields of GUVs can be represented in a number of different ways. 

Figure 1.1 shows various representations of a population of GUVs that is typically 

obtained from a single experiment.  Figure 1.1 a) shows a histogram of diameters 

normalized by the mass of lipid deposited while Figure 1.1 b) represents the number of 

GUVs per microliter of harvested solution, in other words, the final concentration of GUVs 

in solution. Figure 1.1 c), the number of GUVs obtained were plotted as relative frequency, 

normalized with the total number of GUVs obtained. In Figure 1.1 d), the number of moles 

in the GUVS in each bin is plotted as a function of diameter. Most data in literature 

determining GUV yields typically represents the data as a histogram. Furthermore, while 

normalizing against the volume of the harvested solution or the total number of GUVs can 

also be useful, we found that normalizing against the amount of lipid deposited allows us 

to gain a quick idea of the relationship between the mass of lipid deposited and the GUV 

counts. This is useful for determining the cost of generating a given number of GUV at 

larger scales.  
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Figure 1.1: Different methods of representing the number of GUVs obtained. a) Histogram 

of GUVs showing the counts of GUVs normalized by the mass of lipid deposited at 

different diameters. b) The concentration of GUVs in solution, represented as the counts 

of GUVs per microliter of harvested solution. c) The number of GUVs obtained for each 

diameter normalized by the total number of GUVs obtained. d) The moles of lipid present 

in GUVs of each diameter. All bin widths in the plots are 1 μm.  

The polydispersity of the distribution makes it difficult to directly compare lipid utilization 

from the number of GUVs between samples. For this reason, we use the concept of a molar 

yield which considers the polydispersity of the samples. The molar yield is calculated as 

the moles of lipid in the GUVs as a fraction of the moles deposited given by the following 

equation33:  

(
2𝜋𝑚𝑉ℎ

𝑁𝐴𝐴ℎ𝑔𝑀𝑉𝑎𝑙
∑𝑑𝑖

2

𝑛

𝑖=1

) × 100 

Here, 𝑚 is the molecular weight of the lipid, 𝑉ℎ is the volume of solution harvested, 𝑁𝐴 is 

Avogadro’s number, 𝐴ℎ𝑔 is the headgroup area, 𝑀 is the mass of lipid deposited, 𝑉𝑎𝑙 is the 

volume of the aliquot in the imaging chamber, 𝑑𝑖 is the diameter of vesicle 𝑖 and 𝑛 is the 

total number of GUVs in the aliquot.  
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Figure 1.2 shows two ways of representing yields, using the results from this 

dissertation as examples. Figure 1.2 a) shows the molar yield, while Figure 1.2 b) shows 

the absolute yield, or the total moles of lipid in all GUVs without normalizing for the lipid 

applied. While the molar yield is useful to represent the lipid losses we can expect and the 

fraction of lipid that is converted into useful GUVs, the absolute yield shows the total moles 

obtained in GUVs.  

 

Figure 1.2: Different methods of representing yield of GUVs.a) The molar yield of GUVs 

showing the moles of lipid in GUVs as a fraction of the moles deposited. b) The absolute 

yield or the total moles in the GUVs obtained for a sample.  

1.7. Summary of the Budding and Merging (BNM) model for GUV assembly 

 

The budding and merging (BNM) model proposed by the Subramaniam Lab attempts to 

bridge the gap in literature related to the GUV formation mechanism. The ability to propose 

the model was in a large part due to the quantification method developed in the lab that 

enabled statistical comparisons between different substrates. A study of the differences 

enabled the proposal of the BNM model. The BNM model describes vesicle formation via 

the formation of nanometer sized buds that merge to form micron sized buds. The micron 

sized buds themselves can merge to grow larger in certain cases while they remain attached 

to the lipid pool on the surface. The buds can be detached from the surface via aspiration 

with a pipette which causes them to close in on themselves and form GUVs. The change 

in energy for bud formation is given by the following equation:  

Δ𝐸 = ∫ 𝑑𝑺{2𝜅𝑏𝐻
2} − ∫ 𝑑𝑺{2𝜅𝑏𝐻

2}
𝑆1

−∫ 𝑑𝑺{𝜉} + ∫ 𝑑𝒓{𝜆}
𝐶1𝑆1𝑆2

 (4) 

Formation of GUVs on fibers:  
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Δ𝐸𝑅𝐵,𝑐 = 𝜋𝜅𝐵 (8 −
𝐿𝐶
𝑅𝐶
) + 4𝜋𝑅𝑐𝜆 − 2𝜋𝑅𝑐𝐿𝑐𝜉 (5) 

Formation of GUVs on glass:  

Δ𝐸𝑅𝐵,𝑐 = 8𝜋𝜅𝐵 + 2𝜋𝑅𝑑𝜆 − 𝜋𝑅𝑑
2𝜉 (6) 

Here, 𝜅𝑏 is the bending modulus, 𝐻 id the mean curvature, 𝐿𝐶 is the length of the fiber, 𝑅𝐶 

is the radius of the fiber, λ represents the edge energy, ξ represents adhesion energy, 

represented by zero or negative values, denoting an attractive force. On glass, the curvature, 

edge energy term and adhesion energy will be positive across all values of the variables 

listed. Thus, bud formation on glass is always endergonic, requiring energy input. On nano-

cellulose however, the curvature term is negative when 
𝐿𝐶

𝑅𝐶
> 8. Thus, at certain values of 

𝐿𝐶

𝑅𝐶
, the energy for budding can be negative, indicating that budding on fibers can be 

spontaneous. The incorporation of the topology of the substrate allows us to explain the 

results obtained on different surfaces and elucidates the importance of surface geometry on 

yield.  

The surface of nanopaper was observed to consist of a range of fiber lengths and 

diameters. Using a fiber radius of 12 nm and a length of 2000 nm, the bud radius was 

calculated to be 62 nm, far smaller than the size of a GUV. Vesicles obtained from thin-

film hydration methods show a right skewed distribution of diameters across all substrates. 

Observations of the surface of the substrate immediately after hydration shows the presence 

of micron sized buds within 4 minutes of hydration. Some of the buds can be seen to 

undergo multiple merging events to form a single large bud. The model suggests that a 

similar phenomenon occurs at the nanobud scale as multiple nanobuds merge to form buds 

in the size range of GUVs. The elastic energy of a spherical bud is 8𝜋𝜅𝐵, unaffected by the 

radius of the bud. Therefore, merging of multiple buds into a single large bud is more 

energetically favorable and is the driving force for merging. The number of buds required 

to merge increases with the size of the final bud. A 100 µm GUV will require 650,000 

nanobuds of radius 62 nm to merge, 100 times that of a 10 µm GUV which will require 

only 6500 nanobuds to merge. GUVs of smaller sizes, are likely to be far more prevalent 

than GUVs of larger sizes.  

The BNM model was used to describe the yields obtained from 6 different surfaces 

with a mixture of flat and curved geometries, a mix of hydrophobic and hydrophilic 

surfaces and the presence and absence of pores. The results show that hydrophilic surfaces 

are necessary for the assembly of lipid bilayers, and the porosity of the substrate alone does 

not increase yields. The model also explains the size distribution of the GUVs, with a large 

number of vesicles between 1 – 5 µm that tapers off rapidly towards the larger diameters. 

The ability to characterize large populations of vesicles has allowed us to compare 

electroformation, PAPYRUS, gentle hydration, allowing the identification of the most 

desirable substrate based on the application. For membranes templated on cylindrical 

fibers, the formation of nanoscale buds from nanofibers is exergonic, providing a 
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spontaneous pathway to forming GUVs. A similar pathway does not exist for membranes 

templated on flat and spherical surfaces. 
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Chapter 2: Quantitative experiments of the yields of giant vesicles  

 

2.1. Introduction 

 

In this chapter, I report systematic quantitative experiments to evaluate the impact of the 

surface concentration of lipid and the headgroup charge of the lipid on the yield of GUVs. 

Studies of these experimental factors in literature are extremely limited and only 

qualitative. However, applications of GUVs in therapeutics or biomimetics require the 

ability to assemble GUVs in larger number and composed of a range of lipid types, 

depending on the use. Systematic, quantitative studies of surface concentration and 

headgroup charge will not only enable optimization of yield in various applications but will 

also provide a fundamental understanding which we can use to build models.  

Studies on the effect of concentration on the yield have been very limited in 

literature. Angelova and Dimitrov qualitatively show that zwitterionic lipids deposited on 

electrodes do not form many GUVs from 2 – 3 bilayers when using the electroformation 

methods for zwitterionic egg PC lipid in distilled water1. They find that increasing the 

bilayers to a minimum of 5 bilayers is necessary to obtain GUVs. Estes and Meyer also 

determine the effects of varying concentration for lipid mixtures with neutral and 

negatively charged lipids on yield using electroformation2. They use qualitative methods 

to report that mixtures with negatively charged lipid doped into zwitterionic lipid produce 

higher yields at higher surface concentrations. However, the absence of quantitative data 

and the use of relatively narrow concentration ranges make it difficult to draw definitive 

conclusions about the relationship between the surface concentration of pure zwitterionic 

lipid and the GUV yields. In section 2.3.1, I report results on the effect of surface 

concentration of zwitterionic lipid 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) on 

the yield and size distribution of GUVs when assembled oan nanocellulose.  I varied the 

surface concentration systematically from 0.90 nmol/cm2 to 180 nmol/cm2. The yields 

changed non-monotonically, peaking at an optimal concentration of 18 nmol/cm2.  

Charged lipids play crucial roles in cellular activity. Negatively charged lipids are 

a key component of most plasma membranes. Mammalian plasma membrane can have 

between 16% and 30% of charged lipids, namely phosphatidylserine, 

phosphatidylinositol , cardiolipin and phosphatidic acid3,4 while bacteria can  up to have 

from 11% up to100% of charged lipids namely phosphatidylglycerol and cardiolipin5,6. 

Phosphatidylserine is present exclusively in the inner leaflet and their transport to the outer 

leaflet has been implicated as a signaling mechanism in apoptotic cells for phagocytosis7,8. 

After phosphatidylcholine, phosphatidylglycerol is the most abundant lipid in pulmonary 

surfactant9. Therefore, for biophysical experiments, the ability to produce vesicles with 

charged lipids is important.  

On the other hand, the presence of charged lipids has been reported to negatively 

impact drug delivery systems. Vesicles with negatively charged lipids were found to have 

lower circulation times compared to vesicles composed of neutral lipids10,11. Negatively 



23 

 

 

 

charged liposomes were found to be tagged more frequently by proteins that induce 

phagocytosis, a process that removes foreign particles from the system11,12.  

  In section 2.3.2, I report the yield and distributions of GUVs that are obtained at 

various surface concentrations of the charged lipids 1,2-dioleoyl-sn-glycero-3-phospho-

(1'-rac-glycerol) (DOPG), 1,2-dioleoyl-sn-glycero-3-phospho-L-serine (DOPS) and 1,2-

dioleoyl-3-trimethylammonium-propane (DOTAP).  I varied the surface concentration 

between 2 nmol/cm2 and 202 nmol/cm2. Salient properties of the lipids that were used are 

shown in Table 2.1.  I found that the evolution of molar yields of negatively charged lipid 

was in stark contrast with zwitterionic DOPC. The yields increased monotonically with 

concentration, with the rate of increase slowing down at higher surface concentrations.  

In literature, the ability to grow vesicles using mixtures of charged lipids and 

zwitterionic lipids is mixed. Akashi et. al propose doping charged lipids into mixtures of 

zwitterionic lipids to increase GUV yield in low and high salt conditions13,14. They only 

considered giant vesicles over 25 µm for the purpose of determining relative yields. They 

report an absence of GUVs using the gentle hydration technique when using purely 

zwitterionic lipid even in low salt conditions. Using a ratio of 9:1 phosphatidylcholine: 

phosphatidylglycerol produced yields in low salt as well as in solutions containing 

monovalent salt ats concentrations up to 100 mM. Many papers follow Akashi’s method 

of doping in a small amount of negatively charged lipids to increase yields specifically in 

high salt conditions15,16. Conversely, the use of charged lipids in electroformation and 

gentle hydration have been reported to reduce yields and increase the number of GUVs 

with other defects, such as nested vesicles, aggregates or nanotubes within the vesicles or 

associated with the outer membrane17. Compared to zwitterionic lipids, charged lipids have 

also been associated with requiring higher lipid quantities or in the case of 

electroformation, higher voltage compared to produce GUVs2,18.   

In section 2.3.3, I present results from experiments in which I assemble GUVs from 

mixtures of zwitterionic and charged lipids. I fixed the surface concentration of lipids at 

the optimum concentration of pure DOPC (18 nmol/cm2) and varied the mole fraction of 

DOPG from 0 mol% to 100 mol%. I found with increasing mole fraction of charged lipid, 

the yields of the vesicles drop from 29% for mixtures with 0.5% DOPG to 8% with 50% 

DOPG in the mixture. Experiments that replaced DOPG with DOPS, which also has a net 

charge of -1, showed similar results. I also found that most of the yield could be recovered 

by increasing the surface concentration of charged mixtures. 

 

2.2. Materials and Methods 

 

Chemicals. We purchased 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 23-

(dipyrrometheneboron difluoride)-24-norcholesterol (TopFluor-Cholesterol), 1,2-

dioleoyl-sn-glycero-3-phospho-(1'-rac-glycerol) (DOPG), 1,2-dioleoyl-3-

trimethylammonium-propane (DOTAP), and 1,2-dioleoyl-sn-glycero-3-phospho-L-serine 
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(DOPS) from Avanti Polar Lipids. We purchased sucrose (BioXtra grade, purity ≥ 99.5%) 

glucose (BioXtra grade, purity ≥ 99.5%), casein from bovine milk (BioReagent grade). We 

obtain ultrapure water (resistivity ≥ 18.2 MΩ) from an ELGA Pure-lab Ultra water 

purification system (Woodridge, IL). We purchased chloroform (ACS grade, purity 

≥99.8% with 0.75% ethanol as preservative) from Thermo Fisher Scientific (Waltham, 

MA). We purchase poly(dimethyl)siloxane (Sylgard 184 silicone elastomer kit) from 

Krayden.  

Materials. We purchased artist grade tracing paper from Jack Richeson and Co. Inc, 

circular hole punches (EK Tools Circle Punch, 3/8 in), square hollow punch (Amon Tech) 

and Quick-set Epoxy (Loctite) on Amazon.  We purchased glass coverslips (Gold Seal, 22 

mm × 22 mm), premium plain glass microscope slides (75 mm × 25 mm), 48-well plates 

(Corning™ Costar ™ Flat bottom cell culture plates) and polystyrene petri dishes from 

Thermo Fisher Scientific (Waltham, MA).  

Assembly of GUVs. We deposit 10 μL of lipid solution of the required concentration onto 

tracing paper cut out into 9.5 mm diameter circles. The lipid was spread on the paper using 

a Hamilton syringe. All work with chloroform was conducted in a chemical-safety fume 

hood. After the excess chloroform evaporated from the surface of the substrates, I placed 

the lipid-coated paper in a vacuum chamber for at least 1 hour to drive off any residual 

solvent. To assemble GUVs, I placed the dry lipid-coated paper in a 48-well plate and 

added 150 μL of a 100 mM solution of sucrose into the well. I allowed the sample to hydrate 

for 1 hour. I then harvested the GUVs by using a pipette with its tip cut off by aspirating 

gently 6 times along the surface of the paper. The solution was stored in an Eppendorf tube 

for use in imaging and analysis.  

Imaging GUVs. The harvested vesicles were imaged in custom poly(dimethylsiloxane) 

square chambers with dimensions width × length × height = 6 mm × 6 mm × 1 mm that 

was covalently bonded to a microscope slide. The chambers were passivated with 1 mg/mL 

casein dissolved in 1× PBS. We added an aliquot of the GUV solution into the imaging 

chamber, adjusting the volume to obtain between 100,000 to 150,000 objects in the 

imaging plane.  We then added an isomolar solution of 100 mM glucose to bring the total 

volume of solution in the chamber to 60 µL. The denser sucrose-filled vesicles sink to the 

bottom of the chamber. The vesicles were allowed to sediment for 3 hours, following which 

they were imaged using a confocal laser scanning microscope (LSM 880 with 

Airyscan+FAST, Axio Imager.Z2m, Zeiss, Germany, Objective: Plan-Apochromat 

10×/0.45 NA M27). Images were collected with the pinhole fully open, with a diameter of 

599 µm. The laser power and gain were kept constant between all experiments. We imaged 

the bottom of the entire chamber using an automated tilescan routine and capture 64 images 

(850.19 μm × 850.19 μm, 3212 x 3212 pixels per image).  

Image processing. We used a custom MATLAB (Mathworks Inc., Natick, MA) routine 

that uses intensity thresholding followed by watershed segmentation. GUVs are 

distinguished from structures such as MLVs using the intensity of the objects detected.  
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Surface concentrations of zwitterionic lipid used: Working in a chemical fume hood, I 

deposited 10 µL lipids dissolved in chloroform at a concentration of 0.05 mg/mL, 0.2 

mg/mL, 0.5 mg/mL, 1 mg/mL, 1.5 mg/mL, 2 mg/mL, 5 mg/mL, and 10 mg/mL on 0.95 

cm diameter (area of 0.7 cm2) circular pieces of tracing paper to obtain nominal surface 

concentrations of 0.9 nmol/cm2, 3.6 nmol/cm2, 9 nmol/cm2
, 18 nmol/cm2

, 27 nmol/cm2
, 36 

nmol/cm2
, 90 nmol/cm2, and 180 nmol/cm2 respectively. Experiments at each nominal 

surface concentration were performed three times with independent pieces of paper. All 

other steps were carried out as described in section 2.2.  

Surface concentrations of charged lipids used: I deposited 10 µL lipids dissolved in 

chloroform at the desired concentrations. Surface concentrations of 2 nmol/cm2, 9 

nmol/cm2, 18 nmol/cm2, 35 nmol/cm2, 89 nmol/cm2
, and 177 nmol/cm2 of 1,2-dioleoyl-sn-

glycero-3-phospho-(1'-rac-glycerol) (DOPG), correspond to 0.1 mg/mL, 0.5 mg/mL, 1 

mg/mL, 2 mg/mL, 5 mg/mL and 10mg/mL of lipid in chloroform solution. We used 1 

mg/mL, 5 mg/mL and 10 mg/mL of 1,2-dioleoyl-sn-glycero-3-phospho-L-serine (DOPS), 

corresponding to surface concentrations of 2 nmol/cm2, 17 nmol/cm2, 87 nmol/cm2
, and 

174 nmol/cm2. Similarly, we used 0.5 mg/mL, 1 mg/mL, 2.5 mg/mL 5 mg/mL and 10 

mg/mL of 1,2-dioleoyl-3-trimethylammonium-propane (DOTAP) in chloroform which 

corresponds to surface concentrations of 10 nmol/cm2, 20 nmol/cm2, 50 nmol/cm2
, 100 

nmol/cm2 and 202 nmol/cm2. Experiments at each nominal surface concentration were 

performed three times with independent pieces of paper.  

 

2.3. Results  

 

The structures and physical properties of the lipids that were chosen are listed in Table 2.1. 

All the lipids have two oleoyl chains consisting of 18 carbon atoms with one unsaturated 

bond at the C9 position and have chain melting temperatures well below room temperature. 

DOPC is zwitterionic with a net charge of zero. The pKa of the phosphate group in DOPC 

is 0.819.  The choices of charged lipids were made so that there was no variation in alkyl 

chain lengths compared to DOPC which allows a direct comparison of the effect of 

headgroup charges to DOPC as well as results in the literature14,17,18,20–22. The chosen 

headgroups were phosphatidylglycerol (DOPG), phosphatidylserine (DOPS), and 

trimethyl ammonium propane (DOTAP). The pKa of the phosphate group of DOPG is 2.6, 

the carboxylate group and phosphate group of DOPS is 5.5 and 3.5 respectively, and the 

ammonium group of DOPS is 11.523. The solutions used for hydration, 100 mM sucrose in 

ultrapure water, had a pH of 5.6. This pH  is consistent with ultrapure water in equilibrium 

with atmospheric carbon dioxide24.  I also perform experiments with phosphate buffered 

saline (PBS) in sucrose which is buffered at a pH of 7.4.  In both solutions, the net charge 

of the headgroups of DOPG25, DOPS26, and  DOTAP27 are -1, -1, and +1.  Cellulose has 

carboxyl groups dispersed in its molecular structure28. The carboxyl groups have pKa 
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values between 4.0 and 4.129. Thus, the cellulose nanofibers have a net negative charge in 

ultrapure water and in PBS. 

 

 

 Lipid  

Molecular Structure  Headgroup 

Area 

Net 

Charge, 

z 

Phase-

Transition 

Temperature 

DOPC 

 

 

72.430 

 

0 

 

-1731  

DOPG 

 

 

70.832 

 

-1 

 

-1831 

DOPS 

 

 

64.133 

 

-1 

 

-1131 

DOTAP 

 

 

7034 

 

+1 

 

-11.935 

 

Table 2.1: Table showing the molecular structure, headgroup area, net charge and the 

phase transition temperature of zwitterionic lipid DOPC and charged lipids DOPG, DOPS 

and DOTAP. 

 

2.3.1. Yields of zwitterionic lipid at varying surface concentrations 

 

Using zwitterionic lipid 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), I varied the 

surface concentration of lipid from 0.9 nmol/cm2 to 180 nmol/cm2, to cover 3 orders of 

magnitude. All mixtures were doped with 0.5 mol% of TopFluor-Cholesterol. The size of 

the nanocellulose substrate was fixed at 0.7 cm2. I added 10 µL of varying concentrations 

of lipid solution on the surface to keep the volume of the solution identical across all 

concentrations. This was done to minimize variations in spreading the lipid on the surface 

of the substrate. I place the lipid-coated substrate in the vacuum for 1 hour to drive off any 

residual solvent and then hydrated in 100 mM sucrose solution for 1 hour. The GUVs were 

harvested, imaged and quantified as described in section 2.2. The number of GUVs 

obtained and their diameters are shown in the histograms in Figure 2.1. The histograms 

illustrate the variations in the size distributions at different lipid concentrations. The 

distributions broadened from 0.9 nmol/cm2 to 18 nmol/cm2 and the total number of vesicles 

formed increased from 0.53 ± 0.04 × 105 to 5.75 ± 1.47 × 105. At concentrations greater 
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than 18 nmol/cm2, the distribution consistently narrowed until the highest concentration 

that was tested. The number of vesicles also dropped to 0.97 ± 0.29 × 105.  

 

 

Figure 2.1: Histograms of giant vesicle diameters obtained at varying surface lipid surface 

concentrations.  Normalized histograms of diameters obtained from assembly in 100 mM 

sucrose at a nominal surface concentration of a) 0.9 nmol/cm2, b) 4 nmol/cm2, c) 9 

nmol/cm2, d), 18 nmol/cm2, e) 27 nmol/cm2, f) 36 nmol/cm2, g) 90 nmol/cm2 h) 180 

nmol/cm2.  Bin widths are 1 µm. Each histogram is an average from 3 independent repeats. 

Inset values are the average ± standard deviation of the total counts and median diameter 

of the three repeats. The total number of vesicles and the number of vesicles with larger 

diameters peaked at the optimal concentration of 18 nmol/cm2.  

 

The resulting molar yields and GUV counts were compiled and plotted in Figure 

2.2.Qualitative analysis of the confocal images in Figure 2.2 a, iii) show that at a 

concentration of 18 nmol/cm2 the vesicles were most abundant and were larger in size 

while concentrations both higher and lower than the optimal had smaller and fewer 

vesicles. At 18 nmol/cm2 (iii), the largest vesicle has a diameter of ~ 80 µm. At a 

concentration of 9 nmol/cm2, the largest diameter is ~50 µm while in all other images, there 

are no vesicles over 20 µm. Figure 2.2 b) shows the variation in molar yield with increasing 

surface concentration of lipid. Increasing surface concentration from 0.9 nmol/cm2 to 18 

nmol/cm2 resulted in an increase in the molar yield of DOPC from 1.5% to a maximum 

value of 30%. Further increases in the surface concentration led to a decrease in the molar 

yield. I find, therefore, that there is a narrow range of surface concentrations where the 
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yield is close to 30%. I also note that the rise in the molar yield to its maximum was steeper 

than the fall after the peak. 

 

Figure 2.2: Evolution of the yield of DOPC lipid at varying surface concentrations shows 

a peaked yield curve.  a) Representative confocal images of harvested giant unilamellar 

vesicles for 5 nominal surface concentrations of lipid on nanocellulose, with the 

concentration values shown above the images. The roman numerals correspond to surface 

concentration points in b). b) Molar yield at varying surface concentrations plotted with 

error bars showing the standard deviation. c) Counts per microgram of lipid at varying 

surface concentrations, shown in 3 different size categories. Both the molar yield and the 

counts per microgram of lipid peak at the same nominal surface concentration of 18 

nmol/cm2 Scale bar: 20 μm. 

 

To better visualize the impact of surface concentration on the sizes of the vesicles, 

the histograms in Figure 2.1 were replotted in Figure 2.2 c), with the counts sub-dived 

into 3 size classes, small vesicles between 1 to 10 µm, medium sized vesicles between 10 

to 50 µm and large vesicles which included all vesicles over 50 µm. This method of plotting 

sizes enables a clearer comparison between concentration while highlighting the variations 

in the effect of surface concentration on the different size classes. The counts of all three 
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size categories are peaked, and the maximum value corresponds to the surface 

concentration at which the molar yield was also maximized. I only obtained GUVs over 50 

μm for a few concentrations close to the optimum concentration. Approximately 600 GUVs 

per microgram of lipid over 50 µm were produced at the optimal concentration of 18 

nmol/cm2 and 185 and 195 GUVs per microgram of lipid at 27 nmol/cm2 and 9 nmol/cm2 

respectively and just 2 GUVs per microgram of lipid for a concentration of 4 nmol/cm2. 

No vesicles over 50 µm were produced for other nominal surface concentrations.  

 

 

Figure 2.3: Median and extreme diameters of GUVs composed of DOPC.  Plot of a) the 

median diameter and b) extreme diameters for each nominal surface concentration 

averaged over 3 independent runs. The error bars are the standard deviations from the 3 

runs.   

I also note that the fraction of large vesicles was closely correlated with maximizing 

the molar yield and fell rapidly as the molar yield dropped below 15%. This can be seen in 

Figure 2.3, which shows the variation of the median diameters and the extreme diameter 

for each nominal surface concentration. The median diameter did not vary significantly for 

the first four points until a nominal surface concentration of 18 nmol/cm2 following which 

it dropped from 3.7 μm to a minimum value of 2.7 μm at a concentration of 90 nmol/cm2. 

The extreme diameter36 was calculated as the average diameter of the 100 largest GUVs in 

each sample. I note that the variation of extreme diameters mimics the peaked shape of the 

molar yield curve, with its maximum value occurring at the same concentration at which 

the molar yield peaks, 18 nmol/cm2.  
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2.3.2. Yields of charged lipids at varying surface concentrations 

   

To determine the impact of charge on yields, I varied the surface concentration of 

negatively charged lipids DOPG, DOPS and DOTAP on nanocellulose. Each lipid type 

was doped with 0.5 mol% Top-Fluor Cholesterol for imaging using confocal microscopy 

but was otherwise composed of a single lipid type. Figure 2.4 compares the plots of the 

molar yield at varying nominal surface concentrations of zwitterionic lipid DOPC and 

charged lipids DOPG, DOPS and DOTAP. The plots show a clear distinction in the 

evolution of molar yield between lipids with a net neutral headgroup charge (DOPC) and 

those with a net positive (DOTAP) or negative charge (DOPG, DOPS). The peaked yield 

of DOPC shown in Figure 2.4 a) is in clear contrast with the molar yields for charged lipids 

which appear in general to rise monotonically with increasing surface concentration, with 

the rise being steeper at the initial stages and decreasing at the higher concentrations. Note, 

Figure 2.4 a) is a reproduction of the data from Fig 2.1.b) plotted on a linear scale and 

divided into molar yield of diameters, d, from 3 size classes, 1 𝜇𝑚 ≤ 𝑑 < 10 𝜇𝑚, 

10 𝜇𝑚 ≤ 𝑑 < 50 𝜇𝑚, and 𝑑 ≥ 50 𝜇𝑚. The maximum molar yield is 21.9 ± 1.1% for 

DOPG, 17.3 ± 2.6% for DOPS and 9.7 ± 1.6% for DOTAP.  As noted in the previous 

section zwitterionic DOPC has an optimum molar yield of 30%. Note that the yield of 

DOPC is maximized at a nominal surface concentration of 18 nmol/cm2 while for DOPG, 

DOPS and DOTAP, it is at 177 nmol/cm2, 174 nmol/cm2 and 101 nmol/cm2 respectively.  
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Figure 2.4: Variation of molar yield with nominal surface concentration.  Different lipid 

compositions include a) zwitterionic lipid DOPC, b) negatively charged lipid DOPG and 

c) DOPS, d) positively charged lipid DOTAP. DOPC data was reproduced for comparison 

purposes from Figure 2.2, plotted on a linear scale. The red points represent GUVs with 

diameter, d, between 1 𝜇𝑚 ≤ 𝑑 < 10 𝜇𝑚 (small GUVs), the green points represent GUVs 

between 10 𝜇𝑚 ≤ 𝑑 < 50 𝜇𝑚 (large GUVs), and the blue points represent GUVs 𝑑 ≥
50 𝜇𝑚 (very large GUVs). The gray points are the total molar yield of all GUVs.  The lines 

connecting the points are guides to the eye. 
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Figure 2.5: Bar plots showing counts per microgram of lipid plotted for negatively 

charged lipids  a) DOPG, b) DOPS and c) positively charged lipid DOTAP. The counts 

are divided into 3 size categories of diameters, d, between 1 ≤ d < 10 μm, 10 ≤ d < 50 

μm, d ≥ 50 μm.  

Another important difference between the zwitterionic yields and the yields of 

charged lipids is the number of large vesicles that are produced. The molar yield of 

medium-sized vesicles composed of DOPC with diameters between 10 to 50 μm had a 

maximum value of 13.7 ± 2.1% when the total molar yield peaks whereas, the maximum 

value for DOPG, DOPS and DOTAP are 2.1 ± 0.5%, 1.8 ± 0.7% and 1.9 ± 1.3% 

respectively. The molar yield of vesicles composed of DOPC with diameters over 50 μm 

is 12.8 ± 2.2%, almost as high as the molar yield of medium-sized vesicles. For DOPG, 

DOPS and DOTAP, the maximum value molar yield of vesicles over 50 μm is very small, 

0.013 ± 0.013% and 0.013 ± 0.02% and 0.13 ± 0.2% respectively. Note that the errors are 

large due to sparse presence of very large vesicles and a large sample to sample variation. 

This is further highlighted in Figure 2.5 which shows the bar plots of GUVs obtained from 

the charged lipids divided into 3 size classes. DOPG and DOPS have less than 5 GUVs per 

microgram of lipid (too low to be seen on the plots) while DOTAP has a maximum of 35 

GUVs per microgram of lipid at a concentration of 50 nmol/cm2 and drops to 5 GUVs per 

microgram of lipid at 202 nmol/cm2. These values are consistently lower than the value of 

600 GUVs per microgram of lipid for zwitterionic DOPC (Figure 2.2 c). Thus, charged 

lipids form GUVs with much smaller diameters compared to zwitterionic lipids.  

 

2.3.3. Yields of mixtures of zwitterionic and charged lipids 

 

I present results from experiments in which charged lipids DOPG, and DOPS were doped 

into mixtures containing zwitterionic DOPC at varying molar ratios. The mole fraction of 

DOPG and DOPS were varied between 0 mol% to 100 mol%. I carried out 3 independent 

runs for each lipid mixture and tested DOPG:DOPC molar ratios of 0:1, 0.005:0.995, 
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0.05:0.95, 0.25:0.75, 0.5:0.5 and 1:0 mol as well as DOPS:DOPC molar ratios of  

0.05:0.95, 0.1:0.9, 0.25:0.75 and 1:0. Figure 2.6 shows confocal images of harvested 

vesicles from lipid mixtures composed of varying mole fractions of DOPG and DOPS. 

Pure DOPC (0 mol% DOPG and 0 mol% DOPS) has the highest density of vesicles as well 

as a large number of vesicles over 10 µm. Visually, 0.5% DOPG appears to have a slightly 

lower density of vesicles but has several medium to large vesicles (diameters over 10 µm). 

At 5 mol% DOPG, there is a clear reduction in the density and sizes of vesicles, with most 

of them below 10 µm. The images show qualitatively that this trend continues up to 100 

mol% DOPG, which has the lowest number of vesicles across all size ranges with no large 

vesicles (over 50 µm) in the image. Confocal images of DOPS mixtures (Figure 2.6 g) - 

j)) show the same trends as DOPG.   

 

 

Figure 2.6: Representative confocal images of varying mole fractions of negatively 

charged lipids DOPG and DOPS in mixtures of DOPC.  a)-f) show GUVs from mixtures 

of DOPC and DOPG after harvesting and sedimentation in 100 mM glucose solution. The 

corresponding mole fractions of DOPG in the mixture is shown above each image. g)-j) 

show GUVs from mixtures of DOPC and DOPS after harvesting and sedimentation in 100 

mM glucose solution. The corresponding mole fractions of DOPS in the mixture is shown 

above each image. Scale bar: 25 µm.  
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Figure 2.7: Plots showing the counts per microgram of lipid at varying mole fractions of 

negatively charged lipid DOPG and DOPS in zwitterionic lipid DOPC.  Histogram of the 

counts per microgram of lipid at different mole fractions of a) DOPG and b) DOPS. Bin 

widths are 1 µm. The colour bar on the right shows the colours at different mole fractions 

of the respective charged lipid. Bar plots of the counts per microgram of lipid divided into 

3 size classes at varying mole fractions of c) DOPG and d) DOPS. The 3 size classes show 

the GUV counts for diameters, d between 1≤ d <10 µm, 10 ≤ d <50 µm and d ≥ 50 µm. 

Each point is an average of 3 independent runs. The error bars show the standard deviation. 

For all the plots, darker colour shades correspond to higher fractions of charged lipids in 

the mixture.    
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To quantitatively analyze the differences, I plot the diameters in a histogram and in 

bar plots that show the vesicle count across different size classes. Figure 2.7, a) and b) 

show the histograms for varying mole fractions of DOPG and DOPS respectively. The size 

distribution at all mole fractions skews to the right, similar to the histograms shown in 

sections 2.3 and 2.4. The darker tones in the histogram show a higher mole fraction of 

charged lipid. With increasing fractions of charged lipid, the histograms show a clear 

narrowing of the size distributions as well as a steeper drop in counts with increasing 

diameters.  

The bar plots show the effect of charge on small (1 µm ≤ d < 10 µm), medium (10 

µm ≤ d < 50) and large vesicles (d ≥ 50 µm) more clearly. For both DOPG as well as DOPS 

mixtures, the counts decrease with increasing mole fractions of charged lipid across all 

three size classes (with the exception of 0.005 mole fraction of DOPG), indicating that the 

total number of vesicles in general drops as with an increase the membrane charge. Vesicles 

with diameters over 50 µm dropped most steeply. Introducing a mole fraction of 0.005 of 

DOPG into DOPC, halved the number of large vesicles from 595 ± 123 to 298 ± 136. The 

number of vesicles below 10 µm were larger for this lipid mixture, indicating a reduction 

in merging of micron-scale GUV buds with increasing surface charge. At 0.25 mole 

fraction of charged lipid, the number of vesicles over 50 µm dropped to 35 ± 28 µm for 

DOPG, and 33 ± 26 DOPS, approximately twenty times lower than for pure DOPC. This 

trend continued with increasing charge and pure DOPG and DOPS had only 1 ± 2 and 3 ± 

6 vesicles respectively. Medium sized vesicles dropped more gradually, (10 µm ≤ d < 50) 

from 48,000 vesicles per microgram of lipid for mixtures without charged lipid to 1900 – 

3800 vesicles per microgram of lipid for pure charged lipid, which is a drop by a factor of 

25 for DOPG and 12 for DOPS. Small vesicles reduced by a factor of 1.7 for DOPG and 

2.3 for DOPS. 

The effect of charge on the molar yield at a fixed surface concentration is shown in 

Figure 2.8. The plot shows the molar yield decreased continuously but the rate at which it 

falls slowed down with increasing mole fraction of charged lipid. The molar yield of 

vesicles across all three size classes decreased as the amount of charged lipid increased. 

Pure DOPC had the highest molar yield at 31 ± 8% and pure DOPG and DOPS have the 

lowest at 5 ± 1% and 4 ± 1% respectively. The yield drops to half the maximum value at 

0.25 mole fraction for DOPG and DOPS with yields of 14 ± 3% and 13 ± 1% respectively. 

The results indicate that with increasing membrane charge, GUVs form less efficiently. 

This trend is reproduced with two negatively charged lipids with different headgroups.  
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Figure 2.8: Plot of the molar yield of the lipid mixture with varying mole fraction of 

charged lipid.  The nominal surface concentration was fixed at 18 nmol/cm2. The blue 

points show the mole fraction of DOPG, and the red point show the fraction of DOPS in 

the lipid mixture. Each point is an average of 3 individual runs. The error bars are the 

standard deviation.   

Since surface concentration was an important factor in optimizing yields of both 

pure zwitterionic as well as charged lipids, I varied the surface concentration of lipid 

mixtures with 5 mol% DOPG and 25 mol% DOPG. Figure 2.9 a) and b) show the results 

of increasing the surface concentration. Interestingly, the yields appear to be peaked, 

similar to the yields of zwitterionic DOPC, however, the peaks occur at a different nominal 

surface concentration, depending on the mole fraction of charged lipid. For the lipid 

mixture containing 5 mol% DOPG, the yields increased from 18.4 ± 4.8% at a nominal 

surface concentration of 9.0 nmol/cm2 to a maximum value of 27.3 ± 3.6% at 36 nmol/cm2. 

When the nominal surface concentration was increased further, the yields dropped initially 

to 18.8 ± 3.3 and then increased to 22.9 ± 1.2%. For the lipid mixture containing 25 mol% 

DOPG, the yields increased from 12.1 ± 5.1% at a nominal surface concentration of 9.0 

nmol/cm2 to a peak value of 28.8 ± 4.3% at 90 nmol/cm2. When the nominal surface 

concentration was further increased to 179 nmol/cm2, the yield dropped to 21.5 ± 6.9%. 

Comparing the highest yields of the lipid mixtures, I note that most of the yield was 

recovered when the surface concentration is increased to the optimum value.  



37 

 

 

 

 

Figure 2.9: Yields and distributions of varying surface concentrations of lipid mixtures 

composed of DOPC and DOPG.  Plots showing evolution of the molar yield with surface 

concentrations for lipid mixtures composed of DOPC and a) 5 mol% DOPG and b) 25 

mol% DOPG. 

Since the optimal yields of DOPG at 5 mol%, 25 mol% and 100 mol% are 

comparable to the yield of pure DOPC, I compare the histogram of sizes in Figure 2.10 to 

determine whether there were differences in sizes.  I note here that the GUV size 

distribution narrows with increasing charge, indicating that even though the yields of 

charged lipids were recovered by increasing the surface concentration, the presence of 

charged headgroups reduces the number of large vesicles. The largest vesicles for 0 and 5 

mol% DOPG was over 100 µm in diameter. This dropped to 74 µm for 25 mol% DOPG 

and 36 µm for 100 mol% DOPG.  

 

Figure 2.10: Histograms of diameters of GUVs obtained from lipid mixtures composed of 

mixtures containing 0 mol%, 5 mol%, 25 mol %, and 100 mol% of DOPG at the optimum 

surface concentration of each mixture. Bin widths are 1 µm.  
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2.4. Conclusions 

 

I showed that the evolution of the yields of DOPC is non-monotonic with surface 

concentration. The yield was optimized at a maximum value of 30% at narrow 

concentration range close to 18 nmol/cm2 and was closely correlated to the number of large 

vesicles particularly vesicles with diameters over 50 µm. On the other hand, the yields of 

anionic lipids DOPG and DOPS and cationic lipid DOTAP varied dramatically in 

comparison to zwitterionic lipid DOPC across different surface concentrations. The yields 

of all the charged lipids were low at a surface concentration of 18 nmol/cm2 but increased 

with increasing surface concentrations, plateauing at a yield of 25% for DOPS and DOPG 

and at 10% for DOTAP.  I also showed that when the concentration is fixed at 18 nmol/cm2, 

the optimum concentration of pure DOPC, both the molar yield and the sizes of GUVs 

composed of lipid mixtures of zwitterionic and charged lipids fell systematically with 

increasing mole fraction of the anionic charged lipids DOPG and DOPS. The molar yields 

were mostly recovered when the surface concentrations of mixtures containing 5 mol% 

and 25 mol% of charged lipid were increased. This detailed quantitative data is the first of 

its kind collected in the field. These results enables the optimization of the yields of lipids, 

depending on the lipid type. This is particularly useful to open up avenues into larger-scale 

production for applications that require cell mimics. The quantitative evolution of yields 

has important implications for the building mechanistic models of GUV assembly which 

are discussed in the next chapters.  
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Chapter 3: Model and Simulations of varying surface concentration of zwitterionic 

lipid 

 

3.1. Introduction 

 

In the previous chapter, I reported quantitative data that showed the effect surface 

concentration on the yields and distributions of GUVs. Here I carry out simulations on 

MATLAB in which I vary the surface concentration of zwitterionic lipid using the budding 

and merging model as a framework. In section 3.2, I describe the set-up of the simulation. 

In section 3.3, I describe results from simulations. 

The yields of zwitterionic lipid can be summarized using the schematic in Figure 

3.1. At lower lipid concentrations, I expect the fibers to be coated with fewer bilayers while 

at higher lipid concentrations, fibers will be templated with more bilayers. The schematic 

shows the configuration of the surfaces before and after hydration at varying lipid 

concentrations. The sparse coverage of the lipid at lower concentrations, results in a low 

number of buds. I also expect the first bilayer to exhibit strong adhesion to the cellulose 

fibers, preventing budding of single or partial bilayers. As the lipid concentration on the 

surface is increased, more bilayers are available to bud, resulting in a larger number of 

nanobuds. This explains the increase in yield up to a peak concentration of 18 nmol/cm2. 

However, increasing the surface concentration further resulted in a reduction of yields, with 

yield of 2.67 ± 1.02 for a concentration of 179 nmol/cm2. This decrease in yield can be 

explained using the budding and merging model.  

 

Figure 3.1: Schematic showing surface coverage and yields with increasing surface 

concertation of DOPC.  As the nominal surface concentration increases, more of the fibers 

are coated with increasing number of fibers forming multilayers. For higher nominal 

surface concentrations most fibers are coated with multilayers. Fibers are coated 

sufficiently that budding is no longer spontaneous and any buds that form do so due to 
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external energy. In this scenario the number of GUVs and their sizes will increase and then 

decrease with increasing nominal surface concentrations.   

The budding and merging model has previously shown that the substrate on which 

lipids are templated affects the energy pathways available for nanobud formation1. The 

energy of budding of membranes templated on cylindrical fibers is given by Equation (5). 

Building on the previously published model, the contributions of each concentric bilayer 𝑛 

with thickness, 𝑑, were explicitly considered, which results in 𝑅𝑐 = 𝑅𝑓 + 𝑛𝑑. Performing 

this substitution into Equation (5), we obtain the following equation:  

Δ𝐸𝑅𝐵 = 𝜋𝜅𝐵 (8 −
𝐿𝑓

𝑅𝑓 + 𝑛𝑑
) + 4𝜋(𝑅𝑓 + 𝑛𝑑)𝛾 − 2𝜋(𝑅𝑓 + 𝑛𝑑)𝐿𝑐𝜉 (7) 

Here, 𝜅𝐵 is the bending rigidity, 𝛾 is the edge energy, and 𝜉 is the adhesion energy. 𝑅𝑓 is 

the radius of the fiber. The variable 𝐿𝑐 in equation (5) is the critical length, which refers to 

the length of the membrane section that results in a single bud. A bilayer can bud either in 

its entirety, forming a single bud or as multiple segments, forming multiple buds1. For 

simplicity, we assume that the critical length is equivalent to the length of the fiber 𝐿𝑓, and 

so each bilayer forms one bud. Figure 3.2 a) shows a transverse schematic of different 

numbers of bilayers templated on a fiber of radius 20 nm. With increasing numbers of 

bilayers, the radius of the outermost bilayer increases, thus reducing the curvature of the of 

bilayer. Solving for Δ𝐸 ≤ 0, we obtain that the following equation:   

𝑛∗ ≤  
1

𝑑

(

 
4𝜅𝐵 − (2𝜅𝐵(8𝜅𝐵 + 2𝜆𝐿𝑓 − 𝜉𝐿𝑓

2))

1
2
 

2𝜉𝐿𝑓 − 4𝜆
− 𝑅𝑓

)

  (8) 

Here, n* is the critical number of bilayers above which the net energy of budding is 

positive, causing the budding process to become non-spontaneous. Bilayers with n ≤ n* 

can bud spontaneously while bilayers with n ≥ n* will require energy input to bud. 
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Figure 3.2: Effect of increasing number of bilayers on fibers of varying geometries. a) 

Transverse schematic showing a fiber (gray filled circles) covered with increasing 

numbers, 𝑛 of concentric bilayers (green lines). The radius of the outermost bilayer 

increases with each progressive bilayer.  Plots of the budding energy vs the number of 

bilayers and the on the surface for five fibers with radii indicated in the legend for fiber 

length of b) 1000 nm and c) 2000 nm.   The y-axis is the budding energy normalized by 

𝑘𝐵𝑇.  The red shaded area indicates positive changes in free energy for budding, the blue 

area indicated negative changes in free energy for budding. For a given fiber diameter, 

increasing concentric bilayers causes the budding energy to increase, eventually resulting 

in positive budding energy. Larger fiber lengths can support larger number of bilayers with 

a negative budding energy. At this point, budding is no longer spontaneous.  The bud radius 
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𝑅𝐵 obtained from d) 1000 nm fibers and e) 2000 nm fibers. With increasing numbers of 

bilayers the bud radius obtained increases. Larger fibers have larger bud sizes. The red 

shaded area indicates configurations where buds do not form spontaneously.   

 Figure 3.2 b) and c) show the relationship between the bilayer number n and the 

budding energy ΔE. The radius of the fiber 𝑅𝑓 and the length  𝐿𝑓 play a crucial role in 

determining the energy of budding. The budding energy always becomes more positive 

with increasing n. In all cases, the second bilayer for example, will have a more favorable 

energy of budding compared to the 8th bilayer. Mathematically, higher values of n result in 

the first term of equation (7) becoming more positive. Conceptually, at higher values of n, 

the curvature of the bilayer templated on the fiber is reduced. A negative energy of budding 

entails that the configuration of lipid in a spherical bud is more favorable than the 

configuration of lipids as a cylinder.  As n increases in value, the curvature of the bilayer 

templated on the fiber is reduced, resulting in a lower energy cost in remaining in its current 

state. When n > n*, the process of budding does not release energy but instead requires an 

energy penalty in the absence of which budding cannot occur. Lower fiber radii can support 

more bilayers before n exceeds the critical value of n* due to their larger curvature. For 

example, a fiber of radius 20 nm radius and 2000 nm fiber length can support 6 concentric 

bilayers before the budding of the outermost bilayer becomes non-spontaneous. On the 

other hand, none of the bilayers on a fiber 50 nm in radius on either fiber length can bud 

spontaneously. Aside from curvature, the aspect ratio of the fiber, varied by changing the 

length of a fiber for a given radius also impacts the number of bilayers that can bud 

spontaneously on the fibers. Higher values of 𝐿𝑓 cause in the first term in equation (7) to 

become more negative. Comparisons of b) and c) illustrate that longer fibers have a higher 

n* value. For a given radius of 10 nm, fibers that are 1000 nm has an n* value of 6 bilayers 

whereas fibers that are 2000 nm long have an n* value of 9 bilayers. Figure 3.2 d) and e) 

show the impact of changing fiber geometry as well as the bilayer number. Bilayers with 

larger n value have more surface area, and a result more lipid molecules, forming larger 

nanobuds. Similarly, fibers with larger lengths and radii result in larger buds. 

3.2. Simulation set up 

 

The simulation was set up and carried out on MATLAB as described in this section.  The 

overall concept of the simulation is to calculate the number of nanobuds that form using 

the equations of the budding and merging model, given values for 7 parameters followed 

by merging the nanobuds to form GUVs.  

 

Budding 

I set the number of sites N to be 1000. Each of these sites was a single cylindrical fiber 

with a radius, Rf and length Lf. The first step in simulating the assembly of GUVs was to 

‘coat’ the fibers with lipid. This was done by assigning bilayers to each site, assuming each 
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bilayer had a thickness of 4 nm and was wrapped around the fiber in concentric cylinders. 

In experiments, I used a Hamilton syringe to spread 10 µL of lipid dissolved in chloroform 

at the appropriate concentration to deposit lipid on a fixed area of substrate. This manual 

application results in local variations in concentration which I mimic in the simulations by   

randomizing the distribution of bilayers on the fibers. Since the assignment of bilayers to 

each fiber is independent of all other fibers, I use a Poisson distribution to determine the 

distribution of bilayers on the fibers. I use the poisspdf function on MATLAB which 

produces a Poisson probability mass function with the form: 𝑓(𝑛|𝜆) =
𝜆𝑛

𝑛!
𝑒−𝜆 .  In this 

equation, 𝜆 is the average number of bilayers on the sites and 𝑛 = {0,1,2, … ,40} is the 

number of bilayers at a given site. I use two cylindrical geometries 𝑅𝑓 × 𝐿𝑓: 20 nm × 1000 

nm and 20 nm × 2000 nm at a 2:1 ratio of surface area of nanocellulose paper. I obtain the 

number of fibers with a given bilayer using the following Equation (9):   

𝑁𝑏𝑖𝑙𝑎𝑦𝑒𝑟𝑠 = 𝑁𝑓(𝑛|𝜆) (9) 

Figure 3.3 shows the resulting distributions for two different values of λ, the mean 

value of the Poisson distribution. With increasing λ, a larger number of sites have more 

bilayers. The number of empty sites is higher at lower values of λ and drops as λ increased. 

The function 𝑓(𝑛|𝜆) produces a matrix of probabilities for discrete values of n. Using 

Equation (9) produces a matrix containing the number of sites with n bilayers for 𝑛 =
{0,1,2, … ,40}. 

The nominal surface concentration was calculated by determining the moles of lipid 

in the bilayers coating the fibers. The area of the surface was calculated as the two 

dimensional area occupied by the 1000 fibers as shown in Figure 3.3 b), similar to how 

the area of the nanocellulose substrate was calculated as the area of the circular disk. The 

moles of lipid on each fiber, 𝑚𝑠(𝑖), given 𝑛(𝑖)  conformal bilayers with thickness d coating 

it is given by Equation (10).  

𝑚𝑆(𝑖) =
4𝜋

𝐴ℎ𝑔𝑁𝑎
∑ (𝑅𝑓 + 𝑛(𝑖)𝑑)𝐿𝑓(𝑖)

𝑛(𝑖)

𝑛(𝑖)=1

 (10) 

𝑀𝑠 =∑𝑚𝑠

𝑁

𝑖=1

(𝑖) (11) 

The nominal surface concentration is thus,  

𝑁𝑆𝐶 =
𝑀𝑆
𝐴𝑆

 (12) 

Where area of the surface As for 1000 fibers with geometries specified is 5.32 × 10-7 cm2.  
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Figure 3.3: Simulation set up details. a) Scanning electron microscope image of 

nanocellulose showing a network of fibers. b) Simplified model of fibers used in the 

simulation. Two fiber sizes, Rf = 20 nm, Lf =1000 nm and Rf = 20 nm, Lf = 2000 nm. The 

simulated area was calculated as the 2-D area shown. Poisson probability distributions for 

two different mean values of c) 5 and d) 10.  

Each bilayer has an area that is a function of the geometry of the fiber and its 

sequence number 𝑛(𝑖) with 𝑛(𝑖) = 1 being the bilayer closest to the fiber. Equations 10 to 

12 were implemented on MATLAB by first generating a matrix containing the number of 

bilayers with a given 𝑛(𝑖) on each fiber type. Equation 10 was applied to calculate the 

moles in all bilayers with a given 𝑛(𝑖). The resulting matrix was summed to determine the 

total moles of lipid for all 𝑛(𝑖) on all fibers. The resulting value was divided by the area of 

the simulation 𝐴𝑆 to determine the nominal surface concentration.  

Once the lipid has been distributed across the fibers, the next stage of the simulation 

determined which bilayers form buds. The first assumption we make regarding the process 

of budding is that the bilayers bud sequentially from the outer bilayers. Therefore, on a 

fiber with five bilayers, the fifth and outermost bilayer buds first, exposing the fourth 
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bilayer which then buds, followed by the third bilayer and then the second bilayer. The 

second assumption we make is that the first bilayer which is the bilayer in contact with the 

substrate experiences high adhesion to the substrate and therefore does not bud even when 

exposed to the hydrating solution. Although it is possible for a single bilayer to form breaks 

in the membrane and form multiple nanobuds, for the sake of simplicity, in the simulation, 

each bilayer corresponds to a single nanobud. Outer bilayers have a larger area, since they 

have a larger radius and therefore form larger nanobuds.  

In experiments, the act of pipetting the growth solution into the chamber is expected 

to introduce energy into the system as a result of the hydrodynamic flows and hydration of 

the lipid headgroups. To account for this energy, we added an impulse of external energy 

as a parameter in my simulation which was present only at the initial stage as a sharp 

impulse with no decay time. Thus, buds can form via two pathways, external energy, and 

spontaneous budding. 

 I determined the fraction of sites that bud due to the impulse of energy using the 

generic partition function in Equation (13): 

Φ = Φ0exp (−
Δ𝐸𝑅𝐵
𝑊(Δ𝑡𝑖)

) (13) 

Here, Φ0= 1, Δ𝐸𝑅𝐵 is the energy for forming a bud of radius 𝑅𝐵, and 𝑊 is the energy 

available to perform work on the site at the point of hydration set to 20,000 𝑘𝑏𝑇 (8.2 ×

 10−17 J). The number of bilayers that bud due to external energy (𝐵𝑒𝑥𝑡) were calculated 

using Equation (14):  

𝐵𝑒𝑥𝑡 = Φ𝑁𝑏𝑖𝑙𝑎𝑦𝑒𝑟𝑠 (14) 

Once we determine which bilayers bud due to external energy, we determined the energy 

of budding of the bilayers which were exposed. The budding energy was calculated using 

Equation (7), which determines whether the budding of a certain bilayer is spontaneous. 

As described in section 3.1, if the energy is negative, bud formation is exergonic and 

therefore favorable. All bilayers with a negative budding energy were allowed to bud in 

the simulation. Outermost bilayers with a positive energy were allowed to bud via the 

external energy pathway in the initial stage. Any other bilayers with a positive budding 

energy were not allowed to bud. Table 3.1 shows the parameters that were used in the 

simulations. The radius and lengths, 𝑅𝑓 and 𝐿𝑓 were set at the values shown below but were 

altered subsequently to determine their effect on yields.     
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Parameter Symbol  Value Unit 

Fiber radius 𝑅𝑓 20 nm 

Fiber length 𝐿𝑓 1000, 2000 nm 

Number of sites -  1000 -  

Bilayer thickness 𝑑 42 nm 

Headgroup area 𝐴ℎ𝑔 0.7243 nm2 

Edge energy 𝛾 1×10-11 4 J/m 

Bending rigidity 𝜅𝐵 8.5×10-20 5 J 

Adhesion energy 𝜉 6 ×10-6 6 J/m2 

 

Table 3.1: Table showing common parameters and their values used in the simulations.  

Figure 3.4 shows the process used to determine the number of buds that form. 

Using the calculations from Equations 13 and 14 an array was produced containing the 

number of outer bilayers of each 𝑛(𝑖) that bud due to external energy (Figure 3.4 c)). All 

values were rounded down and only whole bilayers we considered. The first bilayer was 

assumed to adhere strongly to the substrate and was not allowed to bud under any 

circumstance. Next, the largest bilayer number with a negative budding energy as identified 

as shown in Figure 3.4 d). This is the 3rd bilayer on 1000 nm fibers. All subsequent rounds 

of budding were set to occur without any external energy, therefore only bilayers that can 

bud spontaneously will do so. Figure 3.4 e) shows Figure 3.4 c) reproduced, highlighted 

with sites that will have 3 or fewer bilayers after budding due to external energy. Sites that 

initially had 4 bilayers will now have 3 bilayers, of which both the 3rd and the 2nd bilayer 

will be able to bud. Similarly, sites that had 3 bilayers will now have 2 bilayers of which 

just the 2nd bilayer can bud. Sites that had 2 bilayers, however, will now have only 1 bilayer 

which cannot bud. Figure 3.4 f) shows the sum of the bilayers that bud spontaneously as 

well as due to external energy.  
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Figure 3.4: Flow of the simulation process on MATLAB for determining the number of 

nanobuds that bud. The tables show the samples of arrays for fibers with a length of 1000 

nm. Arrays show a) the number of sites with 2 – 10 bilayers b) probability of budding of 

each bilayer calculated using equation 13, c) the number of sites with 2 – 10 bilayers that 

bud due to external energy calculated using equation 14, d) The energy of budding for each 

bilayer calculated using equations 5 or 6 depending on the substrate type. e) is the array in 

c) replicated to highlight the number of sites that have exposed inner bilayers that can bud 

spontaneously. f) shows the total number of bilayers that can bud either spontaneously or 

via external energy.  

All bilayer larger than the 3rd bilayer cannot bud since subsequent rounds of 

budding will not have external energy from the remaining bilayers, all bilayers with a 

positive energy of budding were excluded since subsequent rounds of budding were set to 

occur without any external energy. Only sites with a negative energy of budding of the 

outer bilayers were considered for the next step. A matrix of all the bilayers with a negative 

energy of budding including the inner bilayers was generated. This was combined with the 

bilayers that budded as a result of external energy to produce a matrix of all bilayers that 

could bud. The bilayer counts were converted to areas and a list of nanobud diameters was 

calculated.   

 

Simulation set up on glass 

On glass or geometries where the surface does not have features which can be defined as 

sites, buds are expected to form by forming breaks in the lipid layering the substrate1. It is 

likely that these breaks are of varying areas, resulting in buds of different sizes. Here, for 

simplicity, I use a single size, a disk of radius Rd = 335 nm. The number of sites is also set 
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to 1000 for consistency. I use a Poisson distribution to determine the number of bilayers 

per site. The moles deposited on the surface is calculated using the following Equation:  

𝑀𝑠 =∑
2𝜋𝑅𝑑

2𝑛

𝐴ℎ𝑔𝑁𝑎

𝑁

𝑖=1

(𝑖) (15) 

 

The nominal surface concentration is calculated using the Equation (16): 

𝑁𝑆𝐶 =
𝑀𝑠
𝜋𝑅𝑑

2𝑁
 (16) 

The energy of budding on a flat surface such as glass is given by the following equation:  

Δ𝐸𝑓𝑙𝑎𝑡 = 8𝜋𝜅𝐵 + 2𝜋𝑅𝑑𝛾 − 𝜋𝑅𝑑
2𝜉 (17) 

All other simulation steps were identical between cylindrical and flat 

geometries.  
 

 

Merging 

Merging strategy using a template to carry out recursive merging 

Merging of spherical buds, which occurs by rearranging the membrane, is favored because 

it decreases the total elastic free energy of the surface1. On the surface of the nanopaper in 

experiments, the micrometer-sized buds span many fibers. Confocal images of microbud 

merging can be seen within minutes of hydration nanocellulose coated with lipid1. 

Microbud merging occurs primarily in regions with a high density of buds when they are 

in close proximity to each other. Fewer instances of merging are seen in in regions where 

buds are sparser and spaced farther apart. We assume that nanobud merging is based on 

similar principles. Given a fixed substrate area, a higher density of nanobuds will result in 

a larger number of merging events. we use the concept of a merging ‘template’, which is a 

set of cluster sizes. Each cluster represents the number of nanobuds chosen to merge into 

a single larger bud. To model this process, I implement an iterative algorithm that selects 

and merges point-like buds Figure 3.5 that are organized randomly on lattice sites.  
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Figure 3.5: Schematic of the merging template. Two rounds of recursive merging shown 

starting with a) a high density of nanobuds and b) a low density of nanobuds distributed 

randomly across the sites. Different blocks of colour show different cluster sizes. Buds 

within a block of colour will merge into a single bud. The sites present in each cluster are 

chosen randomly. The green buds are nanometer-sized buds, and the blue buds are 

micrometer sized buds. Only the blue micrometer buds contribute to the yield.  

 

The following equation is used to assign to assign the number of lattice sites in bins 𝑥(𝑖): 

𝑁(𝑖) = 5 × 108𝑥(𝑖)−1.5  (18) 

 

The value of 𝑖 ranges from 1 to 10 and maps one-to-one to the sizes of the clusters, 𝑥(𝑖) =

{10, 25, 50, 100, 500, 1000, 5000, 10000, 20000, 50000}. The total number of sites, 𝑁𝑡𝑜𝑡 
is calculated using the following equation:  

  

𝑁𝑡𝑜𝑡 =∑𝑥(𝑖)𝑁(𝑖)

10

𝑖=1

 (19) 

I use the nominal surface concentration with the highest number of nanobuds as our 

lattice size, 𝑁𝑡𝑜𝑡 (Figure 3.5 a). For concentrations with lower nominal surface 

concentration, we leave blank sites (Fig 3 b (i)). We then select clusters of lattice sites 

randomly (colored squares) and merge all the buds that fall within a cluster (Fig 3a,b (ii)). 
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The number of clusters is set such that all sites are chosen. We repeat the process, 

rearranging the selected lattice sites while keeping the total number of sites of a given 

number selected for each round the same. The concept of nanobud density affecting the 

merging was incorporated by adding zeros (empty sites in Figure 3.5) so that the total sites 

was constant. Increasing the number of zeros while maintaining the template keeps the 

number of buds chosen per cluster the same, however, the effective cluster size decreases 

since the number of non-zero buds in each cluster decreases. I allowed 5 rounds of recursive 

merging to occur for each concentration. For the first round, the merging template was 

applied to the initial nanobud distribution. After merging, I added zeros to keep the total 

number of sites constant and applied the same merging template for the second time. I 

repeated this process 5 times for each concentration.  

Examples of how the distributions vary with increasing rounds of merging are 

shown in Figure 3.6. After the first round of merging, the number of GUVs is sparse, the 

number of merging events is not sufficient to convert nanobuds into microbuds. After the 

second round of merging, the distribution appears to look similar to the histograms 

obtained from experiments – the distributions are right tailed, with significantly more small 

vesicles than large ones. This is expected since smaller vesicles require fewer merging 

events compared to larger vesicles which results in a higher probability of obtaining a small 

vesicle. With further rounds of merging, the number of small vesicles decreases while the 

number of larger vesicles increase. Figure 3.6 d) shows the variation of molar yields with 

each round of simulations. The number of rounds of merging was limited to 5 since the 

molar yield stabilizes within 5 rounds. Further details about the types of merging routines 

and a detailed comparison of histograms are provided in Appendix A.  

 

 

Figure 3.6: Histogram of diameters obtained at low salt (0.0032 mM) after different rounds 

of merging. a) 1 round of merging b) 2 rounds of merging and c) 3 – 5 rounds of merging. 

With increasing rounds of merging, the number of large vesicles increase while the number 

of small vesicles decrease. d) Bar plots showing the molar yield after each round of 

merging. 

 



54 

 

 

 

 

Yield calculations 

I obtain a list of GUV produced upon merging of the nanobuds for each salt concentration. 

The molar yield is calculated using the following equation: 

𝑀𝑌 = 100(
2𝜋

𝐴ℎ𝑔𝑁𝑎 𝑀𝑆
∑(𝑑𝑗)

2
𝑛

𝑗=1

) (20) 

 

In this equation, 𝐴ℎ𝑔 is the headgroup area, 𝑁𝑎 is Avogadro’s constant, 𝑁, 𝑑𝑗 is the 

diameters of the GUVs and 𝑛 is the total number of GUVs. The counts per μg lipid were 

calculated using the following equation:                                  

𝑁𝜇𝑔 =
1

𝑀𝑆 𝑀𝑊
∑𝑁𝐺𝑈𝑉(𝑖)

𝑛

𝑖=1

 (21) 

In equation (21), 𝑁𝜇𝑔 is the GUV counts per bin, 𝑁𝐺𝑈𝑉(𝑖) is the number of GUVs in each 

bin and  𝑀𝑤 ithe molecular weight of the lipid molecule.  
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3.3. Simulating varying surface concentration 

 

 

Figure 3.7: Configuration of lipids on the fibers at varying surface concentrations. a) 

Poisson distribution with different values of lambda. Legend shows the nominal surface 

concentration corresponding to each curve. b) Budding energy of each bilayer templated 

on fibers that have a radius of 20 nm and a length of either 1000 nm (blue) or 2000 nm 

(red). c) Above the plot: schematic of fibers templated with 1, 5 and 8 bilayers. Plot shows 

the average number of bilayers per site at different nominal surface concentrations.  

 

 The simulations to vary surface concentration were carried out using the parameters in 

Table 3.1 and the merging template as described in section 3.2. I tested a range of nominal 

surface concentrations from 0.45 nmol/cm2 to 354.75 nmol/cm2 which corresponded to a 

mean value of the Poisson distribution from 0.25 to 44.7 bilayers. Figure 3.7 shows how 

the configuration of bilayers changes with at different nominal surface concentrations. 

Figure 3.7 a) shows the number of sites with a certain number of bilayers for 

concentrations that match the experimental values. At the lowest surface concentration of 

0.45 nmol/cm2, 78% of the sites were empty. With increasing surface concentration, the 

number of empty sites decreased to zero as the curves shifted towards a larger number of 

bilayers. At high concentrations such as 179 .5 nmol/cm2, all sites are filled, and the mean 

number of bilayers is approximately 30. The energy of budding of each bilayer is shown 

in Figure 3.7 b) for fibers with radii of 20 nm and lengths of either 1000 nm (blue) or 2000 

nm (red). Bilayers with negative budding energies were able to bud spontaneously while 

bilayers with positive budding energies could only bud using external energy. Fibers with 

lower aspect ratios support fewer bilayers that can spontaneously bud. Only the second and 

third bilayers could bud spontaneously on 1000 nm fibers which had a 50% lower aspect 

ratio compared to 2000 nm fibers of the same radius on which bilayers 2 – 6 could bud 

spontaneously. Figure 3.7 c) shows the variation of average number of bilayers per site 
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with nominal surface concentration. With increasing surface concentrations, the average 

number of bilayers increased as expected. The panel above the plot shows a cross section 

of fibers of 20 nm radius templated with 1, 5 and 8 bilayers. The radius of the bilayer 

templating the fiber increased with an increasing number of bilayers.   

The simulation results are shown in  Figure 3.8. The budding and merging model 

remarkably reproduced the peaked behavior of the molar yield curve that was seen in the 

experimental results. The highest value of the molar yield is 60% and occurred at a nominal 

surface concentration of 5.78 nmol/cm2. The molar yield curve is also asymmetric about 

the peak value, the rise to the peak concentration being steeper than the fall to lower molar 

yields. The counts per microgram of lipid show that the counts for the two larger size 

classes peaks at the same nominal surface concentration as the molar yield, indicating that 

like in the experiments, the number of large vesicles obtained is highly correlated with 

molar yield.  The results demonstrate that the principles of the budding and merging model 

with respect to surface concentration is the key factor in affecting yields. At very low 

surface concentrations, many sites only have a single bilayer, which cannot bud due to its 

affinity to the cellulose fibers. As the concentration is increased, additional bilayers are 

templated onto the fibers that can bud spontaneously. At high concentrations, most of the 

bilayers cannot bud spontaneously, and therefore do not bud, resulting in a lower molar 

yield. I note that the highest molar yield obtained from simulations was 60%, twice the 

molar yield obtained from experiments. Since the simulation are an idealized form of the 

process, this is not unexpected. In reality, nanopaper is porous, which likely results in lipids 

penetrating and getting trapped in the inner layers of the substrate. There can also be other 

source of losses in experiments that are not accounted for in the simulations such as losses 

during harvesting, transfer, and imaging. Another key difference is that the fibers of 

nanocellulose are polydisperse, with a range of radii and lengths. Fibers of larger radii and 

shorter lengths will enable fewer bilayers to bud whereas longer and thinner fibers will 

enable larger numbers of bilayers to bud.  
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Figure 3.8: Simulation results for varying surface concentration of lipid on the substrate. 

a) Molar yield of GUVs obtained from the simulation at different nominal surface 

concentrations shows a peaked yield. b) Counts per microgram of lipid for different 

nominal surface concentrations divided into 3 size classes with diameters, d between 1 ≤ d 

< 10 μm, 10 ≤ d < 50 μm, d ≥ 50 μm. Counts for diameters larger than 10 μm are also 

peaked.   

 

3.3.1. The molar yield is maximized when the fraction of sites with a negative 

budding energy is maximized 

 

Since the simulations were able to mimic the yield curve and the size distributions seen in 

the experiments, I investigated further to determine the factor(s) that were critical to 

maximizing molar yield. Figure 3.9 shows a plot of the fraction of sites for which the 

outermost bilayer has a positive budding energy (red curve) or negative budding energy 

(blue curve). The gray curve represents sites that have zero bilayers and therefore do not 

contribute to the molar yield. The fraction of zero bilayers was highest for the lowest 

nominal surface concentration of 0.45 nmol/cm2 and decreased with increasing surface 

concentration. There were no empty sites above a concentration of 13.44 nmol/cm2. The 

fraction of sites with an outer bilayer that has a positive energy of budding is zero for 

concentrations up to 0.89 nmol/cm2 but increases as more bilayers are added to the sites 

with increasing surface concentration. Above nominal surface concentrations of 53.63 

nmol/cm2, all sites have outer bilayers with a positive energy of budding and any budding 

can only occur in the presence of external energy.  The fraction of sites with a negative 

budding energy has a peaked curve, similar to the molar yield curve. I found that the molar 

yield peaks at the nominal surface concentration that has the highest fraction of sites with 

outer bilayers that have a negative budding energy. This can be explained using the 
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schematic of fibers in Figure 3.9. The gray in the center represents a cross section of a 

fiber. The first bilayer is colored in red and does not bud under any circumstance. Green 

bilayers can bud spontaneously, and orange bilayers have a positive energy of budding and 

can only bud due to external energy. When 5 bilayers are templated onto the surface, 

bilayers 2-5 will bud. However, when 8 bilayers are templated onto the fiber, even if the 

outer bilayer can bud due to external energy, the bilayer below cannot do so since it also 

has a positive energy of budding. Since it cannot bud, it prevents the bilayers below from 

budding despite their ability to bud spontaneously. Thus, the energy of the outermost 

bilayer is crucial to determining whether any of the bilayers templated on a fiber can bud. 

When the fibers are templated with the maximum number of bilayers that can bud 

spontaneously, the molar yield is maximized.    

 

Figure 3.9: Fraction of bilayers with different budding energies. The simulation templated 

bilayers on fibers with radii of 20 nm and lengths of 1000 nm and 2000 nm distributed in 

a 1:1 ratio by area.. Fraction of bilayers that have a positive (red) or negative (blue) energy 

of budding or are empty (gray) at different nominal surface concentrations. The molar yield 

peaks at the concentration with the highest fraction of sites that have an outer bilayer with 

a negative energy of budding and can bud spontaneously.  
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3.3.2. Effect of varying the fiber geometry on the molar yield and counts of GUVs 

 

 

Figure 3.10: Yields and size distributions of GUVs assembled on fibers of varying 

geometries. a) Evolution of molar yields with varying surface concentrations on different 

fiber geometries. The legend shows fiber dimensions with radius, R and length, L. The 

molar yield of GUVs on a fibers shows a peaked behavior. b) Counts per microgram of 

lipid for the nominal concentrations at which the molar yield peaks. The x-axis at the 

bottom shows the fiber geometries and the x-axis at the top shows the nominal surface 

concentration at which the molar yield is maximized. The counts are divided into 3 size 

classes with diameters, d between 1 ≤ d < 10 μm, 10 ≤ d < 50 μm, d ≥ 50 μm. 

In section 3.1, I noted that the fiber geometry is an important factor in determining the 

budding energy of the bilayers templated on the substrate. Here, I use the simulations to 

show the effect of fiber geometry on GUV yields. In Figure 3.10 a), I compare the 

evolution of molar yields with increasing surface concentration on fibers of different 

geometries. I note that the yields are peaked for all fiber geometries but the maximum yield 

that can be obtained varies depending on the fiber dimensions. Increasing the radius of the 

fiber reduces its curvature, which results in a decrease in the maximum molar yield. 
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Conversely, increasing the aspect ratio of the fibers by increasing the length, or decreasing 

the radius increases the molar yield. I previously showed that fibers with a mixed geometry 

of lengths of 1000 nm and 2000 nm and fixed radius of 20 nm produced a maximum yield 

of 60%. When the substrate was simulated with monodisperse fibers that were 2000 nm 

length with the radius fixed at 20 nm, the yield increased to 70%. An increase in the 

curvature by lowering the radius to 10 nm, as well as an increase the aspect ratio by 

increasing the length to 4000 nm raised the maximum yield to 91%. A further increase in 

the aspect ratio by increasing the fiber length to 10,000 nm while maintaining the radius at 

10 nm increased the yield slightly more to a value of 94%. Conversely, a reduction in 

curvature by increasing the radius from 20 nm to 35 nm while keeping the length constant 

at 2000 nm reduced the yield by a factor of 2.25 to 31%. A large decrease in curvature was 

introduced by increasing the radius to 400 nm while maintaining the length at 2000 nm 

which caused the maximum yield to drop to 8%.  

I note that the nominal surface concentration at which the molar yield is maximized 

also increases with increasing curvature and aspect ratio. For the two lowest yielding fiber 

dimensions tested which were fibers of radius 400 nm and 35 nm and constant lengths of 

2000 nm, the yield was maximized at a nominal surface concentration of 4 nmol/cm2. 

Fibers of the same length but with radii of 20 nm caused the molar yield peak to occur at 

surface concentrations of 8 nmol/cm2. For fibers with radii of 10 nm and lengths of 4000 

nm and 10,000 nm, the molar yield peaked at 27 nmol/cm2 and 36 nmol/cm2 respectively.  

Figure 3.10 b) shows the counts per microgram of lipid for the surface 

concentrations at which the molar yield is maximized for each fiber geometry. Vesicles 

with diameters over 50 μm decreased in number with decreasing curvature and aspect ratio. 

Vesicles with diameters between 10 μm and 50 μm largely followed the same trend with 

the exception of an increase when fibers with a radius of 10 nm and length of 10000 nm 

are reduced to a length of 4000 nm. The small vesicles (diameters below 10 μm) peak for 

fibers with a radius of 20 nm and length of 2000 nm. I also determined that the reason for 

the GUV counts in different size classes peaking at different fiber is largely due to an 

increase in the mean diameter of the nanobuds, which results in larger GUVs after merging. 

The mean diameter of the nanobuds is 0.79 μm, 0.48 μm and 0.36 μm for fibers with 

𝑅𝑓 × 𝐿𝑓= 10 nm × 10000 nm, 10 nm × 4000 nm and 20 nm × 2000 nm respectively. 

Merging of clusters ≥ 5000 buds produced vesicles over 50 μm in diameter for nanobuds 

produced on fibers with 𝑅𝑓 × 𝐿𝑓= 10 nm × 10000 nm whereas only clusters ≥ 20,000 

produced large GUVs from nanobuds produced on 20 nm fibers. Though fibers that are 40 

nm and 400 nm in diameter also have higher mean diameters (0.45 μm and 1.28 μm 

respectively), they have significantly fewer nanobuds, which results in lower counts across 

all size classes. 40 nm fibers produce 3.7 times fewer nanobuds than 20 nm fibers, and the 

increase in nanobud diameter by a factor of 1.2 does not offset this reduction in nanobud 

counts. Fibers with dimensions 𝑅𝑓 × 𝐿𝑓= 10 nm × 10000 nm produce 3.8 times fewer 

nanobuds than 20 nm fiber as well. However, since the mean diameters of the nanobuds 
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produced is 2 times higher, resulting in an increase in 4.7 times more moles of lipid per 

nanobud, the yield of the nanobuds produced on fibers with 𝑅𝑓 × 𝐿𝑓= 10 nm × 10000 nm 

is 1.3 times higher than the yield on 20 nm fibers.  

 

3.3.3. Molar yield is maximized when the fraction of sites with a negative budding 

energy is maximized for all fiber geometries with at least 1 bilayer that can 

bud spontaneously 

 

 

Figure 3.11: a) Fraction of bilayers that can bud spontaneously (with a negative ΔE) at 

varying nominal surface concentrations for different fiber geometries. The colored arrows 

show the nominal surface concentrations at which the molar yield peaks for each fiber 

geometry. For all fiber geometries, the molar yield peaks when the fraction of bilayers with 

a negative ΔE is maximized. b) Fraction of sites with two bilayers for fibers that do not 

support any bilayers that can bud spontaneously. Colored arrows show the nominal surface 

concentrations at which the molar yield peaks for each fiber geometry. The molar yield 

peaks when the fraction of sites with two bilayers is maximized. Legends show fiber 

dimensions with radius, R and length, L.  

Using Figure 3.9, I determined earlier that the molar yield peaks at the surface 

concentration at which the fraction of sites with an outer bilayer that has a negative budding 

energy is maximized. In Figure 3.11, I show that this holds true for other fiber dimensions 

that I tested. Figure 3.11 a) shows the results for different fiber geometries that have at 
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least one bilayer that can bud spontaneously. The arrows show the nominal surface 

concentration at which the molar yield is maximized. Consistent with what was seen in 

Figure 3.9, the molar yield does indeed peak when the fraction of sites with a negative ΔE 

of budding is maximized. Both fiber geometries with radii of 10 nm, have yields above 

90%. On fibers with lengths of 4000 nm and 10,000 nm, 97.6% and 99.6% of the sites 

respectively have outer bilayers that have a negative energy of budding. In comparison, for 

fibers with a radius of 20 nm, 80.0% of the sites have a negative budding energy and this 

number falls to 27.2% when the fiber radius is increased to 35 nm.  

Figure 3.11 b) shows plots of fibers that cannot support any spontaneous budding. 

The molar yield is maximized at the nominal surface concentration which has the highest 

fraction of sites with 2 bilayers. All budding occurs due to external energy at the initial 

time point, and so only the outermost bilayer can bud. The wasted lipid is therefore 

minimized when there are only 2 bilayers on the site, which allows ~50% of the lipid on a 

fiber to form a nanobud. This is consistent across all fiber geometries that cannot support 

any spontaneous budding.  

3.3.3. Distributing bilayers evenly on fibers increases the maximum yields that can 

be obtained on all fiber geometries 

 

 

Figure 3.12:Yields and size distributions of GUVs assembled on fibers with even numbers 

of bilayers distributed on all fibers. a) Evolution of molar yields with varying surface 

concentrations on different fiber geometries with bilayers ranging from 2 to 10 bilayers. 

The legend shows fiber dimensions with radius, R and length, L. b) Counts per microgram 

of lipid for the nominal concentrations at which the molar yield peaks. The x-axis at the 

bottom shows the fiber geometries and the x-axis at the top shows the nominal surface 
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concentration at which the molar yield is maximized. The counts are divided into 3 size 

classes with diameters, d between 1 ≤ d < 10 μm, 10 ≤ d < 50 μm, d ≥ 50 μm. 

I showed previously that one way to optimize molar yield is to tailor the fiber geometry to 

have high curvatures and aspect ratios. Since the Poisson distribution results in sites with 

a range of bilayers, it is impossible to avoid sites with too many bilayers or fewer bilayers 

than the optimal number. Here, I test the effect of evenly distributed bilayers on the yields 

and distributions of GUVs. Figure 3.12 shows the results of simulations in which I 

templated monodisperse fibers of varying geometries with even numbers of whole bilayers. 

All fibers geometries except fibers with a radius of 10 were templated with 2 – 10 bilayers 

in increments of 1. Fibers with a radius of 10 nm were templated with 2, 4, 6, 8, 10, 12, 13, 

14 and 15 bilayers. The range was increased for this fiber geometry since it can support 

more bilayers that bud spontaneously. It should be noted that even though all bilayers 

except the first bud for multiple concentrations, the molar yield is variable between these 

points. For example, on fibers with a radius of 20 nm, all bilayers except the first bilayer 

bud for the first 6 nominal surface concentration points. However, the molar yield increases 

with increasing number of bilayers until an optimum number, which in this case is 7 

bilayers. This is because as the number of bilayers is increased from 1 – 6, the first bilayer 

which is the only bilayer responsible for any losses in molar yield accounts for a smaller 

fraction of the lipid deposited on the fibers. When there are 2 bilayers, the first bilayer 

accounts for ~ 50% of the lipid, when there are 3 bilayers, it accounts for less than 1/3rd of 

the lipid since the outer bilayers have more area than the first bilayer. In fact, each 

additional bilayer that is added on fibers with a radius of 20 nm and a length of 2000 nm 

adds an incremental 4.6 × 10-19 moles of lipid compared to the bilayer below.  

The arrows in Figure 3.12 shows the nominal surface concentrations at which the 

fraction of bilayers with a negative budding energy is maximized. For 𝑅𝑓 × 𝐿𝑓= 10 nm × 

4000 nm, and For 𝑅𝑓 × 𝐿𝑓= 40 nm × 2000 nm, the molar yield is maximized when the sites 

with a negative budding energy is maximized. For fibers with dimensions 𝑅𝑓 × 𝐿𝑓= 10 

nm × 4000 nm, the molar yield peaks at a nominal surface concentration of 64 nmol/cm2 

which corresponds to 12 bilayers on all fibers. 12 bilayers is also the maximum number of 

bilayers that can be supported on fibers of this geometry that have a negative budding 

energy. Similarly, for 40 nm fibers, the yield is maximized when all fibers are coated with 

2 bilayers. In fact, for this fiber geometry, coating evenly with two bilayers is the best way 

to maximize yields. Since all the bilayers bud only due to external energy, using a poison 

distribution results in wasted lipid due to over filling or under filling the sites. However, I 

found that on fibers with radii of 20 nm and 35 nm fibers the yield is not maximized when 

the fraction of sites with a negative budding energy is maximized when the bilayers evenly 

distributed. The 6th bilayer for 20 nm fibers and the 2nd bilayer for 35 nm fibers are the 

outermost bilayers that can bud spontaneously. The yield was maximized when all the 

fibers had one bilayer number higher, 7 bilayers on 20 nm fibers and 3 bilayers on 35 nm 

fibers, even though they had positive energies of budding. This is because they require a 
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low enough energy input that at the 20,000 kBT of external energy that I applied, 99.2% of 

20 nm fibers with 7 bilayers and 99.73 of 35 nm fibers with 3 bilayers were able to bud. 

The small losses due to less than 1% of the sites that did not bud was offset by the gain in 

molar yield as a result of adding an additional bilayer as described in the previous 

paragraph. Thus, for these two fiber geometries, when lipid was distributed evenly, the 

yield was maximized when all sites had 1 bilayer more than the outermost bilayer with a 

negative budding energy. This is not the case when lipids were distributed using the 

Poisson distribution. It was also not the case for other fiber geometries with even 

distribution. The lowest bilayer number with a positive budding energy is the 13th bilayer 

for fiber that have 𝑅𝑓 × 𝐿𝑓= 10 nm × 4000 nm. But with 20,000 kBT of external energy, 

97.54% of all sites bud whereas when all sites have 12 bilayers, 100% of the sites bud. The 

losses due to 2.5% of the bilayers not budding were not offset by the addition of the 13th 

bilayer. Thus, I show that evenly distributing lipid brings out interesting subtleties in the 

budding and merging model.  

The molar yield is significantly improved for fibers with lower curvature as a result 

of evenly distributing lipids. For fiber with a radius of 40 nm, the highest possible yield 

was 52% when lipid was evenly distributed, 65% higher than when lipids were distributed 

using a Poisson distribution which had a maximum yield of 31%. For fibers with a radius 

of 35 nm, the yield as a result of evenly distributing lipids increased to 70% from 41% 

when using a Poisson distribution. For fibers with a radius of 20 nm, the yield increased 

from 70% using the Poisson distribution to 80% as a result of evenly distributing lipids. 

The incremental difference is lowest for fibers with  𝑅𝑓 × 𝐿𝑓= 10 nm × 4000 nm, that can 

support largest amount of bilayers with a negative energy of budding. For these fibers, the 

yield increased from a maximum value of 91% for Poisson distributed lipid to 97% for 

evenly distributed lipid. These simulation results show that the molar yield can be 

maximized either by altering fiber geometry to have low aspect ratios and high curvature 

or alternatively, if the fiber dimensions are limited to less favorable geometries, by 

controlling the deposition of lipid very carefully so it is as even as possible at the optimal 

surface concentration.    

When bilayers are evenly distributed, at the optimum bilayer number, the total 

number of nanobuds that can be produced is optimized. This is particularly clear for the 

geometries with lower curvature and aspect ratios as can be seen from the difference in 

molar yields when lipids are evenly distributed compared to when using a Poisson 

distributed. When the number of nanobuds is maximized, the effect of nanobud diameter 

plays a larger role is more noticeable since variations in nanobud counts are not large 

enough to offset the sizes of the nanobuds. Figure 3.12 b) shows the counts of the GUVs 

separated into 3 size classes and c) show the mean diameter of the nanobuds produced on 

different fiber geometries. The nanobud diameters and the counts of GUVs in the two larger 

size classes are closely correlated, with the counts of the vesicles being maximized for the 

fibers that have the largest mean diameter. The counts of the smaller vesicles were highest 
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for fibers with  𝑅𝑓 × 𝐿𝑓= 20 nm × 2000 nm which produces nanobuds with the lowest mean 

diameter in the dataset. As described earlier (Figure 3.10), smaller nanobuds result in 

smaller GUVs after merging, and particularly when the nanobud counts are maximized 

across fiber geometries as they are in this case.  

3.3.4. The presence of external energy increases the yields and sizes of GUVs 

 

 

Figure 3.13: Yields and counts of GUVs obtained with external energy set to 1 kBT. a) 

Evolution of molar yields with varying surface concentrations on different fiber 
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geometries. The open diamonds show yields obtained with external energy set to 1 kBT and 

for comparison, the filled circles are the yields from Figure 3.10 reproduced with external 

energy set to 20,000 kBT. The legend shows fiber dimensions with radius, R and length, L. 

b) Counts per microgram of lipid for the nominal concentrations at which the molar yield 

peaks. The x-axis at the bottom shows the fiber geometries and the x-axis at the top shows 

the nominal surface concentration at which the molar yield is maximized. The counts are 

divided into 3 size classes with diameters, d between 1 ≤ d < 10 μm, 10 ≤ d < 50 μm, d ≥ 

50 μm. 

For all simulations, I apply 20,000 kBT of external energy, to mimic the impulse of energy 

delivered to the system upon pipetting the hydration solution into the growth chamber. 

Here I determine the effect of the magnitude of the external energy by comparing the GUV 

yields when using 20,000 kBT compared to the absence of external energy, by setting its 

value to 1 kBT. Figure 3.13 shows the evolution of the molar yield on different fibers when 

the two different values of external energy are applied. The filled circles show yields with 

20,000 kBT and the open diamonds show yields with 1 kBT of external energy. The 

difference in molar yields with external energy is more pronounced for fibers with larger 

radii, since they support fewer bilayers that can bud spontaneously. Thus in the absence of 

external energy, the yield is significantly lower. For all fibers, the molar yields decrease in 

the absence of external energy. For  𝑅𝑓 × 𝐿𝑓= 10 nm × 10000 nm, the decrease in the 

maximum yield is 1.1% while for  𝑅𝑓 × 𝐿𝑓= 35 nm × 2000 nm, the decrease in yield is 

52%. For mixed geometries of  𝑅𝑓 × 𝐿𝑓= 20 nm × 1000 nm and  𝑅𝑓 × 𝐿𝑓= 35 nm × 2000 

nm, the decrease in yield is 22%. I also note that for fibers with a radius of 20 nm or higher, 

the molar yield is zero at higher nominal surface concentrations, particularly in the absence 

of external energy. For example, for fibers with a radius of 35 nm, no buds are formed 

beyond a nominal surface concentration of 17.9 whereas in the presence of external energy, 

the lowest value of the molar yield is 1.4% at a concentration of 359 nmol/cm2. The 

nominal surface concentration at which the molar yield peaks is lowered across all fiber 

dimensions except 𝑅𝑓 × 𝐿𝑓= 10 nm × 10000 nm as shown in the table. At higher surface 

concentrations, a larger number of sites do not bud, since budding can only occur via the 

spontaneous pathway in the absence of external energy. This is also the reason that in the 

absence of external energy fibers with of length 2000 nm and radii above 35 nm will have 

a zero molar yield at all concentration since all bilayers on these geometries require external 

energy to bud.  

The trends in the counts per microgram of lipid in the absence of external energy 

are identical to the trends seen in the presence of external energy. The fiber geometries 

with the highest molar yields have the largest number of vesicles over 50 μm. The counts 

of vesicles below 50 μm affected by the balance between the number of nanobuds produced 

and the mean diameters of the nanobuds.  
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3.3.5. Simulations of varying surface concentrations on a flat surface also show 

peaked molar yields 

 

Figure 3.14: Simulations of varying surface concentrations on a flat substrate. a) Molar 

yield of GUVs obtained from the simulation at different nominal surface concentrations 

shows a peaked yield, similar to simulations on curved fibers. b) Counts per microgram of 

lipid for different nominal surface concentrations divided into 3 size classes with diameters, 

d between 1 ≤ d < 10 μm, 10 ≤ d < 50 μm, d ≥ 50 μm. Counts for diameters larger than 10 

μm are also peaked.   

Simulations carried out on flat surfaces also showed a peaked behavior. The yield 

and the counts per microgram of lipid were maximized at a nominal surface concentration 

of 0.85 nmol/cm2. On glass, only the outermost bilayer can bud due to external energy. 

Therefore, sites with two bilayers have the highest molar yield. The additional of any more 

bilayers results in wasted lipid and decreases the molar yield.  

 

3.4. Conclusion 

 

In this chapter, I simulated the yields and sizes of GUVs assembled at varying surface 

concentration of zwitterionic lipid. I used a Poisson distribution with different mean 

values to simulate distributions of varying surface concentrations. Using the framework 

of the budding and merging model, I determined the number and sizes of nanobuds that 

form a various surface concentration. I used the concept of a merging template to then 

merge the nanobuds into GUVs following which I calculated the yields and sizes of the 

GUVs obtained. The results show that the budding and merging model replicates the 

peaked yield seen in experimental data for zwitterionic lipid. The counts of vesicles over 
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10 μm are closely correlated with the molar yield, similar to what was seen in 

experiments. The simulations show that the budding and merging model is able to capture 

the important processes underpinning the assembly of GUVs on cylindrical fibers and 

reproduce the trends in yields and distributions seen in experiments.  
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Chapter 4: Shear Induced Fragmentation  

4.1. Introduction 

 

In Chapter 3, I show simulations based on the framework of the budding and merging 

model reproduces the peaked behavior seen in experiments. However, the evolution of 

yields of pure negatively charged lipids as well as mixtures of charged and zwitterionic 

lipids do not show a peaked behavior. In both these cases, the yield increases with 

concentration, with a reduced rate of increase at higher concentrations. We thus 

hypothesized that an alternate mechanism to surface budding and merging might be 

occurring for charged lipids.  I explore the mechanism for this using high resolution 

confocal z-stack images. I found that for higher concentrations of charged lipids alone, a 

bulk Lα mesophase forms, extending from the surface of the paper to anywhere between 

100 µm to 250 µm above the surface of the paper. Upon pipetting, I show that this phase 

fragments to produce GUVs. The fragmentation of the mesophase is a bulk process 

independent of the substrate. Thus, it is a new alternative pathway that we have discovered 

to forming vesicles when charged lipids are present at high mol fractions and high surface 

concentrations.  

  

4.2. Methods 

 

Imaging z-stacks. To image on the surface of the paper, the lipid-coated paper was placed 

in a PDMS chamber (inner diameter × height = 12 × 1 mm). 150 μL of 100 mM sucrose 

solution was pipetted into the chamber and a coverslip was placed over it. Confocal z-

stacks were taken at regular slice intervals of 2.61 μm starting from the surface of the 

substrate to 250 μm above the surface. The images were 283.4 × 283.4 μm (1288 × 1288 

pixels per image). The surface of the substrate was selected in the reflected light channel 

by moving manually in Z and selecting the region with maximal reflected light signal. 

Since the microscope we used is upright, the laser light had to penetrate through the thick 

lipid mass which caused depth-dependent attenuation. A z-depth correction function in the 

Zen software was used to account for this attenuation. For images shown in Figure 4.1, I 

chose three reference slices to calibrate the laser intensity. I set the laser intensity to 10% 

for the slice closest to the paper (z=0), 5% at z = 60 µm and 1.5% at z= 150 μm. For Figure 

4.4 I set the laser intensity to 3% for Z= 0 μm and lowered it to 1.5% at Z=75 µm. For 

Figure 4.7, I set the laser intensity to 10% at z = 0, 5% at z = 60 µm and 1.5% at z = 150 

μm. The laser intensities were chosen to allow visualization of features while minimizing 

the number of oversaturated pixels. The Zen software linearly interpolates the laser 

intensity between the reference z-slices.  

Measurement of the volume of the Lα mesophase and the weight % of lipid. The 

volume of the Lα mesophase was measured using ImageJ. I used intensity thresholding to 



70 

 

 

 

segment the Lα mesophase in the x-z plane. The wand tool was used to select to calculate 

its area. This process was repeated for all the slices and obtained an average area which I 

multiplied by the y-distance of 283.4 μm (x-y image size was 283.4 × 283.4 μm) to obtain 

the volume of the mesophase. I determine the number of moles of lipid in a single bilayer 

of DOPG occupying a lateral area of 283.4 × 283.4 μm using the value of the headgroup 

area shown in Table 2.1. We determine the number of water layers assuming that a water 

layer is sandwiched between two bilayers. I used a bilayer thickness of 4 nm to estimate 

the total volume of the lipid layer, and assign the rest of the volume to the water, thus 

calculate the lipid/water ratio in the mesophase.  

Z-stack imaging over 3 days. I prepared samples for long term imaging by placing lipid 

coated paper in a PDMS chamber (inner diameter × height = 12 × 1 mm) and hydrating in 

150 μL of 100 mM sucrose solution. I placed a coverslip over the chamber and sealed the 

chamber with a thick layer of Quick-set Epoxy to reduce evaporation. I took z-stack images 

at 0.5 hours, 1 hour, 2 hours, 14 hours, 24 hours, 48 hours and 72 hours.  

4.3. Results 

 

4.3.1. Images of the surface of paper coated with DOPG show the presence of an 

extended lipid mass that is not present for zwitterionic DOPC.   

 

The difference in the evolution of yield and the variations in size distributions between 

zwitterionic and charged lipids suggests a difference in mechanism of GUV formation. I 

imaged the surface of the substrate after 1 hour of hydration to obtain high resolution three-

dimensional images using confocal microscopy. Nanocellulose is not fluorescent and was 

therefore visualized using confocal reflectance microscopy while the lipids were visualized 

using confocal fluorescence microscopy. In all the images, I defined the surface of the 

paper as being on the x-y plane and the region normal to the surface of the paper as being 

on the z-axis. The upper and lower panels show representative x-y slices while the middle 

panel shows representative x-z slices. The x-z images are overlays of the images of the 

paper surface (gray scale) and the lipid (false colored green).  

Figure 4.1 shows the surface paper coated with DOPG at nominal surface 

concentrations of 18 nmol/cm2, 35 nmol/cm2, 89 nmol/cm2
, and 177 nmol/cm2. A layer of 

buds was present on the surface of the paper for all the nominal surface concentrations 

tested (lower panels). The diameters of the buds ranged from 1 μm up to 90 μm. For 

concentrations greater than 18 nmol/cm2, I note the presence of a mass of lipid above the 

bud layer (b-d middle panels, solid white arrows). The x-y slices of the mass in the upper 

panels show regions with no optically resolvable features in the regions close to the surface 

of the paper. In the regions further away from the paper, the mass transitioned to 

membranes that appeared tightly wound around a central core giving them an onion-like 

appearance (dashed white arrows). The mass of lipid did not fill the volume of the chamber.  
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Figure 4.1: Slices of 3D confocal images of DOPG on the surface of nanocellulose 

paper. a) DOPG at 18 nmol/cm2 b) DOPG at 35 nmol/cm2, c) DOPG at 89 nmol/cm2, d) 

DOPG at 177 nmol/cm2.  The paper, (colored in gray) was imaged using reflectance 

contrast.  The lipids (colored in green) were imaged using fluorescence contrast. Bulk 

water which is non-fluorescent and transparent to the laser appears black.  The paper 

surface is in the x-y plane. The distance in the z-direction is normalized so that the 

surface of the paper is at z=0. Thus, the lipid covered regions which are on the surface of 

the paper, are on the positive z-axis. The upper panels are x-y slices at z= 100 μm and the 

lower panels are x-y slices at z= 8 μm. The white arrows point to the lipid mass that 

appeared uniform up to the optical resolution. The white dashed arrows point to the 

onion-like structures that form at the interface between the lipid mass and the excess 

water phase. 

 Interestingly, this lipid mass was not present on paper coated with zwitterionic 

lipid DOPC. Figure 4.2 shows confocal images on the surface of nanopaper coated with 

DOPC at a surface concentration of 18 nmol/cm2 and 180 nmol/cm2. At low concentrations 
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of lipid, the surface of the paper was covered with an abundant number of buds similar to 

18 nmol/cm2 of DOPG with the notable difference that the GUV buds composed of DOPC 

were larger than those composed of DOPG. In the region of the paper shown in the figure, 

the layer of bud appears to extend to approximately 60 μm above the surface of the paper, 

corresponding to the diameter of the largest bud. However, for DOPC, increasing the 

surface concentration 10 times to 180 nmol/cm2 did not show the presence of the lipid mass 

seen for DOPG at a similar surface concentration (177 nmol/cm2). Instead, at high surface 

concentrations of DOPC (Figure 4.2 b, lower panel) a few buds were present with the 

majority of the lipid layer appearing blistered. Despite the high lipid concentration 

however, the lipid layer did not extend beyond the surface of the paper. The images of the 

surface were consistent with the results in chapter 2 which showed that high nominal 

surface concentrations of DOPC leads to a lower molar yield of GUVs (Figure 2.2). 
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Figure 4.2:  Slices of 3D confocal images of DOPC on the surface of nanocellulose paper. 

a) DOPC at 18 nmol/cm2 b) DOPC at 180 nmol/cm2. The paper, (colored in gray) was 

imaged using reflectance contrast.  The lipids (colored in green) were imaged using 

fluorescence contrast. Bulk water which is non-fluorescent and transparent to the laser 

appears black.  The paper surface is in the x-y plane. The distance in the z-direction is 

normalized so that the surface of the paper is at z=0. Thus, the lipid covered regions which 

are on the surface of the paper, are on the positive z-axis. The upper panels are x-y slices 

at z= 100 μm and the lower panels are x-y slices at z= 10 μm. 

 

4.3.2.  The mass of lipid is consistent with a Lα mesophase  

 

I calculated the volume of the mass from the confocal images and plot the data in Figure 

4.3 (details on calculations provided in section 4.2). Using linear least squares fit I 

demonstrate that the volume of the mass increased linearly with surface concentration. I 

compare the presence of this mass of lipid to phase experiments of binary mixtures of 

phospholipids and water in literature. Small-angle X-ray diffraction of binary mixtures of 
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phospholipids above their chain-melting temperatures show the formation of Lα smectic 

mesophases for lipid/water ratios from 0.03 mol/mol to 1 mol/mol1–4. At lower lipid/water 

ratios, the Lα smectic mesophase coexists with an excess water phase. I estimate the lipid 

content in the lipid mass of DOPG that forms using the volume data. The lipid/water ratios 

range between 9.7 × 10-5 to 1.36 × 10-4 mol/mol (0.4 – 0.6 wt% lipid). Therefore, the 

observed lipid mass the DOPG samples is expected to be in an Lα smectic mesophase that 

coexists with an excess water phase.  

 

Figure 4.3: Plot of volume of the Lα smectic mesophase versus the nominal surface 

concentration.  The orange continuous line is a linear fit to the data 

Similar images taken on DOPS and DOTAP applied on paper also show the 

presence of the Lα mesophase that is packed into multilamellar structures (Figure 4.4). 

However, unlike in the case of DOPG in Figure 4.1, the mesophase is not clearly 

differentiated from the buds that form on the surface. Instead, pockets of buds are 

interspersed within the mesophase. In the middle panels showing the x-z plane, DOPS 

appears to have small pockets of GUV buds shown by the white arrows while DOTAP 

appears to have a single large pocket of buds. Close to the surface of the paper (lower 

panels in Figure 4.4), the buds can be seen intermingled with networks of featureless lipid 

for DOPS while for DOTAP, the buds are surrounded by featureless lipid. I also note that 

the mesophase extends to approximately 150 μm over the surface of the paper for both 

DOPS and DOTAP while for DOPG it extended beyond 250 μm. In the top panels in 

Figure 4.4, we see tightly packed onion-like structures for both DOPS and DOTAP. For 

DOTAP, these structures begin to form at just 75 μm from the surface of the paper whereas 

for DOPS, we see these structures only beyond 100 μm from the surface of the paper and 

for DOPG, at approximately 175 μm from the surface of the paper.  
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Figure 4.4: Slices of 3D confocal images of DOPS and on the surface of nanocellulose 

paper.  a) Negatively charged lipid DOPS at 174 nmol/cm2 b) DOTAP at 202 nmol/cm2. 

The paper, (colored in gray) was imaged using reflectance contrast.  The lipids (colored in 

green) were imaged using fluorescence contrast. Bulk water which is non-fluorescent and 

transparent to the laser appears black.  The paper surface is in the x-y plane. The distance 

in the z-direction is normalized so that the surface of the paper is at z=0. Thus, the lipid 

covered regions which are on the surface of the paper, are on the positive z-axis. The upper 

panels are x-y slices at z= 100 μm and the lower panels are x-y slices at z= 10 μm. The 

white arrows point to pockets of buds that are interspersed in the Lα smectic mesophase.  

 

4.3.3. Shear-induced fragmentation of the mesophase produces free-floating GUVs 

 

Figure 4.5 shows representative confocal images of harvested GUVs after sedimentation 

in 100 mM of glucose. Although the surface images for the corresponding concentrations 

show the presence of the extended lamellar layer, it is not present in the harvested or 

sedimented samples. To further understand what happens to the mesophase, I harvested the 

mesophase of DOPG assembled on nanocellulose by gently pipetting all the liquid from 

the growth solution after 1 hour of hydration into a PDMS chamber to view using confocal 
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microscopy. The images in Figure 4.6 show images of various regions of the mesophase 

after harvesting. The mesophase remains mostly intact, alongside free floating GUVs and 

shown in  Figure 4.6 a). Panels b)-d) are zoomed-in regions from panel a) showing a range 

of different features. A portion of the mesophase remains completely featureless as shown 

in Figure 4.6 b), similar to the images on the surface of the substrate.  I also note that large 

portions of the mesophase consists of small, dark, lumens that could indicate an increase 

in the interlamellar spacing. Furthermore, a significant portion of the mesophase consisted 

of spherical structures with diameters between 1 to 20 μm. Since neither of these features 

were present in the images taken on the surface of the paper, I hypothesized that shear from 

pipetting and transfer of the lipid from the growth chamber induces the formation of the 

features that are seen.  

 

Figure 4.5: Images of DOPG, DOPS and DOTAP harvested after 1 hour of hydration in 

100 mM sucrose solution and sedimented in 100 mM glucose for 3 hours  a) 177 nmol/cm2 

of DOPG b) 174 nmol/cm2 of DOPS and c) 202 nmol/cm2 of DOTAP. Scale bar: 25 μm. 

 

Figure 4.6: Confocal images of x-y slices of the mesophase after transfer to an imaging 

chamber.a) Portion of the largely unbroken mesophase showing a range of features.  

Portion of the mesophase from a) zoomed in to show b) a region that remains featureless 

up to the optical resolution, c) a region where interbilayer spacing increased to above the 

optical threshold resulting in resolvable features and d) a region that has spherical GUV-

like structures. Scale bars: a) 50 μm, b)-d) 10 μm.  
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Figure 4.7: Experiments on silanized glass showing that the Lα smectic mesophase can be 

sheared to produce GUVs. a) 2D slices of 3D confocal images of 177 nmol/cm2 DOPG on 

silanized glass. The glass (colored gray) was imaged using reflectance contrast, and the 

lipids (colored green) were imaged using fluorescence contrast. Bulk water which is non-

fluorescent and transparent to the laser appears black.  I define the glass surface to be in 

the x-y plane. We normalize the images so that the surface of the glass is at z=0. Thus, the 

lipid covered regions which are on the surface of the glass, are on the positive z-axis. The 

upper panels are x-y slices at z=100 μm and the lower panels are x-y slices at z= 5 μm. 

Example of a region within the mesophase after transfer to an imaging chamber showing 

b) no optically resolvable features, and c) spherical GUV-like clusters. d) Image of the 
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chamber after aspirating the solution with the mesophase 6 times. The chamber was filled 

with high concentration of GUVs, tubular and multilamellar structures and aggregates. e) 

Image of the solution from the chamber after it is diluted and sedimented for 3 hours in 

100 mM glucose solution. f) Histogram of GUV diameters 177 nmol/cm2 of DOPG (blue 

curve) on silanized glass for which bud formation occurs only via shear-induced 

fragmentation and 18 nmol/cm2 of DOPG (orange curve) for which bud formation occurs 

only via budding and merging. Bin widths were set to 1 μm.  Note the logarithmic scale on 

the y-axis. Scale bars 20 µm. 

Since GUVs can form as a result of budding and merging of the lipid that is left 

behind on the surface of the paper as shown in the lower panels in Figure 4.1, it is difficult 

to determine whether the mesophase itself contributes to the formation GUVs that are 

present in the harvested solution. To circumvent this ambiguity, we tested the contribution 

of the mesophase to GUV formation using silanized glass as the substrate for growth. In 

previous work, Pazzi et. al determined that silanized glass does not support vesicle 

formation via the pathway of budding and merging5. Figure 4.7 a) confirms there were no 

buds present on the surface of the silanized glass after 1 hour of growth. As expected, the 

mesophase was present with similar characteristics to the mesophase produced on 

nanocellulose. I gently removed the solution from the growth chamber and transferred the 

solution to an imaging chamber. As in the nanocellulose experiment, I note that the transfer 

largely maintains the integrity of the mesophase. Figure 4.7 b) shows an example of a 

region where the mesophase remains featureless even after transfer to an imaging chamber 

while Figure 4.7 c) shows regions where the mesophase differentiates into a network of 

spherical, GUV-like structures.  

The mesophase was then sheared by aspirating 6 times with a pipette with its tip 

cut off. After 6 rounds of aspiration, the mesophase is fragmented to produce GUVs, 

aggregates and other tubular structures as shown in Figure 4.7 d). Since the structures were 

densely packed, I diluted and sedimented an aliquot of the sample which can be seen in 

Figure 4.7 e). The sedimented samples were imaged and the yield of the GUVs were 

calculated to be 7%. The histogram of GUV diameters obtained from this sample was 

compared to the GUVs obtained from 18 nmol/cm2 of DOPG assembled on nanocellulose 

since it has a comparable yield of 5.3 ± 1.1%. Figure 4.7 f) shows this comparison. I 

conclude that the mesophase is sheared and fragmented during the harvesting process and 

contributes to the formation of GUVs and this pathway of GUV formation was labeled 

shear-induced fragmentation (SIF).  

4.3.4. The effect of salt on Lα mesophase and GUV yields 

 

The Lα mesophase formed only for lipids with a net headgroup charge. To determine the 

importance of electrostatic charges in the formation of the mesophase, I hydrated the lipid 

in 1x phosphate buffered saline (PBS) for 1 hour and over 3 days. Figure 4.8 shows 

confocal z-stack images of the surface of tracing paper templated with 177 nmol/cm2 of 

DOPG in PBS after 1 hour and 72 hours. After 1 hour of hydration, the surface contains a 

number of spherical and cylindrical structures that appear thick-walled and bright, 

indicative of multilamellar structures. The middle panel shows that there was no mesophase 
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present. After incubation in 100 mM sucrose solution for 72 hours, the thick-walled 

structures on the surface of the paper are no longer present. Instead, the lipid appeared to 

extend in tightly packed, multilamellar onion-like fingers up to ~125 μm above the surface 

of the paper. The numerous lamellae in these multilamellar structures can be seen in the 

top panel in b) which shows a slice in the x-y plane at a point 100 μm above the surface of 

the paper. I also note that the long incubation time did not result in the formation of the 

featureless mesophase.  The molar yield of GUVs from this sample was 4% unchanged 

from the yield obtained from samples incubated for 1 hr.   

 

Figure 4.8: 3D confocal images of 177 nmol/cm2 DOPG on nanocellulose paper that is 

hydrated in PBS at short and long hydration times. The paper (colored in gray) was imaged 

using reflectance contrast. The lipids (colored in green) were imaged using fluorescence 

contrast. Bulk water which is non-fluorescent and transparent to the laser appears black.  

The paper surface to be in the x-y plane. The surface of the glass is defined to be at z=0. 

Thus, the lipid covered regions which are on the surface of the glass, are on the positive z-
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axis. The upper panels are x-y slices at z=100 μm and the lower panels are x-y slices at z= 

8 μm. a) After 1 hour of hydration there is no Lα smectic mesophase in the bulk solution. 

The surface is covered with bright spherical and cylindrical structures with thick walls 

indicative of multilamellar objects. b)  After 3 days, the bright objects are no longer present 

on the surface. Instead, the lipid forms tightly packed onion-like fingers that extend from 

the surface of the paper. The fingers have diameters up to 150 μm and appear to consist of 

many hundreds of lamellar bilayers. 

 The Debye screening length is a parameter that determines the range of 

electrostatic interactions6 and is a function of the concentration of ions present in the 

solution. The Debye screening length of 1xPBS is 0.8 nm while that in ultrapure water is 

960 nm. Therefore, we would expect the charges of the headgroups of adjacent bilayers to 

be screened in PBS since the Debye screening length  is smaller  than the lamellar repeat 

spacing of 1.25 nm (dw at 0.2 M of NaCl was measured to be 4.64 nm while the bilayer 

thickness of DOPG was measured to b 3.39 nm, resulting in a interlamellar spacing of 1.25 

nm)7. This screening is likely the reason why we do not see the mesophase form in 1 x 

PBS. The adhesion between the bilayers is expected to be much larger at lower Debye 

lengths, which likely obstructs the formation of the expanded mesophase. This suggests 

that even after long incubation times, producing high yields of GUVS in physiological 

conditions is problematic. In Chapter 6, I discuss alternative methods to assembling GUVs 

in high salt solutions.  

4.3.5. Extended hydration time did not increase GUV yields 

 

I test the effect if any of hydration time on the mesophase and the yields of GUVs produced. 

Long equilibration times are also consistent with procedures used to obtain GUVs through 

gentle hydration on glass surfaces8–10. The results show variations in behavior across the 

different charged lipids.   

Figure 4.9 shows the surface of nanocellulose with 177 nmol/cm2 of DOPG after 

hydration for 14 and 72 hours. I note that pockets of GUV-like clusters form within the 

mesophase at 14 hours hrs. These clusters look remarkably similar to the mesophase after 

it is removed from the surface of the paper and transferred to an imaging chamber in Figure 

4.7 c). The GUV-like clusters increase in number and size with increasing hydration time 

to 72 hours. However, ever after 72 hours, I note that over 50% of the mesophase remains 

featureless at the optical limit as show in Figure 4.9 c).   

Figure 4.10 shows the surface of nanocellulose with 174 nmol/ cm2 of DOPS after 

hydration times between 1 hour and 72 hours. I noted earlier in the section that the height 

of the mesophase for DOPS after 1 hour of hydration is lower than that for DOPG and that 

the mesophase was not clearly separated from the buds that form on the surface. Here, the 

figures show that over time, the mesophase appears to expand over the first 14 hours to a 

height of approximately 250 μm. The images also show that the upper regions of the 

mesophase as well as pockets of it closer to the substrate form GUV-like structures. After 

24 hours, there is a significant ‘thinning’ of the mesophase as large empty pockets of it 
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appear to form that appear to be partially filled with vesicular structures (Figure 4.10 e), 

middle and upper panels).   

Figure 4.11 shows the surface of nanocellulose with 202 nmol/ cm2 of DOTAP 

after hydration times between 1 hour and 72 hours. DOTAP appears to behave slightly 

differently from DOPG and DOPS. At 14 hours, a portion of the mesophase composed 

primarily of the tightly packed onion-like structures appears to detach and float to the top 

of the chamber, leaving behind a small amount of unstructured mesophase on the surface 

of the paper. After this initial evolution, the structures remain visually unchanged for the 

duration of the 72-hour incubation. 

 

Figure 4.9: 3D confocal images of 177 nmol/cm2 DOPG on nanocellulose paper that is 

hydrated in 100 mM sucrose solution over long hydration periods. The paper (colored in 

gray) was imaged using reflectance contrast. The lipids (colored in green) was imaged 

using fluorescence contrast. Bulk water which is non-fluorescent and transparent to the 

laser appears black.  The paper surface to be in the x-y plane. The surface of the glass is 

defined to be at z=0. Thus, the lipid covered regions which are on the surface of the glass, 

are on the positive z-axis. The upper panels are x-y slices at z=260 μm. Images were taken 
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after  a) 14 hours of hydration and b)-c) 72 hours of hydration. The white arrows show 

pockets of spherical GUV-like structures that appear in the mesophase after prolonged 

periods of hydration in a) and grow in size with increased hydration times as shown in b). 

Despite 72 hours of hydration, large portions of the mesophase remains featureless up to 

the optical resolution as shown in c).  

 

 

Figure 4.10: 3D confocal images of 174 nmol/cm2 DOPS on nanocellulose paper that is 

hydrated 100 mM sucrose for 72 hours. The paper (colored in gray) was imaged using 

reflectance contrast. The lipids (colored in green) was imaged using fluorescence contrast. 

Bulk water which is non-fluorescent and transparent to the laser appears black.  The paper 

surface to be in the x-y plane. The surface of the glass is defined to be at z=0. Thus, the 

lipid covered regions which are on the surface of the glass, are on the positive z-axis. The 

upper panels are x-y slices at z=180 μm and the lower panels are x-y slices at z= 5 μm. 

Timepoints shown are a) 1 hour b) 14 hours, c) 24 hours, d) 48 hours, e) 72 hours.   
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Figure 4.11: 3D confocal images of 202 nmol/cm2 DOTAP on nanocellulose paper that is 

hydrated 100 mM sucrose for 72 hours. The paper (colored in gray) was imaged using 

reflectance contrast. The lipids (colored in green) was imaged using fluorescence 

contrast. Bulk water which is non-fluorescent and transparent to the laser appears black.  

The paper surface to be in the x-y plane. The surface of the glass is defined to be at z=0. 

Thus, the lipid covered regions which are on the surface of the glass, are on the positive 

z-axis. The upper panels are x-y slices at z=350 μm and the lower panels are x-y slices at 

z= 5 μm. Timepoints shown are a) 1 hour b) 14 hours, c) 24 hours, d) 48 hours, e) 72 

hours 
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Figure 4.12: 3D confocal images of 180 nmol/cm2 DOPC on nanocellulose paper that is 

hydrated 100 mM sucrose for 72 hours. The paper (colored in gray) was imaged using 

reflectance contrast. The lipids (colored in green) was imaged using fluorescence contrast. 

Bulk water which is non-fluorescent and transparent to the laser appears black.  The paper 

surface to be in the x-y plane. The surface of the glass is defined to be at z=0. Thus, the 

lipid covered regions which are on the surface of the glass, are on the positive z-axis. The 

upper panels are x-y slices at z=73 μm and the lower panels are x-y slices at z= 10 μm. 

Timepoints shown are a) 1 hour b) 14 hours, c) 24 hours, d) 48 hours, e) 72 hours 
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Figure 4.13: Bar plots comparing molar yield of GUVs obtained from different lipid 

types after 1 versus 72 hours of hydration. 

Figure 4.12 shows the surface of nanocellulose with 180 nmol/ cm2 of DOPC for 

a range of hydration times between 1 hour and 72 hours. After 1 hour, I noted earlier that 

the surface contains mostly thick walled, blistered structures that are indicative of 

multilamellar structures. Furthermore, the lipids did not expand noticeably above the paper 

surface as can be seen in the middle panel of Figure 4.12 a). After 14 hours of hydration, 

the surface consists of a number of buds that resemble GUVs aside from multilamellar 

structures. This is consistent for all time points between 14 and 72 hours. A comparison of 

the middle panel which show slice in the transverse x-z direction across all time points 

shows that the lipid layer appears to extend beyond the surface of the paper, increasing in 

the height with increasing time. After 72 hours of hydration, the lipids appear to extend to 

a height of 200 μm above the surface of the paper. However, unlike in the case of charged 

lipids, the lipids do not appear to form the featureless mesophase. Instead, over time, 

multilamellar and tubular structures along with single walled buds appear to extend above 

the surface of the paper. The upper panels show that the multilamellar structures appear to 

consist of fewer lamellae and are less densely packed than the onion-like structures that 

were characteristic in the upper portions of the mesophase of charged lipids. This shows 

that although over time, high concentrations of DOPC expand beyond the surface of the 

paper, the underlying behavior is different from that of charged lipids.  

In all the cases, I harvested the mesophase using the usual procedure of aspirating 

6 times with a pipette with its tip cut off. The yields are shown in Figure 4.13. The yield 
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of GUVs increases significantly for DOPC, from 2.7% to 21%. The yield of DOPG after 

72 hours of incubation was 13 %. This yield is 7 % lower than the yield obtained by 

harvesting after 1 hour of incubation. The yield of DOPS was similarly lower after 72 hours 

of incubation at 7.5% from 17.3% after 1 hour of incubation. For DOTAP, the yields 

increased from 6.3% to 16.2%.  

The difference in trends indicates that the process has more complexity than is 

apparent. For zwitterionic lipid DOPC, the images show an expansion of the lipid phase 

over time, and an increase in the number of GUV-like buds on the surface. The increase in 

yields suggest that an increase in hydration times allowed more of the zwitterionic lipid to 

hydrate and form single walled, GUV-like buds. Similarly, for DOTAP, it is unclear what 

the effect of the detached mesophase is, but a possible hypothesis is that it allows the 

remaining mesophase on the surface to fragment more easily. The two negatively charged 

lipids DOPG and DOTAP both see a drop in yields. They are also the two lipids that clearly 

show the evolution of the mesophase into GUV-like structures. However, the decrease in 

yields for these indicates that the evolution of the mesophase after 72 hours was not 

sufficient to improve yields. Over longer hydration periods, other factors such as 

oxidation11 or hydrolysis12 of the lipids due to prolonged incubation could also play a role 

in lowering yields. While losses are likely to have occurred for all lipids, DOPC and 

DOTAP show improvements due to longer hydration time, thus showing a net increase in 

molar yields whereas DOPG and DOPS may have achieved an optimum yield due to the 

SIF at shorter time scales and show reduced yields due to losses at longer incubation times.  

I conclude that longer incubation times are not practical to achieve optimal yields however, 

it highlights an interesting aspect of the mechanism of GUV formation in charged lipids. It 

appears that over time, the mesophase of charged naturally evolves into a network of 

GUVs. It is likely that the role of shear after 1 hour of incubation hastens this evolution, 

producing GUVs.  

4.3.6. Shear induced fragmentation as a mechanism of GUV formation  

 

These results demonstrate that despite recreating similar assembly conditions, the 

mechanism of GUV formation is complex and is affected significantly by the lipid 

headgroup. In section 2.3.3, I showed that the number of bilayers templating the fibers is 

crucial in determining whether or not they are able to bud.  Equation (8) shows the 

maximum number of bilayers that can be stacked on a fiber beyond which additional 

bilayers will not bud. This results in low yields for DOPC with increasing surface 

concentration of lipid.  

Unlike for DOPC (Figure 4.2 b lower panel), we see the surface of paper coated 

with DOPG has a number of buds even at high lipid concentrations (Figure 4.1 c)-d) lower 

panels). The key difference between the two lipids is the formation of the mesophase for 

DOPG at concentrations greater than > 18 nmol/cm2 driven by repulsion from long range 

electrostatic interactions. We propose that the formation of the mesophase regulates the 
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amount of lipid that coats the fibers, thus removing 'excess' lipid that would otherwise 

hinder bud formation on the surface. This is also supported by measurements and 

calculations of the volume of the mesophase which increases linearly with surface 

concentration (Figure 4.3). After a certain critical concentration (~ >18 nmol/cm2), any 

additional lipid is incorporated into the mesophase rather than coating the fibers. Ions in 

salt solutions such as PBS screen the repulsion, resulting in significantly reduced swelling 

which prevents the formation of the L-α mesophase. Therefore, all the lipids remain on the 

fiber, exceeding the maximum number of bilayers that can spontaneously bud. This along 

with the fact that adhesion also hinders budding and merging, results in low yields when 

assembled in salt.  

I imaged the surface of the substrate templated with 5 mol% DOPG and 95 mol% 

DOPC at a nominal surface concentration of 179 nmol/cm2 to determine whether the Lα 

mesophase forms for lipid mixtures composed of zwitterionic and charged lipid. Figure 

4.14 a) shows slices of the confocal z-stacks taken after 1 hour of hydration in 100 mM of 

sucrose solution. It appears that the electrostatic repulsion from 5 mol% of DOPG in the 

mixture is sufficient to form the Lα mesophase which appears mostly featureless up to the 

optical resolution and has tightly packed onion-like structures in the upper regions. Close 

to the surface of the substrate, I note the presence of buds, similar to what was seen for 

pure DOPG (Figure 4.14). The presence of the mesophase indicates that the increase in 

yields at higher concentrations likely occur as a result of fragmentation of the mesophase. 

Panel b) compares the histograms of GUVs obtained from mixtures with 5 mol% DOPG 

at a surface concentration of 18 nmol/cm2 (red) when we do not expect to see a mesophase 

form based on data from pure DOPG, and the 36 nmoles/cm2 (green), the optimal surface 

concentration and one at which the extended mesophase can form. I note an increase in the 

number of vesicles in all diameter bins with the largest increase being for the smaller bins, 

between 1 – 8 μm. A similar plot for 25 mol% DOPG shows that the increase in 

concentration from 18 nmol/cm2 (red) to 90 nmoles/cm2 (green) in Figure 4.14 c) is driven 

mainly by an increase in the number of vesicles in bins between 1 – 5 μm. Since shear-

induced fragmentation of the mesophase primarily produces vesicles below 10 μm (and no 

vesicles above 50 μm), the yield recovery of lipid mixtures is mainly as a result of more 

small vesicles with diameters below 10 μm. This can be seen clearly for the mixture with 

25 mol% DOPG, for which bins above 15 μm have very minimal increases in counts at 

higher concentrations. For mixtures with 5 mol% DOPG, even though the increase in the 

number of small vesicles is more drastic, all bins have an increased number of counts. One 

possible reason for this could be that the formation of the mesophase optimizes the 

configuration of bilayers on the surface, allowing more fibers to be coated with the highest 

number of bilayers that can bud spontaneously. This would allow a larger number of buds 

to form and merge on the surface at a concentration of 35 nmols/cm2, which could result 

in an increase in the number of vesicles over 50 μm.  

 



88 

 

 

 

 

 

Figure 4.14: Slices of 3D confocal images of lipid mixtures composed of 95 mol% 

zwitterionic lipid DOPC and 5 mol% of charged lipid DOPG on the surface of 

nanocellulose paper. The nominal surface concentration of lipid on the paper is 180 

nmol/cm2. The paper, (colored in gray) was imaged using reflectance contrast.  The lipids 

(colored in green) were imaged using fluorescence contrast. Bulk water which is non-

fluorescent and transparent to the laser appears black.  The paper surface is in the x-y plane. 

The distance in the z-direction is normalized so that the surface of the paper is at z=0. Thus, 

the lipid covered regions which are on the surface of the paper, are on the positive z-axis. 

The upper panel is an x-y slice at z = 150 μm and the lower panel is an x-y slice at z = 20 

μm.  
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Figure 4.15: Schematic of the mechanism for shear-induced fragmentation. a),b) represent 

the low electrostatic repulsion case, which can result either when using zwitterionic lipid 

or charged lipids in salt solutions. Each panel depicts the configuration of lipids as seen in 

the confocal z-stacks. The boxes above each panel show the cross section of a fiber with 

bilayers templated onto it c),d) represent the high electrostatic repulsion case, which occurs 

when using charged lipids in low salt solutions. a) and c) represent lipid concentrations at 

which most of the fibers have n bilayers ≤ highest bilayer number that can bud 

spontaneously, n*. When n<n*, in the presence of both low and high electrostatic repulsion, 

the pathway to GUV assembly occurs via budding and merging on the surface of the 

substrate. When n>n* and the electrostatic repulsion is low as in b), budding cannot occur 

spontaneously since the budding of the outermost bilayer is endergonic. The harvested 

solution is composed mainly of aggregates and MLVs. When n >n* in the presence of 

electrostatic repulsion as shown in d), the excess lipid lifts off the surface of the substrate 

and forms a mesophase. Although the initial configuration of bilayers on the fiber is not 
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favorable for budding, the incorporation of excess lipid into the mesophase reduces the 

number of bilayers below n*, allowing the lipid on the substrate to assemble into buds that 

form GUVs upon harvesting. A second pathway also contributes to GUV formation. The 

mesophase can be fragmented using shear to form GUVs. b) represents lipid concentrations 

at which most sites have n bilayers ≥ n*.  c) represents lipid concentrations at which most 

sites have n ≤  n* and can therefore bud spontaneously. d) represents lipid concentrations 

at which most sites have n > n*. The excess bilayers form the mesophase composed of 

featureless film up to optical resolution and densely packed multilamellar structures in the 

upper regions.  

Figure 4.15 shows a schematic of the different conditions that affect the pathways 

available for GUV assembly. Figure 4.15 a) and b) illustrate the conditions of low 

electrostatic repulsion, which occurs either during the assembly of zwitterionic lipids 

which have low no net charge or for charged lipids in high salt solutions when the ions 

screen the electrostatic repulsion. Figure 4.15 c) and d) illustrate the conditions of high 

electrostatic repulsion which occurs during the assembly of charged lipids in low salt 

solutions. Panels a)  and c) show the scenario in which most of the fibers have the number 

of bilayers n below the critical value n* which as shown in Equation (8) is the value of the 

largest bilayer number that can bud spontaneously. By this definition, when n ≤ n*, the 

energy of budding E is ≤ 0, indicating that the process either requires no energy or is 

exergonic.  We note that when n < n*, the pathway to GUV assembly is via budding and 

merging on the surface of the substrate for both the low and high electrostatic repulsion 

cases. When most of the sites have bilayers n > n*, the energy of budding of the outermost 

bilayer ΔE is positive, requiring energy input for buds to assemble on the surface. Figure 

4.15 b) shows this scenario when there is low electrostatic repulsion. In this scenario, the 

surface has numerous aggregates and multilamellar structures as shown experimentally in 

Figure 4.2. Figure 4.15 d) shows the situation when most sites have n bilayers > n* in the 

presence of high electrostatic repulsion. In this scenario, the electrostatic repulsion causes 

the excess lipid to lift off the surface and form the mesophase. The number of bilayers left 

behind on the fibers after this occurs n is now less than n* and therefore, the bilayers on 

the fibers can bud. Aside from this the budding and merging pathway, the application of 

shear to the mesophase that forms from ‘excess’ lipid fragments and produces GUVs, 

allowing a second bulk pathway to GUV assembly.  

4.4. Conclusions 

 

In this section, I focused on the mechanism underpinning the evolution of yields of charged 

lipids and lipid mixtures. I introduced a previously undetermined method of GUV 

formation that charged lipids can undergo that was term shear induced fragmentation (SIF). 

Using high resolution 3-D confocal imaging, I found that aside from a layer of buds on the 

surface, at high surface concentrations, charged lipids also had an expanded lamellar lipid 

layer extending to over 250 μm over the surface of the paper. This this layer can be 

fragmented using shear forces to produce GUVs. Furthermore, the use of charged lipids in 

literature appears contradictory – in certain cases, charged lipids appear to increase yields 
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while in other cases, they appear to lower them. Uncovering shear-induced fragmentation 

as a method of vesicle formation is a significant step in reconciling these contradictions 

since I show that other factors such as surface concentrations and shear input play a key 

role in the yields of charged GUVs.  
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Chapter 5: Budding and merging with barriers to merging  

 

5.1. Introduction  

 

In Chapter 2, I showed that the molar yield of GUVs falls with increasing mole fraction of 

charged lipid for a given surface concentration. In Chapter 3, I described shear-induced 

fragmentation as an alternate pathway for GUV formation. However, in at low surface 

concentrations of 18 nmol/cm2, the Lα mesophase does not form, in the absence of which, 

GUV assembly occurs only through the budding and merging model. With increasing 

surface charge of the lipid mixture, the BNM model suggests that the adhesion energy is 

likely to be very low (ref), making budding more favorable. Yet Figure 2.8 shows that the 

molar yield decreases with increasing surface charge. Here, I show that the results can be 

explained by introducing barriers to merging in the BNM model. Although charged lipid 

mixtures may produce more nanobuds, the nanobuds are expected to repel each other, reducing 

instances of merging, and thus reducing the yield. I have shown that it is possible to recover the 

yield in these cases by increasing the surface concentration of lipids, which could result in more 

nanobuds crowded on a fixed substrate area, thus increasing the possibility of merging. 

5.2. Budding and merging model with barriers explains the results 

 

The budding and merging model describes assembly of GUVs via the formation of 

nanobuds from bilayers templated on the surface of a substrate followed by merging of 

nanobuds to form vesicles over 1 µm in diameter. The molar yield increases due to 

nanobud-nanobud merging and due to nanobud-microbud merging. While microbud-

microbud merging affects the size of the GUVs, it does not affect yields. The molar yield 

does not consider the distribution of lipid between different GUV buds, so we consider the 

total moles of lipids in the population of nanobuds,  𝑀𝑁𝐵 = 𝑁𝑁𝐵𝑚𝑁𝐵 on a fixed substrate 

of area. The number of buds on the surface is 𝑁𝑁𝐵 and the moles of lipids in each bud is 

𝑚𝑁𝐵. If we assume all buds are the same size, then 𝑚𝑁𝐵 is a constant. 

We assume that molar yield of GUVs, 𝑀𝐺𝑉 is dependent on the fraction of nanobuds 

that merge, 𝜙𝑚𝑒𝑟𝑔𝑒 

𝑀𝐺𝑉 = 𝜙𝑚𝑒𝑟𝑔𝑒𝑀𝑁𝐵 (22) 

In this equation when 𝜙𝑚𝑒𝑟𝑔𝑒 is 1, all the buds merge to form GUVs. When  

𝜙𝑚𝑒𝑟𝑔𝑒 = 0, none of the buds merge and the yield of GUVs is zero.  We also assumed that 

the probability of merging depends on energy barriers to merging. In lipid mixtures with 

larger fractions of charged lipid, barriers to merging can arise due to increased electrostatic 

repulsion between the buds. The potential field around a spherical bud depends on the size 

of the bud and the magnitude of the repulsion energy depends on the distance between the 
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buds. Since the nanobuds are small, and the ionic strength is low, we expect that the Debye 

length to be much larger than the size of the buds.  

Next, we assumed that the number of nanobuds that formwas fixed across all the 

lipid mixture and that the probability of merging depended exponentially on the surface 

potential of the membrane relative to some reference potential.   

𝑀𝐺𝑉 = 𝑀𝑁𝐵 exp(−
𝜓𝑚𝑒𝑚
𝜓𝑟𝑒𝑓

) (23) 

 𝜓𝑚𝑒𝑚is the potential of the membrane, and 𝜓𝑟𝑒𝑓 is a reference potential that scales the 

potential. I calculate 𝜓𝑚𝑒𝑚from the Grahame equation shown below which describes the 

relationship between the surface charge and surface potential:   

𝜓0 =
2𝑘𝑇

𝑒
sinh−1 (

𝜎𝑒𝑓𝑓

√8𝜀0𝜀𝑘𝑇𝑁𝑎𝐶𝑖𝑜𝑛𝑠
) (24) 

In this equation, 𝜓0 is the potential, 𝜀0 is the permittivity of vacuum, 𝜀 is the dielectric 

constant of water, 𝑘 is the Boltzmann constant, 𝑇 is the temperature, 𝑁𝑎 is Avogadro’s 

number, 𝐶𝑖𝑜𝑛𝑠 is the concentration of ions in the bulk solution and 𝑒 is the elementary 

charge.  Increasing surface charge density, 𝜎𝑒𝑓𝑓 results in increasing surface potential. Wed 

calculate the surface charge density using  

𝜎𝑒𝑓𝑓 =∑
𝜒𝑖𝑓𝑖𝑧𝑖𝑒

𝐴ℎ𝑔,𝑖

𝑁

𝑖=1

 (25) 

 

In this equation 𝜒𝑖 is the mol fraction of lipid 𝑖, 𝑓𝑖is the degree of ionization of lipid 𝑖,  𝑧𝑖 

is the net charge of the headgroup of lipid 𝑖,  𝑒 = 1.602 × 10−19 C is the elementary 

charge, and 𝐴ℎ𝑔,𝑖is the headgroup area of lipid 𝑖 and N is the number of lipid types present 

in the system. For a two-component membrane with one component being zwitterionic, 

with zero net charge the equation simplifies to: 

 

𝜎𝑒𝑓𝑓 =
𝑓𝑐𝑧𝑐𝑒

𝐴ℎ𝑔,𝑐
𝜒𝑐 (26) 

 

For highly charged membranes in low salt solutions, measurements have shown that only 

1-2 % or the lipids are dissociated1. We choose 𝑓𝑖 = 0.01. The pH of our solution is 5.5. 

This is the expected pH of an unbuffered solution at equilibrium with atmospheric carbon 

dioxide. Thus 𝐶𝑖𝑜𝑛𝑠 = 3.162 × 10
−6 𝑀2. 
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Substituting these values into Equation (24)  gives us Equation (27):  

 

𝜓𝑚𝑒𝑚 = 0.05138sinh
−1(9.5868𝜒𝑖) 

(27) 

Substituting Equation (27) into Equation (23) gives:  

 

𝑀𝐺𝑉 = 𝑀𝑁𝐵 exp(
0.05138sinh−1(9.5868𝜒𝑖)

𝜓𝑟𝑒𝑓
) (28) 

We fit this equation to our data for the molar yield of vesicles composed of DOPG 

and DOPS using the non-linear least squares method. The fit is good, with a SSE value of 

0.0005765. Figure 5.1 shows the fit between the experimental data and Equation (28). The 

experimental data has been reproduced from Figure 2.8.  

The model shows that for a fixed surface concentration, increasing the number of 

nanobuds or the moles of nanobuds can increase the total yield of GUVs for a given charge 

fraction. The fitted value of 𝑁𝑁𝐵 is 30, and 𝜓𝑟𝑒𝑓 = 86 mV.   

 

 

Figure 5.1: Data from Figure 2.8 fit to the curve generated by Equation (20). The resulting 

fit has a SSE value of 0.0005765, showing a good fit.  
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5.3. Conclusion 

 

Here, I the use of the Grahame equation to describe the reduction of molar yields as a result 

of increasing membrane charge. We hypothesized that the increased energy cost of merging 

resulted in fewer nanobuds merging to form microbuds, as well as fewer microbuds 

merging to form larger buds. The exponential probability distribution combined with the 

Grahame equation is in good agreement with the experimental data. Future work in this 

area can include using MATLAB to simulate a barrier to merging, depending on the charge 

of the membrane. This can enable us to predict trends in yields and distributions as a result 

of varying mole fractions of charged lipids.  
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Chapter 6: Model and simulations of GUV assembly in salty solutions 

 

6.1. Introduction 

 

Ions such as potassium, sodium, chloride and phosphate play crucial roles in cellular 

processes such as cell signaling1,2, metabolism3,4, cell proliferation5,6 and apoptosis7. The 

plasma membrane of cells has multiple mechanisms to regulate the concentrations of each 

of these ions within a cell through various types of ion channels and pumps8,9. Forming 

GUVs in high ionic conditions is therefore a prerequisite to studying many of these cellular 

processes. Furthermore, in studies involving protein interactions with GUVs, many 

proteins require specific concentrations of certain ions to fold into their three dimensional 

structure10,11. For synthesis of GUVs for drug delivery related applications, 1×PBS, a 

solution of approximately 140 mM of a mixture of ions is used as a replacement to mimic 

the physiological conditions of blood or plasma12. However, the ability to assemble GUVs 

in solutions of high ion concentrations has been a long standing problem13,14 although 

methods have been proposed to attempt to improve yields. The methods include 

incorporation of charged lipid in the membrane15, using agarose dried on glass as an 

alternative substrate16 and increasing the voltage in the case of electroformation in order to 

improve yields17. While the solutions provide some improvements, there are drawbacks to 

many of them, ranging from the presence of polymer in the GUV membranes in the case 

of agarose assisted hydration18 to the use of negatively charged inhibitive for GUV 

growth19. Furthermore, we find that while these solutions may improve yields compared to 

other experiments in high ionic conditions, they do not improve yields enough to match 

yields in low salt20. 

Here, I reproduce the results previously collected by J. Pazzi on the effect of salts 

on the formation of GUVs that are useful to obtain a holistic picture of the impact of ions 

on the mechanism of GUVs assembly. The experimental results show that the molar yield 

of zwitterionic lipid decreases with increasing salt for GUVs assembled on both glass and 

tracing paper. The results20 have been adapted to show the salient points in Figure 6.1. The 

scanning electron microscope images a) and b) show a difference between the flat surface 

of borosilicate glass and the tangled network of fibers that form nanocellulose. The 

evolution of molar yield with an increase in salt concentration is shown in Figure 6.1 c). 

The lowest ion concentration is 0.0032 mM which has no added salt but carbon dioxide 

dissolved in the water which produces partially dissociated carbonic acid, resulting in a pH 

of 5.521. At this lowest ion concentration, the molar yield on glass (red curve) is 

approximately half the molar yield on tracing paper. With increasing salt concentration, 

the yields on tracing paper drop sharply when the salt concentration is increased beyond 

0.14 mM. The yields on glass drop gradually with increasing salt concentration up to 1.4 

mM salt beyond which yields on both glass and tracing paper are very similar and evolve 

in tandem. The counts per microgram of lipid of GUVs assembled on glass and tracing 

paper at various surface concentrations are shown in d) and e). The counts of the small 

vesicles on glass are largely flat at a value of approximately 8 × 105 until 1.4 mM salt 
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beyond which they fall, with the lowest value of 3.8 × 104 at 1400 mM salt. Vesicles 

between 10 and 50 μm fall after 0.65 mM. Large vesicles are only produced at the 

concentration with no additional salt, 0.0032 mM. The counts on tracing paper are higher 

than on glass for all size classes until 1.4 mM salt, beyond which the counts of GUVs from 

both substrates are very similar.  

 

Figure 6.1:  Experimental results of molar yields and counts of zwitterionic lipid DOPC at 

assembled in varying concentrations of salt Scanning electron microscopy images of a) flat 

surface of borosilicate glass and b) surface of nanocellulose paper composed of a network 

of tangled nanofibers. c) Molar yield of GUVs assembled on glass and nanopaper in 

varying salt concentrations. Blue curve shows the evolution of molar yield on tracing paper 

and the red paper shows the molar yield on glass. The counts per microgram of lipid of 

GUVs assembled on c) glass and d) nanocellulose. The counts are divided into 3 size 

classes with diameters, d between 1 ≤ d < 10 μm, 10 ≤ d < 50 μm, d ≥ 50 μm. Scale bars 

are 2 µm. Figures were constructed from experimental data obtained J Pazzi from the 

Subramaniam Lab20.  

 In this chapter, I use a set-up similar to the one in Chapter 3 to simulate the impact 

of ions on the yield and distributions of GUVs using the budding and merging model as a 

framework. I describe the important simulation parameters that were varied in section 6.2, 

and I describe the results from the simulations in section 6.3. 

 

6.2. Simulation set up 

 

The number of sites was set to 1000, and the average number of bilayers distributed on the 

fibers was 5 bilayers. Other than the adhesion energy, the values of all other parameters 

were kept constant at the values displayed in  

Table 3.1. At higher salt concentrations, the increased screening of the charges on 

the counterions leads is expected to reduce the bilayer separation16,17,22, leading to higher 

adhesion between the bilayers. We mimicked the effect of increasing salt concentration by 
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increasing the adhesion energy, 𝜉 to scale with the Debye screening length. The Debye 

screening length23 is expressed as 𝜅𝐷
−1in the following equation:  

𝜅𝐷
−1 = √

𝜀𝑟𝜀0𝑘𝐵𝑇

2𝑁𝐴𝑒
2[𝐶]

 (29) 

Here 𝜀0 is the permittivity of free space,  𝜀𝑟 is the dielectric constant, 𝑘𝐵 is the Boltzmann 

constant, 𝑇 is the absolute temperature, 𝑁𝐴 is Avogadro’s number, 𝑒 is the elementary 

charge, and [𝐶] is the ionic strength of the solution. The Debye screening length determines 

the distances over which the electrostatic effects of charges extend.  All else being equal, 

for a fixed distance, a smaller Debye screening length is expected to increase the magnitude 

of the attractive van der Waals potential by screening the repulsive electrostatic potential.  

The adhesion energy was varied with salt concentration using the following 

relationship:  

([𝐶]) =
𝜉0

√[𝐶]0
√[𝐶] (30) 

Here,  [𝐶]0 = 0.0578 mM, sets a cutoff distance to 10 bilayer thicknesses in ultrapure 

water. We use 𝜉0 = −6 × 10
−6  Jm-2 24. The negative sign denotes an attractive interaction.  

 

6.3. Yield comparison between flat and curved surfaces 

 

For comparison of yields on flat surfaces and curved fibers, I used the highest yielding 

surface concentration point to scale the model to the experiments. I divided the total area 

of the giant vesicles from the experimental data with the area of the average nanobud 

obtained from the model (0.34 μm2 for the cylindrical surface) to obtain the nominal 

number of nanobuds. The simulations of the cylindrical surface predict 55 % higher 

nanobud counts than those observed in experiments which we attribute to the fact that in 

experiments, the nanocellulose paper is porous and is composed of multiple layers of 

nanocellulose fibers, while our simulation is of a monolayer of cylinders. Therefore, I 

expected a portion of the lipids to penetrate the paper resulting in lipid losses hence 

resulting in a lower nanobud count per mol of lipid deposited for the experimental system. 

I used a factor of 1.55 to scale the simulations of the cylindrical surface with experiments.  
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6.4. Results of simulations of varying salt concentration 

 

The adhesion energy was varied between 6 × 10-6 Jm-2 to 9.34 × 10-4 Jm-2 to correspond to 

ion concentrations between 0.0032 mM to 1400 mM respectively. The adhesion energy for 

each concentration is shown in  

Table 6.1. 

 

Ion concentration (mM) Adhesion energy ξ (Jm-2) 

0 6.00 × 10-6 

0.14 9.34 × 10-6 

0.4 1.58 × 10-5 

0.65 2.01 × 10-5 

1.4 2.95 × 10-5 

.14 9.34 × 10-5 

140 2.95 × 10-4 

1400 9.34 × 10-4 

 

Table 6.1: Adhesion energy values for different salt concentrations calculated using 

Equation (30). 

 

6.4.1. Effects of fiber geometry and salt concentration on the budding energy of each 

bilayer 

 

The effect of varying salt concentration on the energy of budding of bilayers 2 – 11 in 

Figure 6.2. As described in section 3.3, the first bilayer is expected to adhere strongly to 

the substrate and is therefore not shown. The energy of budding for each bilayer is 

calculated using Equation (7). The energy of budding becomes progressively more positive 

with increasing bilayer number. The lower bilayer numbers have negative energies of 

budding which are shown in blue. Bilayers with positive energies of budding are shown in 

red. The figure also shows how the energy of budding changes depending on the fiber 

dimensions.  

Across all fiber geometries, fewer bilayers have a negative budding energy with 

increasing salt concentration. When the bilayer number increases, the adhesion energy 

increases while the curvature of the fiber decreases (since the radius of the bilayers 

increase) both of which cause the process of budding to become less favorable. At high salt 

concentrations, the energy levels also appear to be more spread out. The total adhesion 

energy of a bilayer depends on the area of a bilayer – the larger the area, the larger the 

energy that will be required to overcome its adhesion to the bilayer below. Thus, at higher 
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salt concentrations when the adhesion energy is higher, the increase in area for each bilayer 

has a larger impact on the total adhesion energy (and the total budding energy) for each 

bilayer. In a), the effect of using 3 different radii of 10 nm, 20 nm or 30 nm is shown. All 

3 fibers have lengths of 2000 nm.  As noted in section 3.3, fibers of higher radii have a 

lower curvature. With increasing radius, all the energy levels are shifted to more positive 

values. With a radius of 10 nm, at least 1 bilayer can bud spontaneously up to and including 

14 mM salt. For 20 nm fibers, none of the bilayers bud spontaneously in salt concentrations 

above 0.65 mM and for 30 nm fibers, beyond 0.14 mM.  

 

Figure 6.2: Energy diagrams showing how fiber dimensions affect the energy of budding. 

a) Energy levels for bilayers 2 – 11 on fibers of length 2000 nm and a radius of 10 nm, 20 

nm or 30 nm as shown in the inset. The adhesion energy increases with increasing salt 

concentration. All other variables were held constant. Inset shows a zoomed-in view of the 

first 6 salt concentrations. The energy becomes more positive with increasing bilayer 
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number. Blue lines show bilayers with zero or a negative energy of budding while red 

shows bilayers with a positive energy of budding. b) Energy levels for bilayers 2 – 11 on 

fibers of radius 20 nm and lengths of 500 nm, 1000nm or 2000 nm.   

 In Figure 6.2 b) all fibers have a radius of 20 nm and the effect of 3 different fiber 

lengths are shown, 500 nm, 1000 nm, and 2000 nm. Longer fibers have more bilayers that 

can bud spontaneously for the lower salt concentrations since they have a larger aspect 

ratio. This results in the first term of Equation (7) being more negative and thus helps 

overcome the reduction in favorability due to increasing adhesion energy. Fibers with 

lengths of 500 nm have an aspect ratio that is too low to have any bilayers that bud 

spontaneously across all salt concentrations including 0.0032 mM. 1000 nm fibers have at 

least one bilayer that buds spontaneously until a concentration of 0.65 mM while fibers 

with lengths of 2000 nm have at least 1 bilayer with a negative energy of budding up to a 

concentration of 1.4 mM. At 0.0032 mM and 0.14 mM, longer fibers that have a larger 

aspect ratio have lower budding energies for the lower bilayer numbers. However, at higher 

bilayer numbers, the energy of budding for all fiber lengths are similar. Between 0.4 mM 

and 1.4 mM salt, with increasing fiber length, the lower bilayers have a more negative 

energy of budding while the higher bilayers have a more positive energy of budding. 

Beyond 1.4 mM, the trend seen at lower salt is reversed. All bilayers on all 3 fiber 

dimensions have a positive energy of budding but with increasing fiber length, the 

magnitude of the energy increases, requiring more energy input for bilayers on longer 

fibers to bud. This occurs for similar reasons that were discussed earlier for energy levels 

being further apart at higher salt concentrations. At high salt concentrations, when the 

adhesion between bilayers is significantly higher than in the absence of salt, the increase 

in fiber length results in a larger surface area that requires a higher energy input to 

overcome the adhesion to the bilayers below. This is also the reason that the longer fibers 

have larger energy intervals at all salt concentrations. Thus, to make budding more 

favorable in high salt conditions, designing fibers with a smaller radius rather than longer 

lengths is more useful. 

The energy levels on glass are plotted in Figure 6.3. Since glass is smooth, a 

possible route for buds to form is by first forming a break in the bilayer coating the surface 

which is taken as a disk of radius Rd
25. To simplify the simulation, I assume that all the 

disks are of the same radius and each disk is considered a site. Since all bilayers on a flat 

surface will have the same geometry, they will also have the same energy of budding unlike 

bilayers on cylindrical fibers that have different critical radii, depending on the bilayer 

number. Each energy level in a) is the energy of a bilayer of the disk radius of either 100 

nm, 500 nm or 700 nm. From equation (17), I note that budding on glass is always 

endergonic and requires energy input. Thus, all energies of budding in a) are positive. For 

all disk sizes, an increase in salt concentration results in an increase in energy of budding. 

However, disks of larger radii see a far more significant increase, as with a larger surface 

area, a larger adhesion energy will have to be overcome to enable budding. Using a disk 

radius of 700 nm and 500 nm, the energy of budding increases 27 times and 20 times 
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respectively, from no added salt to 1400 mM salt. Compared to this, when the disk radius 

reduced to 100 nm, the energy of budding only increases 4 times from 0.0032 mM to 1400 

mM salt. b) shows the impulse of energy that is necessary to form buds on glass. The value 

used in this simulation is 20,000 kBT. Bilayers that have an energy of budding that is larger 

than the external energy applied will not bud. In reality a number of factors can influence 

the disk radius. It is more likely that there is a range of radii in experiments. Factors such 

as variation in concentration, the smoothness of the bilayer that is templated likely affect 

the energy required to form breaks in the bilayer and the size of the breaks that can form.  

 

 

Figure 6.3: Variation of budding energy on glass. a) Budding energy for different starting 

disk radii for increasing salt concentrations. 3 different disk radii shown, 100 nm, 500 nm, 

and 700 nm. All bilayers on a flat surface have the same dimensions and therefore the same 

budding energy. Since all instances of budding on glass is endergonic, buds only form due 

to external energy. b) Magnitude and duration of external energy shown on a generalized 

time scale. The simulations use 20,000 kBT of external energy at the beginning as an 

impulse of energy. Any bilayers with a budding energy larger than 20,000 kBT cannot bud. 
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6.4.2. Simulation results of varying salt concentrations  

 

 

Figure 6.4: Results of simulation of GUV assembly on a flat surface and curved fibers at 

varying salt concentrations. Schematic of simulation set up shown for a a) flat surface to 

mimic glass and b) curved fibers to mimic nanocellulose. c) Molar yields of GUVs obtained 

from the simulation. The magenta curve shows simulations on a flat geometry and the blue 

curve shows simulations on curved fibers. Counts per microgram of lipid shown obtained 

from the simulations for d) flat glass and e) curved nanocellulose fibers. The counts have 

been normalized to the highest yielding point, assembly on nanopaper at an ion 

concentration of 0.0032 mM. The counts are divided into 3 size classes with diameters, d 

between 1 ≤ d < 10 μm, 10 ≤ d < 50 μm, d ≥ 50 μm. 

 

As described in section 3.2, I keep the simulation set-up consistent with those in section 

3.3 and use fiber geometries  𝑅𝑓 × 𝐿𝑓= 20 nm × 1000 nm and  𝑅𝑓 × 𝐿𝑓= 35 nm × 2000 

nm. I compare yields between the two substrates by setting the number of sites as 1000 for 

both geometries and fixing the number of bilayers applied on the surface to be 5. The 

number of nanobuds generated were normalized with the moles of lipid prior to merging. 

For simulations on glass, I set each site to be a disk of radius 335 nm. The schematics of 

the surface set up are shown in Figure 6.4 a) and b). The resulting molar yield obtained 

from the simulation is shown in c). All molar yield values on both paper and glass are 

normalized with the value pf 31%, obtained at 0.0032 mM of ions on cylindrical fibers. 

The normalization showed the molar yield on flat geometry at 0.0032 mM of ions was 

approximately half that on cylindrical fibers and remains flat up to salt concentrations of 

1.4 mM. When the salt concentration is increased beyond 1.4 mM, the initially separated 

yield curves on both surfaces overlap and decrease in tandem with increasing salt, similar 

to what was seen in experimental results (Figure 6.1). The counts per microgram of lipid 

on flat geometry is shown in d) while e) shows the counts obtained from cylindrical fibers. 

All counts for each size class were normalized with the counts obtained at 0.0032 mM salt 

on cylindrical fibers for ease of comparison. The yield on glass appears flat until 14 mM 

of salt for all size classes and are consistently lower than the counts obtained from 

simulations on cylindrical fibers. Simulation results from e) show a steady decrease in 
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counts across all size classes with increasing salt. The trends match those seen in 

experimental results, but the absolute values of the counts are higher, which is expected 

since the simulation is an idealized scenario of the experiments.  

 

6.4.3. Budding time scales for cylindrical fibers compared to a flat geometry 

 

I use the simulations to understand how the process of assembly at varying time points in 

different salt concentrations. Since I set the assumption that buds form sequentially starting 

from the outermost bilayers, with the inner bilayers budding only after they are exposed, I 

plot the sequence of budding events on a generalized time scale in Figure 6.5 for 3 different 

salt concentrations. Panel a) shows the nanobuds formed at different time points on 

cylindrical fibers while panel b) shows the same on a flat geometry. At 0.0032 mM of ions 

on cylindrical fibers, nanobuds form during 6 time intervals, the number of nanobuds being 

highest for the first interval and successively decreasing in number. When the salt 

concentration is increased to 1.4 mM, nanobuds are formed only during the first two 

intervals, with the number formed in the second timepoint reduced by a factor of 10 

compared to the second time point at 0.0032 mM. At the highest salt concentration of 1400 

mM, buds are formed only in the first time point, due to external energy and the number of 

buds formed is 21 times lower than for 0.0032 mM.  
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Figure 6.5: The budding timescales and counts are shown for different salt concentrations. 

Kinetic plots on a generalized time axis of the number of nanobuds that form for each Δ𝑡 
for a) assembly on cylindrical fibers and b) assembly on a flat surface in 0 mM, 1.4 mM 

and 1400 mM of added sodium chloride. More nanobuds form on the cylindrical fibers at 

all time intervals compared to the flat surface which only forms nanobuds at the first time 

interval. With increasing salt concentration, nanobuds only form at the earlier time 

intervals. The total number of nanobuds formed due to the impulse of energy (dark curves) 

and the nanobuds formed due to spontaneous budding (lighter curves) are shown for c) 

assembly on cylindrical fibers and d) flat surfaces. On flat surfaces no nanobuds form after 

the first time interval.  

 

On a flat geometry, nanobuds are only formed in the first time interval for all salt 

concentrations, which corresponds to the only interval that has external energy applied to 
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the bilayers. Since no external energy is available at subsequent intervals, no buds are 

formed. Similar to the results on cylindrical fibers, fewer buds form at higher slat 

concentrations and at the highest concentration of 1400 mM salt the nanobud count 55 

times lower than at 0.0032 mM.  

The total number of nanobuds formed due to the impulse of energy at time point t 

= 0 compared to the number of nanobuds that form at subsequent time points are shown 

for cylindrical fibers in Figure 6.5 c) and for a flat geometry in d). For both substrates, the 

variation of buds formed due to external energy at varying salt appears similar (darker 

colored plots). At low salt concentrations, the curves at t=0 are flat up to 1.4 mM salt after 

which the nanobud counts begin to drop more steeply with increasing salt. The lighter 

curves in both c) and d) show buds formed at t > 0, which are buds that can form via the 

spontaneous pathway. This number is zero for a flat geometry since there is no spontaneous 

pathway available. On cylindrical fibers, the number of buds formed spontaneously is 

higher than the buds formed as a result of external energy but drops sharply above a salt 

concentration of 0.14 mM. Beyond 1.4 mM of salt, no buds can form spontaneously, since 

the high adhesion energies for all remaining bilayers results in the energy of budding 

becoming positive.  

 

6.4.4. Simulations of one-step modulation of salt  

 

I have shown experimental results describing the steady decrease in yields with increasing 

salt concentrations and I have also shown how simulation results with increasing adhesion 

energy mimics the effects of salt. For biophysical studies and use in therapeutics, 1 × 

phosphate buffered saline which has an ionic concentration of approximately 140 mM is 

used as a replacement to mimic the physiological conditions of blood or plasma12. 

However, at this concentration of salt, experimental results shown a molar yield of 2.5%. 

To overcome this issue, J Pazzi from the Subramaniam lab showed a method of modulation 

of salt concentration can be used to overcome this issue of growth. These modifications, 

termed one-step modulation (OSM) involves initially assembling GUVs on tracing paper 

in a solution with no added salt for 10 minutes followed by an injection of a high 

concentration of salt solution below the nanopaper20. Since the GUV buds that are formed 

are connected to the surface until they are harvested, the ions diffuse into the GUVs, 

equalizing the osmotic pressure across the GUV membrane so that upon detachment, the 

GUVs are stable in an ionic solution. Figure 6.6 a) illustrates the experimental results 

conducted by J Pazzi in which the interval of low salt assembly was varied by adding salt 

at 0, 1, 5 and 10 minutes after incubation of the lipid coated paper in low salt. For the 0 

minute timepoint, salt was added directly into the hydration solution. The upper panels 

show the molar yield and the lower panels show the counts per microgram of lipid. The 

final concentration of the GUV solution contained 140 mM of sodium chloride. The yields 

and counts were compared to the yields obtained in solutions with no added salt (control).  
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Figure 6.6: One-step modulation of the salt concentration produces high yields of GUVs 

in physiological salt solutions.  Molar yield (top row) and counts of GUVs (bottom row) 

obtained for modulation of salt from a) experimental data and b) simulations for curved 

fibers. The counts are divided into 3 size classes with diameters, d between 1 ≤ d < 10 μm, 

10 ≤ d < 50 μm, d ≥ 50 μm. The experimental data on tracing paper was obtained from J 

Pazzi20. 

The plots show the changes in molar yield depending on the length of time the lipid 

is allowed to hydrate in a low salt solution. The molar yield increases from 2.5 ± 0.6% 

when the lipids are directly hydrated in a 140 mM of salt to 7.3 ± 1.9% when salt is added 

after 1 minute of hydration in a low salt solution. This value increases to 15.7 ± 3.2% when 

salt is injected after 5 minutes and 33.6 ± 1.9% after 10 minutes. The counts per microgram 

of lipid follow a similar trend, increasing when the lipids are allowed to hydrate in a low 

salt solution for longer periods of time prior to adding salt. I described earlier that the 
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addition of salt likely increases the adhesion between the bilayers, resulting in the energy 

of budding becoming more positive for all bilayers and thus decreasing the number of 

bilayers that can bud. Longer incubation times in low salt allow a larger number of bilayers 

to bud via the spontaneous pathway before the addition of salt increases causes budding to 

become unfavorable. Note that the yields and the counts when salt is added after 10 minutes 

is very similar to the yields in low salt solutions. This indicates that all the bilayers that 

could potentially bud in low salt, do so by the 10 minute mark, beyond which addition of 

salt does not affect yields.  

The bar plots representing the counts per microgram of lipid show that the number 

of medium-sized and large vesicles increase more steeply with increasing hydration times. 

Larger vesicles require a larger number of nanobuds to merge and therefore are closely 

correlated to the number of nanobuds available. When salt is injected into the solution after 

shorter time intervals, the total number of nanobuds produced is lower, resulting in a more 

significant impact on the vesicles over 10 µm in diameter.    

The simulation data in b) shows a similar trend in both molar yields and counts per 

microgram of lipid. The blue bars show the simulation results for growth in low salt while 

the green bars show results after addition of salt after varying intervals of hydration in low 

salt. The molar yield and counts are plotted relative to the molar in zero salt. The addition 

of salt is modeled by an increase in adhesion energy, which results in more bilayers 

becoming unfavorable to bud spontaneously. 
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Figure 6.7: One-step modulation of the salt concentration produces high yields of GUVs 

in physiological salt solutions on glass.  Molar yield (top row) and counts of GUVs (bottom 

row) obtained for modulation of salt from a) experimental data and b) simulations on 

curved fibers. The counts are divided into 3 size classes with diameters, d between 1 ≤ d < 

10 μm, 10 ≤ d < 50 μm, d ≥ 50 μm. 

 

To determine the differences in behavior on a flat substrate, I carried out similar 

experiments on glass using one-step modulated assembly. I dosed in salt at varying time 

points is shown in Figure 6.7 a) so that the final concentration of the GUV solution was 

140 mM. The first time point of 0 minutes has a yield of 1.2 ± 0.4%. Addition of salt after 

hydration of the lipid in low salt solution for 1 minute or longer results molar yield in the 
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range of 15.5 ± 6.3% to 18.3 ± 2.7%. Note that the overlapping errors bars indicate that the 

differences are not significant but arise from sample to sample variation. The counts per 

microgram of lipid show similar results, with no significant difference between number of 

GUVs for all three size classes when salt is added after 1 minute of incubation in low salt 

solutions. When salt is added at the 0 minute timepoint, the lipid is exposed to the effects 

of ions from the very beginning. This entails that the energy of budding for all bilayers is 

high from the very start of the hydration process due to the higher adhesion energy. On 

glass, all the bilayers have a positive energy of budding even in low salt solutions and 

therefore bud only in the presence of external energy. Since external energy is applied only 

at the point of hydration, all nanobuds that can bud do so at the point of hydration. 

Therefore, adding salt any point after this initial time point results in a similar molar yield. 

All budding that occurs after the instance of hydration occurs via the spontaneous pathway, 

which does not exist for glass. Simulations of this process in b) reflects the trends seen in 

the experimental results. While the relative yield is 0.27 when the adhesion energy is 

increased to the value of 140 mM salt, the yield increases 3 times when the adhesion energy 

is increased after the first timepoint. The molar yield and the counts are identical to the 

values in low salt when the adhesion energy is increased after the first timepoint.  

 

6.4.5. The molar yield is maximized at the salt concentration with the lowest 

budding energies 

 

 

Figure 6.8: Variation of budding energy on curved fibers compared to flat substrates. a) 

Fraction of bilayers with different budding energies templated on fibers with radii of 20 

nm and lengths of 1000 nm and 2000 nm distributed in a 1:1 ratio by area. Fraction of 

bilayers that have a positive (red) or negative (blue) energy of budding or are empty (gray) 

at different nominal surface concentrations. The molar yield peaks at the concentration 

with the highest fraction of sites that have an outer bilayer with a negative energy of 

budding and can bud spontaneously. b) fraction of bilayers with different budding energies 
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templated on a flat geometry. The fraction of bilayers with a positive energy of budding is 

consistent at 0.96. There are no bilayers with a negative budding energy. c) Average energy 

of the outermost bilayers plotted for flat geometry (magenta) and cylindrical fibers (blue) 

at varying salt concentrations.  

In section 3.3, I showed that the molar yield is maximized when the number of sites with 

an outer bilayer that can bud spontaneously is maximized. In Figure 6.8a), I show that this 

is also the case when varying salt concentration on cylindrical fibers. Since adhesion 

energy, increases with increasing salt, the fraction of sites with a negative energy of 

budding is maximized at the lowest salt concentration. The fraction of sites with a positive 

energy of budding increase steeply beyond 1.4 mM and stabilizes at a value of ~ 0.8 at 14 

mM. Beyond this concentration, although the number of sites with a positive energy of 

budding doesn’t increase since it has been maximized, the magnitude of the energy 

increases. This is shown in c) (blue curve). With increasing ion concentration, the average 

budding energy of the bilayers increases, gradually at first, and then more steeply beyond 

14 mM. Figure 6.8 b) shows the fraction of bilayers with positive and negative budding 

energies on glass. There are no sites with negative budding energies. All sites are always 

positive, at a constant fraction of 0.96. The remainder of the sites are either empty or have 

a single bilayer that cannot bud. To further understand the impact of salt, the magenta curve 

in c) shows the magnitude of the bilayers increase with increasing salt. The rate of increase 

is much steeper than on tracing paper for all salt concentrations.  

 

6.4.6. Effect of varying fiber geometry on the yields and sizes of GUVs at various 

salt concentrations 

 

I showed in section 3.3 that fibers with higher curvature (smaller radius) and higher aspect 

ratios have high yields. Here, I determine the effect of fiber geometry at varying salt 

concentrations. Similar to the trends seen for varying the surface concentration of lipid, 

reducing the radius of the fiber increases the curvature of the fiber which results in an 

increase in molar yields. Fibers with a mixed geometry of lengths of 1000 nm and 2000 

nm and fixed radius of 20 nm produce a maximum yield of 30% when assembled in low 

salt. When this is altered to monodisperse fibers of 2000 nm length and with a radius of 20 

nm, the yield increases to 42%. An increase in the curvature to 10 nm and an increase in 

aspect ratio by increasing the length to 4000 nm increases the yield to 91%. A further 

increase in the aspect ratio by increasing the fiber length to 10,000 nm maintaining the 

radius at 10 nm does not increase the maximum yield beyond 56% but increases the yields 

at salt concentrations higher than 0.4 mM. Conversely, a reduction in curvature by 

increasing the radius from 20 nm to 40 nm keeping the length constant at 2000 nm reduces 

the maximum yield from 42% to 13%. All fiber lengths showed a similar evolution of 

molar yield with salt concentration, where the yield is maximized at the lowest salt and 

progressively decreased with increasing the salt concentration.  
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Figure 6.9: Yields and size distributions of GUVs assembled on fibers of varying 

geometries. a) Evolution of molar yields with varying salt concentrations on different fiber 

geometries. The legend shows fiber dimensions with radius, R and length, L. Across all 

fiber geometries, the yield is maximized at the lowest salt concentration. b) Counts per 

microgram of lipid for the nominal concentrations at which the molar yield peaks. The x-

axis at the bottom shows the fiber geometries and the x-axis at the top shows the nominal 

surface concentration at which the molar yield is maximized. The counts are divided into 

3 size classes with diameters, d between 1 ≤ d < 10 μm, 10 ≤ d < 50 μm, d ≥ 50 μm. 

 

The counts per microgram also show behavior similar to what was seen in section 

3.3. Fibers with the highest curvatures and aspect ratios show the highest number of large 

vesicles, which decreases with decreasing curvature. The smaller vesicles do not peak at 

the same fiber dimensions since the fibers with higher curvatures produce nanobuds with 

higher mean diameters, therefore pushing the size distributions towards larger vesicle 

classes. Therefore, to maximize yields at higher salt concentrations altering the fibers to 

have higher curvature and aspect ratios can help improve yields up to a concentration of 

1.4 mM. To assemble vesicles at higher salt concentrations, the OSM-PAPYRUS method 

remains the superior method, since it is able to match the yields obtained in low salt. A 

combination of fiber geometries with higher curvature and aspect ratios while using OSM-

PAPYRUS method will help maximize yields.  
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6.5. Limitations and scope of the simulation set-up 

 

In this section, I discuss the limitations of the model and the simulation set up. The first 

key difference between the simulations and experiments is that while nanocellulose is 

composed of polydisperse fiber geometries, the simulations were limited to just 2 different 

fiber lengths. Fibers with lower radii and longer lengths can support more bilayers that can 

bud spontaneously. Furthermore, each bilayer on a fiber produced a single bud in the 

simulations. In experiments, it is possible that bilayers templated onto fibers form multiple 

breaks in the membrane, resulting in multiple buds from a single bilayer. This would result 

in smaller nanobuds which will shift GUV distributions towards lower diameters.  

Similarly, on glass we set the size of each site to be a disk with a radius of 335 nm. In 

experiments, breaks may form due factors such as defects in the bilayer as a result of local 

variations in concentration, and the sites are likely to be a range of different sizes. Sites 

with more area will require more external energy in order to overcome adhesion energy at 

high salt concentrations. Nanocellulose also has pores which can result in lipid losses, 

leading to an overall lower yield. The application of lipid and the ability to coat fibers can 

also vary experimentally. We assume in simulations that each fiber is coated fully with 

whole bilayers. In reality, the close network of fibers can result in partial coverage of many 

fibers, leading to variations in the curvature experienced by some bilayers, which can 

change the energy of budding and the yield. In experiments, other variations in experiments 

can also result in fluctuations in yields. One such factor is pipetting hydration solution onto 

the lipid-coated substrate which is the source of external energy added into the system. 

Variations in pipetting can result in variations in the magnitude of the energy, which alters 

the number of buds that can form. Finally, in simulations, we did not set any limits on the 

process of merging. However, it is likely that there is a limit on the size of vesicles that can 

form since long incubation times do not increase the maximum diameters of the GUVs.  
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Appendix A: A comparison of different merging models 

 

In Chapter 3 I described the merging model that was used in the simulations of the budding 

and merging model. Here, I compare the merging template to an alternative merging model 

that was considered. The histograms of the GUVs obtained from the simulation and the 

mean, median, extreme diameters and the counts were used to determine which model 

showed better agreement with experimental results. The set-up of the merging template is 

described in detail in section 3.2 of Chapter 3.  

 

 

Figure A.1: Comparison of histograms of diameters between experimental data and 

simulations for curved fibers. Simulations were carried out using the concept of a merging 

template. a)-h) compare the distributions of diameters for a) 0 mM, b) 0.14 mM, c), 0.4 

mM, d) 0.65 mM, e) 1.4 mM, f) 14 mM, g) 140 mM, and h) 1400 mM added salt. Plots i)-

l) compare various parameters of the distributions obtained from the simulation and 

experiments. The values have been normalized with the value obtained for 0 mM salt to 
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compare trends between the simulations and experiments. i) Mean diameter, j) median 

diameter, k) extreme diameter and l) Counts per microgram of lipid.  

 Figure A.1 compares the simulated and experimental distributions. In the 

experimental results (yellow curve) all distributions are right skewed, with significantly 

fewer large vesicles compared to small vesicles.  Furthermore, the size distributions 

become consistently narrower with increasing salt concentration.  The merging template 

reproduces both these aspects of the distributions for all the salt concentrations except for 

1400 mM salt for which the nanobud distribution is narrower than the experimental results. 

The experimental results for 1400 mM salt have diameters up to 20 μm, while the largest 

vesicles from the simulations are ~10 μm.  

 

 Merging Template 1 Merging Template 2 

Cluster size 

Number of 

clusters 

 Buds 

selected Cluster size 

Number of 

clusters 

Buds 

selected 

10 10378490 1.04E+08 2000 51892 1.04E+08 

50 1383798 6.92E+07 4000 17297 6.92E+07 

100 461266 4.61E+07 6000 7687 4.61E+07 

500 61502 3.08E+07 8000 3843 3.08E+07 

1000 20500 2.05E+07 10000 2050 2.05E+07 

5000 2733 1.37E+07 15000 911 1.37E+07 

10000 911 9.11E+06 20000 455 9.11E+06 

20000 303 6.07E+06 25000 242 6.07E+06 

50000 80 4.05E+06 50000 134 4.05E+06 

            

  Selected 303255649   Selected 303255649 

 

Table A.1: Table showing two options of merging templates, 1 and 2.  Template 1 results 

in distributions generated in Figure A.1. Template 2 was adjusted to match experimental 
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data for 1400 mM salt and then applied to other concentrations Figure A.2 illustrates how 

this affects lower concentrations using the example of 0 mM salt. 

 

Figure A.2: Histograms obtained using merging template 2 at the lowest and highest salt 

concentrations. Merging templates with large cluster sizes broaden the distribution of 

diameters at 1400 mM salt but shifts the distributions away from the experimental results 

at 0 mM salt. a)  
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Figure A.3: Comparison of histograms of diameters between experimental data and 

simulations for a flat substrate. Simulations were carried out using the concept of a merging 

template. a)-h) compare the distributions of diameters for a) 0 mM, b) 0.14 mM, c) 0.65 

mM, d) 1.4 mM, e) 14 mM, f) 140 mM, and g) 1400 mM added salt. Plots h)-k) compare 

various parameters of the distributions obtained from the simulation and experiments. The 

values have been normalized with the value obtained for 0 mM salt to compare trends 

between the simulations and experiments. h) Mean diameter, i) median diameter, j) extreme 

diameter and k) Counts per microgram of lipid.  

I varied the merging template to determine the cluster sizes that would be required 

for the distribution to mimic the experimental values for 1400 mM of salt. Table A.1 shows 

the merging template that would be required to achieve this. Since 1400 mM salt results in 

the formation of far fewer nanobuds, the starting arrangement of buds is less dense, with 

many more empty sites (Figure 3.5b). Significantly larger cluster sizes were required to 

increase the final size distribution of GUVs as seen in Table A.1 shows the effect of using 

this merging template on the lower concentrations. While the simulated distribution of 

1400 mM is closer to the experimental results, using this merging template for lower salt 

concentrations drastically increases the number of large vesicles and eliminates any 
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vesicles below 15 μm. Therefore, merging template 1 appears to be the better choice for 

most of the data points.  

I carry out similar simulations on flat surfaces. The maximum number of filled sites 

was set to be the number of nanobuds that form for 0 mM salt, the highest yielding point 

in the series. Recursive merging of nanobuds on flat surfaces (Figure A.3) deviates from 

experimental values. Only the extreme concentrations, 140 mM and 1400 mM appear to 

match the experimental values.  

 

A.4: Comparison of histograms of diameters between experimental data and simulations 

for curved fibers.a) Comparison of low nominal surface concentration (0.9 nmol/cm2 for 

experimental data) b) optimal surface concentration (18 nmol/cm2 for experimental data) 

and c) highest surface concentration (179 nmol/cm2 for experimental data). The simulation 

concentrations that were chosen for comparison were selected by selecting points that had 

the same relative reduction in molar yields compared to the optimum yield as in the 

experiments.  

 

Alternate merging schemes tested 

Exponential distribution of nanobuds with varying mean cluster size  

In this method of merging, I used a discrete exponential function to assign nanobuds into 

bins corresponding to clusters of nanobuds that merge. I used the following functional form 

to modify b for varying salt concentration: 

 

 𝑏(𝑁𝑡𝑜𝑡) =
𝑁𝑡𝑜𝑡0
 𝑁𝑡𝑜𝑡

 (31) 
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Here, 𝑏([𝑁𝑡𝑜𝑡]) is the value of b for different total number of nanobuds 𝑁𝑡𝑜𝑡,  𝑁𝑡𝑜𝑡0 

is the nanobuds per nanomole at a reference value. 𝑏0 is the reference value.  I then use 

Equation (32) to distribute the nanobuds into 𝐷𝐺𝑉 = 1…120 bins corresponding to clusters 

of nanobuds that merge to form surface-attached microbuds with diameters from 1 to 120 

μm.   

𝑁(𝐷𝐺𝑉) =
𝑁𝑡𝑜𝑡,𝐶

(e−b − 𝑒−120𝑏)
𝑏 exp(−𝑏𝐷𝐺𝑉)  (32) 

Here, 𝑁𝑡𝑜𝑡,𝐶 is the total number of nanobuds produced at a salt concentration C and b is the 

exponential factor.  The density of the nanobuds was accounted by varying the value of the 

mean bin that the nanobuds occupied. 𝑏 = 1/𝜇 where μ is the mean bin which corresponds 

to the average residency of buds within the distribution. Higher values of μ means that 

more buds reside in larger bins, resulting in larger cluster sizes. The assembly of giant 

vesicles of diameter  𝐷𝐺𝑉  from nanobuds of diameter 𝐷𝑁𝐵 requires the merging of clusters 

of nanobuds of cluster size, 𝐶𝑆𝐷𝐺𝑉, given by Equation (33): 

𝐶𝑆𝐷𝐺𝑉 = (
𝐷𝐺𝑉
𝐷𝑁𝐵

)
2

 (33) 

I then obtained the number of giant vesicles of a given size, 𝑁𝑅𝐺𝑉  from Equation (34):  

𝑁𝑅𝐺𝑉  =
𝑁(𝐷𝐺𝑉)

𝐶𝑆𝐷𝐺𝑉
 (34) 

Figure A.5 shows plots of number of nanobuds distributed to the bins (blue dots), 

upper horizontal axes) and the resulting distribution of the microbuds after merging (orange 

dots, lower horizontal axes) from the simulation of the nanobuds obtained for varying 

concentration of salt. Consistent with expectations for an exponential distribution, the 

distribution of nanobuds appear as a straight line in the semilogarithmic plots. With the 

distribution rules, lower number of nanobuds leads to fewer bins with larger cluster 

numbers being filled. The slope of the curve also decreases with lower number of nanobuds 

and lower concentrations. For the higher concentrations of salt with fewer number of 

nanobuds, the right most bins deviate from the straight line due to not having enough 

nanobuds to fill the discrete bins. Interestingly, after merging, the distribution of the 

microbuds deviates from a straight line. The distribution did not fit any simple functional 

relationship such as a power law or exponential distribution.  
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Figure A.5: Distributions of nanobuds and microbuds for different b values. The curves in 

blue show the distribution of nanobuds across 120 bins and the curves in orange show the 

distribution of microbuds after merging of the nanobuds. Note the logarithmic scale on the 

y-axis. With increasing values of the exponential factor b, the slope of the exponential 

function becomes steeper.  Upon merging, the microbud distributions deviates from the 

exponential. 

I compared the results of the simulation with the experimental data to determine 

how the choice of b0 changes the resulting distribution of GUV diameters. In the first round 

of simulations, I chose b = 0.07 through trial and error to determine which starting value 

of b resulted in a histogram fit that was closest to the experimental values for 0 mM of 

added salt. I then used Equation (31) to determine the value of the exponential factor for 

all other salt concentrations. The resulting distributions are shown in Figure A.6. 

Consistent with experimental results, the distribution becomes narrower with increasing 

salt concentration. The distributions are similar to the experimental results for most of the 

concentrations. I find that the distribution is narrower than experimental values only for 

140 mM and 1400 mM. The experimental distributions have vesicles up to 40 μm and 20 

μm for 140 mM and 1400 mM respectively while the simulations have corresponding 

maximum values of 20 μm and 10 μm.  

Since the higher salt concentrations, particularly 140 mM and 1400 mM deviated 

the most from experimental values, I determined the effect on the distributions if the 

exponential factor was set to the optimum value for the highest salt concentration and 
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adjusted proportionally for all other concentrations. At b = 0.3 for 1400 mM of salt, the 

width of the exponential distribution matched the width of the experimental distribution.  

exponential factor for all other salt concentrations were adjusted using Equation (31). 

Figure A.7 shows the result of this simulation. A comparison between the simulated 

microbud distribution and the experimental results shows that the simulated distributions 

are too wide and have too many large vesicles (> 20 μm) for all concentrations except 1400 

mM.  Similar comparisons of simulations on flat surfaces compared to experiments varying 

salt concentrations on glass are shown in Figure A.8. As in the case of the merging 

template, I find that values for 0.14 mM, 1.4 mM and 14 mM salt concentrations deviate 

from the simulations.  

In conclusion, merging using both the merging template as well as the exponential 

appears to yield similar results for varying salt concentration for simulations on curved 

fibers. I note more variations in both cases between simulation and experimental results on 

glass. However, the experimental result for glass has more variations as seen on the plots 

for the extreme diameter and GUV counts. Since the external energy is the only expected 

route to vesicle formation on glass, small variations in pipetting the hydration solution on 

the dried lipid stacks may result in noticeable variations in final distributions obtained 

compared to those obtained from assembly on curved fibers. Although both methods 

appear comparable, I note that the merging template matches the trends in the mean, 

median, extreme diameters and GUV counts more closely to the experimental results. For 

this reason, I chose this as the merging process for comparison and analysis in Chapters 3 

and 6.  
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Figure A.6: Comparison of histograms of diameters between experimental data and 

simulations for curved fibers.  Simulations of merging were carried out by distributing 

nanobuds using an exponential distribution with a varying exponential factor b. The 

exponential factor and the mean of the exponential distribution μ are shown above each 

plot. a)-h) compare the distributions of diameters for a) 0 mM, b) 0.14 mM, c), 0.4 mM, d) 

0.65 mM, e) 1.4 mM, f) 14 mM, g) 140 mM, and h) 1400 mM added salt. Plots i)-l) compare 

various parameters of the distributions obtained from the simulation and experiments. The 

values have been normalized with the value obtained for 0 mM salt to compare trends 

between the simulations and experiments. i) Mean diameter, j) median diameter, k) extreme 

diameter and l) Counts per microgram of lipid 
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Figure A.7: Comparison of histograms of diameters between experimental data and 

simulations on curved fibers. Simulations of merging were carried out by distributing 

nanobuds using an exponential distribution with a varying exponential factor b. The 

starting value of b was set to 0.3 for 1400 mM salt and the value of b for all other salt 

concentrations were modified using Equation 13. a)-h) compare the distributions of 

diameters for a) 0 mM, b) 0.14 mM, c), 0.4 mM, d) 0.65 mM, e) 1.4 mM, f) 14 mM, g) 140 

mM, and h) 1400 mM added salt. Clear deviations of the simulation results from the 

experimental plots can be see for all salt concentrations except h).  
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Figure A.8: Comparison of histograms of diameters between experimental data and 

simulations for a flat substrate.  Simulations of merging were carried out by distributing 

nanobuds using an exponential distribution with a varying exponential factor b. a)-h) 

compare the distributions of diameters for a) 0 mM, b) 0.14 mM, c) 0.65 mM, d) 1.4 mM, 

e) 14 mM, f) 140 mM, and g) 1400 mM added salt. The exponential factor and the mean 

of the exponential distribution μ are shown above each plot. Plots h)-k) compare various 

parameters of the distributions obtained from the simulation and experiments. The values 

have been normalized with the value obtained for 0 mM salt to compare trends between 

the simulations and experiments. h) Mean diameter, i) median diameter, j) extreme 

diameter and k) Counts per microgram of lipid.
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Appendix B: Assembly of GUVs on fabrics of diverse chemistries 

 

1. Introduction 

In broadening the use of thin-film hydration techniques, the substrate remains a key 

bottleneck to cost and versatility of use. The use of paper has key benefits over glass, which 

has been the traditionally used substrate, such as cost, biodegradability, and ease of use. 

Here, I explore the applications of the PAPYRUS method to show that growth of vesicles 

on a wide range of fabrics, both synthetic ones such as nylon, polyester and glass fibers as 

well as natural fabrics such as wool, silk and rayon allows the formation of GUVs. I also 

show that dye molecules that are dried along with the lipid on the surface of the fabric are 

encapsulated within the lumen of the GUV upon hydration, demonstrating the possibility 

of using the GUVs as cargo delivery vehicles. These techniques allow the use of GUVs for 

applications such as bandages with antibiotics as encapsulants or pain relieving patches 

since the substrates are more durable than nanopaper. The results have been published in 

ACS Langmuir, titled ‘Fabrics of Diverse Chemistries Promote the Formation of Giant 

Vesicles from Phospholipids and Amphiphilic Block Copolymers’. 

 

2. Materials and Methods 

Materials: We purchased sucrose (BioXtra Grade, purity ≥ 99.5%) glucose (BioXtra 

grade, purity ≥ 99.5%), casein from bovine milk (BioReagent grade), and poly(ethylene 

glycol)-block-poly(propylene glycol)-block-poly(ethylene glycol) (PEO5PPO67PEO5, 

Pluronic® L121)  from Sigma-Aldrich. We purchased 1,2-dioleoyl-sn-glycero-3-

phosphocholine (DOPC), 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), 1,2-

dioleoyl-sn-glycero-3-phospho-(1'-rac-glycerol) (DOPG),  cholesterol (ovine wool), 1-

palmitoyl-2-(dipyrrometheneboron difluoride)undecanoyl-sn-glycero-3-phosphocholine 

(TopFluor-PC), 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine 

B sulfonyl) (ammonium salt) (Rhod-PE), 1,2-dioleoyl-3-trimethylammonium-propane 

(DOTAP), and E.coli polar lipid extract  from Avanti Polar Lipids, and  poly(butadiene-b-

ethylene oxide)  (PBD46PEO30) (P9095-BdEO, lot# P9757) from Polymer Source Inc  

(Montreal, Canada). We purchased the fabrics from online vendors and from a local branch 

of a national fabric store Jo-Ann, LLC. The fabrics we purchased were silk (Silk Dupioni, 

Bright White, 100% silk), rayon (Sportswear Modal Fabric, White, 100% Rayon), nylon 

(Sport Nylon Fabric, White, 100 % Nylon) and polyester (Satin Tafetta, White, 100% 

polyester). We purchased wool fabric (100% Merino Wool Interlock – Washable) from 

Nature’s Fabrics (naturesfabrics.com) and plain weaved fiberglass fabric (3oz Fabric 

Style120 E-Glass) from Fibre Glast Developments Corp. We obtained 18.2 MOhm 

ultrapure water from an ELGA Pure-lab Ultra water purification system (Woodridge, IL).  

Preparation of substrates: Each piece of fabric was cut into 10 × 10 cm squares. Working 

in a chemical fume hood, I placed the fabric in 100 mL of neat chloroform in a 100 mL 
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glass media bottle. A magnetic stirrer and Teflon stir bar were used to agitate the fabric in 

chloroform for 30 minutes. The process was repeated twice with fresh chloroform each 

time. After the final chloroform wash, I removed the fabric and allowed the solvent to 

evaporate from the fabric. I then placed the fabric in a 1000 mL glass media bottle and 

alternated between soaking and rinsing the fabric in fresh batches of 1000 mL of ultrapure 

water over the course of 3 hours. The substrates were dried in ambient conditions and stored 

in a clean Petri dish for future use.  

Scanning electron microscopy: To prepare the fabrics for imaging, we cut a small 5 mm 

× 5 mm pieces of the cleaned fabric and mounted them on aluminium SEM stubs using 

double sided copper tape.  We used a field emission scanning electron microscope 

(GeminiSEM 500, Zeiss, Germany) to obtain images of the surfaces of the fabrics. The 

fabrics were exposed to a beam accelerating voltage of 1 kV, and the secondary electrons 

that were scattered from the surface were collected using an Everhart-Thornley detector. 

We collected images at a pixel resolution of 1333 nm/pixel for low magnification images 

and a pixel resolution of 147 nm/pixel for the high magnification images.  

Deposition of lipids and growth of DOPC GUVs for quantitative characterization of 

yields and size distributions:  I standardized growth conditions to allow comparison 

between the different substrates. I prepared a solution of 99.5:0.5 mol% of 

DOPC:TopFluor-PC in neat chloroform at a concentration of 2 mg/mL. Each piece of 

fabric was cut into 9.5 mm diameter circular disks with a pair of scissors and deposited 

appropriate volumes of the lipid solution to obtain 3 μg of lipid per 1 mg of the substrate. 

For wool I used 1.5 μg of lipid per 1 mg of substrate. After the solvent had evaporated 

ambiently, we placed the lipid-coated fabric in a vacuum chamber for one hour to drive-

off residual solvent. The substrates were then placed into 2.0 mL Eppendorf tubes. I added 

500 µL of a 100 mM solution of sucrose to hydrate the lipid-coated substrates and 

incubated the substrates for 60 minutes.  

Growth of GUVs with varying membrane compositions on the fabrics: All the 

amphiphile-coated substrates were placed under vacuum for a minimum of one hour to 

drive-off residual solvent, and then incubated in an aqueous solution for 60 minutes before 

imaging. Growth of giant vesicles from the various amphiphiles required the use of varying 

growth temperatures and nominal surface concentrations. For the amphiphilic triblock 

Pluronic L121 polymersomes, we deposited 14 μg of 99.5:0.5 mol% Pluronic L121: 

TopFluor-PC per 1 mg of the substrate. Growth was performed at room temperature. For 

the amphiphilic diblock PBD46PEO30 polymersomes we deposited 7 μg of 99.5:0.5 mol% 

PBD46PEO30:TopFluor-PC per 1 mg of the substrate. Growth was performed at 80 °C. For 

89.5:10:0.5 mol% DOPC:DOPG:TopFluor-PC we deposited  3 μg of the lipid mixture per 

1 mg of the substrate. Growth was at room temperature.  For 89.5:10:0.5 mol% 

DOPC:DOTAP:TopFluor-PC we deposited 7 μg of the lipid mixture per 1 mg of the 

substrate. Growth was at room temperature. For 99.5:0.5 mol% DOPC:TopFluor-PC we 

deposited 3 μg of the lipid mixture per 1 mg of the substrate. Growth was at room 
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temperature. For 99.5:0.5 mol% DPPC we deposited 3 μg of the lipid mixture per 1 mg of 

the substrate. Growth was at 65 °C. For 35.5:36:28:0.5:0.5 mol% 

DOPC:DPPC:Cholesterol:TopFluor-PC:Rhod-PE we deposited 8 μg of the lipid mixture 

per 1 mg of the substrate.  Growth was at 65 °C.  For the E. coli membrane extract we 

deposited 3 μg of the lipid mixture per 1 mg of the substrate. Growth was at 37 °C. To 

obtain GUVs in standard PBS, we first incubated the lipid coated fabrics in ultrapure water 

for 10 minutes. We then added a concentrated stock of the buffer salts (Thermo Scientific 

Pierce 20X Phosphate Buffered Saline, 3 M sodium chloride, 0.2 M sodium phosphate, pH 

7.5). to obtain standard PBS and allowed the vesicles to grow for an additional 50 minutes 

before imaging.  

Harvesting of the GUVs: I placed a 100 µL droplet of a 100 mM solution of sucrose on a 

clean glass coverslip. The substrates were removed from the Eppendorf tubes using forceps 

and quickly immersed the wet substrate into the droplet on the coverslip. I harvested the 

GUVs by gently aspirating the solution into a 1000 µL pipette tip while moving the tip 

systematically over the surface of the fabric. The GUVs were imaged and analyzed using 

the procedures detailed in Chapter 2.  

3. Results 

 

3.1.Properties of the fabrics: 

Silk and wool are natural protein-based fibers obtained from animals. Cocoons of the 

silkworm Bombyx mori are the primary source of commercial silk1. Silk fibers are 

composed of the insoluble protein fibroin1. The molecular structure of silk is rich in 

hydrophilic amide groups (Table 1). Silk has a moisture regain of 8.5 % indicating its 

hydrophilic nature1.  The fleece of sheep are the primary source of commercial wool fibers1. 

Wool fibers are composed of the insoluble protein keratin. The molecular structure of wool 

is rich in hydrophilic amide groups as well as hydrophobic covalently attached fatty acids 

(Table 1).  Wool has a moisture regain of 16 % indicating that the hydrophobic fatty acids 

do not inhibit the adsorption of  moisture1.Wet-spinning of a cellulosic solution through a 

spinneret followed by chemical regeneration of the cellulose polymers results in long fibers 

of rayon of controlled size and crystallinity2. This process converts short cellulose fibers 

from woody materials into long fibers that resemble cotton or silk2. Rayon is a 

semisynthetic fiber since the feedstock originates from a natural source2. Natural bio-

derived cellulose has a Cellulose I crystal structure. Regenerated cellulose has a Cellulose 

II crystal structure2. Similar to cotton, rayon is rich in hydrophilic hydroxyl groups (Table 

1). Rayon has a moisture regain of 11%1.  Nylon 6,6 is a synthetic fiber made by melt-

spinning polyamides that result from the polycondensation of hexamethylenediamine and 

adipic acid2. The molecular structure of Nylon 6,6 is rich in hydrophilic amides. Nylon has 

a moisture regain of 4.0 - 4.5%1. Polyester fibers are melt-spun polyethylene terephthalate2.  

Along with hydrophilic carbonyl groups, polyester is rich with hydrophobic aromatic and 

methyl groups (Table 1). Polyester has a low moisture regain of 0.4 %1. The raw materials 
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for these synthetic fabrics originate from petroleum byproducts2. Fiberglass is solidified 

extruded molten glass2.  Fiberglass is hydrophilic due to the presence of many surface 

hydroxyl group (Table 1).  

  

Figure B.1:Scanning electron microscope images of the fabrics. The column on the left 

are lower magnification images showing the microstructure of the fabrics, while the 

column on the right are higher magnification images showing the surfaces of the fibers. a) 

Silk. b) Wool. c) Cotton. d) Rayon. e) Polyester. f) Nylon.  g) Fiberglass. Scale bars a-g) 

left column 100 µm, right column 10 µm. 
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Table B.1: Properties of the fabrics. Structural formula diagrams were obtained from the 

references 125 – 131 3–9. Water contact angles were obtained from reference 132 – 13510–

13. The fiber diameters were measured from SEM images. 

 

Fabric Chemical Formula Fiber 

diameter, 

µm  (mean ± 

sd) 

Moisture 

Regain 

(%) 

Fabric 

Weave 

 

Natural   

    

 

Silk 
 

10.6 ± 1.7 11 Plain 

 

 

 

Wool 

 

 

18.5 ± 4.8 16 Jersey 

 

Cotton 

 

 

15.8 ± 3.7 8.5 Plain 

Semisynthetic 

  

    

Rayon 

 

12.0 ± 1.5 11 Plain 

 

Synthetic  

 

    

Nylon 

 

22.9  ± 1.3 4.0-4.5 Plain 

Polyester 

 

12.8 ± 1.4 0.4 Twill 

 

Inorganic 

 

    

Fiberglass 

(alumino-

borosilicate)  

 

 4.7±0.4 - Satin 
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3.2. GUVS were produced on all fabric types 

 

Figure B.2: Confocal microscope images of the surface of the hydrated fabrics after 1 hr.  

a) Silk. b) Wool. c) Rayon. d) Polyester. e) Nylon. f) Fiberglass. GUVS are the bright green 

circles with dark interiors. Although not fluorescently labeled, the fibers are visible due to 

the fluorescent lipid coating. a-f) Scale bars 25 µm. 

Figure B.2 shows confocal microscope images of the lipid-coated fabrics one hour after 

incubation in an aqueous buffer. All the fabrics had GUVs growing from the surfaces of 

their fibers. These results show that the spontaneous formation of GUVs is not limited to 

cellulose and is general to fibers of differing surface chemistries. Silk and rayon had 

spherical GUVs that appeared qualitatively similar to those seen previously on cellulose 

paper and cotton fabric14. Wool had noticeably fewer GUVs than the other fabrics. Nylon, 

polyester, and fiberglass fabrics had an intermediate number of GUVs, with some regions 

having a higher abundance of GUVs and others having a lower abundance of GUVs. GUVs 

formed only from the lipid layer that coated the fibers.  Multilamellar lipid structures were 

also seen which were more prevalent on wool, nylon, polyester, and fiberglass than on 

rayon, silk, or cotton. Thus, along with GUVs, other lamellar structures were present on 

the wool, nylon, polyester, and fiberglass fabrics.   

All the fabrics promoted the growth of GUVs from both lipids as well as 

amphiphilic polymers. GUVs composed of lipids with long saturated alkyl chains which 

require growth at elevated temperatures could also be obtained since all the fibers are 

thermally stable to 100°C (the boiling point of water) or higher1,2.  Figure B.3 shows 

representative confocal images of giant polymer and lipid vesicles of various membrane 
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compositions growing both in low ionic strength solutions (100 mM sucrose, Figure B.3 

a-c) and high ionic strength solutions (standard PBS, Figure Figure B.3 d-f) on silk fibers. 

For growth in PBS, samples were incubated in ultrapure water for 10 minutes before a 

concentrated stock of the buffer salts was added to obtain standard PBS. The vesicles were 

allowed to continue to grow in standard PBS for a further 50 minutes before imaging. 

Figure B.3 a) and b) shows polymersomes composed of the amphiphilic triblock 

copolymer Pluronic L121 and polymersomes composed of the amphiphilic di-block 

copolymer PBD46PEO30. Figure B.3 c) shows GUVs composed of negatively charged 

membranes (89.5:10:0.5 mol% DOPC:DOPG:TopFluor-PC) and Figure B.3 d) shows 

GUVs composed of positively charged membranes (89.5:10:0.5 mol% 

DOPC:DOTAP:TopFluor-PC).  Figure B.3 e) shows membranes of the zwitterionic lipid 

DOPC in PBS and  Figure B.3 f) shows membranes of the zwitterionic lipid DPPC in PBS 

grown at 65oC. DPPC has a main transition temperature of 45 oC15. Thus, DPPC is in the 

gel phase at room temperature. Figure B.3 g) shows GUVs with a ternary membrane 

composition of 35.5:36:28:0.5:0.5 mol% DOPC:DPPC:Cholesterol:TopFluor-PC:Rhod-

PE  that exhibits liquid-liquid phase coexistence at room temperature15. The GUVs were 

grown at 65oC to ensure that the membranes were fully mixed. Upon cooling to room 

temperature, the membranes phase separated into liquid ordered and liquid disordered 

domains as evidenced by the partitioning of the Rhod-PE (false-colored red) and TopFluor-

PC (false colored green) into distinct compartments in the membrane. Rhod-PE partitions 

strongly into the liquid disordered phase while TopFluor-PC partitions equally between the 

liquid disordered phase and liquid ordered phase11,47. Figure B.3 f) shows GUVs obtained 

from the polar fraction of membrane extracts of the bacteria Escherichia coli. The 

membranes, composed of phosphatidylethanolamine: phosphatidylglycerol: cardiolipin 

67.0: 23.2: 9.8 wt/wt% (manufacturer’s specifications), are highly negatively charged.  

I quantified the number and sizes of the GUVs obtained using image analysis as shown 

in Figure B.4.  The number of vesicles varied from 2.6 x 105 GUVs per µg of lipid for 

rayon and 6.2 x 104 GUVs per µg of lipid for wool. Two sample T-tests were carried out 

that showed that only the difference in yields between rayon and wool were significant and 

for the most part, the number of GUVs obtained did not vary much despite the variation in 

the chemistries of the fabrics. Vesicles obtained using the PAPYRUS method are 

polydisperse as was also the case with paper. Interestingly, the size distributions were very 

similar across the fabric types – the distribution of diameters was unimodal with a right 

tail, which appears to be the distribution of vesicles obtained from phospholipids in thin 

film hydration. In general, 98% of the vesicles across all fabrics accounted for diameters 

below 20 µm. The advantages of fabrics over paper is that they are more durable and can 

be reused, thus opening avenues into applications across bandages and skin patches, where 

the vesicles grown at the point of use can be used to protect and slowly release the active 

ingredients over time. Furthermore, fabrics such as glass fiber and nylon are used in 

immunoassays as support materials or part as the conjugate pad, that supplies detection 

molecules into the assay. GUVs can be produced on these substrates, thus enabling their 

easy incorporation into existing assay devices. 
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Figure B.3: Confocal microscope images of giant polymersomes and giant lipid vesicles 

on the surface of silk fibers after 1 hr in aqueous buffer.  a) Giant polymersomes of the 

amphiphilic triblock copolymer Pluronic L121 in a solution of sucrose. b) Giant 

polymersomes of the amphiphilic diblock copolymer PBD46PEO30 in a solution of sucrose. 

c) Giant vesicles with negatively charged membranes (89.5:10:0.5 mol% 

DOPC:DOPG:TopFluor-PC) in a solution of sucrose. d) Giant vesicles with positively 

charged membranes (89.5:10:0.5 mol% DOPC:DOTAP:TopFluor-PC) in standard PBS. e) 

Giant vesicles with zwitterionic membranes composed of two unsaturated alkyl chains 

(DOPC, chain melting temperature -20 °C) in standard PBS. f) Giant vesicles with 

zwitterionic membranes composed of saturated alkyl chains (DPPC, chain melting 

temperature -45 °C) in standard PBS. g) Giant vesicles with membranes exhibiting liquid-

liquid phase coexistence composed of 35.5:36:28:0.5:0.5 mol% 

DOPC:DPPC:Cholesterol:TopFluor-PC:Rhod-PE  in standard PBS. h) Giant vesicles 

composed of membrane extracts from E. coli in standard PBS. a), b), d), e) Scale bars 15 

µm. c), f), g), h) Scale bars 15 µm.  
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Figure B.4: Confocal microscope images of the surface of the hydrated fabrics after 1 h. 

(a) Rayon, (b) silk, (c) wool. GUVS are the bright green circles with dark interiors. 

Although not fluorescently labeled, the fibers are visible due to the fluorescent lipid 

coating. (d) Scatter and bar plot showing the number of GUVs per microgram of lipid from 

each of the fabrics. The black circles are the data points for the three experiments for each 

fabric. The blue bar is the average number of GUVs from the three experiments for each 

fabric. p-Values from two-sample t-tests between rayon and the other fabrics are indicated 

in the plot. p < 0.05 is statistically significant. (e)  Representative histogram of the 

diameters of GUVs harvested from silk. The bin widths are 1 μm. The sample size, number 

of vesicles, n = 113, 461 (a-c) Scale bars: 25 μm. 

 

 

Figure B.5: Encapsulation of dye molecules after drying and rehydration on the substrate. 

a) An example of extracted DOPC vesicles grown on silk with 0.005 mg/mL fluorescein 

(green) in the growth solution. b) An example of silk coated with fluorescein (green) 

followed by lipid with rhodamine in the membrane (red). Upon hydration, the vesicles 

encapsulate fluorescein within the lumen. The vesicles were not extracted. Scale bars: 25 

µm. 
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4. Conclusions 

We have shown that the formation of GUVs and polymersomes from lamellar films of 

phospholipids and amphiphilic block copolymers is general to a surprisingly wide variety 

of fabrics composed of cylindrical fibers of different surface chemistries. Fabrics are 

widely used in various consumer and technical applications including in biomedical 

applications10,16–21. This demonstration that vesicles can form on a range of fabrics opens 

new avenues for designing smart functionalized materials. The ability to encapsulate 

compounds that are dried and rehydrated at the point of use also enables delivery of actives 

such as antibiotics and growth factors to wound sites. 
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Appendix C: Fluorescence dye has and effect on the assembly of GUVs  

 

This section reports results of varying fractions of dye in the lipid membrane. I tested two 

dyes, Top-Fluor Cholesterol and Rhodamine-PE. Figure C.1 shows the molar yield for the 

two dyes at different mole fractions. Top-Fluor Cholesterol is composed of the fluorescent 

bodipy group conjugated to a cholesterol molecule. Rhodamine-PE is composed of the 

fluorescent group rhodamine B sulfonyl conjugated to the 1,2-dioleoyl-sn-glycero-3-

phosphoethanolamine (DOPE) headgroup.  

 

Figure C.1: Variation of molar yield at different mole fractions of dye. The green curve 

shows the variation of molar yield of DOPC vesicles doped with varying mole fractions of 

Top-Fluor Cholesterol while the red curve shows the variation in molar yield with 

Rhodamine-PE.  

I note that using rhodamine resulted in larger variations in yield at different mole 

fractions of dye. The lowest mean yield was 22 ± 11 % at 1 mole % of dye while the highest 

was 33 ± 4.8 % at 0.75 mole % of dye. The standard deviations are also higher for DOPC 

mixtures with rhodamine, suggesting that the use of rhodamine might introduce more 

variations in the process of producing GUVs and quantifying yield. Top-fluor cholesterol 

on the other hand appears to show steadier yield values, varying between 29 ± 3.0 % and 
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32 ± 4.3%. Top-Fluor Cholesterol was chosen as the dye for all confocal imaging carried 

out in this dissertation because since variation of mole fractions had the lowest impact on 

molar yields. The standard deviations between repeat runs was less than 5%, lower than 

what was seen for DOPC doped with rhodamine. I used 0.5 mol % of Top-fluor Cholesterol 

in all lipid mixtures in this dissertation.  
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Appendix D: Impact of using buffers in solutions for GUV assembly 

 

This section reports impact of using different types of buffers on GUV assembly. All 

solutions had 100 mM of sucrose and the buffered solutions had 10 mM of the respective 

buffer. I tested the 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES), 

Piperazine-1,4-bis(2-ethanesulfonic acid) dipotassium salt (PIPES), and 

tris(hydroxymethyl)aminomethane (Tris). The pH of the solutions prior to adding the 

buffers was 5.5 and the pH of all solutions after adding buffers was 7.5. All points represent 

a single experimental run.  

Figure D.1 shows the molar yield and the histogram of sizes obtained from GUV 

assembly in different types of buffers. The control with no buffer only had 100 mM of 

sucrose. I note that all solutions with buffers resulted in a reduction in yield from 30% to 

~5% or lower. The histogram of sizes show that in the distributions narrow in the presence 

of buffers, resulting in fewer or no vesicles over 50 µm in the presence of buffers. How the 

buffers affect the yield are unknown. A logical factor to investigate given the generality of 

this effect is the pH of the solution is important for yields. A citrate,  acetate, or BIS-tris 

buffer of pH 5.5 could be used to see if yields are similar to unbuffered water. Additionally 

all this work was performed on cellulose paper. The effect of the substrate can also be 

investigated. It is important to note that modulating the addition of buffer (Section 6.4.4) 

eliminates this effect and we can obtain high yields GUV in any final buffer composition.   

 

Figure D.1: Molar yield and histogram of sizes obtained from GUV assembly in different 

buffers. a) Molar yield of GUVs and b) histogram of sizes for buffers HEPES, PIPES and 

Tris.  




