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ABSTRACT OF THE DISSERTATION 

Methodologies and Applications of MicroED 

 

by 

 

Cody Gillman 

Doctor of Philosophy in Molecular Biology 

University of California, Los Angeles, 2023 

Professor Tamir Gonen, Chair 

 

Since its advent in 2013, Microcrystal Electron Diffrac9on (MicroED) has revolu9onized structural 

determina9on across a spectrum of samples, encompassing small organic molecules to proteins. 

MicroED closed a crucial gap between the determina9on of structures from 2D crystals and 3D 

crystals, facilita9ng the study of small 3D crystals that are too small for analysis by X-ray 

diffraction. The structures of molecules that were previously intractable using other exis9ng 

structural methodologies have been finally determined using MicroED. As MicroED is an 

emerging cryogenic electron microscopy (cryo-EM) technique, forging an entirely new branch in 

the field of structural biology, it is still under active development. The early success of MicroED 

was largely enabled by technological advancements introduced in cryo-EM, including high 

performance cameras and state-of-the-art electron microscopes. More recently, the 
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implementation of focused ion beam (FIB) milling has opened many new avenues for MicroED. 

Crystal samples of any kind can be thinned to a suitable thickness for MicroED using a FIB mill. 

It is now possible to access crystals that are submerged in surrounding media or otherwise too 

large for the transmission of electrons. This work seeks to further develop the application of FIB 

milling in the MicroED workflow to solve critical issues related to sample preparation. The 

innovative methodologies that were designed and demonstrated in this thesis have accelerated 

MicroED development and will allow structural biologists to determine challenging molecular 

structures more rapidly. 

  



 iv 

The dissertation of Cody Gillman is approved. 

Jeffrey S. Abramson 

Ambre M. Bertholet 

Stephen C. Cannon 

Ernest M. Wright 

Tamir Gonen, Committee Chair 

 

 

University of California, Los Angeles 

2023 

  



 v 

Dedication 

This thesis is dedicated to the Washington Student Achievement Council (WSAC) of 

Washington State. During my 2008-2009 senior year of high school, WSAC awarded me 

with the Passport to College Promise Scholarship. The Passport to College program was 

founded in 2008 to help students from foster care attend and succeed in college. Before 

receiving this award as a surprise in the mail one day, I had no plans of attending 

university. My life was set on a very different course that day. Roughly 2% of ex-foster 

youth graduate from a four-year university and a much smaller percentage go on to 

receive a PhD. Managing the difficulties of rigorous study causes an unfortunately high 

number of ex-foster youth to forego pursuing a college degree. I was also fortunate to be 

assigned amazing and dedicated social care workers while I was a foster youth. They 

helped me gain crucial life skills and confidence in my abilities to face and overcome 

adversity. I thank them every day for their service. 

  



 vi 

Table of Contents 
List of Tables .......................................................................................................................... xi 

List of Figures ........................................................................................................................ xii 

VITA ...................................................................................................................................... xv 

Chapter 1: Introduc?on ........................................................................................................... 1 

References ....................................................................................................................................... 8 

Chapter 2: An overview of Microcrystal Electron Diffrac?on (MicroED) ................................. 12 

Abstract ......................................................................................................................................... 12 

Introduc5on ................................................................................................................................... 13 

MicroED Workflow ......................................................................................................................... 18 

Advantages and Applica5on of Microcrystals for MicroED .............................................................. 20 

A robust method for structure determina5on using single 3D nanocrystals .................................... 25 

MicroED in Drug Discovery ............................................................................................................. 27 

Overcoming Radia5on Damage in MicroED .................................................................................... 33 

Solving the Phase Problem in MicroED ........................................................................................... 35 

References ..................................................................................................................................... 38 

Chapter 3: A comprehensive protocol for MicroED sample prepara?on. ................................ 53 

Abstract ......................................................................................................................................... 53 

Introduc5on ................................................................................................................................... 54 

Development of Microcrystal Electron Diffrac5on (MicroED). .......................................................................... 54 

Preserving hydrated samples for TEM ............................................................................................................... 57 

Experimental design for MicroED sample prepara5on. .................................................................................... 58 

Op5mal crystal size at different kV .................................................................................................................... 59 

Prepara5on and iden5fica5on of microcrystals ................................................................................................ 60 



 vii 

TEM grid basics .................................................................................................................................................. 61 

TEM grid selec5on ............................................................................................................................................. 62 

Cleaning the TEM grid ....................................................................................................................................... 63 

Applying the sample to the TEM grid ................................................................................................................ 63 

BloRng method ................................................................................................................................................ 64 

Manual bloRng ................................................................................................................................................. 65 

Fragmen5ng crystals ......................................................................................................................................... 67 

Milling membrane protein crystals in LCP ......................................................................................................... 68 

Suspended drop crystalliza5on ......................................................................................................................... 70 

Vitrifica5on method .......................................................................................................................................... 71 

Materials ........................................................................................................................................................... 72 

Reagents ............................................................................................................................................................ 72 

Equipment ......................................................................................................................................................... 73 

Reagent set up ............................................................................................................................... 74 

Procedure ...................................................................................................................................... 75 

Prepare TEM grids for MicroED ......................................................................................................................... 75 

Preserve the crystals on the TEM grid ............................................................................................................... 76 

Op5on A: Vitrifying crystals ............................................................................................................................... 76 

Op5on B: Conversion of Lipidic Cubic Phase (LCP) to sponge phase. ................................................................ 79 

Op5on C: Drying crystals from a solid-state sample .......................................................................................... 81 

Op5on D: Drying crystals from a crystalline slurry sample ................................................................................ 82 

Op5on E: Grow crystals on the grid as suspended drops .................................................................................. 83 

Op5on F: Thinning membrane protein crystals embedded in LCP using a plasma focused ion beam (pFIB). ... 85 

Collect MicroED Data ........................................................................................................................................ 99 

Troubleshoo5ng ................................................................................................................................................ 99 

An5cipated results ............................................................................................................................................ 99 



 viii 

References ................................................................................................................................... 105 

Chapter 4: Design and implementa?on of suspended drop crystalliza?on ........................... 119 

Abstract ....................................................................................................................................... 119 

Introduc5on ................................................................................................................................. 120 

Results ......................................................................................................................................... 123 

The 3D printed suspended drop screening tool. ............................................................................................. 123 

Protein crystals grown by suspended drop crystalliza5on. ............................................................................. 124 

Machining crystal lamella. ............................................................................................................................... 126 

Discussion ........................................................................................................................................................ 129 

Methods and Materials ................................................................................................................ 132 

Materials ......................................................................................................................................................... 132 

Object design and 3D prin5ng ......................................................................................................................... 132 

Suspended drop crystalliza5on ....................................................................................................................... 133 

Sample prepara5on and cryo-preserva5on ..................................................................................................... 133 

Machining proteinase K crystal lamellae using the plasma beam FIB/SEM. ................................................... 133 

MicroED Data Collec5on ................................................................................................................................. 135 

MicroED data processing. ................................................................................................................................ 136 

Structure solu5on and refinement. ................................................................................................................. 136 

References ................................................................................................................................... 137 

Chapter 5: Elimina?ng the missing cone challenge through innova?ve approaches ............. 141 

Abstract ....................................................................................................................................... 142 

Introduc5on ................................................................................................................................. 142 

Methods and Materials ................................................................................................................ 145 

Design of Mpro expression construct .............................................................................................................. 145 

Protein expression and purifica5on of Mpro .................................................................................................. 145 



 ix 

EM sample prepara5on of MPro crystals ........................................................................................................ 146 

Genera5ng lamellae of Mpro bloaed crystals and suspended crystals ........................................................... 147 

MicroED data collec5on .................................................................................................................................. 147 

MicroED data conversion ................................................................................................................................ 148 

MicroED data processing and structure determina5on of MPro .................................................................... 149 

Results ......................................................................................................................................... 149 

Prepara5on of suspended crystal drops .......................................................................................................... 149 

Prepara5on of crystal lamellae of suspended Mpro crystals .......................................................................... 150 

Collec5on of MicroED data .............................................................................................................................. 150 

Elimina5ng the missing cone in the MicroED structure of Mpro .................................................................... 151 

Conclusions ................................................................................................................................. 156 

References ................................................................................................................................... 158 

Chapter 6: The structure of the neurotoxin palytoxin determined by MicroED ..................... 161 

Abstract ....................................................................................................................................... 161 

Introduc5on ................................................................................................................................. 162 

Results ......................................................................................................................................... 163 

Characteriza5on of scFv-PTX complex and crystalliza5on ............................................................................... 163 

Preparing crystal lamellae and collec5on of MicroED data ............................................................................. 165 

Determining the MicroED structure of scFv-PTX complex. ............................................................................. 166 

Molecular docking ........................................................................................................................................... 169 

Discussion .................................................................................................................................... 172 

Methods and Materials ................................................................................................................ 173 

Materials ......................................................................................................................................................... 173 

Microscale thermophoresis ............................................................................................................................. 174 

Crystalliza5on .................................................................................................................................................. 174 



 x 

Cryo-preserva5on ............................................................................................................................................ 174 

Machining crystal lamellae using the cryo-FIB/SEM ....................................................................................... 175 

MicroED Data Collec5on ................................................................................................................................. 175 

MicroED Data Processing ................................................................................................................................ 176 

Structure solu5on and refinement .................................................................................................................. 176 

Molecular docking ........................................................................................................................................... 176 

References ................................................................................................................................... 178 

Concluding Remarks ............................................................................................................ 182 

 

  



 xi 

List of Tables 

Chapter 3: A comprehensive protocol for MicroED sample preparation 

Table 3.1. Inelas9c mean free path versus TEM accelera9ng voltage. ......................................... 59 

Table 3.2. Electron microscopy grid selec9on for MicroED. ......................................................... 63 

Table 3.3. Troubleshoo9ng MicroED Sample Prepara9on. ......................................................... 101 

Chapter 4: Design and implementation of suspended drop crystallization 

Table 4.1. MicroED structure sta9s9cs of proteinase K crystallized by suspended drop. ........... 129 

Chapter 5: Eliminating the missing cone challenge through innovative approaches 

Table 5.1. Preferred orienta9on vs. missing cone-eliminated dataset sta9s9cs for Mpro .......... 153 

Chapter 6: The structure of the neurotoxin palytoxin determined by MicroED 

Table 6.1. MicroED structure sta9s9cs of scFv-PTX complex. 166 

 

 

  



 xii 

List of Figures 

Chapter 2: An overview of Microcrystal Electron Diffraction (MicroED) 

Figure 2.1. Four modali9es of cryoEM. ......................................................................................... 14 

Figure 2.2. Overview of MicroED. ................................................................................................. 17 

Figure 2.3. Examples of structures of small-molecule chemical compounds by MicroED. ........... 22 

Figure 2.4. FIB milling of crystals for MicroED. ............................................................................. 24 

Figure 2.5. Examples of protein structures solved by MicroED that were challenging by other 

techniques. ................................................................................................................................... 27 

Figure 2.6. The structure of HIV GAG-bevirmat complex by MicroED. ......................................... 28 

Figure 2.7. Examples of natural products with structures determined by MicroED. .................... 31 

Figure 2.8. Radia9on damage in MicroED. ................................................................................... 34 

Figure 2.9. Expanding the use of direct electron detectors and mitigating radiation 

damage in MicroED. .................................................................................................................. 35 

Figure 2.10. Iden9fica9on of heavy metal site and model building. ............................................. 37 

Chapter 3: A comprehensive protocol for MicroED sample preparation  

Figure 3.1. Overview of TEM grids. ............................................................................................... 61 

Figure 3.2. Manual blo]ng TEM grids for MicroED. ..................................................................... 66 

Figure 3.3. Crystal fragmenta9on as a strategy to prevent overlapping crystal la]ces in MicroED 

datasets. ....................................................................................................................................... 67 

Figure 3.4. Prepara9on of LCP samples for MicroED. ................................................................... 69 

Figure 3.5. Outline of MicroED sample prepara9on steps for biological samples. ....................... 76 

Figure 3.6. Workflow for LCP to sponge phase transi9on to prepare MicroED sample. ............... 79 



 xiii 

Figure 3.7. Prepara9on of dry samples for MicroED. .................................................................... 82 

Figure 3.8. Growing crystals on the TEM grid by suspended drop crystalliza9on. ....................... 84 

Figure 3.9. How to handle TEM grids when FIB milling crystals. .................................................. 89 

Figure 3.10. LCP crystal sample prepara9on. ................................................................................ 90 

Figure 3.11. LCP crystal lamella targe9ng. .................................................................................... 91 

Figure 3.12. Strategy and pFIB beam se]ngs to use for milling LCP crystals. .............................. 96 

Chapter 4: Design and implementation of suspended drop crystallization. 

Figure 4.1. Suspended drop crystalliza9on. ................................................................................ 125 

Figure 4.2. MicroED structure of suspended drop Proteinase K. ................................................ 127 

Chapter 5: Eliminating the missing cone challenge through innovative approaches 

Figure 5.1. MicroED of Mpro. ..................................................................................................... 152 

Figure 5.2. Recovery of missing reflec9ons in the MicroED dataset Mpro. ................................ 153 

Figure 5.3. Sta9s9cs for preferred orienta9on data vs. missing cone-eliminated data for MPro.

 .................................................................................................................................................... 154 

Figure 5.4. Density improvements upon comple9on of the reciprocal space. ........................... 155 

Chapter 6: The structure of the neurotoxin palytoxin determined by MicroED 

Figure 6.1. Crystalliza9on of scFv-PTX ........................................................................................ 164 

Figure 6.2. The MicroED structure of PTX in complex with scFv. ................................................ 167 

Figure 6.3. Binding interac9ons between scFv and PTX. ............................................................ 168 

Figure 6.4: Molecular docking of PTX to Na,K-ATPase. ............................................................... 170 

Figure 6.5: Comparison of top docking solu9ons from patchdock and autodock vina. .............. 171 



 xiv 

 Acknowledgements 

I would like to thank my PhD thesis advisor, Dr. Tamir Gonen. From the beginning, 

Tamir set a high bar for me in the lab, and it has been a difficult climb. He has shown me 

an immense amount of support and I thank him for his incredible patience. Tamir’s 

inspiring vision and quest for precision in the research he conducts has set a valuable 

example for me and I am grateful.  

I would like to thank all the members of the Gonen lab who I have had the pleasure 

of working alongside during my PhD research. They provided me with support when I 

need it most. I thank Dr. William Nicolas (HHMI) for useful discussions that contributed to 

Chapter 3 and Dr. Steve Halaby for work that contributed to Chapter 5. 

All the work presented in this thesis was supported by funds from the National 

Institutes of Health, National Institute of General Medical Sciences (NIGMS) grant No. 

P41GM136508 awarded to Dr. Gonen, the US Department of Defense, Defense Threat 

Reduction Agency grant No. HDTRA1-21-1-0004 awarded to Dr. Gonen, and funds from 

the Howard Hughes Medical Institute. 

The work in Chapters 3-6, in addition to the funding listed above, was further 

supported by the National Institutes of Health, National Institute of Arthritis and 

Musculoskeletal and Skin Diseases (NIAMS) grant No. T32AR065972 awarded to me.  

 

  



 xv 

VITA 

 

Cody Gillman 
 

https://orcid.org/0000-0002-3548-9200 

 

EDUCATION 

Master of Science, Chemistry (2014-2016) Central Washington University 

Thesis advisor: Dr. Todd Kroll 

Bachelor of Science, Chemistry (2009-2014) Central Washington University 

Biochemistry Specialization 

HONORS 

Margaret C. Etter Student Lecturer Award         ACA Conference, 2023 

Audree Fowler Fellowship in Protein Science      UCLA, 2022 

NIH T32 Pre-doctoral Fellowship (MCBPT)      UCLA, 2022 

Whitcome Pre-doctoral Fellowship in Molecular Biology     UCLA, 2021 

SOURCE 2016 Outstanding Presentation Award       CWU, 2016 

Graduate Student Summer Research Fellowship       CWU, 2015 

Master’s Research Fellowship          CWU, 2014 

 

PUBLICATIONS 

9 Gillman, C., Bu, G., Danelius, E., Gonen, T. “Eliminating the missing cone challenge 
through innovative approaches”. (Submitted). 

8 Gillman, C., Weaver S, Clabbers, M, Shiriaeva, A, Sae Her, A, , Martynowycz M, and 
Gonen, T (2023) A comprehensive protocol for sample preparation for MicroED. 
(Submitted). 

7 Gillman, C., Patel, K., Unge, J. & Gonen, T. (2023) The structure of the neurotoxin 
palytoxin determined by MicroED. Biorxiv. PMID: 37034718. 

6 Gillman, C., Nicolas, W. J., Martynowycz, M. W. & Gonen, T. (2023) Design and 
implementation of suspended drop crystallization. IUCrJ, 10. PMID: 37223996. 

https://orcid.org/0000-0002-3548-9200


 xvi 

5 Mu, X., Gillman, C., Nguyen C, Gonen T. (2021) An Overview of Microcrystal Electron 
Diffraction (MicroED). Annu Rev Biochem, 90(1): 431–50. PMID: 34153215. 

4  Mitachi, K., Kansal, R. G., Hevener, K. E., Gillman, C. D., Hussain, S. M., Yun, H. 
G., Miranda-Carboni, G. A.,  Glazer, E. S., Clemons, W. M., & Kurosu, M. (2020) 
DPAGT1 Inhibitors of Capuramycin Analogues and Their Antimigratory Activities of 
Solid Tumors. J Med Chem, 63(19): 10855–10878.  PMC7554145. 

3 Mitachi, K., Yun, H. G., Gillman, C. D., Skorupinska-Tudek, K., Swiezewska, E., 
Clemons Jr, W. M., & Kurosu,  M. (2019) Substrate Tolerance of Bacterial 
Glycosyltransferase MurG: Novel Fluorescence based Assays. ACS Infect Dis, 6(6): 
1501-1516. PMC7286788. 

2 Mitachi, K., Kurosu, S. M., Gillman, C. D., Yun, H. G., Clemons Jr, W. M., & Kurosu, 
M. (2019) A practical synthesis of a novel DPAGT1 inhibitor, aminouridyl 
phenoxypiperidinbenzyl butanamide (APPB) for in vivo studies.  MethodsX, 6: 2305-
2321. PMC6812346. 

1 Groves, J. A., Gillman, C., DeLay, C. N., & Kroll, T. T. (2019) Identification of Novel 
Binding Partners for Transcription Factor Emx2. The Protein Journal, 38(1): 2-11. 

 

PATENTS 

1 U.S. Patent No. 63/387,479 entitled SUSPENDED SAMPLE GROWTH DEVICE 
FOR IMAGING APPLICATIONS, filed on 12/14/2022. 

 

SERVICE 

2023 Graduate Student Panelist, Student Orientation, UCLA Bruin Guardian Scholars 
(BGS) 

2022 Event Volunteer, End of Year Celebration, UCLA Bruin Guardian Scholars (BGS) 

2021 Graduate Student Panelist, Student Orientation, UCLA Bruin Guardian Scholars 
(BGS) 

  



 1 

Chapter 1: Introduction 

Microcrystal electron diffraction (MicroED) is a cryogenic electron microscopy (cryo-EM) 

technique that adapts electron diffraction movies acquired in a cryogenic transmission 

electron microscope (cryo-TEM) to data processing programs first developed for x-ray 

crystallography1. In MicroED, submicron-sized 3D nanocrystals are diffracted by a 

focused electron beam in the cryo-TEM while the sample stage is continuously rotated, 

and a diffraction movie is recorded using a fast camera. Although electron diffraction of 

frozen-hydrated crystals in cryo-TEMs was first reported in 1974 for thin crystals of the 

membrane protein catalase2, electron crystallography was not routinely applied to 3D 

crystals due to challenges associated with radiation damage and diffraction pattern 

indexing3. In 2013, Shi et al. demonstrated that if the exposure to the electron beam was 

dramatically reduced, a single 3D nanocrystal could tolerate more than 90 exposures with 

limited radiation damage. This study generated the first near-atomic resolution protein 

structure from 3D microcrystals using electron diffraction, leading to the birth of MicroED 

as a distinct branch of cryo-EM1.  

With the recent surge of technological improvements introduced to cryo-EM in the 

last decade, MicroED is becoming an increasingly important tool for structure 

investigation of proteins and small molecules for drug discovery. It is possible to diffract 

small crystals that are a billion times smaller than crystals routinely used for x-ray neutron 

crystallography in MicroED because electrons interact more strongly with matter than x-

rays do4,5. After it was discovered that seemingly amorphous powers often contain 

nanocrystals6, MicroED opened a new pathway for the routine and rapid determination of 
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atomic resolution structures from complex small molecule mixtures without any 

purification or crystallization trials necessary. To date, there are close to 100 PDB entries 

reporting MicroED structures and the number of entries is growing at a rapid rate for 

globular proteins, membrane proteins, protein complexes, peptides, and chemicals 

compounds. 

MicroED holds tremendous potential in the field of membrane protein structure 

because membrane proteins often form small crystals that are difficult to study using X-

ray crystallography7–9. Several novel membrane protein structures have already been 

determined by MicroED10–13. Employing lipid-based crystallization techniques such as 

lipidic cubic phase (LCP)14, bicelle crystallization15, and lipid reconstitution16 as a strategy 

for determining membrane protein structures is possible and attractive in MicroED 

because it is often difficult to produce crystals that meet the size requirements of X-ray 

crystallography using these techniques. Pursuing structures of membrane proteins in 

lipid-bilayer environments rather than detergent micelles environments is important 

because in the absence of long-chain lipids stacking parallel against transmembrane 

helices, as in the native environment of the cell lipid bilayer, detergent micelles may allow 

membrane proteins to adopt low-energy (i.e., non-native) structural conformations17–19.  

In Chapter 2 of this manuscript, an overview of MicroED is presented. MicroED is 

compared with the other cryo-EM modalities, which include cryo-tomography, single 

particle analysis, and 2D electron crystallography. As a relatively new cryo-EM modality, 

MicroED filled a crucial gap between the determination of structures from thin 2D crystals 

and large 3D crystals, facilitating the study of small 3D crystals. The distinct advantages 

of MicroED in various applications including drug discovery and protein structure is 
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discussed in detail. Next, the workflow, from preparation of MicroED crystal samples to 

data collection and processing, is discussed. Also in this section is an introduction to how 

cryogenic focused ion beam (FIB) milling has been implemented in the MicroED workflow 

for samples that are too thick for electron transmission. Since MicroED is ideally suited 

for protein nanocrystals20,21, when crystals are too thick for traditional MicroED, thereby 

blocking the transmission of scattered electrons, thinning the crystals using cryo-FIB 

milling prior to MicroED diffraction is a powerful approach.   Last in this section are 

discussions of the areas of MicroED that are still under development, including 

overcoming radiation damage and solving the phase problem. This work has been 

published as:  

Mu, X., Gillman, C., Nguyen C, Gonen T. (2021) An Overview of Microcrystal 

Electron Diffraction (MicroED). Annu Rev Biochem, 90(1): 431–50. 

In Chapter 3, a comprehensive protocol for MicroED sample preparation is 

presented. This manuscript starts with an in-depth discussion of the history of electron 

crystallography and how sample preparation procedures have evolved over time. This is 

followed by an overview of the considerations that should typically be made during the 

design of a MicroED experiment based on the nature of the crystal sample. A specialized 

protocol for milling crystals of membrane proteins grown in lipidic cubic phase (LCP) was 

developed in the Gonen lab and is includes as well as a protocol for suspended drop 

crystallization, which allows users to bypass sample transfer and blotting. This work has 

been submitted as:  
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Weaver S, Clabbers, M, Shiriaeva, A, Sae Her, A, Gillman, C, Martynowycz M, and 

Gonen, T (2023) A comprehensive protocol for sample preparation for MicroED. 

(Submitted). 

In Chapter 4, an alternative workflow for MicroED dubbed “suspended drop 

crystallization” is presented. The conventional workflow for MicroED entails transferring 

the crystal sample from the crystallization tray to an EM grid with a perforated carbon 

support film. The EM grid is then blotted to remove excess crystallization media and 

plunge frozen in liquid ethane or nitrogen. In some cases, physically transferring and 

blotting crystal samples are challenging steps to perform and can introduce significant 

bottlenecks during sample preparation. In suspended drop crystallization, a novel method 

for crystal growth that we envisaged is employed that allows one to bypass both the 

crystal transfer and blotting steps during sample preparation. Here, the protein sample 

and precipitant are mixed directly on a bare EM grid that is absent of the perforated carbon 

support film. Because vapor diffusion can occur from all sides of the drop, the drop is 

effectively “suspended” by the grid bars alone. An apparatus that allows the grid to be 

suspended above crystallization mother liquor during crystal growth was designed and 

3D printed in-house. Once crystals have formed, the grid with drop is removed, frozen, 

and crystals are access by generating a lamella with a cryo-FIB/SEM. The prepared 

lamella is then transferred to a cryo-TEM and MicroED data is acquired. Suspended drop 

crystallization overcomes many of the challenges associated with sample preparation, 

providing an alternative workflow for crystals embedded in viscous media, sensitive to 

mechanical stress, and/or suffering from preferred orientation on EM grids. This work has 

been published as:  
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Gillman, C., Nicolas, W. J., Martynowycz, M. W. & Gonen, T. (2023) Design and 

implementation of suspended drop crystallization. IUCrJ, 10. 

In Chapter 5, a new methodology that solves a technical issue sometimes 

experienced in MicroED – referred to as the “missing cone” – is presented. The missing 

wedge is a hurdle that occurs when crystals with plate-like morphologies recurrently adopt 

a preferential orientation on the EM grid, lying flat with one axis perpendicular to the 

support surface. When this is the case, all acquired MicroED datasets represent the same 

wedge of reciprocal space, thus merging multiple datasets together is nonadditive and 

fails to improve dataset completeness. Without the missing wedge of data, it may not be 

possible to make a structure determination. In cases where a structure can be 

determined, despite the low dataset completeness, the quality of the density map will be 

poor. To address the missing cone problem, we designed an experimental approach that 

allows one to directly target the missing wedge of the crystal lattice using a workflow 

similar to that demonstrated in “suspended drop crystallization”. A slurry of crystals that 

would otherwise adopt preferred orientations was added to a support-free grid and 

crystals were frozen in random orientations. The crystals that appeared as thin needles 

rather than plates when viewed normal to the grid surface were targeted for cryo-FIB 

milling. The crystal fragment that was preserved in the milled lamella presented the 

missing wedge of the crystal lattice and a MicroED diffraction dataset was collected. This 

dataset was merged with previously obtained datasets representing the preferred 

orientation. The missing cone was filled, and the completeness significantly improved. 

The structure statistics and map quality also significantly improved. This work has been 

submitted as: 
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Gillman, C., Bu, G., Danelius, E., Nannenga, B., Gonen, T. (2023) Capturing the missing 

wedge in MicroED. (Submitted). 

In Chapter 6, the MicroED structure of palytoxin (PTX), a potent neurotoxin 

produced by marine corals of the genus Palythoa, is presented. PTX is a 2.7 kDa 

nonproteinacious molecule that binds the integral membrane protein complex Na,K-

ATPase very tightly and is an extremely lethal poison22–27.  Na,K-ATPase maintains the 

electrochemical gradient of sodium and potassium across the plasma membrane by 

hydrolyzing ATP to pump three sodium ions outside the cell and two potassium ions inside 

the cell28. When bound by PTX, Na,K-ATPase is converted from an active ion pump to a 

passive cation pore that allows sodium and potassium to move down their concentration 

gradients27,29,30. The irreversible depolarization of the membrane results in violent 

contraction of skeletal muscles, heart failure31, hemolysis32, platelet aggregation33, bone 

resorption34, and tumorigenesis35.  

Following isolation from Palythoa, the dinoflagellate Ostreopsis spp. was found to 

also be a primary producer of PTX and many different analogues25.  Inhalation of 

Ostreopsis during blooming events has caused many cases of severe illness and 

hospitalization36. In tropical waters containing PTX producers, PTX can move up the food 

chain and accumulate to deadly levels in popular seafood, including fish, crabs, sea 

urchins, and mussels24,37–40. Cases of exposure also occur when aquarium hobbyists 

mishandle Palythoa coral or inhale aerosolized PTX41,42. To date, there are no known 

treatments for PTX exposure other than direct injection to the heart immediately after 

exposure43. Despite over a half century of scientific investigation, very little has been 
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uncovered regarding the three-dimensional structure of palytoxin when bound to Na,K-

ATPase.  

We determined the first 3D structure of PTX in complex with a short chain variable 

fragment (scFv) using MicroED at 3.2 Å resolution. The 3D binding mode of PTX 

determined by the MicroED structure was used to perform docking simulations to 

determine the potential binding mode of PTX on Na,K-ATPase. This study provides 

valuable insights on the mechanism of PTX, which can be used in the development of 

anti-PTX molecules that inhibit the binding of PTX on Na,K-ATPase. This work has been 

submitted as:  

Gillman, C., Patel, K., Unge, J. & Gonen, T. (2023) The structure of the 

neurotoxin palytoxin determined by MicroED. Biorxiv preprint (submitted). doi: 

10.1101/2023.03.31.535166 
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Abstract 

The bedrock of drug discovery and a key tool for understanding cellular function and drug 

mechanisms of action is the structure determination of chemical compounds, peptides, 

and proteins. The development of new structure characterization tools, particularly those 

that fill critical gaps in existing methods, presents important steps forward for structural 

biology and drug discovery. The emergence of microcrystal electron diffraction (MicroED) 

expands the application of cryo–electron microscopy to include samples ranging from 

small molecules and membrane proteins to even large protein complexes using crystals 

that are one-billionth the size of those required for X-ray crystallography. This review 

outlines the conception, achievements, and exciting future trajectories for MicroED, an 

important addition to the existing biophysical toolkit.  
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Introduction 

Cryo electron-microscopy (CryoEM) encompasses techniques that use a 

transmission electron microscope (TEM) to extract structural information about cellular, 

protein, peptides, and chemical samples1–3. Since its inception, CryoEM has provided 

complimentary methods for structural determination of samples that may be intractable 

by other structural techniques. 

To date, of the nearly 150,000 protein structures deposited in the PDB, 90%, 8%, 

and 2% were solved by X-ray crystallography, NMR, and CryoEM, respectively. Despite 

trailing in the overall number of structures determined, CryoEM has experienced a recent 

surge driven by the advent of improved hardware4–6 data processing software7–10, and 

innovative practices for sample preparation11. Progress in detector technology, in 

particular, arguably had the greatest impact on the recent successes in CryoEM12. As a 

result, the number of high-resolution structures determined by these techniques has 

grown at a rapid rate since the first atomic-resolution cryoEM protein structure was 

determined in 200513. Further, since cryoEM facilities have become much more readily 

accessible in the last decade, on track to be on the scale of X-ray crystallography, 

structural biologists around the globe are increasingly becoming equipped to tackle 

notoriously difficult targets and to push the resolution limits that can be achieved by 

CryoEM14. Owing to this progress, in 2017, for the first time, CryoEM surpassed NMR for 

the number of annual entries in the PDB15. 

In this chapter, the accomplishments and future directions of the CryoEM technique 

microcrystal electron-diffraction (MicroED) are discussed. MicroED was developed for 

structure determination of proteins using very small 3D microcrystals16. In 2013, Shi et al. 
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demonstrated that a single 3D lysozyme crystal could tolerate more than 90 exposures 

with limited radiation damage, if the exposure to the electron beam was dramatically 

reduced by two orders of magnitude. This seminal study generated the first near-atomic 

resolution protein structure from 3D microcrystals using electron diffraction, leading to the 

birth of MicroED as a distinct branch in cryoEM modalities16. Since 2013, numerous 

improvements in the MicroED workflow and technology have been invented and 

implemented to streamline and democratise the application of MicroED for broader use. 

CryoEM modalities include single particle analysis (SPA)17–19, cryo-electron 

tomography (cryo-ET)20–22, two-dimensional (2D) electron crystallography23,24 and 

MicroED16,54 (Figure 2.1).  

Figure 2.1. Four modalities of cryoEM. From left to right. A model of the HeLa cell 

nuclear periphery25 (Reprint permission from AAAS) by tomography. Model of 

COVID-19 spike protein by SPA26 (Reprint with permission from AAAS). The 

structure of bacteriorhodopsin determined by electron crystallography27 of 2D 

crystals (Reprint from reference 36) and the structure of catalase determined by 

MicroED28 of 3D crystals (Reprint from reference 37).  
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SPA uses high-magnification imaging of purified samples, typically proteins, for 

reconstruction of 3D models29. During SPA, thousands of 2D projection images of ice-

embedded particles are captured. Because particles are often positioned in random 

orientations on the EM grid, the images can be classified based on particle orientation 

using alignment algorithms10,30,31. The 2D projection averages obtained are then used to 

reconstruct 3D models32–34. Since SPA does not require crystallization, this technique is 

ideal for proteins that resist forming well-ordered crystals, typical of large complexes and 

flexible or highly dynamic proteins. Another advantage to SPA is the ability to capture 

different conformational states of proteins, particularly those regions that may have a high 

degree of flexibility35. There are, however, many challenges intrinsic to SPA, including 

bottlenecks associated with sample preparation, vitrification, and imaging, that make 

obtaining high-resolution information difficult.  The molecular weight limit is arguably the 

greatest caveat of SPA. It is exceedingly difficult to determine the structures of particles 

with molecular weights below 40 kDa36,37,  which is bigger than the average size of a 

protein in the cell.   

 In CryoET, imaging by TEMs is used to generate models of proteins in the context 

of their native cellular environments38–41. This technique provides valuable insights into 

subcellular localization and organization of macromolecular complexes41, in particular 

those that may be too transient or difficult to capture in vitro. The workflow for CryoET is 

similar to SPA, with a few key differences. Instead of purified proteins, whole 

microorganisms or cells are vitrified on the EM grid and sliced into thin cross-sections 

using a scanning electron microscope coupled with a focused ion beam (FIB-SEM)42–44. 

Images are taken at different tilt angles, aligned, and merged to produce 3D 
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reconstructions of the region of interest22,45,46. The clear advantage of CryoET is the ability 

to recapitulate models of macromolecular complexes within the context of their native 

cellular environment38–41,47. The major drawbacks of CryoET are low-throughput workflow 

and difficulties in achieving high-resolution48. The latter is mainly due to repeated high 

electron dose exposure required for imaging of a single region leading to severed beam 

induced radiation damage. 

Unlike SPA and CryoET, which depend on imaging, 2D electron crystallography 

and MicroED can also take advantage of diffraction. 2D crystallography was developed 

specifically for membrane proteins that form crystalline material in a lipid bilayer49. In the 

TEM, 2D crystals are diffracted using a focused electron beam. The diffraction patterns 

are indexed and merged to create a 3D model50. The appeal of this technique stems from 

the ability to stabilize the membrane protein of interest in an environment that mimics the 

native membrane51,52 or by directly isolating native 2D crystals from cells23,53,54. However, 

like X-ray crystallography, a major bottleneck for 2D crystallography is often the time-

consuming optimization trials required to successfully grow 2D crystals which consumes 

large amounts of highly pure protein19. Another limitation is that 2D crystals are highly 

susceptible to radiation damage2,17. As such, acquiring a complete dataset in 2D electron 

crystallography often requires diffraction and merging of data from hundreds or thousands 

of individual crystals13,55,56.  
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 MicroED was developed as a hybrid method that exploits the advantages of both 

cryoEM and X-ray crystallography16,53. In MicroED (Figure 2.2), an electron beam set at 

an ultra-low dose rate is used for diffraction from 3D crystals that are a billionth the size 

that is required for X-ray crystallography57. During the exposure, the crystal is 

continuously rotated by the sample stage58,59  as the data is recorded as a movie using a 

fast camera. Each frame in this movie 

contains a wedge of reciprocal space so 

the data can be processed using 

standard X-ray crystallographic software 

to generate 3D models60. The main 

advantage of MicroED is the ability to 

diffract and extract high-resolution 

structural information from samples that 

resist forming large crystals while using 

significantly less material. The charged 

state of the sample is determined with 

MicroED because electrons, as charged 

particles, can probe electrostatic 

potential of matter27,61–63, whereas X-

rays, in sharp contrast yield an electron 

density map64. Thus, MicroED offers 

users the advantage of mapping the 

charged, electrotatic states of atoms in 

 

Figure 2.2. Overview of MicroED. An image 

of an EM grid in bright field during scanning 

for microcrystals (Top left). Once located, a 

microcrystal is exposed to an electron beam 

in diffraction mode while the crystal is 

continuously rotated on the sample stage.  

The diffraction data are then collected as 

movie using a fast camera. 
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structures. Lastly, all MicroED structures determined to date were done to relatively high 

resolution.  

With the recent surge of technological improvements introduced to CryoEM in the 

last decade, MicroED is increasingly becoming an important tool for structure 

investigation of proteins and small molecules for drug discovery. To date, there are close 

to 100 PDB entries reporting MicroED structures, and the number of entries is growing at 

a rapid rate for globular proteins, membrane proteins, protein complexes, peptides, and 

chemicals compounds. The application of faster and more sensitive electron detectors, 

including direct electron cameras, automated pipelines for data collection and analyses, 

and specialized computational methods is expected to elevate the potential that MicroED 

holds for transforming the capabilities of macromolecular crystallography.  

MicroED Workflow  

 Growing protein crystals for MicroED follows the same established pipelines as for 

X-ray crystallography; however, MicroED is useful for extracting structural information 

from crystals that are a billionth the size required for X-ray diffraction57. The initial 

identification of microcrystals, however, requires practice as they are difficult to visualize 

under a light microscope65. Microcrystals can be identified in crystallization drop 

experiments using alternatives detection methods including UV fluorescence, Second 

Order Nonlinear Imaging of Chiral Crystals (SONICC)66, fluorescence microscopy or  

negative-stain electron microscopy67. Crystallization drops that appear “cloudy,” which 

are ordinarily considered failed crystallization experiments for X-ray diffraction, should 

also be carefully inspected as micro- and nano-crystals may be present62. Once 
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microcrystals have been obtained, the crystal solution is transferred to a glow-discharged 

EM grid, blotted to remove excess solution, and cryo-cooled by plunging into liquid 

ethane60.  For anhydrous samples, typically small molecules or natural products, the 

crystals, often as powder, are applied directly to an EM grids68 and analyzed under 

cryogenic conditions57 to minimize beam damage69. In some cases where the samples 

are robust, MicroED analysis can be conducted without cooling70. When larger crystals 

form (1-5 microns, sizes that are still challenging for traditional X-ray crystallography but 

too big for MicroED) fragmentation methods71 or focused ion beam milling on a scanning 

electron microscope (FIB-SEM) can be used to generate smaller crystals for MicroED72–

75. 

 Once the sample is on the EM grid, the samples are then loaded onto the TEM 

under cryogenic conditions for data acquisition. The grid is typically surveyed in bright 

field mode or overfocused diffraction to assess overall ice thickness and identify sites that 

contain crystals of appropriate sizes without significant exposure to the damaging beam76. 

Once crystals are located, a test diffraction pattern is recorded to assess crystal quality76. 

This step can be achieved using automated software such as serial EM77. If high-quality 

diffraction is observed, a dataset is recorded on a fast camera as a movie with the electron 

dose rate (exposure) set to 0.01–0.05 e-Å-2s-1 while the crystal is continuously rotated on 

the sample stage58,60. This does rate is ~100x lower than what is used for other cryoEM 

modalities. Continuous rotation of the sample in MicroED improves the accuracy of the 

reflection intensities and reduces the effects of dynamical scattering16,58,60,78 leading to 

superior datasets compared with still-diffraction.  
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 Continuous rotation of the crystal at a fixed speed during diffraction in MicroED is 

analogous to the rotation method used in X-ray crystallography where individual frames 

in the MicroED movie contain a wedge of reciprocal space76,79. As such, MicroED data 

can be directly processed using standard crystallographic software72,80. MicroED data has 

been successfully  indexed, integrated, and scaled using standard X-ray crystallography 

software including XDS81, iMOSFLM82, DIALS83, SHELX84, and HKL200080. High-

resolution (better than ~1.2 Å) datasets are required for solving structures by ab initio 

methods84. As such, historically, the majority of protein structures solved by MicroED have 

depended on molecular replacement to solve the phase problem, which is contingent 

upon the availability of a search model with high homology85. Recent breakthroughs in 

phasing strategies including the use of imaging86–89, fragment based phase extension27, 

ARCIMBOLDO90, and radiation damage91 have been successful as alternative methods 

to phasing.   

Advantages and Application of Microcrystals for MicroED  

           The growth of large and well-ordered single crystals suitable for X-ray analysis is 

a major rate-liming step for structure determination of proteins92, especially those that are 

localized to the membrane or form complexes. Quality biochemical preparation of protein 

samples is essential for all structural characterization. This includes determining the 

conditions to obtain highly pure andar stable protein or their complex of interest. Because 

electrons interact with matter more strongly than X-rays and those interactions result in 

more useful elastic scattering events65, the crystals needed for MicroED can often be a 

billionth the size of those needed for X-ray diffraction. As such, MicroED fills an important 
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gap in biophysics to enable structure elucidation from samples that may not be tractable 

by other methods.  

Small crystals, those that can be used for MicroED, offer several advantages over 

larger crystals. Small crystals are typically much easier to obtain than larger ones, which 

typically also contain more detrimental pathologies such as twinning, multiple and/or 

mosaic lattices71,93 Smaller crystals suffer less long-range defects and tend to be better 

ordered. Line-width analysis of powder protein crystallography has shown that 

nanocrystals may be more useful, containing fewer defects that contribute to increased 

mosaicity49. Comparative analysis of eight different samples using both X-ray and 

MicroED found that smaller crystalline domains  resulted in higher resolution and better-

quality data than the larger parent crystals71.  

           The advantage offered by small crystals have expanded the application of MicroED 

to the study of small organic and inorganic molecules as well as peptides and natural 

products16,55,56,94,95. Between 2016-2018, MicroED made an important leap in method 

development for structure determination of small molecules as powders instead of grown 

crystals57,68,93,96 and directly from mixtures65. Chemical compounds often crystallize as 

multiple different lattices, referred to as polymorphs. The presence of multiple crystal 

lattices in a single experiment, particularly those in mixtures of small, nano-sized crystals, 

have posed major hurdles for structural characterization by X-ray diffraction95. In sharp 

contrast, MicroED was able to obtain distinct structures from a mixture of powders 

containing nano-crystals of several different small-molecules and natural products57,68. In 

these studies, hydrogen atoms of the small-molecules, including Carbamazepine, 

prescribed today for the treatment of convulsive and bipolar diseases97,98, were identified 
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(Figure 2.3). 

Many other 

structures of small-

molecules have been reported by MicroED recently, including, Grippostad95, an antiviral 

drug for treatment of the common cold and the flu99, and a recent example of the non-

fulleren acceptor (NFA) semi-conductive material ITIC-Th (Figure 2.3).   

 

 

 

 

 

 

 

Figure 2.3. Examples of structures of small-molecule chemical compounds by 

MicroED. 

While nanocrystals, not thicker than ~500 nm, are ideal for MicroED, thicker 

crystals (that are still too small for X-ray) can also be optimized for MIcroED. Large 

crystals can be trimmed to appropriate sizes for MicroED by mechanical fragmentation 
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methods71 or FIB-SEM72–75. Several mechanical fragmentation approaches have been 

applied to prepare large crystals for MicroED, including sonication, vigorous pipetting, and 

vortexing71. Generally, the gentler fragmentation through pipetting is better for fragile 

samples, while harsher methods, such as vortexing and sonication, are needed to break 

more robust crystals. As proof-of-principle, eight proteins, lysozyme, xylanase, thaumatin, 

trypsin, proteinase K, thermolysin, TGF-bm–TßRII, and a segment of the tau protein, with 

molecular weights ranging from 0.7 to 34.6 kDa and solvent contents between 30% to 

60% were fragmented and their structures determined by MicroED71. The first six of these 

proteins are standard model systems. The last two samples, transforming growth factor 

beta paired type II complex, TGF-bm–TßRII, and a segment of the tau protein, are non-

standard and tended to form large, imperfect crystals. In all examples the large crystals 

were fragmented by one of the three mechanical methods mentioned above before 

transferring onto cryoEM grids for MicroED. The distribution of micrometer- or nanometer-

sized crystal fragments on the EM grid was relatively uniform, and single-crystal data sets 

were collected by continuous rotation. The standard samples obtained by MicroED are 

comparable or, in some cases, higher in resolution than those obtained by X-ray 

diffraction71. For the two non-standard samples, the resolution obtained from fragmented 

crystallites was better than the parent crystals and, in one case, the resolution of the 

structure improved from 8 Å in X-ray to ~1 Å in MicroED. These results suggest that 

mechanical fragmentation itself does not lead to additional adverse damage to the crystal 

lattice and instead is a viable method for sample preparation for MicroED.  

FIB milling of frozen protein crystals is another approach for sample preparation 

for MicroED. During this process, the FIB is used to mill away and remove excess material 
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from the crystal to generate lamellae with appropriate thickness for MicroED72–74,100,101 

(Figure 2.4).  Pre-coating samples with a thin layer of platinum is used to protect the 

sample72. Platinum coating can also enhance the physical stability of the grid, working as 

a protective layer above the specimen. Cryo-FIB milling of lysozyme crystals have been 

shown to preserve the internal structure of trimmed lamellae and could maintain high-

resolution diffraction capacity. In combination with MicroED, FIB milled lamellae of 

crystals generated a 1.9 Å resolution lysozyme structure72. To further push the boundaries 

of samples that could be used for structure determination by FIB mill-MicroED, new 

crystal “polishing” protocols were established74. Using proteinase K as a model system,  

Figure 2.4. FIB milling of crystals for MicroED. (A) Image of select proteinase K 

crystals at high magnification before milling. The arrow indicates the crystal that was 

milled in (C).  (B) FIB image of select crystal from (A) after milling the top of the 

crystal. (C) FIB image of crystal after milling and cleaning both the top and bottom of 

the crystal leaving a lamella indicated by an arrow. (Reprint from reference69). 

a lower-current ion beam was used as a final polishing step of the crystals by trimming 

away flanking regions of lamellae. Because the final FIB current used was lower, the 

amount of radiation decay was reduced. This strategy was successful in improving the 

resolution of the proteinase K crystal lamellae to 1.79 Å74. Fragmentation and milling 

widen the application range crystals sizes suitable for MicroED without significant 

additional effort required for sample screening.  
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             Structures of proteins bound with small molecule ligands provide important 

information about mechanism of action, insights that are vital for dissecting protein 

function to lay the groundwork for drug discovery and development (Discussed further 

below). These protein-ligand crystal complexes are generated by either co-crystallizing 

the protein with the ligands or soaking ligands into pre-formed protein crystals102. Here,  

MicroED offers another advantage as diffusion of small molecules into small crystals is 

more efficient than diffusion into large crystals103. A recent study demonstrated that simply 

soaking small molecules into pre-formed proteinase K microcrystals on TEM grid was 

sufficient to yield a high-resolution structure where several ligands were observed at high 

occupancy104. Ligand soaked crystals combined with MicroED offers strategies to 

improve the current drug discovery pipeline.  

A robust method for structure determination using single 3D nanocrystals  

           The very first novel protein structure determined by electron diffraction was that of 

the water channel Aquaporin-013,105, which formed very thin double layered crystals. 

Although labelled as 2D crystals the crystals had two layers officially making them 3D 

crystals. Electron diffraction data was collected from thousands of crystals and data from 

more than 200 were integrated, merged and yielded a fully refined structure at atomic 

resolution at 1.9A in 200513. In 2013 MicroED established robust streamlined methods for 

the collection of data using single 3D nanocrystals and in 2015 the first novel structure 

was determined by continuous rotation MicroED – that of the α-synuclein NACore (Figure 

2.5a), the underlying pathology of Parkinson’s disease106. α-synuclein NACore resisted 

structure determination for more than 10 years because large crystals could not be 

obtained. The microcrystals used for MicroED were invisible by light microscopy and not 
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suitable for X-ray diffraction studies. These tiny crystals, however, yielded an atomic-

resolution 1.4 Å resolution structure of α-synuclein NACore by MicroED, enabling the 

observation of protons by cryoEM65. Another four prion peptides from Sup35 prion protein 

were also determined by MicroED at 1 Å resolution in 201693. The high resolutions 

achieved in these studies allowed ab initio structure determination by direct methods 

(Discussed below). 

Membrane proteins that are crystallized in the form of protein-detergent micelles, 

bicelles, or in lipid cubic phases, often have fewer crystal contact sites than soluble 

proteins. As such, membrane proteins are especially fragile and tend to grow small 

crystals that diffract poorly. In 2015, MicroED was successfully used to determine a 3.4 Å 

resolution structure of the membrane protein Ca2+-ATPase using ultrathin 3D protein 

crystals63 (Figure 2.5b). Importantly, the Coulomb potential maps that were generated by 

MicroED contained unique information about the charged states of amino acid residues, 

cofactors, and ligands. In 2018, the structure of the nonselective cation channel NaK 

(Figure 2.5b), was captured in two new conformations by MicroED62. Because MicroED 

can be used to gauge the charge-states of chemical moieties in structures, hydrated Na+ 

ions could be visualized at the entrance of the channel pore to reveal a new transient 

state in which a partially hydrated sodium ion occupied the entrance to the channel 

selectivity filter. Together, these studies demonstrated the capacity of MicroED to 

investigate dynamics and Coulomb potential in membrane proteins structures. In addition 

to membrane proteins, MicroED also successfully determined the structure of TGF-

βm:TβRII107. This complex formed large yet poorly-ordered crystals without growth 

optimization, posing considerable challenges for X-ray crystallography. Breaking these 
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large, poorly-ordered into fragments produced well-diffracting microcrystals (Discussed 

above) that yielded diffraction data at atomic-resolution of the TGF-βm:TβRII complex107 

(Figure 2.5c).   

MicroED in Drug Discovery 

 Structural characterization of proteins, as well as ligands and protein-ligand 

complexes is challenging, presenting a major bottleneck in rational drug design and  

 

Figure 2.5. Examples of protein structures solved by MicroED that were challenging 

by other techniques. (A) Structure of α-synuclein core65 (PDB 4ZNN). (B) MicroED 

structures of the membrane proteins rendered as cyan and green ribbon for Ca2+ 

ATPase (PDB 3J7T/U)63 and NaK (PDB 6CPV)62, repectively. (B) MircoED 

structure of the TGF-βm:TβRII protein-protein complex (PBD 5TY4)71. Protein 

rendered as pink and magenta ribbon for TGF-βm and TβRII, respectively. 

development. MicroED has already contributed to drug discovery efforts through structure 

determination of protein-ligand complexes and supra-resolution (better than ~1 Å 

resolution) of bioactive small-molecules and natural-products. The very first drug 

discovery study using MicroED was that of homohexameric HIV GAG capsid protein in 
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complex with the viral maturation inhibitor bevirimat108. HIV Gag is a structural protein 

required for the budding of mature, infectious HIV viral particles from host cells109 (Figure 

2.6). Prior to the release of the viral particles and during viral maturation, the GAG proteins 

must be processed through proteolytic cleavage by HIV proteases at several sites110. 

Bevirimat is a small molecule ligand that binds directly to GAG to block the proteolytic 

processing of GAG111. The unprocessed and un-cleaved GAG protein results in the 

release of immature and noninfectious HIV particles111. Although bevirimat reached  

 

Figure 2.6. The structure of HIV GAG-bevirmat complex by MicroED. (A) Overall 

architecture of HIV GAG-bevirimat complex108 (Reprint from reference 72). (B) 

Expanded view of the bevirimat binding site in the pore of HIV GAG108 (Reprint from 

reference 72). 

Phase IIb clinical trials, it was never fully developed into a marketed therapeutic because 

drug efficacy was low and many patients were unresponsive to the drug. At the time, the 

mechanism-of-action of bevirimat was unknown, abrogating efforts to reengineer this drug 

for its full therapeutic potential. To better understand the mechanism-of-action, the 

structure of HIV GAG in complex with bevirimat has been pursued by X-ray 

crystallography. Efforts to determine structure of GAG- bevirimat complex by both co-
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crystallization and ligand soaking failed to produce crystals useful for X-ray diffraction. 

However, coupling time-resolved studies with MicroED allowed for structure 

determination of this elusive complex. To obtain MicroED data of the complex, bevirimat 

was added to GAG crystals on EM grids and immediately frozen in liquid ethane. This 

strategy allow for rapid diffusion of the ligand into the crystals (See section on Advantages 

and Application of Microcrystals for MicroED) while preserving the structural integrity of 

the GAG microcrystals108 (Figure 2.6a). The HIV GAG-bevirimat MicroED structure 

revealed the binding-site of the drug, wedged in the 6-fold axis of the Gag hexamer where 

bevirimat acts as an allosteric inhibitor to prevent processing by proteases, trapping the 

immature form of HIV108 (Figure 2.6b). This MicroED structure revealed the bevirimat 

mechanism of action, laying the groundwork for chemists to modify this ligand to tune the 

chemical properties of derivatives for altered bioactivity and future therapeutic application.   

Although MicroED was originally developed for studying protein assemblies16,28, it 

rapidly expnded as a powerful tool for structural characterization of small-molecules and 

natural-products. One of the first MicroED structures of a small-molecule drug was that 

of carbamazepine in 2016 to 1 Å resolution112 (Figure 2.3). Importantly, the ab initio 

carbamazepine structure was the first to demonstrate that MicroED data can be obtained 

from samples prepared under anhydrous conditions, at room temperature, using 

continuous rotation, and with phases solved by direct methods. These new developments 

expanded the application of MicroED for structure determination of chemical compounds 

by circumventing the challenging and, often, laborious steps involved in the preparation 

of hydrated samples under cryogenic conditions65. In 2018, the structure of frozen and 

hydrated carbamezapine was determined using a break-through method for grid 
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preparation where powders were used for MicroED instead of grown crystals68. Under 

cryogenic conditions, the MicroED structure of carbamezapine was determined at a 

higher resolution compared with the room temperature study; and all hydrogen atoms 

were identified. Later in 2018, the structure of 12 different small moleules57 as well as 

MBBF495, a methylene blue derivative with wide medical applications including its activity 

as a photo-activatable antimicrobial agent113, was solved, further solidifying the 

capabilities of continuous rotation MicroED for small molecule structure determination57 

(Figure 2.3).   

Unlike small-molecules, biosynthesized natural-products are typically larger, structurally 

dynamic, obtained in small quantities, and are difficult to crystallize, posing considerable 

challenges for X-ray studies. When natural-products do crystallize, these crystals are 

often too small and do not yield structures by X-ray diffraction114,115. Using the powder to 

structure pipeline68, the structure of Brucine116 (Figure 2.7), an alkaloid toxin with 

anticancer properties116, was obtained by MicroED. The MicroED structure of brucine at 

0.9 Å resolution allowed for definitive assignment of its chiral centers, key for 

understanding its toxicity and anticancer properties57. Relative to brucine, amino-acid 

derived natural-products called ribosomally synthesized and post-translationally modified 

peptides (RiPPs) are large, reaching several kilodaltons in size117. 3-thiaGlu114 and 

thiostreptin are two examples of RiPP natural-products with structures determined by 

microED118 (Figure 2.7). Thiostreptin is a RiPP antibiotic currently used in veterinary 

medicine118. Although, thiostreptin has been studied by NMR114 and X-ray 

crystallography119, the ease of its characterization by the powder to structure pipeline 
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speaks to the robustness of MicroED for structural characterization of large, flexible 

natural-products (Figure 2.7).  

 

 

Figure 2.7. Examples of natural products with structures determined by MicroED.  

 

Genome analysis of a plant pathogen pseudomonas Syringae pv. maculicola revealed 

a gene cluster encoding an unusual combination of biosynthetic enzymes that produces 

an unknown natural product114. Analysis of the biosynthetic enzymes revealed that, unlike 

other RiPPs, biosynthesis of the final natural product, later called 3-thiaGlu (Figure 2.7), 

involves the extension of the peptide in an ATP and amino acyl-tRNA-dependent manner, 

instead of the canonical scheme via the ribosome114. Completion of the biosynthesis of 

3-thiaGlu also requires several additional steps including proteolysis of a terminal 

cysteine for installation of the glutamylated thiol group, a peptide modification that blocks 

jasmonate and ethylene signaling pathways120. Despite considerable effort, X-ray 
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crystallography failed to generate a structure of 3-thiaGlu. Using nano-crystals, MicroED 

readily provided a 0.9 Å resolution of the 3-thiaGlu peptide (PDB 6PO6)114, allowing 

assignment of the chiral centers and providing further evidence for the proposed 

biosynthetic scheme and RiPP. 

 Like the difficulties encountered for 3-thiaGlu, the structures of non-canonical 

amino acids, 3-methyloxindole and 1-methyl-2-indanone (Figure 2.7) was only solved with 

the application of MicroED115. These non-canonical amino-acids are products from the 

condensation of 3-substituted oxindoles and L-serine, a reaction catalyzed by an 

engineered TrpB enzyme through directed evolution. The MicroED structure of the 3-

methyloxindole and 1-methyl-2-indanone products from the engineered TrpB provided 

evidence of the newly installed S- configuration at the g carbon, broadening the 

application of the enzyme for asymmetric catalysis. Here, the structures of these amino-

acids by MicroED was used to inform biosynthetic pathways for green chemistry.  

Thus far, MicroED still requires internal markers to determine the absolute 

configuration of chemical compounds114,115. For instance, internal markers such as a 

naturally occurring L amino acid is typically incorporated and used to deduce the relative 

configuration of all other centers in natural product and small molecule samples. Moving 

forward, the development of strategies for determining the absolute configurations of 

chemical compounds without the use of internal markers would widen the application of 

MicroED for drug discovery.  
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Overcoming Radiation Damage in MicroED   

To date, radiation damage remains a major obstacle for all structural studies, 

leading to reduced resolution, poor map quality, and structural damage by bond breakage 

and even gross morphological decay121. For protein X-ray crystallography, the first study 

that addressed radiation damage dates back to 1962 when Blake & Phillips measured the 

loss in intensities of reflections as a function of time of X-ray exposure122. Several 

subsequent studies, including those by Hendrickson, moved the field from room 

temperature to cryogenic data collection to minimize the effects of radiation damage123.  

Radiation damage can be subcategorized into two forms: global and site-specific. 

Global radiation damage typically results from the disruption of the crystal lattice, leading 

to decreases in the intensities of diffraction patterns. This phenomenon can be detected 

during data-processing when changes in unit cell dimension124 and increases in B-factors 

are observed125. On the other hand, site-specific radiation damage is not uniform, 

accumulates at certain chemical moieties, are not typically detected during data 

processing, and observable only during examination of the real-space map126. For both 

global and site-specific radiation damage, the degree of sample decay depends, among 

other things, on the composition of the sample, the surrounding solution, and is 

proportional to the amount of energy used124–126.  

Using proteinase K as a model system, both global and site-specific radiation 

damage have been examined in MicroED69 (Figure 2.8). These studies illustrate that the 

increase in electron beam total dose (from 1.1 e− Å−2 to 3.1 e− Å−2) resulted in greater loss 

of detectable reflections in higher resolution shells of MicroED data69 (Figure 2.8a). The 
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higher exposures during MicroED experiments also resulted in increases in unit cell 

dimensions and B-factors, both indicators of global radiation damage (Figure 2.8b). 

 

 

Figure 2.8. Radiation damage in MicroED. (A) Proteinase K recorded at an 

exposure rates. (B) Volume and B-factor were averaged across all the crystals at 

each exposure for proteinase K. (C) Density loss in arbitrary units for all the amino 

acids, ligands, and ions present in the refined models of proteinase K.  

 

Similarly, higher exposures also led to greater site-specific radiation damage that 

accumulated on specific amino-acids including glutamatic acid, aspartic acid, and 

cysteines suggesting that radiation damage in MicroED follows similar trends to radiation 

damage in X-ray crystallography (Figure 2.8c). To curb the effects of radiation damage, 

samples are often vitrified127. However, even the combination of vitrification, continuous 

rotation data collection, and exposure to extremely low doses of electrons (0.01 e−/Å2/s) 

during MicroED experiments, samples can still suffer from radiation damage69.  However, 

recent studies suggest that by using a faster and more sensitive camera, the direct 

electron detector Falcon 3, radiation damage can be outrun114,115,128 (Figure 2.9).  
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Figure 2.9. Expanding the use of direct electron detectors and mitigating radiation 

damage in MicroED. (A) The exposure-dependency of the completeness of 

proteinase K. The dotted horizontal line marks 95% completeness.  (B) The density 

around the two disulfide bonds for the considered cameras for proteinase K. 

Solving the Phase Problem in MicroED   

 As with X-ray diffraction, phases are lost in MicroED experiments, referred to in 

both techniques as “the phase problem”129. For both the MicroED and X-ray 

crystallography, the phases can be recovered by molecular replacement and ab initio 

direct methods57,65. While molecular replacement is dependent on topological similarities 

between the search models and the structures to be determined130, direct methods 

require crystals that diffract to fairly high-resolution at ~1 Å or better131. The PDB contains 

150,000 deposited structures, many of which share conserved folds. Due to the 

conservation of folds across families of proteins, molecular replacement is currently used 

to calculate phases of roughly 90% of structures deposited to the PDB.  

 For MicroED, several methods have been successful in solving the phase problem 

including the use of image data86–89, ARCIMBOLDO 90, and radiation induced damage91 

for phasing (RIP). Traditionally, during RIP, a single dataset from the sample crystal is 
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split into two132. The first part of the dataset consists of earlier frames that contain less 

accumulated radiation damage. The second set of frames is comprised of data collected 

after the first set, which, as a result, contain higher accumulation of radiation damage132. 

Like isomorphous replacement133 and anomalous dispersion134, the two halved sub-

datasets are subtracted from one another to generate a difference dataset132. The 

difference dataset is then used to identify focal points of specific radiation damaged sites, 

such as the hydrolysis of disulfide bonds or ionized metals. Because exposure to electron 

beams, even at low dosages, can lead to radiation damage during diffraction studies69, 

RIP is a promising strategy for obtaining experimental phases for MicroED experiments.  

 To test if experimental phasing using RIP is a viable strategy for determining novel 

MicroED structures, a previously solved structure of the prion hepta-peptide 

corresponding the GSNQNNF sequence was used as a model system91. To maximize 

completeness, eleven crystals of the hepta-peptide were used to collect two datasets one 

with the exposure of 0.17 e- Å-2 and the second at 0.5 e- Å-2. The structure amplitudes of 

the low-dose were subtracted from the high-dose dataset to calculate a difference 

dataset. The difference dataset was used to calculate a difference Patterson map to 

identify the location of radiation damage resulting from higher dosages of electron91. This 

strategy identified a single solution corresponding to a zinc atom (Figure 2.10a). The zinc 

position was then used to calculate the initial phases to generate a density map for model 

building of the peptide structure91 (Figure 2.10b-d).  
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Figure 2.10. Identification of heavy metal site and model building. (A) Fourier 

difference maps between the damaged and undamaged structure of GSNQNNF 

using the phases of 6CLI at 2.5-A ̊ resolution contoured at 3s level. (B) The map 

using the initial phases extended to 1.4-A ̊ resolution. (C) Density maps at 1.0s 

contour for intermediate building steps. (D) The final structure. (All panels are 

reprint from reference 91).  

In conclusion, MicroED is a relatively young field of study within cryoEM. In less 

than a decade since the field started135, more than 100 structures have been determined 

for proteins, protein complexes, natural products, peptides and small organic and 

inorganic molecules. As the method continues to be improved with better hardware, 

automation and software, the usefulness and broad applicability of MicroED will only 

increase. 
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Abstract 

Since its advent in 2013, Microcrystal Electron Diffraction (MicroED) has revolutionized 

structural determination across a spectrum of samples, encompassing small organic 

molecules to proteins. A significant number of these were previously intractable using 

other existing structural methodologies. MicroED is a cryogenic transmission electron 

microscopy technique wherein small, three-dimensional crystals are continuously rotated 

in the electron beam, and diffraction data are collected as a movie using a fast camera. 

MicroED data can be processed with mainstream X-ray crystallographic software to solve 
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structures. In biology, the emergence of MicroED closed a crucial gap between the 

determination of structures from 2D crystals and 3D crystals, facilitating the study of small 

3D crystals. In chemistry and material science, MicroED opened a new pathway for the 

routine and rapid determination of atomic resolution structures from complex small 

molecule mixtures without any necessary purification or crystallization assays. This 

comprehensive introduction to sample preparation methods for MicroED covers the most 

common methods used in the field. It should serve the growing community as a detailed 

guide for successful MicroED experiments.  

Introduction 

Development of Microcrystal Electron Diffraction (MicroED).  

Microcrystal Electron Diffraction (MicroED) is a cryogenic transmission electron 

microscopy (cryoEM) technique used to solve structures from small, 3D crystals. Prior to 

the development of MicroED, electron crystallography methods were applied to 2D 

crystals to resolve proteins as small as 17 kDa to 3.5 Å and 28 kDa to 1.9 Å resolution1,2, 

but 2D electron crystallography was largely abandoned as existing methods were 

complex, inefficient, and required a high level of expertise to perform. A few examples of 

3D crystals that were only 2 or 3 layers thick were solved using 2D electron 

crystallography methods2–5. Electron diffraction data from small hydrated 2D and 3D 

crystals at room temperature was reported in the 1970s6–10. Electron diffraction data were 

also collected on sugar-embedded, dried samples11,12. Utilizing frozen samples in the 

electron microscope improved data quality. Electron diffraction for frozen-hydrated protein 

crystals was first reported in 1974 for thin crystals of catalase13, and later for crotoxin14 
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and calcium-ATPase15. In these latter examples, hundreds of images were recorded from 

individual crystals, but structures were unsuccessful, probably due to indexing issues. 

Regardless, electron crystallography was not routinely applied to 3D crystals due to 

challenges related to radiation damage, diffraction pattern indexing16 and suspected 

dynamicall scattering errors14,15.  

As electron crystallography remained a niche technique for decades, 

macromolecular structures were mainly solved using X-ray crystallography, and to a 

lesser extent, nuclear magnetic resonance (NMR) and neutron crystallography. More 

recently, single particle cryoEM has gained popularity as direct electron detectors became 

available. However, each of these methods has some specific drawbacks. Single particle 

cryoEM becomes increasingly more difficult as the molecular weight of the sample 

decreases, and for visualizing highly flexible domains. NMR is a powerful tool to probe 

dynamics of small molecules and small proteins, but poses challenges for structure 

determination of most proteins. X-ray crystallography requires large, well-ordered crystals 

to provide sufficient signal and resist radiation damage during synchrotron data 

collection17–19. Producing large, well-ordered crystals can be a challenging and time-

consuming endeavor, especially for membrane proteins in a lipid-mimicking 

environment20,21.  If there is an abundance of nanocrystals (5 to 30 µm), Serial 

Femtosecond x-ray crystallography (SFX) can be used, but access to the ultrafast x-ray 

Free Electron Laser (XFEL) required to perform SFX is limiting22.  Neutron protein 

crystallography allows biochemists to visualize hydrogen atom positions within protein 

crystals but requires even larger protein crystals made from isotopically-substituted 

proteins23.   
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While several methods were developed in electron diffraction over the years, none 

became as widely used as MicroED because data collection for MicroED is fast and can 

be seamlessly and routinely processed using existing powerful crystallographic software, 

and it is the only approach allowing structure solution for macromolecular samples like 

proteins that crystallize in three dimensions.24–35.  

The crystals used in MicroED are a billion times smaller than crystals routinely 

used for X-ray or neutron crystallography36. Using small crystals for electron diffraction is 

feasible because electrons interact more strongly with matter than X-rays37. Only 

elastically scattered X-rays and electrons productively contribute to the diffraction pattern.  

The ratio of elastic to inelastic scattering is much higher in electron diffraction (1:3) than 

in X-ray diffraction (1:10), so more useful information is gained per damaging event in 

electron diffraction37. As a result, a crystal in an X-ray diffraction experiment must 

withstand more damaging inelastic x-ray scattering to obtain the same amount of 

information as in an electron diffraction experiment.   

In a MicroED experiment, crystals are applied to a transmission electron 

microscopy (TEM) grid and diffraction data are collected as a given crystal is continuously 

rotated in a parallel electron beam. The data are processed using common X-ray 

crystallographic software25,38–49. MicroED data have been phased using ab initio methods 

and molecular replacement31,33,34,36,50,51. Electrons can probe charge distribution in a 

sample and reveal atomistic details of amino acid side chains27,34,52–59. 
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Preserving hydrated samples for TEM  

The chamber of the transmission electron microscope is held under high vacuum, so 

samples must be preserved to withstand the vacuum. Environmental liquid cells were 

developed to facilitate the examination of wet samples within the electron 

microscope6,7,60–62. Liquid cell electron microscopy is more commonly used in materials 

science than biological TEM. Early reports using TEM for biological samples suggested 

preservation by fast cooling of the sample, treating the sample with a substance to slow 

its destruction, or encasing the sample in a stain63–65. One method to slow the destruction 

of the sample is sugar embedding. Sugar embedding was first presented in 1975 when 

Unwin and Henderson embedded crystals of bacteriorhodopsin in 1% glucose before 

drying and inserting into the TEM11. However, treatment of crystals with glucose can 

cause glycation of the proteins66. Subsequent sugar embedding protocols typically used 

trehalose as it is relatively inert2,52,67–71. Trehalose can act as a cryoprotectant and may 

reduce beam damage68,72.  In later work, sugar embedding was used to protect crystals 

from dehydration before vitrification66. Crystals may also be sandwiched between carbon 

films to reduce dehydration during blotting69,73.  

Cryogenically-cooled TEM stages were developed so that frozen samples could 

be inserted into the vacuum of the electron microscope74. Maintaining samples at 

cryogenic temperatures significantly reduces radiation damage from the electron beam75. 

The first report of a frozen-hydrated biological specimen examined by TEM was electron 

diffraction of catalase crystals13. In the 1974 paper, catalase crystals were placed on a 

folding grid, blotted with filter paper, and frozen in liquid nitrogen13. This method of blotting 

and freezing was too slow to prevent the formation of crystalline ice76, which can distort 
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biological specimens. However, when a thin layer of liquid is rapidly cooled, vitreous or 

amorphous ice can be obtained77. The first demonstration of vitrification for cryoEM 

sample preparation involved passing a grid through a jet of pure water droplets and then 

plunging it into the cryogen (liquids nitrogen, ethane or propane)78–80. As a result of these 

investigations, liquid ethane was selected as the most effective cryogen. Today, in 

addition to pure liquid ethane, samples can also be vitrified using a mixture of liquid 

ethane and liquid propane81.  

Experimental design for MicroED sample preparation.  

CryoEM sample preparation is a critical step in any experiment. Several protocols 

describing aspects of MicroED sample preparation have been published28,82–89, but none 

provide a comprehensive, detailed guide for sample preparation in MicroED.  

This protocol provides a comprehensive guide to sample preparation for MicroED 

-- from proteins (Figures 3.4-3.6 and 3.8) to small molecules and peptides (Figure 3.5) 

using knowledge accumulated over the first decade of MicroED. 

In a MicroED experiment, the sample can be applied to the TEM grid as a solid, 

liquid, or crystalline slurry. Application of a solid to the TEM grid typically occurs at room 

temperature. Liquid or slurry samples can be dried onto the TEM grid or vitrified onto the 

TEM grid. If the sample is susceptible to damage by dehydration, the sample should be 

vitrified and maintained at cryogenic temperatures. The ideal MicroED sample contains 

monodisperse crystals that are evenly distributed across an intact grid. Crystals should 

be far enough apart that diffraction is collected from a single crystal without interference 
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from neighboring crystals. The crystals should also adopt random orientations to avoid 

preferred orientation problems. 

Optimal crystal size at different kV 

In the TEM, high-energy electrons irradiate the sample37. A fraction of the incident 

electrons is scattered upon interaction with the sample90. In a MicroED experiment, the 

crystalline sample must be thin enough to allow high-quality data collection but thick 

enough to generate a significant signal. Electrons can scatter once (elastic scattering) or 

multiple times (inelastic scattering). In an inelastic scattering event, the incident electron 

loses energy. Inelastic scattering events can deposit energy within the sample, causing 

radiation damage. The inelastic mean free path (MFP) describes the distance an electron 

travels within a sample before an inelastic scattering event91–95. The MFP of a theoretical 

protein crystal can be calculated for a given TEM accelerating voltage. Recently, a 

MicroED study benchmarked the crystal thickness limit at accelerating voltages of 120, 

200, and 300 kV96. Typical TEM accelerating voltages and the corresponding MFP are 

120 kV and 214 nm, 200 kV and 272 nm, and 300 kV and 317 nm96 (Table 3.1).  

 

Table 3.1. Inelastic mean free path versus TEM accelerating voltage. 

TEM Accelerating voltage Inelastic mean free path 

120 kV 214 nm 

200 kV 272 nm 

300 kV 317 nm 



 60 

Proteinase K crystals were grown in batch, vitrified, and FIB milled into lamellae of 

different thicknesses (95 nm to 1650 nm thick). Data were collected at 120 kV, 200 kV, 

and 300 kV, and the processing statistics were compared to determine the optimal crystal 

thickness range at each accelerating voltage. Martynowycz et al. concluded that lamellae 

up to twice the mean free path for a given accelerating voltage produced high-quality 

MicroED data and facilitated structure determination. Crystals thicker than twice the MFP 

displayed some diffraction, but it was insufficient to solve the structure of Proteinase K.  

Preparation and identification of microcrystals 

For proteins, standard macromolecular crystallization methods are used to prepare 

crystals. MicroED has been performed using crystals from batch crystallization, vapor 

diffusion (hanging or sitting drop), liquid-liquid diffusion, crystallization in lipidic 

mesophases (lipidic cubic phase or LCP) in syringes, and bicelle crystallization.  

Microcrystals can be identified in crystal screen drops using a various methods, 

including crossed polarizing microscopy, UV microscopy97, transmission electron 

microscopy (TEM)98–101, and second-order nonlinear optical imaging of chiral crystals 

(SONICC) 102. Methods to identify microcrystals for MicroED were recently reviewed103.  

For some samples, like peptides and small molecules, crystals often form 

spontaneously when the sample is dried. If the sample is dissolved in a solvent, you may 

be able to crystallize it by evaporation using a lyophilizer, a rotary evaporator (rotovap), 

or under ambient conditions directly on to a TEM grid104–108. Dried samples can be ground 

into a fine powder before being applied to the TEM grid to increase the number of crystal 

sites available for data acquisition.  
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TEM grid basics 

TEM grids must be robust enough to survive sample application and irradiation by the electron 

beam but also thin enough to allow transmission without degrading data quality109. TEM grids are 

made of a metal mesh base, which is approximately 3 mm in diameter (Figure 3.1a). The grid 

mesh pitch is the number of grid squares per inch, and typical values for cryoEM applications are 

200 to 400. Copper and gold are the most common grid mesh materials, though aluminum, 

molybdenum, nickel, silicon, titanium, tungsten, and others are also available. If the sample will 

be vitrified, materials with higher electric conduction and heat dissipation are preferred to facilitate 

 

Figure 3.1. Overview of TEM grids. (a) The anatomy of the front face of a TEM grid. The 

holey carbon support foil is on the front face. (b) The anatomy of a TEM grid viewed from 

the edge. There is no carbon support foil applied to the back face. (c) How to grasp a 

TEM grid using tweezers. (d) Assessing the quality of the grid foil. (e) An aqueous sample 

will ball if the TEM grid is hydrophobic. (f) An aqueous sample will spread if the TEM grid 

is hydrophilic. 
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rapid cooling110,111. The TEM grid mesh is coated with a foil (often, but not limited to, amorphous 

carbon), which can be continuous112 or perforated. The perforations in the foil may be irregularly 

sized and arranged (as in the case of some holey or lacey grids) or regularly sized (0.6 to 35 µm) 

and distributed (holey grids like Quantifoil or C-Flats)109,113–118. Grids with smaller holes show 

reduced stress upon irradiation with the electron beam119. The front face of the grid is the side 

that the grid foil was applied to while the back face is the opposite side (Figure 3.1b). For most 

applications, the front face of the grid is cleaned and used for sample application. 

Grids should be stored in a clean, dry place that minimizes dust and oil 

contamination120. Grids should be handled carefully and minimally to keep them as flat as 

possible to avoid strain during plunging. The tweezers should grasp the grid by the outer 

rim to avoid disrupting the foil (Figure 3.1c-d). Grids should plunge into the cryogen 

perpendicular to the cryogen surface. If the grid enters the cryogen at a different angle, 

broken squares are more common, and the stability of the grid is reduced. 

TEM grid selection 

A variety of TEM grid types (continuous carbon, holey carbon, lacey carbon) have been 

successful for MicroED experiments. Grids with a higher mesh value have more grid bars and 

smaller grid squares, increasing their stability but reducing the usable area. Grids with holey or 

lacey carbon surfaces on 300 mesh grids are recommended for vitrified samples. If the sample 

will be FIB milled, 200 mesh grids should be used as they have a larger area accessible for milling 

with sufficient mechanical stability (Table 3.2).  For dry powders and liquid/slurry samples dried 

onto the grid, grids with continuous carbon surfaces on 300 or 400 mesh are recommended (Table 

3.2). The increased stability of continuous carbon is helpful in small molecule MicroED if the grid 

is dragged through a powder for sample application.  
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Table 3.2. Electron microscopy grid selection for MicroED. 

Sample type Foil Grid mesh Hole size (µm) Hole spacing (µm) 

Dry Continuous carbon 300 or 400 n/a n/a 

Vitrified Holey carbon 200 to 300 0.6 to 2 1 to 2 

Vitrified for FIB milling Holey carbon 200 2 2 

Suspended drop Support-free 50 to 150 n/a n/a 

 

Cleaning the TEM grid 

The TEM grid’s surface characteristics greatly influence the sample distribution across the grid. 

A freshly prepared carbon-coated TEM grid is hydrophilic, but environmental contamination can 

build up during storage, and grids become hydrophobic121. If a grid is hydrophobic, an aqueous 

sample will ball up on the surface (Figure 3.1e). If the grid is hydrophilic, an aqueous sample will 

spread out on the grid surface (Figure 3.1f). The degree of grid hydrophilicity required for your 

experiment will depend on the chemistry of your sample. While the hydrophobic character of the 

typical TEM grid can benefit some samples, most MicroED samples are prepared using a low-

energy plasma to increase the hydrophilicity of the surface. Generating plasma in residual air 

(glow discharging) is most common, but plasmas generated from hydrogen, an argon:oxygen 

mixture, or amylamine are also popular in cryoEM120. If the grid is contaminated with a buildup of 

plastic components involved in the grid manufacturing process, it can be cleaned with acetone, 

chloroform, methanol, isopropanol, and/or water120. 

Applying the sample to the TEM grid 

The sample can be applied to the front side, the back side, or both sides of the TEM grid. In some 

TEMs, the grid is loaded directly onto the stage, while other models require the user to secure the 

grid into a cartridge or autogrid, which is then loaded into the microscope and mounted onto the 
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stage. For solid state samples, clipping the TEM grid into an autogrid before applying the sample 

can be beneficial because clipped grids demonstrate increased stability during sample 

preparation, which is helpful for situations where the grid is dragged through powder. Clipping 

before sample application is optional and not required. For a liquid or slurry sample, the sample 

is typically applied to the front face of the grid and/or to the face that was glow discharged. Crystals 

can be pipetted from the crystal screen plate to the TEM grid, or one can touch the grid surface 

to the crystal drop. If the sample buffer contains high salt concentrations, as soon as the crystal 

tray seal is broken and the sample is exposed to air, these salts may precipitate. This can cause 

background signal and false positives during MicroED screening. Work as quickly as possible to 

reduce salt crystal contamination after opening the crystal tray drop. Other options include diluting 

the drop prior to applying it to the grid, performing sample preparation in a cold room, and rinsing 

the crystals in a low salt buffer prior to grid application26.  

Blotting method  

Liquid or crystalline slurry samples are applied to a TEM grid and excess liquid is blotted away to 

leave crystals embedded in a thin film of liquid just before vitrification. The period between blotting 

and plunging is critical because evaporation of liquid off the crystal surface before vitrification can 

cause harmful changes to the temperature, osmolarity, pH and solute concentration of the 

crystal122–124. If sample preparation occurs under ambient conditions on the lab bench (20 °C and 

40% relative humidity), the risk of evaporation is high. Maintaining relatively high humidity during 

blotting can slow evaporation and improves reproducibility during sample preparation125. 

The blotting duration and the number of blots influences the crystal distribution on 

the grid and the ice thickness. The sample can be blotted manually (by hand) or using an 

automated blotting machine. Manual blotting can occur on the bench top, in a humidified 

chamber, or in an automated blotting machine. The sample can be blotted from one face 
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of the grid or both faces simultaneously. If the sample is blotted from the same face it was 

applied to, there may be significant sample loss to the filter paper. Despite this 

disadvantage, blotting from the same face may give more uniform ice thickness across 

the grid. The blotting paper can graze the grid at an angle or can fully contact the grid 

during blotting. Blotting at an angle will result in an ice thickness gradient across the grid, 

which may help locate the ideal ice thickness for a given crystal. The sample can also be 

blotted using pressure-assisted back blotting126. The ice thickness can be related to the 

face of the grid the sample is applied to. When a liquid or slurry sample is applied to the 

back face of the grid, liquid can cling to the juncture between the grid foil and the grid bar, 

leading to thicker ice or a thicker deposit of sample upon evaporation.  

Manual blotting  

To improve reproducibility and control, many cryoEM practitioners prefer to blot grids 

manually over relying on automated vitrification machines. Manual blotting can be 

performed on the bench top by hand (Figure 3.2a), in the chamber of an automated 

vitrification machine (Figure 3.2b-c), or with a manual gravity plunger (Figure 

3.2d)124,125,127,128.  

For manual blotting experiments, prepare strips of filter paper (approximately 0.5 

cm by 2 cm) (Figure 3.2e). Use a flat tweezer to manipulate the blotting paper. Using a 

rubber O-ring to hold the tweezers closed is recommended, but this is optional. For 

manual blotting experiments, the blotting paper can be displayed on the tweezer in a 

variety of ways. For example, with the tweezer, grasp the two ends of the  
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Figure 3.2. Manual blotting TEM grids for MicroED. 

 

filter paper strip such that the paper forms a teardrop shape (Figure 3.2f). The flat expanse 

of filter paper can be directly applied to the grid surface. The edge of the filter paper can 

be dabbed on the grid surface. The edge of the filter paper can be used to blot from the 

side of the grid (Figure 3.2g-i). Gently push the filter paper through the side door of the 

plunging apparatus humidity chamber and press it against the face of the grid. Try not to 

agitate the grid as you blot. The sample liquid will spread out on the filter paper as you 

blot and eventually the wet spot will appear to stop growing. Watch that the wet spot has 

stopped growing, then count for an additional 3 to 5 seconds before carefully pulling the 

filter paper back in one motion.  
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Fragmenting crystals 

MicroED data can be collected and phased for protein crystals that are less than twice 

the inelastic mean free path (MFP) (see Table 3.1)96. Large crystals may be composed of 

mosaic blocks that have varying unit cell parameters or are misaligned, leading to 

complex diffraction patterns129,130. In some cases, smaller crystals may display less 

mosaicity131. However, small crystals may clump together, yielding overlapping diffraction 

patterns (Figure 3.3, left). If clumped crystals are observed on the grid, crystals can be 

fragmented before grid preparation. 

Crystals can be separated and fragmented using various methods, including water 

bath sonication, pipetting, vortexing, and mechanical probing28. Crystal fragments are  

 

Figure 3.3. Crystal fragmentation as a strategy to prevent overlapping crystal lattices in 

MicroED datasets. 
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more likely to contain a single lattice for diffraction (Figure 3.3, right). Some fragmentation 

methods are too harsh for a given crystal and destroy the lattice, while sometimes they 

are too gentle to reduce crystal size and/or clumping. The progress of crystal 

fragmentation can be monitored using a light microscope. If mechanical disruption 

methods do not yield appropriately sized crystals or if they damage fragile crystals, FIB 

milling can be used.  

Milling membrane protein crystals in LCP  

Membrane protein crystals in LCP tend to be small and well-ordered, but the samples 

have the consistency of a thick paste, which can be challenging for cryoEM sample 

preparation132–136. Despite extensive blotting, crystals embedded in LCP often form a thick 

layer on the grid, which makes the sample too thick for MicroED. Membrane protein 

crystals grown in LCP plates can be transferred to a grid using a crystallographic loop, 

vitrified, and then thinned for MicroED using FIB milling135,136 (Figure 3.4). Frozen LCP is 

a difficult target for FIB milling, and accessing the embedded crystals after vitrification 

may be problematic135,136. To reduce the viscosity of crystals in LCP and make the 

samples accessible by FIB milling, the LCP can be converted to sponge phase or 

dissolved before the application of sample to the grid (Figure 3.4 and 3.6). The additives 

that can convert the phase from LCP to sponge are 2-Methyl-2,4- pentanediol (MPD), 

PEG400, PEG200, Jeffamine M600, t-butanol, ethylene glycol, and 1,4-butanediol. In 

experiments with LCP-embedded Proteinase K crystals, MPD showed the best results134.  
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Figure 3.4. Preparation of LCP samples for MicroED. Crystals can be grown either in a 

syringe or LCP plate. When grown in a syringe, the LCP is converted to the sponge phase 

to reduce sample viscosity and allow for back blotting. In contrast, when LCP crystals are 

in a plate, they can be harvested directly using a crystal loop. Because it is difficult to 

sufficiently blot LCP samples, FIB milling is typically used to access LCP crystals 

embedded in crystallization media. 

 

Martynowycz et al. converted crystals in LCP to the sponge phase and solved the 

structure of the human adenosine receptor by MicroED136. Once in the sponge phase, the 

crystals can flow out of a syringe needle and onto the TEM grid, which is then blotted 

inside a high-humidity chamber. Removing surrounding media allows crystal topological 

features to be distinguished in the FIB/SEM instrument and accurately targeted for milling. 

However, conversion to sponge phase is not always successful and blotting can still be 

difficult as the samples tend to be rather viscous. If blotting is weak due to sample 

viscosity, it may be possible to observe inconspicuous bumps at the surface of the sample 

in the FIB/SEM, which could be crystal sites worth milling137.  
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A novel methodology was recently demonstrated that eliminates the need to 

separate integral membrane protein crystals away from the surrounding LCP matrix138,139 

(Figures 3.10-3.12). In these studies, the protein of interest was labeled with a fluorescent 

dye prior to LCP crystallization. Once inside the FIB milling instrument, fluorescent 

crystals were detected using an integrated fluorescence light microscope (iFLM). 

Correlative light microscopy (CLEM) techniques were applied to accurately align a plasma 

beam FIB (pFIB) for crystal milling. Employing this experimental approach, conversion of 

the LCP to the sponge phase and blotting, as previously demonstrated136, was 

unnecessary. A similar CLEM-based workflow was also applied in the first demonstration 

of “suspended drop crystallization” for MicroED140.  

Suspended drop crystallization 

Difficulties associated with crystal transfer and blotting can introduce significant 

bottlenecks during MicroED sample preparation. Crystals that are particularly sensitive to 

physical manipulation can be damaged while pipetting, and a large portion of crystals can 

be lost inside the pipet tip and to the blotting filter paper. Overblotting the TEM grid can 

cause dehydration of crystals, whereas underblotting results in crystals being encased in 

excessively thick media. Troublesome blotting issues are exacerbated when working with 

highly viscous samples. Lastly, the morphology of some crystals causes them to adopt a 

preferential orientation on the TEM grid support layer. If the preferential orientation is 

systematic, obtaining sufficient dataset completeness for structure determination can 

become challenging. 
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A novel method for crystallization named “suspended drop crystallization” was 

recently demonstrated140. Suspended drop crystallization overcomes many challenges 

associated with MicroED sample preparation as it provides an alternative workflow for 

crystals embedded in viscous media, sensitive to mechanical stress, and/or suffering from 

preferred orientation on TEM grids. Here, crystals are grown directly on a support-free 

TEM grid without any support film (Figure 3.8). The support film is not necessary because 

the liquid surface tension of the crystal drop allows it to be retained by the grid bars alone. 

The crystal drop is considered “suspended” because vapor diffusion occurs uniformly 

from all sides of the drop. Growing crystals directly on the grid allows one to bypass both 

crystal transfer and blotting during sample preparation. The suspended drop containing 

crystals is used directly for MicroED data collection. In a recent study it was demonstrated 

that with this approach the missing cone was eliminated for two samples that typically 

adopted a preferred orientation.  

Vitrification method 

MicroED samples are preserved by vitrification – a critical step for most protein samples and one 

that can be highly beneficial for small molecules141. When biological samples are frozen in 

crystalline ice, the formation of ice crystals may distort and damage the crystal lattice. If liquid 

water is cooled sufficiently fast (105 to 106 K/s)142,143, water molecules are locked in place before 

they have time to rearrange into a crystalline lattice 144. This amorphous (or vitreous) ice cryofixes 

the sample without damaging it. To form vitreous ice, a droplet of crystal sample is applied to a 

TEM grid and blotted so that only a thin aqueous film coats the sample. The TEM grid is then 

rapidly plunged into a cryogen with a high heat capacity and thermal conductivity. The bulk 

cryogen in typical cryoEM experiments is liquid nitrogen because it is inexpensive and readily 
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available. Most samples for modern cryoEM are vitrified using liquid ethane or a mixture of liquid 

ethane and liquid propane81,143.  

Vitrification can be performed using a manual gravity plunger124,125,127,128 or a 

commercially available automated vitrification machine (e.g., Thermo Fisher Scientific 

Vitrobot, Leica Microsystems EM GP/GP2, Gatan CryoPlunge3). This protocol described 

the vitrification procedure using a Leica GP2 punge-freezer. The Leica GP2 is designed 

to blot from behind the TEM grid only, which is preferred for crystal samples applied to 

the opposite side of the grid. 

For some applications, grids can be frozen by hand at the bench (Figure 3.2) in a 

method similar to flash-cooling (shock-cooling) crystals mounted in loops for x-ray 

diffraction experiments145,146. If this method is used, aim to keep the grid perpendicular to 

the surface of the cryogen during plunging. However, the time between blotting and 

plunging may be too slow for some sensitive samples when performed by hand. Ideal 

blotting creates a thin buffer layer containing the crystals of interest on the TEM grid. If 

the time between blotting and vitrification is too long, the buffer can evaporate and 

dehydrate the sample136 (see Table 3 for sample preparation troubleshooting tips).  

Materials 

Reagents 

• Proteinase K from Engyodontium album (previously called Tritirachium album) 

(Sigma-Aldrich Catalog P2308, storage -20°C 

• 2-(N-morpholino)ethanesulfonic acid (MES) sodium hydroxide, pH 6.5 
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• Proteinase K crystallization buffer: 0.1 M MES-sodium hydroxide pH 6.5, 0.5 M 

sodium nitrate, 0.1 M calcium chloride 

• 100% Polyethylene glycol 400 (PEG400), Hampton Research Catalog HR2-603 

• 100 µL Gas-tight syringes with removable needle (Hamilton, Cat. No. 81065) 

• Syringe coupler (Formulatrix, SKU 209526) 

Equipment 

• PELCO easiGlow glow discharge apparatus 

• Leica Microsystems EM GP2 plunge-freezer 

• Glass petri dish for grid transportation 

• Glass slide for glow-discharging 

• Hampton Research Micro-Brush (HR4-845) 

• Glass microscope slide to grind powder samples (like Fisher Scientific Catalog No. 

12-544-4) 

• Kimtech Science™ Kimwipes™ Delicate Task Wipes, Kimberly-Clark Professional 

#34120 

• Whatman® qualitative filter paper, Grade 1, 90 mm circle, #WHA1001090 

• Tungsten carbide glass cutter 

• Removable flat-tipped needle for loading samples into LCP-injector (1 inch, point 

style 3, gauge 22, small hub; Hamilton, Cat. No. 7804-01) 

• LCP Sandwich Set – Hampton Research item HR3-151 

• MiTeGen loops, size 50-100um 

• Ted Pella Carbon Type-B, 300 mesh Copper grids #01813 
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• Quantifoil R2/2 Holey carbon grid copper 200 mesh, Quantifoil 

• Ted Pella Gilder Grids, 150 mesh Gold (Cat. No. G150G) 

• Liquid nitrogen 

o Caution: Working with liquid nitrogen necessitates appropriate safety 

equipment (safety glasses, face shield, cryo gloves) and sufficient 

ventilation.   

• Cryogen for vitrifying grids (liquid ethane or a 50%/50% (v/v) mixture of ethane and 

propane) 

o Caution: Ethane and propane are flammable 

Reagent set up 

Batch crystallization of proteinase K 

Prepare Proteinase K crystals in a cold room, or on ice34,147. 

1. In an Eppendorf tube, resuspend 20 mg Proteinase K from Engyodontium album 

in 0.5 mL 0.02 M 2-(N-morpholino)ethanesulfonic acid (MES) sodium hydroxide 

pH 6.5 buffer 

2. Add 0.5 mL ice cold Proteinase K crystallization buffer 

3. Vortex for 1 minute or until the solution appears clear. 

4. Incubate at 4°C overnight 
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Procedure 

Prepare TEM grids for MicroED 

5. Examine the TEM grids under a low magnification light microscope before use to 

identify any potential defects (Figure 3.1d). If grids are slightly bent or damaged, 

the integrity may be compromised and the usable area of the grid will be reduced.  

6. Use a PELCO easiGlow machine with residual air and a negative charge to 

remove contamination from the grid surface and to generate a hydrophilic, 

negatively charged surface. Refer to the manufacturer’s manual for the glow 

discharge apparatus for startup instructions.  

7. Inspect the rim of the glass bell jar for defects, chips, or cracks. If there are cracks, 

the vacuum may not seal. Only touch the inside of the bell jar area with gloves on 

to avoid contaminating the system. 

8. Run an initial cycle with an empty chamber (0.3 mBar, 60 seconds process time, 

10 seconds hold time, 15 mAmp current and negative charge) to confirm that the 

machine reaches your desired vacuum and current.  

9. Wrap a glass slide with parafilm to support the grids during glow discharging to 

make manipulation of the grids easier. Place the grids on the parafilm (front face 

up) without overlaps. Place the glass slide on the chamber’s metal platform and 

center it. Replace the bell jar with care to maintain the O-ring position.  

10. Run the glow discharge process. After the vacuum is achieved, a purple glow 

indicates that ionization is occurring.  

11. Once the chamber has returned to atmospheric pressure, gently remove the glass 

bell jar. Remove the grids from the chamber and replace the bell jar. Store the 
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grids in a glass petri dish until ready to use. Grids should be used within 30 

minutes of glow discharging. Grids can be glow discharged a second time if more 

than 30 minutes have passed or if the grids appear to have lost their hydrophilic 

character (Figure 3.1e, f).  

Preserve the crystals on the TEM grid 

Select the appropriate option (A-E) depending on the type of sample. Options A and B 

describe vitrifying protein crystals (Option A, Figure 3.5) and crystals in LCP sponge 

phase  (Option B, Figures 3.4 and 3.6). Options C and D describe preparing dry grids. 

Option C describes starting from a solid (Figure 3.7, Top) while Option D describes 

starting from a crystalline slurry (Figure 3.7, Bottom). Option E describes growing crystals 

directly on the grid as suspended drops (Figure 3.5). Option F describes thinning 

membrane protein crystals embedded in LCP matrix (Figures 3.4, 3.10-3.12). 

Option A: Vitrifying crystals 

 

Figure 3.5. Outline of MicroED sample preparation steps for biological samples. 
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12. Set up the Leica EM GP2 according to manufacturer specifications.  

a. Input the blot time and number of blots. Blots can be triggered manually or 

automatically. For routine protein crystals, blot once for 3 to 10 seconds.  

b. Calibrate the blotting position such that the grid just begins to deflect from 

the tweezers when it is in contact with the filter paper.  

c. Refill the humidifier and set the humidity and temperature. Allow at least 

30 minutes for equilibration to 95% relative humidity and 4°C.  

d. Assemble the plunging dewar and cool it with liquid nitrogen. Condense 

the cryogen into the plunging dewar cup. Ensure that the cryogen is at the 

correct temperature. 

e. Prepare a fresh piece of filter paper for blotting. The filter paper can be 

placed just before vitrification or first allowed to equilibrate to the 

temperature and humidity of the experiment.  

13. (Optional) Fragment the crystals (see Info box on Crystal fragmentation) 

14. Load the grid onto the tweezers by the outer rim (edge) (Figure 3.1a, c).  

15. Pipet 2 µL of sample to the front face of the grid (Figure 3.5).  

16. (Optional) The sample can be incubated on the grid (0 to 60 seconds) to improve 

the association of the crystals with the grid.  

17. Blot away excess liquid using filter paper once for 10 seconds (Figure 3.5).  

18. (Optional) If the sample concentration is low, crystals can be pipetted directly onto 

the grid one or more times. Sometimes, the sample is applied to the grid, blotted, 

and then applied again.  
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19. (Optional) Crystals can be washed on the grid if the mother liquor is expected to 

interfere with data collection. After applying the sample to one face of the grid, 

blot excess liquid from the opposite face. Apply a wash solution and optionally 

incubate for 30 to 60 seconds. Blot the sample again to complete the wash cycle. 

20. (Optional) On-grid ligand soaking 

a. Apply the sample to the front face of the grid and optionally incubate to 

allow the crystals to associate with the grid.  

b. Blot the sample from the back to minimize crystal association with the filter 

paper.  

c. Immediately apply the ligand solution to the front face of the grid and 

incubate (typically 20 seconds). The time between the initial blot and the 

application of the ligand solution should be minimized so that the crystals 

do not dry out.  

d. After ligand incubation, remove excess ligand solution by back blotting.  

21. Immediately after blotting, plunge the grid into the cryogen. In the Leica, plunging 

can be triggered manually or automatically. 

22. After plunging the grid into the cryogen, it can be transferred to a storage box or 

loaded into a microscope. Grids can be stored indefinitely. However, ice 

contamination can build up over time in the dewar.  

23. If the crystals will be thinned by FIB milling prior to MicroED, refer to the previously 

published general protocol for blotting, freezing, and milling crystals on TEM grids 

using a FIB equipped with a gallium source82. 
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Option B: Conversion of Lipidic Cubic Phase (LCP) to sponge phase. 

If crystals were grown in Lipidic Cubic Phase (LCP) in a glass plate or within a glass 

syringe 148,149, the following protocol can be used to convert the LCP to sponge phase to 

blot the grids for MicroED135,136. A general protocol for blotting, freezing, and milling 

crystals on TEM grids using a FIB equipped with a gallium source was previously 

published82. 

24. Equilibrate the Leica chamber to 90% relative humidity and 20°C. 

25. If the sample was crystallized in a glass plate, use a glass cutter to carefully 

remove the glass from the drop. Transfer the grid to the blotting chamber.  

26. If samples were crystallized in syringes (Figure 3.6a), remove the liquid media 

from the syringes (Figure 3.6b), leaving only LCP with the crystals (4-5 µL).  

 

 

Figure 3.6. Workflow for LCP to sponge phase transition to prepare MicroED sample.  
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27. Convert the LCP to sponge phase to decrease the viscosity of the sample and 

facilitate blotting. Mix the crystals in LCP with small portions (1-2 µL) of 100% 

PEG400 using a syringe coupler, until the sponge phase is achieved (Figure 3.6c).  

(CRITICAL STEP) This step should be done as quickly as possible. If the LCP 

contains cholesterol, cholesterol crystals can form in excess PEG400. If 

protein crystals are large, they will be fragmented by mixing at this step.  

28. Attach a 50 mm needle to the syringe and eject a small drop (0.5-2 µl) of the 

sample onto the cover glass. The sample should come out without additional 

force. Analyze the size, density, and quality of crystals by cross-polarized 

microscopy. Eject a drop of the sample (0.5-1 µL) from the syringe onto the grid 

inside of the blotting chamber (Figure 3.6d). 

29. For all samples, blot the grid from the front and the back for 3 seconds each. The 

blotting time can be optimized for each sample. Exposure of the crystals to the air 

should be minimized as dehydration can damage the crystals.  

30. If the density of crystals is low, apply the sample to the grid and blot multiple times. 

31. Plunge the grid into liquid ethane. 

32. Transfer the grid to the box and store it under cryogenic conditions until the 

microscope session. To thin crystals by FIB milling, refer to the previously 

published general protocol for blotting, freezing, and milling crystals on TEM grids 

using a FIB equipped with a gallium source82. 
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Option C: Drying crystals from a solid-state sample 

Many solid chemicals contain microcrystalline particles that work well for MicroED150–152. 

Liquid samples can be dried to produce microcrystals for MicroED104,106,150,153.   

33. Prepare a clean workspace under ambient conditions, in a fume hood, in a 

temperature and humidity-controlled box, or in a glove box as required for the 

sample.  

34. (Optional) If the microscope has an Autoloader, the grid can be clipped prior to 

sample application to increase its stability. 

35. Grind the sample into a fine powder between two glass slides. Set one glass slide 

down on a piece of clean filter paper and apply sample to the top of the glass 

slide. Place the other glass slide directly on top to sandwich the sample between 

the glass slides (Figure 3.7, Top). Pick up the slide/sample sandwich and gently 

move the slides against each other to grind the powder. Alternatively, a mortar 

and pestle could be used to grind the sample.  

36. Gently set the grid onto the pile of powder sample (foil side down). The TEM grid can 

be flipped over a few times to coat both sides in sample. Try to avoid bending the grid 

or damaging the grid foil during this process.  

37. To remove loosely associated sample, grasp the grid in tweezers and hold it 1 to 6 

inches above a piece of filter paper. Drop the grid. Repeat 1 to 3 times. This can be 

done before or after clipping the grid if an autogrid will be used.  
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Figure 3.7. Preparation of dry samples for MicroED. Top) For solid samples, the powder 

is crushed until fine and the TEM grid is coated. Bottom) If starting from a crystalline 

slurry, the sample is applied to the grid and crystallization media is allowed to evaporate. 

Option D: Drying crystals from a crystalline slurry sample 

If the sample is a slurry of crystals suspended in the solvent and the crystals will not be 

damaged by dehydration, a dry sample can be prepared for MicroED (Figure 3.7, Bottom). 

The goal is to get the crystals on the grid while minimizing the amount of solvent that 

crystallizes as the sample dries.  

38. Grasp the edge of the grid in a pair of reverse action tweezers or tweezers that can 

be held shut with an O-ring. Balance the tweezers on an elevated surface, like a tube 

rack.  
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39. Pipet 1 to 5 µL of sample onto the front face of the grid. 

40. (Optional) Incubate the sample on the grid for 0 to 60 seconds. 

41. Allow the sample to dry. Excess liquid can be blotted away using filter paper, or the 

sample can evaporate on its own. Buffer components may also crystallize depending 

on the composition and purity of the sample. The grid can be moved so that 

evaporation occurs on the benchtop, in a desiccator, under vacuum, or in an inert 

atmosphere as necessary. Let the sample dry completely before use or storage. 

42. Dry small molecule solid state samples can be used immediately or stored prior to 

MicroED data collection. Grids can be stored under ambient laboratory conditions or 

in a controlled environment like a dry box or desiccator. 

43. Dry solid state samples can be directly loaded into the microscope without prior 

cooling, or the grid can be plunged into liquid nitrogen before loading into a cooled 

autoloader. If excess solvent remains, the sample grid can be incubated in a vacuum 

desiccator or a vacuum oven (~40°C) for 15 to 30 minutes before loading into the 

microscope154. 

Option E: Grow crystals on the grid as suspended drops 

Physically transferring the crystal sample to the grid and blotting using conventional MicroED 

sample preparation protocols can be difficult steps and may introduce significant bottlenecks in 

the workflow. This is especially true for highly viscous crystal drops. Moreover, crystals sensitive 

to stress may be damaged and certain crystals may exhibit a preferred orientation on the grid 

support surface, limiting the amount of reciprocal space available for data collection. In suspended 

drop crystallization140, the crystal transfer and blotting steps in the workflow can be bypassed. 

Here, the crystallization drop is incubated on a low mesh count grid with no additional sample 
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support layers (support-free grids). The crystals are finally frozen on the support-free grid for 

subsequent FIB milling and MicroED (Figure 3.8). 

44. Clip a low mesh count (50-150 mesh) support-free gold gilder grid into an autogrid cartridge 

(Thermo Fisher) and glow discharge to clean the surface (see above Prepare TEM grids for 

MicroED). Gold grids are preferred because they are chemically inert. Lower mesh grids make 

it easier to visualize crystals by light or UV microscopy, and crystals are less likely to be 

obstructed by grid bars during subsequent FIB filling. 

45. Mount the cartridge into a cartridge holder tool. Dispense the sample and crystallization 

mother liquor onto the support-free grid (Figure 3.8). It is important to make the drop small 

enough so that it does not touch the inner wall of the autogrid cartridge to avoid copper ion 

contamination. A final drop volume of 0.2 – 0.5 µL is suitable. 

 

Figure 3.8. Growing crystals on the TEM grid by suspended drop crystallization. An 

autogrid cartridge containing a support-free grid is mounted in the autogrid mounting tool 

and sample is dispensed onto the grid surface. The suspended drop is incubated in a 

mother liquor well for vapor diffusion to occur. To thin the sample prior to freezing, use a 

micro-brush tool to spread the crystal drop across the surface. Cryo-preserve by rapidly 

plunging into liquid nitrogen or ethane prior to FIB milling and MicroED140. 
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46. (Optional) If dispensing small volumes of sample onto the grid is problematic, the crystal drop 

can be transferred to the gold gilder grid by touching the grid with the surface of the drop. 

Prepare a 0.5 – 1 µL crystal drop on a clear glass slide. Use tweezers to grasp the rim of the 

autogrid and gently touch the gold gilder grid to the top of the drop while avoiding contact with 

the autogrid. A small amount of the drop will transfer to the grid when contact is broken. 

Another option is to touch the end of a pipet tip containing sample to the grid and a minimal 

amount will be transferred. 

47. Immediately seal the mounted autogrid into a crystallization well containing mother liquor and 

incubate (Figure 3.8). Monitor for crystal growth by light or UV microscopy. 

48. Retrieve the autogrid cartridge containing crystals using tweezers. 

49. (Optional) To make the sample thinner, spread the drop across the grid surface to cover more 

area. Grasp the edge of the grid using reverse action tweezers. Under a light microscope, use 

a micro-brush tool to push the drop around (Figure 3.8). 

50. Rapidly plunge-freeze into liquid nitrogen or ethane (Figure 3.8). Store  

51. Proceed to step 60 to perform FIB milling to generate crystal lamellae that access crystals 

through the surrounding crystallization media Also refer to the FIB milling procedures 

described in other publications for targeted milling of deeply submerged crystals using an 

integrated fluorescence light microscope138,140.  

Option F: Thinning membrane protein crystals embedded in LCP using a plasma 
focused ion beam (pFIB). 

Pairing FIB milling to generate thin crystal lamella with MicroED has unlocked many new 

avenues for MicroED155. It is possible to collect MicroED data even from macromolecules 

like proteins to sub-atomic resolution (better than 1 Å) using FIB-milled crystals156. If the 

crystallization media can flow, crystal samples can be applied to a TEM grid and blotted 

as normal before FIB milling (Figure 3.5)32,35,82,96,135,155,157–160. For crystal samples 
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amenable to blotting, gallium ion FIBs have been used to successfully prepare sample 

lamellae for the subsequent MicroED structure determination of soluble proteins140,156 and 

membrane proteins in LCP sponge phase161 and bicelle media137. In these works, crystal 

topological features and grid bars could be observed using the FIB and SEM modes of 

imaging in the milling instrument, which is necessary for crystal targeting. In the protocol 

published by Martynowycz and Gonen in 2021, a standard workflow for generating crystal 

lamellae using FIB-SEMs equipped with a gallium ion source is described82. In contrast, 

membrane protein crystals embedded in the lipidic cubic phase (LCP) are highly viscuous 

and cannot be blotted. The deposited LCP preparations can be several hundred microns 

in thickness and somewhere inside nanocrystals could be buried. We have found that 

milling through this large amount LCP using a gallium ion FIB is ineffective as the LCP 

appears to deform and melt, destroying the sample in the process.  

To prepare sample lamellae that expose crystals deeply embedded in LCP matrix 

for MicroED, we developed a correlative light-EM and milling procedure that implements 

a plasma beam FIB (pFIB), which is more rapid and less damaging than gallium ion 

FIBs138,162. The pFIB/SEM milling instrument employed for these experiments is the 

cryogenically cooled Helios Hydra 5 CX dual-beam (Thermo Fisher) instrument equipped 

with Argon, Xenon, Oxygen, and Nitrogen plasma ion sources. We showed that the Argon 

and Xenon ion sources can mill through large amounts of LCP material efficiently without 

compromising the integrity of the sample138. Because the deposited LCP crystals are 

submerged below the surface of the sample, it is necessary to label the protein of interest 

with a fluorescent marker that can be detected by an integrated fluorescent light 

microscope (iFLM)163 installed on the Hydra. Labeling with a fluorescent dye prior to 
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crystallization in LCP and using the iFLM has enabled us to target submerged crystals 

with the pFIB and collect MicroED data to determine high-resolution structures of 

membrane proteins preserved in that were previously unattainable138,139. A similar 

workflow was adapted for the development of suspended drop crystallization140, wherein 

crystal samples are grown on a support-free TEM grid and blotting of the sample prior to 

freezing is bypassed.  

Here, we outline a detailed procedure for targeted pFIB milling of membrane 

protein crystals embedded in LCP matrix using a Helios Hydra 5 CX pFIB/SEM equipped 

with an iFLM for MicroED data acquisition.  

52. Label the membrane protein of interest with a fluorescent dye prior to LCP 

crystallization. Labeling the protein will make it possible to detect crystals using the 

iFLM. The iFLM operates in either reflective mode or fluorescent mode. There are four 

different wavelengths to choose from in fluorescent mode (λ = 385, 470, 565, 625 nm). 

Highly reactive N-hydroxysuccinimide (NHS) esters have been used for labeling LCP 

crystals before crystallization and lamella milling for MicroED138,139,164. However, the 

most suitable dye for the protein of interest may need to be empirically determined.  

(Tip) In some cases, it may be possible to detect crystals by fluorescence without 

labeling. Imaging trials may be performed to determine if the unlabeled crystals 

emit a strong enough signal to be detected using the iFLM at different excitation 

wavelengths. 

53. Crystallize the labeled membrane protein of interest. The protocol for LCP 

crystallization by Caffrey and Cherezov, 2009, may be referenced165. 
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54. Prepare the sample preparation workstation: crystals in LCP are highly susceptible to 

dehydration damage. It is critical for LCP crystal sample looping and transfer to 

happen in a highly humidified environment. Place a humidifier next to the light 

microscope that will be used during sample preparation and direct a steady flow of 

water vapor at the LCP plate.  

We always prepare LCP samples with two people. One person holds the clipped 

grid with autogrid tweezers while the other works under the light microscope to transfer 

the LCP sample from the sandwich plate to the grid. Working quickly and efficiently to 

minimize environmental exposure of the LCP sample is essential. 

55. Clip the grids into autogrid clips that have one permanent marker dot on the rim 

(Figure 3.9b). This marking is used when loading the pFIB/SEM and the TEM to 

ensure the lamellae will be at the proper orientation relative to the TEM stage tilt 

axis. The C ring will be clipped on the copper/back face of the grid. The front face of 

the grid should be facing down when clipping the grids. Optionally apply more 

distinguishable dots along the rim of the autogrid at the 3, 6, and/or 9 o’clock 

positions. This may be helpful if the dots fade after repeated use in the microscopes. 

 

Most Thermo Fisher cryogenic milling instruments use grids clipped into autogrids 

(Figure 3.9a). Specialized autogrid clips have been designed to mill at shallow angles 

for tomography experiments. Crystals for MicroED can be milled at high or shallow 

angles using standard or specialized autogrid clips, respectively. 
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Figure 3.9. How to handle TEM grids when FIB milling crystals. (a) The TEM grid is 

placed inside an autogrid. A C-clip is inserted inside the autogrid to sandwich and retain 

the grid. (b) The flat face of the autogrid is marked to indicate the FIB milling direction, 

which is perpendicular to the TEM rotation axis. (c) The autogrid is placed inside the 

FIB/SEM transfer shuttle with mark facing up. The shuttle is then loaded inside the 

FIB/SEM instrument. (d) Post-milling, autogrid tweezers are used to rotate the autogrid 

90 degrees under cryogenic conditions. The rotation degree is indicated by the mark. 

After rotating, the autogrid is inserted directly into the TEM cassette (e). 

 

Grid bars can obstruct potential crystal targets. Unlike the gallium ion FIB, it is 

possible to mill through grid bars to expose the bottom of the lamella using high milling 

currents. However, it is preferable to avoid depositing extra energy into the sample for 

this purpose. We recommended using 200 mesh holey carbon grids to reduce the 

chances of grid bar interference. 

56. Glow discharge the clipped grids for 30 s at 15 mA on the negative setting immediately 

before sample preparation.  

57. Place the LCP glass sandwich plate under the light microscope.  

58. Use a tungsten carbide pen to etch a square around the drop of interest and carefully 

cut through the top piece of the sandwich plate using a razor blade. Lift the glass 
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square open using the edge of the razor blade. If the square is not completely 

separated from the plate, rest the razor blade on the square after flipping it over to 

hold it down (Figure 3.10a). 

59. Loop the LCP-crystal glob from the LCP sandwich plate using a 50 – 100 μm nylon 

crystallography loop or a similarly sized MiTeGen dual thickness micro mount (Figure 

3.10b). 

60. Plunge the grid into liquid nitrogen or ethane. We typically use liquid nitrogen when 

manually plunging the sample because it is easier and safer to work with. Store the 

sample under liquid nitrogen prior to further experiments (Figure 3.10c). 

 

-Pause point- 

 

 

Figure 3.10. LCP crystal sample preparation. 
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61. (optional) Screen the grids using a Thunder cryogenic light microscope (Leica 

Microsystems) to identify grids suitable for milling (Figure 3.11a). In the ideal sample, 

the height of the LCP glob will not exceed 100 µm and there will be many fluorescently 

labeled crystals in clear view and away from grid bars. Milling through more than 100 

µm height of material is time-consuming, and crystal targeting is less accurate. While 

it is possible to mill crystals directly over grid bars with the pFIB (procedure described 

below), it is advisable to avoid grid bar milling if possible. Record the X-Y positions of 

regions of interest for subsequent targeting on favorited grids. 

=  

Figure 3.11. LCP crystal lamella targeting. (a) A whole-grid fluorescent map of the LCP 

glob on the TEM grid was acquired in a Thunder imager to determine where 

fluorescently labeled membrane protein crystals (red circles) are located. A crystal that 

emits strong signal and located in the center of a grid square is targeted for pFIB milling 

(red square). (b) iFLM image of the final milled lamella confirms the targeted crystal is 

present. (c) The milled lamella (red arrows) imaged from the pFIB milling angle. 
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62. Prepare, pre-cool and align the pFIB/SEM following manufacturer instructions.  

63. Load the grids into the Hydra pFIB/SEM transfer shuttle following manufacturer 

instructions.  

a. Use liquid nitrogen to cool the transfer shuttle transfer station. 

b. Loosen the screw on the pFIB/SEM transfer shuttle that locks the grids in 

place.  

c. The pFIB/SEM transfer shuttle can accommodate two grids. Slide the 

clipped grid into a grid slot with the front face of the grid (where the sample 

was applied) facing out (Figure 3.9c). If necessary, rotate the grid in the 

shuttle so the permanent marker dot is in the 12 o’clock position.   

d. Load a second grid if desired.  

e. Tighten the screw to lock the shuttle. 

64. Follow manufacturer instructions to load the shuttle into the microscope. Allow the 

vacuum and temperature to stabilize after loading. 

65. Apply a protective coat of platinum to the crystal sample to limit damage during the 

milling process. The LCP glob is coated with a layer of a volatile carbon-rich platinum 

using the gas injection system (GIS) prior to pFIB milling. To apply a GIS platinum 

coating, move to the mapping position with a 12 mm working distance and deposit 

platinum over 30 seconds to yield approximately 1 µm of GIS coating. The SEM can 

be used to monitor the thickness of the GIS coating. 

66. The GIS protective layer is an insulator, and over the course of milling will likely 

become charged. This results in imaging artifacts that make distinguishing features of 

the lamellae being milled difficult because there is little to no contrast. Our current 
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strategy for mitigating platinum charging effects is exposing the milling site and 

surrounding GIS layer with the pFIB set to ~0.5 nA until the contrast flips. The GIS 

layer will protect the sample during this process. 

67. (optional) In addition to GIS, the milling instrument may also be equipped with a sputter 

coater that deposits grains of platinum. The protective platinum is applied in a series 

of steps, starting with sputter coating a fine and then a rough layer82. Aim for a 50 - 

350 nm thick layer and deposit it first as a fine coat (1 kV 7 mA 30-60 seconds) then 

as a rough coat (1 kV 30 mA 30-60 seconds).  

While applying a combination of sputter coating and GIS will increase milling time, the 

stability of the sample will be enhanced.166,167. Moreover, the platinum sputter coating 

will make the sample conductive, reduce charging effects caused by the GIS, reduce 

the formation of curtains during milling, and increase the structural integrity of the 

grid166–169. 

(Caution) Both the GIS and sputter coating processes can increase the stage 

temperature, leading to sample de-vitrification. To counteract this increase, increase the 

flow of the nitrogen gas that cools the stage protective layer application.  

68. Find the rough eucentric height of the sample. Center the SEM on a feature at the 

surface, such as ice, and tilt the stage 5°. Adjust the Z height of the sample until the 

feature is centered again. Continue tilting in 5° increments and adjusting the Z height 

until the feature stays centered at various tilt angles. 

69. Evaluate the grid by taking an atlas using the SEM using the latest version of MAPS 

software (Thermo Fisher). Crystals are typically submerged in the LCP glob, and it is 
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impossible to observe crystal topological features at the glob surface. Use MAPS 

software to refine the eucentric height of the sample.  

70. Identify LCP crystal targets using the iFLM to determine x,y and z positions for milling. 

Set the iFLM to the proper fluorescence excitation wavelength for the protein label 

used. Scan the sample with the iFLM in live mode until a crystal region has been 

identified. Center the crystal and switch to the iFLM reflective cube. Adjust the Z height 

of the iFLM to determine the approximate top and bottom Z-dimensions of the LCP 

blob, indicated by grid bars and the glob surface coming into focus, respectively. Use 

these Z-dimensions to acquire a stack at 1µm Z-steps. Repeat the Z-stack acquisition 

using the fluorescent cube. The depth of the crystal below the surface of the glob is 

determined by identifying where in the Z-stack the crystal comes into focus. Use this 

information for subsequent pFIB targeting. 

Although it is possible to mill through grid bars using a pFIB (described below) it is 

recommended to aim for targets close to the center of a grid square to avoid complications 

related to grid bar removal. 

71. Plan out the milling session. 

f. Contamination and ice will build up on the sample while it is in the 

pFIB/SEM instrument, so the total experiment time should be minimized. 

The rate of ice buildup should be assessed for the instrument and 

influences the total length of the microscope session. In our Hydra milling 

instrument, operating at optimal vacuum and temperature, ice builds up 

about 2-10 nm/hr. 
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g. Consider how many putative crystals to target over the session. Fully 

preparing one lamella through LCP can take 4-8 hours, depending on the 

thickness of the sample and how difficult targeting is (e.g., for smaller 

crystals). 

h. Smaller crystals require more careful monitoring and can take additional 

time to finish. 

i. Determine the appropriate milling angle for your sample. Using standard 

autogrid clips, the milling angle will be high. For a given target, higher 

milling angles lead to shorter lamellae, while shallower milling angles lead 

to longer lamellae. The dimensions of the target also influence the possible 

lamellae lengths. A typical milling angle for MicroED is 18°. 

j. Determine the appropriate lamella width for your sample. Wider lamellae 

provide a larger field of view in subsequent TEM, but are more likely to 

break or distort during transfer to the TEM. 

k. Each lamella can be fully milled, or different milling stages can be batched 

together. For batching, first perform rough milling for each target, then fine 

milling, and finally polishing for each lamella. Batching requires more user 

effort and can reduce contamination.  

72. Return to the x, y, z coordinates of the crystal. Confirm that the pFIB and SEM beams 

are properly aligned by comparing if they are centered on the same area when 

imaging. If they are not properly aligned, refine the eucentric height manually and/or 

repeat the eucentric height calculation in MAPS software. 



 96 

73. See Figure 3.12 for an overview of the steps to take for LCP crystal milling. Also in 

Figure 3.12, the settings to use for both Xenon and Argon plasma ion beams at 

different milling stages are listed and strategic considerations are indicated.  

74. Start lamella production by milling a trench that will remove both the surface of the 

LCP glob and material above the crystal. For this, draw a milling box 10 to 30 µm thick 

and 10 to 20 µm wide and use rough milling settings at a high ion-beam current (Figure 

3.12, step 1). Monitor the milling progress by periodically pausing the milling current  

 

 

Figure 3.12. Strategy and pFIB beam settings to use for milling LCP crystals. In each 

panel, the drop (blue) is viewed parallel to the grid support surface (gold) and from the 

pFIB milling angle view. The size of the crystal (green) is exaggerated in the models. The 

portions of the crystal that are milled away by the pFIB beam (red) during each step are 

indicated (orange boxes with diagonal hatching). 
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and imaging with the SEM. After the initial rough mill is complete, proceed by stepping 

down the topside milling box in increments while gradually reducing the milling current 

to prevent depositing damaging energy into the approaching crystal (Figure 3.12, step 2). 

(Critical step) Frequently image the top of the lamella using low voltage SEM (0.9 

- 1.2 kV) with the through lens detector (TLD). These settings define the “Immersion 

mode” preset. With these settings applied, it is possible to observe the contrast difference 

between the crystal and the surrounding LCP media. Note that SEM alignment needs to 

be redone when switching to the TLD and immersion mode. Also, image the lamella 

between mills using the iFLM. The crystal fluorescent signal will become significantly 

stronger when it is finally exposed from the top. 

(Caution) Some sample drift can occur during milling. Realign as necessary between 

milling steps. 

75. Once the crystal target is finally exposed from the top, stop milling from the top and 

begin excavating the bottom lamella trench using rough milling settings and boxes 

sized similar to those used for the top of the lamella in the previous step (Figure 3.12, 

step 3). 

If it is not possible to avoid grid bars, apply the following procedure: Draw as small of 

a box as possible to dig a trench beneath the crystal that goes through the grid bar and 

set the milling distance in the z direction to 300 µm deep and milling current to >100 nA. 

Keep the high current beam as far away from the crystal as possible and focus on only 

the removal of the bar.  
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(Caution) Do not image with the pFIB at >100 nA, as it will damage the detector. Turn 

off the live update and in-box imaging while using these currents. The drawn milling box 

must be overlaid on an image taken at a lower ion current. Because shifts can sometimes 

occur when shifting from low to high currents, this procedure may sometimes fail as the 

box drifts away from the target. 

76. After the rough mill of the bottom lamella trench is complete, continue stepping the 

bottom milling pattern up while gradually reducing the milling current to reduce the 

thickness of the lamella further (Figure 3.12, steps 4-5). Since the location of the 

crystal in the lamella is known at this point, optionally reduce the size of the milling 

box to make the lamella narrower.  

77. Use the rectangle milling pattern function with a low ion-beam current (1.5-30 pA) to 

polish the fine lamella to the desired final dimensions (Figure 3.12, step 6). With the 

rectangle pattern, a live view of the milling progress can be observed. Monitor the 

progress carefully and immediately stop the milling current once all material inside the 

box has been remove. The lamella is especially sensitive at this stage and milling time 

should be minimized. To optimize the quality of the MicroED data obtained from crystal 

lamellae, the ideal sample thickness for macromolecular protein samples has been 

determined96.  Crystal lamellae are typically milled ~300 nm thick before performing 

MicroED. 

78. (Optional) Image the final lamella with the iFLM to confirm the crystal is still present 

(Figure 3.11b). 

79. Confirm the polishing results and measure the resulting lamella thickness to confirm 

it is the desired thickness. Use the ion beam at 1.5 pA to examine the final lamella 
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(Figure 3.11c). Imaging with a lower current at the final stage is recommended as the 

thin lamella is sensitive to damage.  

80. Unload the grids and transfer them to a TEM to collect diffraction data. The autogrid 

should have a mark indicating the direction of the ion beam. When loading the autogrid 

into the TEM, the grid should be rotated such that the lamellae are oriented 

perpendicular to the TEM rotation axis; on our instrument, this requires a 90° rotation 

of the grid (Figure 3.9c-e).  

Collect MicroED Data 

After sample preparation, grids are loaded into a TEM for examination. A low magnification atlas 

is used to identify promising grid squares with putative crystals. The eucentric height is 

determined for each putative crystal, and a still diffraction image is collected to assess diffraction 

quality. A movie of MicroED diffraction data is collected for promising crystals. The stage is limited 

to a -70° to +70° sweep on most standard TEMs. After collecting the data, the images are 

converted into a compatible format and processed using standard X-ray crystallography software. 

Data collection and processing is described in several papers44,45,85,86,154,157–162 

Troubleshooting 

Common MicroED sample preparation issues and potential solutions are summarized in 

Table 3.3.   

Anticipated results 

Optimal grids for MicroED should contain multiple crystals in various orientations and be frozen 

in a thin layer of vitreous ice. If a dried sample is prepared, the crystals should be in multiple 

orientations and not obscured by solvent crystals. Crystals should be readily distinguished from 

the background. If the crystals are in thick ice, the contrast will be reduced. Crystals could be 
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diluted before freezing, or additional blotting time could be added. If the sample is too thick, it can 

be dealt with by diluting it, blotting longer, fragmenting the crystals, or preparing a thin lamella 

using FIB milling.  

There should be enough space between crystals that a dataset can be collected for a given crystal 

without the interference of the diffraction pattern of a nearby crystal. Crystals that are clumped 

can be disrupted by fragmentation or dilution (Figure 3.3). 

Crystals should displace discrete, symmetric spots when diffraction data is collected. If crystals 

are imperfect, disordered, defective, impure, or damaged, they can display streaky, smeared, or 

split reflections176. Crystals may be twinned, or multiple crystals may be diffracting.  

With these strategies, high-quality MicroED data can be collected and used to solve high-

resolution structures of a variety of macromolecules and small molecules.  
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Table 3.3. Troubleshooting MicroED Sample Preparation. 

 

Steps Problem Possible Reason Solution 

14-18 No crystals on grid Low crystal 

concentration in the 

sample 

 

Crystals adhere to the 

screening plate and/or 
the pipet tip inner 

surface 

Apply sample multiple times 

 

Concentrate sample 

 

Pipet larger volume to grid 

 

Grow crystals on grid as suspended drop 

16 Crystals are dry Blotting is to 

aggressive 

Blot for less time or fewer blots 

 

Sugar embedding with trehalose can be 

used to preserve delicate crystals by 

reducing dehydration and acting as a 

cryoprotectant2,11,52,66–72 

 

Crystals may be sandwiched between 

carbon films to reduce dehydration during 

blotting69,73 

 

Grow crystals on grid as suspended drop 

18 Overlapping 

diffraction patterns   

Crowded crystals on 

grid 

Fragment crystals (see Info box of 

Fragmenting crystals) 

 

Dilute crystals during grid preparation 

 

Pipet less volume to grid 
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14-15 Thick ice prevents 

electron transmission 

Insufficient blotting Blot more (duration or number of blots) 

 

Dilute sample during grid preparation 

 

Pipet less volume to grid 

 

Blot from both front and back faces 

 

Perform manual blotting (see Info box on 

Manual blotting) 

 

FIB mill 

25, 32 Thick crystals prevent 
electron transmission 

Crystals were allowed 
to grow to a thickness 

that is greater than the 

mean free path of 

electrons162,179–183 

Fragment crystals 

 

FIB mill 

18, 38 Buffer components 

crystallize 

Buffer concentration 

too high 

 

Crystals are grown in a 
high salt condition 

Wash crystals on grid 

 

Dilute sample 

 

Pressure-assisted blotting127 

30-34 Contamination from 

previous experiments 

Poor workspace 

cleanliness 

Loosly associated 
powders fall off during 

grid transfer 

If using a microscope 

with an autoloader, 

Work with a minimal amount of sample  

Wipe tools with ethanol and kimwipe after 

handling the sample 

Clean the microscope cassette according 

to manufacturer instructions   
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powders may fall off 

and accumulate in the 

cassette. 

13, 15, 26 Crystals are 

damaged  

Pipetting and/or 

fragmentation 

disrupted crystal 
integrity 

FIB mill instead of fragment 

 

Touch grid to crystal drop instead of 
pipetting drop onto grid 

 

Grow crystals on grid as suspended drop 

22 Ice contamination on 

grid 

Breathing onto the 

sample 

 

Allowing the sample to 

sit outside storage 
containers too long 

 

Liquid nitrogen storage 

contaminated 

Wear a mask during grid prep 

 

Minimize time in transfer and loading 

station 

 

Minimize time in storage dewar 

33 Smeared or split 

reflections in the 

diffraction pattern 

 

Crystals are imperfectly 

ordered or damaged 

Fragment imperfect crystals 

 

Screen additional crystallization conditions 

51 Crystals destroyed by 
FIB 

The protective layer of 
platinum is too thin 

Deposit a thicker platinum coating prior to 
milling 

6, 15-16 The grid is too 

hydrophobic (Figure 

5e, f) 

Insufficient glow 

discharging 

Vary the process time (typically ranging 

from 15 to 120 seconds) and the current 

(typically 15 to 60 mA) 

17, 28 The grid is bent  

 

Grid was damage 

during preparation 

Decrease the blotting force 
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Avoid applying excessive force to the grid 

during sample application 

 

 

27 LCP crystals are not 

distinguishable in the 
drop when using a 

cross-polarized light 

microscope. 

 

The LCP phase 

converted to the 
lamellar phase that 

gives a bright cross-

polarized signal 

Make sure that the relative humidity is 

above 85% whenever working with LCP 
samples 

 

Check that the lipid mixture is dry and 

does not have a trace of solvent 

 

 

PEG400 can dilute the lamellar phase and 
convert it into the sponge phase163,184 

 

26 After the addition of 

PEG400, cholesterol 

crystals appear. 

 

The concentration of 

cholesterol is too high 

Freeze within 3 min after mixing with PEG-

400 before cholesterol crystals can form 

 

Carry out the sample preparation 

procedure at 17-20°C 

 

Use a lipid mixture with lower cholesterol 

content (5-8%) for crystallization 
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Abstract 

We have developed a novel crystal growth method known as suspended drop 

crystallization. Unlike traditional methods, this technique involves mixing protein and 

precipitant directly on an electron microscopy grid without any additional support layers. 

The grid is then suspended within a crystallization chamber which we designedthis , 

allowing for vapor diffusion to occur from both sides of the drop. A UV transparent window 

above and below the grid enables the monitoring of crystal growth via light, UV, or 

fluorescence microscopy. Once crystals have formed, the grid can be removed and 

utilized for x-ray crystallography or microcrystal electron diffraction (MicroED) directly 

without having to manipulate the crystals. To demonstrate the efficacy of this method, we 
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grew crystals of the enzyme proteinase K and determined its structure by MicroED 

following FIB/SEM milling to render the sample thin enough for cryoEM. Suspended drop 

crystallization overcomes many of the challenges associated with sample preparation, 

providing an alternative workflow for crystals embedded in viscous media, sensitive to 

mechanical stress, and/or suffering from preferred orientation on EM grids. 

 

Introduction 

Crystallography is a widely used technique for determining the structures of both small 

and large molecules such as proteins1. Crystals, which possess repetitive structural 

patterns, are utilized in this approach2. When a coherent beam of x-rays or electrons is 

directed at a crystal, it is scattered in predictable ways that provide information about the 

underlying structure of the molecule in the crystal3. Over the past century, a number of 

crystal growth methods have been developed and refined, including liquid-liquid 

diffusion4, vapor diffusion using hanging or sitting drops5, and lipidic cubic phase (LCP)6. 

Additionally, two-dimensional crystallization utilizing dialysis and growth through 

evaporation and concentration has also been explored and documented7–9. 

Vapor diffusion is the most commonly employed method for protein 

crystallization10. In this method, the protein of interest is mixed with a mother liquor and 

placed either in a small well or on a glass support that hangs above the solution. The 

mixture is then sealed in a chamber with additional crystallization solution to allow for 

vapor diffusion. As the vapors form, the effective concentration of the protein increases, 

causing the drop to shrink. Under certain conditions, crystals may form, which are then 
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detected using light, UV, or fluorescence. Several automated instruments have been 

developed for crystal detection. Hanging drops are typically used for soluble proteins in 

aqueous solution, while sitting drops are preferred for membrane proteins that may be in 

a solution with detergent and lipids 11. Various conditions are tested to optimize crystal 

growth, including pH, temperature, precipitants, and additives. 

MicroED is a cryogenic electron microscopy (CryoEM) technique that utilizes 

electron diffraction to determine the three-dimensional structure of proteins, peptides, and 

small molecules in cryogenic conditions12–16. This method is suitable for crystals that are 

extremely small and typically invisible to the naked eye, with a size a billionth that required 

for x-ray crystallography 17,18. Once a crystal is obtained, it is transferred onto an electron 

microscopy grid using a pipette and rapidly frozen in liquid ethane. The sample is then 

placed in an electron microscope operating at liquid nitrogen temperatures to minimize 

radiation damage. The electron beam is focused in diffraction mode onto the crystal when 

it is identified, and MicroED data is collected on a fast camera while the stage is 

continuously rotating. X-ray data reduction software is utilized to process the MicroED 

data, and established procedures are employed to determine the structures19. 

Recent studies have demonstrated successful determination of structures for 

membrane proteins embedded in lipids using a novel approach for sample preparation20–

22. The method utilizes a scanning electron microscope coupled with a focused ion beam 

(FIB/SEM) for sample preparation. In one example, the human adenosine receptor 

(A2AAR) was crystallized in LCP, and the crystal drop was transferred to an electron 

microscopy grid by blotting and rapid freezing in liquid ethane. The sample was too thick 
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for visualization by a transmission electron microscope, so fluorescence was used to 

locate the nanocrystals within the lipid matrix. Correlative light-EM was then utilized to 

expose the crystals with the FIB for MicroED analyses, resulting in a high-resolution (2.0 

Å) structure of the human receptor22. A similar approach was also used to determine the 

structure of a functional mutant of the mammalian voltage-dependent anion channel 

VDAC21. 

In certain cases, it is advisable to avoid transferring crystals onto an electron 

microscopy grid. Some protein crystals may be too delicate and have a large solvent 

fraction, which can result in damage during the transfer process and render them 

unsuitable for MicroED. Additionally, membrane protein crystals embedded in lipids, such 

as those formed through lipidic cubic phase crystallization, are highly susceptible to 

damage from physical manipulation. For these sensitive samples, new sample 

preparation techniques must be developed and optimized to ensure their suitability for 

MicroED. 

Although the aforementioned sample preparation methods have been successful, 

they rely on the assumption that crystals are not damaged during the physical 

manipulation and transfer onto an electron microscopy grid. Additionally, certain crystals, 

especially those that resemble sheets, may exhibit a preferred orientation on the grid 

carbon support, which can limit the reciprocal space available for sampling. Given these 

challenges, there is a need to develop alternative approaches for sample preparation for 

MicroED, as well as for other imaging applications such as x-ray crystallography. 
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Here we used conceptual design and 3D printing to create a suspended drop 

crystallization setup.  This is a novel approach for sample preparation for MicroED that 

eliminates the need for crystal transfer and physical manipulation, offering an alternative 

to traditional crystallization methods. The method involves allowing crystallization to occur 

directly on an EM grid without support, enabling both sides of the drop to be exposed for 

uniform vapor diffusion. The absence of support film on the grid eliminates preferred 

crystal orientations and enables complete reciprocal lattice sampling. Crystal growth can 

be monitored visually, and the entire crystallization drop can be plunge-frozen directly on 

the EM grid. The method was successfully demonstrated on proteinase K crystals, 

resulting in a 2.1 Å resolution structure. This approach may have potential for other 

imaging applications beyond MicroED. 

Results 

The 3D printed suspended drop screening tool.  

The suspended drop crystallization screening tool is a screw cap that can mount pre-

clipped EM grids and suspend them over a well reservoir. The screw and mounting arms 

are made of a flexible rubber material made of thermoplastic polyurethane (TPU) that 

applies gentle pressure on the clipped EM grid without the risk of bending (Figure 4.1a). 

The screw also incorporates a clear glass coverslip that is securely tightened by a 3D 

printed plastic screw to create a viewing window. After dispensing sample onto a support-

free EM grid, the suspended drop is sealed into an incubation chamber containing mother 

liquor (Figure 4.1b). Suspended crystallization drops can be monitored through the 

viewing window using light and fluorescent microscopy.  
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A screening tray was also been designed and 3D printed, which can accommodate 

multiple incubation chambers for larger screening experiments (Figure 1C). When 

suspended drop crystals are identified, the screening tool is unscrewed from the well, 

tweezers are used to retrieve the grid, and the grid is rapidly plunged into liquid nitrogen 

or ethane without blotting (Figure 4.1d). We do not blot the support-free grids prior to 

vitrification because the crystals would likely be lost to the filter paper as there is no holey 

carbon support film to capture the crystals. Furthermore, blotting on grids with a support 

film would allow crystals prone to preferred orientation to become oriented on the film, 

which we want to avoid. The suspended crystallization drops we froze were on average 

100 µm thick, while vitrification at atmospheric pressure is effective for samples 10 – 20 

µm thick23.  

Although we plunged our suspended drops in liquid ethane, it is likely that the 

crystals were surrounded by some crystalline ice. Importantly, we observed no crystalline 

ice diffraction when the beam was focused on the lamella crystal site. For MicroED, 

FIB/SEM milling is performed prior to TEM imaging (Figure 4.1e). The suspended drop 

crystallization method can also be used directly for x-ray analysis by mounting the grid 

directly onto the goniometer. 

Protein crystals grown by suspended drop crystallization. 

We hypothesized that support-free gold gilder grids with a low mesh count (50-200 mesh) 

could be used to suspend crystallization drops during long incubation periods. 

Experimental results confirmed that suspended crystallization drops could be stably 
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Figure 4.1. Suspended drop crystallization. (a) A support-free EM grid is clipped into an 

autogrid cartridge and mounted between the arms of the suspended drop screening tool. 

The sample and crystallization solution are dispensed onto the grid. (b) The chamber is 

immediately sealed to allow vapor diffusion. (b) The incubation chambers are inserted 

into a screening tray for efficient storing and monitoring of crystallization progress by light, 

fluorescence and UV microscopy. (d) EM grids containing crystals are retrieved from the 

screening tool and frozen. (e) The specimen is then interrogated by MicroED or other 

methods such as tomography, x-ray crystallography, or general microscopy. FIB milling 

is optional depending on the application. 

 

retained by such grids. Gold grids were chosen because gold is chemically inert as 

opposed to common copper grids. However, since the Thermo-Fisher autogrid cartrides 

we used do contain copper, the suspended drops we prepared were intentionally made 

small enough so that they would not touch the inner wall of the autogrid cartridge.  

To prepare the grids, 3 mm diameter gold gilder grids were clipped into autogrid 

cartridges for stability and rigidity, and glow-discharged before being mounted horizontally 

between the mounting arms of the screw cap. Proteinase K sample was mixed with 
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mother liquor directly on the EM grid and the screening tool was tightened into the well of 

a crystallization tray for incubation (Figure 4.2a). Light microscopy and UV fluorescence 

was used to monitor the crystal growth through the coverslip at the top of the screening 

tool (Figure 4.2b, c).  

Machining crystal lamella.  

Grids containing suspended proteinase K crystallization drops were retrieved from the 

screening apparatus and immediately plunged into liquid ethane. The grids were loaded 

into a plasma beam FIB/SEM equipped with an integrated fluorescence microscope 

(iFLM) at cryogenic conditions. The surface of the crystallization drop appeared smooth 

in the SEM and crystal features could not be observed (Figure 4.2d). To visualize crystals 

below the surface of the drop, the iFLM was used to detect crystal fluorescence (Figure 

4.2e). A series of images was acquired at different focal points between the grid bars and 

the surface of the drop, and the depth at which the crystal appeared most in focus was 

taken to be the true depth of the crystal.  The stack of reflective images was correlated to 

the X-Y plane of the SEM images and a three-dimensional representation of crystal 

locations inside the drop was generated.  

The targeted crystal and surrounding media were milled into a thin lamella using a 

xenon plasma beam (Figure 4.2f). We used the xenon plasma beam because it is the 

fastest and most gentle option for milling crystals that are deeply embedded in solvent 22. 

The final lamella was ~7 μm wide and 300 nm thick.   
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Figure 4.2. MicroED structure of suspended drop Proteinase K. (a) The suspended drop 

viewed from the top and imaged by (b) Light microscopy or (c) UV. A frozen suspended 

drop specimen was loaded into the FIB/SEM and imaged normal to the grid surface by 

(d) SEM and (e) iFLM with the 385 nm LED to locate submerged crystals. (f) The 

targeted crystal site was milled into a 300 nm thick lamella. (g) Example of MicroED 

data acquired from the crystal lamella. The highest resolution reflections visible to 2.1 Å 

(red arrow). Resolution ring is shown at 2.0 Å (blue). (H) Cartoon representation of the 

Proteinase K colored by rainbow with blue N terminus and red C terminus. The 2mFo–

DFc map of a selected alpha-helix is highlighted, which was contoured at 1.5 σ with a 2-

Å carve. 
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MicroED analyses of suspended drop crystals.  

The grid containing the crystal lamella was transferred to a cryogenically cooled Titan 

Krios electron microscope operating at 300 kV. The lamella site was identified with low 

magnification imaging and brought to eucentric height. A diffraction preview of the lamella 

was acquired to confirm that it would diffract to high-resolution (Figure 4.2g). Continuous 

rotation MicroED data was collected on a real space wedge from -40° to +40° tilt using a 

Falcon4 direct electron detector set to counting mode. Data was collected with a selected 

area aperture to reduce background dose. Strong and sharp reflections were visible to 

2.1 Å resolution and a clear lattice was visible.  

MicroED data were converted to standard crystallographic formats using our online 

tools which are freely available (https://cryoem.ucla.edu/microed). The data were indexed 

and integrated in XDS to 2.1 Å resolution. Phases for the MicroED reflections were 

determined by molecular replacement. The space group was determined to be P 43212 

with a unit cell of (a, b, c) (Å) = (68.26, 68.26, 101.95) and (α, β, γ) (°) = (90, 90, 90). The 

structure was refined using electron scattering factors (Table 1). The structure of 

proteinase K that was determined matches other MicroED structures of this protein that 

determined from crystals that were handled using traditional MicroED sample preparation 

protocols (Figure 4.2h).  
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Table 4.1. MicroED structure statistics of proteinase K crystallized by 

suspended drop. 

 

Discussion 

In this study, we utilized suspended drop crystallization to grow crystals of a protein, and 

subsequently determined its structure by MicroED. To optimize the conditions for 

suspended drop crystallization, we developed a screening tool that features a screw cap 

with two extended arms for clamping an EM grid and a clear glass coverslip that creates 

a viewing window (see Figure 4.2a). Once the sample was dispensed onto a support-free 

EM grid, the suspended drop was sealed into an incubation chamber with mother liquor 

(see Figure 4.2b), and its growth could be monitored using light and fluorescent 

microscopy. To harvest the crystals, the screening tool was unscrewed from the 
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incubation well, and the grid was retrieved with tweezers and rapidly frozen in liquid 

nitrogen or ethane for cryo-preservation.  

The process for preparing MicroED samples is akin to the standard procedure 

followed in other cryoEM techniques like single particle analysis (SPA) and tomography. 

The sample is usually dispensed onto an EM grid, excess solvent is blotted, and the grid 

is vitrified by immersing it in liquid ethane24. However, enhancing the preparation of 

samples for MicroED experiments using this method can be challenging because of 

limited options for improving crystal transfer and blotting conditions, which could cause 

damage to fragile crystals. Nevertheless, suspended drop crystallization offers an 

alternative specimen preparation method that eliminates the need for crystal transfer and 

blotting. This technique presents a promising solution for crystallographers dealing with 

challenging crystals that are embedded in viscous buffer (e.g., membrane proteins or 

crystals in high precipitant conditions), prone to mechanical stress, toxic, volatile, or 

limited in number in the drop. We envisage that suspended drop crystallization will be 

valuable in the preparation of recalcitrant crystals for MicroED experiments. 

Crystals that adopt a preferred orientation on EM grids with carbon support can 

lead to incomplete sampling of the reciprocal space, limiting the accuracy of structural 

determination. This is especially common in plate-like sheet crystals, such as those of 

Catalase and Calcium-ATPase25,26. However, growing crystals using the support-free 

suspended grid method can avoid preferred orientation. As there is no support film, 

crystals cannot align themselves in a specific orientation, allowing for 100% sampling of 

the reciprocal space for any crystal morphology and symmetry by merging data from 

several crystals. It is possible that grids containing a higher number of grid bars could 
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allow crystals to adopt preferred orientation. It is important to use grids with a low mesh 

count to grow crystals that nucleate within a window of the grid and away from grid bars. 

Using a 100 mesh count gilder grid, we were able to obtain many crystals that nucleated 

near the center of the windows (see Figure 4.2c, e). This approach is particularly useful 

for crystallographers working with challenging samples, enabling high-quality data 

collection and accurate structural determination.  

The modular design of the suspended drop crystallization tools described in this 

study enable crystal growth to be efficiently assayed in a sparse matrix screen directly on 

grids without support. While others have demonstrated crystal growth directly on grids, 

they used grids with carbon support and did not demonstrate sparse matrix screening27. 

We found that gold grids were the most inert and produced the most consistent results, 

as copper grids tend to oxidize and prevent crystal growth, and holey carbon grids can 

make it difficult to monitor crystal growth. Using support-free gold grids with a lower mesh 

count allows for easier monitoring of crystal growth, reduces the amount of material in 

contact with the sample, and decreases the likelihood of obstruction by grid bars, which 

is important for subsequent FIB milling. Additionally, because no blotting is required with 

this setup, the initial position of the crystals remains unchanged after freezing, which 

facilitates targeting and FIB milling. 

Using a support-free grid and a sparse matrix approach, the suspended drop 

method allows for easier monitoring of crystal growth and eliminates physical contact with 

the sample. Additionally, the use of a cryogenic plasma beam FIB/SEM enables efficient 

generation of sample lamellae, while cryogenic TEM allows for high-quality MicroED data 

collection. One major advantage of this approach is its potential applicability to membrane 
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proteins, which are notoriously difficult to crystallize due to their softness and fragility. 

Furthermore, the use of automation and robotics could further streamline the process and 

make it more accessible to structural biologists. Overall, the suspended drop 

crystallization method has the potential to become a routine approach in structural biology 

and although not demonstrated in this study, suspended drop crystallization could be 

employed in x-ray crystallography, as well as other microscopy and cryoEM applications. 

Methods and Materials 

Materials 

Proteinase K from Tritirachium album was purchased from Fisher BioReagents 

(Hillsborough, OR) and used without further purification. Ammonium sulfate and Tris 

buffer were purchased from Sigma-Aldrich (St. Louis, MO). All reagents were made with 

MilliQ water. The Ultimaker S5 3D printer and all filaments were purchased from 

MatterHackers (Lake Forest, CA). Glass coverslips were purchased from Ted Pella 

(Redding, CA). The gold gilder grids were purchased from Electron Microscopy Sciences 

(Hatfield, PA). The 100 nm fluorescent TetraSpeck Microspheres were purchased from 

Thermo-Fisher. 

Object design and 3D printing 

All components of the screening tool were designed in the cloud-based CAD program 

Onshape.com and exported in STL file format. To generate GCODE files for 3D printing, 

the STL files were imported into the slicer program Ultimaker Cura 5.0 and default 

Ultimaker material profiles were used. All objects were printed at 0.1 mm layer height and 

40 mm/sec print speed. All 3D printing was performed on an Ultimaker S5 3D printer 

equipped with a 0.4 mm diameter nozzle and a glass build surface with a layer of glue 
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applied. The main body of the screening tool and the cover slip gasket were printed in 

thermoplastic polyurethane (TPU). The cover slip retaining screw was printed in co-

polyester (CPE). A single on-grid screening tool takes approximately 1.5 hrs to print. 

Suspended drop crystallization 

Proteinase K was dissolved in 0.1 M Tris-HCl pH 8.0 at 25 mg/ml. A support-free gold 

gilder grid was clipped into an autogrid cartridge, negatively glow-discharged for 1 min at 

15 mA, and mounted in the screening tool. Equal volumes of proteinase K and 1.5 M 

ammonium sulfate were mixed dispensed on the mounted grid (~0.3 µL final drop 

volume). The screening tool (with mounted grid and crystallization drop) was immediately 

screwed into a well of the crystallization tray containing 300 μL of 1.5 M ammonium sulfate 

in the reservoir. Within 48 hrs, crystals of Proteinase K were observed in the hanging 

crystal drops.  

Sample preparation and cryo-preservation 

The EM grids supporting crystal drops were carefully removed from the screening tool 

with tweezers and rapidly plunged into liquid ethane. The grids were stored in liquid 

nitrogen until use. 

Machining proteinase K crystal lamellae using the plasma beam FIB/SEM.  

The vitrified EM grid was loaded into a Thermo-Fisher Helios Hydra dual-beam plasma 

beam FIB/SEM operating at cryogenic temperature. A whole-grid atlas of the drop was 

acquired by the SEM operating at an accelerating voltage of 0.5 kV and beam current of 

13 pA using the MAPS v3.19 software (Thermo-Fisher). The crystal drop was coated with 

platinum by beam-assisted (argon beam at 4 nA, 5 kV) GIS coating for 1 min to protect 
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the sample from ion and electron beams. The drop was then inspected using the iFLM 

with the 385 nm LED to locate crystals inside the drop at various Z dimensions. The 385 

nm LED was used because it is the only option available in our current system that is 

near the standard excitation wavelengths for protein aromatic residues. We were able to 

detect protein crystal fluorescence using the 385 nm LED. The sample was presented 

normal to the FIB beam and small holes were milled straight down the sample, around 

the crystal of interest, with the Xenon beam at 4nA for use as “fiducials” for the later 

correlation step. A comprehensive fluorescence stack of the crystals of interest was 

acquired with a binning of 2 (pixel size of 240 nm) and a step of 0.5 um (Figure 3B, top 

panel). This stack was deconvolved using the DeconvolveLab Fiji plugin 28. An 

experimental Point Spread Function (PSF) was measured using sub-resolution 100nm 

TetraSpeck microspheres. The processed PSF used for deconvolution was generated 

with the Huygens software (https://svi.nl/Huygens-Software). Further preprocessing using 

the 3D-Correlation Tool (3DCT) 29 was performed: 1- stack reslicing in order to output 

isometric voxels 240 x 240 x 240 nm, and 2- intensity normalization. Low current FIB 

(10pA) and low voltage SEM (2 kV) images were acquired at grazing incidence (milling 

angle 11°) and were used to correlate against the fluorescent stack. 3DCT was used to 

correlate the SEM/FIB views with the fluorescence images. To do so, the milled holes 

were located in 2D in the SEM/FIB image and in 3D in the fluorescent stack. In the latter, 

the crystals of interest were located by delineating them with markers. In our hands, as 

low as 6 fiducial holes, both visible in fluorescence and SEM/FIB, were enough to 

correlate the two modalities with an error no less than 5 pixels.  
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This correlation process was performed during the milling procedure to make sure the 

final lamellae were on target. During the final steps of milling (when the lamella was a 2-

3 μm thick), the correlation precision in Z was no longer enough. Milling was performed 

from top to bottom and the stage was brought back normal to the E-beam for checking 

the presence of the crystal at the surface of the lamella. To do so, SEM settings were set 

to 1.2 kV, 13 pA. These settings allowed scattering contrast between the crystal and the 

surrounding aqueous solvent. When the contours of the crystal were visible, milling was 

performed from bottom to top until the final thickness of 300 nm was reached. The xenon 

plasma beam (30 kV) was used for lamella milling at an angle of 11°. For the first milling 

step, two boxes (20 x 35 μm) separated by 5 μm 4 nA,. Second milling step a current of 

1 nA was used to thin down the lamella to 3.5 μm. Third milling step a current of 0.3 nA 

was used to narrow the lamella to 10 μm wide (X dimension of the milling boxes) and thin 

it down to 2 um. Fourth milling step a current of 0.1 nA was used to thin down to 1 μm. 

Final milling step a current of 30 pA was used to generate a 300 nm thick lamella. The 

final lamella was 10 μm wide, 20 μm long, and 200 nm thick. 

MicroED Data Collection 

Grids with milled lamellae were transferred to a cryogenically cooled Thermo-Fisher 

Scientific Titan Krios G3i TEM. The Krios was equipped with a field emission gun and a 

Falcon4 direct electron detector, and was operated at an accelerating voltage of 300 kV. 

A low magnification atlas of the grid was acquired using EPU (Thermo-Fisher) to locate 

milled lamellae. The stage was translated to the lamellae position and the eucentric height 

was set. The 100 µm selected area aperture was inserted and centered on the crystal to 

block background reflections. In diffraction mode, the beam was defined using a 50 μm 
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C2 aperture, a spotsize of 11, and a beam diameter of 20 µm. MicroED data were 

collected by continuously rotating the stage at 0.2 ° / s for 400 s, resulting in a rotation 

range of 80°.  

MicroED data processing.  

Movies in MRC format were converted to SMV format using MicroED tools 30,31. The 

diffraction dataset was indexed and integrated in XDS 32. Integrated intensities from a 

single crystal were scaled and merged in XSCALE 33.  

Structure solution and refinement.  

Phases for the MicroED reflections were determined by molecular replacement in 

PHASER using Protein Data Bank (PDB) 6CL7 as the search model 34,35. The solution 

was space group P43212 and unit cell dimensions 68.26, 68.26, 101.95 (a, b, c) (Å) and 

90, 90, 90 (α, β, γ) (°). The first refinement was performed with Coot and phenix.refine 36 

using isotropic B-factors, automatic water picking, and electron scattering factors. 

Occupancies were refined for alternative side chain conformations and SO4 and calcium 

were placed in coordination sites. The final refinement used anisotropic B-factors, 

automatic water picking, and electron scattering factors and resulted in Rwork/Rfree = 

0.2442/0.2917 and resolution of 2.1 Å. 
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Abstract 

Microcrystal electron diffraction (MicroED) has emerged as a powerful technique for 

unraveling molecular structures from microcrystals too small for X-ray diffraction. 

However, a significant hurdle arises when plate-like crystals are obtained and consistently 

orient themselves flat on the electron microscopy grid, systematically limiting data 

acquisition and resulting in what is known as a missing cone of information.  We recently 

introduced a novel crystallization strategy called suspended drop crystallization, and 

proposed that this method could effectively address the challenge of preferred crystal 

orientation. Here we demonstrate the success of the suspended drop crystallization 

approach in eliminating the missing cone in a sample known to suffer from preferred 

orientation: the COVID-19 protease MPro. This innovative solution proves indispensable 

for crystals experiencing preferred orientations, unlocking new possibilities for structure 

determination in MicroED workflows. 

Introduction 

Microcrystal electron diffraction (MicroED) is a cryogenic electron microscopy (CryoEM) 

method in which vanishingly small crystals are used for structure determination by 

electron diffraction (Shi et al., 2013). With this method, data are collected on a fast camera 

as a movie while the sample is continuously rotated (Nannenga et al.). This in turn allows 

the data to be processed using standard crystallographic software. MicroED has been 

applied to small molecules, natural products, materials as well as soluble and membrane 

proteins and is growing in its popularity and applications in various scientific fields (Mu et 

al., 2021). However, certain crystal morphologies pose a specific challenge: when crystals 
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are flat and assume a preferred orientation, it leads to the occurrence of a missing cone 

of information irrespective of the number of data sets merged. This challenge is not 

exclusive to MicroED; it also manifests in cryotomography. It is a well-known issue in 

transmission electron microscopy, attributed to the experimental design of the stage with 

the sample in relation to the incoming electrons. 

The missing cone can be eliminated if crystals are randomly oriented on the grid. 

The first demonstration was reported in 2013 (Shi et al.). In that example, data sets from 

3 crystals were combined to achieve 100% completeness with high redundancy. The high 

symmetry of the lysozyme packing of course helped but ultimately no single crystal 

delivered 100% complete data and instead 3 data sets were merged. In later examples 

using several different proteins with varying symmetries showed that even a single crystal 

can yield 100% completeness as for example in the case of proteinase K (Martynowycz 

et al., 2023) and the Adenosine A2a receptor (Martynowycz et al., 2023). When the 

symmetry is low, for example P1, many more data sets need to be merged. In the case 

of neurodegenerative peptoid crystals sometimes up to 16 data sets were merged(Griner 

et al., 2019; Gallagher-Jones et al., 2018). In the case of triclinic lysozyme similarly 16 

crystals were merged (Clabbers et al., 2022) and in the case of the human G-protein 

coupled receptor the vasopressin receptor, also crystallized in P1, 16 data sets had to be 

merged to yield high completeness(Shiriaeva et al., 2023).  

Some crystals adopt a preferred orientation on the grid where one crystallographic 

axis is always oriented the same with respect to the electron beam. Under such 

circumstances, no matter the number of data sets merged and no matter the crystal 

symmetry one always ends up with a systematic missing cone of data. All examples of 
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2D crystals are included in this example because all 2D crystals adopt a preferred 

orientation on the EM grid. And indeed for such samples the maximum achievable 

completeness is ~86%. Some 3D crystals display similar behavior such as the Calcium 

ATPase (Yonekura et al., 2015), HIV Gag (Purdy et al., 2018) and perhaps the most 

famous example being Catalase (Matricardi et al.). Catalase was the second protein 

determined by MicroED and reported back in 2014 (Nannenga et al., 2014). A single 

crystal yielded high completeness but even merging data from 5 additional crystals could 

not eliminate the missing cone. That’s because catalase, like the other examples above, 

forms rectangular crystals that adopt a preferred orientation on the grid with the c* axis 

always being parallel to the electron beam. A severe missing cone typically results in 

elongated densities along the c* axis or in missing or disjoined density which cannot be 

recovered.  

Recently, we reported a new method for crystal growth called suspended drop 

crystallization (Gillman et al., 2023). With this approach crystals grow in suspension 

directly on an EM grid without any support film. Because no support film is present, we 

postulated that crystals would no longer be able to adopt a preferred orientation and 

therefore this approach could eliminate the missing cone problem. Consistent with the 

above postulate, we now show that indeed the missing cone can be eliminated, and a 

complete data set can be obtained with a suspended drop crystallization approach. We 

demonstrate this using a sample that is known to adopt preferential orientations, namely 

the COVID-19 main protease MPro.  
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Methods and Materials 

Design of Mpro expression construct 

The gene encoding the full-length SARS-COV-2 Mpro was cloned into the pGEX-6P-1 

vector. The construct fused with an N-terminal self-cleaving GST tag and a C-terminal His 

affinity tag downstream of a precission protease cleavage site.  

Protein expression and purification of Mpro 

The E. coli strain Rosetta2 (DE3) was transformed with the expression plasmid for protein 

expression. An overnight culture was grown in terrific broth (TB) at 37 ˚C and used for 

inoculating 1 L of Terrific Broth. The culture was incubated at 37 ˚C and 225 rpm. Protein 

expression was induced by 0.5 mM isopropyl β-d-1-thiogalactopyranoside (IPTG) when 

the OD600 reached 0.7. Expression was allowed for 16 h at 18 ˚C and 225 rpm. The cell 

pellet was harvested at 8,000 x g and kept at -20 ˚C until use. The frozen cell pellet was 

thawed at 4 ˚C in lysis buffer (50 mM HEPES-NaOH pH 7.5, 2 mM DTT, 2 mM EDTA, 2 

mM EGTA, 0.1 mg/mL lysozyme and 0.1 mg/mL DNase I). Cells were lysed by sonication 

at 70% amplitude for 5 min. The cell debris and unbroken cells were removed by 

centrifuging at 12,000 x g and 4 ˚C. The supernatant was directly loaded into a gravity 

column filled with 1 mL TALON resin (TaKaRa) pre-equilibrated with the binding buffer (20 

mM HEPES-NaOH pH 7.5, 100 mM NaCl and 1 mM DTT). The column was washed with 

25 mL wash buffer (20 mM HEPES-NaOH pH 7.5, 100 mM NaCl, 1 mM DTT and 10 mM 

imidazole), then washed with 10 mL precission protease cleavage buffer (50 mM Tris-HCl 

pH 8.2, 150 mM NaCl and 1 mM DTT). Approximately 0.2 mg precission protease in 3 mL 

cleavage buffer was directly added into the TALON resin slurry. The resin slurry was 

incubated at 4 ˚C for over 16 h with gentle shaking. The tag-cleaved Mpro was collected 
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in fractions while flowing off the resin. The purified protein was concentrated to 0.6 mL 

using a 10 kD cut-off Amicon Ultra centrifugal filter (Millipore). Precipitation was removed 

by centrifuging at 20,000 x g. Sample was then loaded into a Superdex 200 Increase 

10/300 GL column (Cytiva) pre-equilibrated with the SEC buffer (20 mM HEPES-NaOH 

pH 7.8, 100 mM NaCl, 1 mM DTT and 1 mM EDTA). Peak fractions were pooled, 

concentrated using an Amicon Ultra centrifugal filter with 10 kD cut-off (Millipore), and 

stored at -80 ˚C until use.   

EM sample preparation of MPro crystals 

For crystals in the preferred orientation, EM samples were prepared following previously 

published protocol (Martynowycz et al., 2021). Typically, carbon-coated (Quantifoil R 2/2) 

200-mesh copper grids (Electron Microscopy Sciences) were negatively glowed 

discharged at 15 mA for 45 s using a PELCO easiGlow (Ted Pella). The grids were then 

loaded into a Leica EM GP2 plunge freezer (Leica Microsystems) set to 20 ˚C and 95% 

humidity.  Using a micropipette, 2 μL of the crystal drop was transferred to the grid, which 

was then blotted for 20 s, and finally plunged into liquid ethane.  

For the suspended-drop grids, the crystal slurry was added directly to a 150 mesh 

count support-free gold gilder grid (Ted Pella) that was clipped into an autogrid cartridge 

(Thermo-Fisher). To transfer a minimal amount of sample to the grid, the sample was first 

aspirated into a pipet tip and the tip was gently applied and dragged across the surface 

of the grid. Sample transferred to the grid bars and was retained by surface tension. The 

grid was finally plunged into liquid ethane and stored under liquid nitrogen until further 

use.The grids supporting the suspended crystal drops were blotted with filter paper from 
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the edge for 2 s before manually plunging into liquid ethane. All grids were stored under 

liquid nitrogen until use.   

Generating lamellae of Mpro blotted crystals and suspended crystals 

The vitrified grids were transferred into a Thermo-Fisher Aquilos FIB/SEM instrument 

operating at cryogenic temperature. Whole-grid atlases were recorded with the SEM at 5 

kV and 1.6 pA using MAPS software. To protect the samples from the damaging ion and 

electron beams, the grids were coated with platinum by sputter coating (Martynowycz et 

al., 2019b). Individual crystals from blotted grids and suspended drops were respectively 

identified and aligned to eucentric height using MAPS software. FIB milling proceeded as 

described (Martynowycz et al., 2019b,a). 

A typical crystal identified on the blotted grids was tilted to a milling angle of 33°. 

Rough milling used an ion beam current of 300 pA to produce a 4 μm thick and 5 μm wide 

lamella. For fine milling, a FIB current of 100 pA was used to reduce the thickness of 

lamella to 3 μm. Polishing proceeded at an ion beam current of 50 pA until the thickness 

reached approximately 350 nm. The final lamella was approximately 3 μm wide. Milling 

suspended drop samples was similar to the previously mentioned steps with slight 

modification: the sample was tilted to a milling angle of 20°, and the ion beam current for 

rough, fine, and final millingwas set to 3 nA, 500 pA, and 100 pA, respectively. 

MicroED data collection  

The grid hosting the milled lamellae were rotated 90° and transferred to a cryogenically 

cooled Thermo-Fisher Scientific Titan Krios G3i TEM. The Krios was equipped with a field 

emission gun operating at an accelerating voltage of 300 kV, a Falcon4i direct electron 

detector, and a Selectris energy filter (Thermo-Fisher). A low magnification atlas of the 
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grid was acquired using EPU (Thermo-Fisher) to locate all milled lamellae. The stage was 

moved to the lamella position and while in the “View” settings (SA 3,600x) of SerialEM 

(Mastronarde, 2003), the eucentric height was set. In the “Record” settings, the following 

parameters were set for the electron beam in diffraction mode: a beam size of 20 μm in 

diameter, a spotsize of 11, and a C2 aperture of 50 μm. These settings resulted in an 

electron dose rate of approximately 0.0025 e-/(Å2·s). MicroED datasets were collected in 

counting mode and electron event representation (EER) format using the “Record” mode 

of SerialEM following the protocol described in previously published work (Shiriaeva et 

al., 2023). An in-house developed script was applied to insert the Selectris energy filter 

set to a slit width of 20 eV and the selected area aperture of ~2 µm in diameter and 

automatically collect continuous-rotation MicroED datasets for 420 s in EER format. A 

mdoc file and log file would be generated after each data collection to provide metadata 

and parameters to use for data processing. Typical datasets from blotted crystals and 

suspended-drop grids were collected by continuously rotating the stage at 0.19 ° / s for 

420 s, resulting in a rotation range of 80°  

MicroED data conversion 

Movies in EER format were converted to SMV format using the latest version of MicroED 

tools (Martynowycz et al., 2019a; Hattne et al., 2015), which are publicly available from 

the UCLA Gonen laboratory website (https://cryoem.ucla.edu/downloads/snapshots).   

isotropic B-factors, automatic water picking, and electron scattering factors.  

https://cryoem.ucla.edu/downloads/snapshots
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MicroED data processing and structure determination of MPro 

The MicroED datasets were loaded into XDS (Kabsch, 2010b) for indexing and 

integration. High quality datasets including the missing cone were scaled and merged in 

XSCALE (Kabsch, 2010a) and converted to MTZ format with supplemental 5% free R 

column in XDSCONV (Kabsch, 2010b). The MicroED data were phased by molecular 

replacement in Phaser (McCoy et al., 2007) using the coordinates of an X-ray structure 

of Mpro deposited in the protein data bank (PDB entry 7K3T [10]). The solution was in 

space group C2 with the unit cell parameters of 115.54, 55.53, 45.37 (a, b, c) (Å), 90, 

101.074, 90 (α, β, γ) (°). Structures were refined in Coot (Emsley et al., 2010) and 

Phenix_refine (Afonine et al., 2012). 

Results 

Preparation of suspended crystal drops  

To reduce FIB milling time and thus the possibility of damaging the crystals in the 

suspended drops, it was important to prepare samples with minimal volume. Pipetting 0.3 

– 0.5 µL of crystal slurry onto the support-free grid and spreading with a micro-brush was 

satisfactory, but pipetting such small volumes gave inconsistent results using standard 

micropipettes. The second application method explored was preparing a droplet of the 

crystal slurry on a siliconized coverslip and gently touching a support-free grid to the 

surface of the crystal slurry, which transferred a fraction of the drop to the grid bars. 

Although this improved the consistency of sample preparation, spreading with a micro-

brush was still required. It was finally discovered that gently touching a pipet tip filled with 

the crystal slurry to the grid bars allows a minimal volume of the slurry to transfer by 

capillary motion. This method was highly reproducible and efficient leading to very small 
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volume. Immediately after application, the samples were manually plunged into liquid 

ethane or nitrogen. For Mpro, the grid was carefully blotted from the side after application 

to further reduce the volume of the sample. Samples were stored under liquid nitrogen 

until use.  

Preparation of crystal lamellae of suspended Mpro crystals 

For the Mpro suspended crystal sample, a cryogenically cooled Aquilos FIB/SEM 

(Thermo-Fisher) was used for lamellae milling. The grids were coated with platinum by 

sputter coating to protect the sample when SEM imaging and milling with the gallium ion 

FIB. Because the suspended drop of Mpro crystals was briefly blotted, only a minimal 

volume of sample was retained by the grid bars, which allowed for crystal morphological 

features to be observed and targeted. A 3 µm wide and 350 nm thick sample lamella was 

generated to thin the crystal of interest. The gallium ion milling current was set to 3 nA for 

rough milling and gradually decreased to 100 pA for final thickness milling and polishing.  

Collection of MicroED data 

All crystalline lamellae samples were subsequently transferred to a 300kV cryo-TEM for 

MicroED data collection using a Falcon4i camera operating in counting mode and a 

Selectris energy filter inserted. The lamellae were brought to eucentric height and 

manually scanned by sequentially previewing electron diffraction at different points along 

the length of the lamellae until a crystal site was located. MicroED data were collected as 

described previously (Hattne et al., 2015) with modifications described in Materials and 

Methods (Figure 5.1).  
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Eliminating the missing cone in the MicroED structure of Mpro 

For MPro, we collected data for both crystals blotted on support film (showing preferred 

orientation) and in suspension. Processing was accomplished in XDS (Kabsch, 2010b), 

and XSCALE (Kabsch, 2010a) was employed for dataset merging. We produced two 

separate datasets: one called “preferred orientation” and one called “missing cone 

eliminated”. These datasets were processed separately during phasing and refinement, 

and the observed reflections, statistics, and refined maps were subsequently compared. 

Mpro was phased using PDB entry 7K3T (Andi et al., 2022) as the search model. The 

phased maps were refined in Phenix Refine (Afonine et al., 2012). Data processing 

statistics for both preferred orientation and missing cone eliminated MPro datasets are in 

Table 5.1. 

Phenix 2D Data Viewer was used to render observed reflections in reciprocal 

space for both the preferred orientation datasets and the missing cone eliminated 

datasets. For Mpro, viewing 2D slices along the L axis, the missing cone of data was also 

clearly recovered (Figure 5.2a, b), consistent with the total number of unique reflection 

increasing from 27,905 to 14,825 (Table 5.1). Eliminating the missing cone of data was 

predicted to improve dataset completeness and the crystallographic correlation 

coefficient of half-sets of data (CC1/2) for these two example proteins. The completeness 

across the various resolution shells for Mpro significantly improved after merging the 

missing cone dataset with the preferred orientation dataset (Figure 5.3a), corresponding 

with the overall dataset completeness increasing from 59.1 to 95.5% (Table 5.1). The 

CC1/2 in both low- and high-resolution shells improved as well for Mpro (Figure 5.3b).  
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The density maps that were produced using the preferred orientation datasets and 

missing cone eliminated datasets were finally compared (Figure 5.4). Once the missing 

cone of reflections was eliminated, many regions of the maps that were originally 

irresolvable now showed continuous and refined densities that were easy to interpret. 

Several instances are illustrated wherein the improved maps facilitated precise 

positioning of amino acid sidechains during the construction of the molecular models. 

 

 

Figure 5.1. MicroED of Mpro. (a) Electron diffraction frame acquired from Mpro. (b) 

Ribbon model of Mpro.  
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Figure 5.2. Recovery of missing reflections in the MicroED dataset Mpro. (a) A 2D slice 

of observed reflections in the preferred orientation dataset viewed along the l axis. (b) A 

2D slice of observed reflections in the missing cone eliminated dataset viewed along the 

l axis.   

 

Table 5.1. Preferred orientation vs. missing cone-eliminated dataset statistics for Mpro 
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Figure 5.3. Statistics for preferred orientation data vs. missing cone-eliminated data for 

MPro. (a) Completeness (%) of Mpro, and (d) CC1/2 (%) of MPro as functions of 

Resolution (Å). Orange = preferred orientation data, Blue = missing cone eliminated data. 
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Figure 5.4. Density improvements upon completion of the reciprocal space. Several 

regions that exhibit significant density improvement are presented. 2mFo-DFc maps are 

all contoured at 1.2 σ and 2 Å carve. On the left in each panel, the preferred orientation 

map density (uninterpretable density) is compared to that for the missing cone eliminated 

(interpretable density). 
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Conclusions 

Here, we report a method that enables direct targeting and capturing of the critical missing 

cone of MicroED data for crystals that adopt a systematic preferred orientation on the EM 

grid. Suspended crystals of the covid-19 main protease MPro were used as test cases. 

In both cases, crystals grew as rectangular plates that would normally adopt a preferred 

orientation on the carbon support film of the grid. However, the absence of a carbon 

support film precluded these crystal plates from having a surface to align with and were 

effectively frozen in random orientations as postulated in earlier studies (Gillman et al. 

2023). FIB milling allowed thinning the surrounding material and the crystal to a thickness 

that was amenable to MicroED data collection.  

The missing cone creates a substantial bottleneck in structure solution for crystals 

that adopt a preferred orientation. Addressing this challenge involves the laborious tasks 

of collecting, processing, and screening numerous datasets. In many instances, despite 

well-diffracting crystals, if the missing reflections are systematic, no amount of data 

collection and merging could improve dataset completeness. As a consequence, 

determining a structure may become impractical as densities appear elongated or disjoint 

and may be difficult to interpret. The approach presented here indicates that the preferred 

orientation bias can be eliminated by removal of the support film. When crystals of MPro 

were suspended and exposed for MicroED data collection by FIB milling, indeed complete 

datasets could be attained. Once the missing cone was eliminated, the densities became 

complete and interpretable, making structure building and refinement simple.  

Crystals with a systematic preferential orientation are not common. We estimate 

that less than 10% of all protein crystals would fall under this category. The majority of 
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samples will likely adopt random orientations on the grid and may also have higher crystal 

symmetry. In such cases, even a single nanocrystal can be sufficient for a complete 

structure by MicroED. This has been observed in several examples already including for 

crystals of soluble proteins like lysozyme (Martynowycz & Gonen, 2021) and proteinase 

K (Martynowycz et al., 2022), as well as samples of membrane proteins such as the the 

GPCR Adenosine A2a receptor (Martynowycz et al., 2023). In these cases, FIB milling 

was critical for obtaining high quality data as the milling delivered a uniform crystalline 

lamellae. While the suspended drop crystallization approach described here eliminated 

the preferential orientation problem for MicroED, the missing cone problem remains a 

prevalent issue in cryotomography (Barth et al., 1988). Even for single particle 

reconstructions, particles may preferentially orient at the water-air interface (Glaeser & 

Han, 2017) and innovative approaches may be needed to eliminate the preferential 

orientation problem.  

As the methodologies for MicroED sample preparation are improved and continue 

to evolve, we anticipate the method to deliver structures for samples that remain beyond 

the technological reach of other structural biology methods.  
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Abstract 

Palytoxin (PTX) is a potent neurotoxin found in marine animals that can cause serious 

symptoms such as muscle contractions, haemolysis of red blood cells and potassium 

leakage. Despite years of research, very little is known about the mechanism of PTX. 

However, recent advances in the field of cryoEM, specifically the use of microcrystal 

electron diffraction (MicroED), have allowed us to determine the structure of PTX. It was 

discovered that PTX folds into a hairpin motif and is able to bind to the extracellular gate 

of Na,K-ATPase, which is responsible for maintaining the electrochemical gradient across 

the plasma membrane. These findings, along with molecular docking simulations, have 
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provided important insights into the mechanism of PTX and can potentially aid in the 

development of molecular agents for detecting and possibly treating cases of PTX 

exposure. 

 

Introduction 

Na,K-ATPase is an essential protein for maintaining proper cell function and is targeted 

by the potent marine toxin palytoxin (PTX)1-4. PTX is a non-proteinaceous natural product 

that was first isolated from tropical marine corals and later found in dinoflagellates4–7. PTX 

can accumulate to dangerous levels in seafood, leading to serious illness and death in 

those who consume it 8–11. Aquarium hobbyists may also be exposed to PTX when 

mishandling Palythoa coral or inhaling aerosolized PTX 12,13. Exposure to PTX from 

blooming events of Ostreopsis has also caused severe illness and hospitalization 14. 

Understanding the structure of PTX and how it binds to Na,K-ATPase is crucial for 

developing molecular agents that can treat cases of PTX exposure and protect against 

its toxic effects. 

PTX's binding to Na,K-ATPase with high affinity and its ability to convert it into a passive 

cation pore has serious implications for cellular function and can lead to a range of health 

effects, including skeletal muscle contractions, heart failure, hemolysis, and platelet 

aggregation 15–18. The irreversible depolarization of the cell membrane caused by PTX 

can also contribute to bone resorption and tumorigenesis 19,20. With an estimated LD50 of 

45 ng/kg, the extremely low lethal dose for humans highlights the severity of PTX 

poisoning 21,22.  
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The development of anti-PTX molecules that can inhibit the binding of PTX on Na,K-

ATPase is crucial for the treatment of PTX exposure. However, very little has been 

uncovered about the three-dimensional structure of PTX. Many studies have utilized anti-

PTX antibodies to investigate PTX 5,23,24. The structure of PTX when bound to an antibody 

fragment (scFv) was determined using microcrystal electron diffraction (MicroED)25,26 at 

3.2 Å resolution. This provided valuable information on the binding mode of PTX, which 

was then used to perform docking simulations to determine the potential binding mode of 

PTX on Na,K-ATPase. These findings pave the way for the development of molecular 

agents that can treat cases of PTX exposure by inhibiting the binding of PTX on Na,K-

ATPase, and can potentially save many lives. 

 

Results 

Characterization of scFv-PTX complex and crystallization 

The binding of PTX to scFv was confirmed using size exclusion chromatography (SEC). 

The shift in the SEC trace of free scFv and PTX-bound scFv indicates the formation of a 

stable complex (Figure 6.1a). Furthermore, the binding affinity of PTX to scFv was 

determined using microscale thermophoresis (MST). PTX binds to scFv at a KD  of 2.1 

μM (Figure 6.1b).  

SEC fractions corresponding to the stable scFv-PTX complex were collected, 

concentrated to 10 mg/mL, and subjected to sparse matrix crystallization screening to 

identify crystallization condition hits. The scFv-PTX complex was crystallized by the 

hanging drop vapor diffusion technique. The well solution contained 27 % Jeffamine ED-
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2001 pH 7.0 and 100 mM sodium citrate tribasic dihydrate pH 5.6. The scFv-PTX complex 

was combined with the well solution at 2:1 (v/v) ratio. The crystals were thin rods that 

formed in dense bundles (Figure 6.1c). The average size of each crystal was 5 μm x 500 

μm. The crystals in the drop were then transferred to an electron microscopy (EM) sample  

 

Figure 6.1. Crystallization of scFv-PTX (a) Overlay of size-exclusion chromatography 

traces of scFv alone (blue trace) and scFv-PTX complex (orange trace). (b) Microscale 

thermophoresis binding assay confirming binding between scFv-PTX complex. This 

assay indicates that palytoxin binds to ScFv with KD  = 2.1 μM affinity (c) Light microscope 

image of scFv-PTX complex crystals (d) SEM image of crystals viewed normal to the grid 

support surface prior to FIB milling. Scale bar = 200 µm. (e) FIB image of a crystal milling 

site. Scale bar = 10 µm. (f) Lamella imaged normal to the grid surface in the TEM after 

milling. Scale bar = 10 µm. The lamella was 200nm thick. 
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grid, blotted to remove surrounding crystallization media, and vitrified by plunge freezing 

into liquid ethane. Crystals were stored in liquid nitrogen prior to use. 

 

Preparing crystal lamellae and collection of MicroED data  

The crystals that were obtained for this study were too thick for MicroED and needed to 

be thinned to a thickness that would allow for the transmission of electrons 27. To achieve 

this, thin crystal lamellae were produced using a cryogenic focused ion beam scanning 

electron microscope (FIB/SEM) milling instrument 28. The process began by loading the 

EM grid with crystals into the FIB/SEM at cryogenic temperature, followed by imaging 

using the SEM (Figure 6.1d). Potential milling sites were then observed in the FIB view 

of the specimen (Figure 6.1e), and the targeted crystal and surrounding media were 

milled into a thin lamella using the focused gallium ion beam. The final product was a 

lamella that measured 7 μm wide and 300 nm thick.  

After the crystal lamellae were produced, they were transferred to a Titan Krios 

transmission electron microscope that was operating at 300 kV and cooled cryogenically. 

The sites of the lamellae were identified using low magnification imaging and adjusted to 

eucentric height. To ensure high-resolution diffraction, a preview of the lamella was taken 

(Figure 6.1f and 5.2a). The data were collected using continuous rotation MicroED 26, with 

a Falcon4 direct electron detector set to counting mode. The highest resolution spots 

were observed at 3.2 Å resolution. 
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Determining the MicroED structure of scFv-PTX complex.  

MicroED data were converted to standard crystallographic formats using the latest 

version of conversion software that is freely available on our website 

(https://cryoem.ucla.edu/microed). The data were indexed and integrated in XDS 29 to a 

resolution of 3.2 Å, which corresponds to where the CC1/2 was approximately 32%. 

Reflection data from three crystal lamellae were merged to increase completeness. 

Phases for the MicroED reflections were determined by molecular replacement using anti-

Mc11 scFv (PDB 6QF9)30 as a search model. The space group was determined to be 

P41212 and unit cell dimensions were 69.95, 69.95, 289.48 (a, b, c) (Å) and 90, 90, 90 (α, 

β, γ) (°). The structure was refined using electron scattering factors (Table 1) in 

phenix.refine31. The scFv-PTX complex is in dimeric form with one PTX bound to each 

scFv monomer. The density map contoured at 1.5 σ had continuous density for the 

Table 6.1. MicroED structure statistics of scFv-PTX complex. 
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backbone of the scFv and the side chains of the amino acids were also well resolved 

(Figure 2B). After multiple rounds of refinement, density for PTX was observed for ligand 

modelling (Figure 2C). The Rwork and Rfree of the refinement were 30% and 33%, 

respectively.  

 

 

Figure 6.2. The MicroED structure of PTX in complex with scFv. (a) Representative 

MicroED image. The highest resolution spots were observed at 3.2 Å (red 

arrowhead). (b) Structure of scFv-PTX complex. The scFv is represented as a 

cartoon in grey and PTX is represented as a surface model in blue. A beta-strand 

was selected (red) to provide a sample of the 2mFo–DFc map (blue mesh), which 

was contoured at 1.5 σ with a 2-Å carve. (c) The overall 2mFo–DFc map of density 

for both PTX (solid blue) and scFv (solid white) in complex. The density map for 

PTX was contoured at 1.5 σ. 
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The scFv creates a binding pocket into which an internal segment of the PTX chain is 

inserted, forming a hairpin motif (Figure 3). At the deepest part of the pocket, a double 

ring containing two cyclic ethers of PTX forms hydrogen bonding interactions with 

residues Y106, E108, and Y169 of the scFv. This double ring of PTX is flanked by two 

hydrocarbon chains, which run antiparallel to each other inside the binding pocket.  

 

 

Figure 6.3. Binding interactions between scFv and PTX.  An internal region of PTX 

(represented as yellow carbons and heteroatoms) folds into a hairpin motif and 

inserts into the scFv binding pocket. A double ring of PTX forms several H-bonding 

interactions with polar amino acid side chains at the deepest part of the scFv 

binding pocket (Y106, E108, Y169). Hydrophobic amino acid side chains stabilize 

the hydrophobic chains of PTX (W33, W224). Additional H-bond interactions take 

place near the mouth of the binding pocket (N164, Y59, Y101). Bond distances are 

in units of angstroms. 
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Hydrophobic amino acid side chains, including F59, W224, and W33 sequester these 

hydrophobic segments from the external aqueous environment. At the entrance of the 

binding pocket, PTX forms a network of intramolecular hydrogen bonds and interacts with 

The two tails of PTX, exposed to the solvent channels of the crystal, were interpreted as 

traveling away from one another. Importantly, this fitting of full-length PTX demonstrates 

residues N164, Y59, Y101. Outside the binding pocket, the conformation of the two 

extended tails of PTX was built into a poorly resolved density. This is because these 

regions are highly flexible and likely do not form specific bonds at the surface of the scFv. 

that PTX can fit in the crystal packing without steric clashes, but should be interpreted 

carefully as the density in this region is poor. 

Molecular docking 

The MicroED structure we determined of PTX in the scFv-PTX complex was used to 

investigate the potential binding of PTX to Na,K-ATPase protein using molecular docking 

simulations (Figure 6.4). The experimental structure of PTX adopting a hairpin motif was 

used as the ligand and the structure of human Na,K-ATPase in E1-3Na-ATP state 32 was 

used as the receptor protein molecule. Rigid docking simulations were performed using 

the Patchdock server 33. The rigid docking result suggested that the hairpin motif of PTX 

would bind the extracellular gate of the Na,K-ATPase protein in a similar location to 

ouabain (Larson et al., 2013).  

The cyclic ether of PTX potentially forms hydrogen bonds, while the hydrocarbon 

chains are protected by hydrophobic transmembrane alpha-helices. Although PTX 

occupies a similar location as ouabain, PTX does not block the transport pathway but 
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Figure 6.4: Molecular docking of PTX to Na,K-ATPase. (A) Comparison of binding 

modes of PTX to scFv and Na,K – ATPase. The hairpin motif of PTX shown as 

yellow sticks interacts with both scFv shown as white surface and Na, K – ATPase 

shown as cyan and salmon pink ribbons. (B) Surface representation of Na,K-

ATPase shows that the hairpin motif of PTX binds the extracellular gate of the 

pump in a plug-like manner. 

 

instead is known to convert the transporter to a passive channel. Outside the extracellular 

gate, the two tails of PTX are between the alpha and beta subunits of Na,K-ATPase. 

Flexible docking simulations using the linear structure of PTX were also performed using 

Autodock Vina34 to support the result of the rigid binding simulation generated by 

Patchdock (Figure 6.5). The flexible docking results indicated that PTX adopts a similar 

hairpin motif again predicted to occupy the same site as above in the Na,K-ATPase. 

These docking simulations are consistent with previously reported functional assays 35,36. 
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Both the rigid and flexible binding simulations suggest that PTX's hairpin motif could be 

necessary for binding Na,K-ATPase, leading to a possible explanation for the cytotoxic 

effects of PTX. 

  

Figure 6.5: Comparison of top docking solutions from patchdock and autodock 

vina. The patchdock solution (yellow sticks) and vina solution (grey sticks) show 

that the finger motif of PTX binds to the extracellular gate of the Na,K-ATPase. In 

both solutions, the double ring (highlighted by red circle) interacts with Na,K-

ATPase by forming hydrogen bonds and the surrounding helices form hydrophobic 

interactions with the hydrocarbon chains of the hairpin motif. 
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Discussion 

The findings of this study provide significant insights into the interaction between PTX 

and Na,K-ATPase. The MicroED structure of the PTX-scFv complex indicates that the 

hydrophobic region of PTX adopts a hairpin motif. PTX binds to the scFv by forming 

several key interactions with amino acid residues in the complementarity-determining 

regions (CDRs) of the scFv. In particular, PTX binds to the CDR H3 loop of the scFv, 

which is known to be a critical region for antigen binding (Figure 2B). The results of the 

molecular docking simulations suggest that this same hairpin fold is necessary for PTX 

binding to the extracellular gate of Na,K-ATPase. This interaction is likely an essential 

step in the mechanism by which PTX converts Na,K-ATPase into a passive ion channel. 

This corroborates earlier reports that this region of PTX is likely chiefly responsible for the 

conversion of Na,K-ATPase 37,38. The docking simulations performed in this study suggest 

that PTX is able to bind Na,K-ATPase in the E1-3Na-ATP state, which has a closed 

extracellular gate and should be less favored for PTX binding. In future studies, it will be 

important to determine differences in how PTX binds other states in the catalytic cycle of 

Na,K-ATPase. For instance, previous studies suggested that PTX has the highest affinity 

for the E2P conformation of Na,K-ATPase where the extracellular gate is open (Artigas & 

Gadsby, 2004; Rakowski et al., 2007). Overall, this study represents an important step 

towards a better understanding of the molecular mechanisms involved in PTX binding 

and its effects on Na,K-ATPase. 

The use of scFv in this study allowed for the determination of the 3D structure of 

the scFv-PTX complex using MicroED. The scFv-PTX complex was crystallized using the 
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hanging drop vapor diffusion method, and the crystals were thinned using cryogenic FIB 

milling prior to MicroED diffraction. The needle-shaped crystals of the scFv-PTX complex 

that were obtained for this study were typically thin (3-5 µm) and long (several hundred 

microns) and they formed in bundles. Such morphologies are extremely challenging for 

analyses by x-ray crystallography, often leading to multiple lattices and weak scattering. 

Using MicroED and FIB milling was advantageous in this case because the entire crystal 

bundle could be transferred to the EM grid and crystal sites were accessed by using a 

FIB mill to generate crystal lamellae and ultimately a MicroED structure.  

The detailed structural information obtained from our MicroED study could aid in 

the creation of new inhibitors that block the binding of PTX to Na,K-ATPase, thus 

preventing its toxic effects. Additionally, the knowledge gained from this study can be 

applied to develop methods for identifying and monitoring the accumulation of PTX and 

its analogues in the environment, potentially preventing harmful exposure to both humans 

and marine life. Significantly, this study reinforces the utility of MicroED as a powerful tool 

for revealing the structures of important biomolecules, such as the long-awaited structure 

of palytoxin, which has been elusive to x-ray crystallography. 

Methods and Materials 

Materials  

All reagents were made with MilliQ water. Palytoxin was purchased from Fuji Film 

(Japan). Crystallization reagents were purchased from Hampton Research (Aliso Viejo, 

CA). Monolith protein labeling kit RED-NHS 2nd generation was purchased from 

NanoTemper Technologies (Munich, Germany). 
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Microscale thermophoresis  

The anti-PTX scFv was prepared in 25 mM HEPES (pH 7.4), 150 mM NaCl at a 

concentration of 13 μM, and labeled with RED-NHS dye (NanoTemper) . PTX was 

prepared in 25 mM HEPES (pH 7.4), 150 mM NaCl at a concentration of 93 μM. Labeled 

scFv was diluted to 80 nM and added in a 1:1 ratio to a dilution series of 46.5 μM down 

to 4.65 x 10^-15 μM of PTX and 0 μM of PTX. Mixtures were loaded into premium 

capillaries (Monolith Capillaries, NanoTemper Technologies). Thermophoresis was 

measured at 21°C for 15 sec with 50% LED power and 100% (auto-detect) power.  

Crystallization  

The complex was purified by size-exclusion chromatography and the elution fractions 

were concentrated to 10 mg/mL. Palytoxin was incubated with scFv at a 2:1 molar ratio 

for 30 minutes at room temperature. A sparse matrix screening hit was identified in the 

PEGRxHT well condition C01 (Hampton Research) by sitting drop vapor diffusion using 

a Mosquito crystallization robot. This condition was optimized for robust crystallization 

using hanging drop vapor diffusion. In the final condition, the complex was crystallized by 

mixing with 27 % Jeffamine ED-2001 pH 7.0, and 100 mM sodium citrate tribasic 

dihydrate pH 5.6 in 1.5 uL drops with a 2:1 sample-to-mother liquor ratio. 

Cryo-preservation  

The cover slip with crystal drop was removed from the screening tray and the drop was 

gently applied to a Cu200 R2/2 holey carbon EM grid (quantifoil). The EM grid was 

negatively glow-discharged prior to sample application. The grid was blotted in a Leica 
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GP2 set to 95% humidity and 12°C and plunge-frozen into liquid ethane. The sample was 

stored in liquid nitrogen until further use. 

Machining crystal lamellae using the cryo-FIB/SEM  

The vitrified EM grid was loaded into a Thermo Fisher Aquilos dual-beam FIB/SEM 

operating at cryogenic temperature following established procedures 28. The sample was 

sputter coated with a thin layer of platinum to preserve the sample during imaging and 

ion beam milling. A whole-grid atlas of the drop was acquired by the SEM and potential 

milling sites were selected. The targeted crystal and surrounding media were milled into 

a thin lamella using the gallium ion beam. The first stage of milling used a beam current 

of 0.5 nA and gradually decreased to a minimum of 10 pA as the lamella became thinner 

at later stages of milling. The final lamellae were 7 μm wide and 200 nm thick. 

MicroED Data Collection 

 Grids with milled lamellae were transferred to a cryogenically cooled Thermo Fisher 

Scientific Titan Krios G3i TEM operating at an accelerating voltage of 300 kV. The Krios 

was equipped with a field emission gun and a Falcon4 direct electron detector. A low 

magnification atlas of the grid was acquired using EPUD (Thermo Fisher) to locate milled 

lamellae. The stage was translated to the lamellae position and the eucentric height was 

set. The 100 μm selected area aperture was inserted and centered on the crystal to block 

background reflections. In diffraction mode, the beam was defined using a 50 μm C2 

aperture, a spotsize of 11, and a beam diameter of 20 μm. MicroED data were collected 
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by continuously rotating the stage at 0.2 ° / s. MicroED data from three different crystal 

lamellae were selected for downstream data processing. 

MicroED Data Processing  

Diffraction movies in MRC format were converted to SMV format using MicroED tools 

(https://cryoem.ucla.edu/microed) 28,41. The diffraction dataset was indexed and 

integrated in XDS 42. Integrated intensities from three different crystal lamella were 

merged and scaled in XSCALE 43. 

Structure solution and refinement 

Phases for the MicroED reflections were determined by molecular replacement in 

PHASER 44 using anti-Mcl1 scFv (PDB 6QF9) as the search model 30. The solution was 

space group P41212 and unit cell dimensions 69.95, 69.95, 289.48 (a, b, c) (Å) and 90, 

90, 90 (α, β, γ) (°). The first refinement was performed with Coot and phenix.refine 31 

using isotropic B-factors and electron scattering factors. Occupancies were refined for 

alternative side chain conformations and SO4 and waters were manually placed during 

refinement. The final refinement used anisotropic B-factors, automatic water picking, and 

electron scattering factors and resulted in Rwork/Rfree = 0.2830/0.3229 and resolution of 

3.2 Å. 

Molecular docking  

A human Na,K-ATPase structure in E1 state (PDB ID: 7E21) 32 without cofactors, waters 

and ligands was used as a receptor molecule and the 3D model of PTX from the scFv-

PTX complex was used as a rigid ligand. For patchdock simulations, the PDB files of 
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receptor and ligand molecules were submitted to the patchdock server 

(http://bioinfo3d.cs.tau.ac.il/PatchDock/php.php). The clustering RMSD was selected to 

be 4.0 and the complex type was selected to be protein-ligand complex. The results were 

emailed within 24h with a list of potential binding solutions of PTX numbered on the basis 

of geometric shape complementarity score. Higher complementarity scores indicate less 

possibility of steric clashes in the solution. 

Full length PTX did not provide any solution when simulation was performed using 

Autodock vina, hence, a flexible fragment of PTX molecule consisting of only the hairpin 

motif was used to perform the binding simulations. The receptor and ligand were prepared 

using the MGL tools suite (https://ccsb.scripps.edu/mgltools/) and saved as pdbqt files. 

The receptor file contained partial charges and polar hydrogens. Any cofactors, waters 

and ligands were removed. For the ligand file, polar hydrogens were added and all the 

original torsion angles were kept intact. The receptor was treated as rigid while the ligand 

fragment was flexible. The simulations were run and the solutions were scored on the 

basis of binding energy (kcal/mol). 

 

 

 

 

 

 

 

http://bioinfo3d.cs.tau.ac.il/PatchDock/php.php
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Concluding Remarks 

Crystallography is a widely used technique for determining the structures of both small 

and large molecules such as proteins. MicroED, still an emerging technique, provides a 

solution for molecules that form crystals that are too small for X-ray diffraction. Difficult-

to-handle samples, including those embedded in viscous media and sensitive to 

mechanical stress, can be challenging to work with in MicroED. Moreover, certain 

crystals, especially those that resemble sheets, may exhibit a preferred orientation on the 

EM grid carbon support film, which can limit the reciprocal space available for sampling 

the crystal lattice. These various challenges are intrinsic to MicroED, and in large part are 

due to the way in which MicroED samples are prepared following conventional 

procedures. To this end, there is currently a demand for the development of innovative 

approaches for MicroED sample preparation.  

 The novel approach for crystallizing molecules that we named suspended drop 

crystallization, presented in Chapter 4, provides an alternative sample preparation 

workflow that can alleviate the issues mentioned above. However, suspended drop 

crystallization incorporates FIB milling, which unfortunately is a time intensive phase of 

this experimental procedure. Automating the FIB milling instrument so that sample 

lamellae can be generated around the clock is an attractive avenue that will lead to more 

rapid determination of novel structures. Additionally, the apparatus that was designed for 

suspended drop crystallization is compatible with high throughput screening of 

crystallization conditions and even the implementation of robotics. With continued 

development of suspended drop crystallization, it is reasonable to envisage that one day, 

facilities could be established that automate 1) sparse matrix screening of suspended 
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crystallization drops, 2) FIB milling, and 3) MicroED data collection. A facility of this sort 

could make it possible to determine molecular structure by MicroED upon the first 

instances of observable crystal growth. Advanced machine learning and image analysis 

programs would need to be developed in parallel to achieve this possible paradigm. 

 




