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Abstract 
 

A Synapse-level Characterization of Gustatory Receptor Neurons in Drosophila 
melanogaster 

 
By 

 
Stefanie Maria Engert 

 
Doctor of Philosophy in Molecular and Cell Biology 

University of California, Berkeley 
Professor Kristin Scott, Chair 

 
 
 

Animals utilize the rich variety of chemicals in their surroundings to identify and 
evaluate food sources, communicate with conspecifics and detect predators. These vital 
functions have led to the evolution of sophisticated sensory systems for the detection of 
volatiles and dissolved chemicals in the form of olfactory and gustatory systems, 
respectively. In a testament to the universality of many of these evolutionary pressures, 
remarkably diverse animals have adopted similar schemes to most efficiently extract 
relevant chemosensory information, even though key details such as receptor identity and 
mechanism vary widely. In this work, we provide an extensive overview of the sensory 
organs, chemoreceptors and sensory coding strategies underlying taste and smell in 
common model organisms.  

An especially attractive model to study gustation is the fruit fly Drosophila 
melanogaster. Not only does Drosophila detect a wide range of food compounds with a 
relatively small number of easily accessible sensory neurons, but there is also a vast 
array of sophisticated tools available to the fly neurobiology community. One such 
resource is a recent electron microscopy dataset of the entire adult fly brain. We used this 
dataset to reconstruct the majority of gustatory sensory neurons of the outer mouthparts. 
We further annotated all synaptic sites on these neurons to elucidate their connectivity. 
We utilized a combination of our anatomical and connectivity data to identify which taste 
modality reconstructed sensory neurons are likely to detect. We found that connectivity 
between sensory neurons is a common circuit motif and occurs mostly between neurons 
of the same type. We further explored the significance of these direct synaptic 
connections of neurons of the same and different modalities using a combination of 
calcium and voltage imaging. While we were not able to show functional connectivity 
between sensory neurons of different taste modalities, we did find preliminary evidence 
suggesting that excitatory connections exist between neurons of the same subclass. 
Lastly, we identified a second order gustatory neuron in the EM dataset and characterized 
its taste response profile, which was congruent with our assignment of its inputs’ taste 
modality identities. Our studies provide a valuable gateway to the further exploration of 
the gustatory circuitry of Drosophila at synaptic detail.  
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Chapter 1: Introduction to Chemosensory Systems in Common Model Organisms 
 
Abstract 

Organisms detect a rich variety of chemical cues in the environment that indicate 
the presence of food sources, predators or conspecifics. In unicellular organisms, 
detection of the surrounding chemical environment is accomplished via chemosensitive 
extracellular receptors. In many animals, a distinction is made between volatiles, which 
are detected by olfactory organs, and chemicals in solution, which are detected by the 
gustatory system. Given the vital and diverse roles of these chemical signals in behavior, 
it is not surprising that the molecular and neuronal foundations of chemosensation have 
been explored in great detail in a wide range of species. These studies have revealed 
common motifs across different forms of life that provide insight into not only the evolution 
of chemosensation but also the differing sensory strategies underlying smell and taste.  

Here, I provide an overview of the receptors and/or sensory organs contributing to 
chemosensation in common model organisms: bacteria, the nematode Caenorhabditis 
elegans, mammalian models, and the fruit fly Drosophila melanogaster. While these 
divergent organisms differ significantly in the receptors and transduction mechanisms 
utilized by their sensory systems, there are striking parallels in the neuronal organization 
of smell and taste. Generally, the olfactory system is optimized to discriminate individual 
smells, necessitating a relatively large number of highly specialized cells and complex 
information processing. In contrast, gustation is marked by the pooling of information into 
categories, leading to a more limited number of sensory cells and a quality assessment 
of the stimulus at the primary sensory level. This chapter details fundamental insights 
from studies of peripheral chemosensory processing, which provide an invaluable basis 
for the exploration of central gustatory and olfactory circuitry. 
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Chemosensation in single celled organisms: On the Origin of Smell and Taste 
 
Chemotaxis behaviors in single-celled organisms 

The use of chemosensory information to guide feeding decisions is vital for all 
animals due to the presence of both nutrients and toxins in the environment. Indeed, the 
detection of chemicals is not restricted to multicellular organisms with dedicated 
chemosensory systems. Rather, relatively simple signaling mechanisms that recognize 
environmental chemicals, usually with transmembrane receptors, are widespread in 
bacteria and archaea, indicating the ancient evolutionary origin of these sensory systems 
across all clades. These rudimentary chemosensory systems most commonly aid in a 
locomotor behavior called chemotaxis. In many unicellular organisms, this behavior takes 
the form of a run-and-tumble pattern, where periods of straight forward movement (runs) 
are interspersed with random turning motions (tumbles). While moving through a 
substrate, the sensory system detects changes in the concentration of either attractive or 
repulsive chemicals. If unfavorable changes in the environment are detected, the microbe 
terminates the run and reorients itself via a tumble before initiating a new run. This run-
and-tumble cycle is repeated until the desired orientation along the gradient is achieved: 
toward an attractant or away from a repellent (Berg & Brown 1972, Sourjik & Wingreen 
2012). 

Not surprisingly, attractants are often associated with potential food sources, such 
as sugars and amino acids (Adler et al 1973, Lambert et al 2012, Melton et al 1978, 
Moulton & Montie 1979, Ordal & Gibson 1977, Ordal et al 1979). Conversely, repellents 
are often indicative of harmful environmental conditions, such as a high pH or toxic 
chemicals (Seymour & Doetsch 1973, Smith & Doetsch 1969, Tso & Adler 1974, Young 
& Mitchell 1973). The individual attractant or repellent does not have to be biologically 
significant itself. It may correlate with the presence of relevant chemicals or be simply 
structurally similar enough to engage a receptor, even though it itself is value-neutral. For 
example, some attractants do not have any inherent metabolic value, such as the non-
metabolizable galactose analogue D-fucose (Adler 1969). In this case, binding of the 
receptor is completely decoupled from the consumption of a nutritive substance. 

Beyond the evaluation of food sources, chemosensory information can be a 
powerful tool for communication with conspecifics. One example of a “social” signaling 
system can be found in the slime mold Dictyostelium, which uses G protein coupled 
receptors (GPCRs) on its surface to detect trace amounts of cyclic AMP released by other 
amoeba under starvation conditions. In another instance of chemotaxis behavior, slime 
molds will orient in the direction of the highest concentration of cAMP to congregate and 
form a loose group of individual microbes behaving in a coordinated manner often 
described as a slug. This slug, or pseudoplasmodium, seeks out a more favorable 
environment by forming a fruiting body for sporulation and dispersal (Grutsch & Robertson 
1978, Loomis 2014, Schaap et al 1984).  

For single-celled organisms, analysis of the chemical environment is first and 
foremost a means of orientation for goal-directed locomotion. They generate a snapshot 
of their current chemical environment and evaluate it to assess changes of interest using 
rudimentary short-term “memory”. While this is a striking level of information processing 
in an individual cell, it naturally pales in comparison to the complexities of 
chemosensation in multicellular organisms. Many animals possess the ability to reliably 
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detect, and often even discriminate, a staggering number of chemicals, which can form 
the basis of complex behaviors such as associative learning. Additionally, they also 
communicate extensively with conspecifics in a wide array of social situations. Chemical 
cues in the environment are so central to survival that animals generally have devoted 
intricate specialized chemosensory systems to their detection: olfaction for the perception 
of volatile compounds and gustation for that of soluble chemicals.  

 
Chemosensation in Caenorhabditis elegans: Neurons of many Trades 
 
Chemotaxis in C. elegans 

The microscopic nematode Caenorhabditis elegans feeds on a variety of soil 
bacteria in the wild. Its hunt for prey is largely dependent on its sensitive chemosensory 
system, which aids in a mode of chemotaxis behavior not dissimilar to that of bacteria: 
bouts of long relatively straight crawls are disrupted by periods of pirouetting to change 
direction. As in the bacterium Escherichia coli, the length of crawls (and, conversely, the 
frequency of pirouetting) is dependent on the chemical environment detected by the 
nematode. If the animal moves up a gradient of a chemoattractant, pirouettes are 
significantly less likely, and crawls are much longer than when the animal moves down 
the gradient. In addition to the pirouette-mechanism, C. elegans employ a second, parallel 
orientation strategy to increase the efficiency of their targeted locomotion, described 
commonly as the weathervane strategy. Slight adjustments of the heading direction 
during crawling periods lead to curved trajectories to better travel up the gradient of a 
chemoattractant, without having to resort to large turning maneuvers (Iino & Yoshida 
2009). It is thought that the worm detects minute concentration differences that occur 
during each head swing in its sinusoidal movement to achieve this optimized orientation 
behavior (Izquierdo & Lockery 2010, Kato et al 2014). In both modes of locomotion, the 
most salient aspect of the sensory stimulus is therefore not the absolute concentration of 
the attractant, but the relative change in its concentration, as was also observed in 
bacterial chemotaxis (Appleby 2014, Pierce-Shimomura et al 2005, Pierce-Shimomura et 
al 1999, Ward 1973).  

 
Chemosensory Organs and Receptors of C. elegans 

Chemosensory organs in C. elegans are located at both the head and the tail of 
the animal (Figure 1-1). At the anterior end, these nematodes have two bilaterally 
symmetrical amphid organs housing 12 sensory neurons each. The dendrites of 11 of 
these neurons are bundled and wrapped by a sheath cell and a socket cell, forming a 
contained hair-like structure beneath the cuticle of the animal. The distal tips of only eight 
of these neurons are not entirely shielded by support cells and can directly interact with 
dissolved environmental chemicals via a pore in the cuticle (Ware et al 1975, White et al 
1986). They are thought to be predominantly gustatory due to this anatomical 
characteristic; in contrast, the three neurons whose dendrites terminate near the distal 
end of the sheath are thought to be predominantly olfactory sensory neurons; the single 
neuron whose dendrite terminates within the sheath is not chemosensory (Bargmann et 
al 1993, Mori & Ohshima 1995, Troemel et al 1995). Additional chemosensory neurons 
in the head of the worm are located in the six inner labial organs, which are structured 
similarly to the amphid organs, but are much simpler. They only contain two sensory 
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neurons each and are located close to the mouth opening of the animal (Ward et al 1975). 
At the tail of the worm, the two bilaterally symmetrical phasmid organs also only house 
two neurons each (White et al 1986). It is important to note that, in addition to their roles 
in chemosensation, a majority of these neurons also contribute to other sensory 
modalities, which complicates their role in sensory processing in fascinating ways  
(Metaxakis et al 2018). 

Chemosensitivity is conferred upon these sensory neurons by the expression of 
receptor proteins. Even though only about 30 core chemosensory neurons common to 
both males and hermaphrodites have been described in C. elegans, around 1300 
candidate chemoreceptors have been identified in its genome (Thomas & Robertson 
2008). Most of these genes possess the characteristic seven transmembrane domains of 
GPCRs, and many of them are thought to be expressed in sensory neurons, strongly 
suggesting functionality as  chemoreceptors even in the absence of clearly characterized 
ligands (Chen et al 2005, Colosimo et al 2004, Troemel et al 1995). It is obvious and yet 
important to note explicitly that the vast disparity between the receptor and cell number 
in the chemosensory system of C. elegans necessitates the extensive co-expression of 
receptors within individual olfactory and gustatory neurons. Indeed, potential expression 
of twelve GPCRs has been reported for the amphid olfactory neuron AWA, of 19 in AWB 
and 22 in AWC (Vidal et al 2018). Besides GPCRs, receptor Guanylyl Cyclases (rGCs) 
play a role in chemosensation (Yu et al 1997). While the number of these genes (27 to 
date) is much more limited than that of GPCRs, this presents an expanded repertoire 
compared to mammalian and insect rGCs (at 6 and 7 genes, respectively) (Maruyama 
2016). While the number of chemoreceptors in C. elegans is staggering, the limited 
number of cells that are devoted to chemosensation in this nematode necessitates a high 
degree of pooling of information. How this impacts the discriminatory power of 
chemosensory neurons, as well as the integration with other sensory modalities detected 
by the same cells, is an area of active investigation.  

 
Neurons mediating chemoattraction in C. elegans 

Even though the pressure to assign nervous system capacity very economically is 
especially high in an animal as small as C. elegans, the nematode’s chemosensory 
system differentiates between olfaction and gustation at the level of sensory neurons.  
Laser ablation studies, in which a cell of interest is destroyed in a fairly targeted manner, 
have implicated the amphid neurons AWA and AWC as crucial for chemotaxis towards 
some volatile compounds (Bargmann et al 1993). In animals lacking AWA, chemotaxis 
towards diacetyl and pyrazine was compromised; in those without AWC, orientation 
towards benzaldehyde and butanone was impacted; and both cell classes contribute to 
the detection of isoamyl alcohol and 2,4,5-trimethylthiazol. These behavioral findings 
suggest that the two classes of olfactory neurons are not specialized towards the 
detection of discrete odorants or even well-defined classes of chemicals. Nevertheless, 
there is a degree of functional discrepancy between the cell types, and consequently of 
discriminatory power of the chemosensory system. Even within cell type, there can be a 
degree of specialization: different sensitivities to odorants have been reported between 
the left and the right AWC neuron. Dependent on the stochastic expression of the STR-2 
receptor, one of the AWC neurons (the one not expressing STR-2) is necessary for the 
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detection of 2,3-pentanedione and for the discrimination between benzaldehyde and 
butanone (Wes & Bargmann 2001).  

Chemotaxis towards soluble compounds has been predominantly linked to a single 
amphid chemosensory neuron, the ASE. Laser ablation of this neuron impacts an 
animal’s attraction to sodium and chloride ions, biotin, cAMP, and, to a lesser degree, 
lysine (Bargmann & Horvitz 1991). Again, as in the case of AWC, there is a functional 
difference between the two anatomically equivalent ASE neurons: the ASE in the left 
amphid organ (ASEL) is sensitive to sodium ions, whereas the right ASE (ASER) detects 
chloride and potassium ions. This functional difference is thought to be a consequence of 
the expression of the homeobox transcription factor LIM-6 in ASEL, which has been linked 
to the differential expression of some rGCs (Maruyama 2016, Pierce-Shimomura et al 
2001, Yu et al 1997). Beyond their distinct tastant selectivity, ASEL and ASER also show 
a preferential response with respect to the direction of concentration changes. Increases 
in the concentration of sodium chloride induce a depolarization in ASEL, whereas ASER 
is specifically sensitive to a reduction of salt concentration (Suzuki et al 2008). Indeed, 
responsiveness to changes in concentration as opposed to absolute concentration is a 
response motif that has been reported in multiple C. elegans chemosensory sensory 
neurons (Thiele et al 2009). The encoding of the concentration change on the level of 
sensory neurons is very satisfyingly mirrored in the fact that this stimulus feature has the 
biggest impact on chemotaxis behavior in C. elegans. Even though ASE’s role in positive 
chemotaxis has been best characterized, it must be noted that ADF, ASG, ASI, ASK, and 
ASJ contribute to this behavior and weak chemotaxis persists even when ASE is ablated 
(Bargmann & Horvitz 1991, Thiele et al 2009).  

 
Neurons mediating Chemorepulsion in C. elegans 

Chemosensation not only mediates approach behavior, but also alerts the animal 
to potentially dangerous environmental conditions, leading to immediate avoidance. This 
has been observed in the presence of specific soluble chemicals, such as heavy metals 
or alkaloids (many of which are perceived as “bitter” by other animals) as well as in 
response to high osmolality, amongst other potentially noxious stimuli (Culotti & Russel 
1978, Hilliard et al 2004). A key neuron mediating this behavior is the polymodal 
nociceptor ASH- an amphid neuron that expresses a wide variety of chemoreceptors and 
is also essential for the response to noxious touch (Kaplan & Horvitz 1993). At first glance, 
this pooling of sensory information of multiple modalities in a single neuron suggests a 
unified behavioral avoidance program elicited by quite diverse environmental stimuli. It 
has, however, been shown that the stimulus modality can be conveyed to the downstream 
circuitry, as for example in the case of the interneuron AVA, which is directly downstream 
of ASH. In AVA, distinct glutamate receptor subunits are required to receive inputs 
conveying stimuli of different modalities: the NMDA receptor subunit NMR-1 as well as 
the non-NMDA receptor units GLR-1 and GLR-2 are required for proper responses to 
harmful osmotic stimuli, while only the non-NMDA receptor subunits are required for 
avoidance of noxious touch (Hart et al 1995, Mellem et al 2002, Metaxakis et al 2018). 
Complicating matters even further, ASH not only responds to physical stimuli and soluble 
chemicals, but it also mediates aversion to high concentrations of odorants, thus blurring 
the distinction between gustation and olfaction (Yoshida et al 2012).  
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In contrast, AWB is a predominantly olfactory amphid neuron that primarily 
mediates the detection of aversive volatiles such as 2-nonanone and 1-octanol (Troemel 
et al 1997). This neuron is complimentary to the other “amphid winged” neurons, AWA 
and AWC, which mediate chemoattraction as outlined above. In fact, it has been shown 
that misexpression in AWB of the ODR-10 receptor, which mediates detection of the 
attractant diacetyl and is normally expressed in AWA, results in an aversion to diacetyl in 
an odr-10 null background, and in severe chemotaxis defects in a wildtype background 
(Troemel et al 1997). These findings indicate that it is not the odorant per se that is 
categorized by the nervous system, but it is instead the identity of the stimulated sensory 
neuron that leads to the interpretation of the odorant as aversive. Even though mediating 
the avoidance of odors seems to be the main function of AWB, it has also been reported 
to play a minor role in electrosensation and light sensitivity (Gabel et al 2007, Ward et al 
2008).  

Another set of chemosensory neurons that mediate chemorepulsion are the two 
phasmid organ neurons, PHA and PHB. When worms encounter a chemical repellent, for 
example sodium dodecyl sulfate (SDS), at their tail during a bout of backwards 
movement, phasmid neurons inhibit further retreat. This indicates that chemorepulsive 
neurons in the amphid organs (specifically ASH and AWB) and the phasmid sensory 
neurons act in antagonistic fashion upon the circuitry controlling locomotion in C. elegans 
to coordinate forward and backward movement with the detection of harmful substances 
in the immediate environment (Hilliard et al 2002). Overall, the chemosensory neurons of 
the phasmid organs remain largely uncharacterized; no functional differences between 
PHA and PHB have been described to date, and their sensitivity to chemicals beside SDS 
is largely unknown. It is unquestioned that PHA/B are likely to respond to a broad subset 
of chemicals: they express at least 51 and 49 different GPCRs, respectively (Vidal et al 
2018). This is comparable in sheer number with the GPCRs shown to be expressed in 
the amphid ASH neuron, but it has to be noted that each of the three cell types expresses 
a distinct, if overlapping set of receptors.  

As incomplete as the current understanding of the role of the phasmid neurons 
may be, they have been far better characterized than the neurons of the inner labial 
sensory organs. It has been suggested that of the two neurons housed in each inner labial 
organ, only IL-2 may be chemosensory as its dendrite is directly exposed to the outside 
environment (Ward et al 1975). These neurons have been implicated in a dispersal 
behavior called nictation: during food scarcity, C. elegans in the alternative dauer stage 
raise the anterior part of their body in the air, presumably to hitch a ride with a passing 
animal or for wind dispersal. In animals with laser-ablated IL-2 neurons, this behavior is 
much reduced (Lee et al 2011). No function for IL-2 neurons in non-dauer animals has 
been reported, even though there is some suggestion that they may be involved in ethanol 
sensing (Johnson et al 2017).  

Despite the gaps in our current understanding of the chemosensory system of C. 
elegans, it is apparent that it has both the potential to detect a vast number of chemicals 
and also a surprising capacity to distinguish between them. What is, however, the most 
striking aspect of chemosensation in C. elegans is the multimodal nature of the sensory 
neurons. Not only is the line between olfaction and gustation blurred, but even other 
sensory modalities are detected by the same cells. The details of how this impacts the 
processing of sensory information both within individual neurons and between cell types 
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is under investigation. These efforts are further enriched by insights gained from the 
completed connectome of C. elegans: chemical and electrical synapses among sensory 
neurons, as well as with downstream circuits, have been thoroughly described, 
suggesting staggeringly complex interactions throughout the system (Cook et al 2019, 
Hall & Russel 1991, White et al 1986). 

 
Chemosensation in Mammals: Of Rodents and Men 

 
Olfactory Organs in Mammals 

While the entire core chemosensory system of C. elegans consists of roughly 30 
neurons, mice have millions of sensory neurons dedicated to olfaction alone (Kawagishi 
et al 2014). These neurons are organized into separate tissues in the nasal cavity: the 
main olfactory epithelium, the septal organ (or organ of Masera) and the vomeronasal 
organ (Figure 1-2). While these sensory organs are common to most mammals, a fourth 
olfactory organ, the Grüneberg Ganglion, has been most thoroughly described in mice 
and rats. It is thought to be present in other animals outside of the rodent order, but its 
exact prevalence remains subject of study (Grueneberg 1973, Marshall & Maruniak 1986, 
Su et al 2009).  

The main olfactory epithelium houses the vast majority of the canonical olfactory 
sensory neurons (OSNs). Their cell bodies are embedded amongst support cells in the 
epithelial layer, while the single dendrite of each cell extends into the mucus lining the 
nasal cavity. These sensory dendrites terminate at the air-mucus interface, where they 
are decorated with multiple cilia, whose surfaces house the olfactory receptors (Barrios 
et al 2014, Frisch 1967). The chemosensory neurons in the vomeronasal organ have a 
similar morphology: they are embedded in mucus-coated tissue amongst support cells 
and have complex dendritic structures. However, instead of cilia, they extend microvilli 
into the mucosa (Vaccarezza et al 1981). The sensory neurons of the septal organ are 
thought to be very similar to the canonical OSNs found in the main olfactory epithelium, 
while the Grüneberg Ganglion houses unusually compact olfactory neurons lacking 
expansive dendritic structures (Brechbuhl et al 2008, Brechbuhl et al 2014, Ma et al 2003, 
Roppolo et al 2006, Weiler & Farbman 2003).  

The first chemosensory receptors in mammals were identified 30 years ago (Buck 
& Axel 1991). As in C. elegans, the olfactory receptors in mice were found to be GPCRs: 
about 1200 genes in the main olfactory receptor (OR) family have been identified in the 
mouse genome, in addition to ~200 genes in the vomeronasal 1 receptor (V1R) and ~60 
in the vomeronasal 2 receptor (V2R) family (Yang et al 2005, Zhang et al 2007). OR 
genes are expressed by OSNs in the main olfactory epithelium, as well as in the septal 
organ, where they mediate general odorant detection. It is generally the case that each 
olfactory sensory neuron expresses either a single receptor or at most a very small 
number of receptors. This is achieved by an elegant system of gene regulation. Based on 
the location within the epithelium, one of multiple arrays of ORs in the genome is activated 
(Ressler et al 1993). Of this array, one allele of a single OR gene is expressed 
stochastically due to interactions with specialized regulatory sequences, which may be 
located on a different chromosome and come into contact with OR genes due to DNA 
folding in the nucleus (Chess et al 1994, Lomvardas et al 2006). While each OSN 
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expresses only a single receptor, each OR can detect a number of odorants, even though 
they do vary in the specifics of their tuning (Krautwurst et al 1998, Malnic et al 1999).  

How are the thousands of olfactory sensory neuron types, as defined by their 
expressed OR, arranged in the olfactory epithelium? Neurons express ORs according to 
a spatial pattern observed across animals, where each subfamily of OR is expressed 
predominantly in defined zones of the nasal cavity. Within each zone, there does not 
appear to be a set pattern of receptor expression, and cells expressing different ORs are 
stochastically distributed (Ressler et al 1993, Vassar et al 1993, Zapiec & Mombaerts 
2020). This gives rise to an organizational system in the mouse main olfactory epithelium 
where similar chemical groups are detected by closely related, structurally similar 
receptors expressed in cells grouped in the same tissue section (Ma & Shepherd 2000, 
Ressler et al 1993, Strotmann et al 1994). A spatial distribution pattern has not only 
become apparent in OR expression, but also in the morphology of the cilia which house 
the receptors. While it had long been thought that OSNs are morphologically relatively 
homogenous, it has now been shown that OSNs located antero-dorsal in the nasal cavity 
tend to have overall longer cilia. These cells present more receptors due to their increased 
surface area, which is presumably the root for their increased sensitivity to odorants. This 
pattern does not depend on odor-dependent neuronal activity, but it remains unclear if 
the same mechanisms governing the spatial distribution of ORs also accounts for the 
observed morphological patterning (Challis et al 2015). 

The vomeronasal organ (VNO) is predominantly dedicated to the detection of 
chemical signals originating from conspecifics, such as pheromones (Leinders-Zufall et 
al 2000). Rodents lacking a functional VNO have a wide variety of deficits in social 
behaviors, including aggression and maternal care (Del Punta et al 2002, He et al 2008, 
Kimoto et al 2005). The VNO is vestigial in humans, in accordance with their relative de-
emphasis of pheromonal communication (D'Aniello et al 2017). The VNO can be broadly 
divided into two zones based on the receptor types expressed by the OSNs: V1R 
expressing neurons are found in the apical zone, while V2R positive neurons localize to 
the basal surface (Dulac & Axel 1995, Herrada & Dulac 1997, Matsunami & Buck 1997, 
Rodriguez et al 2002). It is thought that V1Rs are expressed in a monogenic, monoallelic 
manner similar to canonical ORs, but their tuning seems much narrower: each V1R 
responds to a single pheromone, and no additional neurons are recruited upon increasing 
the pheromone concentration (Leinders-Zufall et al 2000, Rodriguez et al 1999). In 
contrast, V2R positive neurons have been shown to co-express a small number of 
receptors (Ishii & Mombaerts 2011, Martini et al 2001). While the classical model of the 
olfactory system postulates a clear distinction between the main olfactory system, which 
detects general smells, and the vomeronasal system, there is evidence of functional 
overlap between the two: some cells in the VNO respond to odorants, and there are some 
pheromone-sensing cells in the main olfactory epithelium (Karunadasa et al 2006, Trinh 
& Storm 2003, Wang et al 2006). 

The roles of the septal organ and the Grüneberg ganglion are largely unclear. The 
septal organ contains olfactory neurons expressing classical ORs, but they are arranged 
in fewer layers compared to the main olfactory epithelium (2-4 and 6-8, respectively), and 
their dendrites are shorter with larger dendritic knobs (Kaluza et al 2004, Ma et al 2003, 
Pedersen & Benson 1986, Tian & Ma 2004, Weiler & Farbman 2003). Although huge 
strides have been made with respect to the anatomical characterization of the septal 
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organ, its behavioral function remains stubbornly elusive and subject to intensive study. 
The Grüneberg ganglion houses neurons expressing the olfactory gene OMP as well as 
V2R83 (Fleischer et al 2006, Fleischer et al 2007, Fuss et al 2005). Consistent with the 
expression of a vomeronasal receptor, the Grüneberg Ganglion has been implicated in 
the detection of alarm pheromones (Brechbuhl et al 2008). Additional aversive responses 
to cooling have been tied to the Grüneberg Ganglion, leading to the intriguing hypothesis 
that it plays a role in the avoidance of danger by confining pups to the warm nest and 
facilitating social communication in mature animals (Schmid et al 2010).  

 
Encoding of Odorant Identity in Mammals: Combinatorial Coding 

The projection targets of the OSNs in the brain are determined by the receptors 
they express. The olfactory bulb consists of a group of glomeruli, anatomical structures 
formed by the axonal terminals of the OSNs, the dendrites of projection neurons, and 
local interneurons. OSNs expressing the same receptor all project to one glomerulus per 
hemisphere in the olfactory bulb, so that each odor is represented by a topographical 
activity map in the brain based on the receptors it binds to (Mombaerts et al 1996, Ressler 
et al 1994, Vassar et al 1994, Wachowiak & Cohen 2001). Each glomerulus is furthermore 
composed of the dendrites of dedicated mitral cells, the main projection neurons of the 
olfactory bulb, which do not receive direct excitatory input from other glomeruli (Aungst et 
al 2003, Kishi et al 1982). This ensures the convergence of a single population of OSNs, 
defined by a common OR, onto a restricted population of mitral cells, thus creating a 
dedicated neuronal circuit for each receptor. OSNs of the septal organ and the Grüneberg 
Ganglion similarly project to dedicated glomeruli in the main olfactory bulb (Fleischer et 
al 2006, Fuss et al 2005, Ma et al 2003, Pedersen & Benson 1986).  

 The position of individual glomeruli in the main olfactory bulb is largely stereotyped 
between animals (Bressel et al 2016). Their correct development is at least partially 
dependent on both the identity and the functionality of the OR in a given OSN type: the 
deletion of receptors leads to acute axon misguidance phenotypes where axons fail to 
coalesce on a single glomerulus (Feinstein et al 2004). Additionally, the impairment of 
cAMP generation downstream of ORs leads to similar axon guidance defects, indicating 
that neuronal activity plays a role in the wiring of the olfactory bulb (Imai et al 2006). 
Complementary studies have also shown that the replacement of an OR with an olfactory 
receptor gene of a different species leads to the formation of seemingly functional ectopic 
glomeruli (Belluscio et al 1999). The thus carefully arranged spatial organization of the 
olfactory bulb itself seems to be integral to the efficient extraction of pertinent olfactory 
information, even though olfactory projection neurons have been shown to target a wide 
variety of brain regions. Specifically, ablation of regions of the olfactory bulb has been 
shown to adversely impact the innate response to smells associated with predators, but 
not to impede learned responses to the same smells. This suggests that higher olfactory 
circuitry may not necessarily consider the entirety of the distributed representation of a 
smell in the olfactory bulb, but be biased towards relevant landmark glomeruli 
(Kobayakawa et al 2007).  

The organization of the accessory olfactory bulb, the projection target of sensory 
neurons residing in the VNO, is less clear-cut. OSNs expressing the same receptor 
innervate multiple glomeruli instead of converging on a single one per hemisphere, and 
the positioning of these target glomeruli within the accessory olfactory bulb is less 
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stereotyped between individuals (Belluscio et al 1999, Del Punta et al 2002, Rodriguez et 
al 1999). Interestingly, the mitral cells of the accessory olfactory bulb contact the glomeruli 
innervated by OSNs expressing the same VR, thus establishing a labeled circuit for each 
receptor not dissimilar to the those observed for the ORs in the main olfactory bulb (Del 
Punta et al 2002). The establishment of a topographical map based on olfactory receptors 
enables the organization of sensory inputs across all olfactory subsystems. This ensures 
that smells can be correctly identified based on their unique activity signatures in the 
olfactory bulbs, which are analyzed further in other brain regions, such as the olfactory 
cortex and the amygdala.  

 
Gustatory Organs in Mammals 

Taste sensory organs in mice are located on the tongue, the soft palate, the larynx, 
pharynx and epiglottis in the form of taste buds (Figure 1-3). Each taste bud is composed 
of tightly packed sensory cells and has an opening to allow the entry of chemicals from 
the environment (Delay et al 1986, Kinnamon et al 1993). Taste buds contain on average 
between 25 and 51 sensory cells, depending on their location (Ogata & Ohtubo 2020, 
Ohtubo & Yoshii 2011). They are embedded in the surrounding epithelium, which forms 
distinct ultrastructures on the tongue: at the anterior part of the tongue, taste buds are 
concentrated in fungiform papillae, at the sides in foliate papillae and at the back of the 
tongue in circumvallate papillae (Kobayashi 1989, Kobayashi 1994). Taste buds not 
located on the tongue are not grouped and occur individually in the epithelium 
(Yarmolinsky et al 2009).  

Remarkably, mammalian taste receptor cells (TRCs) differ from the other sensory 
cells discussed in this chapter in that they are not neurons; instead, the surrounding 
epithelium gives rise to TRCs (Stone et al 1995). Despite this fundamental distinction, 
their morphology is most similar to vomeronasal sensory cells: both cell types form 
extensive microvilli at their apical surface, which house densely packed receptors. In mice 
and other mammals, the number of taste receptors, and thus the amount of possible 
different types of TRCs, is paltry compared to the plethora of olfactory receptors. There 
are only about 35 taste receptor genes in mice, in addition to sensors for salts and acids 
(Adler et al 2000, Matsunami et al 2000, Nelson et al 2002, Nelson et al 2001). These 
taste receptors are, like ORs and VRs, seven transmembrane domains containing 
GPCRs, even though they are not closely related to either (Nelson et al 2001). This 
indicates that the sensory detection and coding approach in the gustatory system has a 
limited discrimination capacity compared to olfaction. Indeed, TRCs in mice and other 
mammals generally come in the five distinct flavors known to most by personal 
experience: sweet, bitter, salty, sour and umami. 

 
Encoding of Tastant Quality in Mammals: The Labelled Line Model 

The receptors that detect different taste qualities have been well described. Sweet 
sensing TRCs express two receptor subunits of the taste 1 receptor (T1R) family that form 
a heterodimeric functional GPCR: T1R2 and T1R3. This receptor complex is responsible 
for the detection of a surprising variety of compounds that register as “sweet”, from the 
expected sugars to a number of amino acids as well as artificial sweeteners (Li et al 2002, 
Nelson et al 2001). This versatility is due to multiple binding pockets on the receptor, 
which show different affinities for distinct chemicals (Assadi-Porter et al 2010, Jiang et al 
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2004, Masuda et al 2012, Xu et al 2004). While this swiss-army-knife-approach is 
certainly efficient in terms of receptor-to-ligand ratio, it comes at the cost of discriminatory 
power. While some compounds may be more intensely sweet, there are no distinct types 
of sweetness per-se, which makes it impossible to differentiate between, for example, 
sucrose and glucose. Arguably, the distinction between these tastants is of little 
consequence to the animal, as their biological value lies in their nutritious potential, not in 
their exact identity. Similar to the sweet-sensing GPCR, savory or umami taste is detected 
by a heterodimeric receptor complex of the T1R family, in this case T1R1 and T1R3. This 
receptor responds to most L-amino acids as well as some monophospho-nucleotides, 
most notably IMP (Li et al 2002, Nelson et al 2002). Structural studies indicate that T1R1 
and T1R2 play a larger role in ligand binding compared to the shared T1R3 subunit, which 
is in keeping with sweet and umami as distinct taste categories (Nuemket et al 2017). It 
has been reported, however, that T1R3 is also expressed without the other T1Rs, and 
can act as a receptor for high sugar concentrations and calcium (Nelson et al 2001, 
Tordoff et al 2012, Zhao et al 2003). T1R3 homodimers have also been implicated as 
possible glucose sensors in human pancreatic beta cells (Kojima et al 2015). 

Bitter sensing cells, in contrast, have been adapted to address a very different 
problem. A vast array of potentially harmful substances has to be detected even at very 
low concentrations to ensure the survival of the animal. Indeed, the majority of taste 
receptors in mice are bitter detecting Taste 2 Receptors (T2Rs), which are coexpressed 
in the same cells (Adler et al 2000, Matsunami et al 2000). This expression pattern 
suggests an even more extreme pooling of information than is observed in sweet and 
umami cells. As not all bitter cells express all T2Rs and consequently don’t respond to all 
bitter stimuli, however, there may be some underlying degree of specialization amongst 
bitter cells (Caicedo & Roper 2001). It is unclear what, if any, the functional relevance of 
the distribution of receptors across bitter cells is. Individual T2Rs are thought to differ 
widely with respect to their selectivity. In humans, some T2Rs have been reported to 
respond to single chemicals, as in the case of, for example, T2R5, which only shows 
responses to cycloheximide (Chandrashekar et al 2000). Other T2Rs show a high degree 
of promiscuity and respond to a multitude of tastants (Behrens et al 2009, Brockhoff et al 
2007, Meyerhof et al 2010). While these studies are intriguing, it has to be mentioned that 
the sheer number of compounds thought to be potential bitters precludes truly 
comprehensive tests. Some receptors may appear to be highly selective simply due to 
the restricted number of compounds tested.  Complicating the matter further, it is a fairly 
common phenomenon that tastants which do not register as bitter at low concentrations 
are detected by the receptors at high concentrations. This accounts for the bitter aftertaste 
of many artificial sweeteners, such as saccharine (Kuhn et al 2004, Pronin et al 2004).  

While the exact mechanism of sour taste remains debated, PKD2L1, a member of 
the TRP channel superfamily has been implicated, along with the TRP related protein 
PKD1L3 (Huang et al 2006, Ishimaru et al 2006). Both are present in sour-specific TCRs, 
and expression of these two proteins has been shown to be sufficient to confer acid 
sensitivity in heterologous expression experiments (Inada et al 2008, Ishimaru et al 2006, 
Kataoka et al 2008). Additionally, knock out of these genes leads to an impaired response 
to acids, even though the result is not complete sour blindness (Horio et al 2011). 
Undermining the central role of PKD2L1/1L3, studies have shown that a stimulus-
dependent proton influx is crucial to acid responses in sour taste cells- and that the 
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PKD2L1/1L3 complex is not required for this conductance (Chang et al 2010). Using 
PKD2L1 as a marker gene for sour taste cells, transcriptomic studies have recently 
identified the proton-selective channel Otopetrin1 as a likely candidate for this sour-
sensing pathway (Tu et al 2018, Zhang et al 2019). Interestingly, members of the otopetrin 
family are also widely expressed in non-taste tissues, so that a shared otopetrin-
dependent mechanism for acid sensing in many physiological contexts seems likely (Tu 
et al 2018).  

Salt taste differs from the other four taste modalities in its qualitative ambiguity: 
low salt concentrations are perceived as attractive, especially in salt-starved animals, 
while high concentrations of salt are aversive (Lindemann 2001). These two opposing 
responses to salt of differing concentrations are mediated by distinct mechanisms: the 
response to low salt is in fact specific to sodium ions and can be inhibited by the 
application of amiloride (Heck et al 1984). In contrast, different taste receptor cells 
respond to high concentrations of multiple ions in an amiloride-independent manner 
(Ninomiya 1998, Ninomiya et al 1989). This observation implicated the amiloride-sensitive 
sodium channel ENaC in the detection of low salt concentrations (Yoshida et al 2009). 
Indeed, it has since been shown that the ENaC-expressing subpopulation of TRCs not 
only responds to low sodium, but that these cells are required for low salt attraction 
(Chandrashekar et al 2010). High salt concentrations, however, do not activate a 
dedicated population of TRCs- instead, this aversive taste is mediated via activation of 
both sour and bitter TRC populations (Oka et al 2013). How these TRCs detect high salt 
concentrations remains a subject of study. 

As outlined above, taste sensory cells fall into distinct categories that are generally 
dedicated to the detection of a single taste modality. A tastant is assigned an inherent 
quality by virtue of the sensory cell type it activates. This conclusion is supported by 
ectopic expression experiments, where bitter T2Rs are expressed in normally sweet 
detecting cells, i.e. cells naturally expressing T1R2 and T1R3. In mice with this abnormal 
expression pattern, exposure to bitter compounds leads to anomalous acceptance 
behaviors. The reverse is also true, so that ectopic expression of receptors (even non-
taste receptors) in bitter cells leads to aversion responses upon ligand exposure (Mueller 
et al 2005). These studies support the hypothesis that dedicated cell populations exist in 
the periphery which encode attractive tastes such as sweet and umami, as well as those 
that encode aversive taste categories like bitter and sour or, more ambiguously, salt. This 
model is generally referred to as the “labelled line” model, and while it is widely accepted 
as the processing mode at the level of sensory cells, it has been controversial how far 
exactly into the higher gustatory circuit this modality specificity is conserved. There is 
increasing evidence, however, that taste modality specific circuits may be maintained all 
the way to the gustatory cortex (Chen et al 2011, Jin et al 2021) 

How taste information from the taste sensory cells, which are epithelial in nature, 
is funneled into the nervous system also remains debated. Only sour sensory cells have 
been shown to form classical synapses, as they are observed commonly elsewhere in 
the nervous system (DeFazio et al 2006, Yang et al 2000). Nevertheless, a number of 
classical neurotransmitters are expressed in taste buds, whose exact roles are only 
imperfectly understood (Cao et al 2009, Huang et al 2005, Oliveira-Maia et al 2009). It 
has also been suggested that TRCs release ATP via pannexin channels, which could in 
turn activate the ATP-gated cation channels P2X2 and P2X3, which are known to be 



 13 

expressed on gustatory nerve endings (Bo et al 1999, Huang et al 2007, Romanov et al 
2007). Regardless of the exact molecular mechanisms, it seems extremely likely that the 
labelled line model holds up at the level of these primary afferent fibers.   

 
Chemosensation in Drosophila melanogaster  

 
Chemosensory organs in adult D. melanogaster 

Adult Drosophila melanogaster have hair like chemosensory sensilla which house 
sensory neurons on multiple body surfaces. Olfactory sensilla are localized on the third 
antennal segment and on the maxillary palps (Figure 1-4). There are three main 
morphological classes of olfactory sensilla: trichoid, basiconic and coeloconic, each with 
several morphologically distinct subtypes (Stocker 1994, Venkatesh & Singh 1984). 
Trichoid sensilla, which are readily identifiable by their cylindrical base structure and the 
sharply tapering shape of the main sensillum, house between one and three olfactory 
receptor neurons (ORNs). They are concentrated in the disto-lateral zone of the third 
antennal segment. Basiconic sensilla show only slight tapering towards the tip of the 
sensillum, lacking the distinctive basal structure of trichoid sensilla, and house either two 
or four ORNs, depending on their subtype. These sensilla are distributed proximo-laterally 
in a pattern complimentary to the trichoid sensilla, so that the opposing distribution 
gradients of the two subtypes divide the third antennal segment roughly diagonally. The 
third subtype, coeloconic sensilla, are small and pin like. They house either two or three 
sensory neurons and are distributed across the surface of the third antennal segment. 
Ranking the subtypes in prevalence, basiconic sensilla are the most common, with 
between ~190 and ~230 sensilla per antenna and ~60 on each maxillary palp, followed 
by trichoid sensilla with ~115 per antenna, and rarest being coeloconic sensilla with ~55 
per antenna. The wall of each sensillum contains a multitude of pores that allow 
environmental volatiles to enter into its lumen, where they interact with the receptor-
packed dendrites of the sensory neurons (Riesgo-Escovar et al 1997a, Riesgo-Escovar 
et al 1997b, Shanbhag et al 1999a, Stocker 1994).  

In adult Drosophila, gustatory sensory organs can be found on the proboscis, 
pharynx, legs, wing margins and, in females, the ovipositor (Figure 1-5) (Stocker 1994). 
These sensilla are open to the outside environment via a single taste pore at their tip, 
which allows for the entry of chemicals into the lumen of the taste hair, where they can 
interact with the dendrites of gustatory receptor neurons (GRNs) (Nayak & Singh 1983, 
Shanbhag et al 2001). Owing to the fact that the gustatory organs of the inner and outer 
mouthparts have been most fully described, both in anatomy and function, this discussion 
will be focused on them. Taste bristles on the proboscis are restricted to its most distal 
section, the labella, where they are arranged in a stereotyped pattern with respect to both 
location and subtype. The 31 labellar gustatory sensilla on each labellar palp can be 
sorted into three types based on their length and the number of sensory neurons they 
house (Ray et al 1993, Shanbhag et al 2001): small sensilla contain four GRNs as well 
as one mechanosensory neuron; both large and intermediate sensilla contain two 
chemosensory neurons and one mechanosensory neuron, but their GRNs detect different 
tastant classes (see below). In addition to the taste bristles, smaller structures called taste 
pegs are also located on the fly labellum. These pegs each house two neurons, one 
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mechanosensory and one chemosensory neuron (Falk et al 1976, Fischler et al 2007, 
Ray et al 1993, Shanbhag et al 2001, Thorne et al 2004).  

The taste sensilla of the inner mouthparts are grouped into three different taste 
organs. The most distal of these is the labral sense organ (lso), which contains 9 sensory 
sensilla. Six of these, which are associated with a sensory hair, are mechanosensory, 
while two of the three hairless sensilla contain two GRNs each, with the third containing 
8 (Gendre et al 2004, Nayak & Singh 1983, Stocker & Schorderet 1981). These hairless 
sensilla strongly resemble mammalian taste buds, even though the number of sensory 
neurons is of course much reduced in comparison. The dorsal and ventral cibarial sense 
organs (dcso and vcso, respectively), are smaller than the lso: the dcso consists of two 
sensilla housing three GRNs each, while the vcso contains three sensilla, two with a pair 
of GRNs and one with four GRNs (Gendre et al 2004, Nayak & Singh 1983, Stocker & 
Schorderet 1981).  

 
Olfaction in D. melanogaster 

The best studied chemosensory receptors expressed by ORNs are, not 
surprisingly, the 62 olfactory receptors (ORs), which arise from 60 genes via alternate 
splicing (Clyne et al 2000, Robertson et al 2003, Vosshall et al 1999, Vosshall et al 2000). 
The identification of these receptors was heavily dependent on the assumption that, like 
C. elegans and mammalian odorant receptors, they would be GPCRs. While bioinformatic 
searches for candidate chemoreceptors with the characteristic seven transmembrane 
domains did indeed lead to the identification of members of the OR family, their 
transduction mechanism has been unexpectedly controversial. Surprisingly, Drosophila 
ORs not only lack some of the usual domains necessary for GPCRs to function, but their 
topology with an intracellular N-terminus is also inverted compared to confirmed GPCRs 
(Benton et al 2006). This, as well as the observation that no G-protein dependent 
signaling cascades are required for odorant-evoked responses in ORNs, indicates that 
insect ORs act in fact as ligand gated ion channels (Sato et al 2008, Wicher et al 2008). 
Further support for this hypothesis has come from the Cryo-EM structure of Orco (also 
known as OR83b), which strongly suggests that receptor proteins assemble as tetramers 
to form a ligand gated cation channel (Butterwick et al 2018).  

 As a rule, individual Drosophila ORNs express two OR genes- the broadly 
expressed olfactory coreceptor Orco, as well as one additional odorant binding OR (Jafari 
et al 2012, Larsson et al 2004, Vosshall et al 1999, Vosshall et al 2000). These two 
proteins form a heteromeric receptor complex essential to the detection of a vast array of 
diverse odors (Larsson et al 2004, Neuhaus et al 2005, Sato et al 2008, Wicher et al 
2008). Even though the vast majority of ORNs adheres to this one receptor plus the 
coreceptor paradigm, exceptions have been reported: Or22a and b are coexpressed in 
the same antennal ORN in addition to Orco, even though rescue experiments in double 
mutant backgrounds suggest that only OR22a may be functional (Dobritsa et al 2003). 
Additionally, Or33c and Or85 are coexpressed in the same maxillary palp ORN (Goldman 
et al 2005). ORNs are arranged according to a stereotyped pattern on the antennal 
surface based on the OR they express: it has been shown that ORNs with characteristic 
OR expression and consequently stereotyped response profiles to panels of odors are 
grouped together in certain sensilla, which in turn are distributed in well-defined zones 
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across the third antennal segment (Couto et al 2005, de Bruyne et al 2001, Hallem et al 
2004). 

In addition to the classic ORs, the repertoire of olfactory receptors in Drosophila 
includes other channel families. Ionotropic Receptors (IRs) are a family of roughly 60 
three transmembrane domains containing receptors (Benton et al 2009). They are most 
closely related to ionotropic Glutamate Receptors (iGluRs) and are thought to act similarly 
as ligand-gated ion channels (Croset et al 2010). Mounting evidence suggests that IRs 
assemble as heteromeric functional receptor complexes, with IR8a, IR25a and IR76b 
acting as co-receptors similar to Orco (Abuin et al 2011, Ai et al 2013, Silbering et al 
2011).  A small niche role in olfaction is also played by Gustatory Receptors (GRs, also 
see below), specifically in the detection of CO2. Gr21a and Gr63a are co-expressed in 
CO2 sensitive ORNs of the antenna, where they are both necessary and sufficient for a 
response to CO2 (de Bruyne et al 2001, Jones et al 2007, Kwon et al 2007). Interestingly, 
homologues of these two genes are also co-expressed in olfactory neurons of the 
mosquito Anopheles gambiae, whose reliance on CO2 for prey detection is well 
established (Jones et al 2007). It is in fact a complex of three related GRs that is thought 
to confer CO2 sensitivity to specialized neurons of A. gambiae’s maxillary palp (Lu et al 
2007, Robertson & Kent 2009).  

Antennal ORNs project their axons along the antennal nerve to two symmetrical 
structures in the anterior part of the fly brain, the antennal lobes. Maxillary palp ORNs 
project to this brain region via the maxillary nerve and through the subesophageal zone 
(SEZ) of the lower brain. Each antennal lobe consists of 43 distinct glomeruli, which 
contain the axons of ORNs and the dendrites of olfactory projection neurons (Laissue et 
al 1999, Stocker et al 1990). Remarkably, all ORNs expressing the same receptor 
converge onto the same glomerulus, creating a topographical map in the brain, analogous 
to the patterning of the olfactory bulb in rodents (Ai et al 2013, Gao et al 2000, Grosjean 
et al 2011, Silbering et al 2011, Vosshall et al 2000). Consequently, odorants are encoded 
in the Drosophila brain with a combinatorial code, where each distinguishable odorant is 
associated with a specific activity pattern in the antennal lobe (Bhandawat et al 2007, 
Hallem & Carlson 2006, Silbering & Galizia 2007, Wilson et al 2004). Each glomerulus is 
innervated by a subset of olfactory projection neurons according to a well-defined pattern, 
so that specific projection neuron types receive stereotyped input from a subset of ORNs 
(Bates et al 2020, Couto et al 2005, Fishilevich & Vosshall 2005). These projection 
neurons then relay olfactory information to the main centers of learning and memory in 
the fly brain: the lateral horn, thought to be a hub mediating innate behaviors; and the 
mushroom body, the site of associative learning (Heimbeck et al 2001, Jefferis et al 2007, 
Marin et al 2002, Wong et al 2002).  

 
Gustation in D. melanogaster 

The best described family of receptors expressed by GRNs are the aptly named 
Gustatory Receptors (GRs), a family of 60 genes encoding 68 seven transmembrane 
domains containing proteins via alternate splicing (Clyne et al 2000, Dunipace et al 2001, 
Robertson et al 2003, Scott et al 2001). The GRs are mostly closely related to ORs: GRs 
are thought to be evolutionarily older while the ORs evolved relatively more recently. This 
suggests that GRs may similarly act as ligand gated ion channels. Although GRs are 
predominantly studied in the context of gustation, some of them are also expressed 
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outside of the gustatory system, where they have been proposed to play a role in CO2 
sensing as described above, and humidity detection, among other possible functions 
(Thorne & Amrein 2008). 

There are multiple genetically defined GRN populations that detect distinct taste 
modalities (Cameron et al 2010, French et al 2015b, Jaeger et al 2018, Wang et al 2004). 
Each of the 31 gustatory sensilla of the labellar palp houses one sweet sensing GRN. 
Drosophila express 8 genes that encode receptors for sweet tastants: Gr5a, Gr61a and 
Gr64a-f (Dahanukar et al 2001, Miyamoto et al 2013, Robertson et al 2003, Slone et al 
2007). The first of these, Gr5a, was identified based on its linkage to a known gene locus 
associated with trehalose taste (Tanimura et al 1982, Tanimura et al 1988, Ueno et al 
2001). While these receptors are generally coexpressed within the same cells, Gr64f and 
Gr5a are expressed in all sugar GRNs, whereas the other GRs show expression in 
subsets of sugar cells, hinting at possible functional diversity (Dahanukar et al 2007, Fujii 
et al 2015). This has led to the hypothesis that GR64f and GR5a act as coreceptors in 
heteromeric receptor complexes (Jiao et al 2008, Slone et al 2007). Although sweet 
GRNs express receptors exclusively dedicated to the detection of sweet tastants, it has 
been observed that many bitter tastants interact with those receptors and inhibit the 
activity of the sugar sensory cells (French et al 2015b, Meunier et al 2003). 

The vast majority of the remaining GRs participates in the detection of bitter 
compounds. The first of those, GR66a, has proven to be an invaluable marker for the 
exploration of bitter sensitive cells in Drosophila. GR66a was initially identified as a 
significant receptor for caffeine detection and has since been deemed a candidate 
coreceptor in bitter GRNs, as it is expressed in all 18 sensilla per labellar palp with known 
bitter sensory neurons (French et al 2015b, Moon et al 2006, Wang et al 2004). That 
expediency, however, masks some of the diversity suspected amongst bitter GRNs. 
Indeed, bitter receptors are expressed according to a complex combinatorial code that is 
consistent between animals (French et al 2015a, Weiss et al 2011). Consequently, it has 
been proposed that distinct subgroups of bitter neurons have specialized functions 
determined by the contingent of receptors they express (Sung et al 2017). If so, this 
peripheral bitter code will open exciting new avenues to explore behavioral discrimination 
of different bitter compounds.   

In addition to these relatively classical chemoreceptors, the Pickpocket (ppk) family 
of Deg/ENaC channels has also emerged as a major player in gustation, namely in the 
taste of water and high salt. Each labellar palp of the proboscis contains 21 water sensory 
cells- one GRN in each large and small sensillum- which are distinct from both sugar and 
bitter sensory cells (Inoshita & Tanimura 2006). PPK28 was identified as the key protein 
for water detection in flies. Indeed, PPK28 was not only shown to be necessary for normal 
taste responses to water, but its ectopic expression in bitter GRNs was sufficient to induce 
water aversion (Cameron et al 2010). Another member of the ppk family, ppk23, has been 
implicated in salt taste. PPK23 positive GRNs have been shown to play a role in the 
avoidance of high concentrations of sodium, potassium and calcium ions (Jaeger et al 
2018, Lee et al 2018). Intriguingly, ppk23 is also expressed in a subset of bitter GRNs, 
which also show a response to high concentrations of salt. PPK23 positive, GR66a 
negative cells do retain their high salt response, but do not respond to bitters (or other 
tastants), indicating that, while there may be some functional overlap with bitter GRNs, 
high salt responsive GRNs represent a unique subpopulation of cells (Jaeger et al 2018). 
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While the role of IRs in chemosensation has been best described in the context of 
olfaction, there is mounting evidence indicating that they are important in gustation as 
well. Members of the Ir20a clade, which contains 28 receptors thought to be functional 
and 7 pseudogenes, are expressed in GRNs. Characterization of expression patterns 
using Gal4 driver lines suggests that Ir56a is expressed in bitter neurons, while Ir56b and 
d are expressed in sugar sensory neurons (Koh et al 2014). This, together with the 
observation that IRs are expressed in gustatory neurons with no known function, suggests 
diverse roles for this class of sensory receptors. Indeed, IR76b positive neurons have 
variously been reported to play a role in sour, salt and amino acid taste (Chen & Amrein 
2017, Croset et al 2016, Lee et al 2017, Zhang et al 2013). Even though those 
observations are intriguing, the relatively broad expression pattern of Ir76b has limited its 
usefulness as a genetic marker for distinct GRN subpopulations. In the case of salt taste, 
it has also been proposed that Ir94e expression is more tightly restricted to low salt 
sensing GRNs, but its functional relevance remains to be established more firmly (Jaeger 
et al 2018).  

All GRNs of the inner and outer mouthparts project to the subesophageal zone 
(SEZ) of the fly brain, where their axons terminate in characteristic patterns depending 
on the body part and the taste modality they represent. GRNs originating in the inner 
mouthparts arborize anterior to those from the labella, and the two populations do not 
overlap (Wang et al 2004). The taste modality map is somewhat less well defined, but it 
is discernible in the case of labellar GRNs: while bitter neurons terminate in a 
characteristic ring structure in the center of the SEZ, the GRNs of other taste modalities 
arborize more laterally in largely overlapping patterns (Marella et al 2006). This indicates 
that there is at least some anatomical separation between aversive and appetitive taste 
inputs. To date, it is unclear to what degree and where in the gustatory circuit the 
processing of different taste modalities converges. It is important to note, however, that 
the motor neurons innervating the muscles of the proboscis are also located in the SEZ, 
as are many interneurons known to impact feeding behavior, so that a local core feeding 
circuit is extremely likely (Flood et al 2013, Gordon & Scott 2009, McKellar et al 2020, 
Miyazaki et al 2015, Schwarz et al 2017).  

 
Concluding Remarks 
 

It is becoming increasingly apparent that there are common motifs in the sensory 
coding underlying taste and smell across diverse organisms, as well as consistent 
differences between olfaction and gustation. The overarching organization of the 
peripheral olfactory system is remarkably similar between Drosophila and mammalian 
models, even though the exact molecular mechanism of odorant detection is vastly 
different. In both models, large arrays of sensory neurons are defined by the singular 
receptors they express, which determine their exact projection targets. The result in both 
cases is a topographical map in the brain that is based on receptors, not the actual 
odorants. In contrast, in both vision and hearing, the sensory stimuli can be analyzed 
based on one key characteristic of the stimulus: the wavelength of light and the frequency 
of a sound, respectively. In olfaction, there is no obvious single variable that could serve 
as a foundation to conclusively categorize all odors. In this case, a system based on the 
excited receptors, where the actual odorant identity is represented via the distributed 
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activity patterns in the olfactory bulb or antennal lobe, seems to have emerged as the 
best option. The olfactory system is clearly optimized towards the precise identification of 
many odors, and both Drosophila and mammals dedicate large parts of their brains 
towards that goal. In the fly, it is especially apparent why this effort is of value: olfactory 
processing in this system is intricately linked with learning and memory formation. It is 
exceedingly powerful to use smells to make complex, experience-based decisions 
considering that they can represent long-range indicators of both desirable and 
undesirable environmental conditions. The value of these memories depends to a large 
part on their specificity, so the more odors can be reliably differentiated, the less 
memories linked to them are misleading.  

The case is quite different in gustation, where the ultimate purpose is less geared 
towards the identification of individual chemical components of a food source, but towards 
a quality judgment of the whole. It is therefore economical to pool information into relevant 
modalities that reflect the diverse nutritious needs of an animal. Depending on their 
internal state, animals may require their food to contain more carbohydrates, amino acids 
or salt, while still wanting to avoid potentially toxic or spoiled food, so that these different 
broad categories need to be weighed against each other. Considering these universal 
pressures, it is not very surprising that Drosophila and mammalian models show broadly 
similar taste preferences, even though the details of taste detection with respect to 
individual chemicals may differ. Interestingly, the olfactory system of C. elegans is striking 
in its similarity to gustation, especially considering the large number of receptors per 
single neuron. This may be a consequence of the limited number of cells such a small 
animal can devote to sensory processing. Perhaps C. elegans does not have the luxury 
of precisely identifying an odor and must instead make a quality assessment as quickly 
as possible, which would lend itself to a taste-like processing scheme.  

The striking parallels between taste and smell in mammals and fruit flies further 
highlight the strength of D. melanogaster as a model system for the discovery of 
fundamental principles in neuroscience. The same broad coding rules that underlie 
mammalian chemosensation can be studied in a system that boasts superior genetic 
tools, imaging capabilities and accessibility of sensory organs. Additionally, the numbers 
of receptor genes and sensory cells, especially in the context of olfaction, are several 
orders of magnitude smaller than in rodents and consequently pose a more manageable 
problem. While C. elegans is of course also famous for its prowess as a genetic model 
organism and well mapped nervous system, its chemosensory system is more 
constrained, especially with regards to odor discrimination. It is, however, a perhaps 
better model of signal transmission, considering that insect chemosensory receptors are 
not related to their mammalian equivalents. Drosophila is an overall excellent model to 
examine the circuitry and common logic underlying taste and smell processing, which can 
potentially be extrapolated to a large number of animals. These insights are of interest 
not only in human health, but also in agriculture and pest control, thus impacting many 
areas of economic and social interest.   
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Figures and Figure Legends 
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Figure 1-1. Cemosensory Organs in C. elegans 

(A) Position of chemosensory cilia in C. elegans. One of two amphid organs 
(green), one of six inner labial organs (pink), and one of two phasmid organs (blue) are 
shown. (B) The distal section of an amphid organ. The dendrites of chemosensory 
neurons (light green: gustatory neurons; dark green: olfactory neurons) are wrapped in a 
sheath (grey) and a socket cell (light grey). (C) The distal section of an inner labial organ. 
The dendrites of both chemosensory neurons (pink) are wrapped in a sheath and socket 
cell (like B), but IL-1 terminates within the subcuticle (dark grey), while IL-2 is exposed to 
the external environment. The cuticle is indicated in anthracite (D) The distal section of a 
phasmid organ. The dendrites of both PHA and PHB (blue) are not entirely shielded by 
the sheath and socket cell (like B). (E) Summary table of core chemosensory neurons in 
C. elegans. 

(A-D adapted from Ward et al 1975 and Perkins et al 1986; E adapted from Inglis 
et al 2007 and Vidal et al 2018) 
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Figure 1-2. Olfactory Organs in Mice 

(A) Localization of the main olfactory tissues in the nasal cavity and their projection 
targets in the brain. Sensory neurons of the main olfactory epithelium (B, orange) project 
to the main olfactory bulb (light orange); OSNs of the vomeronasal organ (D, blue) project 
to the accessory olfactory bulb (light blue); olfactory neurons of the septal organ (C, 
green) and the Grüneberg Ganglion (E, pink) project to small regions of the main olfactory 
bulb (light green and light pink, respectively). (B) Cross-section of the main olfactory 
epithelium. Four layers of mature OSNs expressing different ORs are embedded in the 
surrounding epithelium (orange) and extend their dendrites through the mucosa (light 
grey) before forming extensive ciliated terminal structures. (C) Cross-section of the septal 
organ epithelium. The morphology of the sensory neurons and the overall tissue 
architecture are similar to the main olfactory epithelium except for the lower number of 
cell layers. (D) Cross section of the vomeronasal organ epithelium. Two layers of sensory 
neurons are embedded in the epithelium (blue) and extend their dendrites through the 
mucosa (light grey), before forming a dendritic knob decorated with microvilli. (E) Cross 
section of the Grüneberg Ganglion. Compact sensory neurons lacking comprehensive 
dendritic structures reside in a pocket between the skull (dark grey) and a layer of 
keratinated epithelium (light grey) (F) Summary table of the main olfactory organs in mice. 

(A-D adapted from Munger et al 2009; E adapted from Brechbuhl et al 2008 F 
Adapted from Brechbuhl et al 2008, Kawagishi et al 2014, Munger et al 2009, Wilson & 
Raisman) 
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Figure 1-3. Gustatory Organs in Mice 
(A) Localization of gustatory epithelial tissues in the oral cavity and their projection 

targets in the brain. Taste buds on the tongue are housed in circumvallate (B, blue), foliate 
(C, pink) and fungiform papillae (D, green). Taste buds of the soft palate and epiglottis 
occur individually (orange). The neurons innervating the taste buds reside in peripheral 
ganglia (light blue) and project to the nucleus of the solitary tract (light blue within brain). 
(B) Cross section of a circumvallate papilla. Individual taste buds are indicated by white 
ellipses (C) Cross section of a foliate papilla (Taste buds like in B) (D) Cross section of a 
fungiform papilla (Taste buds like in B) (E) Cross section of a taste bud. Taste receptor 
cells are grouped and almost completely couched within the surrounding epithelium 
(grey), but are exposed to the environment via a pore. Gustatory neurons (black) relay 
taste information to the brain. (F) Summary table of gustatory organs in mice. 

(A adapted from Yarmolinsky et al 2009; B and C adapted from Chandrashekar et 
al 2010; E adapted from Mistretta et al 1999; F adapted from Liu & Lee 1982, Mistretta & 
Baum 1984, Mistretta et al 1999) 
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Figure 1-4. Olfactory Organs in D. melanogaster 
(A) Localization of olfactory bristles on the third antennal segment and the 

maxillary palp. ORNs expressing the same receptor (indicated by colors) converge onto 
the same glomerulus (grey circle) in the antennal lobe of the brain, irrespective of the 
body part of their origin. (B-D) Types of olfactory bristles: a basiconic (B), a trichoid (C) 
and a coeloconic bristle (D). Multiple pores allow the entry of volatiles into the lumen, 
where they can interact with the dendrites of ORNs. (E) Summary table of olfactory 
sensilla. 

(A adapted from Komiyama & Luo 2006; B-D adapted from Shanbhag et al 1999b, 
Stocker 1994, Venkatesh & Singh 1984 E adapted from Shanbhag et al 1999a, Stocker 
1994, Benton et al 2009, Vosshall et al 1999, Jones et al 2007) 

 
 
 



 27 

 
 

 



 28 

Figure 1-5. Gustatory Organs in D. melanogaster 
(A) Gustatory Organs of the outer mouthparts of Drosophila. GRNs project from 

the labellar palps at the distal tip of the proboscis along the labial nerve to the SEZ in the 
brain, where they terminate in characteristic patterns depending on the taste modality 
they encode. Bitter GRNs (pink) form a central ring structure, while the other modalities 
arborize more laterally. (B-D) The three main types of gustatory bristles: a large (B), an 
intermediate (C), and a small bristle (D). Tastants enter each bristle through a single pore 
at the tip of the sensillum. (E) Summary table of labellar gustatory sensilla and GRNs. 

(A adapted from Kendroud et al 2018 and Wang et al 2004, B-D adapted from 
Nayak & Singh 1983 and Stocker 1994, E adapted from Jaeger et al 2018, Wang et al 
2004, Weiss et al 2011) 
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Chapter 2: Drosophila gustatory projections are segregated by taste modality and 
connectivity 
 
Parts of this work were completed in collaboration with David Harris and Gabriella 
Sterne 
 
Abstract 

Gustatory sensory neurons detect caloric and harmful compounds in potential 
food and convey this information to the brain to inform feeding decisions. To examine 
the signals that gustatory neurons transmit and receive, we reconstructed gustatory 
axons and their synaptic sites in the adult Drosophila melanogaster brain, utilizing a 
whole-brain electron microscopy volume. We reconstructed 87 gustatory projections 
from the proboscis labellum in the right hemisphere and 57 in the left, representing the 
majority of labellar gustatory axons. Morphology- and connectivity-based clustering 
revealed six distinct clusters representing neurons recognizing different taste modalities. 
Gustatory neurons contain a nearly equal number of interspersed pre-and post-synaptic 
sites, with extensive synaptic connectivity among gustatory axons. The vast majority of 
synaptic connections are between neurons recognizing the same taste modality, 
although connections also exist between neurons of different taste modalities. This 
study resolves the anatomy of labellar gustatory projections, reveals that gustatory 
projections are segregated based on taste modality, and uncovers synaptic connections 
that may alter the transmission of gustatory signals.  
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Introduction 
All animals have specialized sensory neurons dedicated to the detection of the rich 

variety of chemicals in the environment that indicate the presence of food sources, 
predators and conspecifics. Gustatory sensory neurons have evolved to specialize in 
detecting food-associated chemicals and report the presence of caloric or potentially 
harmful compounds. Examining the activation and modulation of gustatory sensory 
neurons is essential as it places fundamental limits on the taste information that is 
funneled to the brain and integrated to form feeding decisions.  

The Drosophila melanogaster gustatory system is an attractive model to examine 
the signals that gustatory neurons transmit and receive. Molecular genetic approaches 
coupled with physiology and behavior have established five different classes of gustatory 
receptor neurons (GRNs) in adult Drosophila that detect different taste modalities. One 
class, expressing members of the Gustatory Receptor (GR) family including Gr5a and 
Gr64f, detects sugars and elicits acceptance behavior (Dahanukar et al 2001, Dahanukar 
et al 2007, Thorne et al 2004, Wang et al 2004). A second class expressing different GRs 
including Gr66a detects bitter compounds and mediates rejection behavior (Thorne et al 
2004, Wang et al 2004). A third class contains an ion channel PPK28 and detects water 
(Cameron et al 2010, Chen et al 2010). The fourth expresses the PPK23 ion channel and 
mediates detection of high salt concentrations, whereas the fifth expresses the Ir94e 
ionotropic receptor and detects low salt concentrations (Jaeger et al 2018). In addition to 
well-characterized gustatory neurons and a peripheral strategy for taste detection akin to 
mammals with its classification of tastants into few distinct modalities, the reduced 
number neurons throughout the Drosophila nervous system offers the opportunity to 
examine gustatory transmission with high resolution.  

The cell bodies of gustatory neurons are housed in chemosensory bristles in 
peripheral tissues including the proboscis labellum, which is an external mouthparts organ 
that detects taste compounds prior to ingestion (Stocker 1994). Gustatory neurons from 
each labellum half send bilaterally symmetric axonal projections to the subesophageal 
zone (SEZ) of the fly brain via the labial nerves. Gustatory axons terminate in the medial 
SEZ in a region called the anterior central sensory center (ACSC) (Hartenstein et al 2018, 
Miyazaki & Ito 2010, Thorne et al 2004, Wang et al 2004).  Axons from bitter gustatory 
neurons send branches to the midline and form an interconnected medial ring whereas 
other gustatory axons remain ipsilateral and anterolateral to bitter projections. Although 
projections of different gustatory classes have been mapped using light level microscopy, 
the synaptic connectivity of gustatory axons in adult Drosophila is largely unexamined. 

 To explore the connectivity of GRNs and to lay the groundwork to study gustatory 
circuits, we used the recently available Full Adult Fly Brain Electron Microscopy dataset 
to fully reconstruct gustatory axons and their synaptic sites (Zheng et al 2018). We 
reconstructed 87 GRN axonal projections in the right hemisphere and 57 in the left, 
representing between 83-96% and 54-63% of the total expected, respectively. We used 
morphology- and connectivity-based clustering to identify six distinct clusters, likely 
representing neurons recognizing different taste modalities. By annotating chemical 
synapses, we observed that GRNs contain a nearly equal number of interspersed pre-
and post-synaptic sites. Interestingly, many synaptic connections are among GRNs, with 
GRN-GRN connections yielding four distinct groups of connected neurons. Three of these 
groups segregate neurons based on taste modality, whereas one group contains neurons 
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representing two modalities. We used calcium imaging approaches to test the function of 
GRN-GRN connectivity, both of neurons of the same taste modality as well as 
connectivity between taste modalities. Additionally, we characterized the taste response 
profile of a second order neuron downstream of likely sugar projections in the EM and 
found it to respond selectively to sucrose. Our study reveals extensive anatomical 
connectivity between gustatory sensory neurons, arguing for pre-synaptic processing of 
taste information prior to transmission to downstream circuits.  

 
Results 
GRN axons contain pre-synaptic and post-synaptic sites  

To systematically characterize gustatory inputs and outputs, we manually traced 
gustatory axons in the Full Adult Fly Brain (FAFB) Electron Microscopy dataset, using the 
annotation platform CATMAID (Saalfeld et al 2009, Zheng et al 2018). GRNs from the 
proboscis labellum send axons through the labial nerve to the SEZ (Figure 2-1 A). The 
labial nerve is a compound nerve, carrying sensory axons from the labellum, maxillary 
palp, and eye, as well as motor axons innervating proboscis musculature (Hampel et al 
2020, Hartenstein et al 2018, Miyazaki & Ito 2010, Nayak & Singh 1983, Rajashekhar & 
Singh 1994). Different sensory afferents occupy different domains in the SEZ, with 
labellar gustatory axons terminating in the anterior central sensory center (ACSC) 
(Hartenstein et al 2018, Miyazaki & Ito 2010, Thorne et al 2004, Wang et al 2004). 
Therefore, to trace gustatory axons, we began by tracing neurites in the right labial nerve, 
readily identifiable in the EM dataset (Figure 2-1 B, C), and selected fibers that terminated 
in the anterior central SEZ to trace to completion.  

In tracing axons, we found that neurites with small to medium sized diameters in 
the dorsomedial labial nerve (Figure 2-1 C) projected along a single neural tract (Figure 
2-1 D) to the anterior central region of the SEZ. This neural tract served as an additional 
site to select arbors for reconstruction. Individual fibers followed along the same tract and 
showed variation in terminal branching (Figure 2-1 E). In total, we identified 87 axonal 
projections in the right hemisphere. Tracing from the left labial nerve and neural tract in 
the left hemisphere, we identified an additional 57 projections. There are 90-104 GRNs 
per labellum half (Jaeger et al 2018, Stocker 1994), arguing that we have identified 83-
96% of the GRN fibers from the right labellum and 54-63% from the left. The projections 
from the left and right labial nerves are symmetric and converge in a dense web in the 
anterior central SEZ (Figure 2-1 F). This arborization pattern recapitulates the labellar 
sensory projections of the ACSC (Hartenstein et al 2018).  

In addition to the skeleton reconstructions, we manually annotated pre- and 
postsynaptic sites. The presence of t-shaped structures characteristic of presynaptic 
release sites (‘T bars’), synaptic vesicles, and a synaptic cleft were used to identify a 
synapse, consistent with previous studies (Zheng et al 2018). We found that synapses 
are sparse along the main neuronal tract and abundant at the terminal arborizations 
(Figure 2-1 E). Interestingly, each GRN has a large number of pre- and post-synaptic 
sites intermixed along the arbors (Figure 2-1 E, G-I). On average, a GRN contains 175 
presynaptic sites and 168 postsynaptic sites, with individual GRNs showing wide variation 
in pre- and post- synapse number (Supplemental Figure 2-1.1). Our EM reconstructions 
reveal that GRNs represent a morphologically diverse population that not only relays taste 
information to the brain but also receives extensive synaptic inputs.  
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Different GRN classes can be identified by morphology and connectivity  

Drosophila GRNs comprise genetically defined, discrete populations that are 
specialized for the detection of specific taste modalities (Wang et al 2004, Cameron et al 
2010, Jaeger et al 2018). As the EM dataset does not contain markers to distinguish 
between GRNs recognizing different taste modalities, we set out to identify 
subpopulations of reconstructed GRNs based on their anatomy and connectivity.  

We used the NBLAST algorithm to perform automated clustering of GRN axons to 
define different subpopulations (Costa et al 2016). Each traced skeleton on the right was 
registered to a standard template brain (Jennet et al 2012). We confined the analysis to 
GRNs in the right hemisphere because tracing is near completion and because the left 
and right hemispheres in the SEZ standard brain do not align. The 87 GRNs were 
compared pairwise in an all-by-all matrix. For each pair, an NBLAST neuronal similarity 
score was computed based on the position and geometry of the query and target GRN. 
Additionally, connectivity data comprised of all synapses between each pair of neurons 
was included in our analysis (Supplemental Figure 2-2.1). We then used Ward’s method 
to hierarchically cluster GRNs into groups (Costa et al 2016). We chose six groups as the 
number that minimizes within-cluster variance (Figure 2-2 A) (Braun et al 2010). 

The six GRN groups are morphologically distinct, occupying discrete zones in the 
SEZ and sharing anatomically similar terminal branches. To evaluate whether the 
different groups represent GRNs detecting different taste modalities, we examined the 
number of GRNs in each group and their anatomy. Based on previous studies (Jaeger et 
al 2018), there are 20 bitter-sensing GRNs, 9 low salt GRNs, 15 high salt GRNs, 31 sugar 
GRNs, and 15 water GRNs per labellum half. In addition, bitter GRN axons cross the 
midline whereas other GRN axons do not. Group 1 and 2 cluster together, cross the 
midline and comprise 18 GRNs, suggesting that they represent bitter GRNs (Figure 2-2 
B, C) (Wang et al 2004, Thorne et al 2004). Group 3 contains 12 GRNs, with projections 
that resemble low salt GRNs (Figure 2-2 D) (Jaeger et al 2018). Group 4 contains 17 
GRNs that we hypothesize are water GRNs based on anatomy (Figure 2-2 E) (Cameron 
et al 2010, Chen et al 2010). Group 5 has 18 GRNs and most resembles the projection 
patterns of high salt-sensing neurons (Figure 2-2 F) (Jaeger et al 2018). Group 6 contains 
21 GRNs and may correspond to sugar GRNs (Figure 2-2 G) (Wang et al 2004, Thorne 
et al 2004). We emphasize that the assignment of different groups to different taste 
modalities remains tentative until additional experimentation.   
 
GRNs are highly interconnected via chemical synapses 

During our reconstruction of GRNs in the EM dataset, we noticed that GRNs are 
both pre- and post-synaptic to other GRNs. To gain insight into GRN-GRN 
communication, we focused on connections comprised of five or more synapses, 
consistent with previous studies (Buhmann et al 2021, Li et al 2020a, Takemura et al 
2013, Takemura et al 2015). We determined that each GRN receives between 0% and 
52% (average = 25%) of its synaptic input from other GRNs (Figure 2-3 A). The number 
of synapses between GRNs suggests that communication between sensory neurons may 
directly regulate sensory output.  

To examine whether connections exist exclusively between neurons of the same 
anatomy- and connectivity- based cluster, potentially representing the same taste 
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modality, or between multiple clusters, we plotted the connections between all GRNs in 
a matrix (Figure 2-3 B). We found that GRNs are connected in four distinct groups, with 
extensive synapses between individual GRNs. One group of interconnected neurons 
contains all neurons of clusters 1 and 2, likely representing bitter GRNs. A second group 
contains neurons of cluster 3, likely representing low-salt GRNs. A third connectivity 
group is comprised of cluster 5, likely representing high-salt GRNs. The fourth 
connectivity group contains mostly neurons of clusters 4 and 6, which we postulate are 
water and sugar GRNs. At 41 neurons, this anatomically mixed connectivity group is too 
large to correspond to neurons of a single taste modality. Thus, while three groups of 
synaptically connected clusters correspond to anatomical classes, one group contains 
neurons of multiple anatomical classes, suggesting pre-synaptic communication both 
within neurons representing a single taste modality and between neurons of different 
modalities.  

Comparing the synaptic connectivity within and between anatomy- and 
connectivity-based clusters reveals that the vast majority of synapses are between 
neurons of the same cluster (Figure 2-3 C). For example, cluster 4 neurons receive 1212 
synapses from other cluster 4 neurons and 85 from other neurons. The large number of 
synapses between neurons belonging to the same anatomical class suggests that 
communication between GRNs of the same taste modality is predominant. However, 
there are also a small number of synapses between GRNs detecting different modalities. 

Overall, we found large numbers of chemical synapses between GRNs. 
Connectivity between GRNs of the same anatomical cluster could provide a mechanism 
to amplify signals of the same taste modality. In addition, the connectivity between GRNs 
of different anatomical clusters could serve to integrate taste information from different 
modalities before transmission to downstream circuitry. 
 
Interactions between sugar and water GRNs are not observed by calcium or 
voltage imaging 

To examine whether the small number of connections between GRNs of different 
taste modalities results in cross-activation of GRNs detecting different primary tastant 
classes, we explored if activation of one GRN class results in propagation of activity to 
other GRN classes. As the connectivity data suggests that sugar and water GRNs are 
weakly connected, we wondered if appetitive GRNs might be interconnected to amplify 
appetitive signals to downstream feeding circuits. To test for interactions between 
appetitive GRNs, we undertook calcium and voltage imaging studies in which we 
monitored the response of a GRN class upon activation of other GRN classes.  

We expressed the calcium indicator GCaMP6s in genetically defined sugar, water, 
bitter or high salt sensitive GRNs to monitor excitatory responses upon artificial activation 
of different GRN classes. To ensure robust and specific activation of GRNs, we expressed 
the mammalian ATP receptor P2X2 in sugar, water, bitter or high salt GRNs, and 
activated the GRNs with an ATP solution presented to the fly proboscis while imaging 
gustatory projections in the brain (Yao et al 2012, Harris et al 2015). Expressing both 
P2X2 and GCaMP6s in sugar, water or bitter GRNs elicited strong excitation upon ATP 
presentation irrespective of the feeding state of the fly. The response to ATP in flies 
expressing P2X2 and GCaMP6s in high salt GRNs was less pronounced, indicating 
potential technical problems (Figure 2-4 A, B, G, H; Supplemental Figures 2-4.1-10 C, 
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D). As bitter cells are synaptically connected to each other but not to sugar or water cells, 
we hypothesized that they would not be activated by sugar or water GRN activation. 
Consistent with the EM connectivity, activation of sugar or water GRNs did not activate 
bitter cells, nor did bitter cell activation elicit responses in sugar or water axons 
(Supplemental Figure 2-4.1 E, F, I, J; Supplemental Figure 2-4.2 E, F; Supplemental 
Figure 2-4.3 G, H). Previous studies indicate overlapping cell populations between bitter 
and high salt GRNs (Jaeger et al 2018). Consistent with these findings, we observed a 
response in bitter GRNs to high salt GRN activation (Supplemental Figure 2-4.1 G, H). 
It is not possible to discern whether this interaction is reciprocal as high salt neurons 
showed slight responses to the ATP tastant solution, possibly reacting to the presence of 
the sodium counter ions (Supplemental Figure 2-4.4 A, B). In contrast, the EM 
connectivity indicates interactions between sugar and water GRNs. However, we did not 
observe responses in sugar GRNs upon water GRN activation (Figure 2-4 C, D; 
Supplemental Figure 2-4.2 K, L) or responses in water GRNs upon sugar GRN 
activation (Figure 2-4 I, J; Supplemental Figure 2-4.3 E, F). To examine whether 
interactions between sugar and water GRNs specifically or low level connections between 
modalities generally are modulated by the feeding state of the fly, we performed the 
activation and imaging experiments in fed and starved flies (Supplemental Figure 2-4.1-
8). These experiments did not reveal feeding state dependent interactions between GRN 
populations. We further attempted to recreate the internal state of a thirsty fly by 
increasing the osmolality of the artificial hemolymph used during dissection and imaging, 
creating a pseudo-desiccated state. This allowed us to side-step the poor health of flies 
undergoing desiccation. We examined potential interactions between sugar and water 
GRNs and other taste modalities in pseudo-desiccated flies and did not find cross-
activation (Supplemental Figure 2-4.9-10). 

We hypothesized that interactions between sugar and water GRNs might be 
inhibitory, providing a mechanism to weight different appetitive taste inputs. To examine 
this, we expressed the voltage indicator ArcLight, which preferentially reports 
hyperpolarization, in sugar GRNs while activating water GRNs via P2X2 and vice versa. 
These experiments revealed no change in voltage in one appetitive gustatory class upon 
activation of the other (Figure 2-4 E, F, K, L: Supplemental Figure 2-4.11). Overall, our 
imaging studies show that, despite the potential for crosstalk between different modalities 
revealed by EM, communication between appetitive GRNs was not observed by calcium 
or voltage imaging of gustatory axons.  

 
Activation of a few bitter GRNs elicits activity in additional bitter GRNs 

As neurons of the same taste category are strongly interconnected, we 
hypothesized that activation of a subset of GRNs of one taste modality might result in the 
activation of additional GRNs of the same modality. Because bitter GRNs are readily 
distinguished based on anatomy and connectivity, we examined whether activating a 
bitter GRN subset would excite other bitter GRNs. Members of the GR gene family are 
expressed in distinct subsets of bitter GRNs. Gr47a is expressed in 3-4 GRNs per 
labellum half whereas Gr66a is expressed in all 19 bitter GRNs (Weiss et al 2011). We 
therefore expressed P2X2 in Gr47a neurons for activation of a sparse bitter GRN subset 
and GCaMP6s in Gr66a neurons for simultaneous monitoring of responses in all bitter 
GRNs. As the projection patterns of Gr47a and Gr66a overlap, we co-expressed the red 
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marker tdTomato in Gr47a neurons to evaluate the response in Gr47a cells and in non-
overlapping bitter projections (Figure 2-5 A, C). We generated masks to distinguish 
activity overlapping with the tdTomato signal and activity in the rest of the bitter projection 
(Figure 2-5 B, D). When examining the GCaMP6s signal that overlaps with tdTomato as 
well as parts of the bitter projection not overlapping with tdTomato and the entire taste 
projection as a whole, we observed no response to the negative control tastant PEG and 
a robust response to the positive control tastant mixture of bitters across the board 
(Figure 2-5 E, F I, J; Supplemental Figure 2-5.1 A, B, E, F). Additionally, we saw a 
strong response in Gr47a projections upon P2X2 activation with ATP, as expected 
(Figure 2-5 G, H; Supplemental Figure 2-5.1 C, D). However, we also observed activity 
in additional Gr66a fibers outside of the Gr47a projection pattern upon activation of Gr47a 
axons, with activity patterns in both subpopulations comparable to the activity of the entire 
taste projection (Figure 2-5 G, H; Supplemental Figure 2-5.1 C, D). While this suggests 
that activation of a subset of bitter neurons excites additional bitter projections, additional 
study is required to ensure that the GCaMP6s signal observed beyond Gr47a axons is 
not due to light scatter of the GCaMP6s signal in Gr47a axons. Nevertheless, this 
preliminary data suggests that the connectivity between bitter GRNs serves to amplify 
bitter sensory responses. 
 
A second-order taste neuron responds selectively to sucrose and causes 
proboscis extension 
 To further test the potential interaction between sugar and water sensory neurons 
and to validate the identification of GRN subtypes in the EM dataset, we sought to trace 
a second-order gustatory neuron downstream of sugar GRNs and test if it responds to 
both sugar and water taste detection. By tracing from a putative sugar-sensing GRN 
(Skeleton ID 7349219), we identified a second-order neuron predominantly connected to 
cluster 6 GRNs with comparatively few inputs from clusters 4 and 5 (Figure 2-6 A, E, F). 
We identified a Gal4 line containing this second order neuron (Figure 2-6 C, 
Supplemental Figure 2-6.1), which we named Famine (FMIn). FMIn extensively 
overlaps with sugar sensing GRNs in the EM dataset (Figure 2-6 B), forming 349 
synapses (Figure 2-6 E, F). This anatomical overlap is also observable by colabeling 
studies of sugar GRNs and FMIn single-cell mosaics (Figure 2-6 D)(Gordon & Scott 
2009).  

We tested the function of FMIn using calcium imaging and behavioral approaches. 
Monitoring the response of FMIn to taste compounds delivered to the fly proboscis 
revealed that FMIn responded selectively to sucrose but not to water or bitter compounds 
in food-deprived flies, demonstrating that FMIN is a second-order sugar-sensing 
gustatory neuron (Figure 2-6 G, H). The calcium imaging studies also argue that 
excitatory interactions between sugar and water GRNs are not readily apparent in 
second-order neuron activity. To test the behavioral function of FMIn, we activated it using 
specific expression of a red shifted light-gated cation channel, ReaChR, and found that 
this elicited proboscis extension, a behavior produced by activation of appetitive GRNs 
(Figure 2-6 I). We used mosaic approaches to restrict expression of ReaChR and further 
found that the strength of the response was dependent on whether ReaChR was 
expressed in only one or both FMINs. These studies demonstrate the sugar selectivity of 
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a second-order gustatory neuron and validate the EM classification of sugar-sensing 
GRNs. 
 
Discussion  
 In this study, we characterized different classes of gustatory projections and their 
interconnectivity by high-resolution EM reconstruction. We identified different projection 
patterns corresponding to gustatory neurons recognizing different taste modalities. The 
extensive connections between GRNs of the same taste modality as well as the possible 
interactions between GRNs of two modalities provide anatomical evidence of pre-synaptic 
processing of gustatory information. 

An emerging theme stemming from EM reconstructions of Drosophila sensory 
systems is that sensory neurons of the same subclass are synaptically connected. In 
general, different sensory neuron subclasses have spatially segregated axonal termini in 
the brain, thereby constraining the potential for connectivity. In the adult olfactory system, 
approximately 40% of the input onto olfactory receptor neurons (ORNs) comes from other 
ORNs projecting to the same olfactory glomerulus (Horne et al 2018, Schlegel et al 2021, 
Tobin et al 2017). Similarly, mechanosensory projections from the Johnston’s Organ of 
the same submodality are anatomically segregated and synaptically connected (Hampel 
et al 2020). In Drosophila larvae, 25% of gustatory neuron inputs are from other GRNs, 
although functional classes were not resolved (Miroschnikow et al 2018). In the adult 
Drosophila gustatory system, we also find that GRNs are interconnected, with 
approximately 25% of GRN input coming from other GRNs. Consistent with other classes 
of sensory projections, we find that gustatory projections are segregated based on taste 
modality and form connected groups. A general function of sensory-sensory connections 
seen across sensory modalities may be to enhance weak signals or to increase dynamic 
range.  

By clustering neurons based on anatomy and connectivity, we were able to resolve 
different GRN categories. The distinct morphologies of bitter neurons and low salt-
sensing neurons, known from immunohistochemistry, are recapitulated in the projection 
patterns of clusters 1 and 2 and 3, enabling high-confidence identification. The projections 
of high salt, sugar and water-sensing neurons are ipsilateral, with similarities in their 
terminal arborizations (Jaeger et al 2018, Wang et al 2004). Nevertheless, comparisons 
between EM and light-level projections argue that these taste categories are also 
resolved into different, identifiable clusters. However, as these categories are based on 
anatomical comparisons alone, they remain tentative until further examination of taste 
response profiles of connected second-order neurons, now identifiable by EM. 

Whereas clustering identified six different clusters, examining GRN-GRN 
connectivity revealed four synaptically connected groups. Three groups connect neurons 
of the same taste modality, whereas the fourth group likely contains both water and sugar 
neurons. While it is tempting to speculate that interactions between appetitive tastes may 
amplify or filter activation of feeding circuits, we were unable to identify cross-activation 
between sugar and water GRNs by calcium or voltage imaging. We also found no 
evidence for cross-activation of sugar and water sensory neurons when monitoring 
activity of a second-order gustatory neuron. It is possible that these interactions are 
dependent on the feeding state of the animal or act on a timeframe not examined in this 
study. Alternatively, activation may be highly localized to the synaptic terminal and not 
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resolved in these studies. Finally, the number of synapses is approximately 15-fold fewer 
between anatomical classes than within classes, suggesting that the small number of 
synapses may not be relevant for taste processing. 

Overall, this study resolves the majority of labellar gustatory projections and their 
synaptic connections, revealing that gustatory projections are segregated based on taste 
modality and synaptically connected. The identification of GRNs detecting different taste 
modalities now provides an inroad to enable the examination of the downstream circuits 
that integrate taste information and guide feeding decisions. 
 
Materials and Methods 
Experimental Animals 

Experimental animals were maintained on standard agar/molasses/cornmeal 
medium at 25°C. For imaging experiments requiring food-deprived animals, flies were 
placed in vials containing wet kimwipes for 23-26 hours immediately prior to the 
experiment. For behavior experiments, flies were placed on food supplemented with 
400µM all trans retinal for 24 hours prior to the experiment.  

Transgenic animals used were: Gr64f-LexA (Miyamoto et al 2012); Gr64f-Gal4 
(Dahanukar et al 2007); Gr66a-LexA; ppk28-LexA; UAS-CD::tdTomato; LexAop-Gal80 
(Thistle et al 2012); Gr66a-Gal4 (Scott et al 2001); ppk28-Gal4 (Cameron et al 2010); 
LexAop-GCaMP6s, UAS-GCaMP6s (Chen et al 2013); UAS-ArcLight (Cao et al 2013); 
UAS-P2X2 (Lima & Miesenbock 2005); GmR81E10-Gal4 (Jennet et al 2012); Flippase 
1026a (Huang et al 2014); Gr47a1-Gal4 (Kwon et al 2011); 
UAS>mcherry::stop>ReaChR::Citrine (Inagaki et al 2013); UAS-CD8::GFP (Lee & Luo, 
1999); Gr5a-LexA, tub>Gal80> (Gordon & Scott 2009); LexAop-myr::tdTomato (Nern et 
al 2011). 
EM reconstruction 

Neuron skeletons were reconstructed in a serial sectioned transmission electron 
microscopy dataset of the whole fly brain (Zheng et al 2018) using the annotation software 
CATMAID (Saalfeld et al 2009). GRN projections were identified based on their extension 
into the labial nerve and localization to characteristic neural tracts in the SEZ. To identify 
second order neurons, random presynapses of skeleton 7349219 were chosen using the 
reconstruction sampler function of CATMAID and downstream partners were 
reconstructed. Skeletons were traced to completion either entirely manually or using a 
combination of an automated segmentation (Li et al 2020b) and manual tracing. Chemical 
synapses were annotated manually using criteria previously described (Zheng et al 2018). 
Skeletons were reviewed by a second specialist, so that the final reconstruction presents 
the consensus assessment of at least two specialists. Skeletons were exported from 
CATMAID using the natverse package (Bates et al 2020). FAFB neuronal reconstructions 
will be available from Virtual Fly Brain (https://fafb.catmaid.virtualflybrain.org/). 
Clustering of GRNs 

GRNs were hierarchically clustered based on morphology and connectivity using 
NBLAST and synapse counts. First, GRN skeletons traced in FAFB were registered to 
the JRC2010 template (Jennet et al. 2012) and compared in an all-by-all fashion with 
NBLAST (Costa et al. 2016). NBLAST analysis was carried out with the natverse toolkit 
in R (Bates et al. 2020; R Development Core Team, https://www.r-project.org/). The 
resulting matrix of NBLAST scores was merged with a second matrix containing all-by-all 
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synaptic connectivity counts for the same GRNs. The resulting merged matrix was 
absolute maximum scaled such that all values fall within the range of 0 and 1. The 
merged, scaled matrix was hierarchically clustered using Ward’s method (Ward 1963) in 
Python (Python Software Foundation, https://www.python.org/) with SciPy (Virtanen et al 
2020). Five groups were chosen based on prior knowledge of taste modalities, as GRNs 
for sugar, water, bitter, high salt, and low salt are known to be functionally, 
morphologically, and genetically distinct. One neuron was accidently not processed in this 
analysis. Its cluster identity was manually assigned based on its morphology and 
connectivity. 
Connectivity of GRNs 

Connectivity data of GRNs was exported from CATMAID and further analyzed 
using custom scripts in Python. Connectivity diagrams were generated using CytoScape 
(Shannon et al 2003). 
Calcium and Voltage Imaging Preparation 

For imaging studies of GRNs, mated females, 10 to 21 days post eclosion, were 
dissected as previously described (Harris et al 2015), so that the brain was submerged in 
artificial hemolymph (AHL) while the proboscis was kept dry and accessible for taste 
stimulation. To avoid occlusion of taste projections in the SEZ, the esophagus was cut. 
The front legs were removed for tastant delivery to the proboscis. AHL osmolality was 
assessed as previously described (Jourjine et al 2016) and adjusted according to the 
feeding status of the animal. In fed flies, AHL of ~250mOsmo was used (Wang et al 2003). 
The AHL used for starved flies was diluted until the osmolality was ~180mOsmo, 
consistent with measurements of the hemolymph osmolality in food deprived flies 
(Jourjine et al 2016). The AHL osmolality for experiments in pseudo-desiccated flies was 
adjusted to ~350 mOsmo by adding galactose, which is consistent with the hemolymph 
osmolality reported for thirst flies (Jourjine et al 2016). Due to low viability even after 
relatively short descation periods (~2 hours), flies were not desiccated but imaged after a 
15 minute incubation in high osmolality AHL. 

For imaging studies of FMIN, mated females, 3 to 10 days post eclosion, were 
deprived of food for 18 to 24 hours prior to imaging in an empty vial with a moist kimwipe. 
Flies were dissected as described above in ~250mOsmo AHL. 
Calcium Imaging 

Calcium transients reported by GCaMP6s were imaged on a 3i spinning disc 
confocal microscope with a piezo drive and a 20x water immersion objective (NA=1). For 
our studies of GRNs, stacks of 14 z sections, spaced 1.5 microns apart, were captured 
with a 488nm laser for 45 consecutive timepoints with an imaging speed of ~0.3 Hz and 
an optical zoom of 2.0. For better signal detection, signals were binned 8x8, except for 
Gr64f projections, which underwent 4x4 binning. For our studies of FMIn, stacks of 16 to 
20 z sections spaced ~1.3 microns apart were captured with an 488nm laser for 20 
consecutive timepoints with an imaging speed of ~0.5 Hz and an optical zoom of 1.6. 

For our studies of Gr47a activation, we captured an z stack of the tdTomato 
expression pattern using a 568nm laser prior to and following calcium imaging 
experiments.  
Voltage Imaging 

Voltage responses reported by ArcLight were imaged similarly to the calcium 
imaging outlined above. To increase the imaging speed, the number of z planes was 
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reduced to 10, and the exposure time was decreased from 100ms to 75ms, resulting in 
an imaging speed of ~0.7Hz. To maintain a time course comparable to that of the calcium 
imaging experiments, the number of timepoints was increased to 90. Signals were binned 
8x8 in each experiment.   
Taste stimulations 

Taste stimuli were delivered to the proboscis via a glass capillary as previously 
described (Harris et al 2015). For GRN studies, each fly was subjected to three 
consecutive imaging sessions, each consisting of a taste stimulation at time point 15, 25 
and 35 (corresponding to 30, 50.5, 71.5 sec). During the first imaging session, the fly was 
presented with a 20% polyethylene glycol (PEG, average molecular weight 3350 g/mol) 
solution, acting as a negative control. PEG was used in all solutions except water 
solutions, as this PEG concentration inhibits activation of water GRNs (Cameron et al 
2010). This was followed in the second session with stimulations with 100mM ATP in 
20%PEG. In the last imaging session, each fly was presented with a tastant acting as a 
positive control in 20% PEG (Gr64f: 1M sucrose; Gr66a: 100mM caffeine, 10mM 
denatonium benzoate; ppk28: H2O; ppk23: 1M KCl in 20% PEG).  

For FMIn studies, flies were imaged for two imaging sessions during which the 
tastant was delivered to the proboscis at time point 9. For one of these sessions, 1M 
Sucrose was the tastant and for the other either H2O or 100mM caffeine and 10mM 
denatonium benzoate in 20% PEG, so that each fly was exposed to two different tastant 
solutions. 
Imaging Analysis  

Image analysis was performed in FIJI (Schindelin et al 2012). Z stacks for each 
time point were converted into max z projections for further analysis. After combining 
these images into an image stack, they were aligned using the StackReg plugin in FIJI to 
correct for movement in the xy plane (Thevenaz et al 1998). 

For our exploration of interactions between GRN subtypes, one ROI was selected 
encompassing the central arborization of the taste projection in the left or right 
hemisphere of the SEZ in each fly. Whether the projection in the left or right hemisphere 
was chosen depended on the strength of their visually gauged response to the positive 
control. The exception were Gr66a projections, in which the entire central projection 
served as ROI. If projections did not respond strongly to at least two of the three 
presentations of the positive control, the fly was excluded from further analysis. If 
projections responded to two or more presentations of the negative control, the fly was 
excluded from further analysis. A large ROI containing no GCaMP signal was chosen in 
the lateral SEZ to determine background fluorescence.  

In calcium imaging experiments, the first five time points of each imaging session 
were discarded, leaving 40 time points for analysis with taste stimulations at time points 
10, 20 and 30. The average fluorescence intensity of the background ROI was subtracted 
at each time point from that of the taste projection ROI. F0 was then defined as the 
average fluorescence intensity of the taste projection ROI post background subtraction of 
the first five time points. DF/F (%) was calculated as 100%* (F(t)-F0)/F0. Voltage imaging 
experiments were analyzed similarly, with ten initial time points discarded for a total of 80 
time point in the analysis and tastant presentations at time points 20, 40 and 60. 

To study whether a subset of bitter neurons can activate the rest of the bitter 
projections, we generated a max z projection of the expression pattern of Gr47a in FIJI. 
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This image was aligned to each movement-corrected image stack captured from the 
same fly (described above) using the Template Matching Plugin of FIJI (Tseng et al 2011). 
For the best result, we chose a rectangular ROI encompassing the entire bilateral central 
arborization of bitter GRNs as the alignment landmark. The aligned image of the Gr47a 
expression was converted into a Boolean mask using the Gaussian adaptive thresholding 
algorithm of the open cv package in python (Bradski 2000). This mask was used to split 
each image stack into two complementary image stacks, one containing only pixels within 
the masked area, one only containing those outside of it. These images were analyzed 
as described above, with blank pixels resulting from the masking process excluded from 
the calculation of average fluorescence intensity. 

To study the taste responses in FMIn, an ROI encompassing the cell body of FMIn 
was selected. As the cell bodies of FMIn are commonly located extremely peripherally in 
the neuropil at or in the labial nerve, we chose to forgo background subtraction. We 
excluded the first three time points from further analysis, leaving 17 time points for 
analysis with tastant presentation at time point 6. F0 was calculated as the average of the 
first five remaining time points. dF/F(%) was calculated as 100%* (F(t)-F0)/F0. Graphs of 
traces were generated in GraphPad Prism. 
Quantification of Calcium and Voltage Imaging  

Graphs were generated in GraphPad Prism. To calculate the max DF/F (%) of 
GCaMP responses, the DF/F(%) of the three time points centered on the peak DF/F (%) 
after the first stimulus response were averaged. The average DF/F (%) of the three time 
points immediately preceding the stimulus onset were then subtracted to account for 
changing baselines during imaging. Arclight data was similarly analyzed, except that five 
timepoints centered on the peak DF/F (%) and five time points prior to stimulus onset were 
considered. Statistical tests were performed in Prism as indicated in figures. 
Immunohistochemistry 

To visualize the expression pattern of Gmr81E10-Gal4 and the overlap of FMIN 
and Gr5a, mated female flies, 10 to 14 days post eclosion, were dissected in PBS. 
Fixation in 4% paraformaldehyde and antibody staining was performed as previously 
described (Wang et al 2004). The primary antibodies used were mouse anti Brp (1:500), 
chicken anti GFP (Co-label only; 1:1000), rabbit anti GFP (Gal4 expression pattern only; 
1:1000) and rabbit anti dsRed (Co-label only; 1:1000). The secondary antibodies used 
were goat anti rabbit AlexaFluor 488 (Gal4 Expression pattern only; 1:100), goat anti 
chicken AlexaFluor 488 (Co-label only; 1:1000), goat anti rabbit AlexaFluor 568 (Co-label 
only; 1:1000), and goat anti mouse AlexaFluor 647 (1:100). All images were acquired on 
a Zeiss upright confocal microscope, and their brightness and contrast were manually 
adjusted in FIJI. 
PER Behavior 

Mated female flies, 3 to 10 days post eclosion, were briefly anesthetized with CO2 
and glued to a microscope slide with a small drop of nail polish. They were allowed to 
recover for ~2 hours in a dark empty pipette tip box with a moist kimwipe to prevent 
desiccation. Their light response was examined under a dissection microscope by 
observing their behavior for several seconds in ambient light before turning on the 
microscope’s light source aimed directly at the fly. Only if the fly fully extended its 
proboscis was it classified as a ‘responder’. Flies extending their proboscis in ambient 
light were excluded from the analysis. Behavior was recorded using a small digital 
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camera. Following the behavior experiments, flies were individually removed from the 
microscope slide and their brains dissected in PBS. For each fly, the expression pattern 
of UAS-ReaChR::Citrine was analyzed using a fluorescence microscope. Flies in which 
ReaChR was expressed in cells other than FMIn were excluded from analysis.  
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Figure 2-1. EM-based reconstructions of GRNs and synaptic sites.  
(A) Schematic showing GRNs in the proboscis labellum and their projections in 

the SEZ. (B) Location of the labial nerve (LN) and neural tract (NT) containing GRNs of 
the right hemisphere in the FAFB dataset (Z slice 3320, scale bar = 100 µM). (C) Cross-
section of the labial nerve with traced GRNs indicated by asterisks (Z slice 3320, scale 
bar = 5 µM). (D) Neural tract with traced GRNs indicated by asterisks (Z slice 2770, 
scale bar = 5 µM). (E) Examples of reconstructed GRNs with presynaptic (red) and 
postsynaptic (blue) sites. (F-I) Frontal and sagittal view of all reconstructed GRN axons 
(F), all presynaptic (red) and postsynaptic (blue) sites (G), presynaptic sites alone (H), 
and postsynaptic sites alone (I). 
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Supplemental Figure 2-1.1. GRNs contain similar numbers of pre- and 
postsynaptic sites.  

Plot of pre- and post-synaptic sites for individual GRNs, denoted by grey circles. 
Diagonal line indicates one-to-one relationship of pre- and post-synaptic sites. 
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Figure 2-2. Morphology- and connectivity-based clustering generates groups of 
GRNs.  

(A) Tree denoting relative similarity of GRNs based on morphology and 
connectivity. (B) Frontal and sagittal view of cluster 1 GRNs. (C) Frontal and sagittal 
view of cluster 2 GRNs. (D) Frontal and sagittal view of cluster 3 GRNs. (E) Frontal and 
sagittal view of cluster 4 GRNs. (F) Frontal and sagittal view of cluster 5 GRNs. (G) 
Frontal and sagittal view of cluster 6 GRNs. 
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Supplemental Figure 2-2.1. Synaptic connections between GRNs.  

Connectivity matrix of all GRNs of the right hemisphere. Presynaptic GRNs are 
arranged along the y axis, postsynaptic GRNs along the x axis. GRNs are ordered 
according to the combined morphological and connectivity clustering tree shown in 
Figure 2-2 A. Cluster identities of GRNs are indicated by colored bars. Color coding 
within the matrix indicates the number of synapses from the pre- to the post-synaptic 
neuron as indicated in the legend. All synapses are included in this analysis. 
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Figure 2-3. GRNs are highly interconnected via chemical synapses.  
(A) Percentage of GRN inputs to each GRN. Colors correspond to clusters 

established in Figure 2-2. (B) Connectivity between individual GRNs. Colors correspond 
to clusters established in Figure 2. Arrow thickness scales with the number of synapses 
comprising the connection. Only connections of at least 5 synapses are shown. (C) 
Connectivity between GRN clusters. Colors correspond to clusters established in Figure 
2. Arrow thickness scales with the number of synapses comprising the connection, 
which is indicated in red. 
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Figure 2-4. Sugar and water GRNs do not activate each other. 

(A, B) Calcium responses of sugar GRNs expressing P2X2 and GCaMP6s to 
proboscis presentation of PEG as a negative control, ATP to activate P2X2, or sucrose 
as a positive control. GCaMP6s fluorescence traces (DF/F) (A) and maximum DF/F post 
stimulus presentation (B), n = 5. Sugar GRNs responded to ATP, but the response to 
subsequent sucrose presentation was attenuated. (C, D) GCaMP6s responses of sugar 
GRNs in flies expressing P2X2 in water GRNs to PEG, ATP, and sucrose delivery, DF/F 
traces (C) and maximum DF/F graph (D), n = 11. (E, F) ArcLight responses of sugar 
GRNs in flies expressing P2X2 in water GRNs, DF/F traces (E) and maximum DF/F 
graph (F), n = 6. (G, H) Calcium responses of water GRNs expressing P2X2 and 
GCaMP6s to proboscis delivery of PEG (negative control), ATP, and water (positive 
control), DF/F traces (G) and maximum DF/F graph (H), n = 5. Water GRNs responded 
to ATP presentation, but the subsequent response to water was diminished. (I, J) 
GCaMP6s responses of water GRNs in flies expressing P2X2 in sugar GRNs to PEG, 
ATP, and water, DF/F traces (I) and maximum DF/F graph (J), n = 6. (K, L) ArcLight 
responses of water GRNs in flies expressing P2X2 in sugar GRNs to PEG, ATP, and 
water, DF/F traces (K) and maximum DF/F graph (L), n = 9.  

For all traces, period of stimulus presentation is indicated by shaded bars. Traces 
of individual flies to the first of three taste stimulations (shown in Supplemental Figures 
2-4.2, 2-4.3 and 2-4.11) are shown in grey, the average in black, with the SEM indicated 
by the grey shaded area. Repeated measures ANOVA with Tukey’s multiple 
comparisons test, *p<0.05, **p<0.01, ***p<0.001. 
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Supplemental Figure 2-4.1. Bitter GRNs do not respond to the activation of other 
GRN classes in fed flies. 

(A, B) Calcium responses of bitter GRNs expressing GCaMP6s in a UAS-P2X2 
background to proboscis presentation of PEG as a negative control, ATP, or a mixture 
of denatonium and caffeine, which are bitter compounds, as a positive control, 
GCaMP6s DF/F traces (A) and maximum DF/F graph (B), n = 5. (C, D) Calcium 
responses of bitter GRNs expressing GCaMP6s and P2X2 to PEG, ATP, or bitter 
delivery, DF/F traces (C) and maximum DF/F graph (D), n = 5. (E, F) GCaMP6s 
responses of bitter GRNs in flies expressing P2X2 in sugar GRNs to PEG, ATP, and 
bitter, DF/F traces (E) and maximum DF/F graph (F), n = 6. (G, H) GCaMP6s responses 
of bitter GRNs in flies expressing P2X2 in high salt GRNs to PEG, ATP, or bitter 
presentation, DF/F traces (E) and maximum DF/F graph (F), n = 6. (I, J) GCaMP6s 
responses of bitter GRNs in flies expressing P2X2 in water GRNs to delivery of PEG, 
ATP, or bitter to the proboscis, DF/F traces (I) and maximum DF/F graph (J), n = 9. 

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
Traces of individual flies are shown in grey, the average in black, with the SEM 
indicated by the grey shaded area. Repeated measures ANOVA with Tukey’s multiple 
comparisons test, *p<0.05, **p<0.01, ***p<0.001. 
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Supplemental Figure 2-4.2. Sugar GRNs do not respond to the activation of other 
GRN classes in fed flies. 

(A, B) Calcium responses of sugar GRNs expressing GCaMP6s in a UAS-P2X2 
background to proboscis presentation of PEG as a negative control, ATP, or sucrose as 
a positive control, GCaMP6s DF/F traces (A) and maximum DF/F graph (B), n = 6. (C, 
D) Calcium responses of sugar GRNs expressing GCaMP6s and P2X2 to PEG, ATP, or 
sucrose delivery, DF/F traces (C) and maximum DF/F graph (D), n = 5. (E, F) GCaMP6s 
responses of sugar GRNs in flies expressing P2X2 in bitter GRNs to PEG, ATP, and 
sucrose, DF/F traces (E) and maximum DF/F graph (F), n = 6. (G, H) GCaMP6s 
responses of sugar GRNs in flies expressing P2X2 in high salt GRNs to PEG, ATP, or 
sucrose to the proboscis, DF/F traces (G) and maximum DF/F graph (H), n = 6. (I, J) 
GCaMP6s responses of sugar GRNs in flies expressing P2X2 in water GRNs to PEG, 
ATP, or sucrose presentation, DF/F traces (I) and maximum DF/F graph (J), n = 7. (K, L) 
GCaMP6s responses of sugar GRNs in flies expressing P2X2 in water GRNs and 
Gal80 in sugar GRNs to inhibit P2X2 misexpression to PEG, ATP, or sucrose 
presentation, DF/F traces (K) and maximum DF/F plots (L), n = 11.  

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
Data from first stimulation of C and K is shown in Figure 4A-D. Traces of individual flies 
are shown in grey, the average in black, with the SEM indicated by the grey shaded 
area. Repeated measures ANOVA with Tukey’s multiple comparisons test *p<0.05, 
**p<0.01, ***p<0.001. 
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Supplemental Figure 2-4.3. Water GRNs do not respond to the activation of other 
GRN classes in fed flies. 

(A, B) Calcium responses of water GRNs expressing GCaMP6s in a UAS-P2X2 
background to proboscis presentation of PEG as a negative control, ATP, or water as a 
positive control, GCaMP6s DF/F traces (A) and maximum DF/F graph (B), n = 5. (C, D) 
Calcium responses of water GRNs expressing GCaMP6s and P2X2 to PEG, ATP, or 
water delivery, DF/F traces (C) and maximum DF/F graph (D), n = 5. (E, F) GCaMP6s 
responses of water GRNs in flies expressing P2X2 in sugar GRNs to PEG, ATP, and 
water, DF/F traces (E) and maximum DF/F graph (F), n = 6. (G, H) GCaMP6s responses 
of water GRNs in flies expressing P2X2 in bitter GRNs upon PEG, ATP, or water 
presentation, DF/F traces (G) and maximum DF/F graph (H), n = 5. (I, J) GCaMP6s 
responses of water GRNs in flies expressing P2X2 in high salt GRNs upon PEG, ATP, 
or water delivery, DF/F traces (I) and maximum DF/F graph (J), n = 5. 

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
The first response in C and E is shown in Figure 4G-J. Traces of individual flies are 
shown in grey, the average in black, with the SEM indicated by the grey shaded area. 
Repeated measures ANOVA with Tukey’s multiple comparisons test *p<0.05. 
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Supplemental Figure 2-4.4. High Salt GRNs do not respond to the activation of 
other GRN classes in fed flies. 

(A, B) Calcium responses of high salt GRNs expressing GCaMP6s in a UAS-
P2X2 background to proboscis presentation of PEG as a negative control, ATP, or KCl 
as a positive control, GCaMP6s DF/F traces (A) and maximum DF/F graph (B), n = 6. 
Minor responses to ATP were observed throughout, which are likely in response to the 
sodium counter ions contained in the ATP tastant solution. (C, D) Calcium responses of 
high salt GRNs expressing GCaMP6s and P2X2 to PEG, ATP, or KCl delivery, DF/F 
traces (C) and maximum DF/F graph (D), n = 12. (E, F) GCaMP6s responses of high 
salt GRNs in flies expressing P2X2 in sugar GRNs to PEG, ATP, and KCl presentation 
to the proboscis, DF/F traces (E) and maximum DF/F graph (F), n = 6. (G, H) GCaMP6s 
responses of high salt GRNs in flies expressing P2X2 in bitter GRNs to PEG, ATP, or 
KCl delivery, DF/F traces (G) and maximum DF/F graph (H), n = 5. (I, J) GCaMP6s 
responses of high salt GRNs in flies expressing P2X2 in water GRNs to PEG, ATP, or 
KCl presentation, DF/F traces (I) and maximum DF/F graph (J), n = 6. 

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
Traces of individual flies are shown in grey, the average in black, with the SEM 
indicated by the grey shaded area. Repeated measures ANOVA with Tukey’s multiple 
comparisons test *p<0.05, **p<0.01, ***p<0.001. 
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Supplemental Figure 2-4.5. Bitter GRNs do not respond to the activation of other 
GRN classes in food-deprived flies. 

(A, B) Calcium responses of bitter GRNs expressing GCaMP6s in a UAS-P2X2 
background to proboscis presentation of PEG as a negative control, ATP, or a mixture 
of the bitter compounds denatonium and caffeine as a positive control, GCaMP6s DF/F 
traces (A) and maximum DF/F graph (B), n = 6. (C, D) Calcium responses of bitter 
GRNs expressing GCaMP6s and P2X2 to PEG, ATP, or bitter delivery, DF/F traces (C) 
and maximum DF/F graph (D), n = 5. (E, F) GCaMP6s responses of bitter GRNs in flies 
expressing P2X2 in sugar GRNs to PEG, ATP, and bitter, DF/F traces (E) and maximum 
DF/F graph (F), n = 6. (G, H) GCaMP6s responses of bitter GRNs in flies expressing 
P2X2 in high salt GRNs to presentation of PEG, ATP, or bitter, DF/F traces (G) and 
maximum DF/F graph (H), n = 6. (I, J) GCaMP6s responses of bitter GRNs in flies 
expressing P2X2 in water GRNs to delivery of PEG, ATP, or bitter, DF/F traces (I) and 
maximum DF/F graph (J), n = 5. 

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
Flies were food-deprived for 23-26 hours. Traces of individual flies are shown in grey, 
the average in black, with the SEM indicated by the grey shaded area. Repeated 
measures ANOVA with Tukey’s multiple comparisons test, *p<0.05, **p<0.01, 
***p<0.001. 
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Supplemental Figure 2-4.6. Sugar GRNs do not respond to the activation of other 
GRN classes in food-deprived flies. 

(A, B) Calcium responses of sugar GRNs expressing GCaMP6s in a UAS-P2X2 
background to proboscis presentation of PEG as a negative control, ATP, or sucrose as 
a positive control, GCaMP6s DF/F traces (A) and maximum DF/F graph (B), n = 5. (C, 
D) Calcium responses of sugar GRNs expressing GCaMP6s and P2X2 to PEG, ATP, or 
sucrose delivery, DF/F traces (C) and maximum DF/F graph (D), n = 6. (E, F) GCaMP6s 
responses of sugar GRNs in flies expressing P2X2 in bitter GRNs to PEG, ATP, and 
sucrose, DF/F traces (E) and maximum DF/F graph (F), n = 6. (G, H) GCaMP6s 
responses of sugar GRNs in flies expressing P2X2 in high salt GRNs to PEG, ATP, and 
sucrose delivery to the proboscis, DF/F traces (G) and maximum DF/F graph (H), n = 5. 
(I, J) GCaMP6s responses of sugar GRNs in flies expressing P2X2 in water GRNs to 
PEG, ATP, and sucrose presentation to the proboscis, DF/F traces (I) and maximum 
DF/F graph (J), n = 5.  

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
Flies were food-deprived for 23-26 hours. Traces of individual flies are shown in grey, 
the average in black, with the SEM indicated by the grey shaded area. Repeated 
measures ANOVA with Tukey’s multiple comparisons test *p<0.05, **p<0.01. 
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Supplemental Figure 2-4.7. Water GRNs do not respond to the activation of other 
GRN classes in food-deprived flies. 

(A, B) Calcium responses of water GRNs expressing GCaMP6s in a UAS-P2X2 
background to proboscis presentation of PEG as a negative control, ATP, or water as a 
positive control, GCaMP6s DF/F traces (A) and maximum DF/F graph (B), n = 6. (C, D) 
Calcium responses of water GRNs expressing GCaMP6s and P2X2 to PEG, ATP, or 
water delivery, DF/F traces (C) and maximum DF/F graph (D), n = 7. (E, F) GCaMP6s 
responses of water GRNs in flies expressing P2X2 in sugar GRNs to PEG, ATP, and 
water, DF/F traces (E) and maximum DF/F graph (F), n = 6. (G, H) GCaMP6s responses 
of water GRNs in flies expressing P2X2 in bitter GRNs to PEG, ATP, and water 
delivery, DF/F traces (G) and maximum DF/F graph (H), n = 5. (I, J) GCaMP6s 
responses of water GRNs in flies expressing P2X2 in high salt GRNs to PEG, ATP, and 
water presentation, DF/F traces (I) and maximum DF/F graph (J), n = 5. 

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
Flies were food-deprived for 23-26 hours. Traces of individual flies are shown in grey, 
the average in black, with the SEM indicated by the grey shaded area. Repeated 
measures ANOVA with Tukey’s multiple comparisons test *p<0.05, **p<0.01. 
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Supplemental Figure 2-4.8. High salt GRNs do not respond to the activation of 
other GRN classes in food-deprived flies. 

(A, B) Calcium responses of high salt GRNs expressing GCaMP6s in a UAS-
P2X2 background to proboscis presentation of PEG as a negative control, ATP, or KCl 
as a positive control, GCaMP6s DF/F traces (A) and maximum DF/F graph (B), n = 5. 
(C, D) Calcium responses of high salt GRNs expressing GCaMP6s and P2X2 to PEG, 
ATP, or KCl delivery, DF/F traces (C) and maximum DF/F graph (D), n = 5. (E, F) 
GCaMP6s responses of high salt GRNs in flies expressing P2X2 in sugar GRNs to 
PEG, ATP, and KCl delivery, DF/F traces (E) and maximum DF/F graph (F), n = 5. (G, 
H) GCaMP6s responses of high salt GRNs in flies expressing P2X2 in bitter GRNs to 
PEG, ATP, and KCl delivery to the proboscis, DF/F traces (G) and maximum DF/F graph 
(H), n = 5. (I, J) GCaMP6s responses of high salt GRNs in flies expressing P2X2 in 
water GRNs to PEG, ATP, and KCl delivery, DF/F traces (I) and maximum DF/F graph 
(J), n = 6. 

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
Flies were food-deprived for 23-26 hours. Traces of individual flies are shown in grey, 
the average in black, with the SEM indicated by the grey shaded area. Repeated 
measures ANOVA with Tukey’s multiple comparisons test *p<0.05, **p<0.01, 
***p<0.001. 
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Supplemental Figure 2-4.9. Sugar GRNs do not respond to the activation of other 
GRN classes in pseudo-desiccated flies. 

(A, B) Calcium responses of sugar GRNs expressing GCaMP6s in a UAS-P2X2 
background to proboscis presentation of PEG as a negative control, ATP, or sucrose as 
a positive control, GCaMP6s DF/F traces (A) and maximum DF/F graph (B), n = 6. (C, 
D) Calcium responses of sugar GRNs expressing GCaMP6s and P2X2 to PEG, ATP, or 
sucrose delivery, DF/F traces (C) and maximum DF/F graph (D), n = 5. (E, F) GCaMP6s 
responses of sugar GRNs in flies expressing P2X2 in bitter GRNs to PEG, ATP, and 
sucrose, DF/F traces (E) and maximum DF/F graph (F), n = 6. (G, H) GCaMP6s 
responses of sugar GRNs in flies expressing P2X2 in water GRNs to PEG, ATP, or KCl 
presentation to the proboscis, DF/F traces (G) and maximum DF/F graph (H), n = 5. (I, 
J) GCaMP6s responses of sugar GRNs in flies expressing P2X2 in high salt GRNs, 
DF/F traces (I) and maximum DF/F graph (J), n = 7.  

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
Dissections and imaging were performed in high osmolality AHL to simulate thirst. 
Traces of individual flies are shown in grey, the average in black, with the SEM 
indicated by the grey shaded area. Repeated measures ANOVA with Tukey’s multiple 
comparisons test *p<0.05, **p<0.01. 
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Supplemental Figure 2-4.10. Water GRNs do not respond to the activation of other 
GRN classes in pseudo-desiccated flies. 

(A, B) Calcium responses of water GRNs expressing GCaMP6s in a UAS-P2X2 
background to proboscis presentation of PEG as a negative control, ATP, or water as a 
positive control, GCaMP6s DF/F traces (A) and maximum DF/F graph (B), n = 6. (C, D) 
Calcium responses of water GRNs expressing GCaMP6s and P2X2 to PEG, ATP, or 
water delivery, DF/F traces (C) and maximum DF/F graph (D), n = 6. (E, F) GCaMP6s 
responses of water GRNs in flies expressing P2X2 in sugar GRNs to PEG, ATP, and 
water, DF/F traces (E) and maximum DF/F graph (F), n = 5. (G, H) GCaMP6s responses 
of water GRNs in flies expressing P2X2 in bitter GRNs to PEG, ATP, or water delivery, 
DF/F traces (G) and maximum DF/F graph (H), n = 5. (I, J) GCaMP6s responses of 
water GRNs in flies expressing P2X2 in high salt GRNs to PEG, ATP, or water delivery 
to the proboscis, DF/F traces (I) and maximum DF/F graph (J), n = 6. 

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
Dissections and imaging were performed in high osmolality AHL to simulate thirst. 
Traces of individual flies are shown in grey, the average in black, with the SEM 
indicated by the grey shaded area. Repeated measures ANOVA with Tukey’s multiple 
comparisons test *p<0.05, **p<0.01. 
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Supplemental Figure 2-4.11. Sugar and water GRNs do not show voltage 
responses upon reciprocal activation.  

(A, B) ArcLight responses of sugar GRNs in a UAS-P2X2 background to 
proboscis presentation of PEG as a negative control, ATP, or sucrose as a positive 
control. ArcLight fluorescence traces (DF/F) (A) and maximum DF/F post stimulus 
presentation (B), n = 6. (C, D) ArcLight responses of sugar GRNs in flies expressing 
P2X2 in water GRNs to PEG, ATP, and sucrose delivery, DF/F traces (C) and maximum 
DF/F graph (D), n = 6. (E, F) ArcLight responses of water GRNs in a UAS-P2X2 
background to proboscis delivery of PEG, ATP, and water (positive control), DF/F traces 
(E) and maximum DF/F graph (F), n = 5. (G, H) ArcLight responses of water GRNs in 
flies expressing P2X2 in sugar GRNs to PEG, ATP, and water delivery, DF/F traces (G) 
and maximum DF/F graph (H), n = 9.  

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
The first response in C and G is shown in Figure 2-4 E, F, K, L. Traces of individual flies 
to three taste stimulations are shown in grey, the average in black, with the SEM 
indicated by the grey shaded area. Repeated measures ANOVA with Tukey’s multiple 
comparisons test, *p<0.05. 
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Figure 2-5. Activation of a sparse subset of bitter GRNs is sufficient to cause 
depolarization in other bitter GRNs. 

(A) Gr47a positive bitter GRNs in the SEZ of a sample fly (scale bar = 20µm) (B) 
Boolean mask generated based on A (scale bar = 20µm) (C) Projection pattern of all 
bitter GRNs in the SEZ of the same fly as A (scale bar = 20µm) (D) Bitter projection 
pattern with Gr47a positive GRNs excluded (scale bar = 20µm) (E-F) GCaMP6s 
response of all bitter GRNs in flies expressing P2X2 in Gr47a- positive bitter cells to the 
presentation of PEG as a negative control. Response of the entire projection (left), the 
area contained within the Gr47a-based mask (middle) and the projection outside the 
masked area (right), DF/F traces (E) and maximum DF/F graph (F). (G-H) GCaMP6s 
response of all bitter GRNs in flies expressing P2X2 in Gr47a- positive bitter cells to the 
presentation of ATP to activate P2X2. Response of the entire projection (left), the area 
contained within the Gr47a-based mask (middle) and the projection outside the masked 
area (right), DF/F traces (G) and maximum DF/F graph (H). (I-J) GCaMP6s response of 
all bitter GRNs in flies expressing P2X2 in Gr47a-positive bitter cells to the presentation 
of a mixture of the bitters caffeine and denatonium as a positive control. Response of 
the entire projection (left), the area contained within the Gr47a-based mask (middle) 
and the projection outside the masked area (right), DF/F traces (I) and maximum DF/F 
graph (J). 

For all traces, period of stimulus presentation is indicated by shaded bars, n = 6. 
Traces of individual flies to the first of three taste stimulations (shown in Supplemental 
Figures 2-5.1) are shown in grey, the average in black, with the SEM indicated by the 
grey shaded area. Repeated measures ANOVA with Tukey’s multiple comparisons test. 
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Figure 2-5.1. Bitter GRNs respond to the activation of a sparse subset of bitter 
neurons in fed flies. 

(A-B) GCaMP6s response of all bitter GRNs in flies expressing P2X2 in Gr47a-
positive bitter cells to the presentation of PEG as a negative control. Response of the 
entire projection (left), the area contained within the Gr47a-based mask (middle) and 
the projection outside the masked area (right), DF/F traces (A) and maximum DF/F 
graph (B). (C-D) GCaMP6s response of all bitter GRNs in flies expressing P2X2 in 
Gr47a-positive bitter cells to the presentation of ATP to activate P2X2. Response of the 
entire projection (left), the area contained within the Gr47a-based mask (middle) and 
the projection outside the masked area (right), DF/F traces (C) and maximum DF/F 
graph (D). (E-F) GCaMP6s response of all bitter GRNs in flies expressing P2X2 in 
Gr47a-positive bitter cells to the presentation of a mixture of caffeine and denatonium 
as a positive control. Response of the entire projection (left), the area contained within 
the Gr47a-based mask (middle) and the projection outside the masked area 
(right), DF/F traces (E) and maximum DF/F graph (F). 

Period of stimulus presentation is indicated by shaded bars, 3 stimulations/fly. 
The first response throughout is shown in Figure 2-5. Traces of individual flies to three 
taste stimulations are shown in grey, the average in black, with the SEM indicated by 
the grey shaded area. Repeated measures ANOVA with Tukey’s multiple comparisons 
test. 
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Figure 2-6. A second order gustatory neuron downstream of sugar GRNs in the 
EM responds selectively to sugar presentation. 

(A) Reconstruction of FMIn in the FAFB dataset (B) FMIn and its GRN inputs in 
the EM dataset. GRN colors correspond to clusters established in Figure 2-2. (C) Light 
level image of a single FMIn generated by flippase 1026A mediated mosaicism from 
GmR81E10-Gal4 (scale bar = 25µm) (D) FMIn (green) overlaps with sugar taste 
projections (magenta) in light-level imagery (scale bar = 25µm). (E) GRN inputs to FMIn 
identified in the EM. Colors correspond to clusters established in Figure 2-2. Arrow 
thickness scales with the number of synapses comprising the connection. Only 
connections of at least 5 synapses are shown. (F) GRN inputs to FMIn by GRN cluster. 
Colors correspond to clusters established in Figure 2-2. Arrow thickness scales with the 
number of synapses comprising the connection, which is indicated in red. Only 
connections of at least 5 synapses are considered. (G-H) GCaMP6s responses of FMIn 
cell bodies to tastant presentations to the proboscis. (G)The responses of flies 
presented with sucrose (green) and a bitter mixture of denatonium and caffeine (pink) 
are shown on the left, flies presented with sucrose and water (blue) on the right. 
Individual traces are shown in thin lines colored corresponding to tastant identity, 
averages in thicker lines with the SEM indicated by shaded areas. (H) Maximum DF/F 
graph. n=5 for each group, paired t test *p<0.5. (G) Fraction of flies performing PER to 
light with the number of FMIns activated using ReaChR. 0 FMIn: n = 9; 1 FMIn: n = 29; 
2 FMIns: n = 36. Unpaired t test, ****p<0.0001. 
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Supplemental Figure 2-6.1 Expression pattern of GmR81E10-Gal4 in the central 
nervous system. 

(A) Expression pattern of GmR81E10-Gal4 in the brain (scale bar = 50 µm) (B) 
Expression pattern of GmR81E10-Gal4 in the ventral nerve cord. 
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Chapter 3: Future Perspectives 
 
 
Abstract  

The present work characterizes the gustatory sensory inputs to the Drosophila 
brain at synapse level detail. In the course of our studies, we explored the function of 
GRN-GRN connectivity using calcium and voltage imaging. We found no functional 
connections between GRNs of different modalities but found that GRNs of the same 
modality depolarize each other. Furthermore, we characterized the taste response of a 
second order neuron downstream of sugar GRNs and found it to be selectively responsive 
to sugar stimuli. Further study is necessary to explore the impact of connectivity between 
GRNs of different taste modalities. Beyond the level of GRNs, our EM studies also provide 
a gateway to further explore the gustatory circuit in the EM dataset. These efforts will 
uncover novel components of the gustatory circuitry as well as elucidate how known 
feeding-related neurons are connected. Ultimately, such insights will contribute to the 
characterization of the remaining inputs to GRNs, which are likely targets of extensive 
top-down modulation.  
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EM reconstructions of GRNs suggest potential interactions of taste modalities 
In this study, we reconstructed 144 Gustatory Receptor Neurons in a whole fly 

brain EM volume. We manually annotated their synaptic sites and found that the pre and 
post synaptic sites of GRNs are interspersed. Using combined morphological and 
connectivity data for clustering, we were able to propose taste modality identities for 
reconstructed GRNs. Our studies suggested that most GRN-GRN connections exist 
between neurons of the same taste modality. However, we also found connectivity 
between proposed sugar and water GRNs, leading us to hypothesize that appetitive 
GRNs may be functionally connected. We explored this possibility using calcium and 
voltage imaging and found no functional connections between GRNs of different 
modalities in fed, food-deprived or pseudo-desiccated flies. We further aimed to explore 
the function of connections between GRNs of the same modality. For this purpose, we 
explored whether the activation of a small subset of bitter neurons is sufficient to 
depolarize other bitter neurons. Our results indicate that this is indeed the case, but further 
study is necessary. Finally, we characterized a second order gustatory neuron 
downstream of sugar GRNs in the EM to confirm our identification of GRN taste modality 
identity and explore the possibility of interactions between taste modalities at the level of 
second order neurons. We found the second order neuron to selectively respond to sugar 
but not water or bitter, consistent with its input in the EM. In summary, we laid a foundation 
for the synapse-level description of the gustatory circuit in Drosophila. Future studies will 
be necessary to further explore the significance of connectivity between GRNs of the 
same modality, higher order components of the gustatory circuit and the effect of 
modulation of GRNs in the brain.  

 
Further study of GRN-GRN connectivity may uncover the function of a conserved 
motif in sensory circuits 

While the interconnectivity of sensory neurons of the same subclass is an 
emerging theme across sensory modalities (Hampel et al 2020, Horne et al 2018, 
Miroschnikow et al 2018, Schlegel et al 2021, Takemura et al 2015, Tobin et al 2017), the 
function of such connectivity remains largely elusive. In our studies, we have been unable 
to fully address this question due to technical limitations, but it remains an endeavor with 
widely applicable implications. Higher resolution imaging paradigms, which could allow 
for the activation and imaging of distinct GRN cell populations, will be necessary to 
segregate activated and imaged subpopulations accurately. Furthermore, it would be 
intriguing to conduct experiments in which highly local de- and hyperpolarizations of taste 
processes can be observed. Interactions between GRNs may have an impact on very 
small, tightly defined compartments of the taste projection to modulate local release 
probabilities. Such sub-threshold interactions are not observable using our imaging 
paradigm.  

Additionally, connectivity between GRNs could act on longer time frames than 
those examined in our studies. Challenging experiments in which the taste responses of 
GRNs are observed for extended time periods may be necessary to satisfactorily address 
this question. Clarity about the complete set of neurotransmitters expressed by GRNs 
may inform hypotheses about the timing of interactions. Furthermore, rigorous 
characterization of GRNs’ neurotransmitter arsenal may also yield a strategy to disrupt 
GRN-GRN connectivity without directly impacting connections from GRNs to second 
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order neurons, provided that two distinct neurotransmitter systems underpin these two 
types of connectivity. Such insight could lead to strategies useful not only in imaging 
experiments to gain more insight into GRN-GRN interactions, but also in behavioral 
experiments to explore the biological significance of connectivity between gustatory 
neurons.   

 
Further exploration of the core feeding circuit will lead to the identification of 
novel circuit components 

To date, a complete adult feeding circuit from GRNs to the motor neurons 
enervating the musculature of the proboscis has not been described. Both GRNs as well 
as motor neurons are well studied, as are a handful of second order neurons (Bohra et al 
2018, Cameron et al 2010, Gordon & Scott 2009, Jaeger et al 2018, McKellar et al 2020, 
Miyazaki et al 2015, Wang et al 2004). Additionally, a potential third order neuron with an 
extensive role in the control of feeding behavior has been proposed in Fdg (Flood et al 
2013). How these components are connected in the circuit remains an elusive insight. 
With the present work, we have established a valuable springboard for the further 
exploration of the gustatory circuit in the EM dataset, which can lead to the discovery of 
previously unknown components of the feeding circuit as well as to the clarification of the 
role of already characterized feeding-related neurons.  

To capitalize on this foundation, extensive further reconstruction of interneurons 
and motor neurons in the SEZ is necessary. This future work also has the potential to 
elucidate some points that have had to remain partially resolved in this study. For 
example, reconstruction of second order neurons in the EM, followed by identification of 
candidate driver lines for genetic access and subsequent characterization of taste 
response profiles, may help to more firmly establish the identities of GRN subclasses laid 
out in the present work. We have already begun this process by characterizing FMIn, but 
additional neurons will provide further insight. These efforts will be further aided by the 
use of highly specific genetic driver lines utilizing the split gal 4 system (Luan et al 2006, 
Sterne et al 2021). This approach allows for stable genetic access to small, defined sets 
of cells and will make imaging and behavioral experiments much more efficient and 
reproducible. 

 It will also be enlightening to explore whether extensive interconnections as 
observed among GRNs exist between neurons in higher tiers of the gustatory circuit. 
Furthermore, considering that GRN-GRN connectivity accounts for on average 25% of 
inputs to GRNs, it seems highly likely that feedback from higher feeding circuitry accounts 
for a part of the input to GRNs. If so, it will be fascinating to explore how feeding activity 
results in the modulation of sensory inputs.  
 
EM studies will elucidate how neurons outside the core feeding circuit modulate 
feeding behavior 

It is a well-established phenomenon that feeding decisions are impinged upon by 
higher brain circuits. For example, repeated pairing of a sucrose stimulus to the legs with 
a bitter stimulus to the proboscis results in a learned rejection behavior upon later 
encounters of sucrose to the legs. This behavior is dependent on the mushroom body, a 
region of the fly brain that is essential to learning and memory (Kirkhart & Scott 2015, 
Leinwand & Scott 2021). It is unclear where this learned behavior impinges upon the core 
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feeding circuitry to inhibit feeding. Additionally, the feeding state of flies is known to impact 
not only feeding behavior, but to modulate the responsiveness of gustatory neurons to 
tastants (Inagaki et al 2012, Inagaki et al 2014, LeDue et al 2016). It is unclear whether 
this modulation is mediated by an inherent sensitivity of GRNs to thirst and hunger cues, 
or if it is modulated by neurons monitoring the internal state of the fly, such as the ISNs 
(Jourjine et al 2016). Further careful study of the fly connectome as well as molecular 
characterization of neurons will be necessary to gain clarity on these tantalizing issues.  

Due to the collaborative nature of the tracing effort in FAFB, many brain regions 
have been explored simultaneously by groups around the world. As we approach a 
complete connectome of the fly, these combined efforts can elucidate, at synaptic level 
detail, how long-distance connections between brain regions and larger circuits are 
organized. These efforts are further accelerated by new imaging volumes, further 
optimized for automated segmentations (Li et al 2019, Scheffer et al 2020). By 
characterizing the inputs of the gustatory system, we have provided insight into how one 
sensory modality feeds into the fly brain, contributing to the larger endeavor of 
deciphering the brain connectome. 
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