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ABSTRACT OF THE DISSERTATION 

Investigating Mitochondrial Responses in Dendrite Injury and Repair 

by 

Patrick T Hwu 

Doctor of Philosophy in Biological Sciences 

University of California, Irvine, 2025 

Assistant Professor Dr. Katherine Thompson-Peer Chair 

Professor Dr. Marcelo Wood, Co-Chair 

 

 Studies have estimated that the global economic burden of neurological disorders costs nearly 

$1.9 trillion per year and is projected to increase by 4.3% annually1. While this fact highlights the 

macroeconomic burden of public health disorders, these disorders are just as debilitating on a 

personal level, affecting the patient and their caretakers. 

 Neurons are the principal cell of the nervous system, they transmit and detect electrochemical 

signals through their axons and dendrites, respectively. Unlike many other cells, neurons are non-

mitotic, presenting an indisputable challenge for renewal and repair when systems become 

damaged. Fortunately, neurons can regenerate their axons2–10, dendrites11–18, and even both 

simultaneously19; highlighting a remarkable capacity for repair. However, for cells to initiate 

repair, a repair stimulus must first be conveyed and subsequently detected. Indeed, cell damage 

induces several changes in cell homeostasis including organelle fragmentation20–22, ion 

imbalance23–25, and cytoskeletal disorganization26–29. Importantly, the damage signal must be 

within an amplitude that is detectable but not detrimental or cells may not initiate repair. 

 Using in-vivo time lapse imaging in drosophila, combined with genetic tools, we found that 

mitochondria rapidly contract following laser dendrotomy (dendrite injury). We provide evidence 
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that this response is regulated by neuronal depolarization and the canonical mitochondrial fission 

machinery. Furthermore, we found that the presence of mitochondrial contraction following 

dendrite injury is associated with an increase in dendrite branching. Interestingly, we found that 

injury-induced mitochondrial contraction scales with injury severity; that is, injury of a primary 

dendrite elicits a stronger contraction response than injuring a terminal branch. Moreover, KCNJ2 

(Potassium Inwardly Rectifying Channel Subfamily J Member 2) decreased the likelihood of injury 

induced mitochondrial contraction but not the consequence of contraction, if mitochondria 

contracted after injury, neurons still had an increased branching rate. Moreover, we found that 

expressing a dominant negative allele of Drp1 (which lacks GTPase activity), in a cell type specific 

manner prevents injury-induced contraction and subsequently branching. We defined this injury-

induced response as an injury signal as evidenced by the decreasing contraction amplitude 

(mitochondrial further away require a longer time to contract and are less likely to contract than 

mitochondria close to the injury site) and the stochastic response when we injured tertiary 

dendrites. In summary, we characterized mitochondrial contraction following dendrotomy and 

injury induced contraction was associated with dendrite branching. From our studies, we provide 

evidence that neuronal depolarization and the canonical fission machinery promotes injury-

induced mitochondrial contraction. These findings suggest that altered in mitochondrial 

morphology at baseline, observed in diseases, may impair the cell’s ability to detect in 

mitochondrial shape and subsequently regeneration. This study published will provide a solid 

foundation for future investigations into this mechanism, whether this increased dendrite 

branching is associative or causative. 
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Chapter 1 

More than just the Powerhouse of the Cell 

Historical Overview of Mitochondria 

 The first observations of mitochondria date back to 1857, when Albert von Kölliker published 

his findings on “sarcomeres” which were small granular structures he observed in muscles30. In 

1890, Richard Altmann used staining techniques to visualize bioblasts, which he proposed were 

independent living organisms within the cell31. and in 1898, Carl Benda reported his own 

observations of both tubular and granular structures living in eukaryotic cells which he coined 

mitochondria32. Little did they know that these structures they meticulously investigated, now 

known as mitochondria, are essential for almost all modern-day eukaryotes. 

 A mechanistic understanding of mitochondrial function was significantly advanced early in the 

20th century. In 1925, David Keilin rediscovered reversible redox-active proteins called 

cytochromes, (first discovered by Charles MacMunn during his studies on pigmentation) showing 

that they are imperative components of the respiratory chain complex33. Otto Warburg’s research 

throughout 1910—193034,35 showed that following fertilization in sea urchins, respiration is 
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significantly upregulated, providing evidence on how mitochondria utilize oxygen to support life, 

for which he was awarded the 1931 Nobel Prize in Physiology or Medicine36. Warburg’s research 

critically identified that cancer cells preferentially use aerobic glycolysis instead of aerobic 

respiration to generate ATP (adenosine-triphosphate). Around the same time, Albert Szent-

Györgyi isolated Hexuronic acid (also known as, vitamin C) from various plants and the adrenal 

cortex, elucidating the chronological process of the fumarate–succinate cycle (later found to be 

crucial for the Krebs cycle), awarding him the 1937 Nobel Prize in Physiology or Medicine37–40. 

In 1937, Hans Krebs described the citric acid cycle (also known as the Krebs cycle or tricarboxylic 

acid cycle) establishing the central pathway of oxidative metabolism, work which awarded him 

the 1953 Nobel Prize in Physiology or Medicine41,42. In 1945, Fritz Lipmann discovered coenzyme 

A, a key intermediate metabolite which later showed to be crucial for several metabolic processes, 

resulting in the 1953 Nobel Prize in Physiology or Medicine43. The breakthrough of biochemically 

isolating mitochondria was achieved by Albert Claude in 1946, who developed cell fractionation 

and studied various components of mitochondria and other organelles like the endoplasmic 

reticulum, laying the foundation for organelle fractionation. In 1953, George Palade produced, at 

the time, the highest resolved image of mitochondria using electron micrographs, revealing their 

beautifully complex cristae44. Christian de Duve, through biochemical fractionation studies, 

discovered lysosomes in 1955 and peroxisomes in 196545,46. Claude, de Duve47, and Palade48 

shared the 1974 Nobel Prize in Physiology or Medicine for their contributions to organelle biology. 

 Mitochondrial bioenergetics greatly advanced throughout the 1960s. Efraim Racker and 

colleagues purified ATP-synthase between 1961–196749,50, establishing the enzymatic basis of 

oxidative phosphorylation. In 1961, Peter Mitchell proposed the chemiosmotic hypothesis to 

explain that mitochondria, through catabolism, generate ATP through an electrochemical gradient 
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across the inner membrane which later won him the 1978 Nobel Prize in Chemistry51,52. In 1963, 

Margit and Sylvan Nass demonstrated that mitochondria react to the same reagents as DNA, 

visualized through electron microscopy, providing the first evidence for mtDNA53 (mitochondrial 

DNA). 

 By the late 20th century, mitochondria were increasingly linked to human disease. In 1988, 

Douglas Wallace reported the first disease caused by mutations in mtDNA, linking mitochondrial 

genome to Leber’s hereditary optic neuropathy54. In 1992, Paolo Bernardi characterized the mPTP 

(mitochondrial permeability transition pore) as a Ca2+-dependent inner membrane channel 

influencing mitochondrial permeability and swelling of the inner membrane55. Lastly, work by 

Boyer56 and Walker57 made significant advances on how conformational changes of ATP synthase 

drives ATP synthesis58,59 sharing the 1997 Nobel Prize in Chemistry with Jens Skou60 for his 

discovery of Na+/K+ pumps in 195761. 

 At the turn of the 21st century, mitochondrial dynamics came into focus. In 1998, Janet Shaw’s 

group showed that Dnm1p (dynamin-related protein 1) controls mitochondrial fission in yeast62. 

In 2001, Alexander van der Bliek’s group demonstrated that its mammalian homolog Drp1 

(Dynamin related protein-1) is required for mitochondrial division63. In 2003, David Chan’s group 

showed that Mfn1 and Mfn2 (Mitofusin-1,-2) are essential for mitochondrial fusion and embryonic 

development in mice64. Also in 2003, Vamsi Mootha et al., defined the first integrated 

mitochondrial genome65. Finally, in 2011, two groups independently and simultaneously 

(Baughman et al. (Mootha’s lab) and De Stefani et al. (Rizzuto’s lab)) identified the mitochondrial 

calcium uniporter (MCU), the mechanism controlling calcium influx into mitochondria66,67. With 

the improvements in EM (Cryo-EM) there has been significant advancements in understanding the 

protein structures that regulate mitochondrial transport68,69, morphology70,71, ion flux72–75, 
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mitophagy76,77, and metabolism78–80. 

 Building upon previous literature, the current ongoing research has uncovered mitochondria’s 

role in development81–83, cellular maintenance84,85, injury signaling86–88, and local translation89,90. 

Because of mitochondria’s primary role in ATP production, which is influenced by mitochondrial 

morphology, trafficking, and distribution, it should not come as a surprise that changes in 

mitochondrial morphology, trafficking, and distribution—observed in diseases or cellular injury—

affects cell homeostasis. 

 Our understanding of mitochondria today is shaped by an integrative approach, linking their 

dynamic morphology to cellular function. Mitochondria constantly remodel themselves through 

Drp1 (Dynamin related protein 1) dependent fission91–93, Mfn1/264 (Mitofusins 1/2) and OPA1 ( 

mediated fusion71, and cristae restructuring, processes that collectively tune mitochondrial length, 

branching, and internal architecture. These shape changes respond to fluctuations in membrane 

potential94 and calcium95,96 allowing mitochondria to adapt their bioenergetic output to cellular 

demands. Importantly, mitochondria are being increasingly recognized as critical regulators of 

injury signaling9,95,97–99. And whilst prior labs have independently studied how mitochondria 

respond to cell injury or mitochondria’s role in repair, no studies (to my knowledge), have directly 

examined how mitochondria respond at the time of injury and the cells outcome. During my 

graduate studies, we observed that dendrite injury triggers rapid mitochondrial contraction, injury-

induced shape changes in mitochondria is regulated by the neuronal depolarization, the fission 

machinery (Drp1), and provide evidence injury-induced contraction is regulated by neuronal 

depolarization. These findings are consistent with previous literature showing that neuronal 

depolarization causes mitochondria to fragment in a Drp1 dependent manner. Moreover, we 

observed injury-induced contraction was associated with an increase in dendrite branching, 
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suggesting that this morphological change in mitochondria we observe may serve as an injury 

stimulus for neurons to respond to. 

 In this chapter, I will review how cellular homeostasis is shaped by four interconnected aspects 

of mitochondrial biology: (1) trafficking, tethering, and subcellular distribution; (2) the regulation 

and functional significance of mitochondrial morphology; (3) ion homeostasis and redox signaling; 

and (4) injury-evoked signaling cascades under pathophysiological stress. Together, these 

processes provide the mechanistic framework for interpreting our observations of injury-induced 

mitochondrial contraction and help frame how acute shape changes may influence, or be 

influenced by, local metabolic, ionic, and signaling conditions during neuronal repair. 

 

Mitochondrial Transport: riding the rails 

Overview 

 Mitochondria are the primary source of ATP in most cells, and their precise subcellular 

distribution is crucial in providing local energetic demands. To achieve this, mitochondria are 

actively transported along microtubule tracks by motor proteins and their adaptor complexes. This 

trafficking system ensures that mitochondria are delivered to regions of high metabolic load during 

neuronal outgrowth100, where ATP production101 and calcium buffering102 are most needed. 

Conversely, when mitochondria fail to reach the right place at the right time, cellular homeostasis 

is disrupted: local ATP levels fall103, calcium influx102 becomes dysregulated, and critical signaling 

pathways are impaired. Thus, mitochondrial positioning and motility are not merely structural 

features but central determinants of how neurons and other cells maintain function under both 

physiological and stressed conditions. 
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Molecular motors of mitochondrial trafficking: from soma to synapse 

 Mitochondria are dynamic organelles essential for supplying energy for maintaining energetic 

demands and ATP for neurite outgrowth during neuronal development. Neuronal outgrowth is an 

energetically demanding process, as outgrowth requires a significant amount of fuel for ATP-

dependent processes like cytoskeleton polymerization and molecular processes such as 

translation89,90. In developing neurons, mitochondria are most dynamic, ensuring that these 

energetic requirements are satisfied. As neurons develop, mitochondria progressively lose 

motility, transitioning from highly dynamic organelles in immature neurons to stable organelles in 

developed neurons83,100. For example, in sensory neurons of chick embryos mitochondria halt at 

mature dendrites, providing energy for local translation104. Disrupted mitochondrial motility leads 

to defects in neuronal patterning, impaired synaptic function, and ultimately 

neurodegeneration84,105. 

 The spatiotemporal organization of neuronal mitochondria is influenced by their structural 

complexity and neuronal function. In Drosophila horizontal neurons, mitochondria are densely 

packed in higher-order dendritic branches where their distribution, motility, and speed all decrease 

with branching order82. Change in mitochondrial motility is widely controlled by neuronal activity; 

and while electrically stimulating neurons is insufficient to drive motility under basal 

conditions83,106, it can induce trafficking under pathophysiological conditions. In fact, under basal 

conditions, local tetanic stimulation or depolarization pushes mitochondria into dendritic spines, 

decreasing motility and stabilizing them at synapses107. In contrast, in RGC (retinal ganglion cells) 

of Crx (cone-rod homeobox) null mice, the lack of converging sensory inputs from photoreceptors 

to bipolar neurons results in spontaneous neuronal activity and subsequently increased 

mitochondrial motility83. These observations illustrate that mitochondrial motility is finely tuned 
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to the functional and structural demands of neurons. This tight coupling between neuronal 

depolarization and mitochondrial redistribution provides a mechanistic framework for 

understanding why injury-evoked depolarization in our model triggers rapid mitochondrial 

contraction and subsequent dendritic remodeling.  

 Mitochondrial transport and stability rely heavily on the interactions between motor proteins 

and cytoskeletal structures such as microtubules and actin filaments. Microtubules serve as 

railroads for mitochondrial transport and directionality of mitochondrial transport is achieved 

through motor proteins. For example, kinesin mediates anterograde trafficking towards plus-end 

microtubules while dynein mediates retrograde trafficking towards minus-end microtubules. The 

master regulator of mitochondrial trafficking is Miro1/2 (mitochondrial Rho GTPase-1/2). 

Miro1/2 (Miro1/2 in mammals and dMiro in Drosophila) is anchored to the OMM (outer 

mitochondrial membrane) which serves as a motor adaptor for Trak (Trafficking kinesin protein 

1, -2; also known as GRIF1/2, milton in Drosophila). Miro1 is a critical regulator of dendrite 

maintenance as mutations in Miro1 has shown to prevent mitochondria from being trafficked out 

of the cell body into subcellular compartments of dendrites105. Interestingly, neurons are capable 

of developing dendrites and axons even when mitochondrial trafficking is severely 

compromised105; it is the absence of locally stable mitochondria in mature neurons which causes 

neurons to undergo neurodegeneration84. In motor neurons of Drosophila larvae, the N-terminal 

GTPase domain of dMiro is necessary for mitochondrial trafficking in axons and dendrites, and 

the C-terminal GTPase domain is known to directly regulate retrograde trafficking of mitochondria 

in the axon105. In the axons of Drosophila NMJs (neuromuscular junctions), dMiro-/- null larvae 

have impaired mitochondrial motility108. Interestingly, in MEFs (mouse embryonic fibroblasts), 

Miro1 knockout severely impairs mitochondrial trafficking, compared to Miro2 knockouts which 
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showed minimal effects. The relationship between Miro1 and Miro2 is further complicated, as loss 

of Miro1 and Miro2 have a less severe phenotype than just loss of Miro1, suggesting antagonistic 

effects of Miro on mitochondrial trafficking109. 

 Mitochondrial dissociation from motor proteins is largely controlled by the two calcium 

sensing domains of Miro (EF-hands) and mutations within these domains prevent calcium-

dependent halting of mitochondria110. In addition to Miro, recent studies in C. elegans have shown 

that RIC7 localizes to axonal mitochondria, trafficked in the anterograde direction111. Interestingly, 

RIC-7 has no known mammalian homologs but is absolutely required for anterograde trafficking 

in a Kinesin1 dependent manner in worms. Although RIC7 has no homologs in vertebrates, it 

would be insightful to identify how RIC7 evolutionary diverged to better mechanisms regulating 

mitochondrial trafficking. 

 While the Miro/TRAK complex ensures that mitochondria are marked for trafficking, 

preferential interactions between TRAK-Kinesin (primarily anterograde) or TRAK-Dynein 

(retrograde) are formed to ensure that mitochondria are trafficked in the correct directions. In non-

neuronal cells (HEK293), wildtype overexpression of Miro1 sufficiently recruits TRAK1 to 

mitochondria, providing insight into the role of Miro1/TRAK complex in regulating mitochondrial 

transport110,112. The functional importance of TRAK in mediating mitochondrial trafficking is 

further supported by mutations in Drosophila, where loss of milton (Drosophila TRAK ortholog) 

causes mitochondria to stall in the cell body113. Furthermore, mutations in milton prevents KHC 

(Kinesin heavy chain) localization in photoreceptors, impairing compound eye development114. In 

mouse hippocampal neurons, TRAK1 preferentially binds Kif5b localizing to axons, driving 

anterograde transport; while TRAK2 preferentially associates with dynein/dynactin in dendrites to 

promote retrograde transport. Loss of TRAK1 significantly impairs axon but enhances dendrite 
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development; whilst loss of TRAK2 enhances axon but impairs dendrite. This specificity is 

conferred by differences in the TRAK N-terminus. TRAK conformational changes (open vs 

autoinhibited states) regulate motor accessibility, but the TRAK1 vs TRAK2 preference itself is 

not solely due to TRAK2’s N-terminus being “hidden”115. TRAK complexes can further confer 

specificity in mitochondrial transport. For example, Optn (Optineurin) has shown to connect the 

C-terminus of the Kif1b motor to TRAK1 during anterograde transport, and loss of this domain 

significantly impairs anterograde trafficking4. 

 In contrast to Kinesins and Dyneins, Myosins regulate actin-based transport. Myo (Myosins) 

are a family of ATP-dependent motor proteins involved in both antero- and retrograde 

mitochondrial transport. In Drosophila embryos, MyoV (Myosin 5) knockout increases 

bidirectional trafficking, while MyoVI (Myosin 6) knockout increases retrograde trafficking 

only116. Additionally, Myo19, which exclusively associates with mitochondria has been shown to 

play a critical role in actin-dependent transport117. Miro1/2 serve as recruitment platforms for 

Myo19, by recruiting and stabilizing Myo19 on the OMM, providing evidence that Miro links 

organelle positioning to actin-based motility109. These studies highlight the critical role of motor 

proteins in regulating mitochondrial transport. 

 In addition to the established regulators that directly attach motor proteins to mitochondria, 

many non-transport related genes further regulate mitochondrial dynamics. In Drosophila larval 

segmental nerves, loss of mitochondrial fusion or fission machinery via Marf or Opa1 RNAi 

reduces distal mitochondrial distribution in NMJs (neuromuscular junctions)118. Furthermore, 

several other genes that regulate mitochondrial function also influence dynamics: In zebrafish 

peripheral neurons, expressing PGC-1α (transcriptional coactivator of mitochondrial biogenesis) 

enhances mitochondrial motility119; in rat hippocampal axons, Pink1 or Parkin overexpression 
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reduces mitochondrial motility, with Pink1-Parkin acting synergistically120; and in mouse striatal 

neurons, Foxp1 haploinsufficiency decreases mitochondrial trafficking and alters dendrite 

morphology121. In mammalian cell culture, Drp1 controls mitochondrial motility and loss of 

GTPase activity via Drp1.K38A disrupts mitochondrial distribution in COS-7 cells122. While 

motor proteins and their adaptors serve as the primary regulators of mitochondrial trafficking, 

mitochondrial trafficking is sensitive to alterations in mitochondrial homeostasis such as 

morphology and metabolism123,124. 

 

Mitochondrial tethering: staying put 

 Proper mitochondrial localization is imperative for regulating cell homeostasis. In mature 

neurons, mitochondria are primarily stable, ensuring that ATP is abundant across different 

subcellular compartments. Mitochondria are primarily stabilized through mitochondrial-

microtubule anchoring. One well studied protein is Snph (Syntaphilin), a mammalian specific, 

neuronal protein that acts as a docking receptor at the interface of mitochondria and microtubules. 

Snph exists as a single gene but confers functional specificity through its N- and C-terminal 

domains. For example, previous studies have shown that the N-terminus of Snph is necessary and 

sufficient to induce mitochondrial-microtubule anchoring while the C-terminus is required for 

Snph localization to mitochondria125. Moreover, Snph is required to immobilize mitochondria 

following KCl-induced depolarization and disrupting Kif5-Snph interactions prevent activity-

dependent mitochondrial arrest126. 

 In contrast to mitochondria-microtubule tethering, mitochondria are anchored to actin 

filaments and other organelles. For example, mitochondria are anchored to VAPs (vesicle-

associated membrane proteins) in dendrites which ensures local energy synthesis and calcium 
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buffering127. In yeast, RHOT1 (Miro) localizes to ERMES (ER–mitochondria encounter 

structures, also known as MERCS, ER-mitochondria contact sites in mammals and other 

eukaryotes), where it regulates the number and size of tethering sites128. Several ER–mitochondria 

tethering proteins have been shown to promote MERCS, including PDZD8 (PDZ domain 

containing 8)129 and Grp75 (glucose-regulated protein 75), which couples IP3R (inositol 1,4,5-

trisphosphate receptor) on the ER to VDAC1 (voltage-dependent anion channel 1) on the OMM 

(outer mitochondrial membrane)5. In the mouse hippocampus, overexpression of Alex3 (armcx, 

armadillo repeating containing X-linked protein 3) results in perinuclear mitochondrial tethering, 

without affecting calcium buffering capacity or oxygen consumption, highlighting that some 

proteins can strictly act to regulate mitochondrial trafficking130. Together, these findings highlight 

the complex interplay of mitochondrial tethering and how control of these processes occur at the 

cytoskeletal and organelle levels to regulate cellular homeostasis129,131. 

 

Mitochondrial Morphology: size doesn’t mean everything 

Overview 

 At the most fundamental level, mitochondrial morphology is controlled by a meticulous 

balance between the fusion and fission machinery. Mitochondrial fusion is the process which 

combines two individual organelles into a single organelle. This process is critical for preserving 

mtDNA (mitochondrial DNA)132, regulating ATP production133, and preventing organelle 

dysfunction (as reviewed here134). In contrast, mitochondrial fission splits a single mitochondrion 

into several smaller mitochondria, a regulatory process to remove damaged mitochondria and/or 

increase trafficking to satisfy energetic demands. Due to the importance of mitochondria in 

regulating cell homeostasis, changes in mitochondrial morphology have imperative consequences 
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on the cell, and directly impact mitochondrial’s ability to generate ATP consequences on the 

cell135. Consistent with this, we find that dendrite injury induces complete and rapid mitochondrial 

contraction, which is highly localized to the injured branch, illustrating how acute stress can trigger 

immediate structural remodeling of mitochondria in vivo. 

 

Fusing for function 

 The balance between mitochondrial fusion and fission is largely governed by a well-

characterized set of dynamin-related GTPases. On the fusion side, Mitofusins (encoded by Mfn1 

and Mfn2) localize to the outer membrane to form homotypic (Mfn1-Mfn1 or Mfn2-Mfn2) and 

heterotypic (Mfn1-Mfn2) complexes, while fusion of the IMM (inner mitochondrial membrane) is 

controlled by Opa1 (optic atrophy 1) and its proteases Oma1 (overload-mandatory activity 1) and 

Yme1l1 (Yme1 like 1 ATPase). In C. elegans, mutations in fzo-1 (mammalian Mfn1/2 ortholog) 

and eat-3 (mammalian Opa1 ortholog) causes mitochondrial fragmentation136,137. Similarly in 

Drosophila, loss of Opa1 or Marf (drosophila ortholog of Mfn1/2) also causes mitochondrial 

fragmentation in vitro and in vivo118,138, demonstrating the conserved function of Opa1 and Mfns 

in regulating mitochondrial fusion. Opa1 is highly alternatively spliced139, the alternative 

transcripts confer specificity in signaling cascades (i.e. the release of cytochrome C in 

vertebrates140) and in Oma1 and Yme1l1 protease activity139–142. Opa1 comes in two distinct 

protein isoforms, and its proteolytic activity is dependent on its GTPase domain. The long isoform 

of Opa1 (l-Opa1) is unprocessed, inactive, and contains the N-terminal transmembrane anchored 

tail and the short isoform s-Opa1 lacks its transmembrane anchoring tail, causing it to be active. 

Loss of Yme1l1 prevents Opa1 cleavage at S2143, resulting in the l-Opa1 transcript. Interestingly, 

loss of Oma1 does not affect Opa1 protease cleavage at S1 (encoded by exon 5) nor does it alter 
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mitochondrial morphology144, under basal conditions. However, under pathological conditions 

Oma1 protease is required for S1 cleavage145, which induces mitochondrial fragmentation and 

fission. Finally, in the mouse brainstem (pons and medulla), Parkin and Oma1 mediate excessive 

fusion with age, suggesting age-dependent rewiring of the fusion machinery146. 

 

Mitochondrial fission: breaking apart 

 In contrast, fission is orchestrated by Drp1 (Dynamin related protein-1, also known as 

DNM1L), a highly conserved dynamin related superfamily of proteins. Drp1 is the master 

regulator of mitochondrial fission: it contains several domains, including the main GTPase binding 

domain (which regulates hydrolysis), middle stalk, variable effector domain147 (confers lipid 

sensing), and GTPase effector domain. Drp1 is localized cytosolically and GTPase activation 

causes Drp1 recruitment to the OMM mediated by adaptor proteins91,148. Mutations in any of these 

critical domains impairs Drp1 function and disrupts mitochondrial homeostasis some of which are 

listed below. 

 Amongst these adaptors, Fis1 (mitochondrial fission factor-1, Mff in flies), MiD49 and MiD51 

(also known as Mief, Mitochondrial elongation factor) play particularly important roles in 

recruiting Drp1 to the OMM149. Mutations in these adaptors prevents Drp1 recruitment to the 

OMM, resulting in mitochondrial elongation92. For example, deletion of Fis1 in mouse pyramidal 

neurons reduces the frequency of mitochondrial fission, resulting in elongated axonal 

mitochondria85. In contrast, loss of MiD49 or MiD51 prevents their localization to the OMM and 

subsequently Drp1 recruitment, resulting in abnormal mitochondrial elongation91. Mechanistic 

studies have shown that MiD49 directly recruits Drp1 to the OMM to promote Drp1-mediated 

scission150. Furthermore, human patients with mutations in MiD49 (which present with 
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neuromuscular degeneration) have abnormally elongated mitochondria21. Together, these studies 

establish the “core” machinery of mitochondrial fusion and fission. 

 

Mitochondrial metabolism: metabolic masters of the cell 

 While fusion and fission are necessary processes for regulating mitochondrial morphology in 

all cells, differences in energetic demands further tune mitochondrial morphology151. In the 

hippocampus for instance, mitochondria display striking heterogeneity as opposed to mitochondria 

in the dentate gyrus and CA1 (hippocampal CA1 region); which house larger and more complex 

mitochondria than those in less active regions. Within the dentate gyrus, dendritic mitochondria 

contribute the greatest relative volume compared to mitochondria in axons or the somata152. Even 

within individual CA1 neurons, apical tuft dendrites display a higher mitochondrial area-dendrite 

length ratio compared to basal dendrites, highlighting compartment-specific differences even 

within the cell. Electrical activity itself plays a crucial role in regulating mitochondrial morphology 

at the cellular and organelle level. For example, when the neuron’s resting membrane potential is 

decreased by overexpressing KCNJ2 (potassium inwardly rectifying channel subfamily J member 

2), mitochondria become abnormally elongated153, suggesting that activity dependent signaling 

promotes small mitochondria. In contrast, directly depolarizing mitochondria can change their 

morphology. In U2OS cells, mitochondrial depolarization (CCCP treatment) causes mitochondria 

to transition into donut-like structures, an effect blocked by inhibiting actin polymerization with 

latrunculin A or cytochalasin D154. In H9c2 cardiomyoblasts, loss of inner membrane potential 

impairs mitochondrial fusion155. In MEFs and H9c2 cells, mitochondrial depolarization coincides 

with transient mitochondrial contraction. Interestingly, loss of OPA1 (involved in fusion) blocks 

mitochondrial depolarization without affecting transient contraction, providing evidence that 
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bioenergetics and mitochondrial morphology may occasionally be uncoupled156. Altogether, these 

activity-dependent effects parallel our observation that neuronal depolarization increases the 

number of small mitochondria; whereas in our studies hyperpolarizing neurons via KCNJ2 

suppresses the contraction normally triggered by injury, suggesting that membrane potential of the 

cell plays a significant role in regulating mitochondrial morphology. 

 

Moving beyond transport: non-canonical regulators of mitochondrial morphology 

 Mitochondria are tightly coupled to the microtubule network via motor proteins, which not 

only drives their transport but also influences fission and fusion. Research in yeast demonstrated 

that KLPs (Kinesin like proteins) regulate microtubule length; where Klp5 and Klp6 promote 

microtubule catastrophe while Klp4 promotes polarized growth at plus-ends. Furthermore, the loss 

of Klp5 or Klp6 extends microtubule bundles and elongates mitochondria. In contrast, loss of Klp4 

shortens microtubules, resulting in smaller and more abundant mitochondria157. These changes in 

mitochondrial morphology are explained by shifts in fusion and fission frequency, where shorter 

microtubules are associated with increased mitochondrial fission. Because dendrite injury induces 

rapid cytoskeletal reorganization, these microtubule-dependent effects may possibly be involved 

in injury induced mitochondrial shape changes. These findings emphasize that microtubule 

polarity, length, and stability feed directly into regulating mitochondrial shape157. In addition to 

the influence that motor proteins have in mitochondrial morphology, cytoskeletal proteins can also 

influence the canonical fusion-fission machinery. In Drosophila neurons, loss of zipper and 

spaghetti squash (MyoII orthologs) prevents Drp1 from localizing to mitochondria and thus 

increasing mitochondrial length, an effect that is phenocopied by stabilizing actin. Furthermore, 

expression of pathological human tau also elongates mitochondria by preventing Drp1 localization 
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to the OMM158. These findings suggest microtubule dynamics indirectly regulates Drp1 to regulate 

mitochondrial morphology. Such sensitivity of mitochondrial shape to cytoskeletal conditions 

aligns with the spatially restricted contraction we observed near the dendrotomy site. In HeLa 

cells, the immunophilin Ppd1 (also known as FKBP52, primarily cytoplasmic and nuclear, but also 

localized to microtubules) prevents Drp1 from interacting with CypA (cyclophilin A) and 

calcineurin, inhibiting fission induced by depolarization159. 

 Although Miro is primarily involved in mitochondrial trafficking, Miro has also been shown 

to tune the balance between fusion and fission. In mammalian systems, double knockout of 

Miro1/2 in mouse embryonic fibroblasts results in punctate, less elongated mitochondria109. 

Furthermore, mutations in Miro1’s (R272Q) first calcium sensing domain increases punctate 

mitochondria160 and mutations in other calcium sensing domains of Miro1 prevents MiST 

(Mitochondrial Shape Transition) induced by cytoplasmic calcium influx161. In Drosophila flight 

muscles, Vimar (mammalian ortholog for Rap1 GTPase-GDP dissociation stimulator, 

RAP1GDS1) interacts with Miro to regulate mitochondrial fission, and knocking out Vimar 

decreases mitochondrial length162. These studies provide a glimpse into the complex interplay 

between mitochondrial proteins and mitochondrial dynamics; many proteins that have well 

established roles in regulating one aspect of mitochondrial biology, often influence a secondary 

aspect, highlighting the intricacies of mitochondrial biology. 

 

Mitochondrial contact sites: linked by membranes 

 Mitochondria rarely act alone in the cell. In addition to the fusion and fission machinery other 

linked interactions also regulate mitochondrial morphology. These interactions include physical 

contacts with membranes (MAMs, mitochondrial associated membranes) such as lysosomes 
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(MLCs, mitochondrial lysosome contact sites), peroxisomes, and endoplasmic reticulum 

(MERCS, mitochondrial endoplasmic reticulum contact sites). In both MEFs and HeLa cells, the 

ER membrane protein PDZD8 forms a complex with FKBP8 which localizes to mitochondria. 

Overexpression of FKBP8 is sufficient to recruit endogenous PDZD8. While overexpressing 

FKBP8 increases MERCS, mitochondrial complexity is decreased. This study suggests that the 

FKBP8-PDZD8 complex have opposing roles in regulating mitochondrial morphology. FKBP8 

overexpression promotes excessive ER-mitochondria tethering, thus inhibiting complexity while 

PDZD8 overexpression suppresses FKBP8 activity resulting in more complex mitochondria163. 

Another gene known to regulate mitochondrial morphology through MERCS interaction is Arl6ip1 

(ADP-ribosylation factor-like 6 interaction protein 1). Arl6ip1 is a transmembrane protein that 

primarily localizes to the cytoplasm and its knockdown reduces MERCS and impaired 

mitochondrial fission resulting in mitochondrial elongation. Interestingly, Drp1 overexpression 

rescues mitochondrial elongation in Arl6ip1 KO animals, suggesting that Drp1 and Arl6ip1 operate 

in the same molecular pathway but are functionally antagonistic164. Given that dendrite injury 

represents a localized stress event, MERCS-dependent regulation of Drp1 activity may contribute 

to the rapid mitochondrial contraction we observe after injury. Another study found that 

mitochondria-lysosome contacts localize to ER and Drp1 positive fission hotspots regulated via 

RAB7-mediated GTP hydrolysis165. Given that mito-lysosome contacts with the ER regulates 

Drp1 hotspots, whether ER-lysosome contacts play a role in injury-induced contraction requires 

further investigation. 

 MERCS also play a role in stress induced changes in mitochondrial morphology. For example, 

the phosphatase PGAM5 accumulates at MERCS upon stress activation to suppress Drp1-

mediated fission and to upregulate Mfn2-mediated fusion166. Mitochondria-peroxisome crosstalk 
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contributes to mitochondrial morphology as well. For example, deletion of Pex3 or Pex5 

(peroxisome biogenesis factor 3, -5) results in highly fragmented mitochondria, suggesting that 

peroxisomes closely interact with mitochondria to control mitochondrial morphology167. 

Additionally, loss of Acbd5 (acetyl CoA binding domain 5) –which is involved in peroxisome 

autophagy—results in mitochondrial elongation168. These studies highlight the importance of 

MAMs in regulating mitochondrial shape. 

 

Reactive oxygen species: ROS regulators of morphology 

 Lastly, redox signaling is another known mechanism that regulates mitochondrial morphology. 

During OXPHOS (oxidative phosphorylation), mitochondria generate reactive oxygen species 

(ROS) such as O₂- (superoxide anion) and its derivative H₂O₂ (hydrogen peroxide). These species 

are detoxified in a stepwise manner. First, SODs (superoxide dismutase 1 (matrix), -2 

(intermembrane space and cytosol)) convert O2
- to H2O2, while GPXs (glutathione peroxidases) 

reduce H2O2 to H2O; and GSTs (glutathione S-transferases) conjugate glutathione to secondary 

oxidative products, limiting downstream cellular damage. Mutations in drosophila gfzf (GST), 

results in abnormally elongated axonal mitochondria, suggesting that redox signaling is involved 

in tuning mitochondrial fusion and fission113. In zebrafish, overexpression of the transcriptional 

coactivator PGC-1α (in humans PPARGC1A, known as the master regulator of mitochondrial 

biogenesis) increases axonal mitochondrial length, motility, density while decreasing ROS119. In 

mammalian cancer cells, Myo19 knockout reduces cristae frequency and membrane potential, 

while epidermal expression of NIX induces fragmentation during differentiation. Blocking 

fragmentation by inhibiting Drp1 prevents differentiation, while premature NIX expression 

induces early differentiation, tying mitochondrial remodeling directly to developmental 
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programs169,170. Although we have not yet determined whether ROS contributes to injury-induced 

contraction, the strong ROS-morphology link observed in other systems suggests that local redox 

shifts at the injury site could tune Drp1-dependent remodeling we observed following dendrite 

injury. 

 Taken together, these findings demonstrate that while Mitofusins, Opa1 (and its proteases), 

Drp1 (and its adaptors) account for the core fusion and fission machinery, the regulation of 

morphology is far more intricate. Cytoskeletal interactions, proteolytic regulation, and inter-

organelle contacts further refine mitochondrial morphology to satisfy energetic demands of the 

cell. Additionally, less well-studied proteins such as NIX, Arl6ip1, Pdzd8, and slc-25A46 provide 

fresh perspectives on how mitochondrial shapes are dynamic in response to developmental, 

metabolic, or stress signals. 

 

Central Controllers of Ion Flow 

Overview 

 Accurate measurement of mitochondrial Ca2+ remains technically challenging due to several 

reasons: 1) GECIs (genetically encoded calcium indicators) have non-linear responses in high 

levels matrix environment, 2) dyes and genetically encoded calcium reporters perturb normal 

physiology, 3) these reporters are highly dependent on detectable differences in mitochondrial 

volume and impacted by mitochondrial morphology, and 4) the inability to capture fast, localized 

Ca2+
 microevents relevant for signaling. Moreover, changes in mitochondrial morphology—such 

as fusion, fission, or injury-evoked remodeling can alter matrix volume and optical properties, 

complicating interpretation of observed Ca2+ signals. These methodological caveats underscore the 

importance of contextualizing mitochondrial Ca2+ measurements within the dynamic structural 
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state of mitochondria. However, there has been a significant advancement in our understanding of 

how Ca2+ and other ions are regulated by mitochondria and their importance in intracellular 

signaling cascades. 

 

Gatekeepers of calcium: from calcium to catabolism 

 Mitochondrial Ca2+ flux acts as the central node for ion homeostasis. While mitochondria 

control the flow of many ions, each of these ions ultimately converge onto shifts in Ca2+ 

homeostasis within the cell and in organelles. Mitochondrial calcium regulates many biological 

processes including ATP production171, respiration172, and oxidative metabolism (as reviewed here 

173). Early evidence in lower vertebrates demonstrated that mitochondria and cytoplasmic calcium 

signaling are tightly synchronized. In muscle fibers of adult bullfrogs, depolarization induced by 

extracellular potassium, robustly increased mitochondrial calcium uptake, providing evidence that 

mitochondria act as Ca2+ sinks when calcium is elevated beyond basal levels174. 

 Early observations in mitochondria isolated from rat kidneys (1960’s) were critical in 

identifying uniporter activity of mitochondria175,176 which created the foundation for mechanistic 

discovery of the MCU66,67,177 (mitochondrial calcium uniporter) and MICU178,179 (essential MCU 

regulator, EMRE in invertebrates) in the early 2000’s. In Drosophila, the EMRE is required for 

calcium entry into mitochondria180. MCU and MICU function unidirectionally, only permitting 

mitochondrial Ca2+ influx. In addition to increases in cytoplasmic Ca2+, interactions between 

mitochondria and other organelles, like the endoplasmic reticulum, further regulates intracellular 

Ca2+ homeostasis. For example, loss of MERCS in fly dopaminergic neurons impairs calcium 

buffering and causing calcium overload in the cell181. Whilst Miro is predominantly involved in 

mitochondrial trafficking its functional domains are imperative for buffering calcium when 
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intracellular levels increase160. However, Miro overexpression causes calcium overload in 

mitochondria resulting in bouton defects in the NMJ, highlighting that mitochondrial calcium 

buffering is precisely controlled. Interestingly, Pink1 mutants, display abnormally high levels of 

mitochondrial calcium, which is attenuated by downregulating Miro. This Miro-dependent 

calcium signaling regulates both mitochondrial morphology and synaptic morphogenesis at the 

NMJ, in a pathway that operates independently of the canonical fusion/fission machinery181. 

Furthermore, changes in mitochondrial morphology via loss of Drp1 increases mitochondrial 

calcium buffering and subsequently cell death182. Whether loss of Drp1 activity affects injury 

induced mitochondrial calcium buffering in our studies requires further. While long mitochondria 

are associated with increased ATP production151, it is possible that injury-induced mitochondrial 

contraction is a protective mechanism to limit mtROS production, by decreasing ATP production, 

thereby preserving mitochondrial integrity. Lastly, there is an increasing amount of evidence that 

calcium buffering capacity is decreased in neurological diseases like Huntington’s disease183,184, 

Alzheimer’s disease184–186, and Parkinson’s disease181,184,187. However, increasing the capacity of 

mitochondrial calcium buffering can alleviate symptoms observed in these diseases181,184,186,188.  

 In mammalian neurons, the interplay between MERCS and calcium signaling is crucial for 

synaptic physiology. PDZD8, an ER-resident tether, is required for calcium transfer to 

mitochondria. Knockout of PDZD8 impairs mitochondrial calcium influx and increases Ca2+ 

retention in the ER and subsequently disrupts calcium dynamics in dendrites129. Similarly, 

overexpression of the chaperone Grp75 (Glucose-regulated protein 75) in primary hippocampal 

neurons enhances mitochondrial calcium uptake via MERCS and increases both cytosolic and 

mitochondrial ATP levels5, providing evidence that ER–mitochondria calcium handling is crucial 

for energetic homeostasis. Because injury-induced mitochondrial contraction occurs within a 
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spatially restricted domain near the dendrite injury site, MERCS-dependent calcium transfer may 

help facilitate where injury-induced contraction occurs. 

 Mitochondrial calcium buffering is also influenced by canonical fission/fusion proteins. In 

mouse cortical pyramidal neurons, loss of the fission factor Mff increases mitochondrial calcium 

uptake, without compromising mitochondrial membrane potential or ATP synthesis. Using shRNA 

against Mff produces a similar effect, again increasing mitochondrial calcium uptake without 

altering their ability to generate ATP or affecting membrane potential85. Furthermore, Mfn2 KO in 

C2C12 muscle cells increases calcium retention, decreases buffering capacity, and induces 

mitochondrial fragmentation189 emphasizing the complex interplay between calcium buffering and 

mitochondrial morphology. In our system, dendrite injury rapidly elevates mitochondrial calcium 

levels which coincides with a robust, Drp1-dependent mitochondrial contraction. Although the 

presence of injury-induced mitochondrial calcium influx is insufficient to drive contraction, the 

threshold of mitochondrial calcium may likely be involved in regulating contraction, as we 

observed different levels of mitochondrial calcium influx in contracting mitochondria. 

 

Magnesium matters: messengers for mitochondria 

 In addition to regulating Ca2+ homeostasis, mitochondria also regulate several other ions across 

the periodic table of life. The regulation and release of these ions are critical for cellular signaling 

cascades. 

 Mitochondrial magnesium (Mg2+) homeostasis is primarily regulated by the Mrs2 

(mitochondrial RNA splicing 2) channel, which resides in the IMM. Mrs2, originally identified in 

genetic screens in yeast as a factor required for mitochondrial RNA splicing, was later redefined 

as the major Mg2+ transporter in mitochondria73,74,190,191. Functional studies have shown that loss 
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of Mrs2 markedly reduces mitochondrial Mg2+ influx, whereas overexpression significantly 

increases Mg2+ uptake, establishing its central role in Mg2+ regulation190. 

 The physiological consequences of altered Mg2+ availability can influence neuronal function 

and plasticity. For example, extracellular increase in Mg2+ has been shown to amplify NMDA-

triggered phospho-CREB (cAMP response element-binding factor), a feature of long term learning 

and memory formation192. In contrast, magnesium supplementation is capable of alleviating 

neurotoxin-induced apoptosis and promote autophagy, highlighting its neuroprotective capacity 

under stress conditions193. Extending these findings, studies in human SH-SY5Y cells revealed 

that magnesium supplementation prevents neurotoxicity by reducing excessive mitochondrial 

activity, dampening the metabolic payload, and subsequently promoting cell survival193,194. 

Together, these findings provide direct evidence that mitochondrial Mg2+ homeostasis, is a 

regulator of cell survival and implicating mitochondrial Mg2+ acts as a signaling. This growing 

body of research is exciting and with a refreshing opportunity to develop novel therapeutics for 

neurological diseases. 

 

Power in potassium 

 The existence of ATP-sensitive mitochondrial potassium channels was first provided at the 

functional level by Inoue and colleagues195, who patch clamped mitoplasts (mitochondria stripped 

of their outer membrane) to reveal a selective K+ channel located in the inner mitochondrial 

membrane. They showed that the activity of this channel was coupled with free ATP and that 

blocking ATP availability impaired K+ influx into mitochondria. Nearly three decades later, the 

molecular identity of the K+ channel complex was elucidated. Paggio et al. defined the pore-

forming subunit as CCDC51 (renamed MITOK) and ABCB8 (ATP-binding cassette subfamily B 
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member 8, renamed MITOSUR) as the associated ATP-binding regulatory subunit196. Together, 

these proteins constitute the mitoKATP complex. 

 Studies aimed at understanding how mitochondria regulate potassium and subsequently 

cellular signaling were already being conducted, prior to the characterization of mitoKATP. The 

effects of mitochondrial K+ regulation on cell homeostasis is currently being elucidated and will 

provide insight into K+ (mis)handling during disease. 

 

Forging signals with iron 

 Fe2+ is indispensable for cellular function, yet potentially toxic if unregulated. To balance these 

opposing properties, eukaryotic cells employ IRPs (iron regulatory proteins), which bind to IREs 

(iron response elements) located in the untranslated regions of mRNAs encoding iron metabolism 

factors. This post-transcriptional regulatory system ensures that iron uptake, storage, and 

utilization are meticulously integrated into the cell. Amongst its many targets are mitochondrial 

proteins, highlighting the intimate link between cytosolic iron sensing and iron homeostasis. 

 Mitochondria are the primary site for both heme biosynthesis and iron–sulfur (Fe–S) cluster 

assembly, a process that require a dedicated iron import pathway. Early studies in yeast 

demonstrated that Fe2+ uptake across the IMM is driven by the mitochondrial membrane potential, 

not by ATP hydrolysis because Fe2+ transport persisted even when ATP synthase was inhibited by 

oligomycin197. Genetic evidence further uncovered that loss of YFH1 (the yeast homolog of 

mammalian frataxin, Fxn) leads to profound Fe2+ accumulation in mitochondria, reflecting 

impaired iron clustering and delivery. Importantly, this phenotype was attenuated by deletion of 

Mrs3 and Mrs4, mitochondrial carrier family proteins responsible for iron uptake198. These 

findings established Mrs3/4 as essential iron importers and revealed how fxn deficiency perturbs 
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Fe2+ handling. 

 In vertebrates, the functional counterparts of Mrs3/4 are the mitoferrins. Mitoferrin-1 

(Mfrn1/SLC25A37) was first identified in zebrafish, where its loss dramatically reduced 

mitochondrial Fe2+ uptake in hematopoietic cells, leading to impaired erythropoiesis199. 

Mitoferrin2 (Mfrn2/SLC25A28), expressed more broadly across tissues including brain, provides 

basal Fe2+ uptake outside the erythroid lineage200. Interestingly, Mfrn1, but not Mfrn2 

overexpression rescued developmental defects in frs (frascati, member of the mitochondrial solute 

carrier 25, SLC25) mutant zebrafish, suggesting that Mfrn1 and Mrfn2 function non-

redundantly199. Mrfn specificity is further conferred by its interaction with other proteins. For 

example, ABCB10 (ATP-binding cassette subfamily B member 10) was shown to selectively 

stabilize Mfrn1, ensuring its stability and function in Fe2+ import201. 

 Beyond serving as a crucial substrate for mitochondrial energy metabolism, Fe2+ also acts as a 

signaling cofactor, similar to Mg2+. For instance, iron supplementation enhances long-term 

potentiation (LTP), stimulates phosphoERK1/2, and promotes protein translocation into the 

nucleus. At the same time, extracellular iron entering the cytosolic labile iron pool (LIP) generates 

reactive oxygen species (ROS), illustrating the dual role of Fe2+ as both a signal potentiator and a 

source of oxidative stress202. 

 Taken together, mitochondrial iron carriers, exporter, and their stabilizers form a coordinated 

system that integrates iron uptake with mitochondrial metabolism and neuronal signaling. At the 

cellular level, this ensures that neurons maintain Fe2+ in a range that supports growth, synaptic 

plasticity, and survival, while avoiding the deleterious effects of iron toxicity. 

 

The sodium switch: a central regulator of ion homeostasis 
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 Ca2+ handling represents one of the most fundamental roles of mitochondria in neurons. 

Mechanistic insights into Na+/Ca2+ came from early investigations in mitochondria isolated from 

rat hearts demonstrating that abundant extracellular Na+ directly upregulated calcium expulsion 

from mitochondria, establishing the principle of sodium–calcium coupling203. Ca2+ enters the 

matrix through the MCU complex and can be extruded through the Na+/Ca2+ exchanger (called the 

NCLX, encoded by SLC8B1)204. This tight coupling is evident in neurons, where electrical 

stimulation leads to rapid mitochondrial-Ca2+ buffering. However, in neurons that express a SNV 

(single nucleotide variant) associated with mental retardation, NCLXP367S, mitochondrial calcium 

efflux is significantly decreased and LTP (long term potentiation) is absent205. These findings 

suggest that even though calcium can enter mitochondria, its Na+-mediated expulsion is critically 

just as important. Indeed, when sodium entry is compromised, calcium cannot be expelled 

efficiently, leading to mito-calcium overload, protein aggregation, cognitive decline, and 

subsequently neurodegeneration188. This sodium dependent Ca2+ exchange is essential for 

preventing calcium overload while permitting Ca2+-mediated signaling cascades. Recently, 

however, the crystal structure of NCLX has been resolved, revealing that the NCLX antiporter 

preferentially regulates Ca2+/H+
 exchange, not Ca2+/Na2+ in mitochondria206. 

 In addition to Na⁺/Ca²⁺ exchange, mitochondria also express Na⁺/H⁺ antiporters on the IMM. 

The earliest evidence of Na+/H+ exchange was based on observations of mitochondrial swelling 

extracted from beef hearts, which is known to be a Na+/H+ and/or K+/H+ dependent process207. 

Following these observations, Nha2 (Nhe6, in mammals) was identified as essential for mediating 

Na+/H+ exchange, as its deletion or inhibition caused decreased Na+ uptake into mitochondria208. 

Recent work has demonstrated that CI (Complex I) of the ETC (electron transport chain) functions 

as a mitochondria-specific Na⁺/H⁺ exchanger (mNHE), and loss of CI activity impairs Na⁺/H⁺ 
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pumping despite preserved membrane potential at CII and CIV, highlighting a dedicated sodium–

proton exchange at CI209. Although it is obvious that sodium mediated ion exchange (Ca2+, H+) is 

a critical regulator of mitochondrial homeostasis, the consequences of impaired Na+/H+ antiporter 

activity has yet to be directly assessed in relation to neuronal function and will be crucial for 

identifying if such mutations are associated with diseases. 

 Mitochondrial ion flux is a central regulator of cellular homeostasis, Ca2+ is rapidly buffered 

by mitochondria which stimulates pyruvate dehydrogenase210, subsequently boosting the Krebs 

cycle211,212. While Ca2+
 is a critical regulator of ATP production, the constant upregulation of 

mitochondrial calcium is detrimental for the cell, as constant upregulation can lead to deleterious 

effects such as apoptosis213. Therefore, the proper regulation of Ca2+ into mitochondria is crucial 

for both providing energy for the cell and as a universal currency which is exchanged for other 

ions to activate specific signaling cascades. When mitochondria are incapable of exchanging Ca2+
 

for others, cellular homeostasis becomes awry and downstream signaling cascades become 

abnormal. 

 

Redox and renewal: a little ROS goes a long way 

 Although ROS (reactive oxygen species) were once viewed exclusively as harmful byproducts 

of metabolism that drive cellular damage, especially in aging (free radical theory of aging), this 

notion has largely been dismissed, as ROS are increasingly recognized as signaling molecules that 

directly regulate cell-cycle progression and developmental programs. During mitosis in 

mammalian cells, mtROS (mitochondrial ROS) upregulates p-CDK2 enabling cell-cycle 

progression through S-phase and promoting DNA replication214. ROS act as redox switches, they 

tune enzymatic activity of serine/threonine kinases through reversible oxidation. Loss of redox-
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sensitive cysteine residues alters the timing of specific mitotic phases, highlighting the importance 

of ROS in orchestrating cell cycle215. 

 The developmental roles of mtROS extend beyond proliferation to neuronal lineage 

specification. In neural stem cells, mitochondrial morphology calibrates neuronal identity through 

differences by tuning ROS production. The presence of long tubular mitochondria is a feature of 

undifferentiated/uncommitted stem while committed progenitors exhibit distinct ROS profiles. 

Furthermore, altering mitochondrial fusion is sufficient to drive NSCs towards a biased fate. These 

findings demonstrate a direct link between mitochondrial dynamics, ROS signaling, and neural 

fate determination216. 

 In postmitotic neurons, mtROS continue to regulate structural development. At the Drosophila 

NMJ, neuronal activity induced by the temperature-sensitive channel dTrpA1 increases bouton 

number in a dose-dependent manner. Interestingly, activity induced ROS via dTrpA1 activation is 

amplified when SOD2 overexpressed, presumably by increasing the quantity of O2
- that is 

converted into H2O2
-, which provides insight into how different ROS signals regulate 

development. Furthermore, perturbations of mitochondrial redox buffering revealed that either 

SOD or Catalase knockdown, is sufficient to drive bouton complexity. Conversely, Catalase 

overexpression which scavenges H2O2
-, dampened activity-dependent bouton branching. These 

findings identify O2
- as a necessary substrate for H2O2

- synthesis which signals downstream to 

promote synaptogenesis217. 

 Excessive mtROS, however, can also compromise neuronal viability. In the ventral midbrain 

of mice, treatment with the Parkinsonian toxin MPP+ dose-dependently increased in H2O2
-. Under 

basal conditions, MPP+ increases H2O2
- without increasing cytochrome release. However, when 

combined with recombinant oligomeric Bax (BCL-2-associated X), the active form of the pro-
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apoptotic protein, cytochrome-C (a marker for cell death) is upregulated, providing a mechanistic 

link between mtROS and neurodegeneration218. Finally, mtROS has been shown to regulate 

organelle transport within neurons. In Drosophila larval motor neurons, exposure to the herbicide 

paraquat reduced both the distance and frequency of bidirectional mitochondrial trafficking along 

axons. Remarkably, this impairment was fully rescued by SOD2 but not SOD1 overexpression, 

suggesting that abundant O2
- disrupts axonal transport, and that mitochondrial redox balance is 

essential for subsequent downstream processes like mitochondrial trafficking219. 

 Together, these findings show that mtROS are not passive metabolic byproducts but active 

regulators of cell homeostasis. From governing mitotic checkpoints in neural progenitors, to fate 

specification and shaping neuronal complexity; mtROS serve as versatile redox signals. Their 

effects are finely tuned by both their abundance and their chemical identity, with H2O2
- often acting 

as a positive signaling molecule, while O- is a necessary intermediate in moderation but damaging 

in abundance. We are just now beginning to reconcile the ambiguity in ROS signaling. This 

balance underscores how mtROS integrates metabolic state with developmental programs and 

neuronal function across the lifespan. 

 

The Dispatcher of the Cell 

 Mitochondria regulate ion flux within the cell and between organelles, positioning themselves 

to match energetic demands in dynamic environments and sustain constant ATP production under 

stable conditions. Mitochondrial homeostasis is crucial for regulating efficient ATP production, 

and disruptions in one is unequivocally tied to disruptions in all dimensions. Several principles 

highlight this interdependence: (1) mitochondrial transport ensures proper ATP distribution, (2) 

ATP synthesis inherently generates reactive oxygen species (ROS), (3) ATP output is tightly 
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controlled by mitochondrial morphology, (4) morphology is shaped by ion flux, and (5) ion flux 

itself governs mitochondrial transport and ionic balance. Together, these processes form a tightly 

coupled circuit in which perturbation of any single variable propagates across the entire system, 

creating a self-sustaining feedback loop. Without intervention, the cycle reinforces itself: calcium 

influx drives transport arrest, morphology changes, and energetic stress, of which regulates each 

other directly or indirectly. 

 Whether this cycle resolves or persists depends on proper detection when processes become 

awry. Failure to correct the disturbance locks the system into a pathological state, which may cause 

irreversible damage due to dysregulated ion homeostasis, ROS accumulation, and energetic 

overdrive. Thus, mitochondria function not only as the battery of the cell, but also as central 

integrators of cell stress, with their feedback loops acting as pivotal decision points between 

cellular repair or collapse. 

 

Shape shifts under cell stress 

 Studies ranging from cultured in vitro mammalian cells to in vivo vertebrate systems converge 

on the conclusion that mitochondrial morphology, calcium buffering, and redox signaling regulate 

cellular responses to stress. These processes are directly influenced by changes in mitochondrial 

morphology, motility, mtROS production, and ion transport. 

 Some of the most critical insights come from observations visualizing mitochondrial 

morphology in cells under stress. For example, mitochondria become fragmented during apoptosis 

and blocking mitochondrial fragmentation by expressing Drp1.K38A (GTPase dead) increases cell 

survival by preventing downstream release of cytochrome c220,221. Notably, the pro-apoptotic 

regulator BAX222 is known to spatiotemporally accumulate at mitochondrial fission sites223, 
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suggesting that increased fission in mitochondria may activate apoptosis. This interpretation is 

further evidenced by literature examining mitochondria in post-mortem cortical samples of AD 

(Alzheimer’s disease) patients which present an increase in fragmented in mitochondria compared 

to non-AD patient samples. This fragmentation was shown to be directly caused by pathological 

aβ25-35 fragments (in humans and mice) which promotes SNO (S-nitrosylation, a type of PTM 

[post-translational modification]) of Drp1 through C644. Furthermore, loss of this PTM site in 

C644A protects against stress-induced mitochondrial fragmentation. These observations further 

support the idea that stress-induced changes in mitochondrial morphology may toggle a molecular 

switch to regulate cell survival and cell death224. These early studies served as foundational pillars 

linking mitochondrial morphology to apoptotic signaling. Understanding how mitochondrial 

morphology regulates apoptotic signaling, creates an opportunity to intercept the apoptotic 

signaling cascade before cellular damage becomes irreversible. 

 More recently, studies have shown that changes in mitochondrial morphology is directly linked 

to repair pathways. For example, injuring the plasma membrane causes mitochondrial 

fragmentation which is crucial for initiating the repair response. In myoblasts and non-muscle 

cells, focal membrane damage triggers mitochondrial calcium buffering225. Mitochondrial calcium 

uptake is known to upregulate ATP synthesis and subsequently O2
-
 production226. Inhibiting 

mitochondrial calcium uptake genetically (mcu mutant) or pharmacologically (sodium azide) 

inhibits mtROS production. These changes in mtROS are critical for repair: preventing mtROS 

production inhibits wound repair, while amplifying its production accelerates RhoA mediated F-

actin accumulation, and subsequently repair225. Complementary studies in mouse embryonic 

fibroblasts (MEFs) demonstrate that injury-induced shape changes in mitochondria is a 

determinant of repair. These shape changes are controlled by the master regulator of fission, Drp1 
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and MiD49 (Drp1’s adaptor) because mutations that impair either of their activity prevents WIMF 

(wound induced mitochondrial fragmentation) and repair21. More critically, mitochondria in Drp1 

knockout cells lose their capacity to buffer excessive calcium and even the addition of exogenous 

ROS cannot rescue repair. These findings highlight that WIMF and mitochondrial calcium 

buffering act synergistically to upregulate ROS, whereas bypassing these processes and directly 

upregulating ROS is not sufficient in driving repair21. Similarly, in embryonic day 7 chick DRGs 

(dorsal root ganglion neurons), injury induces mitochondrial fragmentation and requires the 

MCU227. Excessive mitochondrial calcium uptake is known to contribute to oxidative stress and 

subsequently apoptosis180, linking calcium uptake to mitochondrial dysfunction. More recently the 

effects of injury on mitochondrial morphology have been directly observed in human i3Neurons. 

Laser axotomy (axon injury) induces rapid mitochondrial calcium buffering and fragmentation, 

which is dependent on phosphorylation of Drp1 via DLK (Dual Leucine-Zipper Kinase)228. 

Interestingly, treating human i3Neurons with vincristine triggers mitochondrial ROS production, 

which drives axonal degeneration. Treatment with the Drp1 inhibitor mDivi1 mitigates ROS 

production and delays degeneration, illustrating a mechanistic link between mitochondrial 

division, oxidative stress, and neurodegeneration229. These in vitro studies have been crucial for 

establishing that mitochondrial morphology is highly sensitive to cellular stress across different 

cell types in various organisms. 

 In contrast, many of the previous in vitro findings have been successfully translated into in 

vivo models. These in vivo studies have further advanced our understanding of how mitochondria 

are involved in the repair response. For example, in C. elegans axotomy of the VNC (ventral nerve 

cord) causes mitochondria to accumulate in the damaged axon at 6- and 24-hours after injury, 

suggesting that mitochondria are actively recruited to the damaged axon to promote repair6,7. 
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Indeed, this hypothesis was further supported by genetic manipulations in Miro1, where its 

knockdown decreased the number of axonal mitochondria and significantly impaired axon 

regeneration. In contrast wildtype Miro1 overexpression, increased the number of mitochondria in 

the intact injured axon, thereby enhancing regeneration7. In the epidermis of C. elegans, injury 

(blunt force and laser) triggers shape changes in mitochondria and increases cytosolic and 

mitochondrial Ca2+. Downstream of mitochondrial Ca2+ influx is mtROS production. The 

production of mtROS is functionally important in regulating Rho1 (Rho/Rac small superfamily of 

GTPases in mammals) activity via C16 and C20, as loss of this redox sensitive motif (C16A, 

C20A) impairs wound closure. Unsurprisingly, loss of mitochondrial calcium buffering in Mcu1 

null mutants decreases mtROS production and subsequently epidermal wound closure97. Further 

studies have elucidated findings that support the notion that changes in mitochondrial morphology 

serves as a signal to mount a repair response. For example, laser and needle wounding in C. elegans 

triggers mitochondrial fragmentation. And although Miro1 is predominantly known for its function 

in mitochondrial transportation, Miro1 was surprisingly required for WIMF. Additionally, trpm 

mutants, which have impaired ion handling (Ca2+, Mg2+, and Na2+) reduced fragmentation, while 

mcu1 mutants show normal fragmentation, suggesting that cytosolic calcium but not mitochondrial 

calcium is required for WIMF. Moreover, fzo1 (mammalian ortholog MFN1/2) mutants, which 

display chronic mitochondrial fragmentation, elevated mtROS levels, and have accelerated wound 

healing. These findings suggest that shape changes are caused by elevated cytosolic Ca2+, which 

is regulated by the fusion/fission machinery, to upregulate mtROS, required for initiating the repair 

response86. The premise that mitochondrial shape changes are critical for jumpstarting the repair 

cascade is further supported by studies in the Drosophila epidermis. Mutations in the fusion/fission 

(i.e. drp1, opa1, marf, fis1, and gdap-1) machinery impairs injury-induced Ca2+ flux (cytosolic and 
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mitochondrial), F-actin accumulation, and subsequently epidermal wound closure, further 

implying that mitochondrial morphology is a critical signal for cells to coordinate epidermal 

wound closure95. 

 Mitochondrial morphology is highly plastic. In addition to the well-studied canonical fusion 

and fission machinery, mitochondria can shorten, contract, fragment, and swell. Laser axotomy in 

the CNS and PNS of live mice have shown that injury induces mitochondrial fragmentation and 

contraction. This injury-induced mitochondrial remodeling is dependent on mitochondrial calcium 

influx but not changes in microtubule cytoskeleton. Injury-induced fragmentation and contraction 

are accompanied by an upregulation in mtROS detected (Grx1-roGFP biosensor) preceded by 

calcium influx into mitochondria230. Additionally, in rat models of TBI (traumatic brain injury), 

mitochondrial fusion and fission proteins are differentially regulated depending on injury severity. 

Mild TBI upregulates OPA1, MFN2, YME1L1, and PARL; whereas severe TBI upregulates OMA1 

and FIS1 while downregulating MFN1 and DRP1 expression relative to controls. These findings 

suggest the proteins regulating the fusion and fission machinery act combinatorially, under various 

conditions. In a mild injury, mitochondrial fusion is upregulated through OPA1, proteolytically 

processed by YME1L1, with IMM fusion being executed through MFN2. In contrast, a severe 

injury triggers fission by upregulating OPA1 and its protease OMA1 which induces fission while 

simultaneously suppressing MFN1-mediated fusion. Notably, the suppression of Drp1 suggests 

that there is a molecular brake, as Drp1 mediated fission is key regulator of apoptosis. In addition 

to these acute regulators Pink1 expression increases over time in both mild and severe TBI, though 

with temporal variability relative to controls, while Parkin declines over time in mild TBI but 

increases in severe TBI231. These changes in gene expression suggest that the balance between 

fusion, fission, and mitophagy pathways dictates whether mitochondria adapt or collapse under 
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injury stress. In rats, corticospinal tract (CST) neurons exhibit decreased axonal mitochondrial 

length after spinal cord injury. The Drp1 inhibitor mDivi1 blocks injury-induced mitochondrial 

fragmentation both in vitro and in vivo (somatosensory cortex, 4 weeks prior to CST transection) 

and decreases the number of retraction bulbs, a hallmark for unsuccessful regeneration. 

 Alongside fragmentation, mitochondrial swelling represents another hallmark phenotype 

observed under cellular stress. Mitochondrial swelling is caused by abnormal ion homeostasis from 

opening of the mitochondrial permeability transition pore (mPTP)232. Mitochondrial swelling is 

associated with loss of membrane potential, expansion of the matrix, and eventually membrane 

rupture233. In mouse models, cerebral ischemia induces mitochondrial swelling, a process that can 

be attenuated by genetic ablation of CypD (cyclophilin D), a regulator of permeability transition 

pore opening. Loss of CypD limits pore opening and consequently reduces infarct size caused by 

calcium overload234. Similarly, in sciatic nerve transection models, mitochondrial swelling 

accompanies axon degeneration, whereas inhibition of the mPTP using CsA (cyclosporin A) 

delays degeneration235. Complementary experiments show that energy supplementation with NAD 

protects axons from Wallerian degeneration, but this protection is blocked by ETC (electron 

transport chain) inhibitors such as antimycin A, indicating that NAD requires intact respiration. 

Mitochondrial swelling is also influenced by changes in microtubule dynamics. In sciatic nerve 

explants, preventing microtubule polymerization (Taxol) or depolymerization (vincristine) 

through chemotherapeutic drugs both exacerbate mitochondrial swelling and subsequently axonal 

degeneration236. 

 Mitochondria are also regulated by pathways governing autophagy. In zebrafish sensory 

neurons, laser axotomy halts mitochondria motility in the severed axon. Loss of Pink1 (PTEN 

induced kinase 1) or expression of Wlds (Wallerian degeneration slow) can both increase 
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mitochondrial motility following axotomy. Although downregulation Pink1 or upregulation of 

Wlds can rescue mitochondrial motility, only Pink1 has functional consequences; its loss increases 

axon degeneration. Conversely, overexpressing PGC-1α (master transcriptional co-activator of 

mitochondrial biogenesis), enhances mitochondrial motility decreases ROS production, and 

promotes cell survival119. Similarly, in mouse hippocampal neurons, axon stimulation following 

axotomy induces mitochondrial fragmentation and targets Parkin-Pink1 labeled mitochondria to 

LC3-positive autophagosomes (E3 ubiquitin ligase, involved in mitophagy) at the injury site. This 

mitophagic targeting is dependent on Pink1-mediated recruitment of Parkin which is necessary for 

clearing out dysfunctional mitochondria237. 

 Mitochondria evolved from an ancient endosymbiotic relationship with their host nearly two 

billion years ago. In all extant eukaryotes, the crucial role that mitochondria have in providing 

ATP makes them indispensable for cellular function. In addition to ATP production, they regulate 

ion homeostasis; hoarding ions when they are plentiful and trading in to trigger downstream 

signaling cascades during stress. If the predominant function of mitochondria is to provide energy 

for the cell, then they must possess mechanisms to discriminate changes in energetic demand, 

sustain at sites of need, and importantly adapt their activity under stress. It is now increasingly 

evident that mitochondria also participate in injury signaling, yet the field faces ambiguity in 

reconciling how some mitochondrial proteins can both be inhibitory for cell survival in some 

contexts but promote repair in others . Perhaps the answer is not uniform, but rather dependent on 

the cellular context: which cell type is involved, what are its energetic requirements, what is the 

organization of its cytoskeleton, and what ionic environment does it experience? Only by 

addressing these contextual variables will we be able to uncover the full potential of repair. 

The problem(s) 
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 Dendrites and axons are the primary detectors and transducers of signals in the nervous system, 

orchestrating precise cellular responses that regulate physiology and behavior across the lifespan. 

Neuronal function is tightly linked to cell-type specific architecture, ensuring that structural 

organization parallels functional demands238. As a result, abnormal changes in neuronal 

architecture alters the firing frequency of action potentials in neurons239. 

 In neurological disorders and diseases, these structural disturbances present as functional 

changes in behavior. Subtle phenotypes like disrupted circadian rhythms which are some of the 

first symptoms to arise (in neurodegenerative disorders), typically precede more severe 

impairments like memory loss. Physical trauma to the cortex, such as TBI (traumatic brain injury), 

similarly alters neuronal architecture with profound consequences. At the cellular level, disease 

and trauma disrupt baseline neuronal activity (excitotoxicity)240, destabilize ion homeostasis via 

calcium overload, trigger cytoskeletal disorganization241,242, causes organelle fragmentation87, 

upregulates inflammation243, and ROS production244,245. Structural and molecular insults are 

detrimental for cell function and our understanding of the physiology remains incomplete. 

 Santiago Ramón y Cajal is widely recognized as the father of modern-day neuroscience. In 

1906, Santiago Ramón y Cajal (along with Golgi) was awarded the Nobel Prize in Physiology and 

Medicine for their seminal discoveries of the nervous system, the neuron doctrine. In 1913, Cajal 

published his book on “Degeneration and Regeneration of the Nervous System” which was 

translated in 1928. In this book, Cajal does a comprehensive review of the field of neuroscience, 

highlight key facts conducted by him and his colleagues (Strobe, Lugaro, Vanlair, Waller, Golgi, 

Nageotte, Ranvier, Bethe, and many more). One of the earliest obstacles of regeneration that Cajal 

eluded to was defective routing during repair (p.112-113)10, a key defect still observed in modern 

day research (discussed in Chapter 5). Defective axon guidance during regeneration has been 
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observed across multiple species, from rodents to cats. Dendrites, too, elicit a robust regenerative 

response. When all initial dendrites are removed from the neuron, new dendrites are regrown; 

patterning a new dendrite architecture distinct from its architecture prior to any injury. However, 

dendrite regeneration is imperfect because the newly regrown architectures have significant self-

crossing defects. While static snapshots of regenerated structures reveal the endpoints of repair, 

we lack a fundamental understanding of the mechanisms regulating regenerative initiation and 

outgrowth. Identifying the mechanisms that regulate injury detection, will allow us to activate 

repair when systems become damaged and tune regrowth pathways when systems become awry. 

 

The approach 

 Drosophila melanogaster is a powerful tool to study cellular process in vivo because of their 

short lifespans, ease of genetic manipulations, and stereotyped patterning. In particular, type I 

multidendritic-dendritic arborization (md-da) neurons of the Drosophila PNS includes diverse cell 

types to answer fundamental questions in cell biology in vivo246. These highly stereotyped neurons 

allow us (scientists) to genetically manipulate specific cells in an otherwise wildtype animal. In 

addition to the genetic utility that Drosophila provide, their translucent bodies allow light to 

penetrate deep into the tissue, bypassing the need for tissue histology. 

 Combining the genetic utility and optical imaging techniques provides a powerful tool to revisit 

fundamental mechanisms of repair, the field has begun uncovering differences (and similarities) 

in axon vs dendrite regeneration2, how extrinsic factors vs intrinsic factors affect regeneration17, 

and outgrowth during dendrite development vs dendrite regeneration11. Even though axons and 

dendrites exhibit divergent mechanisms in repair, some signaling pathways are conserved13. And 

while identifying novel pathways involved in axon and dendrite regeneration creates new 
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opportunities to target repair, one knowledge gap is how cells even detect injury which is a critical 

intermediate between injury and repair. 

 It is well established that axon and dendrite injury triggers membrane depolarization247, a surge 

of calcium influx12,13,248, cytoskeletal disorganization26,27,242, and organelle 

fragmentation119,227,249,250. In non-neuronal cells, injury too triggers a surge of calcium influx21,97, 

cytoskeletal disorganization28, and organelle fragmentation86,251. It is imperative to determine 

whether which of these (if any) injury-induced changes are involved in regulating the signaling 

cascade so that further damage is mitigated, and repair pathways are capitalized. 

 During my graduate training, I conducted live-imaging, and characterized how mitochondria 

respond to dendrite injury. The rationale for investigating mitochondria is that following axon or 

dendrite injury, there is an increase in both cytoplasmic and mitochondrial calcium influx12,13. 

Furthermore, others have found that mitochondria fragment following laser injury21,86,228 and that 

injury-induced mitochondrial fragmentation requires calcium influx into the mitochondria227. 

Whether induced changes in mitochondrial morphology at the time of dendrite injury affects the 

neuron’s outcome remains to be investigated until my thesis work. 
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Chapter 3 

Materials and Methods 

Animals 

Fly Husbandry and genetics 

 Adult flies were reared at ~22.5˚C and fed a standard yeast diet. 

 

Drosophila larvae collection and handling 

 Male and female Drosophila larvae were collected from synchronized egg lays on 4.0% grape 

agar plates (750ml H2O; 18.75g BD DifcoTM Agar, Mfr. No. 214010; 250ml Welch’s 100% grape 

juice; 25g sucrose; 1.5g methyl p-hydroxybenzoate, ReagentPlus®, Mfr. No. H5501-100G) 

supplemented with yeast paste (made from active dry yeast + dH2O). The plates were maintained 

at room temperature (22.5°C), and larvae were aged for 72 hours after egg laying (AEL). 

 For regeneration experiments, individual larvae were transferred to petri dishes containing 

4.0% grape agar and yeast paste after injury. Before imaging, larvae were washed in distilled water 

(dH₂O). 
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Larval immobilization for imaging 

 Early third instar larvae were transferred to glass wells containing dH2O to wash off yeast. 

Class IV (ddaC) Drosophila PNS sensory neurons33 were imaged by immobilizing larvae dorsally 

on a ~4.0% gelatinous agarose pad (prepared using dH₂O and LE Quick Dissolve Agarose, 

GeneMate, Cat. No. E3119-500), with a small volume of glycerol (Glycerol, ReagentPlus®, Mfr. 

No. G7757-500ML) which was sandwiched between a microscope slide (Fisherbrand, Cat. No. 

125441, 75 × 25 × 1 mm) and a No. 1.5 coverslip (Epredia, Cat. No. 22-050-218, 22 × 22 mm) as 

previously described252. 

 Late third-instar larvae were immobilized using the same method, with the addition of vacuum 

grease (DuPont Molykote®, Electron Microscopy Sciences, Cat. No. 60705) and Scotch® tape. 

This immobilization method was used to generate data for Fig. 2-5, S2-S4. Larvae were 

immobilized using the LarvaSPA method, as previously described35, with ice as a temporary 

anesthetic instead of isoflurane. 

 

Ice anesthetics 

 Drosophila larvae were placed in a glass spot plate with ~1ml of water that was cooled on ice 

for 5 minutes before individual larvae were transferred onto the spot plate for ~1min for brief 

anesthetization. After larvae stopped making large movements, larvae were removed from the cold 

water, dried on a kim wipe, and placed on a slide where they were permanently immobilized using 

UV-cured glue and PDMS blocks (the larvaSPA technique, where the trunk of the animal is 

constrained but the head and tail are free to move in the open air). This brief anesthetic was enough 

to prevent the animal from making whole body contractions, in order to keep the animal still as 

the glue was being UV-cured, as the mouthhooks began moving within 50 seconds. Between 
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animals, the spot plate was placed on the bench top to equilibrate back to room temperature. 
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Table of Fly Stocks 

  

Fig. 1.1 Fly stocks used during graduate studies 
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Table of Reagents and Resources 

  

REAGENT OR RESOURCE SOURCE IDENTIFIER

DuPont Molykote® Electron Microscopy Sciences Cat. No. 60705

No. 1.5 coverslip 22 × 22 mm Epredia Cat. No. 22-050-218

Microscope Slide 75 × 25 × 1 mm Fisherbrand Cat. No. 125441

Glycerol ReagentPlus® Cat. No. G7757-500ML

Scotch® tape Scotch® N/A

Metal chamber Ji and Han 2020 N/A

UV glue Norland products Cat. No. 6106, NOA 61

UV lamp Maxxeon MXN02003

Sylgard 184 kit Electron Microscopy Sciences 24236-10

CapSure HS LCM caps Molecular Devices LCM0213

MembraneSlide PEN Zeiss 415190-9081-000

MicroTube Zeiss 415190-9221-000

Tissue-Tek-O.C.T. SakuraUS Cat No. 4583

750ml H2O N/A N/A

18.75g BD Difco™ Agar Becton Dickinson Cat. No. 214010

250ml Welch's 100% grape juice Welch's N/A

1.5g methyl p-hydroxybenzoate ReagentPlus® Cat. No. H5501-100G

Fisher Scientific Education™ Yeast, active, dry Fischer Scientific Cat. No. S25632A

100ml H2O N/A N/A

4.0g LE Quick Dissolve Agarose GeneMate Cat. No. E3119-500

Chemicals, equipment, reagents

4.0% Grape plates

Agarose pads

Drosophila mounting

Fig. 1.2 Reagents and resources used during graduate studies 
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Microscopy 

Confocal imaging 

 Confocal imaging on the Zeiss LSM980 was used to acquire static images of the dendrite 

architecture before injury and immediately after injury. A Zeiss LSM700 confocal microscope 

equipped with a 488 nm and 561 nm laser line was used to acquire static images 24hr after injury 

using a ×20/0.8 N.A. air objective. 

 

Airyscan imaging 

 A Zeiss LSM900 equipped with a 488 nm and 561 nm laser line was used to acquire static 

images of mitochondrial morphology before and after injury. The imaging settings are as follows: 

×63/1.4 N.A. oil-immersion objective, with an imaging speed of ~4.63 Hz and a 28.80 × 28.80 μm 

frame size (~216.19 ms frame time, ~3.05 μs pixel dwell time). 

 

Live imaging 

 Live imaging was performed by collecting z-stacks using Airyscan imaging or manual z-plane 

focusing with regular laser scanning confocal microscopy over 200 cycles using a ×63/1.4 N.A. 

oil-immersion objective. In the cases of z-drift during z-stack acquisition, imaging was paused, 

refocused, and resumed. 

 

2-Photon laser injury 

 A Zeiss LSM780 and LSM980 inverted microscopes, equipped with 488 nm and 561 nm laser 

lines and a tunable Ti:Sapphire 2-photon laser (Mai Tai, Spectra-Physics), were used for laser 

injuries. Early third instar larvae were immobilized using the methods described above. For 
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proximal primary dendrotomies, distal primary dendrotomies, and tertiary dendrotomies, a Zeiss 

LSM980 with a Z-piezo stage was used to image neurons and mitochondria and to perform injuries 

in third-instar Drosophila larvae, as previously described252. 

 On the Zeiss LSM980, injuries were performed using a ×63/1.4 N.A. oil-immersion objective, 

with an imaging speed of ~11.43 Hz and a 44.9 × 44.9 μm frame size (~75.97 ms frame time, 

~0.46 μs pixel dwell time, 200 cycles). A 0.4 × 0.4 μm ROI, focused on a dendrite, was injured 

using a laser at 820 nm with a measured power of ~84.1 mW for 1 iteration. For 400 ms imaging 

and injury parameters, injuries were performed using a ×63x/1.4 N.A. oil-immersion objective, 

with an imaging speed of ~8 Hz and a 22.4 × 22.4 μm frame size (~121.65 ms frame time, ~1.49 

μs pixel dwell time, 200 cycles). A manually controlled 0.4 × 0.4 μm ROI was positioned over an 

axon and injured using a laser at 820 nm with a measured power of 101.5 mW for 6 iterations. 

 For injury-induced branching experiments two neurons were used per animal, one injured and 

one uninjured. For the injured neuron, a z-stack was acquired of the entire neuron architecture 

before conducting live-imaging of dendrotomy. We ablated neurons between and adjacent to 

injured and uninjured neurons (i.e. ablate  - A1; dendrotomy - A2; ablate - A3; uninjured control - 

A4; ablate - A5). 

 On the Zeiss LSM780, a 0.5 × 0.5 μm ROI was created over an axon or dendrite and injured 

for ~2 sec at 915 nm with a measured power of ~79.6 mW. 

 

Microtubule imaging 

 Homozygous EB1-GFP animals were immobilized and injured using the techniques described 

above. A single Z-plane was acquired with an imaging speed of ~1.43 Hz. The imaging frame was 

manually adjusted for focus. 
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MitoGCaMP imaging 

 Heterozygous MitoGCaMP animals were immobilized and injured using the parameters 

techniques described above. 
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Table of Microscopes 

  

Zeiss LSM 700 Confocal Microscope Zeiss N/A

Zeiss LSM 780 Confocal Microscope w/ tunable 2-photon laser Zeiss N/A

Zeiss LSM 900 Confocal Microscope w/ Airyscan imaging Zeiss N/A

Zeiss LSM 980 Confocal Microscope w/ Airyscan imaging and tunable 2-photon laser Zeiss N/A

Zeiss PALM Microbeam LCM (Laser Capture Microdissection) Zeiss N/A

Zeiss Elyra 7 Lattice SIM Zeiss N/A

Microscopy

Fig. 1.3 Microscopes used during graduate studies 
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Image analysis 

All quantifications were conducted using the open-source software: ImageJ/Fiji (https://fiji.sc). 

 

Mitochondrial contraction 

 Mitochondrial distance from the injury site was measured in ImageJ/Fiji using the segmented 

line tool to trace the dendritic length from the injury site to each mitochondrion within the proximal 

intact dendrite. Contraction onset was defined by the first morphological shift from a tubular to a 

circular structure following 2-photon laser dendrotomy or axotomy. The end of contraction was 

marked by the first frame in which mitochondria appeared fully circular, and contraction duration 

was calculated as the time between initiation and completion. Mitochondria lacking a sustained 

tubular-to-circular transition were classified as non-contracting. 

 

Mitochondrial area quantification 

 The following quantification was performed in ImageJ/Fiji using the freehand selection tool. 

The total mitochondrial area was quantified in ImageJ/Fiji using the freehand selection tool to trace 

mitochondria with consistent position and visibility before and after 2-photon laser injury within 

the imaging ROI (~28.80 × 28.80 μm; 336 × 336 pixels). Subjects were blinded to experimental 

conditions using a custom renaming script (renamer.py) developed for this study (see Data 

Availability for source code). 

 To track the change in mitochondrial area acquired from time lapse imaging, the freehand 

selection tool was used to outline individual mitochondria. Each mitochondrion was manually 

traced (ROI) for 30 consecutive frames after first appearing and for the last 30 frames before the 

end of image acquisition. Changes in mitochondrial area were calculated as the area of a single 
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mitochondria at any frame, divided by the starting area when mitochondria first become visible. 

 

Mitochondrial fold-change quantification 

 Mitochondrial fold change was quantified by counting the number of mitochondria before and 

after dendrite injury within the injured branch in Fiji. 

 

Mitochondrial shape change index 

 Quantification was performed in ImageJ/Fiji using the line tool. Mitochondrial minimum and 

maximum lengths were measured using the line tool in ImageJ/Fiji before and after injury. The 

starting shape before injury was measured in the intact proximal distal severed and dendrite by 

measuring mitochondria prior to the injury frame and at their last visible frame post-injury 

following primary dendrotomy. Subjects were blinded to experimental conditions using a custom 

renaming script (renamer.py) developed for this study (see Data Availability for source code). 

 

Branching rate and elongation rate quantification 

 Control neurons and injured neurons were imaged on the day of injury and 24 hr after injury 

to generate branching and elongation rates. Neurons were categorized for changes in branching 

rates based on contracting vs non-contracting mitochondria, where contracting groups had at least 

one contracting mitochondria. Growth rates were calculated by tracing a primary branch and its 

tertiary branches in an uninjured dendrite of an injured neuron and in control neurons using the 

Simple Neurite Tracer (SNT) plugin in Fiji. The branching rate calculation is determined by the 

following equation: 
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(branch #injured neuron 24hr after injury / branch #injured neuron day of injury) 

× 

(branch #uninjured neuron day of injury / branch #uninjured neuron 24hr after injury) 

 

To determine the elongation rate, total dendrite length was used instead of branch #. 

 

Mitochondrial GCaMP analysis 

 Using the ROI created for tracing the baseline mitoGCaMP intensity (f₀) was defined as the 

average maximum fluorescence over the first T-10 frames where T = time before mitochondria 

become visible. Changes in GCaMP fluorescence (f/f₀) were calculated as the maximum intensity 

at any frame divided by f₀. 10 frames before injury, 30 frames immediately after injury, and the 

last 30 frames were plotted. 
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Table of Software 

  

FIJI (ImageJ) Schindelin et al., 2012 https://fiji.sc/

Scrambler.py This study https://github.com/pthwu/scrambler

Imaris Oxford Instruments

Software and source code

Fig. 1.4 Software used for analysis 
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Chapter 3 

In Vivo Dendrite Injury Drives Local Mitochondrial 

Contraction and Dendrite Branching 

The content of this Chapter 3 is published in XXX. 

Authors: Hwu, P.T, Kim L. A., Wood, M.A. and Thompson-Peer., K.T. 

Abstract 

 Mitochondria regulate cellular homeostasis in development and disease, and mitochondrial 

morphology plays a role in local injury signaling and wound repair. How mitochondria respond 

during dendrite injury remains an open fundamental question. Here we show that mitochondria 

undergo rapid morphological changes, transitioning from tubular to spherical structures, rapidly 

and locally after laser-induced dendrite injury (dendrotomy) in live Drosophila larvae. We term 

this process “mitochondrial contraction” based on the reduction in mitochondrial length and 

increased circularity. In the proximal intact dendrite, the extent of mitochondrial contraction 

diminishes with increasing distance from the injury site. We report that injury-induced 

mitochondrial contraction differs based on primary vs tertiary dendrite injury and that immediate 
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contraction after injury correlates with increased dendrite branching during repair. Additionally, 

we find that mitochondrial contraction can be inhibited by KCNJ2 (potassium inwardly rectifying 

channel subfamily J member 2) overexpression, providing evidence that mitochondrial contraction 

is regulated by neuronal membrane potential. Mechanistically, we show that expressing a 

dominant negative form of Drp1 (Dynamin related protein 1) impairs injury-induced mitochondrial 

contraction and subsequent branching, providing evidence that the fission machinery is also 

involved in this injury response. These in-vivo findings characterize how mitochondria respond to 

dendrite injury and suggest that such morphological changes may contribute to dendritic repair 

processes. 

 

Introduction 

 Cells constantly encounter mechanical and chemical injuries that trigger adaptive or 

pathological intracellular responses. Successful cellular repair relies on precise spatiotemporal 

localization of injury signals and detection of abnormal physiology21,86,97,221,225,253–256. Neuronal 

homeostasis is disrupted in many conditions, from normal aging152,257 to neurodegeneration184, and 

physical injuries like spinal cord258 and traumatic brain damage259. Central to these conditions is 

disrupted mitochondrial homeostasis, resulting in decreased ATP production, excessive calcium 

buffering, and increased mtROS (mitochondrial reactive oxygen species)260. Thus, studying 

changes in mitochondrial integrity is critical for understanding how neurons are jeopardized during 

injury and disease. 

 Mitochondrial morphology is essential for maintaining local ATP production, protein and 

calcium homeostasis, and stress responses184,224,261,262. To sustain proper function, mitochondria 

are continuously remodeled by fusion and fission machinery, which facilitates the recycling of 
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damaged components and removal (mitophagy) of dysfunctional organelles223. Fusion is regulated 

by the interaction of MFN1 and MFN264 on the outer mitochondrial membrane, while OPA1142 

and its protease OMA1145 mediate inner membrane fusion. In contrast, fission is primarily driven 

by the translocation of DRP1 from the cytosol to the outer mitochondrial membrane, where its 

activity is regulated by OMM-anchored receptor proteins93,263. This dynamic process is critical for 

cellular function under basal conditions, and under stress, adopts adaptive roles such as buffering 

calcium and inducing reversible morphological changes21,97,225. These acute adaptations influence 

whether a cell undergoes apoptosis or initiates repair. Despite the importance of mitochondria in 

injury signaling, the mechanisms regulating mitochondrial dynamics after neuronal injury and 

subsequently repair are incompletely understood. 

 Neuronal injury is known to induce microtubule catastrophe, calcium influx, and changes in 

mitochondrial morphology. Within seconds of axotomy, intracellular Ca2+ is upregulated, 

microtubules are destabilized, organelle homeostasis is disrupted, and mtROS (mitochondrial 

reactive oxygen species) are produced26,27,228–230,264. After axon injury, mitochondria localize to 

the injured axon to support regeneration7,8. Whether dendrite injury triggers changes in 

mitochondrial morphology, and more critically whether such changes contribute to dendrite repair, 

has yet to be elucidated. 

 Here, we investigate how mitochondria respond to laser-induced dendrite injury (dendrotomy) 

in living Drosophila larvae. Using in vivo time-lapse imaging, we reveal that mitochondria in the 

intact dendrite, near the injury site undergo rapid morphological changes, transitioning from 

tubular to a spherical shape, in a distance-dependent manner. We term this process “mitochondrial 

contraction” based on the apparent reduction in mitochondrial length and increased sphericity. We 

demonstrate that this contraction response scales with injury severity and can occur independently 
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of cytoskeletal disruptions or sudden mitochondrial calcium buffering. Furthermore, we show that 

disrupting neuronal ability to depolarize or inhibiting mitochondrial fission machinery attenuates 

injury-induced mitochondrial contraction. Importantly, we observe that mitochondrial contraction 

correlates with enhanced dendrite branching during the repair process. These findings suggest that 

injury-induced changes in mitochondrial morphological changes may serve as an early signal that 

promotes dendrite repair rather than simply representing a consequence of cellular damage. 

 

Results 

Laser injury induces local changes in mitochondrial morphology 

 To assess how neuronal mitochondria respond to injury, we imaged mitochondria in class IV 

Drosophila PNS sensory neurons in live animals before and after injury246,265. We adapted 

LarvaSPA, an immobilization technique that preserves respiration during laser injury, because 

hypoxia can alter mitochondrial morphology (see materials and methods)252,266. 

 Axotomy (axon injury) is known to trigger cytoskeletal changes across the neurons architecture 

(Movie S1) and alter mitochondrial morphology in the injured axon26,267. Based on this, we 

Fig. 1.1 Schematic of injury paradigms. (A) Left: Schematic of 2-photon laser injury location (red arrow) and 

imaged mitochondria (blue box). Right: Example of mitochondrial area quantification. 
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hypothesized that axotomy may induce changes in mitochondria morphology in distant, uninjured 

dendrites.  

 To test whether axotomy altered mitochondrial morphology in uninjured dendrites, we 

quantified mitochondrial area dendrites before and after axotomy (Fig. 1.1A). Before axotomy, 

the mitochondria in the uninjured dendrite contained tubular and spherical mitochondria. When 

we reimaged the same uninjured dendrites, approximately 2 min after axotomy, mitochondria 

retained their original morphology with no significant change in mitochondrial area (Two-tailed 

paired t test, p=0.4217) or mitochondrial number (Two-tailed paired t test, p=0.7500) (Fig. 1.2B 

and 1.2C, N=22). From this observation, we conclude that mitochondrial morphology in uninjured 

dendrites is not altered within 2 min of axotomy. 

 We next examined whether dendrotomy (dendrite injury) alters the morphology of 

mitochondria in the injured dendrite and nearby branches. To test this, we imaged dendritic 

mitochondria just prior to an injury location (nearby branch dendrotomy) and within the dendrite 

and reimaged the same location approximately 2 min after injury. Notably, when we reimaged the 

same region after injury, we detected the presence of spherical mitochondria which had initially 

appeared tubular just prior to injury. This injury-induced change in mitochondrial morphology we 

observed was supported by a significant decrease in mitochondrial area (Two-tailed paired t test, 

p<0.0001****) without changing the number of mitochondria (Two-tailed paired t test, p=0.5137) 

(Fig. 1.2B and 1.2D, “nearby branch dendrotomy”, N=25). We term this morphological change 

“mitochondrial contraction” based on the reduction in mitochondrial area without a significant 

change in the number of mitochondria primarily driven by a reduction in mitochondrial length. 

Importantly, we counted the number of mitochondria before and after nearby branch dendrotomy 

and found that the number of mitochondria was consistent following nearby branch dendrotomy. 
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To determine whether dendrotomy induced changes in mitochondria locally or globally, we 

Fig. 1.2 Dendrite injury triggers changes in mitochondrial area. (B) Top row: Neuron before axotomy, nearby 

branch dendrotomy, and other branch dendrotomy (red arrow indicates injury location). Scale bar 40 μm. Center 

row: representative image of mitochondria labeled with an outer mitochondrial membrane marker (mito.mCherry) 

(magenta) in neurons (green) before axotomy, before nearby branch dendrotomy, and before other branch 

dendrotomy. Scale bar 5 μm. Bottom row: representative image of mitochondria approximately 2 mins after axotomy, 

nearby branch dendrotomy, and other branch dendrotomy. (C-E) Total mitochondrial area and number of 

mitochondria in the imaged dendrites before and after (C) axotomy (Two-tailed paired t tests, p=0.4217; p=0.7500), 

(D) nearby branch dendrotomy (Two-tailed paired t tests, p<0.0001****; p=0.5137), and (E) other branch 

dendrotomy (Two-tailed paired t tests, p=0.4111; p=0.0156*). (F) Fold change in mitochondrial area before versus 

after: axotomy, nearby branch, and other branch dendrotomy (One-way ANOVA, Bonferroni corrected, axotomy vs. 

nearby branch p=0.0042**; other branch vs nearby branch p=0.0195*). 
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imaged dendritic mitochondria of uninjured dendrites (other branch dendrotomy) separate from 

the injured dendrite. When reimaging the uninjured dendrites, approximately 2 minutes after other 

branch dendrotomy, we observed that mitochondria retained their initial tubular morphologies 

which is supported by unchanged mitochondrial area (Two-tailed paired t test, p=0.4111) (Fig. 

1.2B and 1.2E, “other branch dendrotomy”, N=15). Even though the mitochondrial area remained 

unchanged in the uninjured branch following dendrotomy, it is worth noting that we observed a 

significant increase in the number of mitochondria (Two-tailed paired t test, p=0.0156*) (Fig. 

1.2E). These findings demonstrate that injury-induced mitochondrial morphological changes are 

spatially restricted to the vicinity of the injury site (Fig. 1.2F). In summary, we find that 

dendrotomy triggers local changes in the mitochondrial area. 

 

Dendrotomy induces distance-dependent mitochondrial contraction 

 Our observations suggested that dendrotomy induces mitochondrial contraction, a 

phenomenon similar to that observed in axons after axotomy230. We hypothesized that 

mitochondria respond to laser dendrotomy by contracting, because we primarily observed changes 

in mitochondrial area but not quantity. To interrogate how dendrotomy induces changes in 

mitochondrial area we acquired videos of mitochondria during dendrotomy with a more precise 

spatiotemporal resolution (~700ms) (Fig. 2.1A). 

 First, we wanted to determine if injury-induced changes in mitochondrial morphology 

Fig. 2.1 Schematic injury paradigms and time lapse imaging. (A) Schematic of injury location for proximal 

primary dendrotomies 
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propagated indefinitely in the distal severed dendrite. To test this, we conducted proximal primary 

dendrotomies and characterized the response governing the change in mitochondrial area in the 

distal severed dendrite. Before proximal primary dendrotomy, primary dendrites contained tubular 

mitochondria distributed along their length.  

 Immediately after dendrotomy, tubular mitochondria in the severed distal segment contracted 

rapidly and completely, transitioning from tubular to spherical shapes within seconds (Fig. 2.2B 

and 2.2C’; Movie S2), including those most distant to the dendrotomy site (Fig. 2C’’). We term 

this morphological change “mitochondrial contraction” based on the morphological change of 

individual mitochondria. Furthermore, we found that 84 out of 84 of the mitochondria had 

contracted, regardless of their distance from the site of dendrotomy (Fig. 2.2D). To better 

Fig. 2.2 Characterization of mitochondrial contraction after proximal primary dendrotomy. (B) Representative 

snapshot of dendritic mitochondria after proximal primary dendrotomy (red arrow) with mitochondria near (‘) and 

far from (‘’) injury site. Scale bar 5 μm. (C) Magnified view before and after dendrotomy of mitochondria near to 

(top) and distant from (bottom) the dendrotomy site. Scale bar 2 μm. (D) Mitochondrial shape change binned by 

distance from injury site. (E) Mitochondrial contraction time in relation to distance from injury site after primary 

proximal dendrotomy (grey circles = starting mitochondrial length before injury) (linear regression, r=-0.07, p=0.53) 

(F) Mitochondrial contraction latency in relation to distance from injury site after primary proximal dendrotomy 

(grey circles = starting mitochondrial length before injury) (linear regression, r=0.38, p=0.0004). 
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understand this contraction response, we quantified the contraction duration time (how long it took 

for mitochondria to transition from a tubular to a spherical shape) and noted that the contraction 

time was not correlated with distance from dendrotomy in the distal severed dendrite (Fig. 2.2E, 

linear regression r=-0.07, p=0.5294); however, mitochondrial contraction latency was (Fig. 2.2F, 

linear regression r=0.38, p=0.0004). From these results, we conclude that all mitochondria in the 

distal severed segment contract after proximal primary dendrotomy. 

 We next examined mitochondrial responses in the proximal intact dendrite–which remains 

attached to the cell body–after distal primary dendrotomy. In contrast to the response in the severed 

segment, not all mitochondria within the injured intact dendrite contracted after dendrotomy (Fig 

2.3G; Movie S3). This was apparent as mitochondria near the dendrotomy site (Fig. 2.3H’) 

Fig. 2.3 Characterization of mitochondrial contraction after distal primary dendrotomy. (G) Representative 

snapshot of dendritic mitochondria after distal primary dendrotomy (red arrow) with contracting (‘) and non-

contracting (‘’) mitochondria. (H) Magnified view of dendrite before and after dendrotomy containing contracting 

(top) and non-contracting (bottom) mitochondria.  Scale bar is 2 μm. (I) Percentage of contracting/non-contracting 

mitochondria (left) and the measured change in morphology (right) binned by distance from distal primary 

dendrotomy site. (J) Mean distance of contracting (n=127) vs non-contracting (n=46) mitochondria after distal 

primary dendrotomy (Two-tailed Mann-Whitney U test, p<0.0001****) (logistic regression, OR=1.11, 95%CI: 1.07-

1.16, p<0.0001). (K) Mitochondrial contraction time in relation to distance from injury site after distal primary 

dendrotomy (linear regression, r=0.29, p=0.0009). (L) Mitochondrial contraction latency in relation to distance from 

injury site after distal primary dendrotomy (linear regression, r=0.33, p=0.0002). 
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contracted but mitochondria located farther away failed to contract (Fig. 2.3H’’). Despite our 

observations that mitochondria contracted in 100% of the neurons we injured (30), not every 

mitochondria in each neuron contracted; mitochondria were less likely to contract as the distance 

between the dendrotomy site and individual mitochondria increased (Fig. 2.3I). We observed that 

mitochondria within <20 μm of the dendrotomy site contracted in the majority of cases (48 out of 

49), whereas mitochondria further than 50 μm from the dendrotomy site never 

contracted (Fig. 2.3I). We show this both as a binary representation (contracting or 

non-contracting, Fig. 2.3I left), and as a measurement of the shape change (min/max 

length, Fig. 2.3I right). We noted that the likelihood of injury-induced 

mitochondrial contraction was significantly correlated with distance from 

dendrotomy site (Fig. 2.3J, logistic regression, OR=1.11, 95%CI: 1.07-1.16, 

p<0.0001). To better understand how distance influenced injury-induced 

contraction, we plotted how long it took for each mitochondria to contract and uncovered that the 

distance between mitochondria was significantly correlated with mitochondrial contraction time 

(Fig. 2.3K, linear regression, r=0.29, p=0.0009) and mitochondrial contraction latency (Fig. 2.3L, 

linear regression, r=0.33, p=0.0002). In addition to characterizing the injury induced contraction, 

we counted the number of mitochondria before and after dendrotomy. The total number of 

mitochondria remained constant after injury (Fig. S1A), supporting our interpretation that the 

morphological changes we observe represent contraction of existing mitochondria rather than 

fragmentation into multiple smaller organelles. 

 In summary, we conclude that injury induced mitochondrial contraction is dependent on 

distance from the injury site in the proximal intact dendrite, influencing the likelihood of 

contraction, how long it takes for mitochondria to contract, and the contraction latency. 
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 To compare how axotomy affects mitochondrial morphology in the injured axons versus what 

we observed in dendrites, we performed live-imaging of mitochondria in axons during axotomy 

(Fig. 3.0A). Similar to dendrites, axonal mitochondria contain tubular and spherical morphologies 

before axotomy (Fig. 3.0B). Immediately after axotomy, all (78 out of 78) of the mitochondria in 

the intact axon segment contracted rapidly and completely (Movie S4). As observed in dendrites, 

we noted that the contraction time of mitochondria (Fig. 3.0C, linear regression, r=0.59, p<0.0001) 

and the mitochondrial contraction latency (Fig. 3.0D, linear regression, r=0.30, p=0.0079) was 

correlated with the distance between axotomy site and individual mitochondria. We also observed 

that the total number of mitochondria remained consistent after injury (Fig. 3.0E). From these 

observations, we conclude that duration and timing of injury-induced mitochondrial contraction is 

Fig. 3.0 Characterization of mitochondrial contraction axotomy. (A) Schematic of axotomy and imaging location. 

(B) Representative image of axotomy (red arrow) induced mitochondrial contraction (white arrows) before (left) 

and after (right) axotomy. Scale bar 5 μm. (C) Duration of axonal mitochondrial contraction as a function of distance 

from axotomy site and mitochondrial length after axotomy in wildtype neurons (linear regression, r=0.59, 

p=0.0001). (D) Mitochondrial contraction latency in relation to distance from injury site after axotomy (linear 

regression, r=0.30, p=0.0079). (E) Fold change in mitochondria number after axotomy. 
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dependent on distance from the injury site in the proximal intact axon, similar to what we observed 

in dendrites. 

 In summary, injury-induced mitochondrial contraction exhibits a clear distance-dependent 

pattern in both dendrites and axons, with mitochondria closer to the injury site contracting more 

rapidly and reliably than those located farther away. This spatiotemporal response suggests that 

injury signals propagate locally through the neuronal process to trigger changes in mitochondrial 

morphology. 

 

Mitochondria contract independently of changes in microtubules or calcium buffering 

 Mitochondrial morphology is partly regulated through interactions with microtubules268. To 

determine whether injury-induced changes in microtubules drive mitochondrial contraction, we 

conducted distal primary dendrotomies live-imaging both microtubules (using the plus-end 

binding protein, EB1-GFP) and mitochondria, simultaneously. 

 Following dendrotomy, we observed changes in microtubules–evident by the sudden 

formation of EB1-GFP puncta in dendrites–immediately after injury. EB1-GFP generally forms 

comets that indicate the direction of microtubule growth, but we observed the appearance of stable 

EB1-GFP puncta after injury. EB1-GFP puncta represent the plus ends of microtubules, which are 

sites of microtubule polymerization and growth. In 72% of the cases (21 out of 29 neurons), 

mitochondrial contraction and EB1-GFP puncta formation occurred simultaneously (Fig. 4.0A; 

Movie S5). However, we observed several instances where these events were temporally 

uncoupled: EB1-GFP puncta formed prior to mitochondrial contraction (~10.3%), EB1-GFP 

puncta were present without mitochondrial contraction (~3.4%) (Movie S6), mitochondria 

contracted prior to EB1-GFP puncta forming (~6.9%), and mitochondrial contraction occurred in 
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the absence of EB1-GFP puncta formation (~6.9%) (Fig. 4.0B; Movie S7). These findings suggest 

that although microtubule alterations and mitochondrial contraction often occur concurrently, they 

represent independent cellular responses to injury rather than obligate coincident events. We 

interpret this to mean that microtubule changes often correlate with, but do not drive, 

mitochondrial contraction. 

 Both axotomies and dendrotomies  trigger cytosolic calcium influx12,13. In response to elevated 

intracellular calcium, mitochondria rapidly buffer calcium to (try to) restore calcium back to 

Fig. 4.0 Injury induced mitochondrial contraction can occur independently of the appearance of EB1 puncta. 

(A) Left columns are before dendrotomy, and right columns are after dendrotomy. Microtubules (green, microtubule 

plus-end binding protein 1, UAS-EB1-GFP) and mitochondria (magenta, UAS-mCherry.mito.OMM) are imaged.  

From top to bottom: the formation of EB1-GFP puncta without mitochondrial contraction (1/29). Mitochondrial 

contraction in the absence of EB1-GFP puncta formation (2/29). The formation of EB1-GFP puncta before 

mitochondrial contraction (3/29). Mitochondrial contraction before EB1-GFP puncta formation (2/29). 

Mitochondrial contraction and EB1-GFP puncta formation occurring simultaneously (21/29). (B) Percentage of 

EB1-GFP mitochondrial contraction outcomes after primary distal dendrotomy. Scale bar 5μm. 
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baseline levels269, and mitochondrial calcium buffering is known to affect mitochondrial 

morphology181. We hypothesized that mitochondrial calcium buffering might promote 

Fig. 5.0. Dendrotomy induces global mitochondrial calcium buffering. (A) Mitochondria are not typically visible 

under baseline conditions with the UAS-GCaMP5g.mito marker, but become detectable following dendrotomy (red 

arrow). Mitochondrial localization (white boxes) in different neuronal compartments post-dendrotomy. N = 7, n = 

50. (A’) within the injured dendrite, (A’’) in an uninjured branch, and (A’’’) in the cell body. (B) Quantification of 

mitochondrial behavior across injured and uninjured dendrites following primary distal dendrotomy (N = 14) and 

tertiary dendrotomy (N = 7). 
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mitochondrial contraction. To test this, we performed distal primary dendrotomies and tertiary 

dendrotomies (tertiary dendrite injury) while imaging mitochondrial calcium (Ca2+
m) levels using 

a mitochondrial GCaMP marker (mitoGCaMP) (Fig. 5.0A). 

 Before injury, mitochondria showed minimal detectable mitoGCaMP signal. Following distal 

primary dendrotomy, we observed a retroactive wave of Ca2+
m uptake originating from the 

dendrotomy site that propagated to uninjured dendrites, the cell body, and down the axon (Fig. 

5.0, A and A’; Movie S8). Although we observed both increased Ca2+
m levels and mitochondrial 

contraction in mitochondria near the dendrotomy site we observed contraction only in 

mitochondria near the injured dendrite. (Fig. 5.0, A’’ and A’’’, Fig. 5.0B). This spatial 

dissociation between calcium uptake and contraction demonstrates that sudden mitochondrial 

calcium influx is insufficient to trigger injury-induced mitochondrial contraction. 

 In summary, our correlative analysis suggests that injury-induced mitochondrial contraction 

occurs independently of microtubule changes and is not solely driven by mitochondrial calcium 

influx, though we cannot exclude more complex temporal or mechanistic relationships. 

 

Injury-induced mitochondrial contraction scales with dendrite branch order 

 Injury-induced changes in mitochondrial morphology are known to activate injury signaling 

Fig. 6.1 Schematic tertiary injury paradigm and subsequent arbor tracking. (A) Schematic of tertiary 

dendrotomy. An overview of the neuron architecture was taken before dendrotomy. Images of neurons were 

continuously acquired for 200 frames and dendrites were injured at approximately frame 10. Neurons were imaged 

24 hr after. 
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cascades21,97,225. To evaluate the functional consequences of mitochondrial contraction, we 

designed a paradigm that allowed us to injure neurons inducing contraction in only a subset of 

injured neurons, using tertiary dendrite injury to assess the relationship between mitochondrial 

contraction and repair outcomes. 

 To investigate the consequence of mitochondrial contraction, we imaged the neuronal 

architecture before dendrotomy, conducted live-imaging of tertiary dendrotomies (tertiary dendrite 

injury to small branches), then reimaged the neuronal architecture 24 hr after injury to assess repair 

responses (Fig. 6.1A). 

 We first established how mitochondria respond to tertiary dendrotomies (Fig. 6.2B), which we 

confirmed by a physically severed branch (Fig. 6.3A; Movie S9 and Movie S10). In contrast to 

primary dendrotomies, which consistently triggered mitochondrial contraction, tertiary 

dendrotomies produced variable responses, where nearby mitochondria contracted in some 

neurons (Fig. 3C’) but many mitochondria did not (Fig. 3C’’). In about 30% of the cases (7/23) 

where there were mitochondria right next to the injury site (within 10 μm), we observed no 

mitochondrial contraction, which contrasts with primary branch dendrotomies that always induces 

mitochondrial contraction in that adjacent distance (Fig. 6.2D). Furthermore, we failed to observe 

any instances of injury-induced mitochondrial contraction if the distance between mitochondria 

and the dendrotomy site exceeded 30 μm (Fig. 6.2D). At all distances, tertiary dendrotomies were 

less likely to induce mitochondrial contraction, as only 38 out of 103 mitochondria contracted 

overall (37%), compared to 73% of mitochondria contracting after distal primary dendrotomy (Fig. 

6.2E and 6.3B). 

 While the likelihood of injury-induced contraction was correlated with the distance from the 

injury site (Fig. 6.2E, logistic regression, OR=1.12, 95%CI [1.07-1.19], p<0.0001), there was no 
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evident correlation between how long it took mitochondria to contract (Fig. 6.2F, linear regression, 

r=0.16, p=0.35) and distance from the dendrotomy site. When comparing primary versus tertiary 

dendrotomies we found that at similar distances from the dendrotomy site, mitochondrial 

contraction after tertiary dendrotomy had a longer duration than distal primary dendrotomies, 

suggesting that tertiary dendrotomy induces slower mitochondrial contraction (Fig. 6.3C). 

 To test if mitochondrial contraction is correlated with repair responses, we took advantage of 

the variable contraction responses following tertiary dendrotomies. We imaged the entire 

architecture of a neuron before injury and an uninjured control, conducted time-lapse imaging of 

tertiary dendrotomies, reimaged the same neuronal architecture 24 hr after dendrotomy, and 

Fig. 6.2 Tertiary dendrotomy induces mitochondrial contraction but to a lesser magnitude. (B) Representative 

snapshot of dendritic mitochondria after tertiary dendrotomy (red arrow) with contracting (‘) and non-contracting 

(‘’) mitochondria.  Scale bar 5 μm. (C) Magnified view of dendrite before and after injury containing contracting 

(top) and non-contracting (bottom) mitochondria. Scale bar 2 um. (D) Percent of contracting/non-contracting 

mitochondria (left) and change in morphology (right) binned by distance from tertiary dendrotomy site. (E) Mean 

distance of contracting mitochondria (n=38) vs non-contracting (n=65) mitochondria after tertiary dendrotomy 

(Two-tailed Welch’s t test, p<0.0001****) (logistic regression, OR=1.12, 95%CI [1.07–1.19], p<0.0001). (F) 

Mitochondrial contraction time in relation to distance from injury site after tertiary dendrotomy (linear regression, 

r=0.16, p=0.35). 
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quantified the change in dendrite branching to assess repair outcomes (Fig. 6.2G-I; Movie S11 

and Movie S12). 

Because tertiary dendrites are short (<10 μm) and adjacent to the shaft of the primary dendrite, we 

established strict inclusion criteria for these experiments. To ensure that we were only assessing 

the consequence of mitochondrial contraction on dendrite growth, we only quantified neurons if 

the attached primary branch was present before and 24 hr after dendrotomy (Movie S13). To 

account for differences in growth rates between neurons and across animals, we normalized 

dendrite branching rates of the injured neuron to an uninjured neuron within the same animal. 

 Following 24 hr after tertiary dendrotomy, we observed that neurons with contracting 

mitochondria displayed significantly increased dendrite branching compared to neurons without 

contracting mitochondria (Fig. 6.4J, Two-tailed Welch’s t test, p=0.0189*). In contrast, no 

significant differences were detected in extension of preexisting dendrites (elongation) between 

these groups (Fig. 6.4J, Two-tailed Welch’s t test, p=0.2549). This suggests that mitochondrial 

Fig. 6.3 Mitochondrial contraction scales with dendrotomy severity. (A) Screenshot of tertiary dendrotomy (red 

arrow) and mitochondrial contraction. Scale bar 1.5 μm. (B) Comparison between average distances away from 

dendrotomy site that induced no mitochondrial contraction and mitochondrial contraction after distal primary 

dendrotomy, and tertiary dendrotomy from the neurons analyzed in Figure 2 and Figure 3. (One-way ANOVA, 

Bonferroni corrected primary dendrotomy vs. tertiary dendrotomy no contraction, p<0.0001****; primary 

dendrotomy vs. tertiary dendrotomy contraction, p<0.0001****). (C) Binned distance away and duration of 

mitochondrial contraction for primary dendrotomies vs. tertiary dendrotomies. (D) Fold change in mitochondrial 

number after tertiary dendrotomy. 
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contraction specifically correlates with branching regrowth rather than general growth promotion. 

 In summary, we observe that tertiary dendrotomies induce variable and reduced mitochondrial 

contraction compared to primary dendrotomies, and the presence of mitochondrial contraction is 

correlated with increased dendrite branching during the repair process. 

 

Hyperpolarization via KCNJ2 impairs mitochondrial contraction after primary dendrotomy 

 Electrical activity is a well-established regulator of dendrite patterning during development270. 

Fig. 6.4 Injury induced mitochondrial contraction is associated with dendrite branching. (G) Representative 

image of neuron architecture with contracting mitochondria before (left), during (middle), and 24 hr after (right) 

tertiary dendrotomy. Scale bar 25 μm, 5 μm, 50 μm. (H) Uninjured control neuron on the day of dendrotomy and 24 

hr after. Scale bar 25 μm, 50 μm. (I) Representative image of neuron architecture without contracting mitochondria 

before (left), during (middle), and 24 hr after (right) tertiary dendrotomy. Scale bar 25 μm, 5 μm, 50 μm. (J) Fold 

change in dendrite branching (Two-tailed Welch’s t test, p=0.0189*) and length (Two-tailed Welch’s t test, p=0.2549) 

from before injury to 24 hr after tertiary dendrotomy, in neurons with contracting (N=9) vs non-contracting 

mitochondria (N=12) normalized to uninjured control. 
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Previous work has shown that hyperpolarizing the resting membrane potential by overexpressing 

KCNJ2 (potassium inwardly rectifying channel subfamily J member 2) inhibits dendrite 

regeneration11, partly by blocking calcium-mediated injury detection12. Overexpression of KCNJ2 

is a widely used tool to inhibit action potential firing in Drosophila neurons271–275. We postulated 

that injury-induced mitochondrial contraction requires normal neuronal membrane potential. 

 To test whether membrane hyperpolarization affects mitochondrial contraction, we live-

imaged mitochondria during primary dendrotomies in wildtype and KCNJ2-expressing neurons. 

We chose primary dendrotomies for this analysis because they elicit more consistent contraction 

responses than tertiary dendrotomies (Fig. 7.1A). We first confirmed that KCNJ2 expression does 

not alter baseline mitochondrial morphology, as previous studies have shown that expressing 

KCNJ2 can increase mitochondrial length153. Prior to dendrotomy, mitochondria in KCNJ2 

neurons showed normal distributions of tubular and spherical morphologies, similar to wildtype 

controls (Fig. 7.2B, 7.2C, Two-tailed Mann-Whitney U test, p=0.4872). 

 Following primary dendrotomy, KCNJ2 overexpression significantly inhibited mitochondrial 

contraction in the intact dendrite compared to wildtype neurons (Fig. 7.2D; Movie S14). We 

Fig. 7.1 Schematic of injury paradigm for KCNJ2 experiments (A) Schematic of primary dendrotomy. Live images 

were acquired for 200 frames and neurons were injured between frame 1 and frame 20. 
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quantified this shape change where higher values indicate more spherical (contracted) 

mitochondria. KCNJ2-expressing neurons showed an insignificant change in mitochondrial 

morphology before and after injury, compared to wildtype controls (Fig. 7.2E, One-way ANOVA, 

Bonferroni Corrected, wildtype before vs wildtype after, p<0.0001****; KCNJ2 before vs KCNJ2 

after, p=0.0656). To directly compare between genotypes, we observed that the fold change in 

mitochondrial area was significantly more in wildtype neurons compared to KCNJ2 expressing 

animals (Fig. 7.2F, Two-tailed Mann-Whitney U test, p<0.0001****). However, KCNJ2 

expression did not completely abolish contraction responses, as some mitochondria still showed 

morphological changes. 

 To better understand how KCNJ2 affects the spatial pattern of mitochondrial contraction, we 

analyzed contraction responses as a function of distance from the dendrotomy site. Even for 

Fig. 7.2 KCNJ2 inhibits injury induced mitochondrial contraction. (B) Schematic of injury-induced mitochondrial 

contraction associated with neuronal depolarization. (C) Mitochondrial length before dendrotomy in wildtype vs 

KCNJ2-overexpressing neurons (Two-tailed Mann-Whitney U test, p=0.4872). (D) Representative images of neurons 

before (top) and after (bottom) dendrotomy (red arrow). Scale bar 5 μm. (E) Mitochondrial shape before and after 

primary dendrotomy in wildtype and KCNJ2 neurons (One-way ANOVA, Bonferroni corrected, wildtype before vs 

wildtype after, p<0.0001****; KCNJ2 before vs KCNJ2 after, p=0.0656). (F) Fold change in mitochondria area in 

wildtype vs KCNJ2 expressing neurons after primary dendrotomy (Two-tailed Mann-Whitney U test, p<0.0001****). 
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mitochondria immediately 

adjacent to the dendrotomy site, 

KCNJ2 expression increased the 

duration of mitochondrial 

contraction, suggesting that 

membrane hyperpolarization 

affects the kinetics in addition to 

the probability of contraction (Fig. 

7.3A; Movie S15). 

 We extended our analysis to tertiary dendrotomies, which provide variable contraction 

responses that allow for the assessment of the relationship between contraction and repair 

outcomes (Fig. 4G). During live imaging, we observed that injury-induced mitochondrial 

contraction occurred stochastically in both wildtype and KCNJ2-expressing neurons.  

 To determine whether KCNJ2 affects the relationship between mitochondrial contraction and 

dendrite repair, we tracked the dendrite arbor before and 24 hr after tertiary dendrotomy. In both 

wildtype and KCNJ2-expressing neurons, we observed that neurons without contracting 

mitochondria showed no significant increase in branching rate (Fig. 7.4H, Two-tailed Welch’s t 

test, p=0.2103) compared to their uninjured counterparts. In contrast, when mitochondria 

contracted immediately after injury, both wildtype and KCNJ2-expressing neurons had increased 

dendrite branching (Fig. 7.4H, Two-tailed Welch’s t test, p<0.9225). This suggests that the 

relationship between mitochondrial contraction and enhanced branching is preserved, even when 

membrane potential is altered. 

Fig. 7.3. KCNJ2 inhibits and prolongs mitochondrial contraction. (A) 

Mitochondrial contraction duration in relation to distance from injury 

site in KCNJ2 neuron after primary dendrotomy. 
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 Lastly, KCNJ2 expression significantly reduced the frequency of injury-induced mitochondrial 

contraction after tertiary dendrotomy. We observed contraction in only 17.9% of the KCNJ2-

expressing neurons (7/39), compared to 33% of wildtype neurons (12/36) (Fig. 7.2I; Movie S16 

and Movie S17). This reduction in contraction frequency demonstrates that membrane 

hyperpolarization impairs the cellular response to injury. 

 In summary, we find that KNCJ2 overexpression significantly impairs both the frequency and 

kinetics of injury-induced mitochondrial contraction, albeit preserving the correlation between 

contraction and enhanced dendrite branching. These findings suggest that normal neuronal activity 

is required for optimal mitochondrial responses to injury. 

 

Complete injury-induced mitochondrial contraction requires Drp1 activity 

Fig. 7.4 Presence of contraction in KCNJ2 is sufficient for injury-induced dendrite branching. (G) 

Representative image of neuronal architecture of wildtype vs KCNJ2 expressing neurons before and 24 hr after injury 

in the presence of mitochondrial contraction (top row) vs absence (bottom row). Scale bar 25 μm, 40 μm. (H) Fold 

change in dendrite branching for neurons without contracting mitochondria (top; wildtype, N=16 vs KCNJ2, N=16, 

Two-tailed Welch’s t test, p=0.2103) and neurons with contracting mitochondria (bottom; wildtype, N=7 vs KCNJ2, 

N=7, Two-tailed Welch’s t test, p=0.9225) neurons after tertiary dendrotomy. (I) Percent of neurons that exhibited 

injury-induced mitochondrial contraction in wildtype (N=12 contracting, N=24 non-contracting) vs KCNJ2 (N=7 

contracting, N=32 non- contracting) after tertiary dendrotomy. 
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 Previous studies have shown that injury-induced mitochondrial fragmentation is regulated 

through Drp1 (Dynamin related protein 1)95,220,221,227,228. Given that Drp1 is the primary mediator 

of mitochondrial fission, we hypothesized that injury-induced mitochondrial contraction might 

also require Drp1 activity, despite the apparent contradiction between the “contraction” we observe 

and fission-mediated processes. 

 To test the role of Drp1 in mitochondrial contraction, we conducted distal primary 

dendrotomies in neurons expressing a GTPase-dead allele of Drp1 (Drp1.K38A), containing a 

single amino acid residue substitution in the G1 motif in the GTPase domain63. As expected, 

Drp1.K38A-expressing neurons displayed dramatically altered baseline mitochondrial 

morphology, with hyperfused mitochondria forming a single, continuous elongated mitochondria 

(Fig. 8.1A and 8.1B). This contrasts with the mixed tubular and spherical mitochondria observed 

in wildtype neurons. 

 Immediately after distal primary dendrotomy, wildtype neurons showed the characteristic 

rapid and complete mitochondrial contraction we observed previously. In stark contrast, 

mitochondria in Drp1.K38A-expressing neurons failed to undergo complete morphological 

changes after injury (Movie S18). While some morphological alterations were observed, including 

Fig. 8.1 Injury location and hyperfused mitochondria in Drp1.K38A neurons. (A) Snapshot of wildtype vs 

Drp1.K38A neurons after distal primary dendrotomy (red arrow). Scale bar 5 μm. (B) Overview of mitochondrial 

network in wildtype vs Drp1.K38A expressing animals. Scale bar 5 μm. 
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slight retraction, the overall mitochondrial network remained hyperfused retaining their elongated 

tubular structure rather than contracting to the spherical shapes of which we observed in wildtype 

neurons. 

 We quantified this effect by counting the number of tubular and spherical mitochondria before 

and after injury. Drp1.K38A expression significantly inhibited the injury-induced contraction 

compared to wildtype controls (Fig. 8.2C) even when mitochondria were located within the range 

of contraction displayed by wildtype neurons (Fig. 8.2D, Two-tailed Mann-Whitney U test, 

p=0.2400). This finding suggests that while we term this process “contraction”, it mechanistically 

Fig. 8.2 Injury induced mitochondrial contraction and branching requires Drp1. (C) Quantification of total 

number of tubular and spherical mitochondria before and after dendrotomy (One-way ANOVA, Bonferroni corrected, 

wildtype before tubular vs wildtype after tubular, p<0.0001****; wildtype before punctate vs wildtype after punctate, 

p<0.0001****). (D) Mitochondrial distance from injury site in wildtype vs Drp1.K38A neurons (Two-tailed Mann-

Whitney U test, p=0.2400). (E) Overview of neuronal architecture before (top), immediately after (middle), and 24hr 

after (bottom) primary distal dendrotomy in wildtype vs Drp1.K38A expressing neurons. (F) Fold change in dendrite 

branching in wildtype (N=14) vs Drp1.K38A (N=14) neurons after distal primary dendrotomy (Two-tailed Welch’s t 

test, p=0.0393*) (G) Graphical representation of inhibited mitochondrial contraction associated with Drp1.K38A 

overexpression. 
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requires the fission machinery typically associated with Drp1-mediated, injury-induced 

mitochondrial fragmentation. 

 Since Drp1.K38A expression inhibited injury-induced mitochondrial contraction, we assessed 

whether this allele would also affect injury-induced branching. We imaged dendrite arbors before 

injury, conducted primary dendrotomies, and reimaged the injured neuron 24 hr later (Fig. 8.2E). 

Compared to wildtype neurons, which showed increased dendrite branching after primary 

dendrotomy, Drp1.K38A-expressing neurons failed to show enhanced dendrite branching, 

compared to their uninjured controls (Fig. 8.2F, Two-tailed Welch’s t test, p=0.0393*). This 

correlation between impaired mitochondrial morphological changes and reduced branching 

responses supports a potential functional relationship between these processes. 

 In summary, injury-induced mitochondrial changes require Drp1 (Fig. 8.2G), and impaired 

mitochondrial responses correlate with reduced dendrite branching after injury. 

 Previous research has shown that mitochondrial transport facilitates axon regeneration6–8. We 

next asked if there were differences in mitochondrial distribution in the regenerated dendrite 

architecture. To do this, we positioned the cell body of an uninjured neuron, a neuron with one 

dendrite removed, and a neuron with all if its dendrites removed. We quantified the mitochondrial 

area based on the dendrite branching order (Fig. 9.0A) at 24, 48, and 72 hr after injury to gain 

insight into the mitochondrial distribution. In uninjured neurons, mitochondrial area is most 

abundant in 1˚ order dendrites, followed by 2˚, and lastly 3˚ (Fig. 9.0B-E). Despite imaging the 

same neuron and field of view we never detected mitochondrial positioning identical to their 

previous imaging time points. Next, we examined the mitochondrial distribution of neurons after 

we transected a single dendrite. Interestingly, we found that mitochondria were distributed across 

the dendrite architecture similar to the distribution we observed in the uninjured neuron (Fig. 9.0F-
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I). This observation was surprising because single branch injury is known to significantly 

upregulate dendrite branching in the remaining uninjured dendrites. Lastly, we removed all the 

dendrites of a single neuron. At 24 hr after injury we observed that mitochondrial distribution 

Fig. 9.0 Changes in mitochondrial distribution. (A) diagram of dendrite branching order based on mitochondrial 

area quantification. (B-E) distribution of mitochondria in uninjured neuron across 24, 48, 72hr after. (F-I) 

Distribution of mitochondria area after SBI. (J-M) Distribution of mitochondrial area after removal of all dendrites. 

Uninjured, N=25; single branch injury, N=18; all branches injured N=10. One-way ANOVA Bonferroni corrected. 
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remained evenly distributed across 1˚, 2˚, and 3˚ order dendrite branches (Fig. 9.0J-M). At 48 and 

72hr after regeneration we began observing a shift in dendrite distribution. In the uninjured neuron 

and after single branch injury, mitochondria are primarily distributed into 1˚ then 2˚ order 

dendrites. However, we observed that removing all dendrites of a given neuron causes preferential 

mitochondrial distribution into >3˚ branches (Fig 9.0K). 

 Interestingly, even though single branch dendrotomy is known to induce a significant amount 

of dendrite branching in preserved dendrites, there was no shift in mitochondrial distribution. 

These data that mitochondrial distribution is consistent in uninjured and single branch injured 

neurons suggests that mitochondrial trafficking is not the primary driver of injury induced 

dendrite branching. 

 

Discussion 

 While the role of mitochondrial injury signaling and repair is well established across many cell 

types, their specific function in neuronal injury signaling and repair has yet to be elucidated, 

specifically in dendrites. Using our model organism’s capacity for longitudinal imaging, we 

monitored how mitochondria respond in real-time during dendrotomy (dendrite injury) and tracked 

the same neurons through the repair process. Our findings reveal several key insights into the 

spatiotemporal dynamics of injury-induced changes in mitochondrial morphology and their 

relationship with dendrite repair following dendrotomy. 

 First, mitochondrial contraction follows predictable spatial rules that differ between intact and 

severed dendrite segments. In the proximal intact dendrite, both the timing and duration of 

mitochondrial contraction depend on distance from the dendrotomy site, with closer mitochondria 

responding more rapidly and completely. In contrast, within the severed dendrite segment, only 
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the initiation of contraction is distance dependent. These distinct patterns suggest that different 

mechanisms may operate in intact versus severed dendrite branches, possibly reflecting differences 

in calcium dynamics, ATP availability, membrane potential, or other injury-related signals. 

 We demonstrate that different types of dendrite injuries elicit proportional mitochondrial 

responses. Primary dendrotomies, which sever major dendrite branches, consistently induce robust 

and rapid mitochondrial contraction. Tertiary dendrotomies which affect smaller branches produce 

variable and delayed contraction responses. At equivalent distances from the injury site, a tertiary 

dendrotomy produces a delayed time to full contraction. Interestingly, injury-induced 

mitochondrial contraction seemed to be an irreversible response (Movie S19), even when we 

increased the imaging duration (~30mins post injury, although mitochondria bleached at ~15mins 

of continuous imaging). Since changes in mitochondrial morphology is known to affect 

mitochondrial distribution (i.e. dense and punctate vs sparse and tubular113,157,276), one speculative 

explanation is that injury-induced mitochondrial contraction preserves mitochondrial integrity, 

preventing the apoptotic signaling cascade277. 

 Our KCNJ2 experiments demonstrate that inhibiting membrane depolarization significantly 

impairs injury-induced mitochondrial contraction. This finding connects mitochondrial injury 

responses to membrane potential and suggests that voltage-dependent processes, potentially those 

involving calcium signaling, are required for robust mitochondrial morphological changes. Even 

when mitochondrial contraction was suppressed by expression of KCNJ2, the escaper neurons that 

did show contraction still exhibited enhanced dendritic branching, indicating that the relationship 

between mitochondrial morphological changes and repair outcomes is preserved. This supports 

the hypothesis that depolarization is important for mitochondrial contraction, and that 

mitochondrial contraction then serves as a component of repair activation. Future studies could 
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test whether reducing KCNJ2 activity enhances mitochondrial contraction and examine how 

enhanced contraction affects dendrite repair outcomes. 

 To better understand if the mitochondrial fission machinery was involved in injury induced 

mitochondrial contraction, we overexpressed a dominant negative version of Drp1 (Drp1.K38A). 

Surprisingly, we observed that the GTPase dead allele of Drp1 significantly prevented 

mitochondria from contracting completely after injury. Moreover, inhibiting injury-induced 

mitochondrial contraction abrogated the increased dendrite branching observed in wildtype 

counterparts. Our findings are supported by previous studies demonstrating that injury induces 

immediate changes in mitochondrial morphology in the epidermis, MEFs, HeLa, HEK293t, 

c2c1221,97,225,278,279. The dramatic baseline alterations in mitochondrial morphology caused by 

Drp1.K38A expression should be kept in mind when determining specific effects on injury 

responses versus general mitochondrial dysfunction. The precise relationship between fission and 

contraction, both of which require Drp1, requires further study. Several mechanisms could mediate 

injury-induced mitochondrial morphological changes, including loss of mitochondrial membrane 

potential, opening of the mitochondrial permeability transition pore as suggested by previous 

studies, inhibition of mitochondrial fusion machinery, or activation of fission machinery through 

post-translational modifications. Future studies should systematically test these possibilities using 

targeted pharmacological and genetic approaches, especially inducible or conditional Drp1 

inhibition. Together our findings suggest that mitochondrial contraction may act as a critical 

trigger for dendrites to initiate repair and not a byproduct of injury. Drp1 may be required for the 

dynamic restructuring of mitochondrial networks that enables morphological plasticity in response 

to injury signals. 

 Cellular repair is strongly influenced by the magnitude of injury: severe damage often leads to 
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cell death, whereas milder injuries can elicit adaptive responses. In this study, we observed that 

mitochondria undergo immediate contraction following dendrotomy, and the extent of this 

contraction scales with injury severity (primary vs. tertiary dendrotomy). Our findings are 

consistent with previous work in live mouse axons, where electrical nerve stimulation and, more 

severely, axotomy, induced distance-dependent mitochondrial contraction230. We built upon this 

established framework by tracking individual neuronal responses and the consequences of dendrite 

repair. Future studies could build upon our findings to determine whether mitochondrial 

contraction serves as a direct trigger for regenerative programs or reflects a broader cellular 

adaptation to injury. 

 The terminology used to describe injury-induced mitochondrial morphological changes has 

varied across studies, reflecting both the complexity of these processes and differences in 

experimental approaches. We chose the term “mitochondrial contraction” based on our 

observation of reduced mitochondrial length and increased circularity without an obligate increase 

in mitochondrial number. This distinguishes our observations from classical mitochondrial fission, 

which results in an increase in mitochondrial number, or from mitochondrial swelling, which 

involves increased mitochondrial volume. The requirement for Drp1, a fission protein, in our 

contraction process suggests that these morphological changes involve more complex remodeling 

than simple physical contraction. The diversity in terminology, also including fragmentation or 

rounding, likely reflects the fact that injury-induced mitochondrial responses involve coordinated 

changes in both fission and fusion machinery, resulting in morphological changes that do not 

neatly fit into traditional categories. Future studies will be required for a more precise 

understanding of the relationship between these processes. 

 Although the structural changes in mitochondrial morphology (i.e. rounding, shortening, 
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swelling, fragmentation, contraction) following disruptions in cell homeostasis21,224,228,280–282 are 

well established, the mechanisms governing these responses are only partially understood. In 

neurons, the fact that mitochondria contract in both the axon and dendrites highlights the conserved 

nature of injury-induced mitochondrial remodeling228. Our findings that KCNJ2 or Drp1.K38A 

both suppress injury-induced mitochondrial contraction provides insight into previous literature; 

previous reports have shown that expressing KCNJ2283 or Drp1.K38A284 prevents cell death after 

injury. Whether KCNJ2 is involved in regulating injury-induced changes in mitochondrial 

morphology has yet to be elucidated until now. Future studies should determine whether KCNJ2 

and the Drp1 converge on a single molecular pathway or diverge. 

 The correlation between mitochondrial contraction and enhanced dendrite branching across 

multiple experimental conditions suggests a functional relationship between these processes. 

Several mechanisms could explain this relationship. Mitochondrial morphological changes may 

alter local ATP production or calcium buffering, creating metabolic conditions that favor growth. 

Contracted mitochondria may produce different levels of reactive oxygen species, which can serve 

as signaling molecules for repair programs. Mitochondrial morphological changes may affect the 

subcellular distribution of mitochondria, concentrating metabolic resources near repair sites. Even 

though the function of Drp1 is well studied, it remains puzzling how its removal can both promote 

cell survival228,278,285 and inhibit regeneration7,21,95. The process of mitochondrial remodeling itself 

may activate signaling cascades that promote repair. 

 Downstream of morphological changes in mitochondria are mtROS (mitochondrial reactive 

oxygen species). Previous studies have shown that mtROS become upregulated in response to cell 

injury across various tissues9,97,98,253,286,287. Similarly, mtROS is upregulated as a consequence of 

neuronal activity153,288 caused by spreading depolarization230,289. Lastly, axotomy induced 
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mitochondrial contraction has been shown to stimulate mtROS production230. Whether mtROS 

functions downstream of mitochondrial contraction after dendrotomy and potentially a primary 

driver of dendrite repair remains an open question. Whether injury-induced mitochondrial 

contraction is directly linked to the repair process requires further investigation. 

 Collectively our findings contribute to a growing understanding of mitochondria as dynamic 

signaling organelles that respond to and coordinate cellular stress responses. We describe injury-

induced changes in mitochondrial morphology which scales with injury severity and proximity, 

requires normal membrane potential and mitochondrial fission machinery, and correlates with 

enhanced dendrite branching after injury. These findings highlight an intricate relationship 

between mitochondrial dynamics and dendrite repair, emphasizing mitochondrial contraction as a 

potential mediator of injury-induced repair and the need for further investigation into the molecular 

mechanisms that govern this process.  
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Chapter 4 

Structural and Functional Plasticity 

Introduction 

 Public health organizations estimated that the annual cost of neurological disorders (consisting 

of 21 brain related disorders) costs approximately ~1.13 trillion dollars globally in 2019 and has 

since then projected to increase by 3.3-3.5% annually (citation). 

 Neuronal development, on a structural level, is a tightly regulated process orchestrated by a 

balance between neurite extension, retraction, and stabilization. Long range neurite guidance is 

facilitated through robust regulators like chemo-attractant and -repellent cues. These chemotactic 

cues ensure that neurites can accurately transverse long distances (teneurin, leukokinin, netrins) 

while simultaneously being repelled from improper partners290–293. In addition to these robust 

regulators, transcription factors and neuronal activity permit the extension and retraction of 

neurites to further refine the neuron’s architecture in development. However, neuronal plasticity 

is not uniform across the organism’s lifespan. In early stages of development, neurons are highly 

dynamic. For example, in the immature frog optic tectum, dendrites rapidly remodel to refine 

circuits in development294. In the hippocampus of young mice, dendritic filopodia are abundant 
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and highly dynamic, serving as intermediates before becoming stabilized spines295. Structural 

dynamics shift in aging and the probability of spine stabilization increases, but overall structural 

remodeling is reduced296. Diminished structural dynamics correlates with age-related declines in 

learning and memory. Intriguingly, age-related memory defects can be rescued in aged mice by 

knocking out HDAC3 (Histone deacetylase 3), a negative regulator of gene expression297,298. These 

functional changes are accompanied by molecular mechanisms which specify neural fate during 

progenitor states to functional refinements of postmitotic entities. 

 One mechanism that regulates neuroplasticity is the ATP-dependent chromatin remodeling 

complex SWI/SNF (SWI/Sucrose Non-Fermentable), which controls development by regulating 

nucleosome positioning, DNA accessibility, and transcription. SWI/SNF was first identified in 

yeast, and its mammalian homolog BAF (BRG1/BRM-associated factor) has been crucial for 

identifying regulators of neuronal development and function. The mammalian BAF complex is 

composed of a ~15 submodules encoded by 29 genes consisting of a core base, ATP subunit, and 

ARP (actin related protein) adaptors299,300. Whilst the functions of each subunit have been widely 

conserved in evolution, many of these subunits have adapted additional functions, crucial for 

regulating cell homeostasis. For example, Arp7 and Arp9 (actin related proteins 7, -9) in yeast are 

homologous to mammalian Baf53a and Baf53b; however, the mammalian orthologs have likely 

evolved additional functions, as they are expressed exclusively in neurons and during different 

developmental stages. 

 Although Baf53a and Baf53b share nearly identical sequences, the variation in amino acids 

further confers functional specificity. In neural progenitors, Baf53a is expressed, but is substituted 

for Baf53b. This switch is mediated by miRNA-9 and -124 binding to the Baf53a transcript, 

inhibiting its translation, and lifting the repression of Baf53b. This molecular switch is necessary 
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and sufficient to convert human fibroblasts into neurons301–303. 

 The function of Baf53b is critical for activity dependent dendrite outgrowth, and its removal 

severely impairs dendrite outgrowth after neuronal stimulation304. More recently, neuronal activity 

has shown to stabilize the BAF complex, directly inducing its phosphorylation305. This activity-

dependent modulation links chromatin remodeling to activity-dependent plasticity, providing a 

framework for how neurons couple inputs with structural and functional changes at the molecular 

and cellular level. 

 Consistent with this epigenetic regulation, Baf53b itself is critical for regulating learning and 

memory. Loss of subdomain 2 in Baf53b (∆SB2, one of the domains that is not conserved in 

Baf53a) impairs long-term potentiation (LTP), a benchmark for learning and memory. Normally, 

LTP induces phosphorylation of the actin regulator cofilin, but this process is lost in ∆SB2 mutants. 

Furthermore, expression of a phosphomimetic cofilin restores both LTP and learning and memory 

in Baf53b mutant mice306. Another critical domain of Baf53b is the hydrophobic domain, which 

enables protein-protein interactions with other nBAF subunits and deletion of this domain acts as 

a dominant negative 307. These findings highlight the divergent mechanisms that regulate structural 

development and neuronal function providing evidence that the molecular switch is crucial for cell 

function. 

 The importance of the BAF subunits has been demonstrated across various model organisms. 

In Drosophila, the ortholog Bap55 (encodes for Baf53a, and -53b) is required for proper neuronal 

outgrowth. Loss of Bap55 results in abnormal dendrite patterning in class I multidendritic dendritic 

arborization (md-da) neurons and improper partner targeting in olfactory glomeruli308,309. 

Interestingly, the routing defects observed in Bap55 mutants can be rescued by overexpressing 

wildtype Bap55, or mammalian orthologs Baf53a or Baf53b. Notably, Baf53b provides a more 
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complete rescue, suggesting that these subunits confer distinct functional capacities in neuronal 

development. While drosophila only have one homolog of Baf53, one possible explanation is the 

divergent complexity in lower vs higher eukaryotes. 

 In Chapter 5, I will review experiments I conducted in an attempt to untangle how structural 

plasticity (dendrite regeneration, in flies) relates to functional plasticity (learning and memory, in 

mice). To do this, I overexpressed functional learning and memory genes and assessed dendrite 

regeneration. The rationale for using this pipeline is based on the premise that neuronal structure 

and function are highly linked, and functional remodeling of dendrites and synapses is similar to 

the structural remodeling during dendrite regeneration. I tested how ApoE4 (apolipoprotein E, 

gene associated with increased risk of developing Alzheimer’s disease) overexpression affected 

dendrite regeneration. The rationale for testing ApoE4 is that Alzheimer’s disease is associated 

structural and functional impairments, and that these structural impairments can be recapitulated 

during dendrite regeneration in flies. Furthermore, I tracked and characterized dendrite 

development and regeneration using in vivo time lapse imaging. The rationale for tracking dendrite 

regeneration and development is based on the fact the fact that dendrites regrow with self-crossing 

defects and by observing the growth process, we can identify when/which processes become awry. 

Lastly, I tested dendrite regeneration in flies overexpressing various components of the Baf 

complex. The rationale for testing Baf is based on the premise that the Baf subunits (specifically 

Baf53b) is required for learning and memory in mice (functional plasticity), and that its 

overexpression would increase structural remodeling during dendrite regeneration. 

 

Results 

Investigating dendrite regeneration in genes involved in learning and memory in mice 
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 HDACs (known as histone deacetylases) are a group of enzymes that control gene expression 

on the DNA level, by removing acetyl groups located on histones, causing chromatin compaction, 

and physically reducing accessibility of pol II to initiate transcription. HDAC3 has been shown to 

be a negative regulator of learning and memory, and its knockout rescues age-related learning 

impairments in mice298. We tested how overexpression of the dominant negative allele or wildtype 

Fig. 10.1 Exploring how genes involved in learning and memory affect dendrite regeneration. (A-B) 

Quantification of total (A) dendrite length and (B) total branch tips uninjured neurons. (C-D) Quantification of total 

(C) dendrite length (CantonS vs HDAC3.H140A, p=0.0331*) and (D) total branch tips injured neurons. All 

comparisons above are. One-way ANOVA, Bonferroni corrected. (E-H) Uninjured neurons (E) wildtype (F) UAS-

HDAC3.H140A (G) UAS-HDAC3.OE (H) UAS-ApoE4 neurons 72hr after egg lay + 72hr after injury. (I-M) Balded 

neurons (I) wildtype (J) UAS-HDAC3.H140A (K) UAS-HDAC3.OE (L) UAS-ApoE4 (M) HDAC6.KO neurons 72hr 

after egg lay + 72hr after injury. wildtype N=61, HDAC3.H140A N=18, HDAC3.OE N=8, PKC∆RNAi N=9, ApoE4 

N=21, HDAC6.KO N=12, Baf53b N=12 
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HDAC3 affected dendrite regeneration (Fig. 10.1F, J; G, K). HDAC6 interacts with microtubule 

proteins and is the main α-tubulin deacetylase. Loss of HDAC6 has been shown to increase 

acetylated α-tubulin, which creates stable microtubules, and enhances axon310. Whether HDAC6 

exerts similar effects in dendrite regeneration has not been investigated until our work (Fig. 

10.1M). Another gene we investigated was ApoE (Apoliprotein ε), which encodes for the lipid 

specific transporter important for regulating cholesterol metabolism. Primate specific isoforms of 

ApoE emerged through evolution and is known to decrease (ApoE2) and increase (ApoE4) the risk 

of developing Alzheimer’s disease. To better understand how ApoE4, the disease-risk human 

specific isoform, affects structural plasticity under stress, we tested dendrite regeneration in 

animals expressing this isoform (Fig. 10.1 H, L). Despite how all the genes we tested were 

associated with learning and memory, their overexpression did not impact developmental 

patterning of dendrites measured by total dendrite length and branch tips (Fig. 10.1A, B). 

Unexpectedly, HDAC3.H140A overexpression impaired the total dendrite length regenerated but 

not branch tips (Fig. 10.1C, D). 

Fig. 10.2 HDAC3.H140 does not inhibit dendrite regeneration in neurons with an actin rich cytoskeleton. (N-

O) Uninjured (N) Wildtype (O) HDAC3.H140A neurons 72hr AEL + 72hr after injury (P-Q) Injured (P) Wildtype 

(Q) HDAC3.H140A neurons 72hr AEL + 72hr after injury. (R) Total dendrite in wildtype vs H140A neurons in 

development (circles) vs injury (diamonds). One-way ANOVA, Bonferroni corrected. (S) Total dendrite branch tips 

separated by dendrite branching order (1˚–4˚ branching order from left to right). wildtype N=17, HDAC3.H140A 

N=10 
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 To determine if HDAC3.H140A impaired dendrite regeneration in a different class of neuron, 

whose dendrite branches are primarily actin based instead of microtubule based, we overexpressed 

this allele in class III ddaF neurons (Fig. 10.2N-Q). Interestingly, the impaired dendrite 

regeneration we initially observed in class I neurons was no longer present in class III neurons 

(Fig. 10.2R, S). These results suggest the loss of HDAC3 may inhibit microtubule-based growth 

mechanisms. 

 

Proof of concept: SWI/SNF subunits Baf53b enhances dendrite regeneration 

 Of the genes we tested, we predicted that 

overexpression of Baf53b would significantly 

enhance total dendrite length and total branch 

tips because of its well-established role in 

learning and memory306,311. Surprisingly, 

Baf53b overexpression did not increase total 

dendrite length or total branch tips in ddaE 

neurons (Fig. 10.1C, D; 10.3A, B). Notably, c1da neurons are highly stable and their dendrite 

architectures are fully developed by 18hr of AEL. Because of these unexpected results, we 

reasoned neuronal plasticity cannot be enabled per se, but requires neurons to have some degree 

of innate plasticity. To test this idea, we turned to c4da ddaC neurons, as these dendrite 

architectures are incredibly dynamic, constantly extending and retracting throughout the entirety 

of larval development. 

 

Baf53a, Baf53b, and Bap55 attenuate self-crossing defects in dendrite regeneration 

Fig. 10.3 Baf53b overexpression does not enhance 

dendrite regeneration in highly stable neurons. (A) 

wildtype neurons (B) Baf53b expressing neuron 72hr 

AEL + 72hr after injury 
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 To test the effects of the different Baf/Bap orthologs in repair we overexpressed Baf53a, 

Baf53b, or dBap55 in a cell type specific manner (Fig 11.0A-D). To our surprise, all Baf orthologs 

Fig. 11.0 Baf53a, Baf53b, and Bap55 ameliorate self-crossing in ddaC dendrite regeneration. (A-D) (A-D) 

Uninjured neurons 72hr AEL + 72hr after injury (A) wildtype (B)UAS-Baf53a (C) UAS-Baf53b (D) UAS-dBap55 

(A’-D’) Injured neurons 72hr AEL + 72hr after injury (A’) wildtype (B’) UAS-Baf53a (C’) UAS-Baf53b (D’) UAS-

dBap55 (B’’-D’’) Total dendrite length and (B’’’-D’’’) Total branch tips 72hr AEL + 72hr after injury (B’’-B’’’,b) 

Baf53a vs wildtype (C’’-C’’’,c) Baf53b vs wildtype (D’’-D’’’,d) dBap55 vs wildtype. Quantification of total dendrite 

length 72hr after injury. One-way ANOVA, Bonferroni corrected. (b-d) self-crossing defects per 1000μm. Mann-

Whitney U test. Baf53a N=16, WT=11; Baf53b N=26 WT=16, Bap55 N=18, W=14;  
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decreased total dendrite length during development, but only Baf53a and the drosophila ortholog 

dBap55 decreased the total branch tips during development. Surprisingly, dBap55 overexpression 

decreased the total dendrite length and total branch tips during dendrite regeneration (Fig. 11.0 

D’’-D’’’) while Baf53b overexpression decreased the total dendrite length (Fig. 11.0C’’-C’’’). 

Shockingly, Baf53a did not affect regenerative capacity compared to wildtype neurons (Fig. 

11.0B’’-B’’’). While all overexpression of any of the three orthologs had some effect on dendrite 

development (either total dendrite length or branch tips) they all ameliorated self-crossing defects 

that is typically abundant in wildtype regenerating neurons (Fig. 11.0 b-d). These findings provide 

novel insight in nucleosome remodeling during dendrite regeneration. Unsurprisingly, the 

developmental phenotype we observe in Baf53a expressing neurons is consistent with its role in 

mammalian development, where it is swapped for Baf53b in postmitotic neurons. My findings are 

consistent with Baf53a’s role in development, and its function in postmitotic neurons. Baf53a 

overexpression affects development but not regeneration, Baf53b overexpression affects 

development slightly, but exhibits pressure during dendrite regeneration (consistent with its role 

in postmitotic neurons), and lastly, because drosophila only have one ortholog of dBap55 

(functioning in pre- and postmitotic neurons), overexpression severely affects both development 

and regeneration. 

 

Dendrite extension and retraction is increased during regeneration 

 Neurons achieve their final architecture through branching on the dendrite shaft (known as 

interstitial branching) or by splitting at the tip of the dendrite (known as forking). Extension and 

retraction of dendrites critically governs the final architecture of the neuron and defects in 
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morphogens312–314 and cell adhesion molecules result in abnormal dendrite dynamics. 

Furthermore, dendrite regeneration is imperfect; when dendrites regrow their architectures, they 

Fig. 12.0 Time lapse imaging of dendrite during development and regeneration. (A-B) Time lapse imaging of 

72hr AEL + 24hr after injury of neurons acquired every minute (A) Uninjured (B) Injured (balded). (C) Maximal tip 

displacement between any given dendrite between each minute. (D) Total branch displacement during the imaging 

interval. (E) Total branch displacement in WT vs DSCAM neurons. One-way ANOVA, Bonferroni corrected. 
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have a significant amount of self-avoidance defects. Since dendrite patterning is achieved through 

extension and retraction, we performed time lapse imaging of neurons during development and 

regeneration (Fig. 11.0 A, B). Interestingly, we found that in damaged regenerating neurons, 

dendrites extend and retract more than uninjured neurons (Fig 11.0 D) and transverse greater 

distances when in motion (Fig. 11.0 C). These increased dynamics were especially evident in 

neurons that were permitted to grow in the absence of self-avoidance cues. Whether the increase 

in maximum tip displacement in regrowing dendrites resulted in a significant loss or increase in 

dendrite length begs further characterization of regenerating dendrites. Lastly, we conducted time 

lapse imaging of developing and regenerating Dscam1 (down syndrome cell adhesion molecule 1) 

neurons, because Dscam1 overexpression has been shown to ameliorate self-crossing defects in 

regenerating dendrites. Interestingly, when we examined the maximum distances moved in dscam1 

compared to wildtype neurons, we found that there were no significant differences in how much 

dendrites moved in total, but we did find a slightly, insignificant decrease in total tip displacement 

in the injured contacting condition, providing insight into how dscam1 may ameliorate self-

crossing defects in repair (Fig. 11.0 E). 

 

Neuronal scaffolding during regeneration 

 Some of the earliest work by Lugaro315 demonstrated the importance of extracellular cues in 

regulating axon repair. In the presence of a synaptic partner, axons have the innate ability to grow 

towards the severed axon. However, when the axon is physically obstructed from reinnervating its 

previous synaptic partner, axons are incapable of regeneration. Research in 1980 and 1981 showed 

that CNS axonal graft into the PNS increased regenerated axon diameter316 and length of 

regrowth317. An alternative approach to grafting neurons obtained from the CNS into the PNS is 
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to develop biocompatible implants that can mimic the effects of CNS grafts. 

 Biocompatible implants are a promising avenue which utilizes polymer meshes to deliver 

neurotrophic factors or electrically stimulate the endogenous tissue to trigger its release. These 

trophic factors are known to provide directional cues for cell growth318 and serve as physical 

scaffolds319. In the 2D surface neurites grow stochastically. However, in 3D nanogrids, neurites 

extend into the microgrooves and align their protrusions into physical channels320,321. Much of the 

field of biomedical engineering has focused on developing implantable conduits that release 

growth factors in a controlled manner to facilitate repair, in non-human primates322. In addition to 

secreted factors, biocompatible electrodes are a promising alternative. This alternative approach 

uses a nano mesh which houses a grid of tiny electrodes, capable of delivery electrical currents 

controlled by the user. These implantable electrodes stimulate currents which upregulate the 

release of endogenously expressed growth factors in the intact surrounding tissue 

microenvironment, thus facilitating repair323–326. While these implantable approaches have widely 

yielded positive results in animal models, a major obstacle is that biomedical implants are highly 

invasive, and repair is limited due to variability in trauma presented in the clinic. 

 One outstanding question in the field of neuronal regeneration at the single cell level is whether 

axon and/or dendrites regenerate independently of other preexisting structures. It has always been 

assumed that dendrites regenerate independently of one another; however, this question has yet to 

be addressed. Drosophila c3da and c4da dendrites highly overlap during development (Fig. 12.0 

A). Furthermore, c4da neurons are known to space fill empty territory in a non-redundant manner, 

which suggests that c4da neurons can sense dendritic territories occupied by other classes of md-

da265. To test whether dendrites regenerate independently of one another, we labeled class III and 

class IV neurons, and conducted various injuries. These conditions included: 1) ablating ddaC 
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(c4da) and balding (Fig. 12.0 B) (removing all dendrites) ddaF (c3da); 2) ablating ddaF and 

balding ddaC, (Fig. 12.0 C) and 3) preserving all dendrites of ddaC while balding ddaF (Fig. 12.0 

Fig. 13.0 ddaC and ddaF regeneration in the presence or absence of one another. (A) Uninjured ddaF and ddaC 

at 24 and 72hr after injury, taken at 96 and 144 hr AEL respectively. (B) ddaF injury + ddaC ablation. (C) ddaF 

ablation + ddaC injury. (D) ddaF injury + ddaC preservation. (E) time lapse imaging of D. (F) quantification of total 

ddaF dendrite length regenerated 72hr after injury. ddaC ablated N=13, ddaC spared N= 10 
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D). We also conducted time lapse imaging of ddaF regeneration in the presence of ddaC which 

revealed that ddaF indisputably grow along the path of ddaC dendrites (Fig. 12.0 E). However, we 

quantified ddaF regeneration in the presence or absence of ddaC, to better understand if preexisting 

ddaC dendrites influenced ddaF dendrite regeneration but failed to find any significant differences 

(Fig 12.0 F). Future studies should further investigate the mechanism governing biased growth of 

ddaF onto ddaC during regeneration as we were unable to elegantly quantify this phenotype. 

 

Discussion 

 Dendrites have a remarkable ability to regenerate new dendrites, albeit imperfectly. In an 

attempt to dissect the mechanism(s) governing imperfect regeneration, pathways and better 

understand the systems that go awry during repair we conducted in-vivo time lapse imaging of 

dendrite dynamics during repair, comparing them to dendrite development, finding that regrowing 

dendrites move more, and transverse larger distances when in motion. My interpretation of this 

data is that the mechanism(s) that govern dendrite development and regeneration are distinctly 

different, because of the fact there is/are mechanism(s) that regulate dendrite dynamics differently, 

distinct from development, because the fact that they are much more dynamic suggests that 

something else is being activated or accentuated. Secondly, I tested genes involved in learning and 

memory, expressing critical genes that are required for functional plasticity thinking they would 

enhance structural plasticitiy which I could measure through measuring dendrite length and 

dendrite branch tips during regeneration. However, regeneration is much more complex than a 

binary increase/decrease in repair. It is not necessarily about how much a neuron can regenerate 

per se, but rather, if the regenerated architecture has the proper structural support to form proper 

synaptic partners (if the neuron forms pre and post synaptic connections) or if the dendritic territory 
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covers the proper receptive field. Although expressing Baf53a, Baf53b, or overexpressing Bap55 

did not increase the total dendrite length or branch tips, the regenerated architecture had a 

significant decrease in self-crossing defects, resembling an uninjured neuron at an earlier stage in 

development. Furthermore, we found that expressing Baf53a impairs dendrite development, 

consistent with its role in development. In contrast, we found that expressing Baf53b impairs 

development and significantly impairs dendrite regeneration, consistent with its role in post-

mitotic neurons. Moreover, the fact that Baf53b affected dendrite development suggests that 

Baf53b may have likely impaired endogenous Bap55 function. To reconcile these findings, I have 

a few explanations: 1) Baf53b showed a less severe phenotype than Baf53a in development, and 

2) Bap55 shows more sequence homology to Baf53b than to Baf53a. Lastly, we found that 

overexpressing Bap55 significantly decreased total dendrite length and branch tips during 

development and regeneration. One potential explanation for this finding is that endogenous Bap55 

are titrated to various levels during developmental checkpoints, while overexpression drives bap55 

beyond what is typically expressed. These results are consistent with Baf53a,-b role in neuronal 

development and neuronal plasticity. 

 Lastly, when we tracked dendrite regeneration in the presence of other dendrites, we found that 

dendrite length was not significantly affected. However, when we monitored dendrite regeneration 

in the presence of preexisting branches, dendrites indisputably regrew onto preexisting dendrites. 

These observations that dendrite regeneration no longer seemed stochastic in the presence of other 

dendrites suggests that dendrites can utilize endogenous signals of other dendrites to guide 

regrowth (data not quantified). Whether preexisting dendrites regulate the directionality of 

dendrite regeneration is imperative to determine, because it will further support the principle that 

neuronal injury must be attenuated immediately, to minimize damage and maximize repair. 
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 This chapter highlights some key findings that I explored throughout my graduate studies. 

Future studies could build upon this preliminary data by identifying whether expressing the various 

BAF complexes redirects dendrites as they encounter other dendrites originating from the same 

neuron through time lapse imaging. Furthermore, it could be informative to identify if BAF and 

DSCAM converge onto the same molecular pathways, or deviate in function, as both BAF and 

DSCAM overexpression could ameliorate self-crossing defects during dendrite regeneration. 

Lastly, whether dendrite regeneration is truly an independent process. Studies have shown 

enhanced neurite growth in 3D mesh scaffolds327 and in our studies we observed dendrite directly 

growing along existing intact dendrites using time lapse imaging, in vivo. Future studies could 

build upon these results by characterizing how dendrites behave in the presence of other neurons. 
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Chapter 5 

Interpretations, Outlook, and Advice 

Interpretations 

 Many neurological diseases are multifaceted. Our lifestyle choices have a lasting effect on our 

epigenome and alter the trajectory of disease predisposition. In this chapter I will cover 

interpretations of the data, my scientific perspectives, outlook for disease therapeutics, and my 

advice to graduate students. 

 It is increasingly apparent (to me) that the ambiguity in mitochondrial responses is likely 

caused by experimental models like various organisms, cell types, and stressors like hypoxia, 

dietary restriction. For example, injury induced changes in mitochondrial morphology requires 

Drp1. Preventing injury induced changes in mitochondrial morphology inhibits plasma membrane 

repair in Drp1.K38A mutants. In a different context, loss of injury induced changes in 

mitochondrial morphology via K38A increases cell survival. One way to reconcile the duality of 

Drp1 in repair and cell survival is that loss of Drp1 prevents cells from knowing they were injured, 

resulting in a delay in apoptosis; furthermore, if cells are unaware of injury, there is nothing to 

repair. 
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 The overwhelming evidence that mitochondrial morphology is abnormal in NDs 

(neurodegenerative diseases) suggests that mitochondrial dysfunction may be the underlying cause 

of neurodegeneration or accentuate disease. Even though mitochondria are primarily hyper 

fragmented in neurons of NDs their morphology can vary in other cell types276. Whether 

mitochondrial morphology in one tissue type influences the fusion/fission balance in other tissues 

remains to be directly investigated. Interestingly, stroke has been shown to expel astrocytic 

mitochondria into the extracellular environment, which is rapidly internalized by neurons328. If 

dysfunctional mitochondria are secreted from astrocytes and internalized by neurons, this may 

further propagate neuronal dysfunction. 

 The statement that mitochondrion is the “powerhouse” of the cell significantly undermines the 

importance of mitochondria in cell homeostasis. While mitochondria are primarily known for their 

critical role in generating ATP, they are crucial signal transducers; they store Ca2+ as a central 

currency and trade it for other ions to activate ion specific molecular cascades. This exchange is 

necessary for activating molecular pathways associated with various biological processes. In 

addition to ion-mediated cell signaling, mtROS further tunes signaling cascades, activating 

pathways involved in regulating cell survival and cell death. Mitochondria regulate their own 

organelle integrity, the accumulation of Drp1 (and its scission) ensures that the mitochondrial 

genome is healthy and dysfunctional mitochondria are targeted for degradation (mitophagy). Thus, 

when mechanisms regulating mitochondrial homeostasis become awry, cell function is 

jeopardized. 

 

Outlook for therapeutics 

 Many new efforts have been focused on mitochondrial transfer as a therapeutic. I too, think 
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this is a promising approach329,330. The idea behind mitochondrial transfer is that mitochondria 

homogenize with dysfunctional mitochondria through implantation (citation) or through natural 

occurring mechanisms (like secretion and uptake, or transfer between tunneling nano tubes) to 

restore mitochondrial homeostasis99,328. However, these studies are still in their infant stages and 

will require more thorough investigation, as mitochondrial transfer yields ambiguous results; 

sometimes disease pathology is attenuated331–333 while in others, its exacerbated334. 

 

Advice for PhD students 

 During my graduate career I was fortunate to receive amazing scientific and career advice from 

my mentors. These pieces of advice came from articles which were passed down by their own 

PhD/Post-doc mentors, from their own graduate experiences, and from my own experiences. 

 

Discipline 

 Early in your own graduate career, you may feel free to explore whatever you want, you will 

(should) read familiarize yourself with the literature in the field and begin identifying knowledge 

gaps and which bridges that need to be formed to move the field forward. If you are like me, you 

will be eager to conduct experiments to identify novel cool phenotypes. I easily found myself 

clocking 14-hour days, 7 days a week, and during those hours, I was productive (not performative 

productivity) doing data quantification, conducting experiments, and thinking critically about the 

results. The years became months, months became weeks, and before I knew it, I was looking for 

post-docs. I thought I was “disciplined” because I was a effectively (doing the right thing) efficient 

(doing things quickly and properly). But being “disciplined” is more than a “good work ethic” but 

being able to finish projects. To early scientists in the graduate career, if you lack scientific 
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direction here is my advice to you: every experiment you conduct needs to be proactively built 

into a figure. This way, you know what pieces of data you have, and you will be able to build your 

manuscript easily. If the data is not worth thinking about, it is not worth doing. Your graduate 

career is not about making a groundbreaking discovery, it is a training for you to demonstrate that 

you can materialize a publication out of data, and rationale. 

 

Experimental design 

 Being able to apply the scientific method is truly an art. Hypothesis are generated curiosities. 

There must be an obvious phenomenon, it should spark curiosity, form a hypothesis, make 

predictions, conduct experiments, interpret the data, and form and revise models. Spend time to 

observe the biology (or whichever discipline you enter), its truly beautiful and will give you an 

appreciation of academia. None of your committee members or mentors will tell you how to form 

a proper hypothesis. It took me until the end of my third year to learn state my ideas as a hypothesis, 

definitively. A proper hypothesis is not “I hypothesize that increasing sugar intake may cause 

changes in weight gain over 2 weeks”, although you have an independent and dependent variable, 

the results are not definitive and make interpretations hard. Instead, when you generate hypotheses, 

make a statement that is confident, that can be argued against. For example, “increasing sugar 

causes weight gain” this statement is disputable and should be supported by the data you present. 

 

Data interpretation 

 Instead of doing more experiments, spend more time interpreting the data and what it’s telling 

you about the phenomena you are studying. Phenomena are like jigsaw puzzles; they are simple 

in nature but complex in explanation. If you are proactively plan your experiments, assess 
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obstacles and limitations, and keep an open mind it will make writing your manuscript much easier. 

When doing a jigsaw puzzle, separating out pieces by shapes or color (proactively planning 

experiments), identify the subsection of puzzle that can be completed most efficiently (assessing 

obstacles) can make things much smoother. As you add in more pieces of the puzzle (collect more 

pieces of data), the puzzle becomes easier (your results will become more and more predictable). 

If you don’t proactively plan your experiments, your scientific narrative will take a detour, and 

subsequent experiments may become infested with one-offs. 

 Good hypothesis will renew every decade. And while hypothesis pass by, facts remain. This is 

because mechanisms of biology are complete, but our understanding is not. Interpret the data 

carefully and be open to multiple explanations. The data is always unintentional and informative, 

refine your hypothesis to build a model for your story. 
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APPENDIX A: 2-Photon-induced Neurodegeneration 

 One serendipitous discovery I came across while doing experiments was the ability to induce 

neurodegeneration in wildtype animals using the 2-Photon laser. I called this the 2PiND (2P-

induced neurodegeneration) which resulted in gradual neurodegeneration of the dendrite arbor. I 

was hoping to optimize this as a tool for screening, because it would have been a powerful tool to 

screen if genes could ameliorate 2PiND in the context of wildtype cells. 

  

Fig. 14.0 2PiND (2-Photon induced Neurodegeneration)  
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APPENDIX B: LCM tissue isolation for downstream genome sequencing 

 

 During my graduate career, I optimized tissue extraction for RNA sequencing. The flow of the 

experiments are described in (A-B) The big picture of this project was to injure neurons, extract 

Fig. 15.0 Zeiss PALM microbeam LCM (Laser Capture Microdissection) for RNA-sequencing 
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neurons as they were regrowing (24hr after injury), and conduct RNA sequencing on them. This 

involved first sandwiching larvae between a cover slip and slide embedded in Tissue-Tek O.C.T. 

(C), immediately snap freezing animals on dry ice (the animals between a coverslip and a slide 

(C), cryosectioning the samples (D-E). One of the largest obstacles of these experiments is being 

able to cryosection animals in the correct plane and identifying which neurons to extract. 

Regardless, I was able to optimize laser dissection parameters on the Zeiss PALM microbeam (F), 

and successful dissect (G-H) tissue out. I spent time optimizing turret ejection of the dissected cap 

(H, last panel). All that remained was the RNA extraction. Realistically, this method had many 

obstacles and although tissue extraction was feasible, RNA extraction was not (primarily because 

the duration to extract tissue took too much time. 

  



 

154 

 

APPENDIX C: Miro N-terminal GTPase domain and EF hands are required 

for dendrite development 

Fig. 16.0 Dendrite regeneration in T25N (N-terminal GTPase) or E234K + E354K miro overexpression 
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 One of the experiments I performed involved overexpressing various Miro SNP mutants. Miro, 

a key mitochondrial motor adaptor localized to the outer mitochondrial membrane (OMM), 

recruits TRAK proteins to mediate both dynein- and kinesin-dependent transport. We examined 

how loss of the N-terminal GTPase activity and disruption of the EF-hand calcium-binding 

domains affected dendrite development and regeneration. Interestingly, dendrite development was 

impaired in the EF-hand double mutants and the N-terminal GTPase mutants. Notably, the 

representative images shown were obtained using the genotype ppk-CD4-tdGFP; ppk >miro.SNP, 

which consistently exhibited this phenotype. However, when mitochondria were directly 

visualized in these mutants, the developmental defect was suppressed. I suspect this suppression 

occurred because the fluorescent tag was fused to the C-terminus of wildtype Miro, effectively 

resulting in co-overexpression of WT miro.mCherry alongside the Miro SNP mutants. Therefore, 

these experiments may have functionally overexpressed wildtype Miro in trans, thereby mitigating 

the mutant phenotype. Regardless, across control or regenerated, conditions across the various 

genotypes we failed to observe any effects. However, future studies should elucidate how these 

various mutants affected dendrite branching without the confounding variable. 
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APPENDIX D: Mitochondrial recovery after dendrotomy 

 

 One thing that we also tested was whether mitochondria recovered back to tubular structures 

Fig. 17.0 Mitochondrial dynamics + recovery 30mins after dendrotomy 
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after injury-induced contraction. To test this, we conducted larvaSPA and imaged mitochondria 

up to 30mins after injury. Interestingly, we never observed mitochondria recovering back to their 

baseline morphologies, even when they were still obviously visible (data not quantified). While 

mitochondria have been shown to recover their tubular morphologies following injury-induced 

contraction and transient contraction, we failed to observe this recovery. 
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APPENDIX E: Characterization of ddaE and ddaD branching order for 

computational simulations 

 In collaboration with the Mjolness Lab (Dept. of Computer Science), we have been working 

on developing accurate simulations of class I dendrite development. On our end, we have been 

Fig. 18.0 Features of class I dendrite development and in-vivo dynamics 
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providing their lab biological data such as branch tips of various branching orders for class I ddaD 

and ddaE to help generate more accurate simulations (A-J). We also conducted in vivo time lapse 

imaging of drosophila embryos using the class I driver (gal42-21) (K). To image drosophila embryos 

we deshelled drosophila embryos, placed them onto double-sided tape, and placed a drop of diH2O. 

We imaged directly through the water without using a cover slip, using an upright immersion 

scope. 
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APPENDIX F: Dendrotomy induces ER fragmentation and calcium influx 

 Mitochondrial-endoplasmic reticulum contact sites are known to regulate calcium exchange 

between mitochondria and ER. To better understand the cause of mitochondrial contraction, we 

simultaneously imaged ER calcium influx and mitochondria during dendrotomy. Under basal 

conditions, ER.GCaMP6 is not particularly bright or concentrated. Immediately after dendrotomy, 

ER fragment, accumulating calcium in a punctate manner. This injury-induced ER fragmentation 

Fig. 19.0 Dendrotomy induces ER fragmentation and calcium influx 
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originated at and propagated as a wave away from the injury site (similar to injury-induced 

mitochondrial contraction). Interestingly, I observed changes in ER calcium flux in the absence of 

mitochondrial contraction, suggesting that the contraction response is not due to changes in ER 

calcium levels. Additionally, I observed instances where ER fragmentation propagated farther than 

mitochondrial contraction. Since we know that injury induces cytosolic, mitochondrial, and ER 

calcium influx I have no definitive interpretation of these observations. However, there were 

instances where ER fragmentation propagated farther than mitochondrial contraction, which 

informs me that, the change in ER morphology and subsequently changes in MERCS is not the 

driver of injury-induced mitochondrial contraction. 
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